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Heterotrophic microbial communities play a central role in the marine carbon cycle. They are active in nearly all known
environments, from the surface to the deep ocean, in the sediments, and from the equator to the Poles. In order to process complex
organicmatter, these communities produce extracellular enzymes of the correct structural specificity to hydrolyze substrates to sizes
sufficiently small for uptake. Extracellular enzymatic hydrolysis thus initiates heterotrophic carbon cycling. Our knowledge of the
enzymatic capabilities of microbial communities in the ocean is still underdeveloped. Recent studies, however, suggest that there
may be large-scale patterns of enzymatic function in the ocean, patterns of community function that may be connected to emerging
patterns of microbial community composition. Here I review some of these large-scale contrasts in microbial enzyme activities,
between high-latitude and temperate surface ocean waters, contrasts between inshore and offshore waters, changes with depth
gradients in the ocean, and contrasts between the water column and underlying sediments. These contrasting patterns are set in
the context of recent studies of microbial communities and patterns of microbial biogeography. Focusing on microbial community
function as well as composition and potential should yield clearer understanding of the factors driving carbon cycling in the ocean.

1. Introduction

Organic matter remineralization by heterotrophic microbial
communities is a central component of the marine carbon
cycle. These communities process approximately half of all
CO
2
initially fixed into organic carbon by phytoplankton

[1], transforming, repackaging, and respiring dissolved and
particulate organic carbon (DOC and POC) and simulta-
neously regenerating nutrients. In benthic environments,
heterotrophic microbes act as the final filter through which
organic matter passes before burial, a process that removes
CO
2
from the atmosphere on geologic timescales [2]. The

activities of heterotrophic microbial communities therefore
affect marine environments on spatial scales from local to
global and on timescales from minutes to millennia.

Despite the importance of microbially driven carbon
cycling, the specific factors that determine the extent, rate,
and location of organic matter remineralization in the ocean

are poorly understood. For example, DOC, one of the largest
actively cycling organic carbon reservoirs on earth [3], is
operationally defined as being labile, semilabile, semire-
fractory, or refractory [4], based on timescales of removal
in bioassays or in the ocean [5]. Information about the
structural or compositional distinctions among these frac-
tions, however, is lacking [6]. In sediments, specific organic
molecules can be quantified chemically, yet they are resistant
to microbial remineralization on geologic timescales [7].
Conversely, much of the organic matter in the water col-
umn and sediments that defies chemical characterization is
respired by heterotrophic microbial communities [8, 9]. The
gap between our abilities to structurally characterize organic
matter and microbial communities’ abilities to transform
organic matter is one of the central puzzles of marine organic
chemistry [10].

In broad outline, however, the manner in which het-
erotrophic microbial communities cycle organic carbon is
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understood. For substrates, they rely on high molecular
weight macromolecules such as proteins, polysaccharides,
and lipid complexes produced by phytoplankton, which
constitute the base of the marine food web. The Bacteria and
Archaea (hereafter simply “prokaryotes”) encountering these
substrates must produce extracellular enzymes to hydrolyze
them to sizes sufficiently small (ca 700Da; [15]) for cellular
uptake. The activities and structural specificities of these
enzymes determine which substrates are hydrolyzed and
can be transported into the cell, transformed, excreted, and
respired and which substrates remain untouched and are
transported to other areas of the ocean or buried deeply in
sediments. The extracellular enzymes that initiate remineral-
ization therefore play a central role in determining the rate
and location of carbon cycling in the ocean.

The activities and structural specificities of extracellu-
lar enzymes control microbial access to carbon substrates;
understanding these factors requires knowledge of the capa-
bilities and function of microbial communities. Studies of
microbial communities, however, are hampered by the fact
that most marine microbes evade isolation in pure culture
[16], so their individual substrate preferences are unexplored.
Genetic and genomic investigations have enabled us to
overcome the “cultivation bias” to some extent, yielding new
perspectives on microbial community composition [17, 18]
and on the genetic potential of single cells [19–21]. Tran-
scriptomes have provided insight into broad patterns of genes
that are active in marine microbial communities [22, 23].
Particularly for carbon cycling, however, these studies still
leave major gaps, due to vast diversity of potential substrates
in the ocean and our limited abilities to identify specific
functional genes related to the processing of these substrates
[24]. Moreover, genetic and genomic investigations alone
cannot provide sufficient information, because the current
state of the art is not yet sufficiently developed.Marine organ-
isms and habitats are inadequately represented in databases
on enzyme structure and function [24], and our abilities
to correctly identify and annotate genes are still limited
[25]. These same factors limit current efforts to identify in
marine waters genes correlated with specific enzymes [26,
27]. In the field, identification of organisms that use specific
substrates [28] has advanced our knowledge considerably,
although the requirement for 14C or 3H labeling (and issues
of “cross-feeding” with extended incubation times) can limit
application of this approach. Deeper understanding of the
interactions among specific factors, actors, and parameters
controlling the transformations of high molecular weight
substrates that form the bulk of marine organic matter is
needed.

The importance of measuring enzyme activities in field
studies, however, has long been recognized. Pioneering work
used low molecular weight substrate proxies that fluoresced
upon substrate hydrolysis [29–31], a technique still com-
monly used today. These standard measurements of enzyme
activities among heterotrophic microbial communities typ-
ically use a few small substrate proxies (often MUF-𝛽-
glucose and leucine-MCA) to obtain data that frequently
are extrapolated to polysaccharide and protein hydrolyzing

enzymes in general [32–34]. These small substrate proxies
are useful for intercomparisons among sites and studies, but
they do not measure the activities of endo-acting enzymes
with which heterotrophic microbes cleave substrates mid-
chain, an essential step in hydrolysis of macromolecules [35,
36]. Moreover, the relationship between activities measured
with these proxies and the hydrolysis rates and substrate
specificities of enzymes that hydrolyze true polymers is often
weak [37].

In order to address some of these limitations, new
approaches to measure microbial enzyme activities in the
field have been developed over recent years. Most have used
oligo- and polymers (peptides as well as polysaccharides) of
varying structure in order to investigate enzyme structural
specificity and activity in the field [38, 39] (see also [40]
for a recent review). In brief, these investigations have
demonstrated that size alone does not necessarily limit the
rate of organic matter turnover in marine systems; larger
substrates can be metabolized as rapidly as their smaller
components [41, 42]. Substrate structure, however, clearly
makes a difference; substrates of similar size but different
composition are hydrolyzed at different rates in seawater
[43–48].

Microbial communities also matter; for example, some
substrates that are easily hydrolyzed in the oxygenated water
column in one location resist hydrolysis in another [13,
45]. Essential differences among microbial communities are
therefore often missed in a standard organic geochemical
perspective on organic matter degradation. Such a perspec-
tive in essence treats microbial communities as a “black
box”; carbon is processed, but the specifics are hidden.
From this perspective, organic matter quality is frequently
considered solely from a chemical perspective, defined, for
example, in terms of C/N ratio or molar ratios of specific
constituents [49, 50]. This perspective misses the point
that organic matter quality is not a constant that can be
defined meaningfully solely in chemical terms. To transform
and metabolize organic matter, members of a heterotrophic
microbial community must sense the presence of a sub-
strate and produce the correct extracellular enzyme(s) to
hydrolyze it to sizes suitable for uptake (Figure 1). Multiple
factors are then in play: substrate quantity, nature, and
accessibility and also microbial capabilities and the potential
to realize them under specific environmental conditions,
parameters that at this time are very difficult to measure
experimentally.

Recent investigations of microbial enzyme activities in
marine waters and sediments suggest that there are broad-
scale patterns to the microbial processing of high molecular
weight organic matter. Finding these patterns and pinpoint-
ing their underlying causes—opening the microbial “black
box”—will require deeper understanding of the complex
interactions between microbial communities and their sub-
strates. In the next section, some of the recent work suggest-
ing the existence of these broad patterns is reviewed, followed
by a discussion of factors and actors that may be driving
these patterns; an outlook for the future concludes this
review.



Advances in Oceanography 3

Extracellular enzymes

Extracellular enzymes

Microbial cell

Organic matter

Figure 1: Schematic depiction of organic matter degradation by a
microbial cell, which has produced endo-acting (mid-chain cleav-
ing) and exo-acting (terminal-unit cleaving) extracellular enzymes
to hydrolyze a high molecular weight substrate to sizes sufficiently
small to be taken into the cell. The dark patch on the cell surface
represents a microbial porin (channel for uptake of lower molecular
weight hydrolysis product).

2. Patterns of Extracellular Enzyme
Activities in the Ocean

2.1. Latitudinal Gradients in Activities of Hydrolytic Enzymes.
A major pattern emerged from a decade’s worth of data
on polysaccharide hydrolysis in surface ocean waters, mea-
surements of microbial enzyme activities obtained from
different sites at different times, over a wide range of loca-
tions. Summed hydrolysis rates for six structurally diverse
polysaccharides incubated in surface ocean waters from
the Atlantic, Pacific, Arctic, and Southern Oceans showed
a distinct latitudinal gradient, with the broadest spectrum
(greatest number) of substrates hydrolyzed as well as the
highest summed hydrolysis rates in temperate latitudes and a
systematic decrease in spectrum and summed rates towards
the poles (Figure 2 [13]). This latitudinal gradient extends
from stations at latitudes of 79∘N to 76∘S. The overall
pattern reflects environmental temperature, but this trend is
driven almost entirely by laminarin hydrolysis and by the
increase in the spectrum of substrates hydrolyzed at lower
latitudes. This result suggests that the ability of heterotrophic
microbial communities to hydrolyze specific soluble high
molecular weight substrates varies widely, and (in broad
outline) systematically, in the surface ocean. Organic matter
bioavailability thus depends not only on the chemically
defined structural features of substrates, but also on the
integrated capabilities of microbial communities.

A narrower spectrum of enzymatic capabilities among
high-latitude pelagic microbial communities may apply not
only for polysaccharides and phytoplankton substrates [51],
but also for a wider range of organic matter. In a fjord of
Svalbard, measurements of peptidase (using leucine-MCA,
plus two substrates each for trypsin and chymotrypsin),
glucosidase, and chitobiase activities in surface and bottom
waters also demonstrated differences between surface and
bottom waters [52]. Comparison of these and other data with
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Figure 2: Hydrolysis rates of six structurally distinct polysaccha-
rides in surface ocean waters of the Atlantic, Pacific, Arctic, and
Southern Oceans (pull = pullulan, lam = laminarin, xyl = xylan,
fu = fucoidan, ara = arabinogalactan, and chon = chondroitin
sulfate). Negative numbers = degrees S latitude. The range of
substrates hydrolyzed by heterotrophic microbial communities, as well
as summed rates of hydrolysis, varies systematically with latitude.
Only for laminarin is this variation well-correlated with in situ
temperature. Microbial community function varies in a systematic
manner, perhaps reflecting large-scale changes in microbial commu-
nity composition along latitudinal gradients and decreased community
diversity towards the poles [11, 12] (figure reprinted from [13]).

evidence from the literature [46, 47, 53] suggests that patterns
of peptide hydrolysis may differ between temperate and high-
latitude sites, potentially yielding a pattern similar to that
documented for polysaccharide hydrolysis.

These data suggest that surface water microbial commu-
nitiesmay differ fundamentally in their abilities to access high
molecular weight substrates, with high-latitude communities
able to hydrolyze a narrower range of substrates compared
to lower-latitude communities.This perspective differs some-
what from that of Kriss et al. [54] and Christian and Karl
[32], who suggested that the relative activities of proteases
and polysaccharide hydrolases change in opposite directions
with latitude, with protein hydrolysis rates increasing at high
latitude and carbohydrate hydrolysis rates increasing at lower
latitudes. Kriss et al.’s [54] data are based on enrichment and
characterization of isolated prokaryotes, not on an assess-
ment of entire microbial communities; Christian and Karl
[32] used substrate proxies that provide no information about
enzyme structural specificities.Themore recent data support
the hypothesis that the spectrum of substrates hydrolyzed by
protein- and polysaccharide-hydrolyzing enzymes changes in
the same direction with latitude; this is a novel hypothesis
about enzyme function at the whole-community level.

2.2. Onshore/Offshore Gradients in Enzyme Activities. Inves-
tigations of polysaccharide hydrolase activities also point at
fundamental differences between the spectrum of enzyme
activities in near-shore and offshore environments. Inves-
tigations in the Chesapeake Bay and at an offshore site
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[55], in the Delaware River/Bay and an offshore site [56],
and a comparison between inshore and offshore waters of
North Carolina [57] generally show a narrower spectrum of
substrates hydrolyzed offshore compared to inshore waters.
Moreover, hydrolysis rates of individual polysaccharides are
not correlated with bulk cell counts or with differences in
environmental temperature [57]. Extracellular enzyme activi-
ties in thewater column are thus not a simple function of bulk
community or environmental parameters. Microbiological,
genetic, and genomic investigations of individual microbes
demonstrate that specific microbes specialize in their car-
bohydrate and polysaccharide substrate preferences [36, 58–
62]; these data suggest that substrate specificity extends to
microbial communities as a whole.

2.3. Depth Gradients in Enzyme Activities. Studies of polysac-
charide hydrolase activities to date show substantial changes
in the spectrum of substrates hydrolyzed in surface and
subsurface waters [45, 57, 63], with a narrower spectrum of
substrates typically hydrolyzed at depth compared to surface
waters. The hydrolysis rates of individual polysaccharides,
however, do not systematically decrease with depth, temper-
ature, or cell counts, again suggesting a decoupling of enzyme
activities with bulk environmental andmicrobial parameters.
Investigations using MUF-𝛼- and 𝛽-glucose and leucine-
MCA to measure enzyme activities along depth profiles
extending to the deeper meso- and bathypelagic zones have
also found that enzyme activities calculated on a per-cell basis
are typically considerably higher at depth than in surface
ocean waters (as reviewed in [64]), a result that also suggests
depth-related differences in enzyme expression or activity.

These changes in enzyme spectrum with location and
depth are intriguing in light of the fact that the struc-
tural specificities of extracellular enzymes in most of the
ocean’s volume, especially the deeper mesopelagic and the
bathypelagic, are almost completely unknown. There are
comparatively few reports in the literature of enzyme activity
from the deeper meso- and bathypelagic zones (e.g., [34, 64–
67]); these studies used simple substrate proxies (MUF-𝛼-
and 𝛽-glucose and leucine-MCA).

Given large contributions of Archaea to total microbial
biomass at depths beyond 1000m [68], genomic stratification
between surface and deep waters [69], pressure-induced
differences in genetic expression [70], and evidence for
autotrophic processes in deep waters [71, 72], the commu-
nities targeting specific substrates may differ considerably in
surface and deep ocean waters. This idea is supported by
an investigation of glucose and EPS (extracellular polymeric
substance) uptake in surface and deep waters of the Mediter-
ranean Sea; in surface waters, most of the cells taking up
EPS were Bacteria, but the majority of cells taking up EPS
at a depth of 2000m were Archaea [73]. Boutrif et al. also
found that glucose assimilation decreased by several orders
of magnitude between surface waters and a depth of 2000m,
whereas EPS assimilation decreased only by ca. 35% over the
same depth interval. Differences in the metabolic capabilities
of surface and deep water communities are also indicated by
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Figure 3: Hydrolysis rates of seven polysaccharides and three
algal extracts in surface waters (blue bars, right axis) and surficial
sediments (red bars, left axis) of Smeerenburgfjord, Svalbard. (pull =
pullulan, ara = arabinogalactan, iso = Isochrysis extract, alg = alginic
acid, wak = wakame extract, lam = laminarin, fu = fucoidan, spir
= Spirulina extract, xyl = xylan, and chon = chondroitin sulfate).
All substrates were hydrolyzed in sediments, but only a subset was
hydrolyzed in the water column. Note that the water column and
sediment axes are offset by 3 orders of magnitude. Differences in
hydrolysis patterns cannot be explained by simple scaling factors, such
as differences in cell numbers. The enzymatic capabilities of these
sedimentary and seawater communities are different. Data replotted
from [14].

the degradation of semilabile DOC produced in the surface
ocean that is then degraded in the mesopelagic ocean [4, 74];
heterotrophic microbes at depth are capable of degrading
organic matter that resists removal in the surface ocean.
Mechanistic explanations for depth-stratified DOC removal
processes are currently lacking [6].

2.4. Contrasting Patterns in the Water Column and Sedi-
ments. One of the most striking patterns to emerge from
recent investigations of polysaccharide hydrolase activities
in marine systems is the contrast between the spectrum of
enzyme activities measurable in marine sediments relative
to the overlying water (Figure 3). At most of the locations
investigated to date, pelagic microbial communities exhibit
a limited range of enzyme activities, while their benthic
counterparts hydrolyze a much broader range of substrates
[14, 44, 51, 75]. Differences in the spectrum of substrates
hydrolyzed cannot be explained simply on the basis of dif-
ferences in cell abundance between benthic and pelagic envi-
ronments; applying a scaling factor to account for the typical
two- to three-order-of-magnitude difference in cell numbers
would not create overlapping patterns of enzyme activi-
ties, as shown in Figure 3. Seven polysaccharides and three
polysaccharide-containing plankton extracts were incubated
in surface waters and surficial sediments from an Arctic fjord
of Svalbard; all substrates were hydrolyzed in sediments, but
only 7 of the 10 substrates were hydrolyzed in surface waters
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[14]. The axes for sediments and seawater hydrolysis rates in
Figure 3 differ by 3 orders of magnitude, an approximation
also of the difference between cell counts in the water column
and typical surficial sediments. As shown in Figure 3, only
rates of laminarin hydrolysis would be comparable on a
per-cell basis in the water column and sediments of this
fjord. Hydrolysis rates of the other substrate do not scale
with cell numbers. Since only an unknown fraction of the
members of microbial communities possess the capabilities
to produce specific extracellular enzymes [76], this lack of
correlation is likely related to differences in the abundance
and activities of the subset of community members that do
produce specific polysaccharide hydrolases and potentially
also to the residence time of specific compounds in the water
column.

3. The Problem of Substrate Structure

Some of these observations—the broader spectrum of enz-
yme activities measurable in near-shore compared to off-
shore locations, for example—may be linked to the diversity
of natural substrates present in marine waters. Organic
matter (dissolved and particulate) could be derived from
terrestrial runoff, riverine inputs, and a wide range of both
autochthonous and allochthonous sources; such a broad
range of substrates, especially in near-shore waters, may
support heterotrophic microbial communities with a broad
range of enzymatic capabilities. Explicitly testing this idea
requires further advances in analytical chemistry in order to
desalt, isolate, and identify specific organic macromolecules
from a complex matrix. Although the activities of spe-
cific extracellular enzymes can be measured in seawater
and sediments, measuring the concentrations of their tar-
get substrates is not yet possible. The state of the art in
marine chemistry precludes at present direct measurement
of complex carbohydrates in a manner that yields sufficient
structural detail to determine the nature of the enzymes
that would be required for hydrolysis. Standard methods
to measure marine carbohydrates [77, 78] typically require
acid hydrolysis, which can provide accurate measurements
of selected monosaccharides or of total carbohydrates, but
not the information on monomer order or linkage positions.
Methods such as solid-state NMR can measure bulk carbo-
hydrates in a nondestructive manner [79] but cannot provide
the structural resolution required to determine enzyme “fit.”
Solution-state NMR can provide key information about
bond structural specificity and enzymatic hydrolysis (e.g.,
[80]), but only for highly purified substrates, something that
has not yet been achieved for organic matter from natural
environments.

4. Patterns in Microbial Communities

4.1. Microbial Community Composition and Function. The
data presented above are consistent with the overall hypoth-
esis that microbial community enzymatic function varies
in a (relatively) systematic manner because of microbial

biogeography. As discussed below, the relative influences
on community function of differences in gene expression
within communities versus differences in genetic potential
among compositionally distinct communities remain to be
ascertained. Given the diversity of enzymes produced by
microbial communities and the diversity of marine microbes
in the ocean, elucidating links betweenmicrobial community
composition and function is difficult. Nonetheless, advances
in molecular ecology, genomics, and bioinformatics are
improving the research community’s ability to discern pat-
terns of microbial distribution [81–85]; metagenomic anal-
yses provide clues to the distribution of microbial function
[69, 86–88]. Microautoradiography/FISH and DNA-SIP are
also proving to be important means of linking substrates
and the organisms that consume them (e.g., [89, 90]). Such
approaches have been used to document major differences
in substrate assimilation at different locations, for example,
with Arctic surface water communities assimilating more
EPS and less glucose than their temperate counterparts from
the surface waters of the Delaware Estuary [91–93].

At a broad scale, the recently revealed patterns of
microbial community function parallel emerging patterns in
microbial biogeography. In surface marine waters, there is
evidence for a latitudinal gradient in enzymatic hydrolysis
rates and spectrum (Figure 2 [13]) that is not simply a
reflection of in situ temperature. Latitude itself obviously
drives neither hydrolysis rates nor the spectrum of enzymes
active in a given location. Rather, it must function as a proxy
for aspects of community function that change in broad
outline in the ocean. The observed patterns in enzyme func-
tion may reflect changes in microbial community diversity
along latitudinal gradients [94], including observations of
decreasing community diversity at higher latitudes [11, 12,
95]. Differences in microbial community composition have
also been reported between coastal and offshore environ-
ments [96], surface and deep water environments [69, 97],
and benthic and pelagic environments [98]. Beyond these
individual studies, a global synthesis of data collected as
part of the International Census of Marine Microbes has
yielded evidence of major differences in microbial commu-
nity composition (beta-diversity) between surface pelagic
and deep pelagic environments, between coastal pelagic
and open ocean environments, and between pelagic and
benthic environments [99]. These patterns parallel in broad
outline the observations to date for polysaccharide hydrolase
function.

The hypothesis that differences in microbial community
composition and associated changes in genetic capabilities
are related to differences in enzyme function is supported
by an investigation of large-particle associated microbial
communities [100]. Hydrolysis rates and patterns of four
substrates (chondroitin, laminarin, xylan, and fucoidan) in
the >10 um retentate fraction isolated from near-surface
waters of four oceanic provinces in the North Atlantic
clustered into two groups. Similar clusters were found for
microbial community structure and for metagenomic data
about hydrolytic enzymes from these same stations [84, 87,
101]. Likewise, comparisons of the composition and function
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of benthic and pelagic microbial communities in a fjord
of Svalbard have demonstrated that differences in commu-
nity composition parallel differences in enzymatic function
[14, 75].

4.2. Metabolic Plasticity and Functional Redundancy. One of
the central challenges in explicitly linking enzymatic function
with microbial diversity is to define the nature or scale of
microbial diversity that correlates with functional differences
[17]. The ability to produce extracellular enzymes is not
evenly distributed among marine microbes [76], doubtless
a factor that limits the utility of comparisons between
bulk parameters (e.g., cell counts) and the activities of
specific enzymes. Explicitly defining the links between com-
munity composition and function—delineating the extent
of metabolic plasticity and functional redundancy among
aquatic microbial communities [102]— is a major challenge,
however. Metabolic plasticity and functional redundancy
are interrelated but distinct; metabolic plasticity modulates
microbial community function by changing gene expression
and activity patterns without changing community composi-
tion, whereas functionally redundantmembers of amicrobial
community have overlapping activities and can take each
other’s place without compromising the overall biogeochem-
ical function of the microbial community. For example,
macroalgae-associated microbial communities differing in
phylogenetic composition preserved stable genetically coded
functions [103].

Plasticity and redundancymay also vary by environment.
For example, at the level of the genome, organisms consti-
tuting high-latitude pelagic microbial communities may have
a more limited range of genes related to hydrolytic cleavage
of substrates than their more temperate counterparts. From
an energetic perspective (investment in genomes versus
energy yield), they may “make bets” on which substrates
they are likely to encounter in the water column and
specialize in those genes/enzymes to hydrolyze their most
likely substrates. Breadth of function within a community
may still be provided via community diversity (as suggested
by our recent data from Svalbard fjords [75]), but the net
effect in decreasing metabolic plasticity may be that some
substrates are not accessible to major members of microbial
communities, thus limiting the degree of redundancy to a
point where it finally impacts community function.

The extent of metabolic plasticity and functional redun-
dancy in microbial communities may also be influenced by
parameters such as substrate availability and abundance in
a specific environment. As discussed above, a wider range
of potential substrate in near-shore waters may favor pelagic
microbial communities equipped with enzymes suitable to
hydrolyze a very diverse range of polysaccharide structures.
Since possessing the genes to produce a given protein rep-
resents an energetic cost to a microbial cell, the cost/benefit
balance for possessing (and producing) certain types of
extracellular enzymes might then vary by environment.

Such a calculation could also help explain the often-
observed differences betweenmicrobial communities in ben-
thic and pelagic environments. Benthic sediments represent a

concentrated accumulation of potential substrates, but acqui-
sition of usable substrates depends on having the appropriate
hydrolytic capabilities, including the capability of hydrolyz-
ing solid (POM) substrates. A systematic examination of
gene frequency and genome size of heterotrophic benthic
and pelagic microbes (something that should become more
tractable in the future) would provide useful information
about this issue.

4.3. Responses to Changing Environmental Conditions. The
enzymatic capabilities of microbial communities presum-
ably are expressed as a flexible response to environmental
conditions, which change spatially and temporally in the
ocean.Microbial community dynamics—composition aswell
as genetic potential—also change in response [85, 86, 104].
Growth and development of phytoplankton blooms, accom-
panied by changes in nutrient conditions and pCO

2
, can

lead to differential enzymatic responses among microbial
communities (e.g., [105–107]). Enzymatic responses may also
change under conditions of ocean acidification, as has been
documented in a number of studies [108–110].

The formation and transformation of organic aggregates
(marine snow) in the ocean also has a profound influence
on microbial communities and on organic matter dynam-
ics. Marine snow aggregates harbor diverse communities
of microorganisms that mediate the transformations and
transport of colloidal, particulate, and dissolved organic
matter ([111] and references therein). Microbial dynamics
in natural and laboratory-produced aggregates have shown
that aggregates can be “hot spots” of carbon remineraliza-
tion [112], often harboring microbial communities distinct
from the surrounding water [113, 114]. Hydrolytic activities
of marine snow-attached prokaryotes can exceed those of
their free-living counterparts [115–119], although some stud-
ies found no differences between free-living and attached-
prokaryotic communities [120] as well as similar cell-
specific hydrolytic activities in aggregates and ambient waters
[121, 122].

Investigations with polysaccharide substrates demon-
strate that the spectrum of enzyme activities that can be
measured in aggregates differs from that present in surround-
ing seawater [123]. Some types of organic matter may there-
fore only be enzymatically accessible to aggregate-associated
communities.Moreover, the processes of aggregate formation
also shape the spectrum and relative activities of extracellular
enzymes, enhancing some hydrolysis rates and leading to
the production of enzymes that are freely released into the
water column [124]. The nature of the aggregates themselves
is also important, as has been demonstrated by investigations
of oil-marine snow aggregates formed in the aftermath of the
Deepwater Horizon oil spill [125]. The Deepwater Horizon
oil-aggregates harbor specialized in microbial communities
that likely mediate their enzymatic response [126]. In any
case, the presence (as well as the nature and abundance) of
aggregates in the water column might help explain tempo-
ral, spatial, and depth-related differences in the spectrum
of enzyme activities observed in pelagic systems to date
[13, 45, 55, 63, 127].
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4.4. Aspects of Enzyme Ecological Theory. Some of the pat-
terns in enzyme activities observed to date can be rationalized
through the framework of ecological theory. In general,
microbial production of extracellular enzymes should most
benefit the producing organism in substrate-rich environ-
ments under conditions of restricted diffusion in which the
hydrolyzed product is readily available to the producing
organism [128, 129], that is, in sediments, on aggregates, or
on particles. Higher rates of activity as well as a broader
spectrum of enzyme activities in benthic compared to pelagic
environments could then be interpreted as an outcome of
a cost-benefit analysis, in which the “return on investment”
in extracellular enzymes is greater in sediments, and there-
fore the extent of extracellular enzyme production is also
greater. However, this framework provides little guidance in
understanding the variable rates and very large differences
in the spectrum of active enzymes in the marine water
column (Figure 2 [13, 40]), even in light of more complex
recent models [130]. As discussed in a recent review [131],
marine pelagic environments that are comparatively poor in
particles and surfaces differ substantially in the spectrum
and rates of enzymatic hydrolysis, differences that are not
explained through current ecological theory. Moreover, cell-
free enzymes have been shown to contribute substantially
to total hydrolytic activity in waters of the deep ocean
[66], where particles are very scarce and rates of diffusion
are comparatively high. The circumstances under which
organisms produce and release enzymes in marine systems—
particularly in pelagic environments—thus are not yet well
understood.

5. Microbial Extracellular Enzymes in
the Ocean: Looking Forward

The production and function of microbial extracellular
enzymes is a key driver of element cycling and the focus of
research in marine, freshwater, and terrestrial environments
(see recent reviews: [131, 132]). In all of these environments,
a major challenge is to uncover the nature and controls on
the interactions between highly diverse microbial commu-
nities and their (for the most part) poorly characterized
substrates.

Formarine systems, the list of enticing research questions
is long. Rapid developments in our ability to analyze the
“-omes” of microbial communities will doubtless help push
the field forward. What should not be lost in the flurry of
“big data” questions, however, is the need to ground-truth the
sequences and assignments with actual experimental inves-
tigations of proteins and organisms. Are our assignments of
specific sequences to specific proteins accurate [25, 133]? Are
these proteins actually produced in the ocean, and if so, under
what conditions?

In pelagic marine environments, a growing body of evi-
dence suggests that at certain times and places a considerable
fraction of the hydrolytic activity measured is due to cell-
free enzymes [66, 127]. Most model considerations suggest
that releasing enzymes into the environment is only an
effective strategy in environments with limited diffusion,

such as particles, aggregates, and sediments [129] (although
a recent model of biofilm-based organisms has suggested an
alternative perspective; see [134]). By what mechanisms are
cell-free enzymes produced in the water column, and how
long do they retain activity? One recent study suggests that at
least in Arctic waters cell-free enzymes retain activity for tens
of hours to several days, long enough to be spatially separated
by a considerable distance from the producing organisms
[135] and further complicating our efforts to link specific
organisms and activities.

One of the greatest challenges to address is to determine
the means by which microbial communities work in concert
to degrade complex organic matter. Evidence of composi-
tionally distinct communities that are functionally equivalent
[103] provides an intriguing glimpse in this direction. Better
understanding of the circumstances under which genes are
exchanged among microbes [76] (and the consequences of
such exchanges for community function) will help clarify this
point. In any case, simply regarding microbial communities
as a collection of single cells overlooks the importance of
intercellular communication and interaction in the environ-
ment, whether in the form of quorum-sensing [136, 137] or by
other means. An integrated organic geochemical perspective
that includes considerations of substrate structure as well as
the capabilities of complex microbial communities will be
needed in order to open the microbial “black box” of carbon
cycling. This focus can yield mechanistic explanations for
observations of varying carbon bioavailability and utilization
in diverse regions of the ocean [74], central issues for the
marine carbon cycle.
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[64] T. Nagata, C. Tamburini, J. Aŕıstegui et al., “Emerging concepts
on microbial processes in the bathypelagic ocean—ecology,
biogeochemistry, and genomics,” Deep-Sea Research II: Topical
Studies in Oceanography, vol. 57, no. 16, pp. 1519–1536, 2010.
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