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Production of microbial enzymes is a necessary event in
the industrial sectors, due to the high and superior perfor-
mances of enzymes from different microbes, which works
well under a wide range of varied physical and chemical
conditions. Microbial enzymes serve as a potential replace-
ment, in absence or insufficiency of human enzymes. Further,
microbial enzymes are the preferred source of industrial
enzymes as they can be produced in large quantities in a
short period of time and have shorter generation times,
and genetic manipulations can be performed more easily on
bacterial cells to increase the enzyme production. Still the
industries are looking for new microbial strains in order to
produce different enzymes to fulfill the enzyme requirements.
This special issue covers ten articles including two review
articles, highlighting the importance and applications of
biotechnologically relevant microbial enzymes.

In the work carried out by J. R. Wang et al., they have
optimized the codonusage in order to enhance the expression
level of 𝛼-amylase gene from Bacillus licheniformis in Pichia
pastoris. A total of 328 nucleotides were altered and the
G + C content was improved from 47.6 to 49.2%. The
optimized gene has demonstrated a higher level of expression
in P. pastoris after methanol induction for 168 h in 5- and
50-L bioreactor with the maximum activity of 8100 and
11000U/mL, compared to the wild type by 2.31- and 2.62-fold.
The enzyme is viewed as a potential candidate for 𝛼-amylase
production in industrial use.

L. M. Colla et al. have carried out studies on the
partial characterization of lipase acquired from solid-state
fermentation by the species of Aspergillus. The fungal strains
isolated from diesel contaminated soil and selected as the
liapse producer. Two types of fermentation were adopted,
whereby lipase produced from the submerged fermentation
showed an optimum activity at 37∘C and pH 7.2. In another
fermentation mode, the solid-state fermentation, the optimal
temperature and pH for the solid-state fermentation are
35∘C and pH 6.0, respectively. Out of the two fermentation
modes, lipase produced from the submerged fermentation
has more stability at higher temperature than the solid-state
fermentation. Lipase from the submerged fermentation still
retains 72% of residual activity after one hour of exposure at
90∘C. Furthermore, 80% of the residual activity is retained
at the acidic pH while lipase obtained from the solid-state
fermentation results in residual activity of 60% at the alkaline
pH.

N. E.-A. El-Naggar et al. have isolated L-asparaginase
producing actinomycete from soil samples. In this study,
the isolated strain was identified as Streptomyces olivaceus
based on the morphological, physiological, biochemical,
and molecular analysis. Further, the enzyme production
was optimized by response surface method to improve the
level of enzyme synthesis. The authors have screened fifteen
variables using Plackett-Burman experimental design. The
most significant independent variables affecting enzyme pro-
duction were further optimized by the face-centered central
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composite design-response surface methodology. Finally, the
strainwas able to produce a significant level of L-asparaginase
enzyme in optimized media.

The review article by F. D. Inácio et al. focused on
proteases of wood rot fungi with emphasis on the Pleurotus
genus. In this review article, the authors have highlighted the
characteristics of the Pleurotus genus such as easy cultivation
techniques, high yield, low nutrient requirements, and its
adaptation. In addition, the authors have also highlighted the
uses and applications of the proteases in various industries
such as biotechnology and medicine.

Another study with amylase is by I. Ali et al.; they
performed purification and characterization of polyex-
tremophilic extracellular 𝛼-amylase from a halophilic strain,
Aspergillus penicillioides, to be coused with detergents. Purifi-
cation was performed by ammonium sulfate precipitation
and Sephadex G100 gel filtration methods and the purified
enzyme has an apparent molecular weight of 42 kDa. The
purified enzyme showed higher specificity with the substrate,
starch, with an optimal activity at pH 9, 80∘C in the presence
of NaCl and CaCl

2
. Authors have shown retaining amylase

activity as 80% with different laundry detergents, claimed as
better activity than commercial amylase.

The review article by S. C. B. Gopinath et al. is on the
biotechnological aspects of keratinase production and their
future perspectives in industries. Because of ever increasing
industrialized food and agriculture market there is high
biomass production of the tough biomass keratin which will
be biopollutant to the earth and needs to be addressed in a
more ecofriendly way. The review highlights the production
of keratinase from reliable sources that can be easilymanaged.
The authors put emphasis on microbial keratinase because it
is less expensive and more precise than those conventionally
used chemicals to treat keratin. The paper discusses different
perspective of enzymatic keratinases which can be obtained
from fungi, bacteria, and actinomycetes. The attraction to
this article for readers is due to the expansion of infor-
mation on various aspects of keratinase like descriptions
on keratinophilic fungi, keratin-degrading bacterial isolates,
secretion of microbial keratinases, optimization of keratinase
activities, purification process, accelerating microbial ker-
atinase production through biotechnological approach, and
developing keratinase sensing technologies in future.

In the article by A. Badhan et al., they have utilized
enzyme fingerprinting to identify cell wall components
resistant to total tract digestion. Acetyl xylan esterases
were identified as the key component to the improved
ruminal digestion. Polysaccharide-lignin cross-linked cell
wall polymers were identified as the principal components
indigested fiber residues in the feces. Enzyme pretreatment
was carried out following the analysis of the structural
information obtained from the enzymatic fingerprinting and
FTIR to enhance glucose yield from barley straw and alfalfa
hay. Statistical experimental design was used to analyze the
prehydrolysis effects of recombinant acetyl xylan esterases
(AXE16B ASPNG and AXE16A ASPNG), polygalacturonase
(PGA28A ASPNG), and 𝛼-arabinofuranosidase (ABF54B
ASPNG) all from Aspergillus niger, feruloyl esterase (FAE1a)
from Anaeromyces mucronatus (expressed in E. coli), and

endoglucanase GH7 (EGL7A THITE) from Thielavia
terrestris (produced in Aspergillus niger). Degradation of
plant structural polysaccharides is inducted by the fungal
fibrinolytic hemicellulases and auxiliary enzymes. Moreover,
in vitro saccharification of alfalfa and barley straw by
mixed rumen enzymes was improved. The model also
estimated glucose yield that improves by 75% following
pretreatment with polygalacturonase (PGA28A ASPNG)
and 𝛼-arabinofuranosidase (ABF54B ASPNG) in 1 : 1
ratio. A hundred percent improvement was obtained after
prehydrolysis of barley straw with a mixture of EGL7A
THITE (50%) and FAE1a (50%). Microassay and statistical
experimental design can be integrated to predict effective
enzyme pretreatments that can enhance plant cell wall
digestion by mixed rumen enzymes. This study also has
the potential to develop specific enzyme pretreatments for
forages, depending on their structure and composition.

B. K. Dash et al. have isolated a new Bacillus subtilis
strain (BI 19) from the soil and studied the molecular char-
acterizations for the enhanced production of extracellular
amylase. In their study, the phylogenetic tree was constructed
on the basis of 16S rDNA gene sequences and revealed that
this strain clustered with the closest members of Bacillus
sp. The effect of various fermentation conditions on amylase
production from this strain, through shake-flask culture, was
investigated. Rice flour was found to be a cheap natural
carbon source to induce amylase production. In addition,
a combination of peptone and tryptone as organic and
ammonium sulfate as inorganic nitrogen sources gave highest
yield. Further, maximum production was obtained with the
following optimal conditions: 24 h of incubation, 37∘C, and
pH 8.0. Further increments in the amylase productions were
noticed in the presence of Tween 80 and sodium lauryl
sulfate. Their results suggest that newly isolated B. subtilis BI
19 could be exploited for industrial production of amylase at
relatively low cost and time.

S. G. Karp et al. on their original research report discuss
the optimization of laccase production and its role in delig-
nification. They have worked on the statistical optimization
of laccase production by a strain of Pleurotus ostreatus and
its delignification properties of sugarcane bagasse. With
the determination of the mathematical model of laccase
production through the response surface method they have
analyzed the role of various factors and came to conclusion
that yeast extract as an organic nitrogen source is very
important along with appropriate concentration of copper
sulfate and ferulic acid and the incubation period in solid-
state fermentation for the delignification of sugar bagasse.
The authors are successful in reducing the lignin content of
sugar bagasse around one-third to one-fourth of the original
lignin biomass. Such kind of experiment is important for
delignification of biomass for future use in other industrial
applications like production of biobased fuel to other organic
products like food and beverages to paper and textile indus-
tries. The advantages of enzymatic delignification over the
conventional physicochemical methods will be less health
hazardous to ecosystem in future. The other advantages of
laccase enzyme optimization may include relatively higher
product yields and fewer side reactions and increased reactor



BioMed Research International 3

efficiency due to mild reaction conditions and lesser energy
requirements.

L. P. Lee et al. have isolated many Bacillus species from
oil spillage area in Malaysia. In this study, the isolated strains
were screened for lipase and protease enzymes using lipid
and gelatin, respectively, as the substrates. In addition, the
comparison analyses of lipase and protease activities were
also analyzed. The result showed that most of the strains
were able to produce both enzymes at significant levels. The
simultaneous secretion of both the lipase and protease is a
means of survival. The isolated Bacillus species which harbor
lipase and protease enzymes could render potential industrial
based applications and solve the environmental problems.

Periasamy Anbu
Subash C. B. Gopinath

Bidur Prasad Chaulagain
Thean-Hock Tang

Marimuthu Citartan
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𝛼-Amylase as an important industrial enzyme has been widely used in starch processing, detergent, and paper industries. To
improve expression efficiency of recombinant 𝛼-amylase from Bacillus licheniformis (B. licheniformis), the 𝛼-amylase gene from
B. licheniformis was optimized according to the codon usage of Pichia pastoris (P. pastoris) and expressed in P. pastoris. Totally,
the codons encoding 305 amino acids were optimized in which a total of 328 nucleotides were changed and the G+C content was
increased from 47.6 to 49.2%. The recombinants were cultured in 96-deep-well microplates and screened by a new plate assay
method. Compared with the wild-type gene, the optimized gene is expressed at a significantly higher level in P. pastoris after
methanol induction for 168 h in 5- and 50-L bioreactor with the maximum activity of 8100 and 11000U/mL, which was 2.31- and
2.62-fold higher than that by wild-type gene. The improved expression level makes the enzyme a good candidate for 𝛼-amylase
production in industrial use.

1. Introduction

𝛼-Amylases (E.C.3.2.1.1) are classified as a member of family
13 of the glycosyl hydrolases and catalyze the hydrolysis of
internal𝛼-1,4-O-glycosidic bonds in polysaccharideswith the
retention of 𝛼-anomeric configuration in the products [1]. 𝛼-
Amylases are one of the most important industrial enzymes
that have a wide variety of applications in starch processing,
paper industries, detergent, and so on [2, 3]. 𝛼-Amylases
are ubiquitous enzymes produced by plants, animals, and
microorganisms. Although there are many sources of 𝛼-
amylases, microorganisms are the most important sources of
𝛼-amylases for industrial purposes due to advantages such as
less time and space required for production, cost effective-
ness, and ease of process modification and optimization [4].

In recent years, many kinds of 𝛼-amylase have been
isolated from various microorganisms, such as bacteria
and fungi. Among bacteria, Bacillus sp. is widely used for

𝛼-amylase production to meet industrial needs. Bacillus
subtilis (B. subtilis),Bacillus stearothermophilus (B. stearother-
mophilus), and Bacillus licheniformis (B. licheniformis) are
known to be good producers of 𝛼-amylase and these have
been widely used for commercial production of the enzyme
for various applications [5]. So far, a number of 𝛼-amylase
genes have been isolated and characterized from Bacillus
sp., including B. licheniformis, B. stearothermophilus, and B.
subtilis [6–8]. In previous studies, a gene encoding 𝛼-amylase
from B. licheniformis was cloned and expressed in E. coli and
B. subtilis [9]. However, the low expression level does not
allow the recombinant protein to be applied practically and
economically in industry. For commercial exploitation of the
recombinant 𝛼-amylase, it is essential to achieve high yield of
the protein.

Themethylotrophic yeast P. pastoris hasmany advantages
as a host for production of recombinant heterologous pro-
teins, such as high cell density, high levels of productivity,
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ease of genetic manipulation, the ability to perform com-
plex posttranslational modifications, and very low secretion
levels of endogenous proteins [10]. To improve heterologous
expression of genes, many strategies have been developed
in P. pastoris. It includes high copy number of heterologous
gene, appropriate signal peptide in expression vector, high
efficient transcriptional promoters, and optimization of cell
cultivation [11–13]. However, these optimization strategies
did not universally result in high protein production for
every recombinant protein as expected. It has now been
shown that the difference of codon usage between the native
gene sequence and expression host has significant impact
on the expression level of recombinant protein [14, 15].
Therefore, the codon optimization is a promising technique
for increasing foreign protein expression level.

In this study, we describe the high-level expression of
B. licheniformis 𝛼-amylase (BlAmy) in P. pastoris and this
is the first report about high cell density fermentation
for production of recombinant B. licheniformis 𝛼-amylase
(rBlAmy) in 5- and 50-L bioreactor. Furthermore, the 𝛼-
amylase gene from B. licheniformis (BlAmy) was modified
and expressed according to its preferred condon usage in P.
pastoris. To our knowledge, this is also the first report to
improve B. licheniformis 𝛼-amylase (BlAmy) production by
codon optimization strategies in P. pastoris.

2. Materials and Methods

2.1. Strains, Plasmids, Reagents, and Media. The P. pastoris
strain GS115 and the expression vector pPIC9K were pur-
chased from Invitrogen (Carlsbad, CA, USA). The E. coli
strain Top 10 is routinely conserved in our laboratory. Restric-
tion enzymes, T

4
-DNA ligase, and Pfu DNA polymerase

were purchased from Sangon Biotech (Shanghai, China).
All other chemicals used were analytical grade reagents
unless otherwise stated. Yeast extract peptone dextrose (YPD)
medium, buffered glycerol complex (BMGY) medium, and
bufferedmethanol complex (BMMY)mediumwere prepared
according to the manual of Pichia Expression Kit (Version
F, Invitrogen). Fermentation Basal Salts (BSM) Medium
and PTM1 Trace Salts used for fermentation were prepared
according to the Pichia Fermentation Process Guidelines
(Invitrogen).

2.2. Codon Optimization and Synthesis of the Gene.
The codon usage of BlAmy (GenBank M38570) from
B. licheniformis was analyzed using Graphical Codon Usage
Analyser (http://gcua.schoedl.de/) and was optimized by
replacing the codons predicted to be less frequently used in P.
pastoris with the frequently used ones by (http://www.dna20
.com/). Signal peptide was analyzed by SignalP 4.0 server
(http://www.cbs.dtu.dk/services/SignalP/). The optimized
gene (BlAmy-opt) was synthesized by Sangon (Shanghai,
China).

2.3. Vector Construction. The synthetic gene encoding
the mature region of 𝛼-amylase without the predicted
signal sequence was digested by EcoRI and NotI and

then ligated into pPIC9K, forming pPIC9K-BlAmy-
opt. The native 𝛼-amylase gene (BlAmy) from B.
licheniformis was cloned into pPIC9K using primers BlF (5-
CATCGAATTCGCAAATCTTAATGGGACGCTG-3) and
BlR (5-CATAGCGGCCGCCTATCTTTGAACATAAATTG
A-3), resulting in the recombinant plasmid pPIC9K-
BlAmy. The recombinant plasmids were checked by DNA
sequencing.

2.4. Transformation of P. pastoris and Screening Transfor-
mants. P. pastoris GS115 was transformed with 10𝜇g of SacI-
linearized pPIC9K-BlAmy-opt and pPIC9K-BlAmy vector
by electrotransformation, according to Invitrogen’s recom-
mendations. Transformants were initially selected by MD
medium (1.34% yeast nitrogen base, 4 × 10−5% biotin, 2%
dextrose) plates and then checked by colony PCR. The
insertion copy number of transformants was determined
by their resistance to G418 and transformants with the
same copy number were selected.The recombinants carrying
BlAmy and BlAmy-opt were screened by a new plate assay
method. The recombinants from 1.0, 2.0, and 4.0mg/mL
G418-YPD plate were picked and cultured in 96-deep-well
microplates containing 200𝜇L/well BMGY medium at 30∘C
for 24 h. After this, the cells were harvested by centrifugation,
resuspended, and cultured in 400 𝜇L/well BMMY medium.
After 24 h, plates were subjected to centrifugation again
and supernatants were used in subsequent activity assays.
Qualitative 𝛼-amylase activity was determined by a halo plate
assay containing 3% (w/v) agar and 5% (w/v) soluble starch
(Sangon, China). Supernatants (20𝜇L) were loaded into wells
and plates were incubated at 60∘C for 30min.The clones were
selected according to the size of the halos and their activities
were checked by shaking flask fermentation.

2.5. Expression of BlAmy-opt and BlAmy in P. pastoris Shake-
Flask Cultures. The transformants were selected and culti-
vated in shaking flask. The seeds were inoculated in 10mL
of BMGY medium in a 100mL shake flask and incubated
at 30∘C and 250 rpm until the culture reached an OD600 =
2.0–6.0. The cells were harvested by centrifugation and
resuspended in 50mL of BMMY medium and incubated at
30∘C and 200 rpm.The methanol induction temperature was
set at 30∘C, and 0.7% (v/v) methanol was fed at 24 h intervals
for 5 days.The activities of the 𝛼-amylase were checked at 24,
48, 72, 96, 120, 144, and 168 h. The colony with the highest
activity was selected as the strain to ferment in 5- and 50-L
bioreactor.

2.6. High Cell Density Fermentation. The transformed strain
showing the highest 𝛼-amylase activity in shake-flask culture
was cultivated in high cell density fermentor.High cell density
fermentation was carried out in 5- and 50-L bioreactor
(Baoxing Co., Shanghai, China). The cultivation conditions
and medium composition was the same as the previous
described method [16]. Inoculum was cultured in BMGY
medium. Cells were grown for 18–20 h at 30∘C on shaker of
200 rpm. Then, 10% (v/v) of the inoculum was inoculated
into the 5- and 50-L bioreactors containing 2- and 20-L basal
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salt medium, made of 0.47 g/L CaSO
4
⋅2H
2
O, 9.1 g/L K

2
SO
4
,

7.5 g/LMgSO
4
⋅7H
2
O, 6.2 g/LKOH, 13.35mL/LH

3
PO
4
(85%),

20.0 g/L glycerol, and 1.5mL Pichia trace metal 1 (PTM1).
One liter PTM1 consists of 6 g CuSO

4
⋅5H
2
O, 0.08 g NaI, 3 g

MnSO
4
⋅H
2
O, 0.5 g CoCl

2
, 20 g ZnCl

2
, 0.02 g H

3
BO
3
, 0.2 g

Na
2
MnO
4
⋅2H
2
O, 65 g FeSO

4
⋅7H
2
O, 0.2 g biotin, and 30mL

6N H
2
SO
4
. The temperature was controlled at 30∘C and the

pH was maintained at 5.0 using NH
4
OH (28%) and H

3
PO
4

(10%). For 5 L bioreactor, the agitation rate was set at 600 rpm
and the aeration rate was 30 L/min. For 50 L bioreactor, the
agitation rate was set at 500 rpm and the aeration rate was
40 L/min. When glycerol was used up, as indicated by an
increase in dissolved oxygen (DO), 0.5% (v/v) methanol was
added to induce expression 𝛼-amylase. Feeding of methanol
was linked to the dissolved oxygen (DO). When the initial
methanol 0.5% (v/v) was depleted (indicated by an abrupt
increase in DO), 100% methanol solution containing 1.2%
(v/v) PTM1 was added automatically. The concentration of
methanol was kept stable bymonitoring the dissolved oxygen
(OD) content and maintaining it at greater than 20%. The
enzyme activity of the supernatant and dry cell weight were
monitored throughout the cultivation.

2.7. Purification, Deglycosylation, and SDS-PAGE Analysis
of Recombinant BlAmy. After fermentation, cells from the
cultures were removed by centrifuging at 6000×g for 10min.
The supernatant was concentrated by ultrafiltration using a
Millipore set-up according to themanufacturer’s instructions
with a membrane of 10 kDa cut-off.The supernate containing
recombinant BlAmy was purified by 2mL Ni2+-chelating
chromatography according to the manuals (Biorad, USA).
The elution buffer containing purified recombinant BlAmy
was used for further analysis. Purified recombinant BlAmy
was deglycosylated using 300U of Endo H for 3 h at 37∘C
according to the manufacturer’s instructions (NEB, USA).
The deglycosylated and untreated were analyzed by SDS-
PAGE. SDS-PAGE was carried out on a 12% running gel and
stained with Coomassie Blue.

2.8. Assay of 𝛼-Amylase Activity and Protein Determination.
𝛼-Amylase activity was assayed according to the method
described by previous studies [17]. One unit of 𝛼-amylase was
defined as the amount of amylase needed to complete the
liquefaction of 1mg of starch into dextrin per minute at 70∘C
and pH 6.0. The protein content was determined according
to the Bradford method using BSA as standard.

2.9. Characterization of the Recombinant BlAmy and Degly-
cosylated Recombinant BlAmy. The relative enzyme activity
was determined at various pH values using 100mM buffers,
pH ranging from 4.0 to 11.0. Buffers used as standard were
sodium acetate buffer (pH 4–6), sodium phosphate buffer
(pH6–8), and sodiumcarbonate buffer (pH9–11). To evaluate
the pH stability, aliquots of enzyme samples were incubated
at 30∘C for 24 h with respective pH buffers. Remaining
enzyme activity was measured under standard assay protocol
and calculated considering the initial activity. The optimal
temperature of the enzyme was determined by measuring

the enzyme activity at various temperatures (40–100∘C)
in 100mM of sodium phosphate buffer, pH 7.0. Thermal
stability was determined by incubating the purified enzyme
in 100mM of sodium phosphate buffer (pH 7.0) for 1 h at the
desired temperatures (60–100∘C) followed by measuring the
residual activity.

3. Results and Discussion

3.1. Sequence Optimization and De Novo Synthesis of BlAmy.
P. pastoris has been routinely used as a heterologous expres-
sion system because of its efficient secretion, high expression
level, and high cell density [10]. However, the bias of codon
usage between the native gene sequence and P. pastoris has
significant impact on the expression level of recombinant
protein. Codon optimization by using frequently used codons
in the host is an efficient measure to improve the expression
level of heterologous gene. Generally, this is accomplished
by replacing all codons with preferred codons, eliminating
AT-rich stretches and adjusting the G+C content [18, 19].
Analysis of the DNA sequence of native 𝛼-amylase gene
(BlAmy) using Graphical Codon Usage Analyser revealed
that some amino acid residues were encoded by codons that
are rarely used in P. pastoris, codons like GGC (Gly), GCG
(Ala), AGC (Ser), TCG (Ser), and CCG (Pro); most of them
are shared less than 15%of usage percentage, whichmay result
in a much lower expression level in P. pastoris. In order to
achieve a high-level expression of BlAmy in P. pastoris, the
codons of BlAmy were replaced with those more frequently
used by P. pastoris (Table 1). The codon adaptation index
(CAI) of the native BlAmy was improved from 0.74 to 0.86.
Furthermore, the G+C content was increased from 47.6 to
49.2%, which was closer to the G+C content of other high-
expression genes in P. pastoris. The nucleotides A, T, G, and
C dispersed evenly in the synthesized gene to eliminate AT-
or GC-rich motifs, codons containing both AT and GC were
selected when the differences between the codon frequencies
were not significant. Totally, the codons encoding 305 amino
acids were optimized in which a total of 328 nucleotides were
changed (Table 1). The optimized gene (BlAmy-opt) shared
77% of nucleotide sequence identity with that of the native
gene (BlAmy) (Figure 1).

3.2. Vector Construction and Selection of Producing Clones.
The recombinant plasmids pPIC9K-BlAmy-opt and pPIC9K-
BlAmywere linearized and transformed into P. pastorisGS115
and several thousands of transformants were obtained on
MD plates. In this study, the putative multicopy inserts
were selected for expression by screening with the same
concentration of G418.The positive clones (from 1.0, 2.0, and
4.0mg/mL G418-YPD plate) were cultured in 96-deep-well
microplates and further screened by a new halo plate assay
(Figure 2). According to the size of the halos, twenty clones
(ten isolated from recombinants carrying BlAmy-opt and ten
from recombinants carrying BlAmy, resp.) from 2.0mg/mL
G418-YPD plate were selected for shake-flask cultures. The
plate assay is a simple, rapid, and well adapted method for
screening of large number of samples [20]. The diameter of
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100BlAmy
100BlAmy-opt

GCTAATTTGAATGGTACTTTGATGCAGTATTTCGAGTGGTACATGCCTAACGACGGACAGCACTGGAAGAGATTGCAGAACGACTCCGCCTACTTGGCTG
GCAAATCTTAATGGGACGCTGATGCAGTATTTTGAATGGTACATGCCCAATGACGGCCAACATTGGAAGCGCTTGCAAAACGACTCGGCATATTTGGCTG

200BlAmy
200BlAmy-opt

AGCACGGAATTACTGCTGTCTGGATCCCTCCAGCTTACAAGGGAACTTCTCAGGCTGACGTTGGTTACGGTGCTTACGACTTGTACGACCTTGGTGAGTT
AACACGGTATTACTGCCGTCTGGATTCCCCCGGCATATAAGGGAACGAGCCAAGCGGATGTGGGCTACGGTGCTTACGACCTTTATGATTTAGGGGAGTT

300BlAmy
300BlAmy-opt

CCACCAAAAAGGTACTGTCCGTACCAAATATGGTACCAAGGGTGAGTTGCAGTCCGCCATTAAGTCCTTGCACTCCAGAGACATCAACGTCTACGGTGAC
TCATCAAAAAGGGACGGTTCGGACAAAGTACGGCACAAAAGGAGAGCTGCAATCTGCGATCAAAAGTCTTCATTCCCGCGACATTAACGTTTACGGGGAT

400BlAmy
400BlAmy-opt

GTTGTCATCAACCACAAGGGTGGTGCCGATGCCACTGAAGATGTTACTGCTGTCGAGGTCGACCCAGCTGATAGAAACCGTGTCATCTCCGGAGAGCACA
GTGGTCATCAACCACAAAGGCGGCGCTGATGCGACCGAAGATGTAACCGCGGTTGAAGTCGATCCCGCTGACCGCAACCGCGTAATTTCAGGAGAACACC

500BlAmy
500BlAmy-opt

GAATCAAGGCTTGGACCCATTTCCATTTCCCAGGTCGTGGTTCCACCTACTCCGACTTCAAATGGCACTGGTACCACTTCGATGGTACCGACTGGGACGA
GAATTAAAGCCTGGACACATTTTCATTTTCCGGGGCGCGGCAGCACATACAGCGATTTTAAATGGCATTGGTACCATTTTGACGGAACCGATTGGGACGA

600BlAmy
600BlAmy-opt

GTCCAGAAAATTGAACCGTATTTACAAGTTCCAAGGTAAAGCCTGGGACTGGGAGGTTTCCAATGAGAACGGTAATTATGATTACTTGATGTACGCTGAC
GTCCCGAAAGCTGAACCGCATCTATAAGTTTCAAGGAAAGGCTTGGGATTGGGAAGTTTCCAATGAAAACGGCAACTATGATTATTTGATGTATGCCGAC

700BlAmy
700BlAmy-opt

ATTGACTACGATCACCCAGATGTCGCTGCTGAGATCAAGAGATGGGGTACCTGGTACGCCAACGAGCTTCAGTTGGACGGTTTCCGTTTGGACGCCGTCA
ATCGATTATGACCATCCTGATGTCGCAGCAGAAATTAAGAGATGGGGCACTTGGTATGCCAATGAACTGCAATTGGACGGTTTCCGTCTTGATGCTGTCA

800BlAmy
800BlAmy-opt

AGCACATCAAATTTTCTTTCTTGAGAGACTGGGTCAACCACGTCAGAGAAAAGACCGGTAAGGAGATGTTCACCGTCGCCGAGTACTGGCAGAACGATCT
AACACATTAAATTTTCTTTTTTGCGGGATTGGGTTAATCATGTCAGGGAAAAAACGGGGAAGGAAATGTTTACGGTAGCTGAATATTGGCAGAATGACTT

900BlAmy
900BlAmy-opt

TGGTGCTTTGGAAAACTATTTGAACAAGACTAACTTTAACCATTCTGTTTTCGACGTTCCACTTCACTACCAGTTTCATGCCGCCTCTACCCAGGGTGGT
GGGCGCGCTGGAAAACTATTTGAACAAAACAAATTTTAATCATTCAGTGTTTGACGTGCCGCTTCATTATCAGTTCCATGCTGCATCGACACAGGGAGGC

1000BlAmy
1000BlAmy-opt

GGTTACGACATGAGAAAGTTGTTGAACTCCACCGTTGTCTCCAAGCACCCTCTTAAGGCCGTTACCTTTGTCGACAATCACGACACCCAGCCTGGTCAAT
GGCTATGATATGAGGAAATTGCTGAACAGTACGGTCGTTTCCAAGCATCCGTTGAAAGCGGTTACATTTGTCGATAACCATGATACACAGCCGGGGCAAT

1100BlAmy
1100BlAmy-opt

CCTTGGAGTCCACTGTTCAGACTTGGTTCAAGCCATTGGCTTACGCCTTTATTTTGACTAGAGAGTCCGGATACCCACAGGTTTTCTACGGTGACATGTA
CGCTTGAGTCGACTGTCCAAACATGGTTTAAGCCGCTTGCTTACGCTTTTATTCTCACAAGGGAATCTGGATACCCTCAGGTTTTCTACGGGGATATGTA

1200BlAmy
1200BlAmy-opt

CGGTACCAAAGGAGACTCCCAAAGAGAGATTCCTGCTTTGAAGCATAAGATCGAACCTATTTTGAAGGCTCGTAAACAGTACGCCTACGGAGCTCAGCAC
CGGGACGAAAGGAGACTCCCAGCGCGAAATTCCTGCCTTGAAACACAAAATTGAACCGATCTTAAAAGCGAGAAAACAGTATGCGTACGGAGCACAGCAT

1300BlAmy
1300BlAmy-opt

GACTACTTCGATCACCACGATATCGTCGGTTGGACTAGAGAGGGAGACTCTTCTGTCGCCAACTCTGGTTTGGCCGCTTTGATTACTGATGGTCCAGGAG
GATTATTTCGACCACCATGACATTGTCGGCTGGACAAGGGAAGGCGACAGCTCGGTTGCAAATTCAGGTTTGGCGGCATTAATAACAGACGGACCCGGTG

1400BlAmy
1400BlAmy-opt

GTGCCAAGAGAATGTACGTCGGACGTCAGAACGCTGGTGAGACCTGGCACGACATTACCGGTAACAGATCCGAGCCAGTCGTTATCAACTCCGAGGGATG
GGGCAAAGCGAATGTATGTCGGCCGGCAAAACGCCGGTGAGACATGGCATGACATTACCGGAAACCGTTCGGAGCCGGTTGTCATCAATTCGGAAGGCTG

1452BlAmy
1452BlAmy-opt

GGGTGAGTTCCATGTTAACGGTGGTTCTGTTTCTATTTATGTTCAAAGATAA
GGGAGAGTTTCACGTAAACGGCGGGTCGGTTTCAATTTATGTTCAAAGATAA

Figure 1: Sequence comparison between the original (BlAmy) and the optimized (BlAmy-opt) genes. Identical residues are marked in black
background.

the halo zone is very useful for predicting the enzyme yield
as an aid to select strains with a high level of 𝛼-amylase
production.

3.3. Expression of BlAmy-opt and BlAmy in P. pastoris at
Shaking Flask Level. Twenty colonies with larger halos were
selected and cultivated in shaking flask. In shaking flask,
the 𝛼-amylase activity increased gradually and reached the
highest activity after 144 h of cultivation. After 144 h of
cultivation under inducing conditions, the 𝛼-amylase activity
of the supernatant from different clones carrying BlAmy-
opt varied between 310 and 420U/mL (enhanced 5.25-
fold compared with the wild strain Bacillus licheniformis),
while the recombinants carrying BlAmy varied between 150

and 230U/mL (enhanced 2.87-fold compared with the wild
strain Bacillus licheniformis), respectively. Two clones (one
carrying BlAmy-opt, the other carrying BlAmy) from YPD
plate containing 2.0mg/mL showed the highest 𝛼-amylase
activity of 420U/mL and 230U/mL in shaking flask culture
was chosen for high cell density fermentation.

3.4. High Cell Density Fermentation. To obtain a large
amount of active protein, fed-batch studies were carried
out in 5- and 50-L fermentor. Upon methanol induc-
tion, the maximum 𝛼-amylase activity and protein con-
centration produced by recombinant strain GS115 carrying
BlAmy-opt reached 8100U/mL and 8.3 g/L, respectively, in
the 5-L fed batch bioreactor (Figure 3(a)). Compared with
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Table 1: Comparison of the codon usage for wild-type and synthetic
𝛼-amylase gene targeted at P. pastoris for expression.

AA Codon Host fraction BlAmy BlAmy-opt

Gly

GGG 0.10 11 0
GGA 0.32 12 11
GGT 0.44 6 34
GGC 0.14 16 0

Glu GAG 0.43 7 21
GAA 0.57 18 4

Asp GAT 0.58 19 11
GAC 0.42 18 26

Val

GTG 0.19 4 0
GTA 0.15 4 0
GTT 0.42 12 14
GTC 0.23 12 18

Ala

GCG 0.06 9 0
GCA 0.23 10 0
GCT 0.45 10 19
GCC 0.26 7 17

Arg

AGG 0.16 4 0
AGA 0.48 3 15
CGG 0.05 3 0
CGA 0.10 3 0
CGT 0.16 2 7
CGC 0.05 7 0

Lys AAG 0.53 11 20
AAA 0.47 17 8

Ser

AGT 0.15 2 0
AGC 0.09 4 0
TCG 0.09 8 0
TCA 0.19 4 0
TCT 0.29 3 9
TCC 0.20 5 17

Stop TAA 0.53 1 1

Asn AAT 0.49 11 5
AAC 0.51 14 20

Met ATG 1.00 7 7

Ile
ATA 0.19 1 0
ATT 0.50 13 10
ATC 0.30 6 10

Thr

ACG 0.11 7 0
ACA 0.24 13 0
ACT 0.40 3 12
ACC 0.25 4 15

Trp TGG 1.00 17 17

Cys TGT 0.65 0 0
TGC 0.35 0 0

Tyr TAT 0.46 18 5
TAC 0.55 12 25

Table 1: Continued.

AA Codon Host fraction BlAmy BlAmy-opt

Leu

TTG 0.33 11 23
TTA 0.16 3 0
CTG 0.16 6 0
CTA 0.11 0 0
CTT 0.16 7 5
CTC 0.08 1 0

Phe TTT 0.54 16 5
TTC 0.46 4 15

Gln CAG 0.39 9 15
CAA 0.61 11 5

His CAT 0.57 17 6
CAC 0.43 7 18

Pro

CCC 0.15 3 0
CCG 0.09 8 0
CCA 0.41 1 9
CCT 0.35 3 6

Figure 2: Screening of strains with higher level of 𝛼-amylase
production by plate assay.The agar plates contain 3% (w/v) agar and
5% (w/v) soluble starch.

the expression of the native gene in P. pastoris (3500U/mL),
the expression level of codon optimized gene was increased
by 2.31-fold (Figure 3(a)). The maximum 𝛼-amylase activity
and protein concentration of recombinant strain GS115 car-
rying BlAmy-opt obtained in the 50-L fed-batch bioreactor
were 11000U/mL and 12.2 g/L, respectively (Figure 3(b)).
Comparedwith the expression of the native gene in P. pastoris
(4200U/mL), the expression level of codon optimized gene
was increased by 2.62-fold (Figure 3(b)). The recombinant
protein accounted for 86% of the total protein in the medium
as estimated by the Software Quantity One (Figure 4(a)).
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Figure 3: 𝛼-Amylase activity and total protein content in basal salt medium at 30∘C and pH 5.0 during fed-batch fermentation in 5-L (a) and
50-L (b) bioreactor. 𝛼-Amylase activity was determined by starch-iodine color method; the protein content was determined according to the
Bradford method using BSA as standard. All measurements were carried out in triplicate.
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Figure 4: SDS-PAGE analysis of recombinant BlAmy. (a) SDS-PAGE of recombinant BlAmy in fermentation broth from 5- and 50-L
bioreactor aftermethanol induced for 168 h.M: proteinMWmarkers; lane 1 and lane 2: recombinant BlAmy andBlAmy-opt from 5-bioreactor,
respectively. Lane 3 and lane 4: recombinant BlAmy and BlAmy-opt from 50-bioreactor, respectively. (b) Analysis of purified recombinant
BlAmy and 𝑁-deglycosylated recombinant BlAmy by Endo H. Lane 1: purified recombinant BlAmy; lane 2, lane 3, and lane 4: the 𝑁-
deglycosylated recombinant BlAmy and Endo H; lane 5: Endo H.

As an easy and simple system, P. pastoris is now widely
used for heterologous production of recombinant proteins
[21]. Due to the difference of codon usage between the
native gene sequence and expression host, researchers have
used codon optimization to increase the expression level of
heterologous genes in P. pastoris. By codon optimization,
the expression of xylanase gene from Thermotoga maritime
and Aspergillus sulphureus was improved 2.8- and 5-fold,
respectively [18, 22]. The optimization of glucanase gene
from B. licheniformis and Fibrobacter succinogenes resulted

in a 10- and 2.34-fold increase of target protein production
[15, 23]. In this study, the BlAmy-opt was expressed in P.
pastoris at a significantly higher level (12.2 g/L) with 𝛼-
amylase activity of 11000U/mL in 50-L fermentor after
168 h induction through codon optimization. These results
showed that codon optimization is an effective method to
increase the expression of foreign protein in P. pastoris.
Meanwhile, the codon optimized recombinant 𝛼-amylase has
a great potential use in industrial application due to its high-
expression level.
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Figure 5: Influence of pH on activity and stability of recombinant BlAmy (a) and deglycosylated recombinant BlAmy (b). 𝛼-Amylase activity
was determined by starch-iodine color method. Optimal pH was determined by assessing the activity of the purified recombinant BlAmy at
pH 4.0–11.0.The relative activity at different pH values was calculated by setting pH 7.0 as 100%.The pH stability was determined bymeasuring
the residual enzyme activities after incubating purified recombinant BlAmy at various pH for 24 h at 30∘C.The residual activity was calculated
by taking the activity of purified recombinant BlAmy without buffer treatment as 100%. All measurements were carried out in triplicate.
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Figure 6: Influence of temperature on activity and stability of recombinant BlAmy (a) and deglycosylated recombinant BlAmy (b). 𝛼-
Amylase activity was determined by starch-iodine color method. The optimum temperature of purified recombinant BlAmy was measured
at different temperatures ranging from 40 to 100∘C. The relative activity at different temperatures was calculated by setting 90∘C as 100%.
The thermal stability was studied by incubating lipase at various temperatures (40–100∘C) in sodium phosphate buffer (pH 7.0) up to 1 h.The
residual enzyme activity was measured at 70∘C and the residual activity was calculated by taking the nonheated lipase activity as 100%. All
measurements were carried out in triplicate.

3.5. SDS-PAGE Analysis of Recombinant BlAmy. As shown
in Figure 4(a), the purified recombinant BlAmy showed two
forms of BlAmy with molecular masses close to 70 kDa,
which is about 11 kDa larger than 58.5 kDa, the calculated
molecular weight of the nonglycosylated BlAmy. As shown
in Figure 4(b), Endo H treatment of recombinant BlAmy
resulted in a shift in the protein band on SDS-PAGE and
yielded a single band of 58 kDa, suggesting that the two

forms of recombinant BlAmy contained different degree of
glycosylation.

3.6. Characterization of the Recombinant BlAmy and Deglyco-
sylated Recombinant BlAmy. The influence of pH on recom-
binant BlAmy-opt and deglycosylated recombinant BlAmy
activity and stability are presented in Figure 5. The activity



8 BioMed Research International

of recombinant BlAmy-opt and deglycosylated recombinant
BlAmy were measured over a pH range of 4.0–11.0. As
shown in Figure 5(a), the recombinant BlAmy-opt remained
active at a pH range of 5.0–9.0 and showed maximum
activity at pH 7.0, which is similar to the deglycosylated
recombinant BlAmy (Figure 5(b)). In the pH stability study,
the recombinant BlAmy-opt and deglycosylated recombinant
BlAmy are stable at abroad range of pH values between pH
6.0 and 10.0 after 24 h incubation at 30∘C, retaining over 78%
of its initial activity.

The activity of recombinant BlAmy-opt and deglyco-
sylated recombinant BlAmy were also determined at dif-
ferent temperatures. As shown in Figures 6(a) and 6(b),
the recombinant BlAmy-opt and deglycosylated recombinant
BlAmy showed an optimum activity at 90∘C and activity
dropped above 100∘C. Thermostability was examined by
incubating the recombinant BlAmy-opt and deglycosylated
recombinant BlAmy at different temperatures for 1 h, and the
residual activity was measured at 70∘C under the conditions
mentioned above. The activity of the recombinant BlAmy-
opt was almost not affected by a temperature below 70∘C,
but it decreased dramatically when the temperature was
above 90∘C. The thermostability of BlAmy was higher than
deglycosylated recombinant BlAmy. BlAmy showed 71 and
53% residual activity after 1 h incubation at 90 and 100∘C,
whereas deglycosylated recombinant BlAmy showed only 62
and 43%.

4. Conclusions

In this study we report the high-level expression of BlAmy in
P. pastoris. The results showed that P. pastoris is an excellent
host to production of BlAmy. To our knowledge, this is
the first report about high cell density fermentation for
production of recombinant BlAmy in 5- and 50-L bioreactor.
Meanwhile, we developed a new simple and quick plate assay
for screening of strains with higher level of 𝛼-amylase pro-
duction. The most striking success in this study was that we
improved the expression of BlAmy in P. pastoris by rewriting
native BlAmy according to P. pastoris preferred codon usage.
The results showed that codon optimization is an effective
method to increase the expression of foreign protein in P.
pastoris. Meanwhile, the results presented here will greatly
contribute to improving production of recombinant BlAmy
and offer a greater value in various industrial applications.
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Identification of recalcitrant factors that limit digestion of forages and the development of enzymatic approaches that improve
hydrolysis could play a key role in improving the efficiency of meat and milk production in ruminants. Enzyme fingerprinting
of barley silage fed to heifers and total tract indigestible fibre residue (TIFR) collected from feces was used to identify cell wall
components resistant to total tract digestion. Enzyme fingerprinting results identified acetyl xylan esterases as key to the enhanced
ruminal digestion. FTIR analysis also suggested cross-link cell wall polymers as principal components of indigested fiber residues
in feces. Based on structural information from enzymatic fingerprinting and FTIR, enzyme pretreatment to enhance glucose yield
from barley straw and alfalfa hay upon exposure to mixed rumen-enzymes was developed. Prehydrolysis effects of recombinant
fungal fibrolytic hydrolases were analyzed using microassay in combination with statistical experimental design. Recombinant
hemicellulases and auxiliary enzymes initiated degradation of plant structural polysaccharides upon application and improved
the in vitro saccharification of alfalfa and barley straw by mixed rumen enzymes. The validation results showed that microassay
in combination with statistical experimental design can be successfully used to predict effective enzyme pretreatments that can
enhance plant cell wall digestion by mixed rumen enzymes.

1. Introduction

Rising grain prices heightened concerns over the use of food
as feed for livestock production and the negative impacts of
annual crops on carbon sequestration and biodiversity has
prompted research into finding ways to increase the use of
fibrous forage in ruminant diets. Plant cell walls can consti-
tute a primary source of nutritional energy for ruminants.
However for many types of forage, less than 50% of the cell
wall fraction is digested and utilized by the ruminant host [1].
Substantial benefits would be realized if a greater percentage
of this potential energy was made available for fermentation
in the rumen through an increase in the digestibility of the
cell wall fraction.

Fiber digestion in ruminants occurs primarily in the
rumen and cecum. Generally, the amount of fiber digested
in the lower tract is relatively small, with the rumen being the
primary site of digestion. The ruminal microbial population
secrets diverse hydrolases to degrade and ferment structural
carbohydrates in plant cell walls. The physical and chemical
nature of forages can present a barrier to their complete
digestion in the rumen [2].Therefore, prior knowledge about
the structural aspects of cell wall polymers that limit digestion
is critical to identifying efficient enzymatic pretreatments.
In this study enzyme fingerprinting was used in combina-
tion with Flourier infrared spectroscopy (FTIR) to identify
recalcitrant factors that limit fiber digestion by mixed rumen
enzymes.
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Exogenous enzymes have been used to remove antin-
utritional factors from feeds, to increase the digestibility
of existing nutrients, and to supplement the activity of the
endogenous enzymes. To date, they have primarily been used
in poultry and swine production [3, 4]. In cattle, the addition
of cellulases and xylanases directly to feeds has been shown
to increase the in vivo numbers of fibrolytic rumen bacteria
that utilize the secondary products of cellulose digestion [5].
Feedstuffs are structurally complex; each substrate presents
its own set of recalcitrant components that limit the extent
of feed digestion in the rumen. Ultimately, enzyme pre-
treatments should be designed specifically to overcome the
constraints limiting digestion of different types of forages.
There have been number of reports recently focusing on
development of synthetic formulation of lignocellulolytic
enzymes and chemical pretreatments for biomass use in
biofuel production. Synthetic enzyme mixtures for ammonia
fiber expansion (AFEX) treated corn stover deconstruction
have been reported [6, 7]. Similarly optimized synthetic
mixture of enzymes from Trichoderma reesei for hydrolysis
of steam exploded wheat straw [8] and enzyme formulations
to enhance performance of commercial enzymes against
alkaline pretreated barley straw and alfalfa have been recently
reported [9].

In this study we sought to use a microassay procedure
in combination with statistical experimental design to pre-
dict the optimized synergy between enzyme prehydrolysis
and maximum solubilization of cellulose by mixed rumen
enzymes (rumen endogenous enzymes). The optimized
enzyme pretreatment conditions were then validated using
a scale-up assay. A similar approach using a combination
of statistical design and microplate technique for enzymatic
hydrolysis with comparable protein to biomass load and
reaction volumes has been reported previously [9, 10]. The
present work describes the use of a technique to specifically
assay very small quantities of enzymes, enabling the screening
of a large number of recombinant enzymes from novel
sources for their ability to enhance the digestion of plant
cell walls by mixed rumen enzymes. It is expected that the
method described here will facilitate the development of
enzyme cocktails for use as ruminant feed additives.

2. Material and Method

2.1. Source of Enzymes, Production, and Biochemical Charac-
terization of Recombinant Enzymes. The source of recombi-
nant enzymes, their expression, biochemical characterisation
(Table 1), along with details about commercial enzymes, and
the methods used to prepare mixed rumen enzymes have
been previously reported [9].

2.2. Statistical Design. Simplex-lattice designs were created
using Design-Expert software (Version 8.0; Stat-Ease, Inc.,
Minneapolis, MN; http://www.statease.com) as described
earlier [9] with slight modifications. Details of augmented
special quadratic design for experiment number 1 (six com-
ponents) and experiment number 2 (seven components)
with 28 and 41 separate assays are shown in Tables 2, 3, 4,
and 5, respectively. The relative abundance of core enzymes

(i.e., Accellerase 1500 and Accellerase XC) was set to vary
from 25% to 75%, while upper and lower limits for fungal
enzymes were set between 50% and 100% in assay mixtures
for experiment 1, whereas, in order to optimize the efficiency
of enzymatic prehydrolysis, upper and lower limits for all
enzymes were set to vary from 100% to 0% in experiment 2.

2.3. Experimental Detail

2.3.1. Experiment Number 1: Enzyme Fingerprinting of Alka-
line Peroxide Pretreated (AP) Barley Silage and Total Tract
Indigested Fiber Residues (TIFR). Enzymatic fingerprinting
of AP treated barley silage and total tract indigestible fiber
residue (TIFR) was used in this study to gain insight into
the recalcitrant components in plant cell walls that may
respond to enzyme pretreatment and enhance the activity of
mixed rumen enzymes.Alkaline peroxide treatmentwas used
for selective delignification of cell walls in order to enable
enzymes to access inner core cellulose and hemicellulose
which would otherwise have remained inaccessible.

(a) Alkaline Peroxide Pretreatment of Barley Silage and TIFR.
Heifers (five) were fed a barley silage-based diet (70 : 30
barley silage to barley grain) with approximately 65% of
dietary neutral detergent fiber coming from barley silage, as
described earlier [11]. Samples (𝑛 = 5) of barley silage were
collected over the course of the feeding experiment, freeze
dried and ground though a 1.0mm screen. Representative
faecal samples were collected for three days (once a day) from
each heifer as reported previously and washed (6-7 times) in
50mM citrate buffer to remove solubles and to recover the
final fiber residue. The material obtained after washing was
termed total tract indigested fiber residue (TIFR), with the
three samples being pooled. Barley silage was also washed
through cheese cloth to obtain a similar particle size. Washed
TIFR and barley silage were freeze dried and pretreated with
alkaline peroxide using the procedure described earlier [9].

(b) Enzymatic Fingerprinting of Alkaline Peroxide Treated Bar-
ley Silage and TIFR. Enzymatic digestion of AP treated barley
silage and TIFR was carried out in microassays as reported
earlier [9]. Respective enzyme volumes containing defined
protein contents for each reaction mixture were calculated
according to statistical design detailed in Tables 2 and 3 and
dispensed into a substrate slurry as described previously [9].
Samples were incubated at 50∘C for 48 h on a rotating shaker
at 10 rpm.After incubation, tubeswere centrifuged at 1,500×g
for 5min and the supernatants (100 𝜇L) were heated at 90∘C
for 10min to inactivate enzymes prior to determination of
liberated glucose and xylose.

2.3.2. Experiment Number 2: Effect of Enzymatic Prehydrolysis
on Sugar Release from Alfalfa Hay and Barley Straw Exposed
to Mixed Rumen Enzymes In Vitro. Enzyme prehydrolysis to
enhance glucose yield from plant cell walls by mixed rumen
enzymes was developed based on relative abundance data
from the enzyme fingerprinting conducted in experiment
1 and differential Fourier transform infrared spectroscopy
(FTIR) analysis of barley silage versus TIFR. The main
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Table 2: Experimental design for comprehensive digestion of barley silage.

Std Run Component 1 Component 2 Component 3 Component 4 Component 5 Component 6 Response 1 Response 2
A: acell 1500 B: acell XC C: E-BGLUC D: FAE E: AXE16A ASPNG F: EGL7A THITE Glucose rel Xylose rel

12 1 0.250 0.500 0.250 0.000 0.000 0.000 153.436 36.7534
4 2 0.250 0.250 0.000 0.500 0.000 0.000 166.702 30.6087
10 3 0.500 0.250 0.000 0.000 0.250 0.000 172.536 50.8231
24 4 0.292 0.292 0.292 0.042 0.042 0.042 182.126 48.4112
3 5 0.250 0.250 0.500 0.000 0.000 0.000 135.056 32.2167
20 6 0.250 0.250 0.000 0.250 0.000 0.250 190.597 52
1 7 0.750 0.250 0.000 0.000 0.000 0.000 152.397 39.9119
28 8 0.333 0.333 0.083 0.083 0.083 0.083 177 54
18 9 0.250 0.250 0.250 0.000 0.000 0.250 203.223 69.6018
15 10 0.250 0.500 0.000 0.000 0.000 0.250 178.849 65.2948
8 11 0.500 0.250 0.250 0.000 0.000 0.000 135.456 37.5574
11 12 0.500 0.250 0.000 0.000 0.000 0.250 251.492 78.2159
25 13 0.292 0.292 0.042 0.292 0.042 0.042 172.776 44.9655
14 14 0.250 0.500 0.000 0.000 0.250 0.000 175.093 57.3124
13 15 0.250 0.500 0.000 0.250 0.000 0.000 179.968 49.4449
17 16 0.250 0.250 0.250 0.000 0.250 0.000 156.313 58.2887
9 17 0.500 0.250 0.000 0.250 0.000 0.000 169.659 44.1616
22 18 0.542 0.292 0.042 0.042 0.042 0.042 209.776 52.2014
26 19 0.292 0.292 0.042 0.042 0.292 0.042 190 63.6294
23 20 0.292 0.542 0.042 0.042 0.042 0.042 190 52
7 21 0.500 0.500 0.000 0.000 0.000 0.000 215.61 50
21 22 0.250 0.250 0.000 0.000 0.250 0.250 182.605 53.6945
27 23 0.292 0.292 0.042 0.042 0.042 0.292 200 62
6 24 0.250 0.250 0.000 0.000 0.000 0.500 198.828 65.6968
5 25 0.250 0.250 0.000 0.000 0.500 0.000 215.21 77.9288
16 26 0.250 0.250 0.250 0.250 0.000 0.000 182.845 37.5
2 27 0.250 0.750 0.000 0.000 0.000 0.000 180.208 61.16
19 28 0.250 0.250 0.000 0.250 0.250 0.000 163.506 49.6172

objective of this experiment was to formulate mixed rumen
enzymes in combination with recombinant enzymes in ratios
that enhance plant cell wall digestion . Recombinant glycosyl
hydrolases (GH) (endoglucanase GH7 (EGL7A THITE))
and auxiliary enzymes, that is, esterase (AXE16A ASPNG,
AXE16B ASPNG, FAE 1a), were used with barley straw,
whereas hemicellulase polygalacturonase (PGA28A ASPNG)
and 𝛼-arabinofuranosidase (ABF54B ASPNG) were used
with alfalfa hay.

Alfalfa hay and barley straw were first ground to pass
through a 1mm screen and then were suspended separately
at a final concentration of 0.5% in 50mM sodium citrate
(pH 5.0, containing 5 𝜇g/mL tetracycline, 5 𝜇g/mL cyclo-
heximide, and 0.02% sodium azide). While the slurry was
kept in suspension using a paddle reservoir designed for
dispensing pharmaceutical beads (Biomek FXP, Model VP
756C-1P100, V&P Scientific, Inc., San Diego, CA), a total of
200𝜇L (duplicate) of substrate slurry was dispensed into a
mini-Eppendorf tube as described previously [9]. Defined
protein content of each constituent enzyme for every reac-
tion mixture (prehydrolysis) was calculated and dispensed
according to the experimental design (Tables 3 and 4).

Control samples were incubated without enzymes for 48 h at
50∘C (total protein load 15mg protein per g of glucan). After
incubation, enzymes were inactivated by heating at 90∘C for
15min. Samples were allowed to cool and were subsequently
centrifuged (1,500×g for 3min) three times with 50mM
sodium citrate (pH 5.0, containing 5 𝜇g/mL tetracycline,
5 𝜇g/mL cycloheximide, and 0.02% sodium azide). Residues
were added to mixed rumen enzymes at final concentration
of 15mg protein per g of glucan and incubated for further
48 h at 50∘C. After incubation, the tubes were centrifuged
at 1,500×g for 3min to separate the solid residue from the
supernatants (100 𝜇L) which were transferred into Costar
96-well plates and heated at 100∘C for 10min to inactivate
enzymes.

2.4. Glucose and Xylose Assay, Scale-Up Assay, Total Glucan
Content, and Attenuated Total Reflectance Fourier Transform
Infrared Spectroscopy (ATR FT-IR) of Barley Silage and TIFR.
Released glucose and xylose and total glucan contents of
barley silage and TIFR were determined in a scale-up assay
as previously reported [9]. ATR FT IR analysis was also
performed as documented earlier [12].
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Table 3: Experimental design for comprehensive digestion of TIFR.

Std Run Component 1 Component 2 Component 3 Component 4 Component 5 Component 6 Response 1 Response 2
A: acell 1500 B: acell XC C: E-BGLUC D: FAE E: AXE16A ASPNG F: EGL7A THITE Glucose rel Xylose rel

12 1 0.250 0.500 0.250 0.000 0.000 0.000 65.7698 36.3515
4 2 0.250 0.250 0.000 0.500 0.000 0.000 64.731 27.1631
10 3 0.500 0.250 0.000 0.000 0.250 0.000 90.6233 59.6095
24 4 0.292 0.292 0.292 0.042 0.042 0.042 91.8221 44.6784
3 5 0.250 0.250 0.500 0.000 0.000 0.000 78.6361 31.585
20 6 0.250 0.250 0.000 0.250 0.000 0.250 87.5866 49.5597
1 7 0.750 0.250 0.000 0.000 0.000 0.000 84.0703 42.3813
28 8 0.333 0.333 0.083 0.083 0.083 0.083 87 47.0904
18 9 0.250 0.250 0.250 0.000 0.000 0.250 89.8242 54.4985
15 10 0.250 0.500 0.000 0.000 0.000 0.250 94.2994 53.6371
8 11 0.500 0.250 0.250 0.000 0.000 0.000 85.9084 37.0406
11 12 0.500 0.250 0.000 0.000 0.000 0.250 100.053 56.2213
25 13 0.292 0.292 0.042 0.292 0.042 0.042 90.4635 40
14 14 0.250 0.500 0.000 0.000 0.250 0.000 77.0378 56.6807
13 15 0.250 0.500 0.000 0.250 0.000 0.000 95.7379 41.9219
17 16 0.250 0.250 0.250 0.000 0.250 0.000 117.315 63.1126
9 17 0.500 0.250 0.000 0.250 0.000 0.000 90.5434 35.2029
22 18 0.542 0.292 0.042 0.042 0.042 0.042 93 52.7182
26 19 0.292 0.292 0.042 0.042 0.292 0.042 84.39 58.5758
23 20 0.292 0.542 0.042 0.042 0.042 0.042 90.7032 53.2351
7 21 0.500 0.500 0.000 0.000 0.000 0.000 86.9473 44.3338
21 22 0.250 0.250 0.000 0.000 0.250 0.250 82.7917 50.536
27 23 0.292 0.292 0.042 0.042 0.042 0.292 85.7485 53
6 24 0.250 0.250 0.000 0.000 0.000 0.500 98.8546 59.6095
5 25 0.250 0.250 0.000 0.000 0.500 0.000 60.2557 60
16 26 0.250 0.250 0.250 0.250 0.000 0.000 64.3314 31.8147
2 27 0.250 0.750 0.000 0.000 0.000 0.000 93.2605 46.6884
19 28 0.250 0.250 0.000 0.250 0.250 0.000 84.7096 48.2389

2.5. Data Analysis. Glucose and xylose released in each assay
served as the response for experimental design in experiment
1, while in experiment 2 assay responses were expressed as a
percentage yield of glucose in prehydrolyzed samples relative
to the controls, where the residues were not prehydrolyzed.
For experiments 1 and 2, ANOVA calculations were con-
ducted and are reported in Tables 6 and 7, respectively.

3. Results and Discussions

One increasingly important aspect of modern livestock pro-
duction is the use of feed additives that aim to improve the
efficiency of feed utilization and thereby contribute to the
sustainability of meat and milk production. In monogastrics,
exogenous enzymes have been used to remove antinutritional
factors from feeds, to increase the digestibility of existing
nutrients, and to complement the activity of endogenous
enzymes [3, 4]. Digestion of plant cell walls to volatile
fatty acids by ruminal microorganisms is a key step in the
derivation of energy from recalcitrant substrates such as
cereal straws by ruminants. Sufficient intake of digestible
forage with an appropriate profile of nutrients is critical

for optimal ruminant production. Hence, identification of
those plant cell wall components that resist rumen diges-
tion is vital for developing effective and efficient additives
that improve the utilization of forages by ruminants. In
this study, we used enzymatic fingerprinting of undigested
fiber residue that has passed through the digestive tract
(TIFR) to identify major undigested components of feed.
We used two commercial enzymes (Accellerase 1500 and
Accellerase XC) as core enzyme preparations as these two
preparations are comprehensive and are routinely used for
cell wall digestion. An enzyme cocktail containing 49%
Accellerase 1500, 25% Accellerase XC, 25% of endoglucanase
EGL7A THITE, and 1% of 𝛽-glucosidase E-BGLUC activity
resulted in the highest yield of glucose and xylose from
AP treated barley silage (Figure 1(a)). Interestingly, enzyme
fingerprinting of AP treated TIFR from cattle fed barley silage
showed the highest sugar yield for the enzyme mix con-
taining supplemental acetyl xylan esterase AXE16B ASPNG
(25%) and 𝛽-glucosidase E-BGLUC (25%) activity in addi-
tion to Accellerase 1500 (25%) and Accellerase XC (25%)
(Figure 1(b)). These results suggest that effective digestion of
AP treated TIFR increases with supplemental acetyl xylan
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Table 6: ANOVA calculations of 𝐹-value, 𝑃 value, 𝑅2, adjusted 𝑅2, predicted 𝑅2, and adequate precision as calculated by the Design-Expert
software for enzymatic fingerprinting of barley silage and tract indigested fiber residue (TIFR).

Source Enzyme source 𝐹-value 𝑃 value 𝑅-square Adjusted
𝑅-square

Predicted
𝑅-square

Difference between
Adj and Pred
𝑅-square

Adequate
precision

AP pretreated
barley silage feed

Accell1500 + AccellXC +
EGL7A THITE +

E-BGLUC
129.1 <0.0001 0.98 0.97 0.86 0.11 52.3

AP pretreated
TIFR

Accell1500 + AccellXC +
AXE16B ASPNG +

E-BGLUC
16.60 <0.0001 0.88 0.83 0.71 0.12 16.8

Table 7: ANOVA calculations of 𝐹-value, 𝑃 value, 𝑅2, adjusted 𝑅2, predicted 𝑅2, and adequate precision as calculated by the Design-Expert
software for enzymatic prehydrolysis of alfalfa hay and barley straw on final saccharification yield from rumen mix enzyme digestion.

Feedstock Enzyme source 𝐹-value 𝑃 value 𝑅-square Adjusted
𝑅-square

Predicted
𝑅-square

Difference between
Adj and Pred
𝑅-square

Adequate
precision

Alfalfa
Enzyme pretreatments
followed by rumen

enzyme mix
129.1 <0.0001 0.98 0.97 0.86 0.11 52.3

Barley
Enzyme pretreatments
followed by rumen

enzyme mix
16.60 <0.0001 0.88 0.83 0.71 0.12 16.8

esterase as well as 𝛽-glucosidase activity. With 22–50% of
xylose residues being acetylated at the 0–2 and or 0–3 posi-
tions, acetylation has been reported to be an important factor
influencing the digestibility of plant cell walls in ruminants
[13]. In addition, arabinoxylan one of the main components
in hemicellulose that forms the backbone structure of 𝛽-1, 4-
linked xylose with arabinose side chains has been reported
to be ester-linked to p-coumaric and ferulic acid and cross-
linked to lignin via ferulic acid [14, 15].

Relatively lower yields were observed when the enzyme
mix contained a higher percentage of core enzymes (only
Accellerase 1500 and Accellerase XC, Tables 2 and 3).
However, assays with high xylanase levels (Accellerase XC)
produced higher glucose and xylose yield as compared to
assays with high endoglucanase (Accellerase 1500) both from
barley silage and TIFR (Tables 2 and 3). These results reflect
the layered structure of cellulose and xylan chains within
plant cell walls as xylan hydrolysis significantly improved the
activity of cellulases against cellulose. Comparative analysis
of results from enzymatic fingerprinting experiment for AP
treated barley silage versus AP treated TIFR demonstrates
that TIFR still contains a significant amount of residual sugars
that could be released if digested with a suitable enzyme
cocktail (Figure 1). Comprehensive saccharification of AP
pretreated barley silage released 252mg/g of glucose and
78mg/g of xylose while 117mg/g of glucose and 63mg/g of
xylose were released fromAP TIFR.Thus, significant glucose
(40%) and xylose (80%) were still recoverable from TIFR
even after it had been subject to digestionwithin the intestinal
tract of cattle (Figure 1). These results also suggest that cattle
feces have considerable potential as a feedstock for biofuel
production. Using manure as a feedstock for bioethanol

production addresses some of the serious concerns raised
against first generation biofuels in terms of their impact on
biodiversity, competition for fuel versus food and carbon
emissions.

The high abundance of xylose in AP treated TIFR
and critical requirement of acetyl xylan esterase reflects
(Figure 1(b)) the recalcitrant nature of xylan and its cross-
linked nature within the cell wall architecture. An abundance
of undigested xylan and esterified hemicellulose components
were also supported by differential spectra of barley silage
versus TIFR by FTIR analysis. Peaks within the range of
1020 cm−1 to 1130 cm−1 corresponded to undigested ara-
binoglucuronoxylan, xyloglucan, arabinan, and pectin [16]
and were reflective of an abundance of cross-linked hemicel-
lulose within TIFR (Figure 2). Lignin was also concentrated
in TIFR as indicated by spectral differences at 1508 cm−1

(aromatic skeletal vibration in lignin), 1541 cm−1 (C–H
deformations; asymmetrical in –CH

3
and –CH

2
), 1653 cm−1

(adsorbed O–H and conjugated C–O), and 1688 cm−1 (C=O
in lignin) (Figure 2) [17]. Cross-linked esterified xylan and
pectin in undigested residue were evident at peak 1714 cm−1
(C=O from xylan), 1738 cm−1 to 1747 cm−1 (unconjugated
C=O stretch in xylan from acetic acid ester and pectin)
[16, 17]. Our results are consistent with the notion that cross-
linked xylan or ferulate-polysaccharide-lignin complexes are
in part responsible for the recalcitrance of cellulose microfib-
rils [18, 19]. Similar results have been reported previously
[9, 12] for barley straw where esterified pectin or xylan cross-
linked to lignin was identified as the major factor responsible
for the recalcitrance of these forages tomixed rumen enzymes
as well as to commercial enzymes preparations.
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Accellerase 1500
Accellerase XC

E-BGLUC

SE mean: 28.64

SE pred: 41.07

SE mean: 2.69

SE pred: 3.87

49%
25%

25%

1%

EGL7A THITE

Glucose prediction: 252.8mg/g

Xylose prediction: 78.52mg/g

(a)

25%

25%25%

25% SE mean: 4.22
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Accellerase 1500
Accellerase XC
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AXE16B ASPNG

Glucose prediction: 117.136mg/g

Xylose prediction: 63.69mg/g

(b)

Figure 1: Enzyme fingerprinting of barley silage (a) and tract indigested fiber residues (TIFR) (b) for glucose and xylose released.
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Figure 2: FTIR spectral difference for feed versus tract indigested
fiber residues (TIFR) showing major undigested plant cell wall
components after rumen digestion.

We hypothesize that prehydrolysis of the forage with
efficient auxiliary enzymes like esterases prior to consump-
tion may increase fiber digestibility in ruminants by reduc-
ing recalcitrant cross-linked xylan content. This would be
beneficial to ruminant production in the form of increased
efficiency of meat and milk production.

Based on the results from the enzyme fingerprinting
(experiment 1) we selected recombinant enzymes (namely
acetyl xylan esterase AXE16A ASPNG and AXE16B ASPNG,
polygalacturonase PGA28A ASPNG, arabinofuranosidase
ABF54B ASPNG, and ferulic acid esterase FAE 1a) and
endoglucanase EGL7A THITE for prehydrolysis with an aim
to increase the sugar yield from substrates exposed to mixed
rumen enzymes. We specifically selected barley straw as the
substrate in experiment 2 with the expectation that it would
represent even a more recalcitrant forage source than barley
silage. The model predicted a significant increase in glucose
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50%50%

Prediction: 209.9

SE mean: 28.64

SE pred: 41.07

Barley

FAE-1A EGL7A THITE

(a)

50%50%
Prediction: 175.28

SE mean: 1.84

SE pred: 2.67

Alfalfa

PGA28A ASPNG ABF54B ASPNG

(b)

Figure 3: Optimization of enzyme ratios for enzyme prehydrolysis to aid high relative glucose yield from mixed rumen enzymes digestion
of barley straw (a) and alfalfa hay (b).

yield as result of enzymatic prehydrolysis of alfalfa hay and
barley straw prior to digestion by mixed rumen enzymes
(Figure 3). Prehydrolysis of barley straw with a mixture of
endoglucanase GH 7 (EGL7A THITE) and feruloyl esterase
(FAE 1a: 1 : 1) prior to exposure to mixed rumen enzymes
resulted in a 100% increase in glucose release as compared
to the untreated control (Figure 3(a)), while for alfalfa hay,
a 75% higher glucose yield was predicted by the model as a
result of enzymatic prehydrolysis of alfalfa with a 1 : 1 ratio of
polygalacturonase (PGA28A ASPNG) and arabinofuranosi-
dase (ABF54B ASPNG) prior to digestion by mixed rumen
enzymes (Figure 3(b)). These results are in agreement with
major structural disparity between alfalfa and barley plant
cell walls.The carbohydrates within barley plant cell walls are
mainly cellulose and hemicellulose with a negligible amount
of pectin [20], whereas alfalfa cell wall contains pectin and
xylan in roughly similar proportions, each accounting for
15–20% of total cell wall carbohydrates [21]. Effectiveness
of esterase (FAE 1a) as a prehydrolysis for barley straw
digestion by mixed rumen enzymes is in accordance with
earlier reports regarding esterified cross-linkages being the
major factor limiting the hydrolysis of barley straw by rumen
microbes [9]. However, the hydrolysis of hemicellulose in
alfalfa by mixed rumen enzymes was enhanced by the
addition of polygalacturonase (PGA28A ASPNG) and arabi-
nofuranosidase (ABF54B ASPNG). These results suggested
that multienzyme mixtures have potential as feed additives
by initiating degradation of plant structural polysaccharides
prior to ingestion by the ruminant animal.

Predictions made by our micromodel were also val-
idated in scale-up assays that used a solid load of 2%
w/v of barley straw or alfalfa hay. The effect of enzyme
prehydrolysis on the subsequent enhancement of cell wall
hydrolysis was studied by sequential or simultaneous addi-
tion of recombinant enzymes to mixed rumen enzymes
for barley straw and alfalfa hay. Results of hydrolysis of
barley straw and alfalfa hay by mixed rumen enzymes
after 48 h of prehydrolysis by endoglucanase EGL7A THITE
(50%) and ferulic acid esterase FAE 1a (50%) for barley
straw and polygalacturonase PGA28A ASPNG (50%) and
arabinofuranosidase ABF54B ASPNG (50%) for alfalfa hay
confirmed that these mixtures increased the release of glu-
cose and xylose (𝑃 < 0.05) as a result of prehydrolysis
(Figures 4(a) and 4(b)). Supplementation of rumen mixed
enzymes with endoglucanase EGL7A THITE (50%) and
ferulic acid esterase FAE 1a (50%) during the digestion of
barley straw and polygalacturonase PGA28A ASPNG (50%)
and arabinofuranosidase ABF54B ASPNG (50%) with alfalfa
hay enhanced (𝑃 < 0.05) digestion as compared to mixed
rumen enzymes alone (Figures 4(c) and 4(d)). A direct rela-
tionship was observed between xylan conversion (fraction of
available xylan converted) and glucose conversion (fraction
of available glucan conversion) during the hydrolysis of plant
cell walls (Figure 5). However, a stronger correlation between
xylan and glucan digestion with added auxiliary enzymes
for optimized mixed rumen enzymes (Figure 5) suggested
improved glucan conversion, perhaps due to better xylan
saccharification.
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Figure 4: Glucose and xylose released as result of sequential ((a), (b)) and simultaneous ((c), (d)) hydrolysis of barley straw and alfalfa
(biomass load: 2%, 30mg of protein load/g of glucan in 5mL reaction volume). Error bars (often invisible) represent SD of the mean (𝑛 = 8).

Comprehensive digestion of cell wall requires a battery
of carbohydrases. Moreover, yields of recombinant enzymes
from expression systems are often low. Hence, a microassay
for screening novel enzymes against diverse biomass with
ability to study synergy among hydrolases at low protein
load is critical for development of enzyme formulations as
additives to enhance ruminal digestion. In this study we
successfully developed a microassay in combination with
experimental design, to screen a number of recombinant
enzymes at low protein loads, to enhance ruminal digestion
of barley straw and alfalfa through augmentation of natural
enzymatic activity in the rumen. Development of enzyme
formulations that further enhance the utilization of low
quality cellulosic feedstocks will ensure the sustainability of

the beef industry in an environment of increasing demand
for human food.

4. Conclusion

Enzyme fingerprinting was successfully used to identify
principal recalcitrant constituent of barley silage. Cross-
linked hemicelluloses as well as layered structure of cellulose
and xylan were identified as prime recalcitrant factors to
digestion. Partial digestion of hemicellulose in alfalfa hay and
barley straw prior to ingestion with a cocktail of auxiliary
enzymes significantly improved the hydrolysis of cellulose by
mixed rumen enzymes. These results strengthen the rational
of enzyme pretreatments targeting particular forage types.
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Figure 5: Change in glucan conversion plotted against change in xylan conversion for simultaneous hydrolysis of barley straw (a) alfalfa hay
(c) by optimized enzyme mix and their respective controls ((b), (d); only rumen mix enzymes). Optimized enzyme mix composition used
for barley straw and alfalfa hay digestion was identical to those used in Figure 3. Final enzymes load of 30mg/g glucan with 2% solid load in
5mL reaction volume was used.

These same approaches could be used to improve the value
of animal waste as a feedstock for biofuel production.
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A studywas carried outwith a newly isolated bacterial strain yielding extracellular amylase.Thephylogenetic tree constructed on the
basis of 16S rDNA gene sequences revealed this strain as clustered with the closest members of Bacillus sp. and identified as Bacillus
subtilis BI19. The effect of various fermentation conditions on amylase production through shake-flask culture was investigated.
Rice flour (1.25%) as a cheap natural carbon source was found to induce amylase productionmostly. A combination of peptone and
tryptone as organic and ammonium sulfate as inorganic nitrogen sources gave highest yield. Maximum production was obtained
after 24 h of incubation at 37∘C with an initial medium pH 8.0. Addition of surfactants like Tween 80 (0.25 g/L) and sodium lauryl
sulfate (0.2 g/L) resulted in 28% and 15% increase in enzyme production, respectively. Amylase production was 3.06 times higher
when optimized production conditions were used. Optimum reaction temperature and pH for crude amylase activity were 50∘C
and 6.0, respectively.The crude enzyme showed activity and stability over a fair range of temperature and pH.These results suggest
that B. subtilis BI19 could be exploited for production of amylase at relatively low cost and time.

1. Background

Amylase represents a group of extracellular enzymes (con-
sisting of 𝛼-amylase, 𝛽-amylase, and glucoamylase) that act
on starch or oligosaccharide molecules in a random manner
and hydrolyze into diverse products including dextrins and
progressively smaller polymers composed of glucose units
[1]. They have most widely been reported to occur in
micro-organisms (fungi, yeast, bacteria, and actinomycetes),
although they are found in plants and animals [2]. In present
day they have found applications in all the industrial pro-
cesses such as in food, detergents, textiles, pharmaceutical,
paper and fine chemical industries for the hydrolysis of
starch [3–5]. Amylase has great significance in present-day
biotechnology having approximately 25–30% of the world

enzyme market [6]. These extensive potentials of amylase
to be used in broad range of industries have placed greater
stress on researchers to search for more efficient amylase
production.

The genus Bacillus has been becoming a reliable option
to find out novel and promising bacteria for the production
of amylase and other extracellular enzymes. Different species
of Bacillus, most notably, B. subtilis, B. licheniformis, B. amyl-
oliquefaciens, and B. stearothermophilus, are reported to pro-
duce approximately 60% of commercially available enzymes
[7]. Short fermentation cycle, capacity to secrete proteins
into the extracellular medium, safe handling, eco-friendly
behavior, easy manipulation to obtain enzymes of desired
characteristics, high enzymatic activity in a wide range of
conditions (extreme pH, temperature, osmolarity, pressure,
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etc.), and simple and cost effective production havemade this
genus as bacterial workhorses for the production of a variety
of enzymes as well as fine biochemicals for decades [8, 9].
Different Bacillus species have similar growth patterns and
enzyme profiles but depending upon the strain their general
properties (thermostability, pH profile, pH stability, etc.) and
optimized fermentation conditions may vary [10]. Thus it is
really challenging to obtain a strain that can produce amylase
meeting specific industrial demands.

There is no local production and thereby availability of
amylase in Bangladesh. As a result, most of the existing
and growing starch based industries are using expensive
chemicals for starch hydrolysing based purposes. Keeping in
mind the growing demand of amylases by different industrial
sectors this study was carried out to obtain laboratory scale
fermentation of amylases in shake flask culture by newly
isolated B. subtilis BI19 along with optimization of medium
components and culture conditions for enhanced produc-
tion, thereby to understand its potential for biotechnological
application.

2. Materials and Methods

2.1. Isolation and Screening of Amylolytic of Bacteria. The
soil samples were collected from different areas of Savar,
Dhaka, in themonth ofAugust, 2011. Bacteriawere isolated by
serial dilution and spread plate method in nutrient agar (NA)
(Oxoid, UK). Before spreading diluted soil samples were
heated at 90∘C for 15min. Isolated pure cultures were primar-
ily screened for amylase activity by employing zone clearing
technique on starch agar plate containing 1% starch (BDH,
England) fortified with NA [11]. Then they were assessed for
potency index (PI) according to Ball and McGonagle (1978)
[12]. Higher PI value indicates the greater ability of an isolate
to produce extracellular enzyme [13].

2.2. 16S rDNA Sequence Analysis for Identification of Bacteria.
DNA was extracted from single colony by alkaline lysis [14,
15]. Extracted DNA was stored at −20∘C for further molec-
ular analyses. 16S rDNA amplification and sequencing was
performed as described by Rahman et al. (2014a, b) [14, 15].
Primers used to amplify 16S rDNA sequence were forward:
63F 5CAGGCCTAACACATGCAAGTC [16] and reverse:
1389R 5ACGGGCGGTGTGTACAAG [17] in a PCR thermal
cycler (ICycler 170-8740, USA).The amplifiedDNAwas visu-
alized by gel electrophoresis and sequenced. The 16S rDNA
sequence was analyzed using Chromas LITE (Version 2.01);
the most similar bacterial species was found in the GenBank

by using BLAST search (http://www.ncbi.nlm.nih.gov/).
Neighbor-joining phylogenetic trees were constructed based
on 16S rDNA sequences using ClustalW.

2.3. Preparation of Inoculum. Vegetative inoculums were
used in the present studies. Fifty (50)mL of inoculum
medium containing nutrient broth 13 g/L, pH 7.4, was trans-
ferred to a 250mL Erlenmeyer flask and was sterilized in an
autoclave (CL-40M, Japan) at 15 lbs/inch2 pressure at 121∘C
for 20min. After cooling at room temperature, a loopful of
freshly grown bacterial culture was aseptically transferred to
it. The flask was incubated overnight at 37∘C and 150 rpm in
a rotary shaking incubator (Stuart SI 500, UK).

2.4. Submerged Fermentation for Amylase Production. Amy-
lase production was carried out in basal medium con-
taining 1.0% starch, 1% peptone, 0.8% (NH

4
)
2
SO
4
, 0.2%

MgSO
4
⋅7H
2
O, 0.05% CaCl

2
⋅2H
2
O, 1.4% K

2
HPO
4
, and 0.6%

KH
2
PO
4
(a slightmodification of Sarikaya andGürgün, 2000;

a single nitrogenous source instead of two was used) [18].
One (1)mL (2%) of 24 h grown inoculums was cultivated in
250mLErlenmeyer flasks containing 50mL (w/v) ofmedium
with an initial pH 7.0. The cultures were shaken at 150 rpm
in an orbital shaker incubator at 37∘C for at least 72 h
unless otherwise stated. After incubation, fermented broth
was centrifuged in a refrigerated centrifugemachine (Hitachi
CF16RXII, Japan) at 8000 rpm for 15min at 4∘C. Cell free
supernatant was collected and preserved for the estimation of
amylase activity. To optimize the medium components vari-
ous carbon sources, organic and inorganic nitrogen sources,
and added surfactants and polyhydroxy alcohols were varied
in different concentrations in the basal medium one at a time
while other ingredients were kept constant.

2.5. EnzymeAssay. Amylasewas determined by using soluble
starch, 1% (w/v), as substrate in 0.05M sodium phosphate
buffer (pH 6.5) essentially according to Gomes et al. (2001)
[19]. The reaction mixture containing 1.8mL substrate solu-
tion and 0.2mL suitably diluted enzyme solution was incu-
bated at 50∘C for 10min.The reaction was stopped by adding
3mL dinitrosalicylic acid (DNS).The reducing sugar released
was determined by the method of Miller (1959) [20]. The
absorbance wasmeasured at 540 nmwith spectrophotometer
(Jenway 6305, USA). One unit (U) of enzyme activity is
defined in all cases as the amount of enzyme releasing
1 𝜇g of reducing sugar as maltose per minute, under assay
conditions.

Enzyme Activity (U/mL/min) =
Sugar released (𝜇g) × Total volume of reactive media (mL) × Dilution factor (DF)
Molecular weight of maltose × Enzyme used (mL) × Time of incubation (min)

.

(1)

2.6. Partial Characterization of Crude Amylase. Enzyme
samples were incubated for 10min at temperatures ranging
from 30 to 90∘C in 0.05M sodium phosphate buffer (pH 6.5).

Thermal stabilities were determined by heating enzyme with-
out the substrate fractions at various temperatures between
30 and 60∘C for 1 h. At 10min intervals, aliquots of 1mL of
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Figure 1: The production of amylase by Bacillus subtilis BI19 in shake flask fermentation. (a) Effect of different carbon sources and (b) effect
of different concentrations of rice flour. Each value is an average of three replicates, pH 7.0, incubation period 72 h, incubation temperature
37∘C, agitation speed 150 rpm, and inoculums volume 2%.

the incubated enzymewere assayed for activity.The optimum
pH for the enzyme activity was determined in different pH
(4.0–9.0). The pH stability was determined by incubating the
enzyme in 0.05M sodium phosphate buffer (pH 6.5) with
different pH values for 2 h at room temperature (25∘C).

2.7. Statistical Analysis. A statistical package (SPSS version
11.0, SPSS Inc., Chicago, IL) was used for the data analysis.
Each experiment was run in triplicate. Mean values and
standard deviations were calculated.

3. Results and Discussion

3.1. Isolation, Screening, and Identification of Amylolytic Bacte-
ria. Isolation and selection of suitable organism are essential
for the production of extracellular amylases. Members of
genus Bacillus were found to be better producer of different
types of amylase [21, 22]. In this connection, a total of 35
morphologically well-formed single colonies were selected
from different soil samples on the basis of their morpho-
logical differences in NA plates. Among them 19 strains
were found to be positive as amylase producers. Finally, BI19
strain was selected as the best amylase producer according
to highest potency index value. On the basis of multiple
sequence alignments to rooted phylogenic tree with branch
length (UPGMA) of 16S rDNA sequence by CLUSTALW, the
strain BI19 exhibited high level (99%) of similarity with the
known sequences in the public databases inNCBI andBLAST
results and identified as Bacillus subtilis (accession number
FJ527663).

3.2. Optimization of Carbon Sources, Organic Nitrogenous,
and Inorganic Nitrogenous Sources for Amylase Production.
The cell growth and production of amylase by Bacillus sp. is
reported to be dependent on the strain, composition, and
concentration of media, methods of cultivation, cell growth,
nutrient requirements, pH, temperature, time of incubation,
and thermostability [22, 23]. Thus to enhance the final
production level it is essential to screen various medium

components and cultural conditions associated with the
growth of the inoculum [24].

The production of amylase by B. subtilis reported to be
effected by various carbon sources [5]. In our study, rice flour,
starch and corn flour were found to be the stimulator of amy-
lase production (Figure 1(a)). It may be due to starch and rice
flour metabolized slowly by the bacterium as complex car-
bohydrate sources with increasing accumulation of inducible
amylase in the fermentation medium [25]. Rice flour at
a concentration of 1.25% (w/v) supported optimal enzyme
production, followed by a decline at higher concentrations
(Figure 1(b)). This can be attributed to the high viscosity of
culture broth at such concentrations that interferes with O

2

transfer leading to limitations of dissolved O
2
for growth of

bacteria [26]. Hence, these starch-rich rice and corn flours
may prove useful and cheaper alternative natural sources of
carbon and energy for the bacterial production of amylase.

The nature and relative concentration of different com-
plex nitrogenous sources in the growth medium are both
important in the synthesis of amylase. Like lower levels,
higher levels of nitrogen are equally detrimental causing
enzyme inhibition [27]. Various complex nitrogen sources
were added separately and in combination as replacement of
peptone (1%) to the original medium to assess their effects
on the final production (Figure 2(a)). It has been previously
found that organic nitrogen sources like peptone and yeast
extract usually have stimulating effects [28] and our findings
are similar to them. Yeast extract also reported to serve as
good organic nitrogen source for 𝛼-amylase synthesis from
B. amyloliquefaciens [27]. Bozic et al. (2011) [29] found casein
to be the best nitrogen source for 𝛼-amylase production from
B. subtilis IP 5832. Albeit peptone as single replacement was
significant; all the combination of peptone, tryptone, and
yeast extract gave better results for amylase production in this
experiment. Nusrat and Rahman (2007) [21] reported similar
results for 𝛼-amylase production by B. licheniformis and B.
subtilis. As a single organic nitrogen source, 1.2% of peptone
was found to produce maximum amylase (7.82U/mL/min)
(Figure 2(b)). Inorganic nitrogen sources likely ammonium
salts have been reported to induce amylase production [4].
Our findings are in good agreement with these studies.
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Figure 2: The production of amylase by Bacillus subtilis BI19 in shake flask fermentation. (a) Effect of different organic nitrogen sources and
(b) effect of different concentrations of peptone.
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Figure 3: The production of amylase by Bacillus subtilis BI19 in shake flask fermentation. (a) Effect of different inorganic nitrogen sources
and (b) effect of different concentrations of ammonium sulfate.

Presence of 1% (NH
4
)
2
SO
4
was found to give maximum yield

(7.31 U/mL/min) of amylase in this experiment (Figures 3(a)
and 3(b)). The decline in amylase production at increased
nitrogen concentration could be due to the lowering of pH
of the production medium or induction of protease, which
suppresses the amylolytic activity [23]. Swain et al. (2006)
[30] reported to find suppressed 𝛼-amylase production by
newly isolated B. subtilis when 1% ammonium sulphate was
used in the fermentation medium which is contrary with our
findings.

3.3. Effect of Added Glucose, Surfactants, and Polyhydroxy
Alcohols on Production of Amylase. Addition of free glucose
in the fermentation medium was found to suppress amylase
production greatly as shown in Figure 4(a). The inhibitory
effect of glucose on 𝛼-amylase synthesis increased with the
increase of glucose concentration in the medium. Addition
of 2% glucose resulted in about 54% of production loss
(3.33U/mL/min). Similar results were found by Nusrat and
Rahman (2007) [21]. The most possible reason may the
suppression of synthesis of carbohydrate degrading enzymes

by readily metabolizable substrates such as glucose and
fructose (mediated by the protein encoded by the CreA gene)
[31].

Addition of surfactants and polyhydroxy alcohols in
production medium reported to increase amylase secretion
[32]. In this study, amylase production was found to increase
by 28%, 15%, and 12%, respectively, in culture medium
over control due to addition of Tween 80 (0.025%), sodium
lauryl sulfate (0.02%), and sorbitol (0.3%) whereas glycerol
(0.3%) and mannitol (0.3%) were found to suppress the
production (Figure 4(b)). This increase in production might
be due to increase in cell membrane permeability [33] and/or
modification (swelling) of starch [34]. Palit and Banerjee
(2001) [35] found the similar result with B. circulans.

3.4. Optimization of Incubation Temperature, Initial Medium
pH, Incubation Period, and Agitation Speed for Amylase Pro-
duction. The influence of temperature on amylase produc-
tion is related to the growth of the organism.The temperature
range of 35–45∘C reported to be preferred for the biosynthesis
of amylases by Bacillus strains [3, 4]. B. amyloliquefaciens,
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Figure 4: The production of amylase by Bacillus subtilis BI19 in shake flask fermentation. (a) Effect of addition of different concentrations of
glucose in basal medium and (b) effect of addition of various elements in basal medium.

B. subtilis, B. licheniformis, and B. stearothermophilus are
among the most commonly used Bacillus sp. reported to
produce amylase at temperatures 37–60∘C [36]. In the present
study, production of amylases was found to be optimum as
the fermentation was carried out at 37∘C (Table 1). Further
increase in the temperature gave insignificant production
which might be due to the very sensitiveness of the organism
to temperature [3].

The pH ranges from 6.0 to 7.0 have been reported for
normal growth and enzyme activity in Bacillus strain isolated
from soil [37]. When pH is altered below or above the
optimum, activity decreased due to denaturation of proteins
[38]. It is evident from the results of the present study that
amylase production by the B. subtilis BI19 is better at neutral
to alkaline range of pH (Table 1). The production was found
to be optimum (7.77U/mL/min) when the initial pH of
the fermentation medium was maintained at 8.0. Further
increase or decrease in pH resulted in gradual reduction of
amylase production. These findings agree with those studies
reported for B. thermoleovorans NP54 [39], B. licheniformis
[40], B. subtilis JS-2004 [41], and B. brevis [42].

Optimization of incubation period was found to be very
critical formaximumproduction of amylase [9]. In this study,
the production of amylases was highest (8.67U/mL/min)
at 24 h after inoculation and decreased rapidly thereafter
(Table 1). It might be due to that the organism entered in
the stationary phase and fermentation approached its end
point [43]. Maximum studies revealed that the production of
amylase increased up to the level of 72 h of incubation [21].
Possible reason for amylase inactivation after 24 h might be
due to release of high levels of intracellular proteases and/or
secondary metabolites in the culture medium at the end of
exponential phase. The present work is more encouraging
as there was reduction in time period that can save energy
requirement of the fermentation conditions and provide
relatively efficient handling. Similar results were supported by
Abate et al. (1999) [44].

Proper agitation is a basic need in order to achieve a good
mixing, mass, and heat transfer in submerged fermentation
[45]. In our study, amylase production was found to be
increased steadily with the increase of agitation speed up to
150 rpm and the range of 140–170 rpm was found optimum

(Table 1). Our findings are in good agreementwithNusrat and
Rahman (2007) [21] and Sarikaya and Gürgün (2000) [18].

3.5. Effect of Volume of Fermentation Medium and Inoculums
Size on Production of Amylase. Volume of fermentation
medium plays critical roles in air and nutrient supply, growth
of microorganisms, and production of enzyme [46]. In
our study, maximum production was obtained at 50mL of
fermentationmedium (Table 1). As the volumeof themedium
increased, the production was decreased most probably due
to reduction in the agitation rate of medium that took
place with high volume of fermentation medium leading
to reduction in air supply as well as insufficient supply of
nutrients required for biomass and enzyme synthesis [47].

Inoculum level reported to play critical role in submerged
production [31]. In this investigation, production level was
found to increase with increase in size of inoculum and found
to be optimal at 2% (v/v) (Table 1). Further increase in the
inoculum size greatly decreased the production that might
be due to rapid growth of bacteria and rapid consumption
of essential nutrient sources by bacteria in the initial stages.
Malhotra et al. (2000) [39] also reported the similar findings.

3.6. Effect of Temperature on Activity and Stability of Crude
Amylase. The effect of temperature on amylase activity was
assayed at different temperatures ranging from 30 to 90∘C
at optimum pH 8.0. The optimum temperature for amylase
activity was found to be between 40 and 60∘C (Figure 5(a)).
Amylase retained 100% relative activity when incubated at
50∘C and, as temperature increased from 60 to 80∘C, the
activity was swiftly declined. At 80∘C, the activity was the
least (12%) and no activity was found at 90∘C.These findings
are comparable with that reported for the production of
𝛼-amylase using B. amyloliquefaciens by Demirkan (2011)
[48]. In our study, crude amylase was heated at different
temperatures for 1 h followed by testing its activity. The
results showed that room temperature (25∘C) was suitable
for a long term stability of enzyme activity retaining 100%
relative activity (Figure 5(b)). The enzyme retained above
60% relative activity even after heating at 50∘C for 1 h. Thus
these results concluded that the crude enzyme is moderately
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Figure 5: Partial characterization of crude amylase. (a) Effect of temperature on activity of crude amylase. (b) Effect of temperature on stability
of crude amylase. (c) Effect of pH on activity of crude amylase. (d) Effect of pH on stability of crude amylase.

temperature stable. These findings agree with that reported
by Yang and Liu, 2004 [49].

3.7. Effect of pH on Activity and Stability of Crude Amylase. A
good industrial catalyst should be stable under the toughest
operating conditions and for long durations [50]. When the
crude amylase was treated at different pH, maximum activity
was obtained at slightly acidic pH 6.0, retaining 100% activity

as stated in Figure 5(c). There was a dramatic decline over
activity when pH changes from 7.0 to 9.0 (retaining only 10%
activity). The amylase retained more than 80% of its original
activity between pH 5.0 and 7.0. The present study indicates
that this enzyme prefers slightly acidic and/or alkaline pH
for optimal activity. Similar preferred conditions for amylase
activity have been found in previous studies [48]. Gupta et al.
(2003) [51] stated this value as within the range of values
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Table 1: Effect of different culture conditions for production of
amylase by Bacillus subtilis BI19 in shake-flask fermentation.

Culture conditions
Amylase
activity

(U/mL/min)

Relative
activity (%)

Incubation temperature (∘C)
30 4.12 ± 0.31 56.82
32 5.59 ± 0.19 77.10
35 6.78 ± 0.94 93.51
37 7.25 ± 0.13 100.00
40 6.83 ± 0.45 94.20
42 5.20 ± 0.53 71.72
45 4.91 ± 0.45 67.72

Initial pH
6.0 4.75 ± 0.47 52.90
6.5 5.37 ± 0.81 69.11
7.0 7.19 ± 0.19 92.53
7.5 7.51 ± 0.26 96.65
8.0 7.77 ± 0.10 100.00
8.5 6.60 ± 0.43 84.94
9.0 4.99 ± 0.53 64.22

Incubation period (h)
12 3.61 ± 0.09 41.63
24 8.67 ± 0.08 100.00
36 7.44 ± 0.21 85.81
48 7.38 ± 0.14 85.12
60 7.29 ± 0.18 84.08
72 7.17 ± 0.07 82.70

Agitation speed (rpm)
100 2.43 ± 0.23 33.20
120 3.94 ± 0.07 53.82
140 6.87 ± 0.22 93.85
150 7.32 ± 0.15 100.00
160 7.04 ± 0.17 96.17
170 6.73 ± 0.09 91.93
180 5.81 ± 0.23 79.37

Fermentation medium (mL)
25 4.62 ± 0.52 63.55
50 7.27 ± 0.01 100.00
75 6.54 ± 0.19 89.96
100 6.04 ± 0.18 83.08
125 5.88 ± 0.07 80.88
150 5.09 ± 0.43 70.01
175 4.14 ± 0.31 56.95

Inoculum size (v/v %)
1 5.98 ± 0.11 82.48
2 7.25 ± 0.61 100.00
3 7.00 ± 0.12 96.55
4 6.66 ± 0.19 91.86
5 4.27 ± 0.18 58.90

Data represent as mean for three replicates ± standard deviation.

for most starch degrading bacterial enzymes. The enzyme
was found to be stable over a wide pH range (5.0 to 8.0)
(Figure 5(d)). More than 60% residual activity was obtained
at this range. From pH 4.0 to 6.0, there was a massive

retention of about 60% activity. The possible reason may
be the inhibition of enzyme active site by changing in the
concentration of hydrogen ions.

4. Conclusion

Optimization ofmedium components and culture conditions
for enhancing final production of amylase by B. subtilis BI19
and partial characterization of the crude amylasewere carried
out in this study. The most emerging and significant findings
were the ability of this strain to utilize rice flour as sole carbon
source to produce maximum level of amylase after only 24 h
of incubation. Enzyme synthesis and secretion were affected
greatly by addition of surfactants (positive inducer) and
readily metabolizable glucose (negative inducer) in the basal
medium. The optimum enzyme production by the bacterial
isolate was found at 37∘C, whereasmaximum enzyme activity
was found at 60∘C and pH 5.0–7.0. Further research will
be planned and carried out for improvement of the stain,
purification of crude amylase, determination of encoded gene
sequence of amylase, and further scaling up using fermenter.
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Due to the numerous applications of lipases in industry, there is a need to study their characteristics, because lipases obtained
from different sources may present different properties. The aim of this work was to accomplish the partial characterization of
lipases obtained through submerged fermentation and solid-state fermentation by two species of Aspergillus. Fungal strains were
isolated from a diesel-contaminated soil and selected as good lipases producers. Lipases obtained through submerged fermentation
presented optimal activities at 37∘CandpH7.2 and those obtained through solid-state fermentation at 35∘CandpH6.0.The enzymes
produced by submerged fermentation were more temperature-stable than those obtained by solid-state fermentation, presenting
72% of residual activity after one hour of exposition at 90∘C. Lipases obtained through submerged fermentation had 80% of stability
in acidic pH and those obtained through solid-state fermentation had stability greater than 60% in alkaline pH.

1. Introduction

Lipases (triacylglycerol acyl-hydrolases EC3.1.1.3) are enzy-
mes capable of hydrolyzing the ester bonds of insoluble
substrates in water at the substrate-water interface [1]. The
main industrial applications of lipases are in detergents [2],
medicines [3], and foods [1]. The maturation of cheeses [4],
the synthesis of aromas [5], and the production of lipids with
high levels of unsaturated fatty acids [6, 7] are examples of the
application in food industry.The production of methyl-esters
of fatty acids (biodiesel) [8] is the most recent andmentioned
application nowadays.

As revised by Treichel et al. [9] many researchers world-
wide direct their activities to the screening of new lipase-
producing microorganisms and, subsequently, to the opti-
mization of the medium composition and operational vari-
ables. All these efforts are justified by the great versatil-
ity of lipase applications. Due to the numerous applica-
tions of lipases in industry, there is a need to study their

characteristics, because lipases obtained from different
sources may have different properties [10].

The optimum activity of enzymes depends on the inte-
grity of its structure; therefore factors that may affect these,
such as pH, temperature, chemical agents, autolysis (pro-
teases), and ionic strength, affect the enzyme’s maximum
activity [11]. Temperature has a significant effect on the kinetic
energy of enzyme molecules and substrates and causes a
greater number of productive collisions per unit of time.
The inactivation of enzymatic activity can result from the
absorption of excessive energy which causes the disruption
or denaturation of the enzyme’s tertiary structure due to
changes in bonds, such as hydrogen bonds, disulfide bonds,
and hydrophobic interactions [12].The pH affects the stability
of enzymes by changing the electrostatic interactions of
their protein structure, causing changes in the amino acids’
ionization status, which defines the secondary and tertiary
structures of protein and therefore its activity and stability
[13, 14].

Hindawi Publishing Corporation
BioMed Research International
Volume 2015, Article ID 725959, 9 pages
http://dx.doi.org/10.1155/2015/725959

http://dx.doi.org/10.1155/2015/725959


2 BioMed Research International

According toGlogauer et al. [15], determination of the pH
stability of enzymes is important for identifying nondenatur-
ing pH values of buffers for purification, storage, and reaction
steps. With regard to temperature, in an enzymatic process
there is a critical play between thermostability and the effect
of temperature on activity. It is necessary to identify a reaction
temperature that at the same time allows a reasonably high
rate of reaction and keeps the rate of denaturation at a
reasonably low level.

Given the importance of characterizing lipases obtained
from new sources in order to determine their application, the
aim of this work was to characterize the lipases produced by
Aspergillus flavus and Aspergillus niger through submerged
and solid-state fermentation, respectively, according to the
optimum temperature and pH, and to determine the stability
of enzymes in relation to temperature and pH.

2. Material and Methods

2.1. Microorganisms: Isolation, Maintenance, and Inoculum
Preparation. The filamentous fungi Aspergillus (strain O-
8) and Aspergillus (strain O-4) were isolated from diesel-
contaminated soil and previously selected as a good producer
of lipase through submerged [16] and solid-state fermenta-
tion [17], respectively. The contaminated soil was collected
after a case of leaking diesel from a storage tank to the fuel
station, which occurred in the city of Passo Fundo, RS, Brazil.

The isolates were submitted to genetic identification
through Phred/Phrap and Consed, using the methodology
cited by Smaniotto et al. [18], at the Center of Nuclear Energy
in Agriculture (Cena) from University of São Paulo (USP),
Brazil. Sequences were compared to 18S rRNA data obtained
from GenBank (http://www.ncbi.nlm.nih.gov/).

The isolate O-8 was identified as Aspergillus flavus
strain DAOM (99% identity, GenBank accession number:
JN938987.1) and the isolate O-4 was identified as Aspergillus
niger DAOM (100% identity, GenBank accession number:
KC545858.1).

After isolation, the microorganisms were kept in tubes
with potato dextrose agar (PDA) inclined under 4∘C refrig-
eration, with periodic replications every 3 months.

The inoculum preparation of Aspergillus flavus to sub-
merged fermentation was carried out by inoculation of the
fungi in Petri dishes with 30mL of solidified PDA and incu-
bation at 30∘C for 5 days. The inoculation was accomplished
using 10mm of diameter circular areas containing spores
growth prepared in Petri dishes [19].

The inoculum preparation of Aspergillus niger to solid-
state fermentation was carried out by inoculating the fungus
in 1 L Erlenmeyer’s flasks containing 30mL of solidified PDA
medium and incubated at 30∘C for 5 days. A spore suspension
was obtained by adding 20mL of a 0.1% Tween to the
inoculum after incubation and by scraping the spores with a
Drigalski loop.The fermentationmedia were inoculated with
2.106 spores/g [19].

2.2. Culture Medium to Solid-State and Submerged Fer-
mentation. The culture conditions of lipase production in

submerged and solid-state fermentation had been previously
optimized [19].

The medium to submerged fermentation was prepared
with 10% (w/v) of wheat bran, which was boiled at 100∘C
for 30min. Afterwards, the medium was filtered and the
soluble extract added to 10% (v/v) of saline solution, 45 g/L
of yeast extract as nitrogen source and 20 g/L of soybean
oil as inducer. The composition of saline solution [20] was
2 g/L KH

2
PO
4
, 1 g/L MgSO

4
, and 10mL/L of trace solution

containing (mg/L) FeSO
4
⋅7H
2
O(0.63),MnSO

4
(0.01), ZnSO

4

(0.62).Themedium was autoclaved at 103 kPa for 20min and
the pH adjusted to 7.0 using HCl 1.5mol/L or NaOH 1mol/L.
After inoculation, the cultures were incubated for 4 days at
30∘C with agitation of 160 min−1.

The medium for solid-state fermentation was prepared
under previously optimized conditions [20] with 85% of
soybean or wheat bran and 15% of rice husk.Themediumwas
added to 71% (v/w) of saline solution [20] and 2% of sodium
nitrate as nitrogen source. The medium was autoclaved at
103 kPa for 20min and subsequently added to 2% olive oil
as an inducer of lipase production. The pH was adjusted to
4.5 by the addition of a 1.5mol/L solution of H

2
SO
4
and

moisturewas adjusted to 60%by adding sterile distilledwater.
Fermentationswere carried out in 300mLErlenmeyer’s flasks
containing 50 g of themedium, which were incubated at 30∘C
for 96 h after inoculation. The fermented brans were kept at
−20∘C until use.

2.3. Achievement of Enzymatic Extracts. After the production
of lipase by submerged and solid-state fermentation, proce-
dures for obtaining the enzymatic extracts were conducted,
which are described below.

The fermented medium obtained under submerged fer-
mentation by the fungiAspergillus flavuswas filtered in cotton
for the retention of hyphae and frozen at −20∘C, being after
used in the determinations of enzymatic activities [19].

The extraction of lipase from the fermented bran obtained
in solid-state fermentation by the fungi Aspergillus niger was
carried out by adding 10mL buffer with pH established in
each methodology at 1 g of fermented medium, followed by
agitation of 160min−1 for 30min at 37∘C. The extract was
cotton-filtered and used as enzyme extract in subsequent
reactions [19].

2.4. Effect of pH and Temperature on the Optimal Activity of
Enzymatic Extracts. The enzymatic extracts without the cells
of microorganisms were submitted to tests to determine the
influence of pH and temperature on the enzymatic activities.

The optimum activity of enzymatic extracts produced
through submerged fermentation was determined by a Cen-
tral CompositeDesign (CCD) composed of 4 factorial points,
4 axial points, and 3 central points (Table 1). The levels of
variables ranged from 28∘C to 42∘C for temperature and 6.3
to 7.7 for pH. Optimum pH and temperature for activity of
the enzymes produced through solid-state fermentation were
determined using a 32 Full Factorial Design (FFD) (Table 2).
The variables levels were 5 to 7 for the pH and 30∘C to 40∘C
for the temperature.
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Table 1: Central composite design (CCD) used to determine the
influence of pH and temperature on the optimal activity of lipase
obtained through submerged fermentation by Aspergillus flavus
(strain O-8) and results of lipolytic activity (U/mL). Results of mean
and standard deviation.

Experiment pH (𝑋
1

)∗ Temperature (𝑋
2

) Lipolytic
activity (U/mL)

1 6.5 (−1) 30∘C (−1) 3.15 ± 0.13

2 7.5 (+1) 30∘C (−1) 3.72 ± 0.01

3 6.5 (−1) 40∘C (+1) 3.21 ± 0.07

4 7.5 (+1) 40∘C (+1) 4.02 ± 0.08

5 6.3 (−1.414) 35∘C (0) 3.54 ± 0.05

6 7.7 (+1.414) 35∘C (0) 4.23 ± 0.02

7 7.0 (0) 28∘C (−1.414) 3.82 ± 0.01

8 7.0 (0) 42∘C (+1.414) 4.37 ± 0.03

9 7.0 (0) 35∘C (0) 4.30 ± 0.12

10 7.0 (0) 35∘C (0) 4.26 ± 0.01

11 7.0 (0) 35∘C (0) 4.03 ± 0.03

∗Conditions of pH obtained using 0.2M phosphate buffer in the enzymatic
activity determination.

Table 2: Full Factorial Design (32) used to determine the influence
of pH and temperature on optimum activity of lipase obtained
through solid-state fermentation by Aspergillus niger (strain O-4)
and results of lipolytic activity (U/g). Results of mean and standard
deviation.

Experiment pH (𝑋
1

)∗ Temperature
(∘C) (𝑋

2

)
Lipolytic

activity (U/g)
1 5 (−1) 30 (−1) 12.20 ± 0.96

2 6 (0) 30 (−1) 40.62 ± 1.90

3 7 (+1) 30 (−1) 15.49 ± 1.92

4 5 (−1) 35 (0) 34.14 ± 2.52

5 6 (0) 35 (0) 42.82 ± 1.65

6 7 (+1) 35 (0) 35.41 ± 1.92

7 5 (−1) 40 (+1) 10.53 ± 0.96

8 6 (0) 40 (+1) 34.58 ± 1.65

9 7 (+1) 40 (+1) 22.13 ± 0.96

∗Conditions of pH obtained using 0.2M phosphate buffer in the steps of
enzyme extraction of the fermented bran and in the enzymatic activity
determination.

The enzyme activity was determined using the method
standardized by Burkert et al. [21] which is based on titration
with NaOH of fatty acids released by the action of lipase
in the extract on the triacylglycerols of olive oil emulsified
in arabic gum. The following were added to 250mL flasks:
2mL buffer prepared according to the objective of the test,
5mL of emulsion prepared with 75mL of 7% arabic gum,
and 25mL of olive oil. Next, 1mL of enzyme extract was
added to this system and it was incubated at temperatures
described in the experimental design for 30min. After
incubation, the reaction was stopped by adding 15mL of
acetone : ethanol : water (1 : 1 : 1) and the released fatty acids
were titrated with a solution of 0.01mol/L NaOH using

phenolphthalein as indicator. One unit of activity was defined
as the amount of enzyme that releases 1 𝜇mol of fatty acid per
minute per mL of enzyme extract of submerged fermentation
(1 U = 1 𝜇mol/min⋅mL) or per g of fermented brand (1U
= 1 𝜇mol/min⋅g) of solid-state fermentation, under the test
conditions.

2.5. Temperature Stability of Enzymatic Extracts. Thermosta-
bility of lipases obtained through submerged and solid-state
fermentationwasmeasured by incubating the enzyme extract
at 35∘C to 90∘C. Aliquots were periodically taken to measure
lipolytic activity, using the optimum temperature and pH
for enzyme activity, obtained as mentioned in Section 2.4, to
each enzymatic extract. The experiments were duplicated.

For the enzymes obtained through solid-state fermen-
tation it was possible to calculate the Arrhenius thermal
deactivation and activation energy for thermal destruction
constants (𝐸

𝑎
). Therefore, the data of enzymatic activity at

each temperature tested were used to calculate the residual
lipase activity (𝑅𝐴) over time. The constant of thermal
deactivation (𝑘

𝑑
) at each temperature was calculated by linear

regression of the data of Ln (𝑅𝐴) versus time, according to
the Arrhenius kinetic model, considering that inactivation
of the enzyme obeys first-order kinetics, as in the following.
Consider

𝑑 [𝐸]

[𝐸]

= −𝑘
𝑑
⋅ 𝑑𝑡. (1)

After integration,

Ln [𝐸]2
[𝐸]
1

= −𝑘
𝑑
⋅ Δ𝑡. (2)

Considering that the enzyme concentration ([𝐸]) is
directly proportional to the enzymatic reaction speed,

[𝐸]
2

[𝐸]
1

= 𝐴𝑅. (3)

We get the following:

Ln (𝐴𝑅) = −𝑘
𝑑
⋅ Δ𝑡. (4)

From the thermal deactivation constants at each tempera-
ture, the half-lives (𝑡

1/2
) were obtained (5) which corresponds

to the time required, at the temperature tested, so that 50% of
the initial enzyme concentration is inactivated:

𝑡
1/2
=

0.693

𝑘
𝑑

. (5)

The activation energy (𝐸
𝑎
) for thermal destruction of the

enzymewas calculated from (6).The value of𝐸
𝑎
was obtained

from the inclination of the regression line of ln𝐾 versus 1/𝑇:

ln𝐾 = ln𝐴 −
𝐸
𝑎

𝑅𝑇

, (6)

where [𝐸] = enzyme concentration, 𝐴𝑅 = residual activity
of the enzyme, 𝑡 = time (min), 𝑘

𝑑
= thermal deactivation

constant, A = Arrhenius factor (depending, among other
things, on the contact area), 𝐸

𝑎
= activation energy, R =

ideal gases constant (8.314 Jmol−1K−1), and T = absolute
temperature (K).
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2.6. pH Stability of Enzymatic Extracts. The effect of pH
on the stability of enzymes obtained through submerged
fermentation was determined by treating 1mL of enzyme
extract with 2mL of buffer solutions at pH 3.5, 4.0, 4.5, 5.0,
5.5, 6.0, 6.5, 7.0, 8.0, and 9.0 for 24 hours at 25∘C. The buffers
usedwere 0.1mol/L citrate (pH 3.5), 0.2mol/L acetate (pH4.0
to 5.5), 0.2mol/L phosphate (pH 6.0 to 8.0), and 0.2mol/L
glycine (pH 9 and 10). Enzyme activity in initial and final
times was carried out at optimum temperature and pH for
enzyme activity, obtained from the results of the assays of
Section 2.4. The experiments were duplicated.

The stability of enzymes obtained through solid-state
fermentation was assessed through their extraction from
the fermented medium using the following buffer solutions:
0.1mol/L citrate (pH 3.5), 0.2mol/L acetate (pH 4.0, 4.5,
5.0, and 5.5), 0.2mol/L phosphate (pH 6.0, 6.5, 7.0, 7.5, and
8.0), and 0.2mol/L glycine (pH 9 and 10). The extracts were
kept at 25∘C for 24 h and the residual lipolytic activity was
determined at optimum temperature and pH for enzyme
activity, according to the results obtained from the assays of
Section 2.4.

3. Results and Discussion

In the submerged culture fermentation the microorganisms
grow in a liquidmedium in which the nutrients are dissolved.
In solid-state fermentation the microorganisms grow on the
surface of a solid matrix in which the nutrients are adsorbed,
and themoisture does not exceed thewater retention capacity
of this matrix [22, 23]. These differences between production
methods as well as the differences between the microorgan-
isms used in fermentation processes can lead to obtaining
lipases with different characteristics.

3.1. Effect of pH and Temperature on the Optimal Activ-
ity of Enzymatic Extracts. The pH and temperature have
great influence on the enzyme activity, being important
to define these parameters for the characterization of the
enzymes obtained. After fungal growth in culture media of
submerged and solid-state fermentations, enzymatic extracts
were obtained as described in Section 2.3 and used in the
assays mentioned in Section 2.4. The results of enzymatic
activities were presented in Tables 1 and 2, which also shows
the experimental conditions of the experimental designs used
to determine optimum temperatures and pH of the enzymes
produced through submerged and solid-state fermentations,
respectively.

The highest lipolytic activities in the solid-state fermen-
tation (Table 2) may be due to the characteristics of this type
of cultivation when compared with submerged cultivation.
In the solid state fermentation, the concentration of the
final product is higher and the fungus has the appropriate
characteristics, as tolerance to low water activity and produc-
tion of enzymes through hyphae [23]. Furthermore, lipase
production was performed by different microorganisms,
although both are of the genus Aspergillus.

The analysis of variance of lipolytic activity obtained in
each experimental design demonstrated, that in both cases,
the 𝐹calculated obtained in the analysis of regression models

were higher than the 𝐹tabulated value (𝐹calculated of 6.43 and
𝐹tabulated of 2.85 for Composite Central Design of submerged
fermentation; 𝐹calculated of 32.2 and 𝐹tabulated of 2.80 for Full
Factorial Design of solid-state fermentation), which means
that the variation caused by themodels is significantly greater
than the unexplained variation [24].

Equations (7) and (8) show the regression models for the
enzymes obtained through submerged fermentation (SmF)
and solid-state fermentation (SSF), respectively. The corre-
lation coefficients between experimental data and models
were of 81.7% and 94.02%, which validates the mathematical
models obtained [25, 26]:

ALSmF = 4.19 + 0.28 ⋅ 𝑋1 − 0.254 ⋅ 𝑋1
2

+ 0.142 ⋅ 𝑋
2

− 0.17 ⋅ 𝑋
2

2

,

(7)

ALSSF = 49.2 + 2.7 ⋅ 𝑋1 − 17.7 ⋅ 𝑋1
2

− 14.9 ⋅ 𝑋
2

2

. (8)

The estimated effects of variables of CCD on lipolytic
activity showed that linear and quadratic effects of pH were
significant (𝑃 < 0.05). The temperature had significance
levels very close to 0.05, of 𝑃 = 0.057 and 𝑃 = 0.054, for the
linear and quadratic effects, respectively. Thus, the effect of
temperature was considered for the expression of the model.
Both variables showed positive linear effects, and the effect
of pH was greater than the effect of temperature (0.561 and
0.284, resp.).

Linear and quadratic effects of pH were significant (𝑃 =
0.02 and 𝑃 < 0.01, resp.) and positive on the activity of
lipases obtained through solid-state fermentation (5.4 and
−35.4, resp.). On the other hand, only the quadratic effect of
temperature (−29.7) had significant influence (<0.01) on the
lipolytic activity.

The use of response surface methodology has the advan-
tage of allowing the estimation of the effects of experi-
mental variables on the response variable within the limits
stipulated by the experimental design. Thus, the optimal
values of the experimental variables can be calculated from
the mathematical modeling of the data, when the response
surface is validated by analysis of variance. The optimal
pH and temperature were calculated by equating the first
derivative of the lipolytic activity as a function of the pH
and temperature to zero in both mathematical models. The
maximum lipolytic activities of lipases obtained through
submerged fermentationwere obtained at the levels +0.55 and
+0.417 frompHand temperature, respectively, corresponding
to pH 7.2 and temperature of 37∘C. The maximum lipolytic
activities of lipases obtained through solid-state fermentation
were obtained at the levels +0.076 and zero (0) to pH
and temperature, respectively, corresponding to pH 6.0 and
temperature of 35∘C. These results could differ a little from
themaximum results obtained in Tables 1 and 2, because they
were obtained from themathematical models generated from
the experimental data.

Figures 1(a) and 1(b) show the response surface represent-
ing the mathematical models of (7) and (8) of the enzymes
obtained through submerged and solid-state fermentation,
respectively.
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Figure 1: Response surface of the influence of pH and temperature on the lipolytic activity of enzymes produced (a) through submerged
fermentation by Aspergillus flavus (strain O-8) from CCD and (b) through solid-state fermentation by Aspergillus niger (strain O-4) from the
32 Full Factorial Design.

The optimum pH and temperature found in this study for
the activity of fungal lipases are similar to results reported in
academic literature, in which maximum lipase activities were
obtained at around 30∘C and 40∘C and pH 6.0 to 8.0 [27].

Maldonado [10] obtained maximum lipolytic activities at
pH 7.0 and 37∘C for crude and purified lipase of Geotrichum
candidum. Baron et al. [28] found that there is a pH range
(6.0 and 8.0) where enzyme activity is maximal and that the
activity depends not only on the pH of the medium but also
on the type of buffer used. Freire et al. [29] reported that
the optimum pH and temperature for lipases produced by
Penicillium sp. were 7.0 and 37∘C. Benjamin and Pandey [30]
reported that the lipases produced byCandida rugosa showed
optimum activity at pH 7.0 and temperature 40∘C. Pastore
et al. [31] characterized the lipases produced by Rhizopus sp.
and found maximum activity at pH 6.0 and 6.5 and 40∘C.
However, Diaz et al. [32] characterized the lipases of the
fungus Rhizopus homothallicus obtained by solid-state and
submerged bioprocesses, obtaining maximum activity at pH
7.5 and 30 to 40∘C, respectively.

Santos et al. [33] and Lotrakul and Dharmsthiti [34]
characterized lipases that obtained maximum activities at
temperatures higher than those obtained in this study: 45∘C
to 50∘C for the lipase produced in solid-state fermentation by
Trichosporon spp., and 45∘C for the lipase from Aeromonas
sobria isolated from raw milk, respectively. Shangguan et al.
[35] studied a lipase obtained from A. fumigatus that pre-
sented optimum pH and temperature of 8.5 and 65∘C,
respectively.

3.2. Temperature Stability. These experiments were con-
ducted to evaluate the stability of enzymes obtained through
two fermentation processes. After maintenance of enzymatic
extracts at temperatures ranging from 35∘C to 90∘C for

different periods of time (Section 2.5), the enzymatic activity
was evaluated at pH and temperatures optimized in the
previous step (Section 2.4) to each fermentation process.

The temperature stability of lipases produced through
submerged fermentation by Aspergillus flavus was initially
assessed at 40 to 80∘C, as shown in Figure 2(a). The enzymes
were stable between 40∘C and 50∘C, with residual activity
greater than 90% for 7 hours. An initial inactivation of
the enzymes between 70∘C and 80∘C was observed and
subsequently they became stable, with residual activity of 80%
and 65% at 80∘C and 70∘C, respectively. The enzymes did
not exhibit first-order thermal destruction kinetic behavior
(Arrhenius), despite being more stable at 80∘C than 70∘C.

In order to confirm the data obtained, tests were carried
out at 70∘C, 80∘C, and 90∘C for 8 h, and the results (shown
in Figure 2(b)) confirm the aforementioned behavior, with
an initial enzyme inactivation, caused by thermal shock, and
later stability. Furthermore, the enzymes exhibited greater
stability at higher temperatures in the first hour of testing.
The lipases were stable at 70∘C to 90∘C, with mean residual
activities of around 72% after the first hour of incubation.

Figure 3(a) shows the thermal destruction kinetics of the
enzyme produced through solid-state fermentation between
35∘C and 90∘C, which follows the pattern of first-order
thermal destruction predicted by the Arrhenius model.
Table 3 shows the thermal deactivation constants between
35∘C and 90∘C, obtained from angular coefficients of the
curves shown in Figure 3, as well as the determination
coefficients of regression and the half-life of enzymes at each
temperature. The enzyme had higher thermal stability at
35∘C and 40∘C, which can be observed from the high half-
lives (𝑡

1/2
), around 6 and 4.3 h, respectively. Above 50∘C, the

half-life considerably decreased to 29min between 60∘C and
70∘C. Figure 3(b) shows the graph of ln (𝑘

𝑑
) as a function
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Figure 2: Thermal stability of lipases produced in submerged
fermentation using Aspergillus flavus (strain O-8): (a) 40∘C, 50∘C,
70∘C, and 80∘C; (b) 70∘C, 80∘C, and 90∘C.

Table 3:Thermal deactivation constant (𝑘
𝑑

), correlation coefficients
of regressions (𝑅2), and times of half-lives (𝑡

1/2

) of enzymatic
extracts of solid-state fermentation at temperatures of 35∘C to 90∘C.

Temperature (∘C) 𝑘
𝑑

(min−1) 𝑅
2

𝑡
1/2

(min)
35 0.0019 0.985 364.74
40 0.0027 0.954 256.67
50 0.0100 0.966 69.30
60 0.0234 0.976 29.62
70 0.0233 0.971 29.74
80 0.0516 0.991 13.43
90 0.0630 0.968 11.00

of absolute temperature (K), used to calculate the energy of
thermal deactivation, which was 60.33 kJ/mol for the studied
enzyme.

Lipase obtained with solid-state fermentation showed
higher energy of deactivation than those obtained by Diaz et
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Figure 3: Kinetics of thermal destruction of the enzymatic extracts
produced by Aspergillus niger in solid-state fermentation: (a) at
temperatures of 35∘C to 90∘C. 𝐴𝑅: enzyme residual activity, (b)
linear regression of the thermal deactivation constants obtained
at 35∘C to 90∘C (ln of data) as function of inverse of absolute
temperature for calculating the energy of thermal deactivation of the
enzyme.

al. [32] and Lima et al. [36], which were 30 and 34.2 kJ/mol
for the lipases produced by Rhizopus homothallicus and
Bacillus megaterium, respectively. However, they had lower
deactivation energy than the ones obtained by Maldonado
[10], which were 330, 140, and 182 kJ/mol for the lipases
produced by Geotrichum candidum in media containing
peptone, hydrolyzed yeast, and macerated clarified corn
water, respectively. The activation energy reflects the depen-
dence of the thermal deactivation constant with respect to
temperature [37, 38], and the higher the constant, the greater
the variation of the thermal deactivation constant with the
temperature variation.

Razak et al. [39] reported that fungal lipases in general
are unstable above 40∘C, with moderate stability, contrary
to what has been observed in lipases produced by bacteria
such as Bacillus [40, 41] and Pseudomonas [42], which are



BioMed Research International 7

thermostable above 60C. However, the lipases produced by
Rhizopus sp. maintained 50% or more of their activity when
heated for 60 min between 40 and 55∘C [31] and lipases
produced by Geotrichum-like R59 showed thermostability,
with maximum residual activity after incubation at 60∘C for
1 h [43].

Shu et al. [44] reported that the lipases produced by
Antrodia cinnamomea had 50% residual activity between
25∘C and 40∘C. Lipase from Aspergillus niger NCIM 1207
was stable at 40∘C for 3 h; however the treatment at 50∘C
for 1 h caused 52% loss of activity [45]. Baron et al. [28]
showed that the lipases produced by Penicillium corylophilum
were completely inactivated after 30min at 60∘C. However,
the lipases produced by Rhizopus sp. had moderate ther-
mostability, with 70% residual activity at temperatures of 40
to 55∘C [31]. Ginalska et al. [43] showed that the lipases
produced by Geotrichum sp. had 100% residual activity after
1 hour of incubation at 60∘C, and 50% residual activity at
70∘C for 45min. Furthermore, Sharma et al. [14] reported
that the lipase produced by Bacillus sp. RSJ-1 presented 90
and 70% residual activity after treatment at 50∘C for 120 and
240min, respectively. Lipase obtained from Iftikhar et al.
[46] showed that lipases retained 80% of its activity at 25–
30∘C by wild and 100% of its activity at 20–50∘C by mutant
strain of R. oligosporus. By further increase in the incubation
temperature, the activity of the enzyme was greatly inhibited.

Compared with the aforementioned enzymes, lipases
obtained in this study through submerged fermentation had
higher thermostability and may have applications in indus-
trial processes that require high temperatures. Enzymatic
processes that occur at higher temperatures have higher reac-
tion rates [11]. It may be possible to use thermostable lipases
in the synthesis of biopolymers, pharmaceuticals, agrochemi-
cals, cosmetics, biodiesel, and aromas [47]. According toDiaz
et al. [32] even for identical lipases produced by different
methods of cultivation (submerged and solid-state), there
may be thermostability differences caused by the binding of
nonprotein compounds derived from the culture medium
through noncovalent bonds to the lipases, changing their
physical and chemical properties.

Enzyme thermostability may be affected by production
conditions, such as the producer microorganism, themethod
of cultivation, and the medium used [10]. Thermostability
is the result of the protein’s amino acid sequence, which
provides a more rigid conformation to the enzyme [11]
through intramolecular interactions, with the internaliza-
tion of hydrophobic residues and superficial exposure of
hydrophilic residues [45]. Lipase thermostability may also be
affected by the presence of compounds such as short-chain
alcohols,metals, and ions as Ca+2 andMg+2 which bind to the
surface of enzymes whose binding sites are generally formed
by negatively charged groups [48]. According to Iyer and
Ananthanarayan [11] thermal stabilization of lipases may be
caused by the presence of divalent ions, anions (SO

4

−2

>

Cl− > Br− > NO
3

−

> ClO
4

−), or cations (NH
4

+

>

K+ > Na+ > Mg+2 > Ca+2 > Ba+2). Mg+2 and SO
4

−2

were present in the lipase production culturemedium,which,
if not consumed by the fungus for growth and synthesis,
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Figure 4: pH stability of lipases produced (e) by Aspergillus flavus
(strainO-8) through submerged fermentation and (◼) byAspergillus
niger (strain O-4) through solid-state fermentation.

remain soluble after the separation of cells, and become part
of the lipolytic extract. That may explain the thermostability
of the produced enzymes. However, if this enzyme extract
containing lipases were purified for further use, causing the
removal of these ions of the culture medium, the study of the
stability of the purified protein would be needed.

3.3. pH Stability. The pH stability of enzymatic extracts
obtained through submerged and solid-state fermentation
was determined according to Section 2.6 treating these
extracts with different buffers for 24 h and after the enzy-
matic activity was determined using the optimized pH and
temperature for the enzymes of each fermentation process
(Section 2.4).

Figure 4 shows the residual lipolytic activity as a function
of pH for the enzymes produced through solid-state and sub-
merged fermentation. Lipases produced through submerged
fermentation by Aspergillus flavus were stable at pH ranging
from 3.5 to 6.5 for 24 h, with residual activities greater than
80%. At pH 7 to 10 there was a reduction in the stability of
enzymes with residual activity of around 50%.

Lipase produced through solid-state fermentation by
Aspergillus niger had greater stability at pH greater than 7.0,
with residual activity greater than 60%. In acidic pH (4 to 6),
the stability of the enzyme after 24 h was around 50%. It was
found that the enzyme showed optimal activity at acidic pH
(6.0), while the highest stability was observed with alkaline
pH.

This behavior is similar to that reported by Mhetras et al.
[45], who reported that lipases produced by Aspergillus niger
NCIM 1207 were stable when pH was alkaline (pH 8 to 11)
despite having had optimum activity at an acidic pH. Sharma
et al. [14] reported that the lipases produced by Bacillus sp.
RSJ-1 had 84 and 82% residual activity, respectively, after 2 h
at pH8 and 9.The lipases produced byCandida sp. were stable
at pH ranging from 7.5 to 8.5 for 15 min [27].

4. Conclusion

Lipase produced by the Aspergillus flavus (strain O-8)
through submerged fermentation had maximum activities
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at 37∘C and pH 7.2. The thermal stability was 72% after 1 h
of exposure to temperatures of 70 to 90∘C and pH stability
greater than 80% in acidic pH, which are desirable traits for
industrial application. On the other hand, lipases produced
through solid-state fermentation with Aspergillus niger (O-
4) had optimum temperature and pH around 35∘C and pH
6.0 and stability at room temperature (63.6% and 26.8% of
residual activity after 1 h of exposure to 50 and 60∘C, resp.),
lower than that observed with enzymes obtained through
submerged fermentation. The pH stability was higher in
alkaline pH, with residual activity greater than 60% after 24 h
of exposure.
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Proteases are present in all living organisms and they play an important role in physiological conditions. Cell growth and death,
blood clotting, and immune defense are all examples of the importance of proteases in maintaining homeostasis. There is growing
interest in proteases due to their use for industrial purposes. The search for proteases with specific characteristics is designed
to reduce production costs and to find suitable properties for certain industrial sectors, as well as good producing organisms.
Ninety percent of commercialized proteases are obtained from microbial sources and proteases from macromycetes have recently
gained prominence in the search for new enzymes with specific characteristics. The production of proteases from saprophytic
basidiomycetes has led to the identification of various classes of proteases.The genus Pleurotus has been extensively studied because
of its ligninolytic enzymes. The characteristics of this genus are easy cultivation techniques, high yield, low nutrient requirements,
and excellent adaptation. There are few studies in the literature about proteases of Pleurotus spp. This review gathers together
information about proteases, especially those derived from basidiomycetes, and aims at stimulating further research about fungal
proteases because of their physiological importance and their application in various industries such as biotechnology andmedicine.

1. Introduction

Enzymes are increasingly required in the commercial and
industrial fields. For this reason, there is an intense search
for new enzymes with particular properties that are desirable
for certain commercial applications [1]. There are a limited
number of known enzymes that are used commercially and
consequently, the enzymes that are available are not used in
large quantities. Approximately 75%of industrial enzymes are
hydrolases, and the enzymes which degrade proteins account
for 65% of the enzymes that are marketed worldwide [2].

Proteases catalyze hydrolytic reactions, in which protein
molecules are degraded into peptides and amino acids. Their
properties are very diverse because the group is large and

complex [3]. The study of proteases is of note in enzymology
because of its biotechnological relevance. Proteases are a spe-
cial group of enzymes because of their importance in the
metabolism of organisms, their biochemical functions in
metabolic pathways and cellular signaling, the importance of
protease inhibitors, and their use in fine chemicals and the
pharmaceutical industry [4].

Most of the proteases used industrially are microbial
and especially bacterial origin and these are preferred for
their desired characteristics in biotechnology and their lower
cost. Proteases which are of plant and animal origin, except
for some specific uses, do not meet industrial demand. The
industrial production of microbial proteases is favored due
to the fact that they have a short generation time, because
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of the ease of genetically manipulating microorganisms, and
because of the diversity of species available in nature, many
of which are still unexplored [2, 3].

Because of their potential therapeutic use, genes from
protease bacteria, fungi, and viruses have been cloned and
sequenced in order to increase the production of enzymes by
recombinant DNA technology, to study the role of enzymes
in pathogenicity and to cause changes in the properties of
proteases to improve their commercial usage. In industries,
proteases contribute to the development of processes and
products with high added value. As biological catalysts, they
offer advantages in relation to the use of chemical catalysts
for numerous reasons, such as high catalytic activity, high
specificity, and their availability in economically viable quan-
tities [5]. However, the cost of production of proteases is the
greatest barrier to their industrial application. Consequently,
researches have been conducted to find low cost proteases
useful in commercial and industrial sectors [6].

Bacteria produce the majority of proteases of microbial
origin. The genus Bacillus produces proteases which are
mainly neutral and alkaline [7]. However, the proteases of
fungal origin, Aspergillus [8] and Penicillium [5], as well as
being widely studied, appear in greater variety. A species can
produce neutral, acidic, or alkaline proteases, as is the case
of Aspergillus oryzae [7]. Proteases from basidiomycetes have
unique properties and deserve further study. Although scien-
tific research regarding the structural and functional char-
acteristics of proteases from basidiomycetes started more
than 30 years ago, the diversity and complexity of action of
these enzymes has resulted in recent studies of xylotrophic
basidiomycetes as a new source of proteases [9].

The Pleurotus species are highly appreciated in cooking
for their refined flavour and they have also been investigated
because they contain bioactive, antitumor, anti-inflamma-
tory, hypocholesterolemic, antiviral, antibiotic, antioxidant,
antidiabetic, immunomodulatory, antitumor, antihyperlipi-
demic, and hepatoprotective compounds, among others [3,
10–12].

The genusPleurotus is also known for its ability to degrade
lignin through the production of ligninolytic enzymes, par-
ticularly laccase [11, 13]. Several studies have been performed
with laccase of Pleurotus spp. [14, 15], linking the metabolism
of ligninolytic enzymes with the presence of proteases [16].
Besides laccase, the production of numerous hydrolytic enzy-
mes by such organisms has also been reported [17], and
interesting studies of the proteases produced byPleurotus spp.
have been described, resulting in the need for further research
on these properties of this genus. The aim of this review was
to gather information on proteolytic enzymes, including their
most relevant and current industrial applications, as well as to
gather the characteristics of proteases obtained from basidio-
mycetes, especially from the genus Pleurotus.

2. Uses and Applications of Proteases

2.1. In the Detergent Industry. The use of proteases as a deter-
gent dates back to 1914, when the “Burnus” brand of detergent
was produced, which contained sodium carbonate and pan-
creatic extract [7]. Proteases can be separated into two major

groups according to their ability to cleave N- or C-terminal
peptide bonds (exopeptidases) or internal peptide bonds (en-
dopeptidases), the latter being those which are most impor-
tant industrially. They are also classified according to their
optimum pH for activity (acid, neutral, or alkaline) and sub-
strate specificity (collagenase, elastase, keratinase, etc.). Based
on theirmechanismof action and the functional groups in the
active site, proteases can be classified into four main groups:
serine, cysteine, aspartate, and metalloprotease [9].

There are several industries that benefit from the catalytic
properties of proteases, such as pharmaceutical, chemical,
food processing, detergents, leather processing, and others.
Their use in bioremediation processes has also been explored.
Their properties, such as substrate specificity, optimum tem-
perature and pH for activity, stability, and catalytic mecha-
nism, differ greatly because this group is quite diverse [9, 18].

The proteases used in detergents need to have stability
in wide ranges of pH and at high temperatures, as well as
compatibility with oxidizing agents. Interest in proteases that
are active in a wide temperature range has been increasing
because garments made from synthetic fibers are sensitive
to high temperatures [19]. However, although bacterial pro-
teases are commonly used in detergents, the high cost of the
cell separation process, that is, obtaining cell-free enzyme
preparations, limits their use. In this context, enzymes of
fungal origin have advantages because they are mainly extra-
cellular. Furthermore, the use of proteases as a basis for deter-
gents is preferable to conventional synthetic products because
they have greater cleaning capacity, improved performance
at low wash temperatures, and reduce pollution because they
are natural. Thus, there is always a demand for enzymes with
improved efficiency that can improve the performance of
detergents containing enzymes [7].

2.2. In the Pharmaceutical and Food Industries. Many pro-
teases are related to the processes of infection caused by
viruses, bacteria, and fungi, which are central to the interac-
tion with the host cell. Proteolytic reactions are finely regu-
lated and the variety of mechanisms involve high substrate
specificity, ATP-directed protein degradation, restricted
access to the active site, activation cascade, and selective and
highly specific protein modification, as can be seen in the
activation of zymogenic forms of enzymes by limited proteol-
ysis [18, 20].

The involvement of proteases in the mechanisms that
cause diseases has caused them to become a target for devel-
oping therapeutic agents against diseases such as AIDS, can-
cer, Chagas disease, hepatitis, malaria and candidiasis, as well
as inflammatory, immune, respiratory, cardiovascular, and
neurodegenerative disorders [7, 18].

Natural inhibitors play a role in the regulation of the
proteolytic activity in cells; hence knowledge about the inter-
action of proteases with their substrates and their specificity
is an essential tool for the development of synthetic inhibitors
that can be used to control diseases in which proteases
are involved [21]. There is an emerging market for enzyme
inhibitors in countries like India, China, Japan, South Korea,
Taiwan, Canada, Australia, and New Zealand [22]. Studies of
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the protein structure of peptidases through X-ray diffraction
have made the development of proteolytic inhibitors possible
by molecular modeling [21]. The first successful examples
of protease inhibitors were the inhibitors of the aspartic
protease of HIV-1, which were developed by the modeling
technique. The peptidase of HIV cleaves the polyproteins of
the virus into structural proteins, which are essential for the
production of mature, infectious viral particles [23].

The accumulation of fibrin in the blood can lead to
thrombosis, which can cause heart attacks and other cardiov-
ascular diseases [24]. Many products currently used in
thrombolytic clinical therapy have undesirable side effects,
such as intestinal bleeding in oral treatments, low specificity
to fibrin, and relatively high costs [25–27]. Consequently,
the growing interest in obtaining fibrinolytic proteases at a
reduced cost andwith the appropriatemedical characteristics
has led researchers to intensify their studies and, in recent
decades, a number of fibrinolytic enzymes were isolated and
characterized. Enzymes with fibrinolytic capacity have been
obtained from snake venom, insects, marine animals, algae,
fermented products, and microorganisms that are safe for
humans and animals (food grade) [28–39].

Recently, the fibrinolytic activity of proteases produced
by microorganisms has attracted greater medical and com-
mercial interest. Microorganisms are important sources of
thrombolytic agents, though few of them have GRAS status
(“generally recognized as safe”, i.e., totally safe for humans and
animals, and the products obtained from them). Some species
of Bacillus produce enzymes with thrombolytic activity, such
as nattokinase (NK) from Bacillus natto, subtilisin DFE, and
subtilisin DFE DJ-4 from Bacillus amyloliquefaciens [39].
Likewise, Streptococcus hemolyticus produces a streptokinase
with thrombolytic action [26, 40]. In recent years, the search
has intensified for microorganisms producing proteases with
fibrinolytic activity and which are “food grade,” with the
potential for exploiting them as functional additives in food
and drugs to prevent or treat thrombosis and other related
organic disorders [39].

Other therapeutic agents include proteases that are used
in the correction of deficient digestive enzymes. Elastase is
used in the treatment of wounds, burns and abscesses [41,
42]. Proteases also play important roles in the production
of animal feed, cleaning contact lenses, silver recovery from
photographic films and X-ray and in the treatment of domes-
tic and industrial sewage [19, 43].

One of the most important industries in which proteases
play an essential role is the food industry. They act as agents
formodifying the functional properties of proteins, particula-
rly in the processing of cheese (milk clotting, by the hydrolysis
of a specific binding in casein), in obtaining protein hydro-
lyzates, improving the flavor of some foods and also in baking
[19]. Proteases fromAspergillus oryzae are used to modify the
gluten of wheat flour by facilitating handling and increasing
the volume of bread dough. Proteases have been used since
ancient times to prepare sauce and other derivatives from
soy because this grain has high, good quality protein con-
tent. The proteolytic modification of soy proteins helps to
improve their functional properties. These enzymes are also
used in the synthesis of the artificial sweetener aspartame

(through synthesis reactions produced by the thermolysin of
B. thermoprotyolyticus) and in the maturation (softening) of
meat, particularly beef, through the alkaline elastase action of
Bacillus. The microorganisms most commonly used for the
production of proteases in the food industry are from the
genus Bacillus [7, 18, 26, 40].

The requirements for proteases to act as industrial cata-
lysts vary considerably. The enzymes to be used in the pro-
duction of detergents and in the food industries need be
produced in large quantities and should be efficient without
further processing (in natura). The proteases already used
in the pharmaceutical industries (such as medicines) are
produced in small amounts but require extensive purification
procedures [18].

3. Proteases of Fungal Origin

The cost of production of proteases is the biggest obstacle to
their industrial application. Consequently, the development
of new processes to increase the yield of proteases with resp-
ect to industrial production, concomitantly with reduced
production costs, is highly advantageous from the commer-
cial point of view. Increased productivity has been achieved
by selecting hyper-productive strains or by improving the
culture media [7]. The global market for industrial enzymes
reached about US $4.5 billion in 2012, with a projection of US
$7.1 billion for 2018. Research on enzymes has revealed their
use in different sectors and their catalytic properties have
stimulated their use in industrial production and processes.
Market growth has been positively influenced by new prod-
ucts and their advantages over traditional industrial methods
[22, 44].

Although the species of microorganisms that are used for
industrial production are few in number, 90%of commercial-
ized proteases are obtained frommicrobial sources.These are
preferred to proteases from plants and animals due to their
various characteristics, which are more suitable for biotech-
nological applications, such as activity within a broad range
of temperature and pH, thermal stability, and high catalytic
activity [18, 41, 45].

Biodiversity is an invaluable resource for biotechnological
innovation and it promotes the search for new strains of
microorganisms to be used for specific industrial purposes.
Because the use of proteases, especially those of the alkaline
variety, is expected to rise over the coming decades, the pro-
duction of microbial proteases represents a good alternative
for the development of new methods in order to improve
the production of these enzymes, as well as decreasing their
price [7, 19].The increased demand for proteases with specific
properties has led biotechnologists to explore new sources of
proteases.

Most fungal proteases have neutral to slightly acidic char-
acteristics [19]. Xerophilic fungi often contain proteases of
lowmolecular weight (26 to 50 kDa) [24].The study of fungal
proteases has increased in recent decades, but knowledge
about proteases from basidiomycetes is still limited [9]. In
2009, approximately 60%of the enzymes commercialized ori-
ginated from fungi and only five originate macrofungi (three
laccases, one peroxidase, and one phytase) [11].
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A few years ago, the proteases produced frommicromyc-
etes were predominant in studies regarding the search for
new bioactives with economic and medicinal benefits [24].
Aspergillus is considered to be the best producer of proteases
[8]. In the food industry A. oryzae and A. sojae are notewor-
thy for their ability to eliminate bitterness [19]. Penicillium
and Rhizopus are also considered to produce proteases [5, 46]
and the proteases frommacromycetes recently gained promi-
nence in the search for new enzymes with specific character-
istics. Proteases produced from basidiomycetes such as Agar-
icus bisporus, Armillariella mellea, Flammulina velutipes,
Grifola frondosa, Pleurotus ostreatus, Pleurotus eryngii, Phan-
erochaete chrysosporium, Schizophyllum commune, and others
have been reported [47–50].

There are vast majority of microorganisms that exist in
nature have not yet been studied. Thus, the search for new
natural molecules with interesting physiological effects, and
the need to understand the mechanisms of production and
regulation of expression of these bioactives, has resulted in
the fact that the cultivation conditions that have already
been defined and used successfully for ascomycetes such as
Aspergillus sp. and Penicillium sp. have now been extended to
include basidiomycetes in the search for secondary bioactives
and metabolites such as enzymes, antibiotics, and organic
acids [46].

4. Proteases from Basidiomycetes

Basidiomycetes are fungi important for biological commu-
nities because they are excellent at degrading wood. Some
genera have been used as food for centuries and they have
enormous commercial importance. They are also producers
of a group of commonly studied extracellular enzymes
(xylanases, cellulases, and ligninolytic enzymes) [51]. Pro-
teases play important roles in the physiology of fungi, acting
in processes such as germination and sporulation. These
enzymes seem to have a close relationship with the lifestyle
of saprophytic fungi, as observed in Pleurotus citrinopileatus
[43].

It has been found that P. pulmonarius, which usually
grows on dead timber, secretes subtilisin but does not pro-
duce trypsin.P. ostreatus, which grows in living hosts, secretes
extracellular trypsin throughout its development. The pres-
ence of living tissues as hosts may be related to the expression
of trypsin-type proteases [24]. Because most of the nitrogen
in timber is in the form of proteins, proteases play a very
important role in the metabolism of the proteins in the
fungi of white rot in wood and it has been observed that
depletion of nitrogen in the medium stimulates the secretion
of proteases by fungi [3, 24, 52–57].

The mycelial secretion of proteases by saprophytic basid-
iomycetes has led to the identification of various classes of
proteases: subtilases were found in Pleurotus ostreatus [58],
Phanerochaete chrysosporium [59], Serpula lacrymans [52],
Schizophyllum commune [47], and Coprinus sp. [60]. Metal-
loproteinase was reported by Mchenry et al. [61] in Chon-
drostereum purpureum and in Hypsizygus marmoreus [62].
The mycelial secretion of aspartate proteases was reported in

P. chrysosporium [49, 59], Amanita muscaria [63], and Irpex
lacteus [64].

Although they are recognized for their nutritional value
and the extraction of bioactive compounds of basidiome and
mycelia, mushrooms still possess much unexplored informa-
tion in relation to some of the enzymes that they produce,
such as proteases [6]. Proteases extracted from mushrooms
have been purified and characterized [48]. The role of pro-
teases in the regulation of the formation of basidiome in
Hypsizygus marmoreus was described by Terashita et al. [62]
and their regulatory role regarding ligninolytic activity in P.
chrysosporium and P. ostreatus, under nutritional limitation,
was highlighted by Dass et al. [59] and Palmieri et al. [16],
respectively. Phanerochaete chrysosporium has produced an
acid protease in solid medium with wood, under ligninolytic
conditions.This enzyme showed an isoelectric point that was
higher than that of most acid proteases (5.6) and it has been
characterized as a glycoprotein aspartate protease [49].

From a selection of 27 strains of basidiomycetes that pro-
duce proteases [3], Lentinula edodes stood out with the largest
halo of proteolytic activity using the method of selection on
plates containing casein. In this study, the genus Pleurotus
ranked second in the production of protease. The authors
attributed this proteolytic activity to ability of the fungus
to grow on substrates with low nitrogen availability [47].
However, Zorn et al. [65] consider that the existence of nitro-
gen seems to stimulate the production of proteases by fungi.
Media containing soybean, casein, gelatin, corn, and yeast are
commonly used to produce protease. Other sources, such as
starch, lactose, and barley are also used, but it is known that
high concentrations of carbohydrates inhibit the production
of enzymes [19]. The purification of a fibrinolytic protease
from Cordyceps militaris showed characteristics of a 52 kDa
subtilisin, which was higher than other fungal proteases. The
enzyme rapidly degraded the 𝛼 and 𝛾 chains, but it took
longer to degrade the 𝛽 chains of the fibrin, which was a
pattern quite different from the action of proteases derived
from snake venom [27]. The fibrinolytic protease activity of
basidiomycetes has been recently demonstrated by several
authors. Kim et al. [66] purified and characterized a metallo-
protease from the mycelium of Perenniporia fraxinea with
fibrinolytic activity. The cloning, purification, and charac-
terization of proteases from Pleurotus ostreatus with similar
characteristics were performed by Yin et al. [2], Shen et al.
[67], and Joh et al. [68].

Although several studies have performed the purification
and characterization of proteases frommycelium, basidiome,
or culture filtrate, many aspects of the production of these
enzymes have yet to be explored. The process of producing
basidiome is laborious and time-consuming; it requires large
volumes of substrate, space, and qualified labor and these fac-
tors hinder research in the laboratory. Cultivations which are
performed in the vegetative phase aremore viable for research
because they can be kept in the laboratory, performed on a
small and medium scale, and important parameters such as
temperature, humidity, and agitation can be controlled [18].

Microbial proteases can be produced in various ways and
studies have shown that, depending on the culture conditions,
different forms of the same protease can be expressed [19].
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Figure 1: Pleurotus pulmonarius.

Most of the enzymes produced in industry are produced
by submerged fermentation [8]. The use of liquid cultures
facilitates the purification of bioactives such as enzymes and
polysaccharides [3]. The submerged culture of P. ostreatus
in wheat gluten resulted in the secretion of proteases that
noticeably increased the overall solubility of themedium [13].

Submerged media with complex sources provide higher
yields of protease compared to simple media, such as casein
or gelatin [19]. However, using submerged culture requires
greater resources, specific strains, and very controlled condi-
tions, which does not occur in solid state fermentation, which
therefore offers advantages in terms of environmental and
economic aspects [8]. The solid cultivation of mushrooms
and mycelium in order to obtain bioactives and enzymes
remains a very viable alternative; waste from agriculture,
forestry, or municipal waste are used for the production of
enzymes of industrial interest. The combination of different
solid substrates sometimes appears to increase the produc-
tion of protease by fungi [19].

Due to the similarity of the natural habitat of basid-
iomycetes, these organisms have excelled in the production of
enzymes in solid cultures. Solid state fermentation in tomato
pulp yielded good colonization and protease production on a
large scale using P. ostreatus [8]. Furthermore, proteases have
been obtained by the solid state fermentation of soybean and
wheat bran fibers [69]. The literature includes standardized
techniques for the high yield recovery of proteases, as well
as immobilization methods and different protocols for prote-
olytic assays and the purification of proteases [19].

5. Proteases from Pleurotus spp.

The genus Pleurotus is the second main group of cultivated
edible mushrooms in the world, comprising more than 40
species [51]. In descending order of worldwide production,
the sevenmost produced edible mushrooms areAgaricus bis-
porus, Pleurotus spp., Lentinula edodes, Auricularia spp., Vol-
variella volvacea, Flammulina velutipes, and Tremella fuci-
formis [11]. However, species of the genus Pleurotus present
advantages when compared with others mushrooms. For
example, they can be cultivated in different substrates and

temperatures. They are also rich in essential amino acids
and vitamins [70]. Pleurotus can be grown artificially without
major problems and it grows in a disorderly manner in trop-
ical and subtropical regions [51]. This genus is a part of ligni-
nolytic organisms and several studies have reported the ligni-
nolytic capacity of its species [65]. Several bioactive com-
pounds have been extracted from crude extracts, mycelia,
and basidiome of Pleurotus spp. for study, such as poly-
saccharides, hemicelluloses, peptides, glycoproteins, lipids,
hydrolytic enzymes, and others [12].

Extracts of the basidiome and mycelia of Pleurotus spp.
have been used as medicines and as nutritional supplements
for human health. Several studies have reported its nutr-
itional, immunomodulatory, antioxidant, antitumor, and hy-
poglycemic properties, among others. P. ostreatus has been
effective in alleviating the effects of hepatotoxicity in rats and
it protects the liver, heart, and brain against oxidative stress
[51].

In recent years, examples of the main genera of cultured
basidiomycetes have been studied for their positive therapeu-
tic effects. Hepatoprotective effect was observed for P. pulm-
onarius, P. ferulae, and P. tuber-regium, which were also active
against human cancer cells [71]. Moreover, species of the
genus have been used in the processes of bioremediation, del-
ignification, and disinfection of effluent [17].

Different strains of Pleurotus spp. (Figure 1) exhibit spe-
cific behaviors, which vary depending on the conditions
where they are cultivated, including environmental factors
such as types of substrates and supplementation. A study
of three strains of P. eryngii using sawdust and rice straw
as a substrate for cultivation showed significant differences
between the strains regarding growth rates, number of days
for the first harvest, biological efficiency, and other parame-
ters [72]. P. eryngii is considered as one of the best species of
the genus due to its consistency and because it has a longer
lifetime than all the other species of Pleurotus. While most of
the fungi in the Agaricales order show steady growth in tree
trunks,P. eryngii growswell in subtropical pastures and grows
excellently during cold periods [72].

The artificial cultivation of P. eryngii on farms using auto-
matic devices and sawdust has been performed successfully
in Korea. The species has also been effective in lowering the
levels of blood glucose, the inhibition of tumor cells, and
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antioxidant activity [73]. P. citrinopileatus contains polysac-
charides that have antihyperglycemic and antitumor effects
[43]. Medicinal properties have also been observed in P.
tuber-regium, which is also edible and grows well in tropical
and subtropical regions. Several of its bioactive substances
have been identified, such as glycoproteins, polysaccharides,
and phytochemicals with pharmacological action [74].

Basidiome of P. pulmonarius has shown antitumor, anti-
oxidant, and anti-inflammatory properties, suggesting the
therapeutic effects of its metabolites in the treatment against
some diseases, such as cancer [75]. P. sajor-caju and P. ostrea-
tus have also been investigated for their antioxidant capacity
and both species share a similar amino acid profile. However,
despite similarities with the properties of Pleurotus spp., there
are many studies of P. ostreatus at the expense of other species
of the genus [51]. As stated, there is still little knowledge about
the proteases derived frommushrooms, mainly the Pleurotus
genus [11].

Studies of the P. ostreatus, P. eryngii, P. citrinopileatus, and
P. chrysosporium species have showed that thePleurotus genus
is a producer of proteases that seem to participate in the com-
plex ligninolyticmechanism, degrading the laccase enzyme at
certain stages of fungal growth [16, 43, 50, 59, 73].

P. pulmonarius has important antimicrobial, anti-infla-
mmatory, antioxidant, and antitumor properties; however,
there is still little material in the literature regarding its pro-
duction of proteases and their characterization. Nevertheless,
it is known that the proteases secreted by this species do
not appear to participate in the regulation of peroxidases,
as has been reported for P. ostreatus proteases [16, 24, 75,
76]. In addition, no degradation of ligninolytic enzymes was
observed when they came into contact with proteases from
Phanerochaete chrysosporium [49].

In a comparison of six species of basidiomycetes,P. eryngii
excelled in the production of protease. Pleurerin, the protease
extracted from fruiting bodies of P. eryngii with anti-HIV-1
action, has presented the characteristics of an aspartic pro-
tease due to its N-terminal sequence, which is different from
other aspartic fungal proteases [50]. Most proteases of the
genus Pleurotus feature the characteristics of alkaline sub-
tilases. There are six families of serine proteases, which are
based on their amino acid sequence [58]. A study of proteases
from 43 species of basidiomycetes showed a predominance
of serine protease [9]. An alkaline protease was found in the
basidiome of P. citrinopileatus and it showed a similarity in
amino acid sequence with Agaricus bisporus, Epichloë typ-
hina, and Penicillium oxalicum fungi [43]. Aspartic proteases
are divided into 16 groups and are rarer in Pleurotus [2].

The fibrinolytic proteases of Pleurotus spp. have received
attention in recent years because those searching for new
proteases with fibrinolytic capacity are interested in nontoxic
and edible fungi [77]. Amonomeric protease with fibrinolytic
activitywas purified 29.3-fold from the basidiome ofP. eryngii
produced in corn cob.Theprotease in question showed a high
capacity for degrading fibrin and demonstrated a possible
application as a thrombolytic agent. The hydrolysis of 𝛼 and
𝛽 chains of fibrinogen occurred in less than 10min. The
enzyme showed characteristics of a serine protease similar to

subtilisin, as has been reported for most proteases from the
genus [73].

In a study by Liu et al. [77] the fibrinolytic and fibrino-
genolytic enzyme from P. pulmonarius grown in submerged
state were efficient in degrading the 𝛼 (3min) and 𝛽 (45min)
chains of fibrinogen, followed by 𝛾 after 10 h incubation. The
enzyme was purified 147-fold and presented good stability
at human body temperature, which enables it to be used
as an alternative in thrombolytic treatments, including oral
applications, because it is an edible fungus. Apart from fibrin
degradation, the enzymewas also able to act as a plasminogen
activator, which is not common in the literature. A fibri-
nolyticmetalloproteinase purified frommycelia ofP. ostreatus
showed a high similarity with the fibrinolytic proteases from
the basidiome of the same fungus, which suggests the need
for studies related to therapeutic treatments for thrombosis
from the mycelium, which can be obtained more quickly and
easily than the fruiting bodies [67].

Hemolytic proteases have been reported less frequently
in the genus Pleurotus. The hemolysin of the basidiome of P.
nebrodensis showed apoptosis-inducing activity and antipro-
liferative cancer cells and also anti-HIV-1 activity, interfering
in some way in the permeability of the cell membranes and
preventing virus infection [78]. Activity against cancer cells
has also been verified for proteases of P. ostreatus. Hemolysin
extracted from P. eryngii was effective against leukemia cells
[79] and showed antimicrobial effect for Bacillus sp. [80].
However, these enzymes are not stable at temperatures higher
than 40∘C, which hinders their possible application as a
medicament in the form of food because they would be made
inactive by cooking or when passing through the intestinal
tract [80, 81].

Keratinases are a class of proteases that have received
attention in the past.They consist of proteases that are capable
of degrading substrates that are rich in insoluble keratins,
such as wool, hair, and nail. Because of this, keratinases
are used in environmental and technological processes [82].
However, regarding proteases in general, there is little existing
research on keratinases of basidiomycetes and there are few
reports about keratinases produced by the genus Pleurotus
spp.

The secretome of P. sapidus has shown protease produc-
tion and ligninolytic enzymes, but some points remained
unidentified, indicating that new enzymes with potential
biotechnological applications should be studied and identi-
fied in the species [65]. The secretome of P. ostreatus has
shown the presence of proteases with a potential role in
the regulation of other extracellular enzymes [13]. Metallo-
proteases are enzymes that are finely associated with phys-
iological processes and they have been explored in studies
of bacteria and mammals; however, there have been very
few studies of the metalloproteases of basidiomycetes [68].
Pleurotus spp. has been greatly cultivated for research related
to medicine and also for the consumption of its fruiting
bodies, which have agreeable flavors [24].

Although the process of the emergence of the fruiting
body of basidiomycetes is still not fully known, the expression
of a metalloprotease in the early stages of the formation
of a basidiome of P. ostreatus has been verified, although
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Table 1: Characteristics of proteases Pleurotus spp.

Species Molecular weight (kDa) Optimum pH Optimum temperature Kind of protease References
P. ostreatus 43 [2]
P. ostreatus var. florida 38.7 7.5 37∘C Serine proteinase [13]
P. citrinopileatus 28 10 50∘C Serine proteinase [43]
P. eryngii 11.5 5 45∘C Aspartic protease [50]
P. ostreatus 32 6.5 35∘C Metalloprotease [67]
P. eryngii 14 5 30–40∘C Serine proteinase [73]
P. ostreatus 18.2 7.4 40∘C Metalloprotease [77]
P. nebrodensis 27 [78]
P. eryngii 17 37∘C [80]
P. ostreatus Serine proteinase/metalloprotease [83]
P. ostreatus 22 6.7 [84]
P. ostreatus 75 7.8 Serine protease [85]
P. ostreatus 30/19/42.5 7.4/5.6 Serine protease/metalloprotease [86]
P. sajor-caju 14.5/86 Metalloprotease [87]
P. ostreatus 97/48.5 5.5–6.5 Cysteine protease [88]

the enzyme was not expressed in the mycelial stage or in the
formation of spores [68]. The increase of proteases in mature
hyphae has also been noted in mycelia of P. pulmonarius,
linking the time of the formation of the basidiome with the
presence of such enzymes [70]. Furthermore, the addition
of inhibitors of metalloproteinases has prevented the normal
process of the formation of fruiting bodies ofHypsizygusmar-
moreus [62]. Vanillic acid has been reported as a good inducer
of proteases of Pleurotus ostreatus [58]. In just four days of
cultivation in solid state fermentation in residues in tomato,
P. ostreatus produced high levels of protease, surpassing fungi
which are considered to be the best producers of this enzyme,
such as Aspergillus [8].

The most studied species of the genus is P. ostreatus.
Proteases of P. ostreatuswith the capacity to coagulate of milk
have been purified [83] and despite the classical techniques
of production of proteases, recombinant enzymes have been
produced in order to find better yields and new specialties
[2, 19, 67, 68].

Recent studies of DNA sequence and proteins have come
together with the aim of studying enzymatic structures and
mechanisms. As already mentioned, due to the vast diversity
of proteases, further knowledge of molecular structures in
3D, active sites and mechanisms of catalysis, and enzyme
inhibition are increasingly necessary [18]. Based on the N-
terminal sequences of proteases of P. ostreatus, a primer was
developed in order to clone and amplify a DNA sequence that
showed homologous regions with a hypothetical protease of
Neurospora crassa and another of Phanerochaete chrysospo-
rium—the first basidiomycete with a completely sequenced
genome [58].

A recent study compared the genomes of 33 basid-
iomycetes and resulted in the idea that the division of fungi
into white rot fungi and brown rot fungi in wood cannot be
sustained because of the existence of DNA sequences shared
between the two groups of fungi that attributes complexity
to themechanisms of degradation of cellulose, hemicellulose,
and lignin by basidiomycetes [89]. The three-dimensional

Figure 2: Ribbon model of subtilisin BPN (blue) from Bacillus
amyloliquefaciens in complex with serine protease inhibitor POIA1
(red) and calcium ion (grey sphere). Figure from pdbid: 1V5I.

structures of proteases and their inhibitors provide rich
information about the mechanisms involved in catalysis, and
they suggest processes for enzyme inhibition that are still
unknown. Using X-ray diffraction, the three-dimensional
structure of a serine protease inhibitor of P. ostreatus com-
plexed with subtilisin is shown in Figure 2 [84]. Table 1 shows
some characteristics of proteases Pleurotus spp.

6. Conclusions

There is still much progress to be made in the study of pro-
teases ofPleurotus spp. and there is stillmuch to be discovered
regarding the genome, proteome, and metabolome of the
genus. Several proteases of Pleurotus spp. have shown unique
characteristics, which require further research. Pleurotus
ostreatus is one of the few edible mushrooms produced on
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an industrial scale. Most of the research to be found in the
literature concerns artificially cultivated basidiomycetes. It is
known that there is a high demand in industry for proteolytic
enzymes with appropriate specificity and stability to temper-
ature, pH, metal ions, and so forth. However, it is common to
find that studies of proteases of basidiomycetes recommend
that further, more detailed, studies are required to reveal
the mechanisms and physiological effects of proteases. Thus,
studies of new proteases of the genus Pleurotus, especially
wild species, are an area of biotechnology that needs to be
explored.

Conflict of Interests

The authors declare that there is no conflict of interests
regarding the publication of this paper.

Acknowledgment

Authors would like to thank Coordination for the Improve-
ment of Higher Education Personnel (CAPES) for the facili-
ties and financial support.

References
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C. Sánchez, and G. Dı́az-Godı́nez, “Growth and laccase pro-
duction by Pleurotus ostreatus in submerged and solid-state
fermentation,” Applied Microbiology and Biotechnology, vol. 81,
no. 4, pp. 675–679, 2008.

[16] G. Palmieri, P. Giardina, C. Bianco, B. Fontanella, andG. Sannia,
“Copper induction of laccase isoenzymes in the ligninolytic
fungus Pleurotus ostreatus,” Applied and Environmental Micro-
biology, vol. 66, no. 3, pp. 920–924, 2000.

[17] M. Téllez-Téllez, R. Dı́az, C. Sánchez, and G. Dı́az-Godı́nez,
“Hydrolytic enzymes produced by Pleurotus species,” African
Journal of Microbiology Research, vol. 7, no. 4, pp. 276–281, 2013.

[18] M. B. Rao, A. M. Tanksale, M. S. Ghatge, and V. V. Desh-
pande, “Molecular and biotechnological aspects of microbial
proteases,”Microbiology andMolecular Biology Reviews, vol. 62,
no. 3, pp. 597–635, 1998.

[19] A. Sumantha, C. Larroche, and A. Pandey, “Microbiology and
industrial biotechnology of food-grade proteases: a perspec-
tive,” Food Technology and Biotechnology, vol. 44, no. 2, pp. 211–
220, 2006.

[20] L. Vandeputte-Rutten and P. Gros, “Novel proteases: common
themes and surprising features,” Current Opinion in Structural
Biology, vol. 12, no. 6, pp. 704–708, 2002.
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An extracellular 𝛼-amylase from the obligate halophilic Aspergillus penicillioides TISTR3639 strain was produced and enriched to
apparent homogeneity by ammonium sulfate precipitation and Sephadex G100 gel filtration column chromatography. The mass
of the purified amylase was estimated to be 42 kDa by SDS-PAGE. With soluble starch as the substrate it had a specific activity
of 118.42U⋅mg−1 and 𝑉max and 𝐾𝑚 values of 1.05 𝜇mol⋅min−1⋅mg−1 and 5.41mg⋅mL−1, respectively. The enzyme was found to have
certain polyextremophilic characteristics, with an optimum activity at pH 9, 80∘C, and 300 g⋅L−1 NaCl. The addition of CaCl

2

at 2mM was found to slightly enhance the amylase activity, while ZnCl
2

, FeCl
2

, or EDTA at 2mM was strongly or moderately
inhibitory, respectively, suggesting the requirement for a (non-Fe2+ or Zn2+) divalent cation. The enzyme retained more than 80%
of its activity when incubated with three different laundry detergents and had a better performance compared to a commercial
amylase and three detergents in the presence of increasing NaCl concentrations up to 300 g⋅L−1. Accordingly, it has a good potential
for use as an 𝛼-amylase in a low water activity (high salt concentration) and at high pH and temperatures.

1. Introduction

Hypersaline environments are caused by the evaporation of
water and they are also called thallasohaline environment.
Due to the evaporation process the sodium chloride (NaCl)
concentration rises above 300 psu. Many microbial com-
munities have been found from the sesalterns. Halophilic
microorganisms are extremophiles that are able to survive
in and may require salt for their growth [1]. Fungi that are
isolated from hypersaline environments with a salinity above
100 g⋅L−1 and are able to grow in vitro at a 175 g⋅L−1 salt
concentration are categorized as halophilic fungi [2, 3]. Very
few fungi have been reported yet to inhabit the hypersaline
habitats.Their function in these environments is still not fully

understood [2]. Unlike other microbes, the fungi can grow
independent of salt concentration in saline environments [1].
However, obligate halophilic fungi are those that are unable
to grow in the absence of a salt concentration [4].

Extremophilic microorganisms adopt different strategies
to survive in extreme available conditions. They harbor
different metabolites such as enzymes that can work at
extreme conditions [5] and so are of interest for diverse
biotechnological applications. Halophiles are currently used
in several fermentation processes [6], such as for the produc-
tion of bioactive compounds [7], biorhodopsin, biosurfac-
tants, food additives, and biocompatible solutes [8]. Extreme
halophiles have been increasingly investigated for their
hydrolytic enzymes since these have potential uses in several
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industrial applications [9, 10]. However, the use of halophilic
microorganisms and their metabolites has largely involved
halophilic bacteria [11]. Despite the fact that halophilic
fungi, especially the obligate strains, are better sources of
extracellular enzymes, they have not been investigated very
much for their potential in biotechnological applications [3,
12]. 𝛼-Amylase (1,4-𝛼-D-glucan glucanohydrolase, EC 3.2.1.1)
is a class of important industrial enzymes that are used in the
food, textile, laundry, and pharmaceutical industries [13, 14]
and currently form about 25% of the total enzyme market
[15]. Although many microbial amylases have been used as
an additive in laundry detergents [16], they do not perform
well in hard or saline water, which then limits their use in
such areas [3, 12].

Recently, the obligate halophilic Aspergillus penicillioides
TISTR 3639 strain was isolated from an extreme hypersaline
environment (a man-made solar saltern) in the Ban Laem
district of Phetchaburi province, Thailand [1, 4]. The fungus
was found to be positive for extracellular 𝛼-amylase activity
[3] by plate screening method (Supplementary Figure S1; see
Supplementary Material available online at http://dx.doi.org/
10.1155/2015/245649). In this study, the purification and char-
acterization of 𝛼-amylase from A. penicillioides TISTR 3639
were performed. Due to its polyextremophilic properties, the
potential of using this enzyme as a laundry detergent additive
was then investigated.

2. Materials and Methods

2.1. Growth Conditions for Enzyme Production. The A. peni-
cillioides TISTR3639 strain was grown in 150mL flasks con-
taining 100mL of production medium (PM) at room tem-
perature (25 ± 2∘C) at 150 rpm for 14 d. The PM was made
according to Ali et al. [3] with a few modifications such that
the composition was composed of 10 g⋅L−1 soluble starch,
3.0 g⋅L−1 mycological peptone, 100 g⋅L−1 NaCl, 8.0 g⋅L−1
CaCO

3
, 6.6 g⋅L−1 (NH

4
)
2
SO
4
, 3.5 g⋅L−1 KH

2
PO
4
, 0.15 g⋅L−1

FeSO
4
⋅7H
2
O, and 0.10 g⋅L−1 MgSO

4
⋅7H
2
O.

2.2. Amylase Purification. Enrichment to apparent homo-
geneity of the 𝛼-amylase was performed by ammonium
sulfate precipitation and Sephadex G100 gel filtration chro-
matography as previously described [12, 17, 18]. The 14 d
grown culture broth (100mL) was centrifuged at 13,000×g
at 4∘C for 10min and the supernatant was harvested. The
amylase was then precipitated by bringing the supernatant
to 90% saturation (NH

4
)
2
SO
4
, storing overnight at 4∘C,

and harvesting the insoluble fraction by centrifugation at
12,000×g for 30min.The pellet was then dissolved in 100mM
Tris-HCl buffer (pH 8) and dialyzed against the same buffer
for 48 h. The dialyzate was then subjected to Sephadex G100
gel filtration using a 2.6 cm × 150 cm column, preequilibrated
in and then eluted with 25mM Tris-HCl buffer (pH 8)
containing 5mL⋅L−1 Triton X-100 at a flow rate of 30mL⋅h−1.
Fractions (5mL) were collected and each was tested for 𝛼-
amylase activity and total protein content.

Determination of the purity and molecular weight of the
enriched 𝛼-amylase was performed using sodium dodecyl

sulphate polyacrylamide gel electrophoresis (SDS-PAGE)
resolution (150 g⋅L−1 resolving gel) followed by coomassie
blue staining, as reported by Hmidet et al. [18]. The purified
amylase was mixed at a 1 : 5 volume ratio with the loading
buffer (10mM Tris-HCl, pH 8, 25 g⋅L−1 SDS, 50mL⋅L−1𝛽-
mercaptoethanol, 10mL⋅L−1 glycerol, and 0.002 g⋅L−1 bro-
mophenol blue). Prior to loading and electrophoresis, the
sample was denatured and reduced by heating at 100∘C for
5min. Gels were stained with 2.5 g⋅L−1 Coomassie Brilliant
Blue R250 in 450mL⋅L−1 ethanol-100mL⋅L−1 acetic acid and
destained with 50mL⋅L−1 ethanol-7.5mL⋅L−1 acetic acid. The
molecular weight was determined in comparison to the
Unstained Precision Plus Protein 161 molecular marker kit
(Bio-Rad, USA).

2.3. 𝛼-Amylase Assay. 𝛼-Amylase activity was determined
by the 3,5-dinitrosalicylic acid (DNS) method as described
by Miller [19] using 10 g⋅L−1 soluble starch as the substrate.
The reaction mixture (0.1mL enzyme solution, 0.5mL 0.1M
phosphate buffer, and 5mg soluble starch) was incubated
at 40∘C for 10min. The reaction was then stopped by the
addition of 3mL of DNS and heating in a boiling water bath
for 5min. After cooling, 10mL of water was added and the
absorbance of the reactionmixturewas read at 540 nm (A

540
).

One unit (U) of enzyme activity was defined as the amount of
enzyme that produced 1 𝜇mol of glucose in 1min.

2.4. Protein Estimation. Theamount of proteinwas estimated
by the method of Lowry [20], using bovine serum albumin
(BSA) as the standard.

2.5. Characterization of the Enriched 𝛼-Amylase. The effect of
the pH, temperature, andNaCl concentration on the enriched
amylase enzyme activity was evaluated by sequential univari-
ate analysis of the pH, temperature, and NaCl concentration,
respectively, andmonitoring the relative enzyme activity (the
highest activity was referred to as 100%) as the selected
parameter. For evaluation of the optimal pH, the reaction
mixture was incubated in 0.1M acetate buffer for pH 5-6 and
0.1M phosphate buffer for pH 7–12, at a constant 30∘C with
no added NaCl. For evaluation of the optimal temperature,
the reaction mixture was incubated at a temperature range
of 40–100∘C in 0.1M phosphate buffer at the optimal pH
(as determined above). Finally, for evaluation of the optimal
salinity level, the sample mixture in 0.1M phosphate buffer at
the found optimal pH was supplemented with NaCl to a final
concentration of 0–500 g⋅L−1 and incubated at the optimal
temperature.

The effect of various metal ions, or the enzyme inhibitors
𝛽-mercaptoethanol and EDTA, on the enzyme activity was
investigated by separately adding BaCl

2
, CaCl

2
, FeCl

2
, HgCl

2
,

MgCl
2
, and ZnCl

2
to the reaction mixture at a final con-

centration of 2mM. The relative amylase activity (%) was
calculated in comparison to that without any additives.

2.6. Determination of the Kinetic Parameters of the Enriched
𝛼-Amylase. The kinetic parameters of the enzyme were
determined by incubating the enriched 𝛼-amylase with 0.1–
40 g⋅L−1 soluble starch (substrate) under the previously found
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Figure 1: SDS-PAGE analysis of the enriched 𝛼-amylase from A.
penicillioides TISTR 3639. Lane 1: molecular mass ladder; lane 2 the
enriched𝛼-amylase, showing a single band at approximately 42 kDa.

optimum conditions. The 𝑉max and 𝐾
𝑚

values were then
calculated from the Lineweaver-Burk plot.

2.7. Compatibility of the Enriched 𝛼-Amylase with Commercial
Detergents. Thecompatibility of the enriched𝛼-amylasewith
three commercial detergents (a liquid detergent (A) and two
powdered detergents (B and C) bought from Talad Thai
market, Pathumthani, Thailand) was determined in terms of
the respective enzyme activities in comparison with that of
the enriched enzyme in the absence of the detergents.

The detergent solutions were prepared by dissolving the
powdered or liquid detergent in distilled water to 7 g⋅L−1
and heating at 100∘C for 90min to denature any enzyme
activity present in the solutions. The cooled solutions were
then mixed with the purified amylase at a 1 : 1 volume ratio
and incubated for 1 h at 40∘C. The residual enzyme activity
was calculated in comparisonwith the control (distilledwater
instead of the detergents solution), expressed as the relative
activity (%) of the control experiment.

2.8. Performance of the Enriched 𝛼-Amylase with Commercial
Detergents in Varying NaCl Concentrations. For the perfor-
mance test, the control mixture was made using 0.1mL of
the enriched 𝛼-amylase from A. penicillioides TISTR3639 in
0.5mLof 0.1Mphosphate buffer (pH7) containing 10 g⋅L−1 of
soluble starch and 0–50 g⋅L−1NaCl, while the three detergents
(A, B, and C) were assayed as above except for adding
the respective detergent instead of the enriched amylase.
A commercial 𝛼-amylase from A. oryzae (Sigma Aldrich,
Germany) was also used for comparison.

2.9. Statistical Analysis. Each experiment with the required
controls was performed in triplicate and the data are pre-
sented as the mean ± one standard deviation (SD). Signif-
icance of the differences between means was tested for by
analysis of variance (ANOVA) and Duncan’s multiple means

tests (DMMT) on the parametric or arc-sine square root
transformed data using the SPSS software, where a 𝑃 value
of less than 0.05 was considered as significant.

3. Results

3.1. Enrichment of the 𝛼-Amylase. The initial 90% saturation
(NH
4
)
2
SO
4
cut gave a 2.5-fold increased enzyme specific

activity for a 32% yield loss and a 76% total protein reduction
(Table 1). Following Sephadex G100 gel filtration, the eluted
fraction showing the highest amylase activity was then eval-
uated for its apparent purity and molecular weight by SDS-
PAGE resolution and coomassie blue staining. Only a single
protein band was visualized suggesting the apparent enrich-
ment of the enzyme to homogeneity (Figure 1). Overall, the
enzyme activity was increased 6.96-fold following the 90%
saturation (NH

4
)
2
SO
4
precipitation and Sephadex G100 gel

filtration for a loss of 56% activity. The specific activity of the
enriched 𝛼-amylase was estimated to be 118.4 ± 1.2U⋅mg−1
(Table 1), with an estimated molecular weight of ∼42 kDa by
SDS-PAGE analysis (Figure 1).

3.2. Characterization of the Enriched 𝛼-Amylase. The effect of
increasing the pH (range 5–12) on the enriched 𝛼-amylase
activity, when assayed at 30∘C, is shown in Figure 2(a),
where the enzyme activity was higher (>80%) in a neutral to
moderately alkaline pH (7–10). The enzyme activity declined
above and below pH 9, but this decline was more marked
with increasing pH above 9 (64% activity at pH 12) than with
decreasing pH (∼75 and ∼73% at pH 6 and 5, resp.).

Increasing the temperature increased the activity of the
enriched 𝛼-amylase, as assayed at the more optimal pH 9
(Figure 2(b)), to peak at 80∘C (100±0.81%), and thendeclined
at temperatures above 80∘C, but it still retained more than
60% of its initial activity at 100∘C. Thus, the thermophilic
nature of the enzyme at temperatures higher than 60∘C was
clearly revealed.

With respect to the effect of the salinity, a gradual increase
in the enriched 𝛼-amylase enzyme activity was observed with
increasing NaCl concentrations up to 300 g⋅L−1, as assayed
at pH 9 and 80∘C (Figure 3). Although there was a sharp
decrease in the enzyme activity above 300 g⋅L−1 NaCl, the
enzyme was still able to retain most (89 ± 0.21%) of its initial
activity at the nearly saturated salt concentration of 400 g⋅L−1
NaCl.

Finally, the effect of various metal ions and enzyme
inhibitors at a concentration of 2mM on the activity of
the enriched 𝛼-amylase is summarized in Table 2. Except
for CaCl

2
, which only weakly (but statistically significantly)

increased the activity, none of the metal ions and enzyme
inhibitors at this concentration were found to increase the
enzyme activity. The slight decrease in the enzyme acti-
vity with the addition of 2mM BaCl

2
, HgCl

2
, and b-mer-

captoethanol was significant all the same, whilst the enzyme
was moderately inhibited by the inclusion of FeCl

2
or EDTA

and strongly inhibited by ZnCl
2
.

3.3. EnzymeKinetics. From the Lineweaver-Burk plot (Figure
4), the enriched amylase had a 𝐾

𝑚
of 5.41mg⋅mL−1 and
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Table 1: Stepwise summary of the enrichment of the 𝛼-amylase from A. penicillioides TISTR 3639.

Properties Cell-free supernatant (NH4)2SO4 precipitation Gel filtration chromatography
Total protein (mg) 2301.1 ± 1.0 785.4 ± 1.1 219.4 ± 1.3
Total activity (U) 39142 ± 1.5 (100%) 34015.8 ± 1.0 (68%) 25891.9 ± 1.1 (44%)
Specific activity (U⋅mg−1) 17 ± 0.0 43.3 ± 0.1 118.4 ± 1.2
Purification fold 1.0 2.5 6.9
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Figure 2: Effect of the (a) pH (at 30∘C) and (b) temperature (at pH 9.0) on the activity of the enriched 𝛼-amylase from A. penicillioides
TISTR 3639. Data are shown as the mean relative activity (%) ±1 SD (error bars), derived from three repeats. Means with a different lowercase
superscript letter (a, b, and c) are significantly different (ANOVA and DMRT of the transformed data, 𝑃 < 0.05).

Table 2: Effect of various metal ions and additives on the activity of
the enriched 𝛼-amylase from A. penicillioides TISTR 3639.

Additives (2mM) Relative activity (%)
None 100∗f

BaCl2 97.8 ± 0.8e

CaCl2 104.2 ± 1.7g

FeCl2 78.1 ± 1.5c

HgCl2 97.1 ± 1.4e

MgCl2 99.1 ± 2.2ef

ZnCl2 44.3 ± 0.9a

𝛽-Mercaptoethanol 95.1 ± 1.5d

EDTA 73.4 ± 0.4b
∗One hundred percent activity corresponded to the activity of the amylase
without additive. Data are shown as the mean relative value ± 1SD, derived
from three repeats. Means followed by a different lowercase superscript letter
(a, b, c, d, e, f, and g) are significantly different (ANOVA and DMRT of the
transformed data, 𝑃 < 0.05).

𝑉max of 1.05 𝜇mol⋅min−1⋅mg−1 with soluble starch as the sub-
strate.

3.4. Compatibility of the Enriched 𝛼-Amylase with the Selected
Three Commercial Detergents. The compatibility results of
the enriched enzymewith three commercial detergents (A, B,
and C) as well as the commercial amylase enzyme are sum-
marized in Table 3. The residual activity taken in percentage,
as compared with control, showed that the enzyme was seen
to retain more than 80% of the activity without any added

Table 3: Effect of various detergents on the residual activity of the
enriched 𝛼-amylase from A. penicillioides TISTR 3639.

Additive Residual activity (%)
Distilled water (control) 100∗d

Detergent A 81 ± 1.5a

Detergent B 87 ± 0.1b

Detergent C 94 ± 1.5c
∗One hundred percent activity corresponded to the activity of the amylase
without any added detergent. Data are shown as the mean relative value ±
1SD, derived from three repeats. Means followed by a different lowercase
superscript letter (a, b, c, and d) are significantly different (ANOVA and
DMRT of the transformed data, 𝑃 < 0.05).

detergent. The powdered B and C detergents were found to
be more compatible with the enriched amylase, by giving the
residual enzyme activity of 87% and 94%, respectively, than
was liquid detergent A, which was observed to provide 81%
amylase residual activity.

3.5. Performance Test with Commercial Detergents. The per-
formance test results of this enriched 𝛼-amylase in the pres-
ence of the respective commercial detergents are summarized
in Figure 5, where the relative activity (%) was found to
decrease with increasing salt concentration. However, in
similar salt conditions the commercial amylase and the deter-
gents had an inferior activity in comparison to this enriched
𝛼-amylase from A. penicillioides. At 50 g⋅L−1 NaCl, only 60%
of the A. penicillioides amylase activity was detected in the
commercial amylase and 60–70% in the three detergents.
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Figure 3: Effect of the NaCl concentration (g⋅L−1) on the activity
of the enriched 𝛼-amylase from A. penicillioides TISTR 3639 at pH
9 and 80∘C. Data are shown as the mean relative activity (%) ±1
SD (error bars), derived from three repeats. Means with a different
lowercase superscript letter (a, b, and c) are significantly different
(ANOVA and DMRT of the transformed data, 𝑃 < 0.05).
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Figure 4: Lineweaver-Burk plot for the determination of the 𝑉max
and 𝐾

𝑚

values of the enriched 𝛼-amylase from A. penicillioides
TISTR 3639, at optimum conditions (pH 9 and 80∘C), in the
presence of different concentrations of soluble starch.

4. Discussion

Many attempts have beenmade to find suitable fungus strains
for the production of amylases with desirable properties [21].
Mesophilic fungi are reported to be the principal amylase
producers [16] and especially members of the Aspergillus
and Penicillium genera that appear to be the dominant
producing species [22]. Fungal amylases are preferred for use
in various industries, including the food and pharmaceutical
industries, due to their nontoxic characteristics [3, 12, 23].
Consequentially, Aspergillus species, such as Aspergillus niger
and Aspergillus oryzae, are frequently used in the industrial
production of amylases [24], but there are few reports on
the purification and detailed characterization of 𝛼-amylases
from halophilic fungi [12]. In addition, to the best of our
knowledge, this is the first report of the determination of the
potential of an amylase from any obligate halophilic fungus
to be used as an additive in laundry detergent.

The molecular mass of amylases from halophilic fungi is
mostly reported in the range of 50–75 kDa [25]. In this study
for A. penicillioides TISTR 3639, it was found slightly smaller
with an approximatemass of 42 kDa (Figure 1).Moreover, the
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Figure 5: Performance comparison of a commercial amylase,
detergents A, B, and C, and the enriched 𝛼-amylase (control) from
A. penicillioides TISTR 3639 at pH 7 and 30∘C in the presence
of different concentrations of NaCl. The results are expressed as
the relative activity (%) to that of the enriched 𝛼-amylase from A.
penicillioides TISTR 3639 without NaCl and are shown as the mean
relative activity (%) ±1 SD (error bars), derived from three repeats.
Means with a different lowercase superscript letter (a, b, and c) are
significantly different (ANOVA andDMRT of the transformed data,
𝑃 < 0.05).

specific activity of the amylase was in the moderate range
[17], whilst the 𝐾

𝑚
value (5.41mg⋅mL−1) of the enzyme falls

in the middle of the range (0.35–11.66mg⋅mL−1) reported for
amylases from halophilic fungi [26]. The𝐾

𝑚
and 𝑉max values

of the enriched 𝛼-amylase of this study (with soluble starch as
the substrate) suggested that it has a moderately high affinity
for soluble starch and requires a relatively low concentration
of this substrate to achieve 𝑉max.

The optimal pH profile of this enriched amylase mirrors
the pH-dependent growth profile of its producing A. penicil-
lioides, where it was previously reported that A. penicillioides
grew relatively well at a neutral to alkaline pH [1]. This
also matches the pH found in most of the hypersaline
environments [6]. The enzyme in this study retained almost
80% of its relative activity at an extreme pH (pH 11), but at
pH 5 it was slightly lower at less than 75% relative activity,
showing that it is potentially more tolerant of alkaline pH.
An optimal pH of 9-10 has been reported for many enzymes
from halophilic organisms and an alkalophilic property has
been considered as the nature of halophilic enzymes [27, 28].

The alkaline amylases from microorganisms have been
found to have tremendous applications in detergent indus-
tries [15]. However, most halophilic enzymes are denatured
and lose their activity at temperatures over 50∘C [29], whereas
this halophilic and alkalophilic amylase fromA. penicillioides
TISTR 3639 showed an optimal activity at 80∘C and was
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still relatively stable at 90∘C or lower with more than 80%
of its initial activity remaining after a 1 h incubation at this
temperature (data not shown). Thus, it is extremely thermo-
philic [30, 31]. Thermophilic amylases are mostly applied in
various starch industries [29].

Salinity is a crucial factor in the normal functioning
of most enzymes from obligate halophilic microorganisms.
Previously, it was found that A. penicillioides grew best at
a salinity of 100 g⋅L−1 NaCl [1], a salinity level that has
been widely reported to favor amylase production in most
halophilicmicrobes [12, 32, 33]. However, the𝛼-amylase from
A. penicillioides TISTR 3639 still had a high catalytic activity
even at extreme salt concentrations (300–400 g/mL−1 NaCl),
much higher than those of the amylases reported from other
extreme halophilic Archaea and Bacteria [10, 33, 34], adding
a novelty to this enzyme. This extremophile property of the
enzyme suggests the potential to be used in saline waste water
management, in bioremediation processes in saline areas [12,
35, 36], and for biofuel production, where halophilic enzymes
are reported to work better than normal enzymes [37].

The amylases from halophilic microorganisms have fre-
quently been reported to have polyextremophilic characteris-
tics [10, 12, 33].They aremostly reported to be thermotolerant
with haloalkalophilic properties [25], where the enzyme
must have the capability to withstand extreme conditions
for several industrial processes [38]. The amylase from
A. penicillioides TISTR 3639 has the same trend of being
polyextremophile, whichmakes it potentially versatile for use
in different industrial operations, where harsh conditions are
available.

The detergent industries are one of the primary con-
sumers and users of enzymes that enhance the performance
of detergents or allow the product to be more environmen-
tally friendly [21]. Approximately 90% of commercial liq-
uid detergents contain a mixture of enzymes that include
amylases [39], since starch is considered as an attractant
for various soil particles [18]. Amylases are also used in the
detergent industries to remove starchy food stains, such as
chocolate, custard, gravy, and potato amongst others, which
are found on kitchen utensils as well as on clothes [16]. The
addition of any enzyme in the detergent requires its compa-
tibility and ability to perform in the presence of the detergents
for inclusion [40]. Currently, there have been only a few
reports of suitable and stable amylases that can be added into
laundry detergents [41], and these need to work well at an
alkaline pH [21]. Thus, it is of interest that the enriched amy-
lase from A. penicillioides TISTR 3639 was found to be rela-
tively stable in the presence of different detergents as well
as alkaline conditions. Note that the compatibility test was
performed under normal conditions (30∘C, pH 7) that are
suboptimal for this enzyme and so its activity may be
improved at higher temperatures, alkalinity, and salinity lev-
els, although of course its compatibility with these detergents
would need to be evaluated at these conditions.

The rapidly changing world provides some tough chal-
lenges to humans.The limiting water resources in many parts
of the world compel the use of saline or hard untreated water
for daily domestic uses [42], including untreated under-
ground hard water [43], and these decrease the cleaning

efficiency of detergents [44]. In this study, the enriched 𝛼-
amylase from A. penicillioides TISTR 3639, in comparison
with three tested detergents and a commercial amylase, was
found to work well in a low water activity, which means that
the inclusion of this amylase could help solve the problem of
a low cleaning capacity of detergents in a high saline envi-
ronment. Moreover, when such underground hard water is
not suitable for drinking it can be used for laundry purposes,
saving the clean anddrinkablewater for consumption in areas
where drinking water resources is limited.

5. Conclusions

Increasing demands from biotechnology, climate change,
and decreasing water resources form the need to find amy-
lases that can withstand high temperatures, salt concentra-
tions (low water activity), and alkalinity levels. The polyex-
tremophilic behavior of this enriched 𝛼-amylase obtained
from A. penicillioides TISTR 3639 appears to be a promising
candidate for fulfilling the current needs of many industrial
processes requiring amylases, especially for laundry detergent
industries. Of interest was the fact that the 𝛼-amylase from
the obligate halophilic A. penicillioides TISTR 3639 was
more extremophilic than the fungus itself. This provides
an opportunity to exploit more interesting biotechnological
applications from obligate halophilic fungi.
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González, J. C. Contreras-Esquivel, and R. Rodŕıguez-Herrera,
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Lipases are of great interest for different industrial applications due to their diversity and versatility. Among different lipases,
microbial lipases are preferable due to their broad substrate specificity, and higher stability with lower production costs compared to
the lipases from plants and animals. In the past, a vast number of bacterial species have been reported as potential lipases producers.
In this study, the lipases-producing bacterial species were isolated from an oil spillage area in the conventional nightmarket. Isolated
specieswere identified asBacillus species by biochemical testswhich indicate their predominant establishment, and further screened
on the agar solid surfaces using lipid and gelatin as the substrates. Out of the ten strains tested, four potential strains were subjected
to comparison analysis of the lipolytic versus proteolytic activities. Strain 10 exhibited the highest lipolytic and proteolytic activity. In
all the strains, the proteolytic activity is higher than the lipolytic activity except for strain 8, suggesting the possibility for substrate-
based extracellular gene induction. The simultaneous secretion of both the lipase and protease is a mean of survival. The isolated
bacterial species which harbour both lipase and protease enzymes could render potential industrial-based applications and solve
environmental issues.

1. Introduction

Oil pollution or spillage is a prevalent problem in developing
and industrialized countries. One of the major sources of oil
pollution is the dietary oil spillage from both the producers
and end-users, which is a very widespread form of pollution
in the environment leading to a number of other complica-
tions such as the clogging of pipes and drainages. In order to
alleviate the problem associated with this, degradation of the
oil can bemediatedwith an environment-friendly technology
and cost-saving system [1]. However, this cleaning-up system
is dependent on several factors such as the nature of the place
of oil contamination occurrence, temperature, as well as the
microbial consortium. There are different microbial species
reported from the oil-polluted environments, which include
bacteria, fungi, and actinomyces [2–7]. Owing to the pres-
ence of a large diversity of microorganisms, one amenable

approach to assuage this oil contamination-related problem
is the microbial-based degradation. To expedite microbial-
based degradation, the type of bacteria and the corresponding
products secretedmust be identified prior to the characteriza-
tion. In addition to this, identification and characterizations
are able to unveil the presence of a potpourri of extracellular
enzymes, which can be purified. Previous studies revealed the
presence of lipolytic bacteria isolated from different habitats
such as industrial wastes, vegetable oil processing factories,
dairy plants, and soil contaminated with oil, where these
oily environments provide good conditions for these bacteria
to flourish [8, 9]. For example, a novel species of lipase
producing bacteria,Geobacillus zalihae, was isolated from the
palm oil mill effluent in Malaysia [10].

One of the most common extracellular secretions by the
bacteria-inhabiting oil-rich soil is the lipase. Lipases or tria-
cylglycerol acyl hydrolases (E.C.3.1.1.3) are enzymes that
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Figure 1: Hydrolysis of the triglyceride by lipase takes place at the
interface of the insoluble substrate phase and the aqueous phase, the
region where enzyme is dissolved.

catalyze the hydrolysis of ester bonds in fats and oils into
glycerol and free fatty acids at the oil-water interface [9].
This hydrolysis takes place at the interface between the
insoluble substrate phase and the aqueous phase, the region
where the enzyme dissolves (Figure 1). Apart fromhydrolysis,
lipases also catalyze synthesis reactions, for example, esterifi-
cation, amidation, alcoholysis, acidolysis, and aminolysis [11].
Yapoudjian et al. [12] have shown that the two possible bind-
ing modes of Thermomyces lanuginosa lipase mutants TLL
(S146A) and the substrate oleic acid involve interaction with
the tryptophan 89 of the lipase (protein data bank accession
number-1GT6) (Figure 2(a)). Meanwhile, Zdunek et al. [13]
have determined the global structure of apolipoprotein, the
activator of lipoprotein lipase that forms complex with the
sodium dodecyl sulfate (SDS) micelles (protein data bank
accession number-1O8T) (Figure 2(b)).

The ability of lipases to catalyze reactions in a broad range
of substrates without the addition of expensive cofactors and
their stability in organic solvents resulted in the enzymes
being listed as the third largest group of commercialized
enzymes after proteases and carbohydrases [11, 14]. Lipases
are commonly used in the food industry, pulp and paper
processes, medical field, and as cleaning agents [14–16].
Lipases were produced naturally in several species of animals,
plants, bacteria, yeasts, and fungi [17]. However, lipases
isolated from bacteria have gained vast attraction due to their
higher activities under optimum pH at neutral or alkaline
condition. Microbial lipases also have shorter generation
times, and genetic manipulations can be performed more
easily on bacterial cells to increase the enzyme production
[14]. Besides, bacterial cultures were more readily scaled up
for production and purification with lower production costs
[17, 18]. Due to the wide ranging versatility of lipases in
biotechnological applications, the demands for new lipase
sources continues to stimulate the screening and identifica-
tion of novel lipolytic bacteria with the highest ability for the
biodegradation of oils and fats [1, 19, 20]. Thus, in this study,
samples from night market were chosen for screening lipase
producing bacteria in the oil-contaminated soil, which can
be potential microbial-based degradation approach and an
“extraction pool” for the extracellular enzymes.Moreover, the

differential secretion of the lipase and protease enzyme was
also analyzed. Lipase and protease are the class of enzymes
that perform both the degradative and synthetic function for
the physiological necessity of the microorganism. The com-
parison can provide knowledge on the differential secretion
of lipase/protease in the oil-contaminated soil. Moreover, the
identification of the strains that excrete these enzymes can be
also potentially manipulated by culturing them in media to
expedite large scale enzyme production. These enzymes can
also be useful to decontaminate the oil contaminants in the
collection area of the night market that are very difficult to be
cleaned.

2. Materials and Methods

2.1. Isolation of Bacteria from Oil-Contaminated Soil. Oil-
contaminated soil samples were collected from the night
market at Bandar Putra Bertam, Penang, Malaysia, and were
processed immediately on the same day of collection. The
soil samples (5%) were inoculated into enrichment medium
(EM1) containing 1% olive oil and incubated at 60∘C for 2
days under shaking condition as described by Abd Rahman
et al. [10]. Enriched cultures were then streaked onto LB agar
plate (Lennox) (Laboratorios CONDA, Spain) for isolation of
single colonies.

2.2. Identification of Lipase Producing Bacteria. The bacterial
isolates were grown in 10mL of Luria Broth (Laboratorios
CONDA, Spain) at 37∘C overnight at 200 rpm and later sub-
jected to Gram staining by using BDGram Stain Kit (Becton,
Dickinson and Company, USA). In order to identify the bac-
teria, the cultures were subjected to catalase, coagulase, oxi-
dase, motility, indole, citrase, urease, methyl red, and Triple
Sugar Iron (T.S.I) test. Prior to the lipolytic activity assay, the
enriched cultures of ten bacterial strains were streaked onto
blood agar plates and later incubated at 37∘Covernight. Blood
agar plateswere prepared by the addition ofmeat extract (1%),
peptone (1%), sodium chloride (0.5%), and agar (1.5%). After
autoclaving, the media is cooled to RT before the addition of
5% v/v sterile defibrinated blood prior to use.

2.3. Screening of Microbial Lipases Production on the Agar
Solid Surface. The bacterial single colonies were screened for
their ability to produce lipases by using solid media contain-
ing different substrates, including Tween-20 and olive oil with
phenol red. The screening assays were performed using solid
media due to difficulty in the determination of lipolytic activ-
ity as the water soluble lipases catalyse reaction of only the
water insoluble substrates [1, 21, 22]. The relative enzymatic
activity was identified based on visual observation and mea-
suring the formation of a clearance zone on the agar surface.

2.3.1. Lipolytic Enzyme Assay Using Tween-20 Agar. Cul-
ture medium which contained peptone (1% w/v), NaCl
(0.5%w/v), CaCl

2
⋅2H
2
O (0.01% w/v), agar (2% w/v), and

Tween-20 (1% v/v) was prepared as described by Gopinath
et al. [23]. Bacterial samples were then plated on the Tween-
20 agar plates and incubated at 37∘C overnight. The presence
of lipolytic activity was indicated by a visible precipitate
resulting from the calcium salt formed by the fatty acid from
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Figure 2: (a) Crystalized structure of Thermomyces lanuginosa lipase mutants TLL (S146A) and the substrate oleic acid (protein data bank
accession number-1GT6). (b) Crystalized structure of apolipoprotein-SDS micelle complex (protein data bank accession number-1O8T).

the hydrolysis reaction or a clearance zone around the colony
due to the complete degradation of the salt of the fatty acid
[23].

2.3.2. Lipolytic Enzyme Assay Using Olive Oil with Phenol Red
Agar. The serial diluted bacterial samples were also plated on
phenol red agar and incubated at 37∘C overnight. The phenol
red agar plates were prepared by incorporating phenol red
(0.01% w/v), olive oil (0.1% v/v), CaCl

2
(0.1% w/v), and agar

(2% w/v) [24]. Phenol red has an end point at pH 7.3-7.4,
where a slight decrease in pH will turn its color from pink
to yellow. The change in color of phenol red was used as an
indicator for lipase activity, where lipase producing bacteria
will turn the dye into yellow color.

2.4. Proteolytic Enzyme Assay Using Gelatin Agar. The gelatin
agar plates were prepared by adding 5mL of sterile 8%
solution of gelatin (Sigma) into 100mL of nutrient agar
medium (HiMedia, India) [23]. Serial diluted bacterial sam-
ples were plated on gelatin agar and incubated at 37∘C
overnight. The clearance zone around the colonies indicated
the presence of proteolytic activity, which was due to the
complete degradation of gelatin. Aqueous saturated solution
of ammonium sulfate was added on the surface of the agar for
clear visualization.

3. Results and Discussion

Isolation of extracellular enzyme-producing microorganism
has garnered immense attention due to its application in
numerous biotechnological processes such as detergents;
textile; dairy industries; oil processing; surfactant production;
and synthesis of chiral pharmaceuticals. Since there is a
different requisite for the specific properties of the enzyme
for each industrial application, there is a constant interest
for the identification of new lipase for novel applications.
Microorganisms such as bacteria, yeast, and fungi secrete cer-
tain enzymes for growth on insoluble organic substrates. For

example, enzyme lipase is secreted and favored, attributable
to its high reaction specificity, stereo specificity, less energy
consumption, and having higher stability than the plant
and animal enzymes. Previously, Gopinath et al. [23] have
demonstrated the isolation of 34 fungal species from the oil-
spill contaminated soils from several major cities in India and
analyzed their seasonal-based changes of survival.The type of
habitat for the bacteria, which harbour different substrates,
can be a significant factor for the presence of the extracellular
enzymes (Figure 3(a)). These enzymes also can be a potential
source for economic isolation of enzymes and also a potential
target for the microbial degradation-based control of oil
spillage decontamination.

In this study, oil-contaminated soil samples were col-
lected from a spot in a night market at Bandar Putra Bertam,
Penang, Malaysia (Figure 3(b)). Night market was chosen as
the location for sample collection as it is a very common
oil-contaminated location in Malaysia and for the readiness
to access the location. Samples were cultured in enrichment
medium (EM1) to promote the growth of lipolytic bacteria
[10] and olive oil was used as the sole carbon source (a cheaper
alternative to triolein as lipase inducer).

3.1. Identification of Lipase Producing Bacteria. Even though
16S rDNA-based sequencing is the pragmatic approach for
bacterial identification, the traditional method of Gram
staining and biochemical characterization does not only aid
in the identification of bacteria, but also provides information
on the extracellular secretions of the bacteria. Nine of the
bacteria strains (strains 2–9)were identified asGram-positive
bacilli while the other one was identified as Gram-negative
bacilli (strain 1) by Gram staining studies (Table 1). Based
on the differentiation via Gram stains and biochemical
characterization, the Gram-positive bacteria strains were
identified as Bacillus spp.The growth observed on the surface
of the blood agar also implied the presence of Gram-positive
bacteria, in this case Bacillus spp. (Figure 4). For the extracel-
lular secretion analysis, the bacteria samples were subjected
to lipase assays on Tween-20 with olive oil as the substrate
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Figure 3: (a) Common oil spillage which may harbour certain bacteria that excrete extracellular enzymes. (b) Spot in the night market at
Bandar Putra Bertam, Penang, Malaysia whereby soil sample was collected.

Table 1: Gram staining and biochemical characterization of the bacterial strains.

Strain Gram
staining

Catalase
test

Coagulase
test

Oxidase
test

Motility
test Indole test Citrase test Urease test Methyl red

test

T.S.I test
(slant and
butt)

1 − + − − − − − − − No changes
2 + + − − − − − − − Acid
3 + + − − − − − − − Acid
4 + + − − − − − − − Acid
5 + + − − − − − − − Acid
6 + + − − − − − − + Acid
7 + + − − − − − − − Acid
8 + + − − − − − − + Acid
9 + + − − − − − − + Acid
10 + + − − − − − − + Acid
+, positive activity; −, no activity detected.

and phenol red agar as the indicator and protease assay by
using gelatin agar plates.

3.2. Analyses of the Lipase Activity. Tween-20, a detergent
that has fatty acids (C

12
) with medium chain length, has

been reported as a potential substrate for the assay of soil
lipase activity [23, 25, 26]. The use of Tweens has been
criticized due to the possibility of Tweens being hydrolyzed by
esterases, thus resulting in false-positive results in the lipase-
screening assay [27, 28]. However, Tweens are still favored
as lipase substrates in screening assay due to their readiness
to be incorporated into culture media and their ability to
promote optimal contact between cells and/or enzymes and
the substrate [28]. Seven out of the 10 bacterial strains selected
showed visible precipitates on the colonies (Table 2) which
could be an indication of lipolytic activity due to the release
of the fatty acids fromTween-20 and their precipitation as the
calcium salts [23, 26].

In order to further confirm the above determined lipoly-
tic activity, phenol redmethodwas carried out. Phenol red, or
phenolsulfonphthalein (PSP), is a pH indicator dye that has
an end point at pH 7.3-7.4 where the color is pink. When the
pH gradually decreases to pH 7.0-7.1, this will result in yellow

Table 2: Screening of bacteria strains for lipolytic enzyme activity.

Strain Tween-20
agar

Phenol red
agar

Gelatin
agar

1 − + −

2 + + +
3 + + +
4 + + +
5 − + −

6 + + +
7 + + +
8 + + −

9 − + +
10 + + +
+, positive activity; −, no activity detected.

coloration. Singh et al. [24] proved that the use of phenol
red in lipase assay was highly reproducible with sensitivity
level as low as 0.5 p-nitrophenyl palmitate (p-NPP) enzyme
units within 15min.Therefore, by using olive oil as the lipidic
substrates in phenol red agar, the presence of lipolysis activity
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Figure 4: Blood agar culture of strains 3, 7, 8, and 10. Bacterial isolates grown overnight in the LB broth at 37∘C are streaked onto blood agar
plates (meat extract (1%), peptone (1%), sodium chloride (0.5%), and agar (1.5%)) and incubated further at 37∘C overnight.

could be indicated by the yellow coloration. This assay is
based on the principle where free fatty acids were released
from the bacterial lipolysis reaction [24]. All the ten bac-
terial strains showed lipolytic activity based on the analysis
(Table 2). Four strains, 3, 7, 8, and 10, were selected for com-
parative lipolytic analysis by subjecting to diameter measure-
ment of the clear zones around the colonies. Negative control
(Escherichia coli) showed no formation of clear zone, which
implied that the zone of clearance formed is accounted for
by the extracellular product excreted in the sample, which is
the lipase enzyme. Positive control of the strain Pseudomonas
aeruginosa showed a clear zone of lysis, which indicated the
correct formulation of the media prepared (Figure 5).

3.3. Proteolytic Enzyme Assay Using Gelatin Agar. Besides
lipases, protease, also one of the highest value commercial
enzymes, has broad applications in food and pharmaceutical
and detergent industries [29]. Identification of bacterial
strains with both lipases and proteases producing ability
could possiblymeet up the industrial demand for new sources
of lipases with different catalytic characteristics [9]. The zone
of clearance formed around the colonies as a result from
hydrolysis of gelatin indicated that the bacteria strains are
positive for proteolytic activity (Figure 6). Addition of an
aqueous saturated solution of ammonium sulfate on the
surface of the agar results in the opaqueness of the agar
with clearer zone formation around the colonies. All the
strains except for strains 1, 5, and 8 manifested proteolytic

activity (Table 2). Four strains, 3, 7, 8, and 10, were selected
for comparative proteolytic analysis by subjecting to diameter
measurement of the clear zones around the colonies. Out of
the four bacterial strains, only strains 3, 7, and 10 showed
proteolytic activity, substantiated by the formation of the clear
zone around the colonies. No zone of clearance was observed
with negative control, which indicates that the proteolytic
activity of the sample is imparted by the protease enzyme.
The positive control constituted by the strain Pseudomonas
aeruginosa showed the formation of zone of clearance, val-
idating the authenticity of the components present in the
media (Figure 6).

3.4. Concomitant Secretion of Lipase and Protease by Bacillus
spp. Is a Mean of Survival. As microbes are the good source
of enzyme owing to their biochemical diversity, small space
for cell cultivation, and the ease of the genetic manipulation
of the enzymes for the production of new enzymes for appli-
cation, bacteria are widely exploited for protein production.
Bacillus subtilis, B. amyloliquefaciens, and B. licheniformis
are widely exploited for the purpose of protein production
due to the immense fermentation nature, very high product
production, and the very low level of toxic by-product.
Bacillus strains are also able to produce a large amount of
the alkaline proteases which have high significant proteolysis
activity and are stable at high pH and temperature [30].

This study has reported the secretion of lipase and
protease by the Bacillus spp. From the measurement of
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Figure 5: Screening of microbial lipases (strains 3, 7, 8, and 10) production on the agar plate containing olive oil as the substrate with phenol
red as the pH indicator.
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Figure 6: Proteolytic enzyme assay (strains 3, 7, 8, and 10) using gelatin agar. The overnight grown culture of the bacterial isolates is streaked
onto gelatin agar (8% gelatin) and incubated at 37∘C overnight.
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Figure 7: Measurement of zone of clearance of the lipolytic versus
protease activity of strains 3, 7, 8, and 10. Serially diluted bacterial
isolates grown overnight at 37∘C were plated onto gelatin agar plate
for proteolytic activity and phenol red agar for lipolytic activity.

the diameter of the zone of clearance, it was shown that the
diameter of lipolytic activity of strain 3 has a value of 3 cm
while that of protease activity has a value of 4.8 cm. On the
other hand, for strain 7, the lipolytic activity exerted a zone
of inhibition with the diameter value of 2.8 cm, while that of
protease resulted in a value of 3.9 cm. Interestingly, strain 8
secreted no protease while the zone of clearance constituted
by the lipase activity is 2 cm. Strain 10 has a value of 3 and
5.2 cm for lipolytic and protease activity, respectively.The size
of the zone of inhibition is a direct indicator of the amount of
enzymes excreted by the bacteria. Strain 10 has excreted the
highest amount of both the lipase and protease, while strain
8 does not excrete protease (Figure 7).

The process of enzyme secretion is an energy-consuming
regulatory process that is vital for the catalysis of the corre-
sponding substrate. Moreover, the ability of the microorgan-
ism to secrete extracellular enzymes is a mean of survival,
as an adaptation to the hostility of the environment. The
presence of both lipid and protein in the soil has triggered
the extracellular secretion of lipase and protease for the
breakdown of these substrates. The accumulation of these
substrates exerts pressure on the bacteria, which triggered the
excretion of the enzymes. Beside substrates, other inducers
for the excretion of these enzymes are the temperature,
pH, sunlight, or other stress factors. These extracellular
enzymes are located in the periplasmic space and are secreted
depending on the sensing capacity of themicrobes or quorum
sensing that responds to the inducers.

3.5. Quorum Sensing Possibly Accounts for the Differential
Secretions of the Extracellular Enzymes by the Bacillus spp. in
the Oil-Contaminated Soil. Quorum sensing is a mechanism
in bacteria whereby small molecules are excreted into the
environment which aids in the adaptive response to a popu-
lation [31].The identified bacteria are Gram-positive bacteria
that secrete extracellular enzymes and they are beneficial

for the bacterial population [32–34]. The presence of any
signalling molecules such as protein or lipid serves as the
substrate or inducer for the increased secretion of both the
lipase and the protease by the Bacillus spp. The lipid and
protein molecules present in the soil initiate a mechanism
that leads to the increased expression of both the lipase- and
protease-encoding genes. In fact, most of the strains were
reported to have secreted more protease than lipase. This
could be due to the accumulated protein molecules in the
soil, which are much higher than the lipid substrates. As a
result, the expression of the protease-encoding genes is much
more pronounced than the lipase-encoding genes. However,
despite its survival, strain 8 does not secrete any protease,
which is effectuated by the quorum sensingmechanism of the
strain which provides less adaptive response to the presence
of the substrate protein. This ignites interest to look further
into the expression analysis of its protease-encoding genes, to
unravel its mechanism of survival, which is unique compared
to other strains.

In these findings, the excreted lipase and protease are
potentiallymore stable than their corresponding intracellular
enzymes with possible posttranslational modifications such
as glycosylation and extra disulfide bond formation for
increased temperature stability and higher pH resistance
[35]. These enzymes also probably have enhanced stability
via interaction with clay minerals, humic acid, or other
compounds present in the soil [35, 36]. Hence, the oil-
contaminated soil can be a promising resource of enzyme
extraction, as the secreted enzymes have enhanced properties
in response to the presence of the substrate in the soil. Most
importantly, the isolated lipase-secreting Bacillus species can
be a potential target strain towards the amelioration of the oil
pollution.

Comprehension of the secretion and the function of the
enzymes in soil are the crux of intense interest [37] which has
taken an accelerating pace with the advancement of molecu-
lar and analytical techniques. As the environment is very hos-
tile towards the stability of the enzymes, the enzymes secreted
must be able to withstand the ever-present denaturation
effect. Hence, this has stimulatedmore interest to understand
the function and activity of the enzyme. A thorough insight
into the function and properties of the extracellular enzymes
also has many practical applications. The study shows that
oil-contaminated soil is a potential location to isolate lipase
producing microorganisms. With the tremendous potential
of lipases in industrial applications, extensive and persistent
screening for new sources of lipases with different catalytic
characteristics is a matter of the utmost importance.

Environmental conditions may influence the production
of the lipase and protease enzymes. Under certain condi-
tions, the expression of the lipase- and protease-encoding
genes is higher, which elevates the level of transcripts and
subsequently more production of lipase/protease enzymes.
Future work may focus on the identification or character-
ization of the regulatory elements such as transcriptional
factors or small RNAs that influence the expression of
the lipase-/protease-encoding genes. Identification and func-
tional studies of these elements could render enhancement in
the in vitro production of the recombinant lipase or protease.
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Among the antitumor drugs, bacterial enzyme L-asparaginase has been employed as the most effective chemotherapeutic agent in
pediatric oncotherapy especially for acute lymphoblastic leukemia. Glutaminase free L-asparaginase producing actinomycetes were
isolated from soil samples collected from Egypt. Among them, a potential culture, strain NEAE-119, was selected and identified on
the basis of morphological, cultural, physiological, and biochemical properties together with 16S rRNA sequence as Streptomyces
olivaceusNEAE-119 and sequencing product (1509 bp) was deposited in the GenBank database under accession number KJ200342.
The optimization of different process parameters for L-asparaginase production by Streptomyces olivaceusNEAE-119 using Plackett-
Burman experimental design and response surface methodology was carried out. Fifteen variables (temperature, pH, incubation
time, inoculum size, inoculum age, agitation speed, dextrose, starch, L-asparagine, KNO

3

, yeast extract, K
2

HPO
4

, MgSO
4

⋅7H
2

O,
NaCl, and FeSO

4

⋅7H
2

O) were screened using Plackett-Burman experimental design. The most positive significant independent
variables affecting enzyme production (temperature, inoculum age, and agitation speed) were further optimized by the face-
centered central composite design-response surface methodology.

1. Introduction

L-asparaginase (L-asparagine aminohydrolase, EC 3.5.1.1) is
an important enzyme as therapeutic agents used in combina-
tion therapy with other drugs in the treatment of acute lym-
phoblastic leukemia in children, Hodgkin disease, acutemye-
locytic leukemia, acute myelomonocytic leukemia, chronic
lymphocytic leukemia, lymphosarcoma treatment, reticu-
losarcoma, and melanosarcoma [1, 2]. L-asparaginase has an
antioxidant property [3]. It is also used in food industry as
a food processing aid; it can effectively reduce the level of
acrylamide up to 90% in a range of starchy fried foodswithout
changing the taste and appearance of the end product [4].

Notwithstanding its high therapeutic efficacy, the thera-
peutic use of L-asparaginase by the patients exerts toxicity to
normal cells which in turn causes the unpleasant side effects
to the patients. L-asparaginase administration has been
limited by a high rate of hypersensitivity in the long-term use
[5] and development of anti-asparaginase antibodies, which
causes an anaphylactic shock or neutralization of the drug
effect. To overcome these limitations, modified versions of L-
asparaginase (such as L-asparaginase from other new sour-
ces, pegylated formulations, and L-asparaginase loaded into
erythrocytes) have been recently proposed [6]. The L-
asparaginases of Erwinia chrysanthemi and E. coli have been
employed for many years as effective drugs in the treatment
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of acute lymphoblastic leukaemia and leukaemia lymphosar-
coma [7], but their therapeutic response rarely occurswithout
some evidence of toxicity [8], suggesting the need to discover
new L-asparaginases that are serologically different but have
similar therapeutic effects. Therefore there is a continuing
need to screen newer organisms in order to obtain strains
capable of producing new and high yield of L-asparaginase
with less adverse effects [9].

The toxicity of L-asparaginases is partially attributable to
the glutaminase activity of these enzymes [10]. L-glutamine
is required for several metabolic pathways including the
formation of L-asparagine by the enzyme L-asparagine syn-
thetase [11]. The L-glutaminase activity may cause such a
reduction in glutamine in the body that it limits the tolerable
therapeutic dose. Nowadays most of the research is focused
on production of glutaminase free L-asparaginase by using
microbial systems. L-asparaginases with high specificity
for L-asparagine and low-to-negligible activity against L-
glutamine are reported to be less troublesome during the
course of anticancer therapy [12].

Microorganisms like bacteria, fungi, yeast, actinomyce-
tes, and algae are very efficient producers and the better
source of L-asparaginase, because they can be cultured easily
and the extraction and the purification of L-asparaginase
from them are also convenient, facilitating the large scale pro-
duction [13].

Most of the microbial L-asparaginase is intracellular
in nature except few which are secreted outside the cell
[14]. Extracellular L-asparaginase is more advantageous than
intracellular type because of higher accumulation of enzyme
in culture broth under normal conditions, easy extrac-
tion, and downstream processing [15]; the extracellular L-
asparaginase in bacteria is protease deficient and the liberated
protein exported to the medium is mostly soluble and
biologically active andhas an authenticN-terminus, relatively
free from endotoxins that lead to theminimization of adverse
effects. Secretion also facilitates proper folding of proteins
specially that requiring disulfide bridge formation, as it passes
through a more favorable redox potential in the periplasmic
space [16].

Production of L-asparaginase is greatly influenced by
fermentation medium composition and culture conditions
such as temperature, pH, inoculum size, agitation rate,
and incubation time [17]. Statistical experimental designs
have been used for many decades by several researchers in
biotechnology for an optimization strategy [18–21] and can
be adopted on several steps, the first step is to screen the
important parameters and the second step is to optimize
those parameters [22]. These have several advantages that
included less experiment numbers, suitability for multiple
factor experiments, search for relativity between factors, and
finding of the most suitable conditions and forecast response
[23]. Response surface methodology (RSM) is an efficient
strategic experimental tool by which the optimal conditions
of a multivariable system can be determined.

In the present study, strain NEAE-119 was identified
as Streptomyces olivaceus strain NEAE-119. A statistical
approach has been employed for which a Plackett-Burman
design is used for identifying significant variables influencing

glutaminase free L-asparaginase production by Streptomyces
olivaceus NEAE-119. The levels of the positive significant
variables were further optimized using face-centered central
composite design.

2. Materials and Methods

2.1. Microorganisms and Cultural Conditions. Actinomycete
strains used in this study were isolated from various soil
samples collected from different localities in Egypt. Acti-
nomycetes from the soils had been isolated using standard
dilution plate method procedure on Petri plates containing
starch nitrate agar medium of the following composition
(g/L): starch, 20; KNO

3
, 2; K

2
HPO
4
, 1; MgSO

4
⋅7H
2
O, 0.5;

NaCl, 0.5; CaCO
3
, 3; FeSO

4
⋅7H
2
O, 0.01; agar, 20, and distilled

water up to 1 L; then plates were incubated for a period
of 7 days at 30∘C. Streptomyces isolates were purified and
maintained as spore suspensions in 20% (v/v) glycerol at
−20∘C for subsequent investigation.

2.2. Screening of L-Asparaginase Production by Plate Assay.
It is generally observed that L-asparaginase production is
accompanied by an increase in pH of the culture filtrates [24].
The plate assay was based on Gulati et al. [25] method with
the incorporation of pH indicator phenol red (prepared in
ethanol) in medium containing L-asparagine (sole nitrogen
source). Phenol red at acidic pH is yellow and at alkaline
pH turns pink; thus a pink zone is formed around microbial
colonies producing L-asparaginase. Screening of potential L-
asparaginase producing actinomycetes was carried out with
the use of asparagine dextrose salts agar (ADS agar) (g/L:
asparagine 10, dextrose 2, K

2
HPO
4
1, MgSO

4
0.5, and agar

20); pH was adjusted to 6.8 and supplemented with phenol
red as a pH indicator (0.009% final concentration) [25] and
sterilized at 1.5 atmospheric pressure for 20min. Inoculated
plateswere incubated at 30∘C for 7 days. Plateswere examined
for change in color of medium from yellowish to pink due
to change of pH indicating the positive asparaginase activity.
Colonies with pink zones were considered as L-asparaginase
producing strains. Isolates exhibiting L-asparaginase activity
were selected for further study. Control plates were pre-
pared as inoculated medium without dye and uninoculated
medium with dye.

2.3. Agar Well Diffusion Technique. L-asparaginase-produc-
ing strains were selected for subsequent screening under
submerged fermentation conditions. Fifty mL of asparagine
dextrose salts brothmediumwere dispensed in 250mLErlen-
meyer conical flasks, sterilized, inoculated, and incubated at
30∘C for 5 days in a rotatory incubating shaker at 150 rpm.
After the incubation time, the mycelium of each isolate was
collected by centrifugation at 6000 rpm for 20min. 100𝜇L
of cell free culture broth was poured into the agar well of
diameter 8mmprepared in plates containing asparagine dex-
trose salts agar medium supplemented with phenol red. The
filtrate was allowed to diffuse into the medium for 12 hours
at 4∘C.The diameter of zone (mm) of L-asparaginase activity,
as indicated by the formation of pink colored zone around
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the well against the yellow background, was measured. For
further studies, cultures showing greater enzyme production
were selected.

2.4. Inoculum Preparation. 250mL Erlenmeyer flasks con-
taining 50mL of asparagine dextrose salts broth (g/L:
asparagine 10, dextrose 2, K

2
HPO
4
1, and MgSO

4
0.5) were

inoculated with three disks of 8mm diameter taken from the
7-day-old stock culture grown on starch nitrate agarmedium.
The flasks were incubated for 48–72 h in a rotatory incubator
shaker at 30∘C and 150 rpm and were used as inoculum for
subsequent experiments.

2.5. Production of L-Asparaginase by Submerged Fermen-
tation. The selected strain was cultured in fifty mL of
asparagine dextrose salts broth medium (at a specified pH)
dispensed in 250mL Erlenmeyer conical flasks. The inocu-
lated flasks were incubated on a rotatory incubator shaker
at 30–37∘C with shaking at 100–200 rpm. After the specified
incubation time for each set of experimental trials, the
mycelium of the tested isolate was collected by centrifugation
at 5000 g for 20min at 4∘C.

2.6. Assay of L-Asparaginase Activity. L-asparaginase activity
was determined by measuring the amount of ammonia
formed by nesslerization [26]. The reaction mixture contains
1.5mL of 0.04M L-asparagine prepared in 0.05M Tris-HCl
buffer, pH 8.6, and 0.5mL of an enzyme to make up the
total volume to 2mL. The tubes were incubated at 37∘C for
30 minutes. The reaction was stopped by adding 0.5mL of
1.5M Trichloroacetic acid (TCA).The blank was prepared by
adding enzyme after the addition of TCA. The precipitated
protein was removed by centrifugation at 10,000 g for 5min
and the liberated ammonia in the supernatant was deter-
mined colorimetrically by direct nesslerization by adding
1mL Nessler’s reagent into tubes containing 0.5mL of clear
supernatant and 7mL of distilled water and incubated at
room temperature for 20min. A yellow coloration indicates
the presence of ammonia: at higher concentrations, a brown
precipitate may form. The yellow color was read using a
UV-visible spectrophotometer (Optizen Pop—UV/Vis spec-
trophotometer) at 480 nm.The amount of ammonia liberated
was calculated using ammonium chloride standard curve.
One unit (U) of L-asparaginase is defined as the amount
of enzyme which catalyzed the formation of 1 𝜇mole of
ammonia from L-asparagine per minute under the standard
assay conditions.

2.7. Assay of L-Glutaminase. L-Glutaminase activity was
determined using L-glutamine as substrate and the product
ammonia, released during the catalysis, was measured by
using Nessler’s reagent. L-glutaminase was assayed according
to Imada et al. [27].

2.8. Morphology and Cultural Characteristics. The spore
chain morphology, the spore surface ornamentation, and
spore size of strain NEAE-119 were examined on starch
nitrate agar medium after 14 days at 30∘C. The gold-coated

dehydrated specimen was examined with Analytical Scan-
ning Electron Microscope Jeol JSM-6360 LA operating at
20Kv at the Central Laboratory, City of Scientific Research
and Technological Applications, Alexandria, Egypt. Aerial
spore-mass color, substrate mycelial pigmentation, and the
production of diffusible pigments were observed on ISP
media (1–7) as described by Shirling and Gottlieb [28].

2.9. Chemotaxonomy and Physiological Characteristics. Sug-
ars and diaminopimelic acid (DAP) isomers were identified
by the method described by Staneck and Roberts [29].
Physiological characteristics were performed following the
methods of Shirling and Gottlieb [28]. The ability of the
organism to inhibit the growth of several bacterial, yeast, and
fungal strainswas determined: three bacterial strains (Staphy-
lococcus aureus A9897, Pseudomonas aeruginosa T9934, and
Klebsiella pneumonia A9898) isolated from various clinical
specimens and kindly provided by Infection Control Unit,
Department of Medical Microbiology and Immunology,
Faculty of Medicine, Mansoura University, Mansoura, Egypt
and two bacterial strains belonging to the Culture Collection
of NRRL: Gram-positive (Bacillus subtilis NRRL B-543) and
Gram-negative (Escherichia coliNRRLB-210), yeast (Candida
albicans NRRL Y-477), and five fungal strains (Rhizocto-
nia solani, Fusarium oxysporum, Alternaria solani, Bipolaris
oryzae, and Aspergillus niger) kindly provided by Plant
Pathology Department, Faculty of Agriculture, Mansoura
University, Egypt. Some additional tests can be considered to
be useful in completing the description of a strain or species,
even if they are not very significant or indicative on their own.
The ability of strain NEAE-119 to produce uricase [30] and
asparaginase activity [25] was tested.

2.10. 16S rRNASequencing. Thepreparation of genomicDNA
of the strain was performed according the method described
by Sambrook et al. [31]. The PCR reaction was performed
according to the method of El-Naggar et al. [32].

2.11. Sequence Alignment and Phylogenetic Analysis. The
complete 16S rRNA gene sequence (1509 bp) of strain NEAE-
119 was aligned with the corresponding 16S rRNA sequences
of the type strains of representative members of the genus
Streptomyces retrieved from the GenBank, EMBL, DDBJ,
and PDB databases by using BLAST program (http://blast
.ncbi.nlm.nih.gov/Blast.cgi) [33] and the software package
MEGA4 version 2.1 [34] was used for multiple alignment and
phylogenetic analysis. The phylogenetic tree was constructed
via the bootstrap test of neighbor-joining algorithm [35]
based on the 16S rRNA gene sequences of strain NEAE-119
and related organisms.

2.12. Selection of Significant Variables by Plackett-Burman
Design. ThePlackett-Burman statistical experimental design
[36] is a two factorial design, which identifies the critical
physicochemical parameters required for elevated produc-
tion, and is very useful for screening the most important
factors with respect to their main effects [37]. This model
does not describe interaction among factors and it is used
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Table 1: Experimental independent variables at two levels used for
the production of L-asparaginase by Streptomyces sp. strain NEAE-
119 using Plackett-Burman design.

Code Variables Levels
−1 +1

𝑋
1

Temperature
(∘C) 30 35

𝑋
2

pH 7 9

𝑋
3

Incubation time
(days) 5 7

𝑋
4

Inoculum size
(%, v/v) 2 4

𝑋
5

Inoculum age
(h) 24 36

𝑋
6

Agitation speed
(rpm) 100 150

𝑋
7

Dextrose (g/L) 2 4
𝑋
8

Starch (g/L) 10 20

𝑋
9

L-asparagine
(g/L) 5 10

𝑋
10

KNO3 (g/L) 1 3

𝑋
11

Yeast extract
(g/L) 0 1

𝑋
12

K2HPO4 (g/L) 1 2

𝑋
13

MgSO4⋅7H2O
(g/L) 0.1 0.5

𝑋
14

NaCl (g/L) 0.1 0.5

𝑋
15

FeSO4⋅7H2O
(g/L) 0 0.01

to screen and evaluate the important factors that influence
the response. The total number of experiments to be carried
out according to Plackett-Burman is 𝑛 + 1, where 𝑛 is the
number of variables. Sixteen different independent variables
including temperature, pH, incubation time, inoculum size,
inoculum age, agitation speed, dextrose, starch, L-asparagine,
KNO
3
, yeast extract, K

2
HPO
4
, MgSO

4
⋅7H
2
O, NaCl, and

FeSO
4
⋅7H
2
O were screened in Plackett-Burman experimen-

tal design. Each variable is represented at two levels, high and
low, denoted by (+) and (−), respectively (Table 1). Plackett-
Burman experimental design is based on the first order
model:

𝑌 = 𝛽
0
+∑𝛽

𝑖
𝑋
𝑖
, (1)

where 𝑌 is the response or dependent variable (L-aspar-
aginase activity) and it will always be the variable we aim
to predict, 𝛽

0
is the model intercept and 𝛽

𝑖
is the linear

coefficient, and 𝑋
𝑖
is the level of the independent variables;

it is the variables that will help us to explain L-asparaginase
activity. All trials were performed in duplicate and the average
of L-asparaginase activity was treated as responses.

2.13. Face-Centered Central Composite Design (FCCD). This
step involved optimization of the levels and the interaction
effects between various significant variables which exerted a

positive effect on the L-asparaginase activity by using face-
centered central composite design (FCCD). FCCD is an
effective design that is used for sequential experimentation
and provides reasonable amount of information for testing
the goodness of fit and does not require large number of
design points thereby reducing the overall cost associated
with the experiment [38]. In this study, the experimental
plan consisted of 20 trials and the independent variables were
studied at three different levels, low (−1), middle (0), and high
(+1).The center point was repeated six times in order to eval-
uate the curvature and the experiment replication facilitated
the pure error estimation, so that the significant lack of fit
of the models could be predicted. All the experiments were
done in duplicate and the average of L-asparaginase activity
obtained was taken as the dependent variable or response
(𝑌). The experimental results of FCCD were fitted via the
response surface regression procedure using the following
second order polynomial equation:

𝑌 = 𝛽
0
+∑

𝑖

𝛽
𝑖
𝑋
𝑖
+∑

𝑖𝑖

𝛽
𝑖𝑖
𝑋
2

𝑖

+∑

𝑖𝑗

𝛽
𝑖𝑗
𝑋
𝑖
𝑋
𝑗
, (2)

in which 𝑌 is the predicted response, 𝛽
0
is the regression

coefficients, 𝛽
𝑖
is the linear coefficient, 𝛽

𝑖𝑖
is the quadratic

coefficients, 𝛽
𝑖𝑗
is the interaction coefficients, and 𝑋

𝑖
is the

coded levels of independent variables. However, in this study,
the independent variables were coded as 𝑋

1
, 𝑋
5
, and 𝑋

6
.

Thus, the second order polynomial equation can be presented
as follows:

𝑌 = 𝛽
0
+ 𝛽
1
𝑥
1
+ 𝛽
5
𝑥
5
+ 𝛽
6
𝑥
6
+ 𝛽
15
𝑥
1
𝑥
5
+ 𝛽
16
𝑥
1
𝑥
6

+ 𝛽
56
𝑥
5
𝑥
6
+ 𝛽
11
𝑥
2

1

+ 𝛽
55
𝑥
2

5

+ 𝛽
66
𝑥
2

6

.

(3)

2.14. Statistical Analysis. The experimental data obtained was
subjected tomultiple linear regressions usingMicrosoft Excel
2007.The𝑃 valueswere used as a tool to check the significance
of the interaction effects, which in turn may indicate the
patterns of the interactions among the variables [39]. The
statistical software package, STATISTICA software (Version
8.0, StatSoft Inc., Tulsa, USA), was used to plot the three-
dimensional surface plots.

3. Results and Discussion

L-asparaginase activity of Streptomyces sp. NEAE-119 was
detected by plate assay. Production of the enzyme was indi-
cated by color change in themedium fromyellow to pink zone
surrounding the colony (Figure 1). L-asparaginase activity
was confirmedby agar-well diffusion technique.Thepotential
culture, strain NEAE-119, was identified on the basis of
morphological, cultural, physiological, and chemotaxonomic
properties, together with 16S rRNA sequence as Streptomyces
olivaceus strain NEAE-119.

3.1. Morphology and Cultural Characteristics of Isolate Num-
ber NEAE-119. Morphological observation of the 14-day-old
culture of strain NEAE-119 grown on yeast extract-malt
extract agar (ISP 2) [28] revealed that strain NEAE-119 had
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(a) (b)

(c) (d)

Figure 1: L-asparaginase activity of Streptomyces sp. NEAE-119 detected by plate assay. (a, b) Production of the enzyme indicated by color
change in the medium from yellow to pink zone surrounding the colony after two and five days, respectively. (c) Control plates were prepared
as inoculated medium without dye. (d) Uninoculated medium with dye.

the typical characteristics of the genus Streptomyces [40];
it is aerobic and mesophilic; both aerial and vegetative
hyphae were abundant, well-developed, and not fragmented.
Aerial mycelium color was varied from the grey color
to greyish beige or whitish grey on different test media.
Cultural characteristics of strain NEAE-119 are shown in
the table in the Supplementary Materials available online at
http://dx.doi.org/10.1155/2015/627031. Strain NEAE-119 grew
well on yeast extract-malt extract agar (ISP medium 2),
oatmeal agar (ISP medium 3), inorganic salt-starch agar
(ISP medium 4), glycerol-asparagine agar (ISP medium 5),
peptone-yeast extract iron agar (ISPmedium 6), and tyrosine
agar (ISP medium 7). Verticils are not present.Themycelium
does not fragment. It formed an extensively branched sub-
strate mycelium and aerial hyphae which differentiated into
spore chains. Spore chains with many spores were in section
Spirals, with open spirals intergrading through flexuous spore
chains suggestive of section Rectiflexibiles. Mature spore
chains are generally long, often with more than 50 spores
per chain. This morphology is seen on starch nitrate agar

medium. Spore surface is smooth (0.55–0.90 × 1.16–1.34 𝜇m
in diameter) (Figure 2).

3.2. Physiological and Biochemical Characteristics. The phys-
iological characteristics of strain NEAE-119 are shown in
Table 2. Strain NEAE-119 grew well on yeast extract-malt
extract agar (ISP medium 2). The substrate hyphae are
yellowish grey; substrate mycelium pigment is not a pH
indicator. No pigment was found in medium in yeast extract-
malt extract agar. Melanoid pigments were not formed in
peptone-yeast-iron agar and tyrosine agar. Starch hydroly-
sis, lecithinase activity, milk coagulation and peptonization,
growth on cellulose, and nitrate reduction were positive.
Gelatin liquification, melanin production, and hydrogen sul-
phide productionwere negative.𝛼-amylase, cellulase, uricase,
chitosanase, and asparaginase are produced while protease
is not produced. D-fructose, D-xylose, D-galactose, D-
Glucose, L-arabinose, ribose, D-mannose, sucrose, maltose,
rhamnose, cellulose, and trehalose are utilized for growth.
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(a) (b)

(c)

Figure 2: Scanning electron micrograph showing the spore chain morphology and spore surface ornamentation of strain NEAE-119 grown
on starch nitrate agar medium for 14 days at 30∘C at magnification of 3000x (a), 15000x (b), and 22000x (c).

It exhibited antimicrobial activity against Staphylococcus
aureus, Alternaria solani, and Bipolaris oryzae. It exhibited
no antimicrobial activity against Candida albicans, Bacillus
subtilis, Escherichia coli, Pseudomonas aeruginosa, Klebsiella
pneumonia, Rhizoctonia solani, Fusarium oxysporum, and
Aspergillus niger. The optimal growth temperature of strain
NEAE-119 was 30∘C and optimal pH was 7.0. Data for ref-
erence species (Streptomyces olivaceus) were taken from Ber-
gey’s Manual of Systematic Bacteriology: Volume 5: the
Actinobacteria [40].

Chemotaxonomic tests showed that the cell wall con-
tained LL-diaminopimelic acid in whole-organism hydroly-
sates, indicating that it was of cell-wall type I. The whole-cell
hydrolysates contained mainly mannose and arabinose. On
the basis of morphological, cultural, and chemotaxonomic
properties, together with the physiological properties of
strain NEAE-119 shown in Table 2, it is evident that strain
NEAE-119 belongs to the genus Streptomyces.

3.3. 16S rRNA Gene Sequence Comparisons and Phyloge-
netic Analysis. The 16S rRNA gene sequence (1509 bp) was
determined for strain NEAE-119. A BLAST search [33]
of the GenBank database using this sequence showed its
similarity to that of many species of the genus Streptomyces.
A phylogenetic tree (Figure 3) based on 16S rRNA gene
sequences of members of the genus Streptomyces was con-
structed according to the bootstrap test of neighbor-joining
algorithm method of Saitou and Nei [35] with MEGA4

[34]. This tree shows the close phylogenetic association of
strain NEAE-119 with certain other Streptomyces species.
Phylogenetic analysis indicated that the strain NEAE-119
consistently falls into a clade together with Streptomyces
enissocaesilis strain ACCA1 (GenBank/EMBL/DDBJ acces-
sion number JX042471.1, 99% sequence similarity), Strepto-
myces plicatus strain RT-57 (GenBank/EMBL/DDBJ acces-
sion number HQ909761.1, 99% sequence similarity), and
Streptomyces olivaceus strain RT-54 (GenBank/EMBL/DDBJ
accession numberHQ909759.1, 99% sequence similarity). On
the basis of the collected data and in view of the comparative
study of the recorded properties of isolate number NEAE-
119 in relation to the closest related species of the genus
Streptomyces, it is most closely related to the type strains of
Streptomyces olivaceus strain RT-54 (GenBank/EMBL/DDBJ
accession number HQ909759.1) (99% sequence similarity).
Therefore, this strain was identified as Streptomyces olivaceus
strain NEAE-119 and its sequencing product was deposited in
the GenBank database under accession number KJ200342.

3.4. Evaluation of Variables Affecting L-Asparaginase Activity
Using Plackett-Burman Design. Sixteen different indepen-
dent (assigned) variables including temperature, pH, incu-
bation time, inoculum size, inoculum age, agitation speed,
dextrose, starch, L-asparagine, KNO

3
, yeast extract, K

2
HPO
4
,

MgSO
4
⋅7H
2
O, NaCl, and FeSO

4
⋅7H
2
O and four unassigned

variables (commonly referred to as dummy variables) were
screened in Plackett-Burman experimental design of 20 trials
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Table 2: Physiological and biochemical (phenotypic) characteristics of Streptomyces sp. strain NEAE-119. Data for reference species
(Streptomyces olivaceus) were taken from Bergey’s Manual of Systematic Bacteriology: Volume 5: the Actinobacteria [40].

Characteristic Streptomyces sp. strain NEAE-119 Streptomyces olivaceus
Aerial mycelium on ISP medium 2 Grey Grey

Substrate mycelium on ISP medium 2 Yellowish grey; substrate pigment
is not a pH indicator

Greyed yellow; substrate pigment
is not a pH indicator

Production of diffusible pigment No diffusible pigment

Spore chain morphology

Spirals, with open spirals
intergrading through flexuous

spore chains suggestive of section
Rectiflexibiles

Spirals, with open spirals
intergrading through flexuous

spore chains suggestive of section
Rectiflexibiles.

Spore surface Smooth Smooth
Spore shape Spherical or oval to ellipsoidal
Melanin production on peptone-yeast extract iron agar
(ISP 6 medium) − −

Melanin production on tyrosine agar (ISP 7 medium) − −

Melanin production on tryptone-yeast extract broth
(ISP 1 medium) −

Max NaCl tolerance (%, w/v) 8
Growth on sole carbon source (1%, w/v)

D(−) Fructose + +
D(+) Xylose + +
D(+) Galactose + +
D(+) Glucose + +
L-arabinose + +
Ribose + +
D(+) Mannose + +
Sucrose + +
Maltose + +
Rhamnose + +
Cellulose + +
Trehalose + +

Enzymes
Lecithinase activity +
𝛼-amylase (starch hydrolysis) +
Protease −

Cellulase (growth on cellulose) +
Uricase +
Chitosanase +
Asparaginase +
Reduction of nitrates to nitrite +
Coagulation of milk +
Peptonization of milk +

Antimicrobial activities against
Candida albicans, Bacillus subtilis, Escherichia coli,
Pseudomonas aeruginosa,
Klebsiella pneumonia,
Rhizoctonia solani, Fusarium oxysporum,
Aspergillus niger.

−

Staphylococcus aureus, Alternaria solani,
Bipolaris oryzae. +

+: positive; −: negative; blank cells: no data available. Growth temperature range (∘C): 25–40, growth at pH 5–9.
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Streptomyces olivaceus strain NBRC3119 (AB184730.1)

Streptomyces plicatus strain NBRC13071 (AB184291.1)

Streptomyces geysiriensis strain NBRC15413 (AB184661.1)

Streptomyces rochei strain A-1 (GQ392058.1)

Streptomyces maritimus (AF233338.1)

Streptomyces enissocaesilis strain ACCA1 (JX042471.1)

Streptomyces plicatus strain RT-57 (HQ909761.1)

Streptomyces olivaceus strain RT-54(HQ909759.1)

Streptomyces vinaceusdrappus (EF651795.1)

Streptomyces fungicidicus strain NBRC13848 (AB184529.2)

Streptomyces minutiscleroticus strain KMF-2 (KJ020685.1)

Streptomyces mutabilis strain C.B.454 (KF991655.1)

Streptomyces djakartensis strain RT-49(HQ909758.1)

Streptomyces albogriseolus strain HBUM174033 (FJ486330.1)

Streptomyces olivaceus strain NEAE-119

Streptomyces djakartensis strain NBRC15409 (NR 041178.1)

Figure 3:Thephylogenetic treewas constructed via the bootstrap test of neighbor-joining algorithmbased on the 16S rRNAgene sequences of
strainNEAE-119 and related species of the genus Streptomyces. Only bootstrap values above 50%, expressed as percentages of 1000 replications,
are shown at the branch points. GenBank sequence accession numbers are indicated in parentheses after the strain names. Phylogenetic
analyses were conducted in the software package MEGA4. Bar: 0.5 substitution per nucleotide position.
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Figure 4: The main effects of the fermentation conditions on L-
asparaginase production according to the Packett-Burman experi-
mental results.

to study the effect of the selected variables on the production
of L-asparaginase. Four dummy variables are used to esti-
mate experimental errors in data analysis (Table 3). Table 3
represents the results of the screening of significant vari-
ables for L-asparaginase production and the corresponding
response (𝑌) using Plackett-Burman design. The maximum
L-asparaginase activity (49.874U/mL) was achieved in the
run number 15, while the minimum L-asparaginase activity

(5.181 U/mL) was observed in the run number 5. Statistical
analysis of the L-asparaginase activity was performed and
represented in Table 4.With respect to themain effect of each
variable (Figure 4), we can see that seven variables from the
fifteen named including temperature, inoculum size, inocu-
lum age, agitation speed, dextrose, starch and L-asparagine
positively affect L-asparaginase production where the other
eight variables named pH, incubation time, KNO

3
, yeast

extract, K
2
HPO
4
, MgSO

4
⋅7H
2
O, NaCl, and FeSO

4
⋅7H
2
O

negatively affect L-asparaginase production.The Pareto chart
illustrates the order of significance of the variables affecting
L-asparaginase production in Plackett-Burman experimental
design (Figure 5). Among the fifteen variables, agitation
speed showed the highest positive effect by 15.87%, followed
by inoculum age (9.96%), and then temperature by 7.55%.
Among the 15 variables, NaCl showed the highest negative
significance by 13.03%.Next toNaCl, incubation time showed
negative effect by 10.75% followed by FeSO

4
⋅7H
2
O and

MgSO
4
⋅7H
2
O by 9.87% and 7.95%, respectively.

The 𝑅2 values provide a measure of how much variability
in the observed response values can be explained by the
experimental factors. The 𝑅2 value is always between 0 and
1. The closer 𝑅2 is to the 1, the stronger the model is and the
better it predicts the response [41]. In this case, the value of
the determination coefficient (𝑅2 = 0.9791) indicates that
97.91% of the variability in the response was attributed to
the given independent variables and only 2.09% of the total
variations are not explained by the independent variables. In
addition, the value of the adjusted determination coefficient
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Figure 5: Pareto chart illustrates the order of significance of the variables affecting L-asparaginase production by Streptomyces sp. strain
NEAE-119 (the red color represents positive effects and the blue color represents negative effects; ranks (%) values ranging from 1.31 to 15.87).

(Adj. 𝑅2 = 0.9010) is also very high which indicates a high
significance of the model. A higher value of the correlation
coefficient (𝑅 = 0.9895) signifies an excellent correlation
between the independent variables, this indicated a good
correlation between the experimental and predicted values.
Thus, the analysis of the response trend using the model
was considered to be reasonable. The significance of each
coefficient was determined by Student’s 𝑡-test and 𝑃 values,
which are listed in Table 4.The larger the magnitude of the 𝑡-
value is and the smaller the𝑃 value is, themore significant the
corresponding coefficient is [42]. In the current experiment,
variables evidencing 𝑃 values of less than 0.05 (confidence
levels exceeding 95%) were considered to have significant
effects on the L-asparaginase activity.

Agitation speed, with a probability value of 0.0022, 𝑡-
value of 7.0197, and confidence level of 99.783, was determined
to be the most significant factor, followed by NaCl (𝑃 value
0.0045, 𝑡-value −5.7627, and confidence level 99.550), incu-
bation time (𝑃 value 0.0089, 𝑡-value −4.7554, and confidence
level 99.106), inoculum age (𝑃 value 0.0116, 𝑡-value 4.4049,
and confidence level 98.835), FeSO

4
⋅7H
2
O (𝑃 value 0.0120,

𝑡-value −4.3669, and confidence level 98.800), MgSO
4
⋅7H
2
O

(𝑃 value 0.0245, 𝑡-value −3.5180, and confidence level 97.551),
temperature (𝑃 value 0.0289, 𝑡-value 3.3382, and confidence
level 97.111), and then KNO

3
(𝑃 value 0.0314, 𝑡-value −3.2499,

and confidence level 96.862). Screened significant variables,
temperature, inoculum age, and agitation speed exerted pos-
itive effect on L-asparaginase production by Streptomyces sp.
NEAE-119, whereas incubation time, KNO

3
, MgSO

4
⋅7H
2
O,

NaCl, and FeSO
4
⋅7H
2
O exerted negative effect. On the

basis of the calculated 𝑡-values (Table 4), temperature (𝑋
1
),

inoculum age (𝑋
5
), and agitation speed (𝑋

6
) were chosen

for further optimization using FCCD, since these factors
had the most positive effects on L-asparaginase production.
The model 𝐹 value of 12.5404 (Table 4) implies that the
model is significant. The values of significance 𝐹 (𝑃 value)
< 0.05 (0.0126) indicate that model terms are significant.
By neglecting the terms that were insignificant (𝑃 > 0.05),

the first order polynomial equation was derived representing
L-asparaginase production as a function of the independent
variables:

𝑌
(L-asparaginase production) = 16.196 + 2.642(𝑋1) − 3.763(𝑋3)

+ 3.486(𝑋
5
) + 5.555(𝑋

6
)

− 2.572(𝑋
10
) − 2.784(𝑋

13
)

− 4.560(𝑋
14
) − 3.456(𝑋

15
),

(4)

where 𝑌 is the response (L-asparaginase production) and
𝑋
1
, 𝑋
3
, 𝑋
5
, 𝑋
6
, 𝑋
10
, 𝑋
13
, 𝑋
14
, and 𝑋

15
are temperature,

incubation time, inoculum age, agitation speed, KNO
3
,

MgSO
4
⋅7H
2
O, NaCl, and FeSO

4
⋅7H
2
O, respectively.

Checking the adequacy of the model needs all of the
information on lack of fit, which is contained in the residuals.
The normal probability plot of the residuals is an important
diagnostic tool to detect and explain the systematic depar-
tures from the normality [39]. Figure 6 shows a plot of
normal probability of the experimental results. The normal
probability plot of the residuals shows the points close
to a diagonal line; therefore, the residuals appear to be
approximately normally distributed. This indicates that the
model was well fitted with the experimental results.

Khamna et al. [43] have reported 30∘C for the maxi-
mum activity and the growth by Amycolatopsis CMV-H002.
Narayana et al. [14] have also reported that Streptomyces
albidoflavus produces high amount of L-asparaginase at
35∘C. Amena et al. [15] have reported that L-asparaginase
activity was maximum at 40∘C by Streptomyces gulbargensis.
Siddalingeshwara and Lingappa [44] have reported 35∘C
as the optimum temperature for maximum L-asparaginase
production.The temperature optima for L-asparaginase pro-
duction vary widely in different strains.The variation may be
due to the strains employed during the fermentation for L-
asparaginase production and to fermentation conditions.
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Table 4: Statistical analysis of Plackett-Burman design showing coefficient values, main effect, 𝑡-test, 𝑃 values, and confidence level (%) for
each variable affecting L-asparaginase production and analysis of variance.

(a)

Variables Coefficients Main effect 𝑡-Stat 𝑃 value Confidence level (%)
Intercept 16.196 32.392 20.4659 0.0000 99.996
Temperature (∘C) 2.642 5.283 3.3382 0.0289 97.111
pH −0.457 −0.914 −0.5776 0.5945 40.549
Incubation time (days) −3.763 −7.527 −4.7554 0.0089 99.106
Inoculum size (%, v/v) 0.564 1.127 0.7123 0.5156 48.436
Inoculum age (h) 3.486 6.972 4.4049 0.0116 98.835
Agitation speed (rpm) 5.555 11.110 7.0197 0.0022 99.783
Dextrose (g/L) 1.543 3.086 1.9496 0.1230 87.699
Starch (g/L) 0.529 1.059 0.6691 0.5401 45.991
L-asparagine (g/L) 0.780 1.560 0.9856 0.3801 61.989
KNO3 (g/L) −2.572 −5.144 −3.2499 0.0314 96.862
Yeast extract (g/L) −1.351 −2.702 −1.7070 0.1630 83.700
K2HPO4 (g/L) −0.962 −1.924 −1.2159 0.2909 70.912
MgSO4⋅7H2O (g/L) −2.784 −5.568 −3.5180 0.0245 97.551
NaCl (g/L) −4.560 −9.121 −5.7627 0.0045 99.550
FeSO4⋅7H2O (g/L) −3.456 −6.912 −4.3669 0.0120 98.800

(b)

Analysis of variance (ANOVA)
df SS MS 𝐹-test Significance 𝐹 (𝑃 value)

Regression 15 2356.0614 157.0707 12.5404 0.01262
Residual 4 50.100594 12.52514
Total 19 2406.1620
t: Student’s test; 𝑃: corresponding level of significance; df: degree of freedom; SS: sum of squares; MS: mean sum of squares; 𝐹: Fishers’s function; Significance
𝐹: corresponding level of significance.
Multiple 𝑅 0.9895, 𝑅 square 0.9791, and adjusted 𝑅 square 0.9010.
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Figure 6: The normal probability plot of the residuals.

In the screening and fermentation development work
which utilizes shaken cultures, it is essential that an oxygen
level be provided which is sufficient to meet both the growth
requirements of the organism and the yield of desired end
product. Since aeration above or below an optimal level

may induce conditions unsuitable for the formation of the
desired end product, precisemeasurement and control of this
variable are essential [45].

Since microorganisms growing in submerged culture uti-
lize oxygen dissolved in the fermentationmedium, the supply
in vessels used for shaken cultures may become critical for
microbial biosynthesis of specific end products. In addition,
oxidation-reduction mechanisms existing in the fermenta-
tion mixture may exert a chemical influence on biosynthetic
products [45]. Gentle aeration enables obtaining both good
growth and high L-asparaginase yield [46]. Heinemann and
Howard [47] observed that agitation in shaken culture was
essential for optimal growth of Serratia marcescens and that
the tumor inhibitory enzyme, asparaginase, was produced
during a period of zero dissolved oxygen concentration in
the fermentationmedium. Serratiamarcescens produces large
amount of L-asparaginase with limited aeration than it does
anaerobically [48]. Most of the organisms demand yeast
extract for the growth and L-asparaginase production [49].
While using yeast extract, it was found to increase the viscos-
ity of the medium, thereby reducing the oxygen uptake; good
mixing was critical especially when fermentation medium
becomes viscous [50]. In such cases, growth was limited by
transfer of oxygen to the cell surface rather than by oxygen
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Table 5: Face-centered central composite design, representing the response of L-asparaginase production as influenced by temperature (𝑋
1

),
inoculum age (𝑋

5

), and agitation speed (𝑋
6

) along with the predicted L-asparaginase production and residuals and the levels of variables.

(a)

Trials Variables L-asparaginase activity (U/mL) Residuals
𝑋
1

𝑋
5

𝑋
6

Experimental Predicted
1 0 0 0 68.196 66.667 1.530
2 1 1 1 34.451 38.978 −4.528
3 1 0 0 55.406 54.083 1.323
4 0 0 −1 38.765 38.104 0.662
5 1 −1 −1 15.501 21.237 −5.737
6 0 0 0 67.658 66.667 0.992
7 1 1 −1 29.266 25.752 3.514
8 0 −1 0 53.242 56.407 −3.165
9 −1 1 1 65.753 58.786 6.967
10 0 0 0 68.313 66.667 1.646
11 −1 0 0 52.860 59.104 −6.244
12 0 0 0 70.076 66.667 3.410
13 −1 −1 1 39.671 41.955 −2.284
14 0 0 0 68.196 66.667 1.530
15 0 0 0 67.403 66.667 0.736
16 −1 1 −1 29.771 33.968 −4.197
17 0 0 1 54.375 59.958 −5.583
18 −1 −1 −1 17.230 11.472 5.758
19 0 1 0 65.323 67.080 −1.756
20 1 −1 1 45.556 40.129 5.427

(b)

Level Temperature
(∘C)

Inoculum age
(h)

Agitation
speed (rpm)

−1 30 24 100
0 35 48 150
1 37 72 200
The measured L-asparaginase activity obtained under the optimal condi-
tions obtained from FCCD was 68.59U/mL.

solubility which was observed in E. coli and E. chrysanthemi
[51]. This suggests that lower level of aeration found to be
suitable for the growth and yield of enzyme. This may be
due to the fact that lower level of aeration may facilitate the
suitable mycelium branching for the yield of enzyme.

Inoculum is generally transferred at the logarithmic
phase of growth; the age of inoculum is important to achieve
optimum yield of the metabolites. Inoculum age of 48–72 h
was found to be the most suitable conditions for maximum
production of L-asparaginase from Streptomyces sp. NEAE-
119, because cells are in the logarithmic or early exponential
growth phase and the cells are more active. The higher
inoculum density is inhibitory to the enzyme production
as too much biomass can deplete the substrate nutrients or
accumulation of some nonvolatile self-inhibiting substances
that inhibit the product formation [52] and lower densitymay
give insufficient biomass causing induced product formation
whereas higher inoculum may produce too much biomass
which is inhibitory to the product formation [53]. Adequate

inoculums can initiate fast mycelium growth and product
formation, thereby reducing other organism contamination.
Quantity of inoculum had a definite effect on enzyme titers.

According to Prakasham et al. [51] temperature and
inoculum level are the major influential parameters and con-
tributed to more than 50% of total L-asparaginase produc-
tion. Amena et al. [15] have reported the inoculum size (1 ×
10
8 spores/mL) for the maximum L-asparaginase production

of 6.9 IU/mL by Streptomyces gulbargensis using ground nut
extract using submerged fermentation. Kumari et al. [54]
have reported optimum inoculum level of 10.36% (v/v) for L-
asparaginase production by Streptomyces griseoluteus WS3/1
under submerged fermentation.

3.5. Optimization by Face-Centered Central Composite Design.
Face-centered central composite design was employed to
study the optimal levels and the interactions among the
selected significant factors; those had positive effect on the
L-asparaginase production. The other variables in the study
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Table 6: Statistical analysis of face-centered central composite design showing coefficient values, main effect, 𝑡-test, 𝑃 values and analysis of
variance.

(a)

Variables Coefficients Main effect 𝑡-Stat 𝑃 value
Intercept 66.667 133.33 35.0717 0.0000
𝑋
1

−2.510 −5.02 −1.4358 0.1816
𝑋
5

5.337 10.67 3.0520 0.0122
𝑋
6

10.927 21.85 6.2494 0.0001
𝑋
1

𝑋
5

−4.495 −8.99 −2.2995 0.0443
𝑋
1

𝑋
6

−2.898 −5.80 −1.4824 0.1690
𝑋
5

𝑋
6

−1.416 −2.83 −0.7245 0.4854
𝑋
1

𝑋
1

−10.073 −20.15 −3.0210 0.0129
𝑋
5

𝑋
5

−4.923 −9.85 −1.4765 0.1706
𝑋
6

𝑋
6

−17.636 −35.27 −5.2891 0.0004

(b)

Analysis of variance (ANOVA)
df SS MS 𝐹-test Significance 𝐹 (𝑃 value)

Regression 9 5854.7578 650.5286 21.2771 2.22009𝐸 − 05

Residual 10 305.7400 30.5740
Total 19 6160.4978
𝑋
1
: the coded value of temperature,𝑋

5
: the coded value of inoculum age, and𝑋

6
: the coded value of agitation speed.

𝑡: Student’s test; 𝑃: corresponding level of significance; df: degree of freedom; SS: sum of squares; MS: mean sum of squares; 𝐹: Fishers’s function; Significance
𝐹: corresponding level of significance.
Multiple 𝑅 0.9748, 𝑅 square 0.9503, and adjusted 𝑅 square 0.9057.

weremaintained at a constant level which gavemaximal yield
in the Plackett-Burman experiments. In this study, a total of
20 experiments with different combination of temperature
(𝑋
1
), inoculum age (𝑋

5
), and agitation speed (𝑋

6
) were per-

formed and the results of experiments for studying the effects
of three independent variables on L-asparaginase activity
are presented along with predicted response and residuals
(Table 5). The results showed considerable variation in the
L-asparaginase activity. Runs 1, 6, 10, 12, 14, and 15 showed
a high L-asparaginase activity (≥67.403U/mL). The mini-
mum L-asparaginase activity (15.501U/mL) was observed in
run number 5, while the maximum L-asparaginase activity
(70.076U/mL) was achieved in run number 12.

3.6. Multiple Regression Analysis and ANOVA. Multiple
regression analysis was used to analyze the data; the goodness
of fit of the model was checked by the coefficient of determi-
nation (𝑅2), which was found to be 0.9503, indicating that the
sample variation of 95.03%was attributed to the variables and
only 4.97% of the total variance could not be explained by the
model. Therefore, the present 𝑅2-value reflected a very good
fit between the observed and predicted responses and implied
that the model is reliable for L-asparaginase production in
the present study. Analysis of variance (ANOVA) which is
required to test the significance and adequacy of the model
is presented in Table 6. The analysis of variance (ANOVA)
of the regression model demonstrates that the model is
highly significant as is evident from Fisher’s 𝐹-test (21.2771)
and a very low probability value (2.22009𝐸 − 05). The

significance of each coefficient was determined by 𝑡-values
and 𝑃 values which are listed in Table 6. The 𝑃 values denote
the significance of the coefficients and are also important in
understanding the pattern of themutual interactions between
the variables. Interpretation of the datawas based on the signs
(positive or negative effect on the response) and statistical
significance of coefficients (𝑃 < 0.05). Interactions between
two factors could appear as an antagonistic effect (negative
coefficient) or a synergistic effect (positive coefficient).

It can be seen from the degree of significance that the
linear coefficients of inoculum age (𝑋

5
), agitation speed (𝑋

6
),

interaction between temperature (𝑋
1
), inoculum age (𝑋

5
),

and quadratic effect of temperature (𝑋
1
), and agitation speed

(𝑋
6
) are significant. The probability values of the coefficient

suggest that among the three variables studied,𝑋
1
,𝑋
5
shows

maximum interaction between the two variables (𝑃 value
0.0443), indicating that 95.57% of the model is affected by
these variables. The linear coefficients of temperature (𝑋

1
),

interaction between 𝑋
1
and 𝑋

6
, and quadratic effect of 𝑋

5

are not significant (𝑃 value> 0.05). On the other hand, among
the different interactions, interaction between𝑋

1
and𝑋

6
and

that between 𝑋
5
and 𝑋

6
are not significant (𝑃 values 0.1690

and 0.4854, resp.), indicating that there is no significant
correlation between each two variables and that they did not
help much in increasing the production of L-asparaginase.

In order to evaluate the relationship between dependent
and independent variables and to determine the maximum
L-asparaginase production corresponding to the optimum
levels of temperature (𝑋

1
), inoculum age (𝑋

5
), and agitation
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Figure 7:Three-dimensional response surface plots showing the effect of temperature (𝑋
1

), inoculum age (𝑋
5

) and agitation speed (𝑋
6

) and
their mutual effect on the production of L-asparaginase.
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speed (𝑋
6
), a second-order polynomial model (equation

(5)) was proposed to calculate the optimum levels of these
variables. By applying the multiple regression analysis on
experimental data, the second-order polynomial equation
that defines predicted response (𝑌) in terms of the indepen-
dent variables (𝑋

1
,𝑋
5
, and𝑋

6
) was obtained:

𝑌
(L-asparaginase production) = 66.667 − 2.510𝑋1 + 5.337𝑋5

+ 10.927𝑋
6
− 4.495𝑋

1
𝑋
5

− 2.898𝑋
1
𝑋
6
− 1.416𝑋

5
𝑋
6

− 10.073𝑋
2

1

− 4.923𝑋
2

5

− 17.636𝑋
2

6

,

(5)

where the 𝑌 is the predicted response, 𝑋
1
the coded value of

temperature,𝑋
5
the coded value of inoculum age, and𝑋

6
the

coded value of agitation speed.
The interaction effects and optimal levels of the variables

were determined by plotting the three-dimensional response
surface curves (Figures 7(a)–7(c)) when one of the variables is
fixed at optimum value and the other two are allowed to vary.
Figure 7(a) represents the L-asparaginase activity as a func-
tion of temperature (𝑋

1
) and inoculum age (𝑋

5
) by keeping

agitation speed (𝑋
6
) at optimum value. It showed that lower

and higher levels of temperature support relatively low levels
of L-asparaginase activity; the highest value of L-asparaginase
activity was obtained with middle level of temperature and
inoculum age. Further increase of inoculum age did not result
in higher L-asparaginase activity. Figure 7(b) represents the
L-asparaginase activity as a function of temperature (𝑋

1
)

and agitation speed (𝑋
6
) by keeping inoculum age (𝑋

5
)

at optimum value; the maximum L-asparaginase activity
was attained at moderate to high levels of agitation speed
and moderate levels of temperature and further increase in
the temperature resulted in a gradual decrease in the L-
asparaginase activity. Figure 7(c) showed that the maximum
L-asparaginase productionwas attained beyondmiddle levels
of inoculum age and lower and higher levels of inoculum age
resulted in a gradual decrease in L-asparaginase production.
Highest value of L-asparaginase production was obtained
beyond high agitation speed.

3.7. Verification of the Model. In order to determine the
accuracy of the model and to verify the result, an experiment
under the optimal conditions obtained from face-centered
central composite design-response surface methodology was
performed and compared with the predicted data. The mea-
sured L-asparaginase activity obtainedwas 68.59U/mL, close
to the predicted one 70.46U/mL, revealing a high degree of
accuracy. The verification revealed a high degree of accuracy
of the model of more than 97.35%, indicating the model
validation under the tested conditions.The predicted optimal
levels of the process variables for L-asparaginase production
by Streptomyces olivaceus strain NEAE-119 were temperature
(35∘C), inoculum age (72 h), and agitation speed (200 rpm).

4. Conclusion

A statistical approach has been employed for which a Plack-
ett-Burman design is used for identifying significant variables
influencing glutaminase free L-asparaginase production by
Streptomyces olivaceusNEAE-119.The levels of the significant
variables were further optimized using face-centered central
composite design. Streptomyces olivaceus strain NEAE-119
was identified on the basis of morphological, cultural, and
physiological properties, together with 16S rRNA sequence
and phylogenetic analysis. The sequencing product was
deposited in the GenBank database under accession number
KJ200342.
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Laccases are oxidative enzymes related to the degradation of phenolic compounds, including lignin units, with concomitant
reduction of oxygen to water. Delignification is a necessary pretreatment step in the process of converting plant biomass into
fermentable sugars. The objective of this work was to optimize the production of laccases and to evaluate the delignification
of sugarcane bagasse by Pleurotus ostreatus in solid-state fermentation. Among eight variables (pH, water activity, temperature,
and concentrations of CuSO

4

, (NH
4

)
2

SO
4

, KH
2

PO
4

, asparagine, and yeast extract), copper sulfate and ammonium sulfate
concentrations were demonstrated to significantly influence laccase production. The replacement of ammonium sulfate by yeast
extract and the addition of ferulic acid as inducer provided increases of 5.7- and 2.0-fold, respectively, in laccase activity.
Optimization of laccase production as a function of yeast extract, copper sulfate, and ferulic acid concentrations was performed by
response surface methodology and optimal concentrations were 6.4 g/L, 172.6 𝜇M, and 1.86mM, respectively. Experimentally, the
maximum laccase activity of 151.6U/g was produced at the 5th day of solid-state fermentation. Lignin content in sugarcane bagasse
was reduced from 31.89% to 26.36% after 5 days and to 20.79% after 15 days by the biological treatment of solid-state fermentation.

1. Introduction

Laccases are blue multicopper oxidases able to oxidize a vari-
ety of phenolic compounds and, in the presence of a medi-
ator (e.g., 2,2-azinobis-3-ethylbenzthiazoline-6-sulfonate or
ABTS), also nonphenolic compounds [1–3]. It is known that
the production of laccases by fungi, especially the white-rot
basidiomycetes, can be affected by the type and concentration
of the carbon and nitrogen sources and also by the presence of
copper and organic compounds that act as inducers of laccase
activity [4–7].

Laccases are indicated for several applications in different
sectors, that is, in the food and beverages industry to remove
undesired phenolics which are responsible for browning,

haze formation, and turbidity, in the pulp and paper industry,
for biopulping and biobleaching processes, and in the textile
industry, for dyes decolourization, and there are also appli-
cations in the fields of nanotechnology, bioremediation, and
synthetic chemistry [8, 9].

The utilization of agroindustrial wastes as substrates for
fermentative processes producing high added value prod-
ucts (i.e., enzymes, ethanol, single-cell protein, mushrooms,
organic acids, amino acids, biologically active secondary
metabolites) has been widely explored, since they are easily
available and rich in carbon and often present disposal prob-
lems [10–12]. Sugarcane bagasse is an agroresidue generated
in high amount (186 million tons/year) by the sugar and
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alcohol industry in Brazil. It is a porous residue of cane
stalks left over after the crushing and extraction of the juice
from sugarcane and is composed of 19–24% lignin, 27–
32% hemicellulose, 32–44% cellulose, and 4.5–9% ashes [13].
Sugar mills generate approximately 270–280 kg of bagasse
(50% moisture) per metric ton of sugarcane [14].

One of themain challenges in the utilization of lignocellu-
losic biomass in fermentative processes is the transformation
of the complex polysaccharides into simple sugars that can
be assimilated by microorganisms. This can be achieved by
chemical or enzymatic hydrolysis, preceded by appropriate
pretreatments that enhance the efficiency of hydrolysis by
lignin removal [15].

Delignification can be performed by thermochemical
processes or by the biological route, using enzymes or
microorganisms.The advantages of biological delignification
over the thermochemicalmethodsmay includemild reaction
conditions, higher product yields, fewer side reactions, less
energy demand, and less reactor resistance to pressure and
corrosion [16].

Lignin decomposition in nature is primarily attributed
to the metabolism of microorganisms. Among all other
organisms, white-rot basidiomycetes degrade lignin more
rapidly and extensively than other groups [17] through the
cooperative action of several ligninolytic enzymes (laccases,
manganese peroxidases, and lignin peroxidases) [18].

Some white-rot fungi such as Ceriporiopsis subvermis-
pora, Phellinus pini, Phlebia spp., and Pleurotus spp. prefer-
entially attack lignin more readily than hemicellulose and
cellulose. Many white-rot fungi, however, such as Trametes
versicolor,Heterobasidion annosum, and Irpex lacteus, exhibit
a pattern of simultaneous decay characterized by degradation
of all cell wall components [3].

Solid-state fermentation is an interesting technology to
be applied in the valorization of agroindustrial residues
and can be economically feasible for the production of
many biotechnological products [12]. It is also an interest-
ing process to perform biological delignification because it
mimics the natural environment of lignin-degrading fungi.
The advantages of the solid-state fermentation process over
submerged fermentation include smaller fermenter volume,
lower sterilization energy costs, easier aeration, reduced or
eliminated costs for stirring and effluent treatment, higher
product stability, lower catabolic repression, less favorable
environment for many bacteria, and lower risk of contami-
nation [12, 16, 19].

The objective of this work was to optimize the fermenta-
tion conditions for the production of laccases and to evaluate
the delignification of sugarcane bagasse, through the process
of solid-state fermentation, using a selected strain ofPleurotus
ostreatus (coded Pl 22 Em).

2. Material and Methods

2.1. Characterization of the Sugarcane Bagasse. The sugarcane
bagasse, generated by the sugar and alcohol industry, was
provided by the private company Ourofino Agronegócio,
located in the region of Ribeirão Preto, São Paulo, Brazil.
The bagasse was previously washed with water and dried at

60∘C and the portion presenting particle sizes greater than
2mm was grinded in a knife mill. Separation of the fractions
presenting different particle sizes was performed by sieving.
Contents of lignin, total extractives, ashes, andmoisture were
determined according to the TAPPI norms T222, T264, T413,
and T264, respectively. Holocellulose content was calculated
by difference.

2.2. Solid-State Fermentations. Erlenmeyer flasks containing
1 g of sugarcane bagasse (particle size between 0.8 and 2mm
50% and <0.8mm 50%) were autoclaved and humidified
with a sterilized saline solution presenting the following
constant composition: MgSO

4
⋅7H
2
O (0.3 g/L), FeSO

4
⋅7H
2
O

(0.005 g/L),MnSO
4
⋅H
2
O (0.00156 g/L), ZnSO

4
⋅7H
2
O(0.0014

g/L), CaCl
2

(0.3 g/L), and CoCl
2

(0.002 g/L) [20]. For
the experiments designed according to Plackett-Burman
(Table 1), the saline solution presented some differences
regarding the following variables: CuSO

4
⋅5H
2
O as the

inducer (0, 75 or 150𝜇M, concentrations defined according
to previous experiments), (NH

4
)
2
SO
4
as the nitrogen source

(1.5, 2.0 or 2.5 g/L), KH
2
PO
4
as the source of potassium and

phosphorus (1, 1.5 or 2 g/L), asparagine as the supplementary
aminoacid (0, 0.3 or 0.6 g/L), yeast extract as the source of
vitamins and aminoacids (0, 0.25 or 0.5 g/L), and pH (5.0,
5.5 or 6.0). The pH was adjusted with HCl 1M or NaOH 1M.
These variables were chosen on the basis of the composition
of the basidiomycetes synthetic medium. In order to evaluate
the effect of water activity (𝐴

𝑤
) and temperature, the bagasse

was humidified with different volumes of saline solution (10,
15, and 20mL/g, corresponding to initial 𝐴

𝑤
of 0.993, 0.996,

and 0.999, resp.) and the cultures were incubated at 25, 29,
and 33∘C. For the subsequent experiments, the concentration
ofKH

2
PO
4
and the pHwere set at 1.5 g/L and 5.5, respectively;

no asparagine was added; initial 𝐴
𝑤
was fixed at 0.993 or

10mL/g and temperature at 29∘C. The studied variables were
nitrogen source (yeast extract, 1.96–12.04 g/L or (NH

4
)
2
SO
4
,

2.5 g/L), inorganic inducer (CuSO
4
, 24–276𝜇M), and organic

inducer (ferulic acid, 0.32–3.68mM, added after 48 h of
fermentation).

The strain of P. ostreatus (Pl 22 Em), available at the
culture collection of the Bioprocess Engineering and Biotech-
nology Department (Federal University of Paraná, Curitiba,
Brazil) was reactivated in PDA dishes and after 7 days
of growth, 4 disks of 7mm diameter were transferred to
Czapek liquid medium containing the antibiotic cephalexin
(0.08 g/L). After 5 days of growth at 30∘C and 120 rpm, the
mycelium was separated from the residual medium by a
sieve, homogenized with a spatula and resuspended in the
residual medium to a lower final volume (10% of the initial
volume). 0.2mL of the homogenized mycelium (containing
4%of dry biomass) was transferred to the fermentation flasks,
which were manually homogenized and incubated for 5 days
(optimization studies) or for 3 to 7 days (kinetic study).

2.3. Experimental Designs. Fermentations were prepared as
described in Section 2.2. Tables 1 and 2 present the chosen
variables and levels for the Plackett-Burman Design and
Central Composite Design experiments, respectively.
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Table 1: Plackett-Burman design to select significant variables to be optimized in the production of laccase by solid state fermentation in
sugarcane bagasse.

Levels
Variables

pH 𝐴
𝑤

a 𝑇 CuSO4 (NH4)2SO4 KH2PO4 Asnb YEc

∘C 𝜇M g/L g/L g/L g/L
−1 5.0 0.993 25 0 1.5 1 0 0
+1 6.0 0.999 33 150 2.5 2 0.6 0.5
aWater activity; basparagine; cyeast extract.

Table 2: Central composite design for the modeling of laccase
production by solid-state fermentation in sugarcane bagasse.

Levels Variables
Yeast extract g/L CuSO4 𝜇M Ferulic acid mM

−1.68 1.96 24 0.32
−1 4 75 1
0 7 150 2
+1 10 225 3
+1.68 12.04 276 3.68

Analysis of the results and determination of the mathe-
matical model were performed using the software Statistica
5.0 (Statsoft, USA), and determination of the optimal levels
was performed through the Solver Excel tool (Microsoft,
USA).

2.4. Extraction of the Enzymes. Enzymes produced by solid-
state fermentation were extracted by solid-liquid extraction
using sodium phosphate buffer as solvent (NaH

2
PO
4
⋅H
2
O,

50mM, pH 7.0) [21]. The fermented material was manually
homogenized and weighed (around 1 g) and the extraction
buffer was added in the proportion of 1 : 10 (w/w). A protease
inhibitor (phenylmethylsulfonyl fluoride, PMSF 1mM) was
added to the extraction mixture. The mixture was homog-
enized in vortex for 1min and centrifuged for 7,500 g, 4∘C,
45min. The supernatant was separated and submitted to
analyses.

2.5. Laccase Activity Assay. The enzymatic activity of laccase
was assayed by the oxidation of ABTS (2,2-azino-bis-3-
ethylbenzthiazoline-6-sulphonic acid). The reaction mixture
contained 100 𝜇L of ABTS 20mM (in sodium citrate buffer
0.1M, pH 3.0), sample (usually 20–50𝜇L), and sodium citrate
buffer (C

6
H
8
O
7
⋅H
2
O 0.1M, pH 3.0) up to 1mL. Oxidation

of ABTS was followed by absorbance increase at 420 nm
(𝜀 = 36,000M−1 cm−1). The enzyme activity was expressed in
international units (U), where one unit of enzyme activity
is defined as the amount of enzyme that oxidizes 1 𝜇mol of
substrate in 1 min.

2.6. Biological Delignification. Erlenmeyer flasks contain-
ing 3 g of sugarcane bagasse (particle size between 0.8
and 2mm 50% and <0.8mm 50%) were autoclaved and
humidified with a saline solution (sterilized by filtra-
tion, 10mL/g bagasse) presenting the following constant

composition: MgSO
4
⋅7H
2
O (0.3 g/L), FeSO

4
⋅7H
2
O (0.005

g/L), MnSO
4
⋅H
2
O (0.00156 g/L), ZnSO

4
⋅7H
2
O (0.0014 g/L),

CaCl
2
(0.3 g/L), CoCl

2
(0.002 g/L), KH

2
PO
4
(1.5 g/L), and

pH 5.5. Yeast extract (sterilized by autoclaving at 121∘C,
1 atm, 15min) and copper sulfate (sterilized by filtration) were
added to the saline solution to reach final concentrations
of 6.4 g/L and 173 𝜇M, respectively. Ferulic acid (sterilized
by filtration) was added after 48 h of fermentation to a
final concentration of 1.86mM. The inoculum was prepared
according to Section 2.2. and the incubation was performed
at 29∘C. Physicochemical analyses of the biotreated bagasse
were performed as described in Section 2.1.

3. Results and Discussion

3.1. Screening of Significant Variables Affecting Laccase Pro-
duction: Plackett-BurmanDesign. Table 3 presents the results
of the Plackett-Burman experiments to select significant
variables to be optimized for laccase production by the strain
P. ostreatus Pl 22 Em.

According to the Pareto analysis, the variables that pre-
sented significant effects on laccase production at the con-
fidence level of 90% were copper sulfate and ammonium
sulfate concentrations, both presenting positive standardized
effects of 11.25 and 5.003, respectively (absolute values, 𝑅2 =
0.96873).

As far as the effect of copper sulfate is concerned, the
addition of copper as an inducer of laccase production has
been already reported in literature. Different studies have
shown that laccase production is regulated bymetal ions such
as Cu2+ and Fe3+ by gene expression induction or through
translational or posttranslational regulation [22, 23]. Palmieri
et al. [4] demonstrated that the addition of copper sulfate
150 𝜇M to a P. ostreatus (Jacq.:Fr.) Kummer (type Florida)
liquid culture medium caused a 30-fold increase in total
laccase activity, and Hou et al. [5] reported a 4.5-fold increase
in laccase activity in P. ostreatus (strain 32, Dalian Institute of
Mushroom Study) when Cu2+ 1mM was added to the liquid
culture medium. Baldrian and Gabriel [24] concluded that
Cu2+ not only induces laccase by the expression of laccase
genes in P. ostreatus CCBAS-447 (Institute of Microbiology,
Academy of Sciences of the Czech Republic) but also posi-
tively affects activity and stability of the enzyme.

As far as the effect of ammonium sulfate is concerned, the
production of ligninolytic enzymes has been associated with
the secondary metabolism and with conditions of limited
nitrogen for many white rot fungi, including the model
organism for laccase production and lignin degradation
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Table 3: Results of laccase activity obtained for the Plackett-Burman experiments after 5 days of solid-state fermentation on sugarcane bagasse.

Variables and corresponding levels Activity
pH 𝐴

𝑤

a
𝑇
b [Cu2+]c [N]d [PK]e [Asn]f [YE]g U/g

1 1 −1 1 −1 −1 −1 1 1 2.091
2 1 1 −1 1 −1 −1 −1 1 7.420
3 −1 1 1 −1 1 −1 −1 −1 3.278
4 1 −1 1 1 −1 1 −1 −1 7.366
5 1 1 −1 1 1 −1 1 −1 11.45
6 1 1 1 −1 1 1 −1 1 4.294
7 −1 1 1 1 −1 1 1 −1 6.825
8 −1 −1 1 1 1 −1 1 1 10.94
9 −1 −1 −1 1 1 1 −1 1 11.18
10 1 −1 −1 −1 1 1 1 −1 3.729
11 −1 1 −1 −1 −1 1 1 1 1.914
12 −1 −1 −1 −1 −1 −1 −1 −1 2.755
Ch 0 0 0 0 0 0 0 0 7.318
C 0 0 0 0 0 0 0 0 6.727
Note: enzyme activities in units per gram of dry substrate.
aWater activity; btemperature; cCuSO4 concentration;

d(NH4)2SO4 concentration;
eKH2PO4 concentration;

fasparagine concentration; gyeast extract concen-
tration; hC and C represent the duplicates of the intermediate level.

Phanerochaete chrysosporium [25]. For P. ostreatus (HAI
493, Nextlab, Hawaii), however, a higher concentration of
nitrogen in the medium did not repress but rather slightly
stimulatedmineralization of lignin, as reported by Stajić et al.
[26]. Kaal et al. [25] also suggested that several white rot fungi
strains, including P. ostreatus, produce higher ligninolytic
enzyme activities in response to a nitrogen-rich medium.

3.2. Comparison between Organic and Inorganic Nitrogen
Sources and Evaluation of Ferulic Acid as Inducer of Laccase
Activity Production. The comparison between the laccase
activities produced by the strain P. ostreatus Pl 22 Em when
different sources of nitrogen were used and when ferulic acid
was added is presented in Table 4. Using yeast extract (7.5 g/L,
containing 7% total nitrogen) instead of ammonium sulfate
(2.5 g/L, containing 21% nitrogen) for the same concentration
of total nitrogen caused an increase of 5.7-fold in laccase
production (44.23± 2.44 versus 9.942± 1.97U/g dry substrate
after 5 days of fermentation).

These results are in accordance with Hou et al. [5], who
demonstrated that the most suitable nitrogen sources for
laccase production by P. ostreatus (strain 32) were peptone
and yeast extract, in comparison with urea, ammonium
sulfate, and ammonium tartrate. These organic nitrogen
sources increased laccase activity in 1.55, 1.99, and 1.46,
respectively, (peptone) and 1.40, 1.79, and 1.32, respectively
(yeast extract). Mishra and Kumar [27] also demonstrated
that, regarding enhancement of laccase production in solid-
state fermentation by P. ostreatus MTCC1804 (Institute of
Microbial Technology, Chandigarh, India), yeast extract was
preferred to inorganic nitrogen sources, reaching 23U/g dry
substrate against 2.2U/g (without nitrogen supplementa-
tion), 10.11 U/g (with ammonium sulfate), and 13.0U/g (with
urea). Highest activity, however, was obtained in the presence
of cyanobacterial biomass and copper sulfate 1mM (65U/g

Table 4: Effect of inorganic and organic nitrogen sources and
different inducers, Cu2+ and ferulic acid (Fer), on the level of laccase
activity produced by the strain P. ostreatus 22 Em after 5 days of
fermentation on sugarcane bagasse.

N source (g/L) Inducer U/g dry substrate
Ammonium sulfate
2.5 CuSO4 150 𝜇M 9.942 ± 1.97

Yeast extract
2.5 0 2.970 ± 0.651
2.5 CuSO4 150 𝜇M 44.23 ± 2.44
2.5 CuSO4 150 𝜇M + Fer 2mM 89.18 ± 3.95
7.5 CuSO4 150 𝜇M 56.25 ± 5.08

after 10 days). These results may be attributed to the presence
of some additives (nutrients/activators) and favorable C :N
ratio of the organic nitrogen sources [27].

Addition of ferulic acid to the copper containingmedium
further enhanced laccase production (2.0-fold) by the strain
P. ostreatus Pl 22 Em (89.18 ± 3.95 versus 44.23 ± 2.44U/g
dry substrate). Ferulic acid is a known inducer of laccase
production. The structure of this organic acid is similar to
that of coniferyl alcohol, the most abundant monolignol
of the three lignin precursors [28]. Vanhulle et al. [29]
reported a positive effect of ferulic acid 0.5mM on laccase
production by P. ostreatus IT01 in submerged fermentation
with glucose and lactose as substrates. A peak of laccase
activity (around 7,500U/L) was observed at the 15th day of
fermentation (3-fold increase when compared to control).
Ferulic acid was also shown to be the best inducer of
laccase activity in Pleurotus sajor-caju [28]. In solid-state
fermentation, Meza et al. [30] reported a laccase activity of
approximately 70U/g of sugarcane bagasse in the presence
of ferulic acid 10mM, produced by Pycnoporus cinnabarinus
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Table 5: Results of laccase activity obtained for the central compos-
ite design experiments after 5 days of solid-state fermentation on
sugarcane bagasse.

Variables Response
Yeast extract

g/L CuSO4 𝜇M
Ferulic acid

mM Activity U/g

1 4 75 1 61.30
2 10 75 1 51.02
3 4 225 1 98.12
4 10 225 1 58.80
5 4 75 3 50.90
6 10 75 3 46.60
7 4 225 3 68.80
8 10 225 3 65.60
9 1.96 150 2 82.19
10 12.04 150 2 52.75
11 7 24 2 62.33
12 7 276 2 35.91
13 7 150 0.32 48.03
14 7 150 3.68 89.43
15 7 150 2 158.8
16 7 150 2 149.4
Note: enzyme activities in units per gram of dry substrate.

after 10 days, in contrast with around 10U/gwithout inducers.
It is worth noting that the values achieved in this study in the
presence of copper sulfate (44.23 ± 2.44U/g) and ferulic acid
(89.18± 3.95U/g) after 5 days of fermentationwere promising
when compared to other results reported in literature.

3.3. Determination of the Mathematical Model of Laccase
Production through the Response Surface Methodology: Cen-
tral Composite Design and Kinetics of Laccase Production
under Optimized Conditions. Table 5 presents the results of
16 experiments to evaluate the effect of yeast extract, copper
sulfate, and ferulic acid concentrations on laccase production
by solid-state fermentation in sugarcane bagasse.

According to Table 6, the linear and quadratic terms of all
three variables significantly affected the response. Interaction
effects (not shown) were not significant. The mathematical
model of laccase production can be given by the following
equation:

Laccase activity (U/g) = −249.9 + 41.53 [YE]

− 3.236 [YE]2 + 2.071 [Cu2+]

− 0.0060 [Cu2+]
2

+ 106.7 [Fer]

− 28.68 [Fer]2 ,
(1)

where concentrations of yeast extract (YE), copper (Cu2+),
and ferulic acid (Fer) are given in g/L, 𝜇M, and mM, respec-
tively.

Table 6: Regression coefficients and identification of significant
variables (𝑃 < 0.05) for laccase production using central composite
design, 𝑅2 = 0.8753.

Factor Coefficients Standard
error t-value P value

Intercept −249.9 80.11 −3.120 0.02059
Yeast extract (La) 41.53 12.19 3.405 0.01440
Yeast extract (Qb) −3.236 0.7220 −4.482 0.004182
Cu2+ (L) 2.071 0.4551 4.550 0.003890
Cu2+ (Q) −0.0060 0.00116 −5.483 0.001539
Ferulic acid (L) 106.7 34.13 3.127 0.02040
Ferulic acid (Q) −28.68 6.498 −4.414 0.004501
aLinear; bquadratic.

The predictedmodel indicated that themaximum laccase
activity (161.3 U/g dry substrate) would be obtained at the
following conditions: yeast extract 6.417 g/L, Cu2+ 172.6 𝜇M,
and ferulic acid 1.860mM.

Experiments for the verification of the predicted model
(Table 7) revealed a correlation coefficient (𝑅2) of 0.8963, the
most significant differences being obtained at the lowest and
highest levels (24% and 44%, resp.). However, when these
points were not considered, the model described the laccase
production as a function of yeast extract, CuSO

4,
and ferulic

acid concentrations, within the range of 5.5 to 8.5 g/L, 112.5 to
187.5 𝜇M, and 1.5 to 2.5mM, respectively, with a correlation
coefficient of 0.9798.

Other values reported in the literature for laccase produc-
tion by P. ostreatus in solid-state fermentation are 65.42U/g
with copper as inducer [27], 9U/g without inducers [31], and
36U/g without inducers [21].

Figure 1 presents the kinetics of laccase production under
optimized conditions.The peak of laccase activity (151.6U/g)
was obtained between the 4th day and the 5th day of
solid-state fermentation. Other values of laccase productivity
reported in the literature are 80U/mL after 12 days in liquid
culture of P. ostreatus hybrids without exogenous inducers
[6], 12.2U/mL after 18 days of liquid fermentation by P.
ostreatus [32], 90U/g of sugarcane bagasse produced by Pyc-
noporus cinnabarinus after 14 days of solid-state fermentation
in columns and activities near 80U/g after 6 days [33],
and 70U/g of sugarcane bagasse, produced by Pycnoporus
cinnabarinus after 10 days [30].Themaximumvalue of laccase
production achieved with the strain P. ostreatus Pl 22 Em in
this study (151.6U/g) after 5 days of solid-state fermentation
was promising in terms of enzyme activity and productivity.

Further enhancement in the production of laccase could
be achieved by other strategies such as coculturing ligni-
nolytic fungi and filamentous microfungi, as demonstrated
by Cupul et al. [34]. These authors reported an increase in
laccase activity from 4,881.0 to 12,382.5U/mg protein, when
the fungus Paecilomyces carneus was inoculated to a culture
of the ligninolytic fungus Trametes maxima. Also, studies on
gene expression could be performed since the physiological
behavior of many laccase producing organisms suggests the
presence of elements responsive tometals (MRE), xenobiotics
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Table 7: Experiments for the verification of the predicted model of laccase production after 5 days of solid-state fermentation on sugarcane
bagasse.

Yeast extract (g/L) CuSO4 (𝜇M) Ferulic acid (mM) Predicted (U/g) Experimental (U/g)
4.0 75 1.0 64.04 79.74 ± 7.94
5.5 112.5 1.5 133.2 114.7 ± 7.17
6.4 172.6 1.86 161.3 155.3 ± 5.92
7.0 150 2.0 156.6 149.2 ± 4.95
8.5 187.5 2.5 134.2 122.9 ± 5.12
10 225 3.0 66.01 95.17 ± 7.75
Note: enzyme activities in units per gram of dry substrate.
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Figure 1: Kinetics of laccase production on solid-state fermentation
of sugarcane bagasse by P. ostreatus 22 Em under optimized condi-
tions: 6.4 g/L yeast extract, 172.6 𝜇M CuSO

4

, and 1.86mM ferulic
acid.

(XRE), heat shock (HSE), and oxidative stress (ARE, antioxi-
dant response element) within the promoter region of laccase
genes [35]. Regarding heterologous expression, advantages
aremore related to providing favorable conditions for genetic
studies and enzyme characterization than to the production
of high activities. Macellaro et al. [36] developed a process for
heterologous production of the high redox potential Pleuro-
tus ostreatus laccase POXA1b and one of its variants, 1H6C,
using Aspergillus niger as a host, and obtained production
levels of 35,000U/L and 60,000U/L, respectively. You et
al. [37] reached a maximum laccase activity of 685.8U/L
through heterologous expression of a Ganoderma lucidum
laccase in Pichia pastoris.

3.4. Characterization of the Sugarcane Bagasse and Kinetics of
Biological Delignification. The culture conditions optimized
for laccase production were applied in the biotreatment
of sugarcane bagasse with the aim of evaluating lignin
degradation.The sugarcane bagasse received from the indus-
try presented the following particle size distribution: 21.2%
between 0.8 and 2.0mm, 22.8% < 0.8mm, and 56% >
2.0mm. After grinding and classification, the particle size
distribution changed to 42.4% between 0.8 and 2.0mm
and 57.6% < 0.8mm. The physicochemical composition of
sugarcane bagasse before and after the biotreatment of solid-
state fermentation is presented in Table 8. All values of
lignin percentage were statistically different among samples.
Extractives in sugarcane bagasse can be represented bywaxes,

pigments, alkaloids, terpenes, flavonoids, coumarins, tan-
nins, sugars, and saponins [38]. Reduction of lignin content
was of 5.53% after 5 days and of 11.1% after 15 days of solid-
state fermentation. Of these percentage reductions, 3.41%
were not due to fungal degradation but to the addition of
nutrients for optimized laccase production.

The process developed by Pellinen et al. [39] to delignify
kraft pulp and chemithermomechanical pulp (CTMP) using
Phanerochaete chrysosporium presented delignification times
of around two weeks, the kappa number (residual lignin)
being reduced from 33 to less than 10 for the kraft pulp, and
the lignin content decreasing from 26.5% to 21.3% for the
CTMP. Delignification of sugarcane bagasse by Ceriporiopsis
subvermispora during 30 days resulted in a pulp yield of 46–
54% [40]. Meza et al. [41] presented a process for biological
delignification of sugarcane bagasse and simultaneous pro-
duction of laccases that yielded a laccase activity of 80U/g
and an energy economy of 50% during pulping and refining,
after 28 days of fungal treatment. Knežević et al. [42] reported
a reduction of 34.1% in lignin content of wheat straw after 14
days of cultivation of Dichomitus squalens.

The process of delignification is very complex and
involves the synergistic action of laccases and peroxidases.
Although laccases are directly involved in delignification
through the oxidation of phenolic structures, their produc-
tion level is not necessarily related to the rate of deligni-
fication. Also, lignin degradation can occur until the latest
stages of fermentation, even if the peak of enzymatic activity
is achieved earlier [42]. The fungus P. ostreatus 22 Em, which
demonstrated to be a high producer of laccases on sugarcane
bagasse after 5 days of solid-state fermentation, presented a
moderate efficiency of delignification with the highest rate
achieved between the 5th day and the 10th day. However,
delignification is not the only beneficial action of laccases
with respect to the use of lignocellulosic biomass. Although
this action facilitates the cellulose hydrolysis and glucose
release, there is also a contribution related to the degradation
of phenolic compounds released during pretreatment, which
reduces the toxicity of the broth for a subsequent fermenta-
tion [43, 44].

4. Conclusions

The level of laccase activity produced by P. ostreatus Pl
22 Em in solid-state fermentation of sugarcane bagasse
was significantly affected by the concentrations of nitrogen
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Table 8: Physicochemical composition of sugarcane bagasse, before and after biotreatment.

Sugarcane
bagasse

Bagasse prepared
for biotreatment

Biotreated
bagasse 5 days

Biotreated
bagasse 10 days

Biotreated
bagasse 15 days

Lignin (%) 31.89 28.48 26.36 22.37 20.79
Holocellulose (%) 63.36 63.30 64.38 67.84 69.12
Extractives (%) 2.15 5.88 5.57 6.05 6.17
Ashes (%) 2.60 2.34 3.69 3.74 3.92
Moisture (%) 7.57 91.6 88.28 87.71 85.91
Note: percentages of lignin, holocellulose, extractives, and ashes are in moisture free basis. Average standard deviations were 0.367 for lignin, 0.165 for
extractives, 0.233 for ashes, and 0.0587 for moisture.

source, copper sulfate, and ferulic acid. The use of an organic
nitrogen source (yeast extract) provided and increase of 5.7-
fold in laccase production, in comparison with the inorganic
source (ammonium sulfate). The predicted model indicated
that the maximum laccase activity (161.3 U/g of sugarcane
bagasse) would be obtained at the following conditions: yeast
extract 6.417 g/L, Cu2+ 172.6 𝜇M, and ferulic acid 1.860mM.
Experimentally, the maximum laccase activity of 151.6U/g
was produced, under optimized conditions, at the 5th day of
solid-state fermentation, which is higher than that obtained
in other solid-state fermentations so far reported on sug-
arcane bagasse. On the other hand, the process of biologi-
cal delignification reduced the lignin content of sugarcane
bagasse from 31.89% to 26.36% after 5 days and to 20.79%
after 15 days of solid-state fermentation, which represents
a moderate efficiency of delignification. The highest rate of
lignin degradation was achieved between the 5th day and the
10th day.
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Keratinases are proteolytic enzymes predominantly active when keratin substrates are available that attack disulfide bridges in the
keratin to convert them from complex to simplified forms. Keratinases are essential in preparation of animal nutrients, protein
supplements, leather manufacture, textile processing, detergent formulation, feather meal processing for feed and fertilizer, the
pharmaceutical and biomedical industries, and waste management. Accordingly, it is necessary to develop amethod for continuous
production of keratinase from reliable sources that can be easilymanaged.Microbial keratinase is less expensive than conventionally
produced keratinase and can be obtained from fungi, bacteria, and actinomycetes. In this overview, the expansion of information
about microbial keratinases and important considerations in keratinase production are discussed.

1. Introduction

Keratin is one of themost abundant biopolymers in the world
[1]; it is a tough, fibrous, insoluble material that functions
as an outer coat of human and animal organs, to prevent
the loss of body fluids. Keratin is predominantly found in
tissues of reptiles, birds, amphibians, and mammals. The
structural component of feathers, hair, nails, horns, hooves,
bones, furs, claws, hides, bird beaks, skin, wool, scales, and
bristle is made up of keratin (Figure 1). 𝛼-keratins (alpha-
helix) are usually found in the hair, wool, horns, nails, claws,
and hooves of mammals, whereas the harder 𝛽-keratin (beta-
sheets) is found in bird feathers, beaks, and claws. Keratin is
also expressed in the epithelial cell types of digestive organs
(liver, pancreas, intestine, and gallbladder), which include
hepatocytes, hepatobiliary ductal cells, oval cells, acinar cells,
enterocytes of the small intestine, colon, and goblet cells [2].

Keratin is rich in sulfur compounds with disulfide bridges,
which imparts themwith an insoluble nature. It also contains
a variety of amino acids, predominantly cystine, lysine,
proline, and serine. Keratin is hard, containing scleroprotein,
while it is unreactive against most chemicals and is not
digested by pepsin, trypsin, or papain [3]. Higher verte-
brates, including humans, cannot digest keratinousmaterials.
Keratin is a monomer that forms bundles of intermediate
filaments that are expressed in epithelial cells that have been
linked to human liver diseases. Structural details regarding
keratin filaments 5 and 14 for heteromeric assembly and
perinuclear organization have been reported ([4], Protein
Data Bank Accession code: 3TNU; Figure 2(a)). Among
different keratin filaments, K8 and K18 are important for
the protection of hepatocytes [2]. The representation of K18
caspase-cleavage sites during apoptosis has been described in
detail ([2], Figure 2(b)).
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Figure 1: Sources of keratin. Different sources such as feathers, hair, nails, horns, hooves, and beak are shown. The hosts for these sources
include human, bird, and animal. The hardness of these keratin materials is different in each case.
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Figure 2: (a) Crystal structure of K5 andK14 coil heterocomplex (PDB accession code: 3TNU).This is a heteromeric assembly and perinuclear
organization of keratin filaments. Regions from central-coiled domains of two filaments are interacting. (b) Representation of K18 caspase-
cleavage sites during apoptosis. Keratin network regulates apoptotic machinery and confers a caspase-activation.The primary caspase-targets
in epithelial cells are found in keratins type I family (reproduced from [2]).

The major sources of keratin accumulation, which cause
environmental problems, initiate from industries that use
keratin as the raw material. Poultry farms are also involved
in dumping of feather wastes (barbs and rachis). Indeed, 90%
of feathers are keratin, and millions of kilograms of feathers
are discarded to the environment annually [6]. The disposal
of feathers is also accompanied by natural falling of feathers
and hairs from birds during production, so it is necessary
to develop methods to reduce keratin accumulation. For
environmental remediation of keratin, an immediate step
that has easy processing set-up with lower cost is desired.
Microbial keratinase may meet these preferences, as ker-
atinophilic fungi, bacteria, and actinomycetes naturally reside
on keratin wastes. Here, we elaborated the currently available
information pertaining to microbial keratinase production.

2. Keratinophilic Fungi

Keratinophilic fungi produce the proteolytic enzymes that are
capable of decomposing keratinic waste materials [7]. Several
keratinophilic fungi that live as parasites on keratinous
materials use keratin as their carbon and nitrogen sources,
multiply in an asexual manner, and produce conidia. During
the process of fungal colonization, boring hyphae are pro-
duced to drill into the keratin substrate. These keratinophilic
fungi include hyphomycetes and several other taxa [8];
hyphomycetes include both dermatophytic (e.g., Microspo-
rum species) and nondermatophytic (e.g., Chrysosporium
species and other genera) keratinophilic fungi [9]. The
dermatophytes aremainly from the generaMicrosporum, Epi-
dermophyton, and Trichophyton. Keratinophilic species are
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usually identified by morphological features of their macro-
and microconidia, molecular methods, and using DNA
sequence analysis [10]. Keratinophilic fungi produce sulfide
for sulphitolysis and, during this process, the disulfide bonds
of cysteine, a major amino acid in keratinous materials, are
broken down, after which the proteolytic enzymes released
by the fungi can easily cleave the keratin. During the
degradation process, the products released are cysteine, S-
sulphocysteine, cysteine acid, cysteine, and inorganic sulfate,
and the presence of these products in the culture media
indicates the occurrence of true keratinophilic fungi. Fungi
that do not show this behavior during degradation are
considered nonkeratinophilic fungi. Keratinophilic fungi are
predominantly anthropophilic (human loving) or zoophilic
(animal loving).Many keratinophilic fungi have been isolated
from soil samples due to accumulation of keratin wastes in
the soils (geophilic). Soil samples from geophilic habitats
including public beaches, agricultural areas, public parks,
gardens, and elementary schools have been found to contain
keratinophilic fungi [11–15].Most of these studies involved an
isolation technique known as keratin-baiting, in which hair
or feathers are used for the isolation of keratinophilic fungi
[11–15]. Keratinophilic fungi isolated in countries worldwide,
including Egypt, Spain, Australia, Palestine, Kuwait, India,
Iran, and Malaysia, have been described [8].

The common isolates of keratinophilic fungi from soils
include Microsporum gypseum, M. canis, M. fulvum, M.
nanum, Trichophyton terrestre, T. ajelloi, T.mentagrophytes, T.
interdigitale,T.verrucosum,T.equinum,T. rubrum,T. interdig-
itale, T. schoenleinii, T. simii, Chrysosporium keratinophilum,
C. pannicola, C. tropicum,C. indicum, C. anum, C. lobatum,
C. evolceanui, and C. indicum. Shadzi et al. [12] have col-
lected 330 samples from thirteen elementary schools and
seven public parks and identified 214 species, among which
Chrysosporium keratinophilum was the dominant organism,
being present with a frequency of 54.2%. Anbu et al. collected
10 and 12 soil samples from poultry farms and feather
dumping locations, respectively, and recovered 34 fungal
species belonging to 19 genera. Among these, six species
are dermatophytes belonging to five genera [13]. Kachuei
et al. [15] analyzed 800 soil samples from Isfahan province
of Iran and found that 588 belong to keratinophilic fungi,
representing 73.5% of the total isolates. Furthermore, they
recovered 16 species belonging to 11 genera. Similarly, 108
soil samples from St. Kitts and 55 samples from Nevis were
shown to consist of 49 and 38 samples, respectively, positive
for keratinophilic fungi. Additionally, M. gypseum was pre-
dominantly found in 15.7 and 40% of soils of these collections
sites, respectively, followed by Chrysosporium species [14].
Molecular identification of keratinophilic fungi revealed 411
isolates from 22 genera in public park soils from Shiraz, Iran
[9]. Another study revealed that 48 soils from Jharkhand,
India, contained 10 species of keratinophilic fungi belonging
to seven genera [8]. Similarly, 500 samples collected from
zoos and parks of Ahvaz were found to contain keratinophilic
fungi [16]. In another study, 54 soil samples from different
collection sites including gardens, schools, poultry farms,
rivers, hospitals, and garbage dumping sites were found to
contain 23 species of keratinophilic fungi from 11 genera.

The abundance of samples shown to contain keratinophilic
fungi was as follows: 65% gardens, 52% schools, 43% poultry
farms, 34% garbage, 30% hospitals, and 21% rivers [7]. Based
on the above studies, it is clear that keratinophilic fungi
are ubiquitous and present in all kinds of soils and that
they are dominant in areas where humans and animals live.
In addition to the above list, keratinolytic proteins from
keratinophilic fungi were reported by Yu et al. [17], Asahi et
al. [18], and Williams et al. [19].

3. Keratin-Degrading Bacterial Isolates

Similar to the isolates of fungi, lists of bacterial strains capable
of degrading keratins have been reported. Bacteria can grow
faster than fungal species and therefore have potential in
industrial applications.The advantages of fungi include easier
colonization of fungal hyphae into the harder keratin relative
to bacteria. The isolated bacterial strains known to degrade
keratin or produce the keratinase are primarily composed
of Bacillus; it includes B. subtilis and B. licheniformis [20],
although other bacteria including Gram-positive Lysobac-
ter, Nesterenkonia, Kocuria, and Microbacterium and Gram-
negative Vibrio, Xanthomonas, Stenotrophomonas, Chry-
seobacterium, Fervidobacterium, Thermoanaerobacter, and
Nesterenkonia can also degrade keratin ([21] and references
therein). Several other studies have investigated keratinase
produced by bacterial species [22–26]. Sapna andYamini [27]
investigated the potential degradation of keratin by bacterial
strains recovered from the soil samples. Four isolates from
feather waste were recovered on milk agar plates and three
were identified as Gram-negative bacteria (Burkholderia,
Chryseobacterium, and Pseudomonas species) and one was
identified as Gram-positive strain (Microbacterium species)
[28]. Moreover, Korniłłowicz-Kowalska and Bohacz [29]
reported that actinomycetes, Streptomyces group, namely, S.
fradiae, Streptomyces species A11, S. pactum, S. albidoflavus,
S. thermoviolaceus SD8, and S. graminofaciens, as well as
Thermoactinomyces candidus, were capable of producing
keratinase.

4. Secretion of Microbial Keratinases

Keratinolytic enzymes are proteases known as keratinases
(EC 3.4.21/24/99.11) that can primarily be obtained from
fungi, actinomycetes, and bacteria [29]. Fungal keratinases
can be easily obtained by secretion, and their low cost makes
them preferable over bacterial keratinases in some cases,
even though the fungi grow slower and the recovery of
keratinase from fungi has been reported for several decades.
The availability of several strains that are capable of producing
keratinase makes the situation to select efficient keratinase
producers an important step. Screening microbial enzymes
is essential in the selection process, and the chosen enzymes
should be less expensive, eco-friendly, and efficient. Both
keratinophilic fungi andnonkeratinophilic fungi can produce
keratinases, but the difference is the rate of production,
which is higher in the former case. Several methods have
been proposed to screen proteolytic (including keratinolytic)
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Figure 3: Plate clearance assay for proteolytic activity. Secretion of proteolytic enzymes by Aspergillus species, Mucor species, and Mycelia
sterilia is shown as example. The 8% gelatin agar plates were prepared and a pinpoint inoculum was spotted at the center. The clear zone
around the colonies indicated the presence of proteolytic activity, which was due to the complete degradation of gelatin. Aqueous saturated
solution of ammonium sulfate was added on the surface of the agar for clear visualization.

enzymes, including keratin-baiting, plate screening, spec-
trophotometric methods, and sequence-based amplification.
Jeevana Lakshmi et al. [30] identified feather-degrading
bacteria using the 16S rDNA sequence. Among the aforemen-
tionedmethods, the plate-clearing assay is one of the popular
methods due to displaying visual results, as well as being
less expensive and easier than other methods (Figure 3). The
keratin-baiting method is used for the initial screening and
isolation of keratinolytic species. In this method, any keratin
source can be the bait; hair and feathers are routinely in use
[11, 13]. Even though the pour plate method can be used to
isolate the keratinophilic microbes as an alternate, keratin-
baiting is also commonly applied because it enables the direct
selection of keratinophilic species on the substrate.

5. Optimized Conditions for
Microbial Keratinases

Once microbes are isolated, they can be further cultivated on
suitable artificial growth media under optimal conditions to
obtain excess production of keratinase. Sabouraud’s dextrose
is commonly used to grow keratinophilic fungi due to its
suitability [11, 13, 16]. Usually keratinophilic fungi will take
a longer time to degrade the keratin (in weeks). Using the
hair-baiting technique, Gugnani et al. [14] found that 4 to 8
weeks were required to observe keratinophilic fungal growth.

Kumar et al. [8] isolated keratinophilic fungi after 2 to 4weeks
of incubation, while Mahmoudabadi and Zarrin [16] found
that 4 to 5 weeks are necessary to grow. In such cases, optimal
growth was found to occur at room temperature. It has also
been reported that keratinophilic fungi are able to degrade
40% of keratin after 8 weeks, while less than half (<20%) of
that amount can be degraded in the case of nonkeratinophilic
fungi [31].

It has been reported that most keratinophilic microbes
thrive well under neutral and alkaline pH, the range being
6.0 to 9.0 [32]. Most keratinophilic fungi are mesophiles,
although M. gypseum and some species of Chrysosporium
are thermotolerant ([29] and references therein). It has been
reported that temperatures of 28∘C to 50∘C favor keratinase
production bymost bacteria, actinomycetes, and fungi, while
70∘C favors its production byThermoanaerobacter and Fervi-
dobacterium species [33–35]. Optimal keratinase production
by Chrysosporium keratinophilum occurs at 90∘C and its half-
life is 30min [36], whereas the thermophile Fervidobacterium
islandicum AW-1 has an optimum of 100∘C and a half-life of
90min [35].

The complete optimized conditions for microbial ker-
atinases production are described in detail elsewhere [37].
Under optimal condition, keratinophilic fungi, Scopulari-
opsis brevicaulis and Trichophyton mentagrophytes, result
in keratinase activity to the levels 3.2 and 2.7 Keratinase
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Unit (KU)/mL with the ability to degrade 79 and 72.2% of
chicken feathers, respectively [38]. Matikeviciene et al. [20]
have shown keratinase activity of 152 KU/mL after 24 h of
incubation using Bacillus species with optimal media. Higher
amounts of keratinase were reported by Kanchana [3] at
37∘C for 72 h in medium containing feather meal and 0.025%
yeast extract at a pH 7.0 under submerged culture. Laba and
Rodziewicz [39] optimized the conditions for keratinolytic
feather-degrading ability of Bacillus polymyxa and B. cereus.
Additionally, Sivakumar et al. [40] recently optimized the cul-
ture conditions for the production of keratinase from Bacillus
cereus TS1. Using dimeric keratinase obtained from Bacil-
lus licheniformis ER-15 complete degradation was achieved
within 8 h at pH 8 and 50∘C. In this case, 25 g of chicken
feathers was degraded with 1200KU [41].

6. Purification of Keratinases

In addition to the higher keratinase production under
optimal conditions, purification of keratinase is necessary
for further industrial applications to hasten the efficiency
of keratinase action. Molyneux [42] attempted to isolate
keratinase from a bacterial source. In other cases, with the
purified keratinases, several sizes were reported in the appar-
ent molecular weight range of 27 to 200 kDa from different
strains of bacteria and fungi ([29] and references therein).
However, Kim et al. [43] reported recovery of keratinase with
a molecular weight of 440 kDa. Purified enzymes including
keratinases can be obtained using different methodologies.
The most common strategy is to purify the enzymes by pre-
cipitation followed by column chromatography. Keratinase
with a molecular mass of 35 kDa was purified from feather-
degrading bacterium using ammonium sulphate precipita-
tion followed by ion-exchange (DEAE-Sepharose) and gel-
filtration (Sephadex G-75).The purified keratinase was found
to have thermotolerant and showed high specific activity
[44]. Using a similar strategy, Zhang et al. [45] purified
the alkaline keratinase from Bacillus species and identified
keratinase of 27 kDa using MALDI-TOF-MS. Anbu et al. [5]
isolated keratinase with a molecular weight of 39 kDa from
the poultry farm isolate, Scopulariopsis brevicaulis, and found
that this keratinase had a serine residue near the active site.
Keratinase with a size of 41 ± 1 kDa and activity under the
optimal conditions at pH 9.0 and 50∘C was isolated from
Bacillus megaterium. This enzyme was also found to have a
serine active site and to be inhibited by PMSF [46]. Based on
the pHadaptationnature of the keratinase, the columnmatrix
and method of purification can be desired while varying the
elution profile (Figure 4). In addition, keratinase purification
can also be accomplished with greater efficiency by immuno-
precipitation when the appropriate anti-keratinase antibody
is available. Similarly, immunochromatography technique
can be implemented using anti-keratinase antibody for the
efficient purification of keratinase. Purified keratinases from
diverse species have displayed higher stability under varied
condition (Table 1).

Neutral pH Acidic pH

Mixture of sample containing keratinase

Column

Alkaline pH

Washing and elution

Figure 4: Purification strategy for keratinases. Options with acidic,
neutral, and alkaline keratinases are shown. Peak profiles indicate
the individual proteins. Conventional purification strategies include
ammonium sulphate precipitation followed by ion-exchange and
gel-filtration. Other methods such as immunochromatography,
high-performance liquid chromatography, and fast protein liquid
chromatography are also involved in the purification of keratinases.

7. Acceleration of Microbial
Keratinase Production

Following the optimization of the basic conditions for kerati-
nase production and purification, it is necessary to accelerate
overproduction of keratinase. This can be accomplished by
recombinant DNA technology and statistical optimization.
Sequences for both the substrate-keratin and the enzyme-
keratinase have been proposed.The primary sequences of the
keratin involved in its recombinant productionwere found by
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Table 1: Keratinases from different species for various applications.

Species Optimal condition (pH) Aim(s) of study Reference
Fungi

Aspergillus oryzae 8.0 Purification and characterization [47]
Doratomyces microsporum 8.0–9.0 Comparative analysis [48]
Paecilomyces marquandii 8.0 Comparative analysis [48]
Trichophyton rubrum 8.0 Purification and characterization [18]
Microsporum gypseum 8.0 Secretion of keratinase [49]
Scopulariopsis brevicaulis 8.0 Dehairing process [5]
Myrothecium verrucaria 8.3 Feather degradation [50]
Chrysosporium keratinophilum 9.0 Stable keratinase [36]
Trichoderma atroviride 8.0–9.0 Feather degradation [51]

Bacteria
Clostridium sporogenes 8.0 Novel keratinolytic activity [52]
Microbacterium arborescens 7.0 Feather degradation [53]
Fervidobacterium islandicum 9.0 Feather degradation [35]
Kytococcus sedentarius 7.0–7.5 Feather degradation [54]
Stenotrophomonas maltophilia 7.8 Purification and characterization [55]
Kocuria rosea 7.5 Feather degradation [56]
Xanthomonas maltophilia 8.0 Purification and characterization [57]
Streptomyces thermoviolaceus 8.0 Feather degradation [58]
Bacillus pumilus 10.0 Purification and characterization [59]
Thermoanaerobacter keratinophilum 8.0 Isolation of keratinophilic species [34]

Hanukoglu and Fuchs [60, 61] and denoted by type I and type
II. Later, several amino acids sequences for keratinase were
revealed.The amino acid sequence of keratinase fromBacillus
licheniformis and other species is available in data bank ([62],
e.g., accession code AAB34259). Similarly, the full length
of keratin sequences from Homo sapiens has been reported
([63], accession code P04264). For the large-scale preparation
of keratinase, recombinant DNA technology would yield
a large amount of overexpressed enzyme. Recombinant or
other keratinases purified using conventional methods have
great potential for applications in industrial processes such
as dehairing. For example, Anbu et al. [5] have accomplished
dehairing using purified keratinase from the keratinophilic
fungi, Scopulariopsis brevicaulis (Figure 5).

The production levels of any given enzyme can also be
improved severalfold using statisticalmodeling studies.There
are different formulations of statistical calculations with basic
formulae that have been described. Some basic models for
optimization are given in Figure 6, which shows a response
surface methodology perturbation plot and mixture trace
plot. One of the basic models, the Box-Behnken design, is
related to experimental variables by the response equation:
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The variables and other parameters have been described pre-
viously in detail [64]. Using a statistical optimization model,
Harde et al. [65] optimized the keratinase production ofBacil-
lus subtilis NCIM 2724. These authors used one-factor-at-a-
time optimization and an orthogonal array design. Recently,
Shankar et al. [66] used response surface methodology,
for the optimization of keratinase production by Bacillus
thuringiensis. Using this design experiment, they compared
the actual experimental and predicted calculated values and
found that pH 10 and 50∘C with 1% mannitol were ideal
for keratinase production from B. thuringiensis. Similarly,
Ramnani andGupta [67] optimized themediumcomposition
for the production of keratinase from B. licheniformis RG1
using response surface methodology. In another study, B.
cereus was used for the study to optimize keratinase pro-
duction [68]. Using the Box-Behnken design experiments,
Anbu et al. [5] optimized the activity of purified keratinase
from Scopulariopsis brevicaulis and achieved 100% activity
with 5mM CaCl

2
at pH 8.0 and 40∘C. Similarly, production

of keratinase by Scopulariopsis brevicaulis and Trichophyton
mentagrophytes has also been optimized using Box-Behnhen
design experiments by Anbu et al. [38, 69].
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Figure 5: Dehairing using microbial keratinase (2 KU/mL) produced by Scopulariopsis brevicaulis (source from [5]). The purified keratinase
was sprayed on the flesh side of the skin and then folded and incubated for 30 days. Every 3 days of interval, the dehairing ability was examined.
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Figure 6: Basic strategy for statistical optimization of keratinase. (a) Response surface methodology perturbation plot; (b) mixture trace
plot. Response surface methodology is a collection of statistical techniques for designing experiments, building models, and evaluating the
effective factors. It is an efficient statistical technique for optimization of multiple variables to predict best performance conditions with
minimum number of experiments.

8. Sensing Keratinases

In the above sections, various aspects regarding the condi-
tions necessary for keratinase to degrade keratin are pro-
vided. However, detection strategies are also important for
future applications of keratinase. Detection of keratinase

or other biomolecules and their interactive analyses with
binding partners can be accomplished using biosensors.
Biosensors consist of a physicochemical detector and a
biological component, enabling binding events to be trans-
duced, thereby allowing detection of very small amounts
of target biomolecules (keratinase). Sensors are broadly
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classified as electrochemical, electrical, optical andmass-sen-
sitive, chemiluminescence, fluorescence, quantumdot-based,
colorimetric, and mass spectroscopic detections. Different
sensing surfaces can be adopted for the detection of ker-
atinases. Developing sensing strategies for the detection of
keratinase favors the analysis of keratinase from mixtures of
a given sample.

Generally, gold- or silica-based sensing surfaces have
been used to analyse the biomolecules [70–77]. To capture
keratinase on these surfaces, appropriate tags can chemi-
cally modify keratinase.Thiol-modification of keratinase can
enable its attachment onto the surface of gold ormodification
of the sensing surface with the COOH-terminal for ultimate
attachment to amines on keratinase. Similarly, in the case of
silica, surfaces must be chemically modified using amino-
coupling agent followed by suitable tags, which can couple
an amino group on the keratinase. In short, both gold and
silica can bemodified to capture keratinase, or keratinase can
be modified for specific sensing surfaces as reported in other
cases [70, 77]. Diverse keratinases from different species have
been reported (Table 1) and these keratinases could be active
at different pHand stable, indicating the suitability for various
sensing systems.

9. Perspectives

Keratin, which is one of the most abundant hard materials in
soil, is difficult to degrade under natural conditions.However,
microbial degradation is an easier and less expensive method
for conversion of these products to useful end products.
Several methods to improve keratinase production have been
suggested, and keratinase has been overexpressed, success-
fully purified, and applied to several industrial applications.
In addition, additional developments have been implemented
in keratinase research recently [78, 79]. However, there is
currently no highly sensitive system available for the detec-
tion of keratinases. In addition, use of recombinant keratinase
chimeras has the potential to generate efficient keratinase
and needs to be improved. Development of more efficient
methods for the production and detection of keratinase will
hasten its application to industries and environmental waste
management.
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