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Nucleic acids are essential biomolecules that encode all of
the information necessary for life. Specific pairing of A with
T (or U) and C with G during replication, transcription,
and translation is the key to effective transmission of
genetic information between generations, as well as accurate
conversion of genetic information into protein sequence.
Given the magnitude of the tasks orchestrated by the Watson-
Crick base pairing, it is striking to consider that biological
systems accomplish these tasks using only four nucleobases.
Realizing the powerful nature of base-pair recognition,
researchers have been inspired to ask the question of
whether the genetic code can be artificially expanded to
generate biological systems having novel functions. It was
this question that led Alex Rich in 1962 to propose the
concept of orthogonal base pairing between iso-G and iso-C
and inspired Professor Steven A. Benner in the late 1980s to
expand the genetic alphabet from four to six letters. Benner’s
early research focused on the development of new base pairs
having hydrogen bonding patterns orthogonal to those in the
canonical Watson-Crick base pairs. In 1994, Professor Eric T.
Kool opened a new functional dimension with the creation
of nonhydrogen bonding unnatural nucleobase surrogates.

Expansion of the genetic alphabet has dramatically
increased the functional potential of DNA, for example, by
enabling site-directed oligonucleotide labeling and in vitro
selections with oligonucleotides having increased chemical
diversity. Translation of an expanded DNA alphabet into
RNA is a challenging task, but one which has potential to give

rise to semisynthetic organisms with increased biodiversity.
This special issue highlights recent accomplishments at the
interface of organic chemistry and molecular biology which
hold promise to further expand the potential of nucleic acids
having unnatural nucleobases. Specifically, the reports in this
special issue focus on the synthesis of unnatural nucleobases
and nucleic acid backbones, the exploration of their structure
and duplex stabilizing ability, and the polymerase mediated
replication and transcription of DNA containing unnatural
nucleobases.

T. Lönnberg and a coworker report the synthesis
and study of a bis(pyrazolyl)purine ribonucleoside having
increased hydrophobic surface area and the ability to form
complex with metal ions. The hydrogen bonding pattern
of this nucleoside makes it complementary to thymine and
uridine. The authors demonstrate that the bis(pyrazolyl)
nucleobase is capable of forming a Pd2+-mediated base pair
with uridine in the monomeric state. When incorporated
into an oligonucleotide, the bis(pyrazolyl) nucleobase sta-
bilizes DNA duplexes when paired with thymine, but this
stabilization appears to result from increased π-stacking
interactions rather than metal complexation. These studies
open the door to applications using unnatural nucleobases
to increase the binding affinity of probes and therapeutics
targeted at native DNA and RNA.

Much effort has focused on the incorporation of unnat-
ural nucleobases into native DNA and RNA, and the
availability of nonnative backbones such as LNA, PNA, and
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GNA opens the door for further expansion of nucleic acid
structure and function. C. Förster and coworkers evaluate the
structural properties of “all LNA” duplexes and demonstrate
that these duplexes have a relaxed helical structure unique
from that of DNA and RNA. J. M. Heemstra and coworkers
report an expedient synthetic route to the Fmoc-protected
PNA backbone, which serves as a key intermediate in the
synthesis of PNA monomers having unnatural nucleobases.
Together, these studies facilitate the exploration of nucleic
acids having both nonnative backbones and unnatural nucle-
obases, which is in turn anticipated to provide molecules
having novel structural and functional properties.

The ability to use native or engineered replication
and transcription machinery with nucleic acids containing
unnatural nucleobases is critical to many in vitro and
in vivo applications. I. Hirao and coworkers describe a
two-unnatural-base-pair system capable of incorporating
unnatural nucleobases into DNA via polymerase chain
reaction, then into RNA via T7 transcription. Using this
system, they demonstrate sequence-specific incorporation of
a biotinylated nucleobase into a 260-mer RNA sequence.
Generating modified RNA of this length is not feasible
using purely synthetic methods; thus this work significantly
improves access to site-specifically labeled RNA sequences.
Additionally, P. J. Beuning and a coworker review the use of
native A and Y family DNA polymerases for replication of
DNA containing unnatural nucleobases. This review serves
as an excellent resource for researchers seeking to utilize
unnatural nucleobases and provides significant insight into
how polymerases deal with both synthetic and damaged
DNA nucleobases.

Collectively, these reports demonstrate the potential of
unnatural nucleobases for applications in chemistry and
biology and offer valuable tools for further exploring nucleic
acid structural diversity.
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The peptide nucleic acid backbone Fmoc-AEG-OBn has been synthesized via a scalable and cost-effective route. Ethylenediamine is
mono-Boc protected, then alkylated with benzyl bromoacetate. The Boc group is removed and replaced with an Fmoc group. The
synthesis was performed starting with 50 g of Boc anhydride to give 31 g of product in 32% overall yield. The Fmoc-protected PNA
backbone is a key intermediate in the synthesis of nucleobase-modified PNA monomers. Thus, improved access to this molecule
is anticipated to facilitate future investigations into the chemical properties and applications of nucleobase-modified PNA.

1. Introduction

Peptide nucleic acid (PNA) [1] has recently emerged as
a promising alternative to the native nucleic acids DNA
and RNA (Figure 1) for a wide variety of applications
including antisense therapy [2] and gene diagnostics [3].
The key advantages of PNA over DNA and RNA are its
resistance to degradation by cellular nucleases [4] and its
relatively higher binding affinity and mismatch selectivity in
duplex formation [5]. PNA can be generated by Fmoc- or
Boc-solid phase peptide synthesis [6], and Fmoc-protected
monomers bearing each of the four canonical nucleobases
are commercially available. Recently, the incorporation of
modified nucleobases into PNA has been shown to enable
synthesis of nucleic acids having unique physicochemical
properties [7]. However, PNA monomers bearing modified
nucleobases are not commercially available, and must instead
be synthesized in the laboratory. Suitable reactions have
been reported for preparation of modified nucleobases
and coupling of these nucleobase acetic acids to the PNA
backbone (Figure 2) [7–9]. However, to our knowledge, a
scalable and cost-effective synthesis for the protected N-[2-
(Fmoc)aminoethyl]glycine benzyl ester (Fmoc-AEG-OBn)
backbone 1 has yet to be reported. Synthesis of the Fmoc-
protected carboxylic acid backbone Fmoc-AEG-OH has been
reported [10], and coupling of nucleobase acetic acids with

Fmoc-AEG-OH has been described in the patent literature
[11]. However, this coupling reaction provides moderate-to-
low yields of PNA monomer [12, 13]. Here, we describe a
synthesis of 1 that proceeds in four steps with an overall yield
of 32%, utilizes inexpensive reagents, and can be scaled to
produce large quantities of final product in a single batch
with only minimal purification.

2. Materials and Methods

2.1. General Methods. Unless otherwise noted, all starting
materials were obtained from commercial suppliers and were
used without further purification. Flash column chromatog-
raphy was carried out using silica gel 60 (230–400 mesh).
1H and 13C NMR chemical shifts are expressed in parts
per million (δ) using residual solvent protons as internal
standard (δ 7.26 ppm (1H) and 77.16 ppm (13C) for CHCl3).
Coupling constants, J, are reported in Hertz (Hz), and
splitting patterns are designated as s (singlet), d (doublet),
t (triplet), q (quartet), m (multiplet), br (broad), and app
(apparent). Mass spectra were obtained through the Mass
Spectrometry Facility, University of Utah.

2.2. tert-Butyl(2-aminoethyl)carbamate (6). A 2 L round bot-
tom flask was charged with ethylenediamine (306.5 mL,
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Figure 1: Chemical structure of DNA, RNA, and PNA.

4.58 mol) and tetrahydrofuran (600 mL). Boc anhydride
(50.0 g, 229 mmol) was dissolved in 400 mL tetrahydrofuran
and added to the solution of ethylenediamine via addition
funnel over 45 min with vigorous stirring. After 18 h, the
reaction was quenched by addition of 500 mL H2O. The
aqueous phase was saturated with solid K2CO3, then the
phases were separated and the organic phase was dried over
Na2SO4, filtered, and concentrated to give a pale yellow oil.
The oil was dissolved in 700 mL toluene and concentrated
to azeotrope remaining ethylenediamine, yielding 29.24 g of
pale yellow oil (80%). 1H NMR (300 MHz, CDCl3) δ 4.90
(br s, 1H), 3.16 (q, J = 5.8 Hz, 2H), 2.78 (t, J = 5.9 Hz, 2H),
1.43 (s, 9H), 1.09 (br s, 2H). 13C NMR (75 MHz, CDCl3) δ
156.3, 79.1, 43.3, 41.8, 28.4. HRMS (ESI) m/z 161.1295 (calcd
[M + H]+ = 161.1290).

2.3. Benzyl 2-((2-((tert-butoxycarbonyl)amino)ethyl)amino)
acetate (9). A 2 L round bottom flask was charged with
6 (29.24 g, 183 mmol), triethylamine (25.5 mL, 183 mmol),
and acetonitrile (450 mL). The reaction mixture was stirred
and ethyl bromoacetate (28.9 mL, 182 mmol) added via
syringe over 2 min. After 100 min, the reaction mixture
was diluted with 500 mL EtOAc and washed with 500 mL
2 M K2CO3 (aq.), then 500 mL brine. The organic phase
was dried over Na2SO4, filtered, and concentrated to a
pale yellow oil, which was purified by flash column chro-
matography, (70 mm diameter column, 285 g silica gel, 1 : 1
hexanes : EtOAc, 99 : 1 EtOAc : Et3N) to give 40.56 g of pale
yellow oil (72%). 1H NMR (300 MHz, CDCl3) δ 7.38–7.33
(m, 5H), 5.17 (s, 2H), 4.99 (br s, 1H), 3.45 (s, 2H), 3.20
(q, J = 5.7 Hz, 2H), 2.74 (t, J = 5.8 Hz, 2H), 1.59 (br s, 1H),
1.44 (s, 9H). 13C NMR (75 MHz, CDCl3) δ 172.3, 156.1,
135.5, 128.6, 128.4, 128.3, 79.0, 66.5, 50.4, 48.7, 40.1, 28.4.
HRMS (ESI) m/z 331.1640 (calcd [M + Na]+ = 331.1634).

2.4. Benzyl 2-((2-((((9H-fluoren-9-yl)methoxy)carbonyl)
amino)ethyl)amino)acetate (Fmoc-AEG-OBn 1). To a 2 L
round bottom flask was added 9 (40.46 g, 131 mmol) and
dichloromethane (200 mL). The reaction mixture was stirred
in an ice bath and 200 mL trifluoroacetic acid added. The

ice bath was removed and the reaction mixture stirred
for 20 min, then concentrated to a yellow oil. The oil was
dissolved in 400 mL toluene and concentrated to azeotrope
remaining trifluoroacetic acid. The resulting yellow oil was
dissolved in 700 mL dichloromethane and stirred under N2

in an ice bath. Fmoc-OSu (44.26 g, 131 mmol) was added all
at once, then triethylamine (54.8 mL, 393 mmol) was added
dropwise via addition funnel over 5 min. The ice bath was
removed and the reaction mixture was stirred for 2 h, then
washed with 500 mL 1 M K2CO3 (aq.), dried over Na2SO4,
filtered, and concentrated to a yellow oil. The oil was purified
by flash column chromatography, (70 mm diameter column,
250 g silica gel, 1 : 1 hexanes : EtOAc, 98 : 2 EtOAc : MeOH)
to give 31.04 g of pale yellow oil that crystallized into a white
solid upon standing (55%). 1H NMR (300 MHz, CDCl3) δ
7.76 (d, J = 7.4 Hz, 2H), 7.61 (d, J = 7.3 Hz, 2H), 7.42–7.28
(m, 9H), 5.29 (br s, 1H), 5.18 (s, 2H), 4.40 (d, J = 7.0 Hz,
2H), 4.22 (t, J = 6.8 Hz, 1H), 3.47 (s, 2H), 3.29 (q, J = 5.4 Hz,
2H), 2.78 (t, J = 5.6 Hz, 2H), 1.58 (br s, 1H). 13C NMR
(75 MHz, CDCl3) δ 172.3, 156.6, 144.0, 141.3, 135.5, 128.6,
128.5, 128.4, 127.6, 127.0, 125.1, 120.0, 66.6, 66.4, 50.4, 48.6,
47.3, 40.6. HRMS (ESI) m/z 431.1972 (calcd [M + H]+ =
431.1971).

3. Results

An extensive literature search reveals only one published
route to 1 as shown in Figure 3(a). This route, reported
by Hudson and coworkers, proceeds in three steps with an
overall yield of 81%, but requires the use of costly N-(2-
aminoethyl)glycine as the starting material [8]. Furthermore,
in our hands, this synthetic route has proven difficult to
reproduce. Alternatively, Porcheddu and coworkers have
described a synthesis of Fmoc-AEG-OMe 2 that proceeds
in three steps with an overall yield of 66% (Figure 3(b)),
but requires three equivalents of IBX to accomplish the
oxidation step [9]. Thomson and coworkers have described
a synthesis of Fmoc-AEG-Ot-Bu·HCl 3·HCl that proceeds
in two steps with 46% overall yield from inexpensive starting
materials (Figure 3(c)), but does not produce analytically
pure material [14]. Furthermore, the exocyclic amines of the
PNA nucleobases are typically protected with acid-labile Boc
or Bhoc protecting groups. Deprotection of the tert-butyl
ester requires strongly acidic conditions, making 3 unsuitable
for use with Boc- or Bhoc-protected nucleobases.

Inspired by the ease and cost-effectiveness of the Thom-
son route, we first envisioned synthesis of 1 by alkylation
of ethylenediamine with benzyl bromoacetate, followed by
reaction with Fmoc N-hydroxysuccinimide ester (Fmoc-
OSu). Unfortunately, after alkylation and aqueous workup,
only benzyl alcohol was recovered. We hypothesize that
alkylation product 4 rapidly cyclizes to give benzyl alcohol
and water soluble cyclic piperazinone 5 (Figure 4(a)), and
that this undesired cyclization can only be suppressed by
the use of a bulky ester such as a tert-butyl ester. In fact,
this cyclization has been demonstrated previously using the
analogous methyl ester [15]. We next considered reversing
the order of the two reactions such that ethylenediamine
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Figure 3: Reported synthetic routes to the Fmoc-AEG-OR backbone.

would first be monoprotected with Fmoc-OSu, then alky-
lated with benzyl bromoacetate to give 1. However, Fmoc-
ethylenediamine cannot be directly prepared by the reaction
of ethylenediamine with Fmoc-Cl or Fmoc-OSu. Rather,
a three-step process is required in which ethylenediamine
is mono-Boc protected (6), then Fmoc protected (7), and
finally the Boc group is removed under acidic conditions to
give 8 as the TFA salt [16]. Unfortunately, our attempts to
alkylate 8·TFA with benzyl bromoacetate failed to yield the
desired product 1, likely due to the instability of the free base
of 8 (Figure 4(b)).

Fortunately, we were able to obtain Boc-ethylenediamine
6 in 80% yield from ethylenediamine and Boc anhydride
using a modified version of a reported procedure [17], and
this was successfully alkylated with benzyl bromoacetate to
give 9 in 72% yield. We then deprotected the Boc group
using trifluoroacetic acid (TFA) to give a quantitative yield
of free amine, which was importantly found to be stable to
cyclization when isolated as the TFA salt. In the final step,
we combined the amine TFA salt with Fmoc-OSu prior to
adding base, so that protection of the primary amine could
compete with cyclization to give the desired product 1 in 55%

yield. Starting with 50 g of Boc anhydride, we were able to
generate 31 g of analytically pure 1 in a single batch using
inexpensive reagents (Figure 4(c)) [18].

A key to the scalability of our synthetic route is the
relatively facile purification of the synthetic intermediates
and final product. The Boc protection step to give 6 requires
only aqueous workup, and the deprotection step requires
simple concentration and removal of TFA via formation
of an azeotrope with toluene. The alkylation to produce 9
and the Fmoc protection to give 1 require flash column
chromatography, but a large difference in Rf between the
products and impurities makes purification possible using
only a silica plug.

4. Discussion

Fmoc-protected PNA backbone 1 is a key intermediate in
the synthesis of Fmoc-protected PNA monomers having
modified nucleobases. However, to date, a scalable and cost-
effective synthetic route to this molecule has yet to be
reported in the literature. An efficient synthesis of the Boc-
protected backbone has been reported, but our attempts to
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Figure 4: Synthetic route to Fmoc-AEG-OBn 1.

utilize this synthetic route with Fmoc in place of Boc failed
to give product, likely due to the instability of synthetic
intermediate 8. Rather, synthesis of 1 can be initiated using
a Boc protecting group, followed by a protecting group swap
to provide the Fmoc-protected product. The first two steps
of our synthetic route mirror those of the published synthesis
for the Boc-protected monomer [19]. However, replacement
of the Boc group with Fmoc poses a significant challenge,
as this step proceeds through unstable intermediate 4. We
were able to perform this transformation by generating the
free base of 4 at reduced temperature and in the presence of
Fmoc-OSu, enabling Fmoc protection to effectively compete
with cyclization, providing 1 in moderate yield.

In summary, we describe here a novel route to the
PNA backbone Fmoc-AEG-OBn 1. Using this route, we
have rapidly synthesized 31 g of 1 using inexpensive starting
materials and only minimal purification. The overall yield
for our synthetic route is modest at 32%; however, the low
cost of starting materials and ease of purification enable this
synthesis to be tractable on a large scale. Having a convenient
route to access 1 is anticipated to ease the synthesis of new
Fmoc-protected PNA monomers, presumably furthering the
exploration of PNA having unique modified nucleobases.
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For the site-specific labeling and modification of RNA by genetic alphabet expansion, we developed a PCR and transcription system
using two hydrophobic unnatural base pairs: 7-(2-thienyl)-imidazo[4,5-b]pyridine (Ds) and 2-nitro-4-propynylpyrrole (Px) as a
third pair for PCR amplification and Ds and pyrrole-2-carbaldehyde (Pa) for the incorporation of functional components as
modified Pa bases into RNA by T7 transcription. To prepare Ds-containing DNA templates with long chains, the Ds-Px pair was
utilized in a fusion PCR method, by which we demonstrated the synthesis of 282-bp DNA templates containing Ds at specific
positions. Using these Ds-containing DNA templates and a biotin-linked Pa substrate (Biotin-PaTP) as a modified Pa base, 260-
mer RNA transcripts containing Biotin-Pa at a specific position were generated by T7 RNA polymerase. This two-unnatural-base-
pair system, combining the Ds-Px and Ds-Pa pairs with modified Pa substrates, provides a powerful tool for the site-specific
labeling and modification of desired positions in large RNA molecules.

1. Introduction

Site-specific labeling and modification of large RNA molecu-
les provide a wide variety of applications in many areas, such
as biochemical and biophysical studies, synthetic biology,
in vitro evolution, generation of functional nucleic acids,
and construction of nanomaterials and biosensors. The site-
specific incorporation of functional nucleotide analogs into
RNA molecules is performed by chemical synthesis, post-
transcriptional modification, and enzymatic incorporation
of nucleotide analogs as substrates. Among them, chemical
synthesis is a commonly employed method. However, it is
only capable of synthesizing small RNA molecules. Other
site-specific modifications of RNA, by posttranscriptional
modification [1, 2] and enzymatic incorporation using
cap or triphosphate analogs [3–6], are limited to terminal
modifications of RNA. In contrast to these RNA labeling
methods, introducing an artificial, extra base pair (unnatural
base pair), as a third base pair, to in vitro transcription
systems allows the site-specific incorporation of an unnatural

base linked with functional groups into desired positions of
RNA during transcription mediated by the unnatural base
pair. Thus, several unnatural base pairs that function in
polymerase reactions have rapidly been developed for site-
specific labeling of RNA molecules [7–18].

Here, for the site-specific incorporation of functional
components into large RNA molecules, we report a fusion
PCR and transcription system that employs two unnatural
base pairs of 7-(2-thienyl)-imidazo [4,5-b]pyridine (Ds) and
2-nitro-4-propynylpyrrole (Px) [19, 20] and Ds and pyrrole-
2-carbaldehyde (Pa) [17] (Figure 1). The Ds-Px pair exhibits
high efficiency and selectivity in PCR amplification as a third
base pair. Under optimized conditions, more than 97% of the
Ds-Px pair survives in the 1028-fold amplified DNAs through
exponential 100-cycle PCR (10 cycles repeated 10 times).
In particular, a modified Px base, 4-(4,5-dihydroxypent-1-
yn-1-yl)-2-nitropyrrole (Diol1-Px, Figure 1), has extremely
high specificity as a pairing partner of Ds, and thus the
misincorporation rates of Diol1-dPxTP and dDsTP opposite
the natural bases in templates during PCR amplification



2 Journal of Nucleic Acids

PPPHO PPPHO O O

HO

HO
PPPHO

PPPHO PPPHO

OH

OH

OH

OH OH

S

S

S SS

N

N

N

N

N

N N
N

N

N
N

N
N

N

N

N N

N

N
N

N

N
H

H

H

H
H

HH

H

H

H

H
H

H

H

H

H

H

O OO

O

O

O

OOOO
O O O

O O O

O O O

O
O OOOO

OO O

O O O

OOOO

O O O

OOOO N+

N+−O

−O

−O −O −O

−O−O

−O

−O−O−O

−O −O −O −O −O −O

R

R

Ds DsDs
PaPa

dDsTP
dPaTP

Diol1-dPxTP ddPaTP

Ds-Pa pair
for DNA sequencing

Ds-Pa pair
for T7 transcription

Px

Biotin-PaTP

Ds-Px pair
for PCR amplification

Figure 1: Chemical structures of the Ds-Px, Ds-Pa′, and Ds-Pa pairs. The Ds-Px pair is employed for PCR amplification to prepare the
Ds-containing DNA templates. The Ds-Pa′ pair is employed for DNA sequencing, to determine the Ds position in the DNA templates. The
Ds-Pa pair is employed for T7 transcription, to incorporate Biotin-Pa into RNA opposite Ds in the templates. Px and Pa bases modified
with various functional groups (R) can also be used as substrates for PCR and transcription, respectively. The unnatural substrates used in
this study are summarized in the box.

are as low as 0.005% per base pair per replication [20].
Here, we applied the Ds-Px pair to fusion PCR [21], using
small DNA templates containing Ds with Diol1-dPxTP and
dDsTP, to prepare large Ds-containing DNA templates for a
genetic-expansion transcription system, and generated 282-
bp double-stranded DNA fragments containing the Ds and
Diol1-Px pair. Using the Ds-containing DNA templates,
we performed the site-specific incorporation of Biotin-
PaTP, as a functional unnatural base substrate, into 260-
mer transcripts by T7 RNA polymerase. In transcription,
the Pa base is superior to the Px base in terms of both
the incorporation selectivity opposite Ds and the chemical
stability of the nucleotide. However, in PCR amplification,
the Ds-Px pair is more selective and efficient than the Ds-Pa
pair, and thus to utilize both pairs’ advantages, we developed
a two-unnatural-base-pair system, the Ds-Px pair for fusion
PCR, and the Ds-Pa pair for T7 transcription (Figure 2). By
attaching functional groups of interest to the Pa base, this
fusion PCR and transcription system could be a powerful
tool for the site-specific labeling and functionalization of
large RNA molecules.

2. Materials and Methods

2.1. Materials. Oligonucleotides containing Ds were syn-
thesized with an Applied Biosystems 392 DNA synthe-
sizer, using CE phosphoramidite reagents for the natural
and Ds bases (Glen Research), and were purified by gel

electrophoresis. Oligonucleotides comprising natural bases
only were synthesized as described above or purchased
from Invitrogen. AccuPrime Pfx DNA polymerase, SYBR
Gold nucleic acid gel stain, and 10x PBS were purchased
from Invitrogen. Streptavidin and silica-membrane columns
for PCR product purification (Wizard SV Gel and PCR
Clean-Up System) were purchased from Promega. T7 RNA
polymerase was purchased from Takara. Toluidine Blue O
was purchased from Chroma Gesellschaft Schmidt & Co.
The RNA ladder marker (DynaMarker, RNA Low II) was
purchased from BioDynamics Laboratory, Inc. The DNA
ladder marker (2-Log DNA Ladder) was purchased from
New England Biolabs. Unnatural nucleoside triphosphates
(dDsTP, Diol1-dPxTP, Biotin-PaTP, ddPa′TP, and dPa′TP)
were synthesized as described previously [17, 19, 20]. The
BigDye Terminator v1.1 Cycle Sequencing Kit was purchased
from Applied Biosystems. Centri-Sep spin columns were
purchased from Princeton Separations. Natural NTP and
dNTP Sets (100 mM solutions: ATP, CTP, GTP, and UTP, and
dATP, dCTP, dGTP and dTTP, resp.) were purchased from
GE Healthcare. Gel images were analyzed with a bioimaging
analyzer, LAS4000 (Fuji Film). The plasmid DNA used
for PCR amplification was provided by Dr. Tsutomu Kishi
(RIKEN).

2.2. Preparation of DNA Templates for T7 Transcription.
To prepare the 282-bp double-stranded DNA fragments
containing the Ds-Px pair as templates for T7 transcription,
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two steps of PCR using AccuPrime Pfx DNA polymerase
were performed as follows. First, 86-bp DNA fragments
containing the Ds-Diol1-Px pair were amplified through
25-cycle PCR (50 µL) from 1 ng/µL plasmid DNA template,
by using 1 µM 5′-primer (P1: 5′-AAGCTTAATACGACT
CACTATAGCAAGTTCTTGAAAACAAGAAT-3′, the T7 pro-
moter region is italicized, and the region complementary to
the plasmid is underlined) and 3′-primer (P2: 5′-AGGCTT
TAATTTGCTCTAGACDsNCAGTACTGACAATAAAAAG-3′,
N = T, G, A, and C; the region complementary to the
plasmid is underlined) and 0.02 U/µL AccuPrime Pfx DNA
polymerase, in the manufacturer’s reaction buffer with
600 µM each natural dNTP, 50 µM Diol1-dPxTP, and 2 mM
MgSO4. The final concentrations of dNTPs and MgSO4 were
adjusted by adding 300 µM each natural dNTP, 50 µM Diol1-
dPxTP, and 1 mM MgSO4 to the 1xAccuPrime Pfx reaction
mix, which originally contained 300 µM each natural dNTP
and 1 mM MgSO4 [20]. PCR conditions were 30 sec at 94◦C,
30 sec at 55◦C, and 2 min at 65◦C per cycle, and the amplified
PCR products were purified by gel electrophoresis. As
control experiments, we also performed PCR amplification

using the P1 and P2 primers without Ds (5′-AGGCTT
TAATTTGCTCTAGACATCAGTACTGACAATAAAAAG-3′),
in the presence and absence of Diol1-dPxTP. A 216-bp
double-stranded DNA fragment was amplified by 25-
cycle PCR using 1 µM P3 primer (5′-TCTAGAGCAAAT
TAAAGCCTTCG-3′, the sequence complementary to the P2
primer is underlined) and P4 primer (5′-CCCCACATCCGC
TCTAACCGAA-3′) from 1 ng/µL plasmid DNA template in
the reaction buffer, containing 600 µM each natural dNTP
and 2 mM MgSO4, followed by gel purification. Next, we
performed fusion PCR (100 µL) with AccuPrime Pfx DNA
polymerase, using 1 µM each of the P1 and P4 primers,
and the purified 86-bp (25 nM) and 216-bp (1 nM) DNA
fragments, in the reaction buffer with 600 µM each natural
dNTP and 2 mM MgSO4, in the presence or absence of
50 µM each of dDsTP and Diol1-dPxTP. PCR conditions
were 30 sec at 94◦C and 3 min at 65◦C per cycle. After
25-cycle PCR amplification, the products were purified
by passage through silica-membrane columns, according
to the manufacturer’s instructions. The concentrations
of the purified products were determined from their UV
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absorbance. The purified products were used for DNA
sequencing and transcription experiments.

2.3. DNA Sequencing. The cycle sequencing reaction (10 µL)
was performed with the Cycle Sequencing mix (4 µL)
from the BigDye Terminator v1.1. Cycle Sequencing Kit,
1 µL of 2 µM Sequencing primer (5′-TGACAAGTTCTT
GAAAACAAGAAT-3′), 2 µL of 250 µM dPa′TP or ddPa′TP,
and 3 µL of 50 nM DNA fragments [20]. The sequencing
cycle parameters were 25 cycles of 10 sec at 96◦C, 5 sec at
50◦C, and 4 min at 60◦C. The residual dye terminators were
removed with Centri-Sep columns, and the solutions were
dried with a centrifugal vacuum evaporator. The residues
were resuspended in 3 µL of a formamide/BlueDextran/
EDTA loading buffer and analyzed with an ABI 377 DNA
sequencer, using a 6% polyacrylamide-6 M urea gel. The
sequence peak patterns were analyzed with the Applied
Biosystems PRISM sequencing analysis software, v3.2.

2.4. Transcription. Transcription (20 µL) was performed in a
buffer containing 40 mM Tris-HCl (pH 8.0), 24 mM MgCl2,
5 mM DTT, 2 mM spermidine, and 0.01% Triton X-100,
in the presence of 2 mM each NTP, 0 or 2 mM Biotin-
PaTP, 100 nM 282-bp DNA template, and 2.5 U/µL T7 RNA
polymerase. After an incubation at 37◦C for 3 h, the reaction
was quenched by adding an equivalent volume of a denatur-
ing solution, containing 10 M urea in 1xTBE. The reaction
mixtures were heated at 75◦C for 3 min, and 7.5 µL aliquots
were fractionated on a 5% denaturing polyacrylamide-7 M
urea gel. After electrophoresis, the transcribed products on
the gel were stained with toluidine blue and detected by a
LAS 4000 imager. For gel-mobility shift assays, the full-length
products were purified on a 5% denaturing polyacrylamide-
7 M urea gel.

2.5. Gel-Mobility Shift Assay. We detected the biotinylated
RNA transcripts (260-mer) by gel-mobility shift assays, using
streptavidin. We incubated the mixture (10 µL) of 0.5 pmol
transcripts and excess amounts of streptavidin (800 ng)
for 1 h at 25◦C, in 1x PBS containing 5% glycerol. The
biotinylated RNA-streptavidin complexes were separated
from the free RNAs on a non-denaturing 8% polyacrylamide
gel, and the RNAs on the gel were stained with SYBR Gold
and detected by an LAS 4000 imager.

3. Results and Discussion

3.1. Fusion-PCR Mediated by the Ds-Px Pair for Preparing
Long DNA Templates Containing Ds at Desired Positions. To
examine fusion PCR [21] using the Ds-Px pair, we pre-
pared the 282-bp double-stranded DNA (dsDNA) templates
containing the Ds and Diol1-Px pair at internal positions
by two PCR steps, using four PCR primers (P1 to P4)
and a plasmid DNA, as shown in Figure 2. The P2 primer
contains Ds and the P3 region. In the first PCR, we used the
plasmid as an initial PCR template to introduce the Ds-Px
pair, and prepared two dsDNA fragments (86- and 216-bp)
by using AccuPrime Pfx DNA polymerase [20]. The 86-bp
DNA fragment was amplified by the P1 and P2 primers

and corresponds to the 5′ region of the 282-bp template,
which contains the T7 promoter sequence in its 5′ region and
the Ds-Px pair in its 3′ region. The 216-bp DNA fragment
was amplified by the P3 and P4 primers and corresponds
to the 3′ region of the 282-bp template, which comprises
natural bases only. Since the P2 and P3 primers share a 20-
mer complementary sequence, the 282-bp templates can be
prepared by the second PCR step (fusion PCR) using the 86-
bp and 216-bp DNA fragments and the P1 and P4 primers.

For preparing the Ds-containing 86-bp DNA fragments,
we performed 25 cycles of PCR using each of the four P2
primers encoding a 5′-CDsN-3′ sequence (N = T, G, C, or A),
in the presence of Diol1-dPxTP, as well as the natural dNTPs
as substrates and the P1 primer. Each amplified PCR product
was purified by gel electrophoresis, to completely remove the
original plasmid template. As control experiments, we also
performed PCR amplification using a non-Ds-containing
P2 primer with a 5′-CAT-3′ sequence, in the presence and
absence of the unnatural base substrate, Diol1-dPxTP. The
end-point analysis of the PCR products on the agarose
gel revealed no differences among their PCR amplification
efficiencies (data not shown). Thus, under the conditions
employed here by using AccuPrime Pfx DNA polymerase, the
nature of the natural base nucleotide at the 5′-neighboring
position of Ds does not affect the amplification efficiency.

To prepare the full-length 282-bp templates by fusion
PCR, we performed 25-cycle PCR using the P1 and P4
primers and the gel-purified 86-bp and 216-bp DNA
fragments as templates, in the presence of Diol1-dPxTP
and dDsTP together with the natural dNTPs as substrates.
Figure 3 shows the agarose gel of the PCR-amplified prod-
ucts. The fusion PCR involving the Ds-Px pair with all four
sequence contexts generated the full-length products with
high efficiency, similar to that of the control experiment
using the DNA fragments with only the natural base
sequence context.

The site-specific incorporation of the Ds-Px pair into
each of the 282-bp DNA fragments was confirmed by
dideoxy dye terminator sequencing of the Ds-containing
DNA strands in the presence of the dideoxyribonucleoside
or deoxyribonucleoside triphosphate of 4-propynylpyrrole-
2-carbaldehyde (dPa′TP or ddPa′TP, Figure 1), another
pairing partner of Ds (Figure 3), according to our previously
reported method [19, 20]. In the presence of ddPa′TP,
the sequencing reaction terminated at the unnatural base
position because of the incorporation of ddPa′TP opposite
Ds in the DNA templates, and thus the following base peaks
disappeared. In the sequencing in the presence of dPa′TP, the
dPa′TP was incorporated opposite Ds in the DNA templates,
and the following base peaks appeared, but there is no peak
at the unnatural base position because no dye terminator
corresponding to the unnatural base was present in the
sequencing reaction. By comparing the sequence patterns of
the DNA fragment containing 5′-APxG-3′ with that con-
taining 5′-ATG-3′, the differences are clearly observed. These
results indicated that the Ds-Px pair functions well in fusion
PCR using AccuPrime Pfx DNA polymerase, and from the
sequencing analysis, the retention rate of the unnatural base
pair in the amplified DNA fragments was more than 97%.
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3.2. T7 Transcription, Mediated by the Ds-Pa Pair for the
Site-Specific Biotinylation of Large RNA Molecules Using a
Biotin-Pa Substrate. Next, we examined the transcription
by T7 RNA polymerase, using the 282-bp DNA templates
containing Ds and Biotin-PaTP as a functional component.
Transcription was performed in the presence of 2 mM
Biotin-PaTP, as well as 2 mM natural NTPs, at 37◦C for 3 h,
and the full-length transcripts (260-mer) were analyzed by
denaturing polyacrylamide gel electrophoresis (Figure 4). As
control experiments, the non-Ds-containing DNA templates
with the 5′-CAT-3′ sequence, which were PCR amplified
with or without the unnatural base substrates, were tran-
scribed with or without Biotin-PaTP. All of the transcription
reactions produced similar yields of the 260-mer products.

To characterize the selectivity of the Biotin-Pa incorpo-
ration into RNA fragments by transcription, we performed
gel-mobility shift assays of the biotinylated transcripts in the
presence of streptavidin (Figure 4). As for the incorporation

site, we already confirmed the site specificity of the Biotin-
Pa incorporation opposite Ds in templates with various
sequence contexts [17, 18]. From the gel shift assays,
we estimated the biotinylation yields of each transcript
(92% of the transcript was biotinylated for the 3′-CDsC-5′

template sequence, 84% for 3′-TDsC-5′, 75% for 3′-GDsC-
5′, and 72% for 3′-ADsC-5′). Thus, in contrast to fusion
PCR involving the Ds-Px pair, the biotinylation selectivity
depended to some extent on the neighboring bases of Ds,
and the order of the effective sequence contexts of the 282-
bp DNA templates was the same as that of the previously
determined effective sequence context of the 35-mer syn-
thetic DNA template for a 17-mer RNA transcript with Pa
[18]. The biotinylation yields resulted from the sum of the
25-cycle PCR and T7 transcription selectivities. However, the
sequencing analysis (Figure 3) indicated that the retention of
the unnatural-base-pair in the amplified DNA was more than
97% after 25-cycle PCR, and thus the biotinylation yields
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actually depended on the transcription selectivities of the Ds-
Pa pair when using each DNA template.

We also assessed the misincorporation of Biotin-PaTP
opposite the natural bases in the two-unnatural base pair
system. The misincorporation rates of Biotin-PaTP into the
transcript using the control 3′-TAC-5′ templates, which were
prepared by fusion PCR in the presence and absence of
dDsTP and Diol1-dPxTP, were 22% and 13%, respectively.
Thus, the misincorporations correspond to only 0.096% (for
22% total) and 0.054% (for 13% total) per position in the
260-mer transcript, as calculated by the following equation:
y = (1− x/100)260, where x% is the Biotin-Pa misincorpora-
tion rate opposite the natural bases per position and y is the
ratio of nonbiotinylated transcript. These misincorporation
rates were lower than those of the noncognate natural base
pairings, as we previously reported that the misincorporation
of biotin-linked UTP opposite G, C, and T in the T7
transcription of a non-A-containing template was around
0.16% per base [17]. In addition, the value of 0.054% is
quite consistent with the value (0.06%) that we previously
determined by T7 transcription of 152-mer transcripts in
the presence of 2 mM Biotin-PaTP and 2 mM natural NTPs

[17]. This misincorporation rate also corresponds to the
sum of the 25-cycle PCR and T7 transcription selectivities.
Thus, the difference between 0.096% and 0.054% was
caused by the Ds misincorporation into the template strand
during 25-cycle PCR amplification with dDsTP and Diol1-
dPxTP. In the 25-cycle fusion PCR, the PCR primers were
mostly consumed, and the theoretical amplification cycle
was estimated as ten (210 ≈ 1000 = [primer]/[216-bp DNA
fragments]). Therefore, the Ds misincorporation opposite a
natural base per replication was calculated as approximately
0.004%(≈(0.096% − 0.054%)/10). Consequently, the Ds
misincorporation into the nontemplate strand would occur,
and thus the misincorporation rates of Diol1-dPxTP and
dDsTP opposite the natural bases in templates during PCR
amplification would be 0.008%, which is as high as that of
the noncognate natural base pairings.

4. Conclusion

In this study, we demonstrated the two-unnatural-base-pair
system for the site-specific labeling of large RNA molecules
by fusion PCR and T7 transcription. In fusion PCR, more
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than 97% of the Ds-Px pair was retained in the amplified
282-bp DNA fragments, and the misincorporation rate of
the unnatural bases opposite the natural bases was 0.008%
per base per replication. We employed the natural base
substrates at relatively high concentrations (600 µM each),
as compared to the unnatural base substrates (dDsTP and
Diol1-dPxTP, 50 µM each) in the fusion PCR, to reduce the
misincorporation rate. By using this method, the biotin-
linked unnatural base was site-specifically incorporated at
predetermined positions of RNA transcripts with selectivities
ranging from 72% to 92%, depending on the sequence
contexts around the unnatural base. In addition, the mis-
incorporation rate of the biotin-unnatural base opposite
the natural bases was around 0.05% per natural base.
These selectivity and misincorporation rates were obtained
using 2 mM unnatural and natural base substrates in T7
transcription. The incorporation selectivity (90−96%) and
the misincorporation rate of Biotin-Pa depend on the ratio of
Biotin-PaTP to the natural base NTPs in transcription [17].
Thus, the incorporation efficiency and misincorporation
rates can be adjusted by changing the concentration ratios
between the unnatural and natural base substrates. To reduce
the misincorporation of the unnatural base substrate oppo-
site the natural bases, with the sacrifice of the incorporation
efficiency of the unnatural base substrate at the desired
positions, transcription should be performed with 1 mM
unnatural base substrate and 2 mM natural base substrates
[12, 17]. Since several functional groups can be attached to
the Pa base, this method could be applied to a wide range
of site-specific labeling and functionalization of large RNA
molecules.
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The genetic code is continuously expanding with new nucleobases designed to suit specific research needs. These synthetic
nucleotides are used to study DNA polymerase dynamics and specificity and may even inhibit DNA polymerase activity. The
availability of an increasing chemical diversity of nucleotides allows questions of utilization by different DNA polymerases to be
addressed. Much of the work in this area deals with the A family DNA polymerases, for example, Escherichia coli DNA polymerase
I, which are DNA polymerases involved in replication and whose fidelity is relatively high, but more recent work includes other
families of polymerases, including the Y family, whose members are known to be error prone. This paper focuses on the ability of
DNA polymerases to utilize nonnatural nucleotides in DNA templates or as the incoming nucleoside triphosphates. Beyond the
utility of nonnatural nucleotides as probes of DNA polymerase specificity, such entities can also provide insight into the functions
of DNA polymerases when encountering DNA that is damaged by natural agents. Thus, synthetic nucleotides provide insight into
how polymerases deal with nonnatural nucleotides as well as into the mutagenic potential of nonnatural nucleotides.

1. Introduction

Since the structure of DNA was determined [1, 2],
biochemists have sought more detailed ways to study DNA
and the proteins that interact with it [3, 4]. Solid phase
nucleic acid synthesis of DNA molecules facilitates the site-
specific incorporation of a wide range of chemically modified
bases and sugar-phosphate backbones, allowing the roles
of specific atoms in DNA function and recognition to be
probed. Synthetic nonnatural nucleobases are useful for a
variety of studies of DNA polymerase function, such as
studies of DNA polymerase specificity, mutagenesis, and
dynamics, as well as fluorescence resonance energy transfer
(FRET) analysis of DNA polymerase interactions with DNA.
The study of mutagenesis facilitated by DNA polymerases
has attracted increasing interest because replication defects
can lead to certain human diseases like the cancer-prone
syndrome xeroderma pigmentosum variant (XPV) [5, 6]
and other diseases [7–9], as well as potentially contribute to
antibiotic resistance [10, 11]. Moreover, specialized damage-
bypass DNA polymerases are implicated in conferring

cellular tolerance to cancer chemotherapy agents that act
via DNA damage, thereby decreasing their effectiveness
[12–16]. This paper will focus on the ability of DNA
polymerases to recognize and accept nonnatural bases either
on the template strand or as the incoming triphosphate
nucleotide. Much of the work discussed here will deal with
A family polymerases (e.g., Klenow fragment (KF) of pol I
and Taq DNA polymerase), but more recent work with Y
family polymerases [17] and their ability to utilize certain
nucleotide analogs will also be discussed.

DNA polymerases generally adopt a right-hand fold, in
which the thumb and fingers bind DNA and nucleotide
(Figure 1) [18, 19]. DNA polymerases add nucleotides to the
growing DNA strand via nucleophilic attack of the free 3′

hydroxyl group of the DNA primer on the alpha phosphate
of the incoming deoxynucleotide with release of pyrophos-
phate. DNA polymerase active site residues, which are usually
glutamate or aspartate and are located in the palm domain,
coordinate divalent magnesium ions that serve to activate
the 3′-OH nucleophile (Figure 1) [20–25]. The catalytic cycle
is generally accompanied by conformational changes in the
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fingers domain. In replicating DNA, DNA polymerases have
to be able to form all four base pair combinations specifically
and efficiently in order to maintain the integrity of the
genome (Figure 2); however, when replication errors occur,
the mismatched bases can be removed by the exonucleolytic
proofreading function of DNA polymerases [26]. Replicative
DNA polymerases possess an exonuclease domain that may
be part of the same or a separate polypeptide that utilizes
a metal-dependent mechanism to excise mismatched bases
[26, 27]. The proofreading process involves translocation
of the primer terminus from the polymerase active site to
the exonuclease active site; after the phosphodiester bond
is hydrolyzed to remove the mismatched base, the primer
strand reanneals to the template so that polymerization can
continue [27, 28]. Replication errors that escape proofread-
ing can be repaired by the mismatch repair system [29].

Based on sequence conservation, DNA polymerases are
divided into A, B, C, D, X, and Y families. The A and B
family DNA polymerases can be involved in replication or
repair, whereas members of the C family are involved in DNA
replication [33]. X family DNA polymerases are involved
in repair, and Y family DNA polymerases are specialized
for copying damaged DNA [33] in a process known as
translesion synthesis (TLS). In general, replicative DNA
polymerases cannot copy damaged DNA; rather, a special-
ized TLS polymerase must be recruited to extend primers a
sufficient distance past distortions in DNA templates to allow
replicative DNA polymerases to recover synthesis [34–37].
DNA replication past damage or unusual DNA structures
requires the ability to both insert a nucleotide opposite a
modification in the template as well as to extend the newly
generated primer beyond that position. Some polymerases
may be able to insert a nucleotide opposite nonstandard
bases but be unable to extend the resulting primer terminus,
as discussed below.

The four canonical bases vary in their chemical and
geometric properties, but the C1′–C1′ distance of the
standard Watson-Crick base pairs and the backbone C–O–
P–O–C bonds remain constant regardless of the particular
base pair [38]. Expansion of the nucleobase alphabet must
take some of these structural considerations into account;
usually nonnatural bases need to have similar geometries as
the natural bases, usually but not necessarily retain some
level of hydrogen bonding capabilities, and usually have π
electron systems in order to retain the stability provided by
base stacking. Hydrophobicity and base stacking interactions
are also important for DNA structure [38].

2. Abasic Sites and Small Molecule Substitutions

Stable, synthetic abasic sites were first introduced into DNA
in 1987 [39]. As it is estimated that 10,000 abasic sites
form in each human cell per day [29], it was important to
develop a stable, synthetic abasic site in order to facilitate
the study of DNA polymerase interactions. Furthermore,
it is informative to determine the activity of DNA poly-
merases in the absence of an instructional base. Takeshita et
al. introduced 3-hydroxy-2-hydroxymethyl-tetrahydrofuran

into DNA, which is a model for the predominant cyclic
version of 2′-deoxyribose. Therefore, this analog serves as
the sugar lacking the base, or an AP (apurinic/apyrimidinic)
site [39]. It was shown that KF of Escherichia coli pol
I, as well as calf-thymus DNA polymerase α, add dATP
opposite synthetic abasic sites most frequently [39], leading
to the proposal that DNA polymerases generally follow
the “A-rule,” inserting A in the absence of specific coding
information [40]. The cocrystal structure of KlenTaq DNA
polymerase with the furan synthetic abasic site in the
templating position suggests a mechanism for this, as a
protein Tyr side chain fills the space left vacant by the
missing base and acts as a pyrimidine base mimic [41].
Some C family DNA polymerases that are error prone and/or
involved in mutagenesis can also bypass synthetic abasic sites,
in the case of Streptococcus pyogenes by incorporating dA,
dG, or to a lesser extent dC, and in the case of Bacillus
subtilis by weakly incorporating dG and generating one-
nucleotide deletions via a misalignment mechanism [42–
44]. Saccharomyces cerevisiae B-family member DNA pol zeta
only weakly bypasses abasic sites [45]. Strikingly, African
Swine Fever Virus (ASFV) DNA pol X is a highly error-prone
DNA polymerase but is unable to copy DNA containing an
abasic site [46]. Pol X cannot insert a nucleotide opposite an
abasic site, nor can it extend a primer terminus containing an
abasic site [46].

Because Y family DNA polymerases are known to copy
noncanonical DNA structures, their proficiency at copying
synthetic abasic sites has been examined in some detail.
The model Y family DNA polymerase Sulfolobus solfataricus
Dpo4 copies synthetic abasic sites mainly by incorporating
dA but also by generating small deletions [47]. E. coli DinB
(DNA pol IV) efficiently copies DNA containing a synthetic
abasic site, but primarily by generating (−2) deletions [48].
E. coli DNA pol V (UmuD′

2C) bypasses synthetic abasic sites
by inserting primarily dA (∼70%) or dG (∼30%) opposite
the modification [49, 50]. Even though both E. coli Y family
DNA polymerases can copy DNA containing abasic sites, Pol
V is used to bypass abasic sites in vivo, probably because
base substitutions are generally less harmful than frameshift
mutations [48]. Human DNA pol iota, which, like ASFV pol
X, is highly inaccurate when replicating undamaged DNA
[51], can efficiently incorporate dG opposite an abasic site
but is unable to extend from primer termini containing
abasic sites [52]. Human DNA pol eta copies abasic sites
by incorporating predominantly dA but also dG [53, 54],
whereas human pol kappa incorporates predominantly dA
but also generates one nucleotide deletions [55, 56]. Y family
member Rev1 from yeast incorporates dC opposite abasic
sites, which have been suggested to be the cognate lesion of
Rev1 [57–59]. Yeast pol alpha, replicative DNA polymerase
pol epsilon, and Y family pol eta are all capable of bypassing
abasic sites, whereas replicative DNA polymerase pol delta is
less efficient [60, 61]. Intriguingly, yeast pol eta and KF add
a pyrene nucleotide opposite the template abasic site more
efficiently than adding A, likely in part because pyrene is
approximately the same size as a base pair and can engage in
base stacking interactions [62, 63]. Bacteriophage T4 DNA
polymerase incorporates nucleotide triphosphate versions
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Figure 1: Comparison of the overall folds of (a) a replicative DNA polymerase, Bacillus stearothermophilus DNA pol I [30], and (b) a Y family
DNA polymerase, Sulfolobus solfataricus Dpo4 [31]. The respective thumb domains are shown in green, palm domains are in red, and fingers
domains are in blue. The little finger domain unique to the Y family DNA polymerases is in purple [31]. The “vestigial” exonuclease domain
of Bs pol I has been omitted for clarity [32]. (c) Polymerase catalyzed DNA replication (phosphoryl transfer) reaction. Polymerization of
DNA occurs at a free 3′ hydroxyl group of the deoxyribose. Polymerases use a divalent magnesium ion (Me2+) to coordinate the negative
charges of both the phosphate groups and the aspartic acid or glutamic acid in the active site of the polymerase [26].

of 5-nitroindolyl, 5-cyclohexyl-indole, and 5-cyclohexenyl-
indole opposite abasic sites more efficiently than it incor-
porates dAMP [64, 65]. Due to the complicated responses
of even the relatively forgiving Y family DNA polymerases
to the synthetic model abasic site, it has been demonstrated
that multiple DNA polymerases may be used to bypass

DNA damage efficiently while minimizing mutations [66,
67].

Y family DNA polymerases are able to copy DNA
containing noncanonical structures ranging from abasic sites
to bulky DNA adducts [68–73]. Therefore, it was of interest
to determine the minimal features of DNA required for
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replication. Short (three or 12) chains of methylene (CH2)
residues in the middle of canonical DNA templates were
used to probe tolerance for minimal DNA backbones. E.
coli pols I, II, and III were unable to replicate either DNA
structure. On the other hand, both pols IV and V could
replicate the three- or 12-methylene linker-containing DNA
in vitro, although, in an analogous situation to abasic sites,
only pol V is observed to replicate these unusual structures
in vivo [74]. Human DNA polymerases showed more subtle
differences, in that pols eta, kappa, and iota could replicate
a three-methylene linker by inserting nucleotides opposite
the noninstructional segment, but only pols eta and kappa
could fully bypass the modified gap [75]. Pols eta and iota
could insert nucleotides opposite the 12-methylene linker,
whereas pol kappa had little to no activity, and none of these
three polymerases could completely bypass the 12-methylene
linker [75]. Clearly, at least some Y family DNA polymerases
are capable of replicating non-DNA segments.

In order to probe the size tolerance for bases in the
active site, a series of dG analogs with increasingly large
substituents at the N2 position in the minor groove were
constructed and used as the template base with a range of
DNA polymerases. The N2 modifications included methyl,
ethyl, isobutyl, benzyl, CH2-napthyl, CH2-anthracenyl, and,
in some cases, CH2-benzo[a]pyrenyl derivatives [76–80].
Bacteriophage T7 DNA polymerase (exonuclease−) and
HIV-1 reverse transcriptase are both able to bypass the
N2-methyl derivative efficiently, although significantly less
efficiently than unmodified DNA, but are not able to bypass
any of the larger adducts [80]. Moreover, even the methyl
substituent caused a high frequency of misincorporation
[80]. On the other hand, each of the human Y family DNA
polymerases is more tolerant of the size-expanded bases
[76–79]. Rev1 is the most tolerant of N2-dG-substitutions,
followed by pol iota and pol kappa, whereas pol eta is the
least tolerant, showing a decrease in activity of approximately
two orders of magnitude between the CH2-napthyl and
CH2-anthracenyl substituents [79]. A similar analysis of O6-
substituted bases showed that only Rev1 and pol iota could
tolerate size-expanded substituents up to the benzyl substi-
tution, but pol eta and pol kappa showed decreased activity
even with an O6-methyl substitution [79, 81]. The use of a
series of well-defined synthetic base modifications provides
insights into the steric constraints of DNA polymerase active
sites and allows detailed comparisons to be made between
replicative and damage-bypass polymerases.

3. Methyl-Substituted Phenyl Analogs

Efforts have been made to examine how DNA polymerases
recognize methyl-substituted phenyl-based analogs that do
not appear to be large enough to perturb DNA structure
(Figure 3) [82]. There was significant self-base pairing of
these substituted phenyl nucleobase analogs, which was
not observed with the benzene analog [82]. Generally, in
incorporation opposite these analogs, the Klenow fragment
discriminates most against dCTP and dGTP, which tend to be
the most hydrophilic nucleotides, while dTTP incorporation
varies with the extent of methyl substitution, and dATP
is added to these bases most efficiently [82]. The 2-
substituted methyl-bearing phenyl groups generally favored
dATP addition, but with the 3-substituted benzene rings, KF
discriminated against dATP [82]. Interestingly, KF inserts
dATP opposite MM1, DM2, DM5, and TMB (Figure 3)
with a rate comparable to that of template dT [82]. This is
hypothesized to be related not just to shape mimicry of dT in
the template but to the placement of the specific substituents
on the phenyl ring, which when appropriately oriented, can
foster hydrophobic packing with the incoming dATP [82].
The most efficiently extended of these small substituted
benzene derivatives are the ones that contain a methyl group
at the 4-position [82]. Subsequent work using methoxy
substituents, which unlike the methyl-substituted phenyl
rings can form hydrogen bonds, suggests that positioning a
hydrogen bond acceptor in the minor groove enhances both
selectivity and efficiency of DNA synthesis by KF [83].

4. Hydrophobic Base Analogs

The use of hydrophobic and van der Waals interactions have
been the driving force behind the development of a variety
of unnatural nucleobases as possible base pairing partners
and to assess polymerase utilization (Figure 4) [84]. The
first of these is a self-pairing base known as 7-propynyl
isocarbostyril nucleoside (PICS), which stabilizes the DNA
helix when paired with itself but is destabilizing when paired
with dA, dC, dG, or dT [84]. The PICS base does not
demonstrate structural similarity to the natural bases, but
the incorporation of dPICSTP opposite PICS in the template
strand by KF is more efficient than the natural bases,
ranging from 20-fold more efficient than dTTP insertion
opposite dPICS to ∼140-fold more efficient than dGTP
insertion opposite PICS [84]. KF does not extend beyond the
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positions, respectively; the DM series is dimethylated; the TM series is trimethylated; TMB is the tetramethylated benzene analog [82].

PICS : PICS base pair, however, which is postulated to be due
to a perturbation in the position of the 3′-OH of the growing
primer strand caused by the nonnatural base pair [84].

Other hydrophobic nonnatural nucleobases are based on
either the naphthalene system (Figure 4), nitrogenous base-
like skeleton (Figure 4), or the skeleton of benzene (Figure 4)
substituted with methyl, halide, or cyano groups [85]. While
dATP is the nucleoside triphosphate most generally inserted
opposite these analogs, the bromo and cyano adducts show
interesting differences in KF discrimination, in that dG, dT,
and dC are incorporated across from the 2-bromo derivative
within threefold of the catalytic efficiency of dATP incorpo-
ration [85]. The cyano derivative at the same position leads
to incorporation of dGTP ∼sevenfold less efficiently than
dATP, incorporation of dTTP even less efficiently, with no
dCTP incorporation detected [85]. Relative to the benzene
parent, only incorporation of dCTP from the 4-bromo
derivative and dGTP paired opposite the 2-cyano derivative
were more efficient [85]. KF primer extension after unnatural
base pairing is more intriguing; specifically, 3-position sub-
stituted benzenes showed no detectable extension, with the
exception of the 3-fluoro derivative which may be too small
to inhibit extension due to steric hindrance (Figure 4) [85].
The base pair 4Br : 2CN was the most efficiently extended,
most likely because the CN can act as a hydrogen bond
acceptor and can be a driving force in primer extension [85].

5. Purine/Pyrimidine Mimics

Pyrimidine nucleotide analogs can affect polymerase activity
in different ways. On one hand, pyrimidine nucleotide

analogs lacking the 2-keto group can inhibit DNA poly-
merase activity [87]. Specifically, 2-amino-5-(2′-deoxy-β-
D-ribofuranosyl)pyridine-5′-triphosphate (d∗CTP), a cyto-
sine analog, and 5-(2′-deoxy-β-D-ribofuranosyl)-3-methyl-
2-pyridone-5′-triphosphate (d∗TTP), a thymine analog,
completely block Taq DNA polymerase from inserting them
along a growing DNA strand (Figure 5) [87]. In these
two analogs, in addition to the keto deletion, the C–N
glycosidic bond functionality is removed and replaced with
a slightly longer C–C bond, which may alter steric and
electronic complementarity between the nucleotides and the
polymerase [87]. These modified triphosphates, however, are
tolerated by T7 RNA polymerase [88]; thus, it was concluded
that the lack of the carbonyl functionality of these analogs is
more responsible for the inhibition of Taq DNA polymerase
than that of the longer C–C bond [87].

An effort to probe recognition of purines by Bacillus
stearothermophilus DNA pol I utilized a number of aza-
purine derivatives and found that substitutions of carbon
at N-1 or N-3 caused the most severe defects in efficiency,
whereas alterations at N-1 or N6 resulted in loss of fidelity
[89]. A similar type of analysis found that removal of
the exocyclic 2-amino group of G had little effect on the
efficiency of either T7 DNA polymerase or Dpo4 [90].
However, replacement of the 2-amino group by progressively
larger and less electronegative substituents, F, O, and Br, led
to decreasing activity by both T7 DNA pol and Dpo4 [90].
This observation led to the suggestion that the trend was due
to both the size and charge of the C-2 substituent [90].

Azole heterocyclic carboxamides can act as nucleobase
mimics and, in fact, structurally can take on the appearance
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of either purines or pyrimidines (Figure 6) [91]. Because
these analogs are small, they have some molecular mobility
and can shift in order to adjust the hydrogen bonding
patterns and electronic interactions to allow pairing with
different bases [91]. Each of these azole heterocyclic car-
boxamides show some preference for pairing with specific
incoming dNTPs, based on the position of the hydrogen
bond donors and acceptors (Figure 6) [91]. For example,
(1H)-1,2,3-Triazole-4-carboxamide directs the insertion of
dGTP, but others do not [91]. The modified bases 1,2,4-
triazole-3-carboxamide and 1,2,3-triazole-4-carboxamide, as
well as 1,2-pyrazole-3-carboxamide orient in a way to
promote hydrogen bonding to dC [91]. Taq DNA poly-
merase can utilize these analogs in PCR reactions but has
different incorporation efficiencies for the different analog-
dNTP pairs [91]. The presence of an azole analog in a
DNA template reduces the catalytic efficiency for matched
versus mismatched base pairs from 1000-fold discrepancy
for natural base pairs to ∼50-fold difference for base pairs
involving azole analogs [91]. Therefore, these analogs are
treated less stringently, but also incorporated less efficiently
than natural bases by Taq DNA pol I, and demonstrate
the complexity of the process of nucleotide addition, which
involves electrostatic interactions, hydrogen bonding, and
shape recognition [91].

Other scaffolds for unnatural self-pairing heteroatom-
containing purine mimics have been developed, known as
furo or thieno pyridinones (furo[2,3-c]pyridin-7(6H)-one:
7OFP, thieno[2,3-c]pyridin-7(6H)-one: 7OTP, furo[2,3-
c]pyridin-7-thiol: 7TFP, furo[3,2-c]pyridin-4(5H)-one:
4OFP, thieno[3,2-c]pyridin-4(5H)-one: 4OTP, furo[3,2-
c]pyridin-4-thiol: 4TFP) (Figure 6) [86]. The goal of using

these analogs is to increase the ability of the DNA polymerase
to continue to extend after the analog is bypassed, which
is an important step in DNA polymerization, especially
for DNA damage tolerance [34–37]. The most stable base
pairing of these analogs is self-pairing followed by dA,
dG, dC in that order, with the sulfur moiety providing
more stabilization than that of oxygen [86]. KF does not
discriminate strongly when synthesizing the furo versus the
thieno pyridinones as self-pairs but does exhibit differences
when extending beyond the unnatural bases when they
are self-paired [86]. Most of these analogs disrupted the
addition of dCTP to dG at the next nucleotide position after
the pyridinone self-pair, with the exception of 4TFP [86].
No natural nucleotide triphosphate is found to be inserted
by KF opposite 7TFP making it the most selective. The
pyridinone 4OTP is the second most selective for its self-
pairing, with only dTTP a modest 1.7-fold more efficiently
incorporated, and selectivity drops in the following order:
7OTP, 4TFP, 4OFP, with 7OFP being the least selective
[86]. Each of these analogs, with the exception of 4OFP
nucleotide triphosphate, is efficiently incorporated by KF
opposite dG, with the other templating bases having lower
incorporation efficiencies but that are within 20-fold of the
natural DNA pairs being synthesized [86]. The extension
beyond these analogs by KF polymerase increases by at
least fivefold over the PICS-type analogs [86]. The purine
mimic 5-nitro-indolyl-2′-deoxyribose-5′-triphosphate is
known to block E. coli DNA replication, not by inhibiting the
polymerase directly but by inhibiting the ability of the clamp
loader to assemble the entire replisome by blocking ATP
binding and hydrolysis [93]. However, in the Taq system, a
directed evolution experiment led to the identification of
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a DNA polymerase variant containing multiple mutations
that facilitates bypass of the 5-nitro-indole analog, while
polymerization by wild-type Taq was strongly blocked [94].
The mutations were concentrated in and near the active
site but were also found throughout the DNA polymerase,
indicative of the multiple mechanisms by which this Taq
DNA polymerase variant is able to copy unusual DNA
structures [94].

There is evidence that some unnatural dA mimics paired
with abasic sites are proofread. Purines are generally added
opposite abasic sites; unnatural nucleotides based on the
indole scaffold substituted at the five position (Figure 7)
were used to probe insertion by T4 DNA polymerase
[95]. Despite the difference in size and shape, both 5-
phenyl-indolyl-2′deoxyriboside triphosphate (5-PhITP) and
5-nitro-indolyl-2′-deoxyriboside triphosphate (5-NITP) are
rapidly incorporated opposite an abasic site, whereas the
5-fluoro (dFITP) and 5-amino (dAITP) analogs have a
very low efficiency of incorporation; the increase in π
electrons of the former is apparently a key contributor
to catalytic efficiency [95]. Two of these analogs, dNITP
and dPhITP, are used as chain terminators (Figure 7) [96]
but are excised more efficiently when inserted opposite

a natural nucleoside as opposed to an abasic site [96].
Evidence also exists for structural changes to allow these
chain terminators to be readily incorporated. Furthermore,
KF proofreads bases paired with the template purine analog
4-methylbenzimidazole as efficiently as it proofreads natural
mismatches; however, it is less efficient at removing 4-
methylbenzimidazole from a primer terminus, suggesting
that natural bases may be specifically recognized by the
exonuclease active site [97].

Modified bases 6H,8H-3,4-dihydropropyrimido[4,5-c]
oxazin-7-one (P) and N6-methoxy-2,6-diaminopurine (K)
are generic pyrimidine and purine mimics, respectively
(Figure 7) [99]. Taq DNA polymerase copies each of these
as expected: P is treated generically as a pyrimidine in the
template strand, pairing with either dG or dA, and K is
treated by Taq as a general templating purine, pairing with
either dC or dT [99]. Taq shows a preference to use P as dT in
PCR reactions, giving a dT : dC ratio of 3 : 2, while preferring
to use K as dA, with an dA : dG ratio of 7 : 1 [99]. These
analogs are effective as universal bases due to the prevalence
of tautomeric forms, observed in nuclear magnetic resonance
(NMR) experiments, that allow base pairing to multiple
partners [98–100].

6. isoC and isoG

isoC and isoG were recognized as forming base pairs in DNA
and RNA in the late eighties and early nineties (Figure 8)
[101, 102] and then were accepted as a third base pair of
DNA in 2003 [103]. The isoC : isoG base pair is different
from its natural counterparts in the transposition of the
amine and carbonyl groups on both dG and dC; however,
standard Watson-Crick hydrogen-bonding is still present
[104]. These analogs were first demonstrated to be useful in
improving PCR efficiency [105]. isoG can take on the enol
form, which base pairs with T, but it can also adopt the keto
form, which base pairs readily with the thymine analog 5-
methylisocytosine (MiC) [106]. The recombination protein
RecA can mediate strand exchange with DNA containing
iG and MiC base pairs at rates comparable to those of the
natural bases, which expands the range of recombination-
competent genetic material [104].

7. Thymidine Analogs

Thymidine analogs have been particularly useful for probing
DNA replication. Difluorotoluene, for example, is a synthetic
dT analog, in which the hydrogen bonding capabilities seen
in dA : dT base pairing are reduced or eliminated (Figure 9)
[107–109]. Nevertheless, this analog can serve as a very good
templating base for KF [107]. Difluorotoluene promotes
efficiency of insertion as the incoming nucleotide only about
fourfold less than that of natural dTTP [107]. When dA at
the primer end is paired with difluorotoluene as the template
base, dA is removed by KF exonucleolytic proofreading as
efficiently as a natural base mismatch [97]. A similar effect
was observed with human mitochondrial DNA polymerase
gamma [110]. On the other hand, when difluorotoluene is
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Figure 6: Classes of purine/pyrimidine mimics. (a) Skeleton structure of azole heterocyclic carboxamides. Depending on the position
of the heteroatoms and their ability to donate or accept hydrogen bonds, these analogs can form base pairs with either a purine or a
pyrimidine [91]. (b) General structure of the furo/thieno pyridinones; different heteroatoms in each position give the following compounds:
furo[2,3-c]pyridin-7(6H)-one: 7OFP, thieno[2,3-c]pyridin-7(6H)-one: 7OTP, furo[2,3-c]pyridin-7-thiol: 7TFP, furo[3,2-c]pyridin-4(5H)-
one: 4OFP, thieno[3,2-c]pyridin-4(5H)-one: 4OTP, furo[3,2-c]pyridin-4-thiol: 4TFP [86, 92].

at the primer terminus, the relative efficiency of removal
is approximately 40-fold lower than that of natural base
mismatches, again suggesting that specific interactions with
natural bases govern removal by the exonuclease domain
[97]. Difluorotoluene is an efficient template base for KF
[97]. In contrast, difluorotoluene is poorly replicated by yeast
pol eta and human pol kappa [112, 113], while S. solfataricus
Dpo4 exhibits low activity but is able to carry out primer
extension on templates containing difluorotoluene [114].

Hydrogen bonding capacities can be retained in a
structure such as 2-thioTTP, in order to improve fidelity
of PCR, which can be decreased by the tautomerization
of dG to form the isoG minor tautomer [105, 115]. Use
of 2-thioTTP increases fidelity of those PCR reactions that
include isoC and isoG [92, 105, 116] by 5% using KlenTaq
DNA polymerase [115]. This is due to introducing a specific
steric interaction that prevents pairing between isoG and 2-
thioTTP [115]. The yellow-colored 4-Se-T is also capable of
hydrogen bonding with dA and is efficiently incorporated as
4-SeTTP into DNA by KF [117].

Thymidine analogs have also been used to study the steric
interactions that govern nucleotide additions. Incrementally
increasing the size of the substituent in place of the carbonyl
oxygen on thymidine with a series of halide substitutions
(F, Cl, Br, I) demonstrates that the replicative polymerase
KF has a specific “tightness” that allows for only some
substitutions to be incorporated. The highest efficiency of
incorporation by KF was with base pairs that are larger than
natural base pairs [111]. In contrast, T7 DNA polymerase
is more stringent and has an optimum that is closer to the
size of natural base pairs [111, 118]. Moving the substituents
around the thymidine ring and probing the activity of KF
led to the conclusion that KF is remarkably sensitive to the
overall shape of the template base and incoming nucleotide

[119]. KF achieves maximal fidelity of incorporation with
the chlorosubstituted analog 2,4-dichloro-5-toluene-1-β-D-
deoxyriboside (Figure 9) [111]. The catalytic efficiency of
KF with these analogs showed that with the increase in
size by 0.66 Å (H → Cl), KF was more efficient by a factor
of ∼180 [111]. This trend of increasing steric hindrance
with these thymidine analogs utilized by KF is consistent
with the steric hindrance seen with 4′ substituted dTTP
analogs noted previously [120]. In contrast, the presence of
4′ substituted T analogs in the template are well tolerated
by KF [121]. The model Y family DNA polymerase, S.
solfataricus Dbh, incorporates 4′-modified dTTP analogs
relatively efficiently and binds to the analogs nearly as well as
binding to unmodified dTTP [122]. Similarly, Y family DNA
polymerase Dpo4 exhibits much less size selectivity than
KF, as determined with halogen-substituted thymine analogs
[123]. Thus, although some Y family DNA polymerases
require hydrogen bonding for efficient replication, these
studies confirm their generally accommodating active sites.

8. Fluorescent Base Analogs

8.1. 2-Aminopurine. The most common fluorescent base
analog in use today is 2-aminopurine (2AP), which can form
hydrogen bonds and base pair with either of the pyrimidines
thymine or cytosine (Figure 10) [124]. A recent crystal struc-
ture of DNA containing a 2AP : dC base pair in the active
site of the Y567A variant of RB69 DNA polymerase suggests
that the 2AP : dC pair may contain a bifurcated hydrogen
bond between N2-H of 2AP and N3 and O2 of dC [125]. In
this example, the Y567A active site mutation in the nascent
base-pair-binding pocket is both less discriminating in the
formation of mismatched base pairs and is better able to
extend mismatched primer termini [125]. The modified base
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2AP is commercially available and has been used to study
a number of DNA-binding protein interactions including
KF [126], EcoRI, DNA methyltransferase [127], endonu-
clease [128, 129], and uracil DNA glycosylase [130]. The
fluorescence of this analog is sequence-context dependent,
with the most pronounced effect occurring when the base
is surrounded by other purines; much like other fluorescent
nucleobases, its fluorescence is quenched when it is within
DNA [131]. KF has been shown to utilize 2AP, and the
fluorescence has been used to give insights into the dynamics
of this protein as it synthesizes DNA [126, 132, 133]. For
example, in one FRET experiment with a labeled KF, the
mechanism of the fingers closing conformational change was
studied [133] and was found to be influenced by the added
nucleotide. Specifically, mismatched nucleotides are detected
before the polymerase “closes” on the DNA suggesting
that the mismatched nucleotide itself may destabilize the
“open” polymerase conformation [133]. The role in the
conformational change of the divalent cation (usually Mg2+

or Ca2+ but, in this case, an “exchange inert” Rh(III)) was
also probed using 2AP [134], and it was found that dNTP
binding in the absence of the correct ion can induce the
conformational shift [134]. The ability of the ion to diffuse to
the proper position before the nucleophilic attack can occur
may influence the reverse conformational shift observed in
the presence of the incorrect nucleotide [134].

Fluorescence spectroscopy with 2AP can be used to
study DNA polymerization on a millisecond time scale, and
probe single events like nucleotide addition, base pairing
interactions, and subsequent excision via nuclease activity
[126, 132]. Insertion kinetics have been measured for the
monophosphate version of 2AP (dAPMP versus dAMP);
dAPMP is found to be misincorporated at similar rates to the
incorporation of the natural triphosphate dATP opposite dT

by KF [126]. This makes 2AP useful in studying polymerase
activity as it is misincorporated about as frequently as dA is
incorporated. However, this incorporation is influenced by
the sequence surrounding the primer terminus, with double
the rate of misincorporation of 2AP triphosphate if the
nearest neighbor to the nascent base pair is dG, dC, or dA,
as compared to dT [126].

Y family polymerases also have been studied using 2AP.
Dbh adds dTTP correctly opposite 2AP in the template
strand and binds various DNA substrates containing 2AP
with KD values similar to those of natural DNA substrates
[135]. Use of 2AP to monitor conformation changes dur-
ing the base-skipping phenomenon, which can generate
frameshift mutations as seen with Y family polymerases,
provides evidence that the misincorporation pathway is
distinct from the correct dNTP incorporation process [135].
Fluorescence from 2AP has been also used to probe the
proofreading mechanism by which bases are excised via
nuclease activity of phage T4 polymerase [136].

The analog 2AP has been used together with the base
analog pyrrolo-dC as a FRET pair as the excitation and
emission wavelengths of these two nucleotide probes are
compatible [137], though this pair has not yet been utilized
to study DNA polymerases. Pyrrolo-dC alone has been used
to study DNA/RNA hybrids [138], single-stranded DNA
hairpins [139], and base pair flipping [140]. Two potential
drawbacks of using 2AP are the sequence dependence of its
fluorescence and that it can perturb the DNA structure or
be mutagenic if it forms a wobble pair with dT [124]. A
2AP : dT base pair destabilizes duplex DNA by ∼8◦C relative
to a dA : dT base pair [141].

8.2. tC: 1,3-Diaza-2-oxophenothiazine. The synthetic cyto-
sine analog tC was developed first by Lin et al. [142] but
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Figure 10: 2-Aminopurine (2AP) and its base pairs (a) 2AP base paired with thymine and (b) 2AP base paired with cytosine [124].

then used as a probe of DNA polymerases by Wilhelmsson
and coworkers [143–145]. The fluorescence quantum yield
of this nucleotide analog, unlike 2AP, is not sensitive to
the surrounding environment [144, 146]. This base also
is incorporated into DNA, shows canonical base pairing
with guanosine (Figure 11), and does not perturb the
B-form structure of DNA. In fact, a dG : tC base pair
stabilized DNA by 3◦C [124]. Different DNA polymerases
have different efficiencies in utilizing tC in template DNA
and in incorporating tC into the growing DNA primer
strand. For example, KF utilizes template tC in preference
to a template C, as KF apparently has a flexible enough
active site to accommodate the extra cyclic ring system.
Klenow also preferentially incorporates the tC nucleotide
triphosphate in the growing DNA strand. E. coli DinB (pol
IV), which is a Y family DNA polymerase [17], also utilizes
the tC nucleotide triphosphate more efficiently than dCTP,
similar to Klenow [147]. DinB also can extend from tC
at the primer terminus [147]. However, DinB shows a 12-
fold decrease in the catalytic efficiency of incorporation of
dGTP opposite template tC as compared to the natural dC
in the template strand and is unable to extend from the
newly generated primer terminus [147]. Primer extension
by DinB is inhibited unless the primer terminus is at least
3-4 nucleotides beyond the tC analog, which suggests that
the “TLS patch” of nucleotides required beyond noncognate
bases for DNA polymerases to resume efficient synthesis is
shorter for a Y family DNA polymerase than for replicative
polymerases. Moreover, the striking asymmetry of the DinB
active site has also been observed in the case of B family DNA
polymerases human polymerase alpha and herpes simplex
virus I DNA polymerase when probed with nonnatural
nucleotide analogs [148].

8.3. tC◦: 1,3-Diaza-2-oxophenoxazine. The oxo-analog of tC
is tC◦, 1,3-diaza-2-oxophenoxazine (Figure 11) [142], which
has several similar properties to that of tC in that it stabilizes
B-form DNA by 3◦C and it base pairs with G in a standard
Watson-Crick configuration [149]. It is exceptionally bright,
on average 10–50 times brighter than 2AP, 3-MI, and 6-MAP
[149]. The tC◦ analog, like tC, can be utilized by KF and
by human DNA primase [146, 150, 151]. This analog has
proven useful in high-density labeling of PCR products using
a deep vent DNA polymerase and therefore should be useful
in biotechnology applications [151].
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Figure 11: Fluorescent cytosine analogs tC and tC◦ form canonical
base pairs with dG, do not perturb B-form DNA structure, and can
pair with a FRET donor to probe DNA polymerase dynamics [144–
146, 149, 150].

9. Conclusions

Nonnatural nucleotides continue to provide an important
tool for the study of DNA and its interacting protein part-
ners. In particular, DNA polymerases that are responsible
for the systematic replication of DNA, whether accurate
or mutagenic, are required to specifically recognize and
efficiently base pair with a large number of noncanonical
DNA structures. An increasingly expanding genetic alphabet
of nonnatural nucleobases provides the ability to obtain an
unparalleled level of detail about how DNA polymerases
discriminate among many different DNA structures. From
the first introduction of artificial abasic sites [39] to the use
of bright nonperturbing fluorescent analogs that are used
to probe polymerase opening and closing dynamics on a
nascent base pair [144, 146], nonnatural nucleotides are
now fully integrated into DNA polymerase research. There
remains however a need for novel DNA bases that have
specific properties in order to better study the interactions
of DNA polymerases with DNA. In particular, efficiently
generating both phosphoramidite monomers and triphos-
phate versions of a given modified base can be a significant
synthetic challenge. The understanding of DNA polymerase
specificity for synthetic nucleobases, discussed in this paper
and elsewhere [28, 38, 124, 152, 153], is increasing; in the
future, synthetic bases will continue to be used for a variety
of purposes including probing proteins and small molecules
that bind to DNA, optimizing unnatural bases for coding
as a synthetic genetic code [154], synthesizing unnatural
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biopolymers [155], and improving the prospects of DNA as
a nanomaterial and a drug target [156].
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“Locked nucleic acids” (LNAs) belong to the backbone-modified nucleic acid family. The 2′-O,4′-C-methylene-β-D-ribofuranose
nucleotides are used for single or multiple substitutions in RNA molecules and thereby introduce enhanced bio- and
thermostability. This renders LNAs powerful tools for diagnostic and therapeutic applications. RNA molecules maintain the overall
canonical A-type conformation upon substitution of single or multiple residues/nucleotides by LNA monomers. The structures
of “all” LNA homoduplexes, however, exhibit significant differences in their overall geometry, in particular a decreased twist, roll
and propeller twist. This results in a widening of the major groove, a decrease in helical winding, and an enlarged helical pitch.
Therefore, the LNA duplex structure can no longer be described as a canonical A-type RNA geometry but can rather be brought
into proximity to other backbone-modified nucleic acids, like glycol nucleic acids or peptide nucleic acids. LNA-modified nucleic
acids provide thus structural and functional features that may be successfully exploited for future application in biotechnology and
drug discovery.

1. Introduction

Modified nucleic acids have great potential for applications
in oligonucleotide-based drug design. As natural RNA
and DNA molecules are highly sensitive towards nuclease
digestion and often possess low thermal stability, great effort
has been made to design nucleic acid modifications that
stabilize RNA or DNA while simultaneously maintaining the
overall Watson-Crick base pairing ability. Modified nucleic
acids are indispensable for future applications comprising
diagnostic and clinical approaches like the use of aptamers
or the siRNA technology.

Extensive and challenging experiments and investiga-
tions have been undertaken to develop nucleotide analogues
that maintain the overall A-RNA-type conformation and
N-type sugar puckering, as such modifications are likely
to allow the substitution of RNA without large changes
in functionality. Considerable effort has been made in
the synthesis and characterization of 2′-O-methyl-RNAs
[1], 2′-F-RNAs [2], phosphoramidate-RNAs [3], and the
“locked” nucleic acid family [4]. By using locked nucleotide
building blocks containing the 2′-O,4′-C-methylene-β-D-
ribofuranose (LNA) modification, a significant increase in
thermostability can be observed in accordingly substituted
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RNAs. For example, the melting temperature of modified
RNA helices can be increased by +2 to +10◦C per LNA
monomer substitution.

To understand the stabilizing effects of LNA-substituted
RNAs, numerous structural investigations have been per-
formed during the past years to investigate their conforma-
tion in detail. These studies provided insights in the local
geometric parameters of mix-mer LNA-RNA helices and of
LNA-RNA heteroduplexes. The 2′-O,4′-C-methylene-β-D-
ribofuranose LNA-RNA mix-mer duplexes maintain mainly
the overall A-type nucleic acid conformation [5]. On the
other hand, the 2′-O,4′-C-α-L-ribofuranose LNA modifica-
tion is used in DNA substitution, as this modification pre-
serves the overall B-type nucleic acid geometry of DNA [6].
Thus, there are two powerful nucleotide modifications with
great potential in drug design, the 2′-O,4′-C-methylene-
β-D-ribofuranose nucleotides (LNA) for RNA substitution
and the 2′-O,4′-C-methylene-α-L-ribofuranose nucleotides
to modify DNA.

The structure of heteroduplexes, consisting of one fully
modified LNA strand hybridized to either RNA or to
DNA, revealed the following: the RNA conformation is
maintained upon hybridizing a 2′-O,4′-C-methylene-β-D-
ribofuranose LNA strand to RNA, whereas a mixed N-
and S-type sugar puckering is induced by hybridizing a
2′-O,4′-C-methylene-β-D-ribofuranose LNA to DNA [7].
The B-type conformation is maintained by using a 2′-
O,4′-C-methylene-α-L-ribofuranose LNA strand targeted
to DNA [6]. It is generally accepted that the 2′-O,4′-C-
methylene-β-D-ribofuranose “locks” the LNA in the C3′-
endo conformation. This approach is used to direct the
geometry of the phosphate backbone in a manner to orient
the duplex towards a more efficient base stacking.

Even though the 2′-O,4′-C-methylene-β-D-ribofuranose
LNA-RNA mix-mer duplexes maintain the overall A-type
nucleic acid conformation, molecular dynamics simulations
[8] and a crystal structure [9] of “all” LNA duplexes, con-
sisting exclusively of 2′-O,4′-C-methylene-β-D-ribofuranose
building blocks, yielded insights into a novel nucleic acid
geometry. An “all LNA” duplex shows alterations in the
local and overall helical parameters as compared to natural
RNA and can rather be compared to other modified nucleic
acids, like glycol nucleic acids (GNAs) [10], peptide nucleic
acids (PNAs) [11], or homo-DNA [12]. An LNA duplex
appears as a right-handed, antiparallel helix that maintains
the canonical Watson-Crick base pairing and the 2′-exo
conformation for all nucleotides. Nevertheless, the LNA
duplex shows a considerable decrease in the helical twist, roll
and propeller twist, which facilitates a widening of the major
groove and a decrease of the minor groove dimensions.
These alterations induce a large hollow cave in the middle
of the duplex that is obvious in a projection perpendicular
to the helical axis. Due to an enlarged helical rise and the
unwinding of the helix, which results from the decrease in
the twist angle parameters, the LNA duplex possesses an
increased helical pitch. The unique nucleic acid geometry
of “all LNA” helices apparently induces a more efficient
and stable base stacking, which contributes to the higher
thermostability of LNAs and LNA-modified nucleic acids.

Table 1: Data and refinement statistics of tRNASer microhelix and
LNA helix [9, 15].

tRNASer microhelix LNA helix

Data acquisition

Space group C2 C2

Cell constants

a, b, c (Å) 35, 79, 39.13, 31.37 77.91, 40.74, 30.06

α, β, γ (◦) 90.00, 111.1, 90.00 90.00, 91.02, 90.00

Resolution (Å) 120–1.20 (1.22–1.20)
80.00–1.90
(1.93–1.90)

Rmerge 7.4 (15.4) 7.3 (21.7)

I/σI 18.7 (1.8) 19.7 (1.0)

Completeness (%) 99.2 (99.1) 98.0 (97.2)

Redundancy 7.1 (8.6) 4.8 (3.8)

Refinement

No. of reflections 12,806 7,382

Rwork /Rfree 19.0 (20.1) 22.9 (28.8)

Atoms

Nucleic acid 293 314

Magnesium 2 1

Cobalt hexamine — 3

Water oxygens 97 (2 mol/au) 44

Values in parentheses are given for the highest-resolution shell.

Interestingly, the structure of an RNA/LNA heteroduplex
[13] is a geometric intermediate between the RNA and the
“all LNA” conformation.

2. Material and Methods

2.1. Crystallization of the LNA Helices. The 7mer LNA helix
was derived from the E. coli tRNASer isoacceptor with the
data base “Compilation of tRNA sequences and sequences of
tRNA genes” ID RS 1661 [14] and represents the sequence
of the tRNASer aminoacyl stem microhelix that has been
crystallized previously possessing the sequence 5′-(G-G-
U-G-A-G-G-)-3′ and 5′-(C-C-U-C-A-C-C-)-3′ [15]. The
LNA helix contained exclusively 2′-O,4′-C-methylene-β-D-
ribofuranose building blocks. The base sequence of the
RNA was maintained for further comparative studies, except
for the U to T and the C to m5C exchange used in
standard LNA synthesis. The chemically synthesized single
strands with the sequences 5′-(G-G-T-G-A-G-G)L-3′ and 5′-
(m5C-m5C-T-m5C-A-m5C-m5C)L-3′ were purchased from
IBA (Göttingen, Germany) with HPLC purification grade.
Crystals were grown within 3-4 days using 40 mM sodium
cacodylate, pH 5.5, 20 mM cobalt hexamine, 80 mM sodium
chloride, 20 mM magnesium chloride, and 10% (v/v) MPD
with equilibration against 1 mL 33–41% (v/v) MPD at 21◦C
using the hanging drop vapour diffusion technique [16].

2.2. Diffraction Data Collection and Structure Determination
and Refinement. Data collection of the LNA crystals was
performed at the ELETTRA synchrotron (Trieste, Italy)



Journal of Nucleic Acids 3

Table 2: Selected overall helical parameters of the tRNASer microhelix structure (PDB ID: 3GVN) compared to the LNA-RNA hybrid (PDB
ID: 1H0Q) and the LNA helix (PDB ID: 2X2Y). The two LNA molecules correspond to two LNA helices located in the asymmetric unit of
the crystal structure.

Twist (◦) Rise (Å) Slide (◦) Roll (◦) χ-displacement (Å) Propeller twist (◦)

RNA
32.46 2.64 −1.68 6.61 −4.25 −10.46

tRNASer microhelix

LNA-RNA
29.22 2.65 −2.24 6.07 −5.40 −12.84

hybrid

LNA

(molecule A) 25.97 2.81 −2.49 4.08 −6.60 −6.65

tRNASer microhelix

LNA

(molecule B) 26.13 2.84 −2.47 4.15 −6.47 −7.45

tRNASer microhelix

Table 3: Overall helical parameters for natural (RNA and DNA) and modified nucleic acids (LNA, GNA, and PNA).

Base pairs/helical turn Twist (◦) Rise (Å) P-P distance (Å) Pitch (Å)

RNA 11 32 2.6 6.0 30

DNA 10 36 3.4 7.0 34

LNA 14 26 2.8 5.6 39

GNA 16 22.9 3.8 5.4 60

PNA 18 19 3.2 5.4 58

beam line XRD-1 at a wavelength of 1.0 Å and a temperature
of 100 K. The crystal diffracted up to 1.9 Å resolution [16].
The corresponding tRNASer-microhelix was measured at
the DESY synchrotron (Hamburg, Germany) at a wave-
length of 0.8123 Å, 100 K temperature, and diffracted up
to 1.2 Å [16]. All data were analyzed and processed using
the programs from the HKL-2000 suite [17]. Molecular
replacement calculations were performed using the program
PHASER [18] within the CCP4i program suite [19]. The
RNA structure was solved by molecular replacement using an
artificially constructed RNA. The LNA structure was solved
by using a model built from the previously solved tRNASer

microhelix structure but exchanging the riboses by 2′-O,4′-
C-methylene-β-D-ribofuranose residues [9]. Standard LNA
nucleotides were used for model building, which comprises
the standard U to T and C to m5C substitutions in LNA
as compared to RNA. Refinement calculations were done
applying the program REFMAC [20], and electron density
maps were calculated using FFT [21], as implemented in
the CCP4i package [19]. Data and refinement statistics are
shown in Table 1. The program X3DNA [22] was used
to calculate the local and overall geometrical parameters.
Structure representations and graphical analysis of helices
were performed with the programs COOT [23] and PYMOL
[24].

3. Results and Discussion

We analysed the crystal structure of a “locked” nucleic acid
duplex [9], which contains exclusively 2′-O,4′-C-methylene-
β-D-ribofuranose nucleotides (Figure 1), in comparison to

the structures of the naturally occurring RNA as well as to
other backbone-modified nucleic acids like glycol nucleic
acids (GNAs) or peptide nucleic acids (PNAs).

The LNA helix structure reveals a nucleic acid duplex
geometry that significantly differs from the canonical A-
type RNA structure (Figure 2, Tables 2 and 3). The structure
of the LNA duplex appears as a stretched helical ladder
with altered local and overall geometric parameters. The
observed geometry can be rather compared to that of glycol
nucleic acids (GNAs) [25], peptide nucleic acids (PNAs)
[26, 27], or homo-DNAs [12]. We detected a notable decrease
in several local and overall helical parameters in the LNA
helix, like the twist, roll and propeller twist, as compared
to a corresponding RNA molecule (Table 2). This results
in a widening of the major groove, a decrease in helical
winding and an increased helical pitch. The major groove
dimensions in the LNA duplex showed values of around
24-25 Å in diameter, as compared to 16 Å observed for the
canonical A-RNA duplex. Concomitantly, the minor groove
of LNA duplexes is narrower (about 15 Å) than that of
standard RNA helices (19 Å). On the other hand, the slide
and rise values are slightly increased in the LNA helices.
Moreover, the shift of the base pairs in the LNA duplex
results in an empty tunnel running through the center of the
helix.

In the LNA helix, the low twist angle of 26◦ and the
large pitch of 14 base pairs per turn lead to an unwinding
of the duplex, as compared to RNA, which possesses a twist
of 32◦ and a pitch of 11 base pairs per turn. The helical
rise of LNA falls into a range of 2.8–3.0 Å, whereas the
helical rise in RNA is 2.6 Å. Due to the increased rise and
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(a) (b)

Figure 1: Guanosine monophosphate shown as RNA nucleotide (a) and as LNA nucleotide with the 2′-O,4′-C-methylene-β-D-ribofuranose
modification (b). Oxygen atoms are coloured in light blue (2′-oxygens) and dark blue (3′-oxygens), respectively. The additional carbon atom
from the methylene group in the LNA is shown in black.

RNA

(a)

LNA

(b)

Figure 2: Crystal structure of the RNA duplex r[GGUGAGG]·r[CCUCACC] (PDB ID: 3GVN) as compared to the corresponding LNA helix
(PDB ID: 2X2Y).
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Figure 3: Hydration pattern within the LNA duplex (PDB ID: 2X2):
a region of the LNA helix showing the base pair (G4-m5C69)L. The
hydration pattern resembles that known for RNA, as the bridged 2′-
oxygen atom in LNA acts as a hydrogen bond acceptor similar to the
2′-oxygen in the hydroxyl group of RNA.

the unwinding of the helix, the LNA possessed an enlarged
helical pitch of 39 Å, as compared to 29 Å in RNA helices.
The backbone torsion angles resembled the sc−, ap+, sc+,
sc+ ap, sc−, and ap+ conformation for the α, β, γ, δ, ε,
ζ , and χ angles with the sugar puckering being in the 2′-
exo conformation. The phosphate-phosphate distances are
in the region of 5.6 Å as compared to 6.0 Å for RNA. It
is conceivable that the altered helical parameters in LNA
duplexes provide an enhancement in nucleotide stacking,
leading towards stronger Π-Π interactions of the base pairs.

It is well accepted that the extensive hydration of the
RNA minor groove plays an important role in the struc-
ture/function relationship [28]. As the specific hydration
pattern of RNA is governed by the 2′-hydroxyl group, it
has been questioned whether the 2′-O,4′-C-methylene-β-
D-ribofuranose in LNA allows a comparable hydration as
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(a) (b) (c)

Figure 4: Structure of an idealized RNA helix (a) compared to the RNA/LNA hybrid helix derived from the structure with PDB code 1H0Q
(b) and compared to an “all LNA” helix derived from the structure with PDB code: 2X2Q (c) as Calladine-Drew plot. To visualize the overall
geometry, the helices were extended to 22 base pairs for RNA, to 25 base pairs for the RNA/LNA, and to 28 base pairs for LNA, respectively
[9].

described for RNAs. Therefore, we focussed our investiga-
tions on analyzing the arrangement of the solvent molecules
surrounding the LNA duplex. We observed that the distribu-
tion of water molecules in the LNA minor groove follows the
general pattern known for RNA hydration, as the bridged 2′

oxygen atoms in the 2′-O,4′-C-methylene-β-D-ribofuranose
moieties serve as hydrogen bond acceptors similar to the 2′-
hydroxyl residues in RNA. An example for the LNA hydration
is shown in Figure 3.

Interestingly, the structure of an RNA/LNA hybrid helix
represents a geometric intermediate between RNA and
“all LNA” helices. In Figure 4, we present the structure
of idealized RNA as compared to the RNA/LNA hybrid
(PDB ID: 1H0Q) and to the “all LNA” duplex (PDB ID:
2X2Q) as Calladine-Drew plot. To better visualize the overall
geometry in this figure, the helices were extended to 22
base pairs for RNA, to 25 base pairs for RNA/LNA, and
to 28 base pairs for LNA showing two full helical turns
each [9]. For an overall comparison of A-RNA and B-
DNA helices to the conformation of different backbone-
modified nucleic acid types, like GNA and PNA (Figure 5),
we displayed the selected nucleic acid helices with a total
length of 46 base pairs (Figure 6). We illustrate the natural
DNA and RNA and the synthetic GNA (PDB ID: 2JJA)
and PNA (PDB ID: 1PUP) as compared to the LNA (PDB
ID: 2X2Q) duplex structure. The standard A- and B-type

nucleic acid conformations are paraphrased by the RNA
and DNA helices. The GNA shows the structure of a helical
ribbon with only one large minor groove and completely
lacks the major groove, which is instead a convex surface
[25]. The PNA resembles the helix with a wide and deep
major groove concomitant with a narrow and shallow minor
groove [26, 27]. The weakly twisted right-handed homo-
DNA structure has been described to explain the inability
of allo-, altro-, and glucanosyl-nucleotides to form stable
base pairing systems (picture not shown) [12]. In the middle
of Figure 6 we present the extended structure of the LNA
duplex, which represents the unusual geometry, which can
rather be brought into vicinity of GNA, PNA, and homo-
DNA than to the natural nucleic acid duplexes DNA and
RNA. The LNA helix, however, possesses a pitch of 39 Å
with 14 base pairs per helical turn and an average rise
of 2.8 Å. DNA and RNA show an average pitch of 30 Å
and 34 Å, respectively, as compared to mean values of
60 Å, 58 Å, and 53 Å found for GNA, PNA, and homo-
DNA. (Figure 6, Table 3, no data shown for homo-DNA).
Conclusively, regarding the geometry of the LNA duplex in
total, this helix resembles a more natural nucleic acid, when
compared to the other backbone-modified duplexes.

As has been reviewed [4], an increase of the melting
temperature between +2◦ to +10◦C can be observed per
LNA building block added in strands hybridized to RNA.
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(a) (b)

(c) (d)

Figure 5: Dinucleotide conformations as observed in RNA (a), LNA with the 2′-O,4′-C-methylene-β-D-ribofuranose modification (b),
GNA (c), and PNA (d).

The short 7 bp LNA duplex, derived from the tRNASer

microhelix for this study, exhibits a melting temperature
of above 90◦C, whereas the corresponding RNA has a Tm

value of 45.0◦C [9]. We have previously investigated the
melting temperature of another LNA 7mer helix in compar-
ison to its natural RNA counterpart [29]. Similarly, the LNA
duplex possesses a Tm value of 84.3◦C, whereas its cor-
responding RNA helix melts at 22.4◦C. The drastic shift
in thermostability in both LNAs as compared to the RNAs
corresponds to an average of 4.5◦C per nucleotide building
block, which is consistent with the reviewed observations [4].
Thus, the thermostability data and the structure properties of
LNAs provide new perspectives for future nucleic acid drug
applications, which is an encouraging outlook.

Considering that the increase in Tm values by substituting
natural nucleic acids with single or multiple nucleotides
by LNA residues seems to be a summative property, the
challenge of using LNAs as tools in nucleic acid stabilization
becomes obvious. Nearly any natural nucleic acid can be
modified by introducing single and multiple LNA building
blocks or even complete LNA duplexes, thereby stepwise
increasing the thermostability depending on the number
of introduced LNA residues. Depending on the particular
requirements, any nucleic acid can thus be stabilized at

will with little or no loss of function. In this respect, LNA
substitution may serve as a reliable method to stabilize
nucleic acids, in particular aptamers, for clinical applications.

An upcoming challenge is to stabilize aptamer stem
regions by introducing LNA portions without affecting the
loop regions that are usually essential for target binding
and specificity. Several reports in the literature highlight
a forthcoming application of LNA-substituted aptamers
with retained or even improved ligand-binding capacity.
An exciting example is the use of LNA modifications
within hammerhead ribozymes that improve the overall clea-
ving capacity [30]. In addition, LNA modifications have
successfully been introduced into antisense oligonucleotides
and DNAzymes that were targeted to functionally selected
binding sites and inhibited HIV-1 expression [31]. A third
example describes a G-quadruplex thrombin aptamer, which
retained the biological activity to a varying extent depending
on the nucleotide positions that were LNA modified [32].
These selected reports are a snapshot of numerous studies
demonstrating the great potential of LNA substitutions in
functional nucleic acids and possible therapeutic appli-
cations. The crystal structure of the “all locked” nucleic
acid helix contributes to the understanding of the struc-
ture/function relationship and the high thermostability of
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RNA DNA LNA GNA PNA

Figure 6: Overall helical structures of natural nucleic acids (RNA and DNA) and of synthetic, modified nucleic acids (LNA, GNA, and PNA).
All helices were extended to a total of 46 base pairs. The helices were constructed by using the following structures: DNA (idealized), RNA
(idealized), LNA (PDB ID: 2X2Y), GNA (PDB ID: 2JJA), and PNA (PDB ID: 1PUP). Phosphate oxygen atoms are shown in blue, phosphates
in yellow, and all other atoms are presented in grey. Top picture shows the side view of the duplexes and the bottom picture presents a
projection along the helical axis.

these molecules. In summary LNAs possess an encouraging
potential for the development of new stabilized nucleic acids
and will promote future applications in diagnostics, drug dis-
covery, and clinical therapy [4].
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A 2,6-bis(3,5-dimethylpyrazol-1-yl)purine ribonucleoside has been prepared and incorporated as a conventionally protected
phosphoramidite into a 9-mer 2′-O-methyl oligoribonucleotide. According to 1H NMR spectroscopic studies, this nucleoside
forms with Pd2+ and uridine a ternary complex that is stable at a micromolar concentration range. CD spectroscopic studies
on oligonucleotide hybridization, in turn, suggest that the Pd2+ chelate of this artificial nucleoside, when incorporated in a 2′-
O-methyl-RNA oligomer, is able to recognize thymine within an otherwise complementary DNA strand. The duplex containing
thymidine opposite to the artificial nucleoside turned out to be somewhat more resistant to heating than its counterpart containing
2′-deoxycytidine in place of thymidine, but only in the presence of Pd2+. According to UV-melting measurements, replacement
of 2′-O-methyladenosine with the artificial nucleoside markedly enhances hybridization with a DNA target, irrespective of the
identity of the opposite base and the presence of Pd2+. With the thymidine containing DNA target, the Tm value is 2–4◦C higher
than with targets containing any other nucleoside opposite to the artificial nucleoside, but the dependence on Pd2+ is much less
clear than in the case of the CD studies.

1. Introduction

In nature, recognition of nucleic acid sequences is based
on Watson-Crick base pairing, while vertical stacking of
base pairs accounts for most of the duplex stability. At
room temperature, 10 base pairs are typically required
for a stable duplex, meaning that targeting sequences
shorter than this by the conventional strategy, that is, using
complementary oligonucleotides, is problematic. Sequences
within a double-stranded region are also difficult to target
because thermodynamics favor formation of the longer
duplex. The first problem has partly been addressed by
using small molecules exhibiting high affinity towards certain
specific short sequences [1]. No clear-cut relationship exists
between the target sequence and the structure of the small
molecule, however, making the design and preparation of
such molecules a demanding task. PNA oligonucleotides
offer a solution to the second problem, as PNA/DNA

heteroduplexes are more stable than native double-stranded
DNA, but even in the best cases a substantial excess of the
PNA is still needed for efficient invasion [2, 3].

Oligonucleotides composed of unnatural monomers
with an enhanced affinity towards their complement nucle-
obases could potentially form stable duplexes even with short
target sequences as well as invade double-stranded DNA even
when present in only stoichiometric amounts. One way to
achieve the desired high affinity is to exploit the coordination
of a ring nitrogen (N1 of purines or N3 of pyrimidines)
of the natural nucleobase to a soft metal ion, such as
Pd2+, carried by an artificial nucleobase [4]. Discrimination
between the four natural nucleobases, in turn, could be
achieved through a combination of additional destabilizing
(steric) and stabilizing (hydrogen bonding) interactions. A
number of studies on metal-ion-mediated base pairs have
been published [5, 6], but the focus has generally been on
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expanding the genetic code by introducing a completely
new artificial base pair [7, 8] or impregnating DNA with
metal ions for nanotechnological applications [9–11], rather
than developing high-affinity complements for the natural
nucleobases. In the former, both of the ligands of the metal-
ion-mediated base pair may be freely designed for maximum
performance (in many cases, the same ligand is used in both
strands), whereas in the latter the sole artificial nucleobase
must be able to not only coordinate the metal ion but also
accommodate the steric and hydrogen bonding requirements
of the natural nucleobase, presenting a unique challenge.

In the present study, the Pd2+complex of 2,6-bis-(3,5-
dimethylpyrazol-1-yl)purine ribonucleoside (1) is used as
an artificial nucleoside. Nucleoside 1, with no potential for
stabilizing hydrogen bond interactions, may be considered
as a reference structure for future studies. On a monomeric
level, the binding affinity and selectivity of this artificial
nucleoside were studied by NMR titrations. For a more
realistic model, nucleoside 1 was additionally converted to
a phosphoramidite building block (2) and incorporated into
a 2′-O-methyl-RNA oligonucleotide. The effect of Pd2+ on
the secondary structure and thermal stability of duplexes
between this modified oligonucleotide and complementary
2′-O-methyl-RNA and DNA oligonucleotides was investi-
gated by melting temperature and CD spectrometric studies.
For comparison, the same experiments were also performed
on a 2′-O-methyl-RNA oligonucleotide having adenosine in
the place of the artificial nucleoside.

2. Results

2.1. Synthesis of 2,6-bis(3,5-dimethylpyrazol-1-yl)purine Ribo-
nucleoside (1) and Its Conversion to a Phosphoramidite
Building Block (2). Synthesis strategy for the phospho-
ramidite building block 2 is presented in Scheme 1. First,
the 2,6-dihydrazinopurine riboside 3 was prepared by
treating 2′,3′,5′-tri-O-acetyl-6-chloro-2-iodopurine riboside
(4) with hydrazine hydrate at room temperature [12].
After that, the hydrazino groups were converted to 3,5-
dimethylpyrazol-1-yl groups with 2,4-pentanedione [13]
and the 5′-OH was protected as a 4,4′-dimethoxytrityl ether.
Finally, the 2′-OH was silylated with TBDMSCl and the 3′-
OH phosphitylated by the conventional methods.

2.2. Synthesis of Oligonucleotides. 2′-O-Methyl-RNA oligo-
nucleotides 7A, 8U, 8A, 8G, 8C, 9U, 9A, 9G, and 9C,
as well as the DNA oligonucleotides 10T, 10A, 10C, and
10G, were synthesized from commercial phosphoramidite
building blocks by conventional phosphoramidite strategy
on an automated synthesizer. The modified phosphoramidite
monomer (2) was incorporated in the middle of a 9-mer 2′-
O-Me-RNA sequence (7X) manually using elongated cou-
pling time (60 min). The coupling yield for building block
2 was 36% and the subsequent couplings proceeded with
normal (approximately 99%) efficiency. The crude oligonu-
cleotides were purified by reversed-phase high-performance
liquid chromatography (RP-HPLC) and characterized by
electrospray ionization mass spectrometry (ESI-MS). The

concentrations of the purified oligonucleotides were deter-
mined UV-spectrophotometrically using molar absorption
coefficients calculated by an implementation of the nearest-
neighbors method. The sequences of the oligonucleotides
synthesized, as well as their RP-HPLC retention times,
wavelengths of UV absorption maxima and observed and
calculated molecular weights are summarized in Table 1.

2.3. NMR Spectrometric Titrations. The formation and sta-
bility of the complexes between the artificial nucleoside 1
and uridine in the presence and absence of Pd2+ were studied
by 1H NMR spectrometric titration. The NMR spectra were
recorded in a 120 mM deuterated phosphate buffer at pH
7.3. The initial concentration of the nucleoside components
of the putative ternary complex, namely, 1 and uridine, was
3.6 mmol L−1, while a deficit of Pd2+ (0.7 eq., 2.5 mmol L−1

as K2PdCl4) was employed to ensure exclusive formation
of the desired ternary complex. The titration was carried
out by diluting the sample with buffer until the uridine
concentration was 0.061 mmol L−1.

Over the entire concentration range studied, two distinct
sets of signals were observed for uridine: one referring to
the free nucleoside and the other one (presumably) to the
ternary complex (Figures 1(a)–1(d)). The two sets of signals
were particularly well resolved in the case of H5 and H1′

resonance of uridine and the integrals of these signals were
used to determine the mole fraction of the complex at
each concentration (Figure 2). To exclude the possibility that
the observed changes in the chemical shifts of the H5 and
H1′ of uridine were caused by Pd2+ alone, a corresponding
experiment with uridine and Pd2+ but without the artificial
nucleoside 1 was carried out (Figures 1(f)–1(i)). In this
case, an upfield change in the chemical shifts of the H5 and
H1′ of uridine was observed, in striking contrast with the
downfield shift associated with formation of the putative
ternary complex. In other words, the H5 and H1′ signals
assigned to uridine in its ternary complex with Pd2+ and the
artificial nucleoside 1 were not observed in the absence of
the latter. No effort was made to characterize the complexes
between uridine and Pd2+ but the NMR spectra suggest that a
number of different relatively weak complexes prevail, again
in sharp contrast with the single strong complex formed in
the presence of the artificial nucleoside 1.

Upon introduction of Pd2+, the signals for the hydrogens
on the pyrazole rings of 1 shift downfield by approximately
0.4 ppm. The signals of two of the methyl substituents of
the pyrazole rings exhibit an even greater downfield shift
(approximately 0.6 and 0.8 ppm, resp.), whereas the other
two are shifted slightly upfield. Adding uridine to the system
hardly affects the chemical shifts of these protons (data not
shown).

As expected, dilution of the sample was accompanied
by decrease of the proportion of signals arising from the
ternary complex (Figures 1(a)–1(d)). However, even at the
lowest concentration employed, that is, 61 μmol L−1, the
mole fraction of the complex was still more than 80% of
the saturation level observed at high concentrations. In the
absence of Pd2+, no complex was formed even though a
high concentration (13.84 mmol L−1) of the nucleosides was
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Scheme 1: Preparation of the phosphoramidite building block 2. Reagents and conditions: (a) H2NNH2·H2O; (b) acetylacetone, THF, TFA;
(c) DMTrCl, pyridine; (d) TBDMSCl, imidazole, DMF; (e) 2-cyanoethyl-N, N-diisopropylchlorophosphoramidite, triethylamine, CH2Cl2.

Table 1: The sequences, RP-HPLC retention times, wavelengths of UV absorption maxima, and observed and calculated molecular weights
of the oligonucleotides prepared.

Sequence tR /minutea λ/nm m/z obsd. m/z calcd.
7X 5′-GCGCXCCGG-3′b 16.0 267.8 3152.8 3152.7
7A 5′-GCGCACCGG-3′ 16.1 257.6 2993.6 2993.8

8U 3′-CGCGUGGCC-5′ 17.2 258.4 2970.6 2970.8

8A 3′-CGCGAGGCC-5′ 17.5 257.6 2993.6 2993.8

8G 3′-CGCGGGGCC-5′ 14.1 257.2 3009.6 3009.8

8C 3′-CGCGCGGCC-5′ 16.6 258.8 2969.6 2969.8

9U 3′-CGCAUAGCC-5′ 11.8 260.2 2938.6 2938.8

9A 3′-CGCAAAGCC-5′ 12.3 259.1 2961.6 2961.8

9G 3′-CGCAGAGCC-5′ 11.9 261.0 2977.6 2977.8

9C 3′-CGCACAGCC-5′ 12.4 267.0 2937.6 2937.8

10T 3′-d(CGCGTGGCC)-5′ 10.8 258.0 2714.3 2714.8

10A 3′-d(CGCGAGGCC)-5′ 10.0 257.2 2723.4 2723.8

10C 3′-d(CGCGCGGCC)-5′ 11.0 271.2 2699.3 2699.8

10G 3′-d(CGCGGGGCC)-5′ 10.5 256.0 2739.4 2739.8
a
See Section 5 for the HPLC conditions. bX refers to the artificial nucleoside 1.

used (Figure 1(e)). In all likelihood, Pd2+ forms a tridentate
chelate with the artificial nucleoside 1 by binding to N1
of the purine ring and N2 of the pyrazolyl moieties, the
fourth coordination site being filled by the N3 of uridine
(Figure 3) [14]. The ability of thymine to form base pairs
mediated by N3-coordinated soft metal ions has previously
been demonstrated and uracil most likely exhibits similar

behavior [15–19]. While no spectra could be obtained at
sufficiently low concentrations to allow for reliable deter-
mination of the stability of the complex, the data at hand
suggest a dissociation constant in the low micromolar range.

2.4. CD Spectropolarimetric Measurements. To obtain infor-
mation about the impact of the modified nucleoside and
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Figure 1: 1H NMR spectra of uridine (H5 and H1′) at various concentrations of uridine, 1 and Pd2+ at pH 7.3. (a) [Urd] = [1] =
3.6 mmol L−1, [Pd2+] = 2.52 mmol L−1; (b) [Urd] = [1] = 1.49 mmol L−1, [Pd2+] = 1.04 mmol L−1; (c) [Urd] = [1] = 0.57 mmol L−1,
[Pd2+] = 0.40 mmol L−1; (d): [Urd] = [1] = 0.061 mmol L−1, [Pd2+] = 0.042 mmol L−1; (e) [Urd] = [1] = 13.84 mmol L−1, [Pd2+] = 0; (f)
[Urd] = 3.6 mmol L−1, [Pd2+] = 2.52 mmol L−1; (g) [Urd] = 1.49 mmol L−1, [Pd2+] = 1.04 mmol L−1; (h) [Urd] = 0.57 mmol L−1, [Pd2+] =
0.40 mmol L−1; (i) [Urd] = 0.061 mmol L−1.

Pd2+ on the secondary structure of oligonucleotides, CD
spectra of the duplexes of the modified (7X) and unmodified
(7A) 2′-O-methyl oligoribonucleotides with complementary
DNA or 2′-O-methyl-RNA oligonucleotides were measured
over a wide temperature range (6–94◦C) in the presence and
absence of Pd2+. The experiments were carried out at pH
7.4 (20 mmol L−1 cacodylate buffer), the ionic strength being
adjusted to 0.1 mol L−1 with NaClO4. The concentration of
the oligonucleotides was 3.0 μmol L−1 in each experiment
and the concentration of Pd2+ (added as K2PdCl4) either
0 or 3.0 μmol L−1. In all cases, at low temperatures the CD
spectra are characteristic of an A-type duplex and almost
all of these duplexes denature on increasing temperature, as
evidenced by the gradual decrease of the CD signals [20–23].
The sole exception to this behavior is the duplex 7X:10T,

having thymidine opposite to the artificial nucleoside. This
duplex seemed to be somewhat resistant to heating in
the presence, but not in the absence, of Pd2+. Illustrative
examples of the CD spectra obtained are presented in
Figure 4 (see Supplementary Material available online at
doi:10.1155/2012/196845).

The thermal loss of ellipticity for selected duplexes in the
presence and absence of Pd2+ is presented in Figures 5–7.
In the case of the 2′-O-methyl-RNA/DNA heteroduplexes,
the unmodified full-match duplex 7A:10T exhibits a sig-
moid curve with an inflection point at approximately
50◦C regardless of the presence of Pd2+ (Figure 5(a)). The
curves for a corresponding mismatched duplex, 7A:10C,
also essentially overlap but are much more linear with no
clear inflection point. With the modified oligonucleotide
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7X, the situation is quite different: the curves for the
“mismatched” duplex 7X:10C in the presence and absence
of Pd2+ overlap with each other and also with the curve
for the “full-match” duplex 7X:10T in the absence of Pd2+

(Figure 5(b)). In the presence of Pd2+, however, duplex
7X:10T is remarkably resistant to heating, losing signifi-
cantly less of its ellipticity than the other combinations. In
other words, the artificial 2,6-bis(3,5-dimethyl-1H-pyrazol-
1-yl)purine nucleobase seems to be able to recognize
thymine, but only in the presence of Pd2+.

With the 2′-O-methyl-RNA homoduplexes between
unmodified oligonucleotides, the ellipticity of the matched
duplex 7A:8U exhibits a strongly sigmoid curve with an
inflection point at approximately 75◦C and the mismatched
duplex 7A:8C shows a similar curve with an inflection point
at approximately 60◦C (Figure 6(a)). The inflection points
are essentially independent on the presence of Pd2+, but in
the case of the mismatched duplex 7A:8C, the loss of elliptic-
ity at high temperatures is somewhat lower in the presence
of Pd2+. In contrast, no discrimination between uridine
and cytidine is observed with the modified oligonucleotide

7X: both duplexes 7X:8U and 7X:8C exhibit largely similar
sigmoid curves with inflection points at approximately 60◦C
(Figure 6(b)). In both cases, the maximum loss of ellipticity
is somewhat lower in the presence of Pd2+. The plots of
the duplexes containing multiple mismatches are essentially
linear and independent on both the sequence and the
presence of Pd2+ (Figure 7).

2.5. Melting Temperature Measurements. The melting tem-
peratures of the duplexes formed between the modified
oligonucleotide 7X and complementary 2′-O-methyl-RNA
or DNA sequences bearing A, G, U (or T), or C nucleoside
opposite to the artificial nucleoside 1 were measured in the
presence and absence of Pd2+. For comparison, the respective
duplexes formed by the unmodified oligonucleotide 7A were
also studied. The Tm values were measured in a 20 mmol L−1

cacodylate buffer at pH 7.4, the ionic strength being adjusted
to 0.1 mol L−1 with NaClO4. The concentration of the
oligonucleotides was 3.0 μmol L−1 in each experiment and
the concentration of Pd2+ (added as K2PdCl4) either 0
or 3.0 μmol L−1. The results of the Tm measurements are
summarized in Table 2.

As expected, the unmodified oligonucleotide 7A forms
the most stable 2′-O-methyl-RNA/DNA heteroduplex with
the fully complementary DNA oligonucleotide 10T, but the
discrimination is not very strict. For example, the full-
match duplex 7A:10T exhibits a Tm value of only 5◦C higher
than the mismatched duplex 7A:10A (50.0 and 45.0◦C,
resp.). Adding 1 eq. of Pd2+ to the oligonucleotide mixtures
has little effect on the stability of any of the duplexes
studied. Unexpectedly, all of the respective heteroduplexes
formed by the modified oligonucleotide 7X turned out to
be significantly more stable than the ones formed by 7A,
with Tm values ranging from 58.6 to 62.6◦C. The most
stable duplex was the one between 7X and 10T, although
the selectivity was even lower than in the case of 7A.
Furthermore, the selectivity is only marginally improved in
the presence of Pd2+.

In the case of the 2′-O-methyl-RNA homoduplexes, the
unmodified oligonucleotide 7A expectedly forms the most
stable duplex with the fully oligonucleotide 8U placing a
uridine opposite to the central adenosine of 7A (Tm =
75◦C). Introducing a mismatch on both sides of this central
base pair results in Tm a drop of 46◦C with a matched
central base pair (7A:8U → 7A : 9U) and a drop of 12–
17◦C with a mismatched central base pair (7A:8A → 7A:9A,
7A:8G → 7A:9G, and 7A:8C → 7A:9C). When the central
adenosine of 7A is replaced with the artificial nucleoside 1
(resulting in the modified oligonucleotide 7X), Tm values of
approximately 60◦C are observed with all the homoduplexes
studied, both in the presence and in the absence of Pd2+.
In other words, the modification is strongly destabilizing
compared to the full-match 2′-O-methyl-RNA homoduplex
7A:8U, neither stabilizing nor destabilizing in the 2′-O-
methyl-RNA homoduplexes containing a single mismatch
and, unexpectedly, strongly stabilizing in the 2′-O-methyl-
RNA homoduplexes containing multiple mismatches (as well
as in the 2′-O-methyl-RNA/DNA heteroduplexes).



6 Journal of Nucleic Acids

220 240 260 280 300 320

0.00005

0.0001

0.00015

0.0002

0.00025

−0.00005

0

−0.0001

λ (nm)

Δ
A

(a)

220 240 260 280 300 320

0.00005

0.0001

0.00015

0.0002

λ (nm)

−0.00005

0

Δ
A

(b)

220 240 260 280 300 320

0

0.00005

0.0001

0.00015

0.0002

λ (nm)

−0.00005

−0.0001

Δ
A

(c)

220 240 260 280 300 320

0.00005

0.0001

0.00015

−0.00005

0

Δ
A

λ (nm)

(d)

220 240 260 280 300 320

0.0001

0.0002

0.0003

0.0004

−0.0002

−0.0001

0

λ (nm)

Δ
A

(e)

220 240 260 280 300 320

0.0001

0.0002

0.0003

0

−0.0001

λ (nm)

Δ
A

(f)

Figure 4: CD spectra of the duplexes formed between the modified (7X) or unmodified (7A) oligonucleotide and complementary DNA
oligonucleotides having thymidine (10T) or 2′-deoxycytidine (10C) opposite to the artificial monomer (or adenosine) in the presence and
absence of Pd2+; [oligonucleotides] = 3.0 μM, [K2PdCl4] = 0/3.0 μM, I(NaClO4) = 0.1 mol L−1, pH = 7.4. (a) 7X:10T, (b) 7X:10T + Pd2+, (c)
7X:10C, (d) 7X:10C + Pd2+, (e) 7A:10T, (f) 7A:10T + Pd2+.

3. Discussion

The Pd2+ chelate of the 2,6-bis-(3,5-dimethylpyrazol-1-yl)
purine nucleobase presented in this study has no poten-
tial for hydrogen bonding interactions with the canonical

nucleobases—in other words, its base pairing relies solely
on metal ion coordination. On the other hand, the mod-
ified nuclobase presents a much greater surface for π-π
stacking interactions and the observed Pd2+-independent
stabilization of the mismatched and 2′-O-methyl-RNA/DNA
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Figure 6: Temperature versus 1−ΔA/ΔA(max) profiles of the duplexes of the modified (7X) and unmodified (7A) oligonucleotides with the
2′-O-methyl-RNA oligoribonucleotides 8U and 8C in the presence and absence of Pd2+; [oligonucleotides] = 3.0 μM, [K2PdCl4] = 0/3.0 μM,
scan range 220–320 nm; I(NaClO4) = 0.1 mol L−1; pH = 7.4.
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heteroduplexes is probably a result of this enhanced base-
stacking. The Pd2+-dependent selective recognition of a
thymine base within a complementary DNA oligonucleotide,
in turn, is probably attributable to two factors, namely,
the relatively small size of the thymine base, as well as
its potential to act as an anionic nitrogen ligand. Of the
four native nucleobases, only the pyrimidines may form
a base pair of Watson-Crick geometry with the artificial
metallo-nucleobase (and even these base pairs would be
approximately 1.3 Å longer than the natural ones). Of the
two pyrimidine nucleobases, only thymine (or uracil) is
readily deprotonated to yield a negatively charged nitrogen
ligand with a significantly greater affinity for metal ions.
Indeed, HgII has been shown to selectively bind to a T-
T mispair within a double-stranded oligonucleotide by
coordinating to the N3 of both thymine residues [16–19].
The fact that no selectivity for uracil is observed with the
2′-O-methyl-RNA homoduplexes may be reasoned if the
bulky dimethylpyrazole moieties cause a large enough steric
hindrance to prevent the metallo-base pair from assuming
planar geometry. Presumably, a nonplanar base pair should
be more easily accommodated within the more flexible 2′-
O-methyl-RNA/DNA heteroduplex than the relatively rigid
2′-O-methyl-RNA homoduplex.

4. Conclusions

A 2′-O-methyl-RNA oligonucleotide incorporating an arti-
ficial nucleobase that serves as a tridentate chelate for soft
metal ions has been synthesized. When hybridized with

a complementary DNA oligonucleotide, this modified oli-
gonucleotide selectively recognizes a thymine residue oppo-
site to the artificial nucleobase. The discrimination is some-
what more pronounced in the presence of 1 eq. of Pd2+,
but the difference is too small to be taken as compelling
evidence for the formation of a metal-ion-mediated base
pair between thymidine and 1. Within fully matched 2′-
O-methyl-RNA homoduplexes, the modification is destabi-
lizing regardless of the presence of Pd2+, probably because
the proposed metallo-base pair cannot assume a planar
geometry needed to fit within the relatively tight base stack of
these oligonucleotides. Within mismatched duplexes, as well
as 2′-O-methyl-RNA/DNA heteroduplexes, the modification
is stabilizing but the effect is rather sequence and Pd2+

independent, suggesting that the origin of this stabilization
is the large π-π stacking surface of the artificial nucleobase.

The metal-ion-carrying nucleobase presented in this
study represents a reference structure with no potential of
specific interactions with the natural nucleobases and the
preference for thymine is probably based on its small size
and ability to serve as an anionic nitrogen ligand. The fact
that the strong base pairing observed at the monomeric
level is only modestly reflected in the thermal stability of
the respective double-stranded oligonucleotide is most likely
due to difficulties in accommodating this (presumably) non-
planar base pair within an oligonucleotide environment. It
should be noted that the CD and Tm studies do not provide
first-hand information on the interactions (if any) between
thymine (or uracil) and the Pd2+ complex of the artificial
nucleoside 1. In other words, the possibility that within a
double-stranded oligonucleotide, a complex of a different
geometry prevails cannot be completely ruled out. More
elaborate structures featuring additional hydrogen bonding
interactions as well as carefully placed steric constraints will,
in all likelihood, exhibit greatly enhanced affinity and selec-
tivity. For example, replacing the dimethylpyrazole moieties
with monosubstituted hydrazines would result in a structure
not only sterically less hindered than 1 but also capable of
donating two hydrogen bonds to the oxo substituents of
thymine or uracil. On the other hand, using a pyrimidine,
rather than a purine, nucleoside as the parent compound
would alleviate some of the steric crowding caused by the
relatively bulky Pd2+ ion. Finally, other soft metal ions could
be screened to find the optimal combination of affinity and
selectivity.

5. Experimental

5.1. General. 2′,3′,5′-Tri-O-acetyl-6-chloro-2-iodopurine r-
iboside was a commercial product that was used as received.
For the triethylammonium acetate buffer used in HPLC
chromatography, triethylamine was distilled before using.
The NMR spectra were recorded with a Bruker Avance
500 NMR spectrometer and the chemical shifts are given
in ppm. The mass spectra were recorded with a Bruker
micrOTOF-Q ESI-MS spectrometer and the CD spectra with
an Applied Photophysics Chirascan spectropolarimeter. The
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Table 2: The Tm of the duplexes formed between modified (7X) or unmodified (7A) oligonucleotide and complementary 2′-O-methyl-
RNA (or DNA) sequences bearing A, G, U (or T), or C nucleoside opposite to the artificial nucleoside 1 (in the case of oligonucleotide 7X)
or adenosine (in the case of oligonucleotide 7A) in the presence and absence of Pd2+; [oligonucleotides] = 3.0 μM, [K2PdCl4] = 0/3.0 μM,
I(NaClO4) = 0.1 M; pH = 7.4.

Complementary
oligonucleotide

Sequence

Tm/◦C, duplex with 7X Tm/◦C, duplex with 7A

(5′-GCGCXCCGG-3′) (5′-GCGCACCGG-3′)

Pd2+ Pd2+

+ − + −
8U 3′-CGCGUGGCC-5′ 60.6± 0.6 61.8± 0.4 73.7± 0.1 75.1± 0.3

8A 3′-CGCGAGGCC-5′ 61.6± 0.1 61.4± 0.4 56.3± 0.1 56.3± 0.2

8G 3′-CGCGGGGCC-5′ 60.1± 0.6 61.6± 0.3 60.4± 0.1 61.2± 0.3

8C 3′-CGCGCGGCC-5′ 59.9± 0.4 60.7± 0.2 58.8± 0.2 59.0± 0.2

9U 3′-CGCAUAGCC-5′ 60.4± 0.1 60.4± 0.3 27.6± 0.1 26.9± 0.3

9A 3′-CGCAAAGCC-5′ 61.7± 0.9 61.0± 0.9 44.3± 0.6 43.6± 0.7

9G 3′-CGCAGAGCC-5′ 60.1± 0.2 61.8± 0.4 43.5± 0.9 44.3± 0.3

9C 3′-CGCACAGCC-5′ 61.1± 0.3 60.3± 0.5 43.9± 0.7 45.7± 0.8

10T 3′-d(CGCGTGGCC)-5′ 62.6± 1.3 60.8± 0.2 49.5± 0.5 50.0± 0.1

10A 3′-d(CGCGAGGCC)-5′ 59.1± 0.9 60.5± 0.5 43.5± 0.4 45.0± 0.3

10C 3′-d(CGCGCGGCC)-5′ 60.7± 0.2 61.6± 0.1 45.5± 0.1 50.3± 0.2

10G 3′-d(CGCGGGGCC)-5′ 58.6± 0.4 60.2± 0.2 40.8± 0.9 43.9± 0.5

oligonucleotides were assembled on an Applied Biosystems
3400 DNA/RNA synthesizer.

5.2. 9-(β-d-Ribofuranosyl)-2,6-dihydrazinopurine (3). To
neat hydrazine hydrate (6.5 mL, 134 mmol) was added 2′,
3′, 5′-tri-O-acetyl-6-chloro-2-iodopurine riboside (1.03 g,
1.91 mmol) and the resulting mixture was stirred for 14 d
at room temperature. Over the course of the first day, the
appearance of the reaction mixture changed from yellowish
and cloudy to clear and colorless to light red, followed by
formation of a white precipitate. The reaction mixture was
diluted with 2-propanol (15 mL) and stirred for 15 min, after
which the precipitate was collected by filtration and washed
with cold 2-propanol (2 × 100 mL). Finally, the precipitate
was dried under vacuum to yield 0.534 g (89%) of 2 as a
white powder. 1H NMR (500 MHz, DMSO-d6) δH 7.92 (s,
1H, H8), 5.76 (d, 1H, H1′, J = 6.3 Hz), 4.56 (dd, 1H, H2′,
J1 = 5.35, J2 = 5.50 Hz), 4.11 (dd, 1H, H3′, J1 = 3.1 Hz, J2
= 4.95), 3.89 (m, 1H, H4′), 3.61 (dd, 1H, H5′ J1 = 3.9 Hz,
J2 =11.9 Hz), 3.52 (dd, 1H, H5′′ J1 = 3.9 Hz, J2 =11.9 Hz).
13C NMR (125 MHz, DMSO) δC 162.2, 155.9, 136.8, 136.7,
113.5, 87.4, 85.9, 73.6, 71.2, 62.2. HRMS (ESI+): m/z calcd
313.1367 obsd 313.1378 [M+H]+.

5.3. 9-(β-d-Ribofuranosyl)-2, 6-bis(3,5-dimethylpyrazol-1-yl)
purine (1). To dry compound 3 (0.337 g, 1.08 mmol) was
added 6.4 eq. of dry 2,4-pentanedione (0.70 mL,
6.912 mmol) and 0.1 eq. of trifluoroacetic acid (8.27 μL,
0.108 mmol). The reaction mixture was stirred at room
temperature for 16 h, during which time the product
crystallized. The volatiles were removed under reduced
pressure to yield crude 1 that was used in the next step with-
out further purification. For the NMR titrations, a small
sample was purified by silica gel chromatography eluting

with a mixture of MeOH, CH2Cl2 and Et3N (9 : 90 : 1, v/v).
1H NMR (500 MHz, D2O) δH 8.46 (s, 1H, H8), 6.02 (d, 1H,
H1′, J = 5.0 Hz), 6.0 (s, 1H, pyrazole), 5.88 (s, 1H, pyrazole),
4.61 (dd, 1H, H2′, J1 = J2 = 5.1 Hz), 4.27 (dd, 1H, H3′, J1 =
5.1 Hz, J2 = 5.0 Hz), 4.1 (m, 1H, H4′), 3.78 (dd, 1H, H5′,
J1 = 2.7 Hz, J2 =12.8 Hz), 3.7 (dd, 1H, H5′′, J1 = 2.7 Hz, J2
= 12.8 Hz), 2.30 (s, 3H, CH3), 2.28 (s, 3H, CH3), 2.12 (s,
3H, CH3), 2.04 (s, 3H, CH3). 13C NMR (125 MHz, D2O) δC
153.9, 153.8, 152.1, 150.5, 149.6, 146.8, 143.8, 143.5, 107.5,
106.4, 70.5, 68.0, 67.8, 28.9, 27.9, 23.1, 13.8, 13.0, 12.5, 12.3.
HRMS (ESI+): m/z calcd 441.1993 obsd 441.2036 [M + H]+.

5.4. 9-[5-O-(4,4′-Dimethoxytrityl)-β-d-ribofuranosyl]-2,6-
bis(3,5-dimethylpyrazol-1-yl)purine (5). To a solution of cru-
de compound 1 (0.477 g, 1.08 mmol) in dry pyridine (10 mL)
was added 1.6 eq. of DMTrCl (0.589 g, 1.738 mmol). The
reaction mixture was stirred for 4 d at room temperature,
after which it was concentrated under reduced pressure.
The residue was dissolved in CH2Cl2 (40 mL) and washed
with saturated aq. NaHCO3 (50 mL). The organic phase was
dried with Na2SO4 and evaporated to dryness. The residue
was purified by silica gel chromatography eluting with a
mixture of EtOAc, hexane, and Et3N (stepwise gradient from
60 : 39 : 1 to 99 : 0 : 1, v/v). Yield 0.765 g (82.7%). 1H NMR
(500 MHz, CDCl3) δH 8.36 (s, 1H, H8), 7.24 (m, 9H, Ar),
6.77 (m, 4H, Ar), 6.43 (d, 1H, H1′, J = 6.4 Hz), 6.11 (s, 1H,
pyrazole), 6.05 (s, 1H, pyrazole), 4.74 (dd, 1H, H2′, J1 =
5.4 Hz, J2 = 5.5 Hz), 4.42 (m, 2H, H3′ & H4′), 3.76 (s, 6H,
OCH3), 3.44 (dd, 1H, H5′, J1 = 3.4 Hz, J2 =10.5 Hz), 3.27
(dd, 1H, H5′′, J1= 3.4 Hz, J2 = 10.5 Hz), 2.66 (s, 3H, CH3),
2.63 (s, 3H, CH3), 2.39 (s, 3H, CH3), 2.27 (s, 3H, CH3).
13C NMR (125 MHz, CDCl3) δC 158.5, 153.1, 151.2, 150.7,
150.4, 149.8, 149.5, 144.4, 143.2, 142.8, 142.7, 135.5, 130.1,
128.1, 127.9, 126.9, 123.8, 122.9, 113.3, 110.5, 110.1, 88.9,
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86.6, 85.6, 76.1, 72.2, 63.5, 55.2, 14.8, 14.1, 13.9, 13.8. HRMS
(ESI+): m/z calcd 765.3227 obsd 765.3125 [M + Na]+.

5.5. 9-[5-O-(4,4′-Dimethoxytrityl)-2-O-tert-butyldimethylsi-
lyl-β-d-ribofuranosyl]-2,6-bis(3,5-dimethylpyrazol-1-yl)pur-
ine (6). To a solution of dry compound 5 (0.543 g,
0.731 mmol) in dry DMF (10 mL) was added a solution of
dry imidazole (0.5 g, 7.34 mmol) in DMF (15 mL), followed
by 2.63 eq. of TBDMSCl (0.29 g, 1.92 mmol). After being
stirred for 4 days, the reaction was quenched by adding
MeOH (3 mL). Stirring was continued for 7 min, after which
EtOAc (40 mL) and water (50 mL) were added and the
organic and aqueous phases separated. The organic phase
was dried with Na2SO4 and evaporated to dryness. The
residue was purified by silica gel chromatography eluting
with a mixture of EtOAc, CH2Cl2, and Et3N (stepwise
gradient from 10 : 89 : 1 to 20 : 79 : 1, v/v). Yield 0.527 g
(84%). 1H NMR (500 MHz, CDCl3) δH 8.37 (s, 1H, H8),
7.31 (m, 9H, Ar), 6.82 (m, 4H, Ar), 6.23 (d, 1H, H1′, J =
5.9 Hz), 6.10 (s, 1H, pyrazole), 6.04 (s, 1H, pyrazole), 4.79
(dd, 1H, H2′, J1 = 5.5 Hz, J2 = 5.6 Hz), 4.32 (m, 1H, H3′),
4.27 (m, 1H, H4′), 3.77 (s, 6H, OCH3), 3.52 (dd, 1H, H5′,
J1 = 3.5 Hz, J2 = 9.2 Hz), 3.38 (dd, 1H, H5′′, J1 = 2.4 Hz,
J2 = 9.2 Hz), 2.82 (s, 3H, CH3), 2.65 (s, 3H, CH3), 2.40 (s,
3H, CH3), 2.33 (s, 3H, CH3), 0.82 (s, 9H, Si–CCH3), 0.00
(s, 3H, SiCH3), −0.17 (s, 3H, SiCH3). 13C NMR (125 MHz,
CDCl3) δC 158.6, 154.6, 153.4, 151.5, 150.8, 150.1, 144.4,
144.2, 142.5, 142.2, 135.4, 130.0, 128.0, 127.0, 121.8, 113.3,
110.7, 109.8, 87.3, 86.8, 84.2, 76.7, 71.7, 63.6, 55.2, 25.7,
25.5, 17.9, 15.0, 14.3, 13.9, −4.8, −5.1. HRMS (ESI+): m/z
calcd 879.4092 obsd 879.4038 [M + Na]+.

5.6. 9-{5-O-(4,4′-Dimethoxytrityl)-2-O-tert-butyldimethylsi-
lyl-3-O-[(2-cyanoethoxy)-(N,N-di-isopropylamino)phosphin-
yl]-β-d-ribofuranosyl}-2,6-bis(3,5-dimethylpyrazol1yl)purine
(2). To a solution of dry compound 6 (114 mg, 0.133 mmol)
in dry DCM (4 mL) was added 9 eq. of dry Et3N
(0.167 mL, 1.197 mmol) and 2.5 eq. of 2-cyanoethyl-N,N-di-
isopropylchlorophosphoramidite (75 μL, 0.333 mmol). The
mixture was stirred under nitrogen atmosphere for 3 days,
after which the reaction was quenched with MeOH (200 μL).
Stirring was continued for 10 min, after which CH2Cl2
(40 mL) was added and the resulting solution washed with
saturated aq. NaHCO3 (40 mL). The organic phase was dried
with Na2SO4 and evaporated to dryness. The residue was
purified by silica gel chromatography eluting with a mixture
of EtOAc, CH2Cl2, and Et3N (10 : 89 : 1, v/v). Yield 0.111 g
(79%). 1H NMR (500 MHz, CDCl3) δH 8.41 (s, 1H, H8),
7.33 (m, 9H, Ar), 6.83 (m, 4H, Ar), 6.29 (m, 1H, H1′), 6.10
(s, 1H, pyrazole), 6.04 (s, 1H, pyrazole), 4.82 (dd, 1H, H2′,
J1 = J2 = 5.50 Hz), 4.35 (m, 2H, H3′ & H4′), 3.78 (s, 6H,
OCH3), 3.62 (m, 2H, CH2), 3.60 (m, 1H, H5′), 3.50 (m, 1H,
H5′′), 2.86 (s, 3H, CH3), 2.67 (s, 3H, CH3), 2.64 (s, 2H, CH),
2.40 (s, 3H, CH3), 2.33 (s, 3H, CH3), 2.27 (m, 2H, CH2),
1.19 (d, 6H, CH3, J = 7.5 Hz), 1.05 (d, 6H, CH3, J = 8.3 Hz),
0.75 (s, 9H, Si–CCH3), 0.00 (s, 3H, SiCH3), −0.16 (s, 3H,
SiCH3). 13C NMR (125 MHz, CDCl3) δC 158.6, 154.9, 153.2,
151.5, 150.8, 150.1, 144.3, 144.2, 142.5, 142.4, 142.1, 135.3,

130.1, 130.0, 128.1, 128.0, 127.1, 121.8, 117.5, 113.3, 110.6,
109.8, 86.9, 86.8, 84.7, 84.1, 72.9, 63.5, 58.9, 58.8, 55.2, 43.0,
25.6, 24.6, 20.5, 18.0, 15.0, 14.9, 14.3, 13.9, −4.6, −5.0, −5.1.
31P NMR (162 MHz, CDCl3) δP 152.1, 148.9. HRMS (ESI+):
m/z calcd 1057.5218 obsd 1057.5188 [M + H]+.

5.7. Oligonucleotide Synthesis. The oligonucleotides were
assembled on a CPG-supported succinyl linker at a loading of
27 mmol g−1. Standard phosphoramidite strategies for RNA
(600 s coupling time) or DNA (20 s coupling time) were used
throughout the sequences, except for the modified phos-
phoramidite building block 2, which was coupled manually
using an increased coupling time (60 min). Based on trityl
response, coupling yield for building block 2 was 36% and
the other couplings proceeded with normal efficiency. The
products were released from support and deprotected by
conventional treatment with 33% aq. NH3 (5 hours at 55◦C).
The crude oligonucleotides were purified by RP-HPLC on
a Hypersil ODS column C18 (250 × 4.6 mm, 5 μm) eluting
with a mixture of 0.10 mol L−1 aq. triethylammonium acetate
and MeCN, the flow rate being 1.0 mL min−1. The amount
of MeCN was increased linearly from 10 to 40% during
25 min for the 2′-O-methyl-RNA oligonucleotides and from
10 to 30% during 25 min for the DNA oligonucleotides. The
purified products were characterized by ESI-MS analysis.
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