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Oxidative stress is an important aspect of toxicology and
therefore of considerable interest. It can be traced back to
1954 when Gerschman et al. propounded the free radical
theory which for the first time implicated partially reduced
forms of oxygen in its toxic mechanism [1].This was followed
by Harman in 1956 proposing the concept of free radicals
playing a role in the ageing process [2]. The discovery of
superoxide dismutase by McCord and Fridovich in 1969 [3]
was a second landmark in the role of free radicals in biological
systems [4].The third era of free radicals in biological systems
dates back to 1977 when Mittal and Murad [5] provided
evidence that the hydroxyl radicals, ∙OH, stimulate activation
of guanylate cyclase and formation of the “secondmessenger”
cyclic guanosine monophosphate [4]. Since then a large body
of evidence indicates that living systems not only gener-
ate free radicals but also have developed mechanisms for
simultaneous coexistence and optimal use of free radicals to
their advantage. The cellular defenses include low molecular
weight free radical scavengers such as reduced glutathione,
𝛼-tocopherol, thioredoxins, and ascorbic acid, as well as
enzymatic defenses such as superoxide dismutase, catalase,
and glutathione peroxidase. Biological sources of free radicals
include mitochondrial electron transport chain, enzymes
like cytochrome P450, xanthine oxidase, and phagocytosis.
Reactive oxygen species (ROS) and reactive nitrogen species
(RNS) are well known for playing a dual role as both
deleterious and beneficial species, since they can be either
harmful or beneficial to living systems [4]. Beneficial effects
of ROS occuring at low/moderate concentrations involve
physiological roles in cellular responses to anoxia, in defense
against infectious agents and in the function of a number of

cellular signaling systems. One further beneficial example of
ROS at low/moderate concentrations is the induction of a
mitogenic response [4]. The harmful effect of free radicals
causing potential biological damage is termed oxidative
stress and nitrosative stress [4]. This occurs in biological
systems when there is an overproduction of ROS/RNS on
one hand and a deficiency of enzymatic and nonenzymatic
antioxidants on the other hand. Therefore oxidative stress
represents a disturbance in the equilibrium status of prooxi-
dant/antioxidant reactions in living organisms. Excess of ROS
can damage cellular lipids, proteins, nucleic acids, and other
macromolecules inhibiting their normal functions.

In addition to disease states, oxidative stress has been
implicated in the mechanisms of drug-induced toxicity [6],
chemical toxicity [7], and more recently in nanoparticles-
induced toxicity. Metals like iron, copper, chromium, vana-
dium, and cobalt undergo redox-cycling reactions and thus
participate in free radical generation. Other metals like mer-
cury, cadmium, and nickel are toxic by their ability to deplete
glutathione and bind to sulfhydryl groups of proteins [8].
Toxicants cause tissue damage via diverse mechanisms, many
of which involve activation of cell survival and apoptotic
pathways. One of the key areas of recent interest is the role
that oxidative stress and nitrative stress play in mediating
the response to toxicants via this cytotoxic pathway [9].
However the question whether uncontrolled formation of
ROS is a primary cause or a downstream consequence of the
pathological process remains to be answered [4]. Therefore
in this special issue an attempt has been made to include
reviews and research papers which update our knowledge
about the role of free radicals in the toxicological processes
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and identify gaps in knowledge which would lead to a better
understanding of toxicological pathogenesis.
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Verbascoside (VB) is a bioactive polyphenol from olive oil mill wastewater with known antioxidant activity. Oxidative stress is an
emerging problem in assisted reproductive technology (ART). Juvenile ART is a promising topic because, in farm animals, it reduces
the generation gap and, in human reproductive medicine, it helps to overcome premature ovarian failure. The aim of this study
was to test the effects of VB on the developmental competence of ovine prepubertal oocytes and the bioenergetic/oxidative stress
status of fresh and vitrified oocytes. In fresh oocytes, VB exerted prooxidant short-term effects, that is, catalase activity increase
and uncoupled increases of mitochondria and reactive oxygen species (ROS) fluorescence signals, and long-term effects, that is,
reduced blastocyst formation rate. In vitrified oocytes, VB increased ROS levels. Prooxidant VB effects in ovine prepubertal oocytes
could be related to higher VB accumulation, which was found as almost one thousand times higher than that reported in other cell
systems in previous studies. Also, long exposure times of oocytes to VB, throughout the duration of in vitro maturation culture,
may have contributed to significant increase of oocyte oxidation. Further studies are needed to identify lower concentrations and/or
shorter exposure times to figure out VB antioxidant effects in juvenile ARTs.

1. Introduction

Verbascoside (VB) or acteoside is a phenylpropanoid gly-
coside structurally characterized by the caffeic acid linked
by a 𝛽-(D)-glucopyranoside to 4,5-hydroxyphenylethanol
(hydroxytyrosol) bound through ester and glycosidic links,
with a rhamnose in sequence (1–3) to the glucose molecule.
Verbascoside can be extracted, as other phenolic compounds,

from primary plants, such as olives, but it is also present in a
good amount in olive oil mill wastewater (OMWW), a phyto-
toxic material discarded during olive oil production [1]. For
long time, OMWW has been regarded as a hazardous waste
with negative impact on the environment and an economic
burden on olive oil industry. However, this view has recently
changed to recognise OMWWas a potential low cost starting
material rich in bioactive compounds, particularly phenolic
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compounds, which can be used as natural antioxidants in var-
ious systems [2]. Anti-inflammatory activity of VB has also
been demonstrated by in vitro tests performed on cell cultures
of primary human keratinocytes [3], on the inflammatory
bowel disease in a mouse model [4], and on glioma cell line
(G6) [5]. Other studies demonstrate that VB prevents reactive
oxygen species (ROS) related damages in different ways,
such as by interfering with initial ROS generating reactions,
by scavenging the free oxygen molecules required to begin
ROS production, by chelating metals that speed up oxidative
processes, and by inducing glutathione transferase (GST)
activity [6, 7]. In a recent study, VB antioxidant activity has
been evidenced by using two different bioassays: a cell-free
system, based on in vitro copper (Cu+) induced low density
lipoproteins (LDL) peroxidation, and an in vitro cultured cell
system (HT-29 intestinal cell line), based on the observation
of VB effects on intracellular ROS levels [2].

Oxidative stress occurs if disequilibrium between ROS
production and the antioxidative capacity of the cell takes
place [8]. Reactive oxygen species, such as superoxide anion
(O
2

−) inactivated by the superoxide dismutase (SOD), hydro-
gen peroxide (H

2

O
2

) inactivated by catalase (CAT), and
hydroxyl radical (OH−) inactivated by glutathione peroxidase
(GPX), are oxygen-derived molecules which have the ability
to react with anymolecule andmodify it oxidatively, resulting
in structural and functional alterations. They are not just
damaging by-products of respiration but, at low concentra-
tion, are also important molecules for cell signalling within
intracellular compartments [9]. Reactive oxygen species have
also been implicated in the aetiology of some forms of female
infertility [10]. The effects of ROS on oocytes can be clearly
evidenced in assisted reproductive techniques (ARTS) set-
ting, due to the reduction or lack in the culture environment
of physiological defence mechanisms available in the female
reproductive tract, such as the follicular and oviductal fluids
and cumulus oophorus matrix [11].

A major source for ROS production is the mito-
chondrion, in which they are produced during oxida-
tive phosphorylation [12–14]. Mitochondria are essential
organelles in all eukaryotic cell systems, as the power-
house to provide ATP for a multitude of cellular pro-
cesses. They are the hub of metabolic pathways, primary
sources of ROS, regulators of apoptosis as well as signal
transduction regulators, and buffers of intracellular cal-
cium [15, 16]. Increasing evidences show the essential role
of mitochondria as determinants for developmental com-
petence for human and mammalian oocytes [17–19]. Mito-
chondrial (mt) dysfunctions or abnormalities may compro-
mise developmental processes, by inducing chromosomal
segregation disorders, maturation and fertilization failures,
or embryonic cell fragmentation resulting in mitochondria-
driven apoptosis.Mitochondrial distribution and activity and
oxidative stress status have been analyzed by confocal laser
scanning microscopy (CLSM) in oocytes of several species
[20].

In vitro embryo production (IVP) using oocytes derived
from prepubertal subjects in conjunction with in vitro emb-
ryo transfer, termed as juvenile in vitro embryo transfer
(JIVET), is pursued with the aim of increasing the rate

of genetic gain through a reduction of the generation gap
[21, 22]. Moreover, this technology could be employed in
human ART to preserve female fertility of young adolescent
or paediatric premenarcheal patients affected by cancer or by
different forms of premature ovarian failure [23–25]. Awidely
used animal model for the JIVET research field is the ovine
species, but despite considerable research and great interest in
this technology, the efficiency of JIVET remains low mainly
due to reduced meiotic and developmental competence
of prepubertal oocytes [22, 26]. In addition to biological
concerns, JIVET technology has the need of oocyte cry-
opreservation which still strictly affects prepubertal oocyte
fertilization and developmental competence. Among cryop-
reservation procedures, vitrification, that is, the solidification
of a solution at low temperature, a process achieved by a
combination of a high concentration of cryoprotectants and
an extremely high cooling rate, is an alternative approach to
slow freezing, because it avoids the formation of ice crystals in
the intracellular and extracellular spaces [27–31]. Few papers
have been published to date on vitrification of prepubertal
farm animal oocytes [32–34] as well as in human pediatric
oocytes [35]. Also, few studies on mt bioenergetic potential
of fresh or vitrified prepubertal oocytes have been reported in
farm animals to date [36, 37] but no studies in humans. Lastly,
no data on oxidative stress parameters of prepubertal oocytes
are available in the literature in any species. In this context,
studies aimed to evaluate the potentially antioxidant activity
of natural bioactive compounds, such as phenolic compounds
and polyphenols, present in plant-derived by products would
be beneficial to improve cryopreservation and in vitro culture
protocols of prepubertal oocytes.

The aim of the present study was to test the effects of VB,
added during in vitro maturation (IVM) culture, on oocyte
maturation, cleavage, and blastocyst formation rates of fresh
oocytes and on bioenergetic/oxidative status of fresh and
vitrified oocytes. Moreover, the stability of VB in the IVM
culture system and its absorptive potential by the oocyte-
cumulus complex (OCC) were also assessed.

2. Materials and Methods

All chemicals were purchased from Sigma-Aldrich (Milano,
Italy) unless otherwise indicated.

2.1. Verbascoside Extraction and Purification and HPLC Anal-
ysis. Verbascoside was recovered from OMWW following
the protocol described by Cardinali et al. [1]. Verbascoside
was purified by low-pressure gel filtration chromatography
on a Sephadex LH-20 column (40 cm × 1.6 cm, Pharmacia)
and quantified by High Performance Liquid Chromatog-
raphy with diode array detection (HPLC-DAD) analysis.
Analytical-scale HPLC analyses of VB were performed
using a Thermo Scientific HPLC Spectra System equipped
with a P2000 gradient pump, an SCM1000 vacuum mem-
brane degasser, a UV6000LP diode array UV-VIS detector,
an AS3000 autosampler, and ThermoQuest software. The
ChromQuest Chromatography data system 4.1 version was
used for spectra and data processing. For the HPLC analysis,
an analytical Phenomenex (Torrance, CA) Luna C18 (5𝜇m)
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column (4.6 × 250mm) was used throughout this work.
The solvent system consisted of (A) methanol and (B) acetic
acid/water (5 : 95, v/v). The elution profile was 0–25min 15–
40% A in B (linear), 25–30min 40% A in B (isocratic),
30–45min 40−63% A in B (linear), 45−47min 63% A in
B (isocratic), and 47–51min 63–100% A in B (linear). The
flow rate was 1mL/min. Samples of 25 𝜇L were applied to the
column by means of a 25𝜇L loop valve.

2.2. Oocyte Collection. Ovaries from juvenile (less than 6
months of age) sheep, recovered at two local slaughterhouses,
located at a maximum distance of 20 km (30min) from the
laboratory, were processed by the slicing procedure [38].Only
OCCs with intact cumulus cells layers and a homogeneous
cytoplasm were selected.

2.3. Oocyte In Vitro Maturation. In vitro maturation was
performed following the procedures currently in use in the
two laboratories (Bari and Sassari). Experiments performed
in Sassari aimed to assess the effect of VB exposure during
IVM on oocyte nuclear maturation, cleavage and blastocyst
developmental rates and on the viability of vitrified/warmed
metaphase II (MII) oocytes. Oocytes were cultured in the
conditions described by Bogliolo et al. (Medium 1; [39]).
In vitro maturation was performed in TCM-199, buffered
with 249mM sodium bicarbonate and supplemented with
1.8 𝜇M sodium pyruvate, 10% Oestrus Sheep Serum (OSS),
0.1 IU/mL FSH, 0.1 IU/mL LH, 100𝜇M cysteamine, 0.1 g/L
penicillin, and 0.1 g/L streptomycin. Oocyte-cumulus com-
plexes were cultured in four-well Petri dishes (Nunclon;
Nalge Nunc International, Roskilde, Denmark) covered
with 300 𝜇L preequilibrated mineral oil for 24 h under
5% CO

2

in air at 38.5∘C. Experiments conducted in Bari
aimed to perform confocal microscopy and biochemical
analyses of bioenergetic/oxidative status of fresh and vit-
rified/warmed MII oocytes exposed to VB during IVM
culture and to perform the stability and uptake assays. Ooc-
ytes were cultured as reported by Martino et al. [40] with
some modifications (Medium 2). Medium TCM-199 with
Earle’s salts, buffered with 4.43mM 4-(2-hydroxyethyl)-1-
piperazineethanesulfonic acid (HEPES) and 33.9mMsodium
bicarbonate and supplemented with 0.1 g/L L-glutamine,
2mM sodium pyruvate, 2.92mM calcium-L-lactate pentahy-
drate (Fluka 21175; Serva Feinbiochem), 50𝜇g/mL gentam-
icin, 10% (v/v) Fetal Calf Serum (FCS), 10 𝜇g/mL ovine FSH
and 20𝜇g/mL ovine LH, and 1𝜇g/mL 17 beta estradiol was
used. Oocyte-cumulus complexes were placed in 400 𝜇L of
medium/well of a four-well dish (Nunc Intermed, Roskilde,
Denmark) covered with preequilibrated lightweight paraffin
oil and cultured for 24 h at 38.5∘C under 5% CO

2

in air.
After IVM culture, oocytes underwent cumulus and corona
cells removal by incubation in TCM-199 with 20% FCS
containing 80 IUhyaluronidase/mL and aspiration in and out
of finely drawn glass pipettes. Verbascoside stock solution
(100 𝜇M) was prepared on the day of use by dissolving VB
in distilled water and added in the maturation medium
for the whole duration of IVM culture at three increasing
concentrations (1.03, 2.06, and 4.11 𝜇M) which were reported
as being effective as ROS scavenger [2].

2.4. Oocyte Vitrification. Oocyte vitrification was performed
with the method of minimum essential volume (MEV), as
described by Bogliolo et al. [41]. Briefly, groups of five MII
oocytes were initially equilibrated at 38.5∘C for 1min in
holdingmedium (HM) consisting of 20mMHEPES-buffered
TCM-199 supplemented with 20% (v/v) FCS. After equili-
bration, the oocytes were incubated in 10% (v/v) ethylene
glycol (EG) + 10% (v/v) dimethylsulfoxide (DMSO) in HM
for 30 sec and then transferred to 20% (v/v) EG and 20%
(v/v) DMSO and 0.25M sucrose in HM for 20 s. The oocytes
were then loaded on cryotops (Kitazato Ltd., Tokyo, Japan)
and immediately plunged into liquid nitrogen (LN

2

) for
storage. For warming, cryotops were directly inserted in HM
supplemented with 1.25M sucrose for 1min. Oocytes were
transferred into HM at decreasing sucrose concentrations
(0.62M and 0.31M) and then washed in HM. Warmed
oocytes were cultured for 1 h in TCM-199 supplemented with
10% OSS and their viability was assessed by observation
under a Nikon SMZ 1500 stereomicroscope (60–110x magni-
fication).

2.5. In Vitro Fertilization (IVF) and In Vitro Embryo Develop-
ment. As described by Berlinguer et al. [42], in vitromatured
oocytes were fertilized in Synthetic Oviductal Fluid (SOF,
[43]) + 2% OSS + 1 𝜇g/mL heparin + 1𝜇g/mL hypotaurine
for 22 h at 38.5∘C and under a 5% CO

2

, 5% O
2

, and
90% N

2

atmosphere in four-well Petri dishes with frozen-
thawed spermatozoa selected by swim-up technique (1 ×
106 spermatozoa/mL−1). Presumptive zygotes were cultured
for 8 days in four-well Petri dishes in SOF + essential and
nonessential amino acids at oviductal concentration [44] +
0.4% Bovine Serum Albumin (BSA) under mineral oil, in
maximum humidified atmosphere with 5% CO

2

, 5% O
2

, and
90% N

2

at 38.5∘C.

2.6. Nuclear Chromatin Evaluation of Oocytes and Embryos.
To evaluate nuclear chromatin, at the end of IVM and IVP,
oocytes and embryos were stained with 2.5𝜇g/mL Hoechst
33258 in 3 : 1 (v/v) glycerol/PBS and mounted on microscope
slides covered with cover slips, sealed with nail polish,
and kept at 4∘C in the dark until observation. Oocytes
were evaluated in relation to their meiotic stage under an
epifluorescencemicroscope (Nikon Eclipse 600, 400xmagni-
fication) equippedwith the B-2 A (346 nm excitation/460 nm
emission) filter, as the germinal vesicle (GV), metaphase to
telophase I (MI to TI), MII with 1st polar body (PB) extruded
and degenerated [45]. Embryos were classified as normal
when the presence of a regular shaped nucleus inside each
blastomere was observed [39, 46].

2.7. Oocyte Mitochondria and ROS Staining. After IVM,
additional oocytes showing the 1st PB extruded (MII stage
oocytes) were washed three times in PBS with 3% BSA and
incubated for 30min in the samemedium containing 280 nM
MitoTracker Orange CMTMRos (Molecular Probes M-7510,
Oregon, USA) at 38.5∘C under 5% CO

2

[20, 40, 47]. The
cell-permeant probe contains a thiol-reactive chloromethyl
moiety. Once the MitoTracker probe accumulates in the
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mitochondria, it can react with accessible thiol groups on
peptides and proteins to form an aldehyde-fixable conjugate.
This cell-permeant probe is readily sequestered only by active
mitochondria [48, 49]. The organelle specificity of the probe
was assessed, as reported by Valentini et al. [50], in control
oocytes which were imaged after incubation in MitoTracker
Orange and further incubation for 5min in the presence
of 5 𝜇M of the mt membrane potential (Delta Psi) collaps-
ing uncoupler carbonyl cyanide 3-chloro phenyl hydrazone
(CCCP; Molecular Probes), which inhibits mt respiratory
activity, thus reducing fluorescence intensity. After incuba-
tion with mt probe, oocytes were washed three times in PBS
with 0.3% BSA and incubated for 15min in the same media
containing 10 𝜇M 2,7-dichlorodihydrofluorescein diacetate
(H
2

DCF-DA) [51, 52] in order to detect and localize intracel-
lular sources of ROS.The principle underlying this procedure
may be described briefly as follows: nonionized H

2

DCF-
DA is membrane permeant and therefore is able to diffuse
readily into cells. Once within the cell, the acetate groups
are hydrolysed by intracellular esterase activity forming 2,7-
dichlorodihydrofluorescein (H

2

DCF)which is polar and thus
trapped within the cell. H

2

DCF fluoresces when it is oxidized
by H
2

O
2

or lipid peroxides to yield 2,7-dichlorofluorescein
(DCF). The level of DCF produced within the cells is related
linearly to that of peroxides present and thus its fluorescent
emission provides a measure of the peroxide levels [51]. After
incubation, oocytes were washed three times in prewarmed
PBS without BSA and fixed overnight at 4∘C with 2%
paraformaldehyde solution in PBS.

2.8. Assessment of Oocyte Mitochondrial Distribution Pattern
and Intracellular ROS Localization. For mt distribution pat-
tern evaluation, MII oocytes were selected among those hav-
ing regular ooplasmic size and texture (no vacuoles). Oocytes
were observed at 600x magnification in oil immersion with
Nikon C1/TE2000-U laser scanning confocal microscope. A
helium/neon laser ray at 543 nm and the G-2 A filter (551 nm
exposure and 576 nm emission) were used to point out the
MitoTracker Orange CMTM Ros. An argon ions laser ray at
488 nm and the B-2 A filter (495 nm exposure and 519 nm
emission) were used to point out the DCF. Scanning was
conducted with 25 optical series from the top to the bottom
of the oocyte with a step size of 0.45 𝜇m to allow three-
dimensional distribution analysis. General criteria for oocyte
mt patterns definition were adopted on the basis of previous
studies in other species [20, 40, 47, 50]. Homogeneous/even
distribution of small mt aggregates throughout the cytoplasm
was considered as indication of immature cytoplasmic con-
dition, whereas heterogeneous/uneven distribution of small
and/or large aggregates within the cytoplasm indicated a
metabolically active ooplasm. In particular, accumulation
of mitochondria in the peripheral cytoplasm and around
the nucleus was considered as aspects of the developmental
program of cytoplasmic maturation [53]. Oocytes showing
irregular distribution of large mt clusters unrelated to the
specific cell compartments were classified as abnormal. To
our knowledge, few studies are reported to date on intracel-
lular ROS localization in mammalian oocytes. Recent studies
performed inmouse [54], equine [47], and ovine [40] oocytes

from adult females reported mt/ROS colocalization as a
biomarker of healthy oocytes.

2.9. Quantification of MitoTracker Orange CMTM Ros and
DCF Fluorescence Intensity. Measurements of fluorescence
intensities were performed in MII oocytes having either
heterogeneous (perinuclear and/or pericortical) or homoge-
neous (small aggregates) mt distribution pattern. Oocytes
showing abnormal mt distribution pattern were excluded
from this analysis. In each individual oocyte, MitoTracker
and DCF fluorescence intensities were measured at the equa-
torial plane, as in previous studies fromour unit performed in
human [55] and animal oocytes [20, 40, 47, 50], with the aid of
the EZ-C1GoldVersion 3.70 image analysis software platform
for Nikon C1 (Nikon Instruments) confocal microscope. A
circle of an area = 100 in diameter (arbitrary value) was drawn
to measure only the cytoplasmic area (512 × 512 pixels). The
fluorescence intensity encountered within the programmed
scan area was recorded and plotted against the conventional
pixel unit scale (0–255). Fluorescence intensity was expressed
as arbitrary densitometric units (ADU). Parameters related
to fluorescence intensity were maintained at constant values
for all measurements. In detail, images were taken under
fixed scanning conditions with respect to laser energy, signal
detection (gain), and pinhole size.

2.10. Oocyte Mitochondria/ROS Colocalization Analysis. Col-
ocalization analysis ofmitochondria and ROSwas performed
by using the EZC1GoldVersion 3.70 software.Degree of colo-
calization was reported as Pearson’s correlation coefficient
quantifying the overlap degree between MitoTraker Orange
CMTM Ros and DCF fluorescence signals [40].

2.11. Measurement of the Total CAT Activity in Single Oocytes.
Additional MII oocytes were washed in SB buffer (TRIS/HCl
60mM pH 6.8, Glycerol 40%) and individually solubilized
for one hour at 4∘C in the presence of 1.0% Triton X-100.
The protein concentration was assessed by the method of
Bradford [56]. Each test was performed on 7𝜇g of proteins
from a single solubilized oocyte. The CAT activity was
determined following the Beers and Sizer method [57]. A
spectrophotometerVarianCaryWinUV50was used to follow
the absorbance decrease at 240 nm in the presence of H

2

O
2

for time unit, in potassium-phosphate 50mM, EDTA 1mM
pH 7.0, at 25∘C, in a final volume of 1mL. After determin-
ing the baseline with the measure mixture, 3.5mM H

2

O
2

was added. Reaching stability, the reactions with protein
extract started. Since H

2

O
2

molar extinction coefficient (𝜀
= 40M−1 ∗ cm−1) is known, CAT activity was calculated
as 𝜇moles of H

2

O
2

converted in H
2

O per minute. Specific
activities were calculated by dividing enzymatic activities per
total protein concentration expressed in mg.

2.12. Measurement of the Total SOD Activity in Single
Oocytes. Additional MII oocytes were washed in SB buffer
(TRIS/ HCl 60mM pH 6.8, Glycerol 40%) and individually
solubilized for one hour at 4∘C in the presence of 1.0% Tri-
ton X-100. The protein concentration was assessed by the
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method of Bradford [56]. Each test was performed on 7𝜇g
of proteins of a single solubilized oocyte. SOD activity
was determined with the Fluka analytical assay kit using a
multiplate reader Victor X, Perkin Elmer at 𝜆 = 440 nm.
Total SOD activity (SOD, EC 1.15.1.1) was assayed by its
ability to inhibit the reduction of a novel tetrazolium salt,
WST-1[2-(4-Iodophenyl)-3-(4-nitrophenyl)-5-(2,4-disulfop-
henyl)-2H-tetrazolium, monosodium salt] by superoxide
anions generatedwith the xanthine/xanthine oxidasemethod
[58, 59]. One unit of SOD activity was defined as the amount
of the enzyme causing half maximum inhibition of WST-1
reduction. It was measured with high sensitivity (0.01 pmol)
and expressed as U/mg proteins. A nine-point standard
curve was routinely included in each assay.

2.13. Verbascoside Stability in Oocyte-Free Culture Medium
and Its Uptake by the OCC. Verbascoside stability in the IVM
culture medium was assessed in the same conditions as that
used in IVM experiments. In particular, VB (10𝜇M) was
added to the maturation medium in the absence of oocytes
for 24 h at 38.5∘C. After 0, 4, 12, and 24 h, aliquots of the
mixed solutions were analyzed by HPLC-DAD as described
in HPLC analysis section. For accumulation experiments,
OCCs were cultured in maturation medium containing
100 𝜇M VB. Oocytes were then incubated at 38.5∘C for 30
and 60min. Following incubation, media were aspirated and
stored at −80∘C until analysis; oocytes were washed 3 times
with PBS (pH 7.4) then were collected and stored at −80∘C
until analysis. Protein values for each tested oocyte pool
(𝑛 = 2 pools of 36 OCCs each) were assessed by Bio-Rad
protein assay method [56] and were found to be 0.504 ±
0.05mg of total protein/pool. Verbascoside was extracted
from sonicated OCCs with 3mL of ethyl acetate (0.01%
butylated hydroxytoluene) for three times. Ethyl acetate lay-
ers were pooled, dried under vacuum, and resolubilized in
300 𝜇L ofHPLCmobile phase. HPLC analysis was performed
following the protocol as described before.

2.14. Statistical Analysis. Oocyte nuclear maturation rates,
cleavage and blastocyst developmental rates, and the percent-
ages of oocytes showing different mt and intracellular ROS
distribution patterns were compared between treated and
control groups by Chi-square test with the Yates correction
for continuity. The effects of VB on nuclear maturation rates
were also assessed by multifactor ANOVA, taking into acco-
unt the use of the two IVM media. Fisher’s exact test was
applied in all cases in which at least one cell contained a
value less than 5. For confocal quantification analysis of mt
activity and intracellular ROS levels, the least-square means
of the dependent variable (MitoTracker CMTM Ros and
DCF fluorescence intensity) were calculated in examined
samples and the statistical significance of the least-square
means between treated and control groups was calculated
by one-way ANOVA followed by Multiple Comparison
Dunn’s method (SigmaPlot software). For mt/ROS colo-
calization, mean values of Pearson’s correlation coefficient
were compared between treated and control groups by
one-way ANOVA followed by Multiple Comparison Dunn’s
method (SigmaPlot software). CAT and SOD activities were

compared between treated and control groups by Student’s t
test. Differences with𝑃 < 0.05were considered as statistically
significant.

3. Results

3.1. Verbascoside Extraction and Purification and HPLC Anal-
ysis. Verbascoside was purified from OMWW by using a
laboratory scale system to remove solid particles from the
fluid and to fractionate molecules with different molecular
weight. From the two permeate fractions obtained, micro-
filtrate (MF) and ultrafiltrate (UF), UF was considered to be
around 50% of the initial volume of OMWW (5 L of UF from
10 L of OMWW). This fraction was subsequently separated
by low-pressure gel filtration chromatography on a Sephadex
LH-20 column to give a highly purified VB fraction. The
concentration of VB obtained was on average 3.25mg/30mL
of UF giving a final yield of around 54mg of VB from
each liter of OMWW. Purification degree for VB, calculated
on peak area, was around 95% as demonstrated by HPLC
analysis.

3.2. Verbascoside Did Not Affect the Nuclear Maturation
Rate of Fresh Prepubertal Lamb Oocytes. One thousand and
twenty-nine oocytes were recovered, 850 of which were sur-
rounded by a healthy cumulus and were selected for IVM
culture. Oocytes were cultured in IVM medium 1 or in IVM
medium 2. For each medium, five consecutive trials were
performed. In Table 1, separated and pooled data obtained
with both culture media are presented. Verbascoside did not
affect thematuration rate of prepubertal lamb oocytes neither
when added in medium 1 nor when added in medium 2. No
effects were also noticed in pooled data of oocytes matured in
medium 1 + medium 2.

On the other hand, within each medium and at specific
tested VB concentrations (2.06 and 4.11 𝜇M), an indirect
beneficial influence of medium 1 composition on the VB
effects on oocyte meiosis resumption and progression to the
MII stage was noticed. In oocytes cultured in presence of
2.06 𝜇M VB, a significantly higher rate of those cultured in
medium 1 resumed meiosis (significantly lower rate of GV
oocytes; 𝑃 < 0.001) and reached the metaphase stages (𝑃 <
0.001) comparedwith those cultured inmedium 2. In oocytes
cultured in presence of 4.11 𝜇M, a significantly lower rate of
GV oocytes (𝑃 < 0.001) was found and thematuration rate to
theMII stage tended to be higher (𝑃 = 0.054) compared with
those cultured in medium 2. Thus, possibly, the VB effects
may differ in oocytes primed by different media. The multi-
factor ANOVA analysis confirmed Chi-square based signifi-
cances.

3.3. Verbascoside Impaired the Blastocyst Formation Rate of
Fresh Prepubertal Lamb Oocytes. Nine hundred MII oocytes
were used for IVF and in vitro embryo culture experiments.
Early cleavage and blastocyst formation rates were recorded
as resumed in Table 2. After IVF, for each condition, the num-
ber of cleaved oocytes at 24 and 30 hours after fertilization
and the number of embryos reaching the blastocyst stage at
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Table 1: Effects of verbascoside on the in vitromeiotic maturation of prepubertal lamb oocytes.

Verbascoside concentration (𝜇M) Number of cultured oocytes IVMmedium type Nuclear chromatin configuration number (%)
GV MI to TI MII + PB Degenerated

0
93 1 9 (9.7)c 6 (6.5) 59 (63.4) 19 (20.4)a

111 2 27 (24.3)d 17 (15.3) 60 (54.1) 7 (6.3)b

204 (∗) 36 (17.6) 23 (11.3) 119 (58.3) 26 (12.7)

1.03
79 1 11 (13.9) 12 (15.2) 44 (55.7) 12 (15.2)
118 2 27 (22.9) 21 (17.8) 61 (51.7) 9 (7.6)
197 (∗) 38 (19.3) 33 (16.8) 105 (53.3) 21 (10.7)

2.06
98 1 12 (12.2)c 6 (6.1)a 67 (68.4)c 13 (13.3)
116 2 33 (28.4)d 21 (18.1)b 50 (43.1)d 12 (10.3)
214 (∗) 45 (21) 27 (12.6) 117 (54.7) 25 (11.7)

4.11
98 1 11 (11.2)c 13 (13.3) 58 (59.2) 16 (16.3)
137 2 36 (26.3)d 23 (16.8) 63 (46) 15 (10.9)
235 (∗) 47 (20) 36 (15.3) 121 (51.5) 31 (13.2)

GV: germinal vesicle, M: metaphase, T: telophase, and PB: polar body. ∗Pooled data of oocytes cultured in medium 1 + medium 2. Chi-square test and
multifactorANOVA test: within eachmedium type and pooled data, VB-treated versus controls: NS; betweenmedia, within eachVB concentration: a,b𝑃 < 0.05;
c,d
𝑃 < 0.001.

Table 2: Effects of verbascoside on cleavage and blastocyst developmental rates of prepubertal lamb oocytes after IVF and IVP.

Verbascoside concentration (𝜇M) Number of MII oocytes Number of cleaved embryos (%) Number of blastocysts (%)
24 h after-IVF 30 h after-IVF At day 7 At day 8

0 200 76 (38) 150 (75) 28 (18.7)a 36 (24)a

1.03 240 103 (42.9) 189 (78.7) 38 (20.1) 59 (31.2)
2.06 220 77 (35) 156 (70.9) 18 (11.5) 18 (11.5)b

4.11 240 93 (38.7) 185 (77.1) 11 (5.9)b 22 (11.9)b

Chi-square test: a,b𝑃 < 0.05.

Table 3: Effects of verbascoside on the mitochondrial distribution pattern of in vitromatured prepubertal lamb oocytes.

Verbascoside
concentration (𝜇M)

Number of MII
oocytes

Mitochondrial distribution number (%)

Homogeneous Heterogeneous Abnormal
Total

(1 + 2 + 3)
Perinuclear/
pericortical (1)

Peri-nuclear
(2)

Peri-cortical
(3)

0 30 16 (53.3) 14 (46.7) 0 (0) 2 (6.7) 12 (40) 0 (0)
1.03 29 15 (51.7) 12 (41.4) 1 (3.4) 2 (6.9) 9 (31) 2 (6.9)
2.06 25 16 (64) 9 (36.0) 1 (4) 2 (8) 6 (24) 0 (0)
4.11 29 13 (44.8) 16 (55.2) 0 (0) 2 (6.9) 14 (48.3) 0 (0)
Chi-square test: NS.

day 7 and day 8 were recorded. No significant differences
in the early cleavage rate were found between VB-treated
and control groups. Significant reductions of the blastocyst
formation rate were found in the group of oocytes exposed
to 2.06 and 4.11 𝜇MVB compared with controls (Table 2; 𝑃 <
0.05).

3.4. Verbascoside Did Not Affect mt Distribution Pattern and
Intracellular ROS Localization of Fresh MII Stage Prepubertal
Lamb Oocytes. One hundred and thirteen fresh oocytes
matured in vitro and found at the MII stage were analyzed.
No significant effects of VB on mt distribution pattern of
fresh prepubertal lambMII stage oocyteswas found (Table 3).

Intracellular ROS localization was also unaffected by VB and
data concerning this parameter corresponded to data of mt
distribution pattern presented in Table 3.

3.5. Verbascoside, at the Highest Tested Concentration,
Increased mt Activity and ROS Levels inMII Fresh Prepubertal
LambOocytes. Asignificant increase inmt activitywas found
in oocytes treatment groups exposed to the highest VB
concentration (4.11𝜇M) compared with controls (Figure 1(a),
𝑃 < 0.05). No variations were found, at the lower concen-
trations assessed. As well, in the 4.11 𝜇M VB exposed group,
a significant increase in intracellular ROS levels was found
comparedwith controls (Figure 1(b),𝑃 < 0.001).Themt/ROS
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Figure 1: Dose response curve of the in vitro effects of VB on
mt activity and intracellular ROS levels in single fresh prepubertal
lamb MII stage oocytes, expressed as MitoTracker Orange CMTM
Ros (panel (a)) and DCF (panel (b)) fluorescence intensities.
Oocytes treated with 4.11𝜇M VB showed significantly higher mt
activity and intracellular ROS levels compared with controls. Values
are expressed as ADU (arbitrary densitometric units). Pearson’s
correlation coefficients of MitoTracker Orange CMTM Ros and
DCF fluorescent labelling colocalization of treated versus control
MII oocytes (panel (c)). Numbers of analyzed oocytes per group are
indicated at the bottom of each histogram. (a) One-way ANOVA: a,
b: 𝑃 < 0.05; (b) one-way ANOVA: a, c: 𝑃 < 0.001; and (c) one-way
ANOVA: NS (not significant).

colocalization, expressed as Pearson’s correlation coefficient,
was not affected by VB addition (Figure 1(c), NS). Figure 2
shows mt distribution pattern and activity, intracellular ROS
localization and levels, andmt/ROS colocalization of a repre-
sentative control MII oocyte (Figure 2(a)) and a MII oocyte
representative of those cultured in presence of 4.11𝜇M VB
(Figure 2(b)). Increased MitoTracker and DCF fluorescence
intensities, indicating mt activity and ROS levels, are evident
in the VB-treated oocyte compared with the control one.

3.6. Verbascoside Affected CAT but Not Total SOD Activity in
MII Fresh Prepubertal Lamb Oocytes. Scavenging enzymes,
CAT and SOD, activities were evaluated on freshMII oocytes.
CAT activity assay was conducted on individual oocytes
(𝑛 = 64) that showed the 1st PB extruded after IVM. For
SOD activity assay, 41 individual MII oocytes were evaluated.

Table 4: Postvitrification/warming viability of prepubertal lamb
oocytes matured in vitro in presence of verbascoside.

Verbascoside
concentration (𝜇M)

Number of MII
oocytes

vitrified/warmed

Viability
number (%)

0 55 28 (50.9)
1.03 41 28 (68.3)
2.06 55 37 (67.3)
4.11 58 29 (50.0)
Chi-square test: NS.

Results are reported in Figure 3. Significant increase of CAT
activity in VB-treated groups was observed compared with
controls (Figure 3(a); 𝑃 < 0.05). On the contrary, SOD
activity was not affected by VB addition and constant levels
were found at any tested concentration (Figure 3(b), NS).

3.7. Verbascoside Did Not Affect Oocyte Viability in MII Vit-
rified/Warmed Prepubertal Lamb Oocytes. Oocytes cultured
in vitro in presence of different VB concentrations and found
at the MII stage were vitrified/warmed and analyzed for
cell viability. Oocyte viability assessment, expressed as the
percentage of oocytes showing zona pellucida and oolemma
integrity and absence of ooplasmic cyto-fragmentation, was
conducted on 209 vitrified/warmed oocytes. No significant
effects of VB on oocyte viability after vitrification/warming
were observed (Table 4).

3.8. Verbascoside Did Not Affect mt Distribution Pattern and
ROS Intracellular Localization in MII Vitrified/Warmed Pre-
pubertal LambOocytes. Oocytes cultured in vitro in presence
of different VB concentrations and found at the MII stage
were vitrified/warmed and analyzed for confocal parameters
expressing the bioenergetic/oxidative status. Sixty-six vitri-
fied/warmed oocytes were analyzed. Verbascoside did not
affect the mt distribution pattern in MII vitrified/warmed
prepubertal lamb oocytes (Table 5). Intracellular ROS local-
ization also did not vary upon VB addition in vitrified
samples and data concerning this parameter corresponded to
those presented in Table 5, as previously observed for fresh
oocytes.

3.9. Verbascoside Did Not Affect mt Activity but Increased
ROS Levels in MII Vitrified/Warmed Prepubertal Lamb
Oocytes. Concerning mt activity, no significant difference
was observed in the comparisons between treated and control
groups (Figure 4(a), NS). Intracellular ROS levels increased
in the group of oocytes treated with the low VB concen-
tration (1.03 𝜇M) compared with controls (Figure 4(b), 𝑃 <
0.001). In vitrified/warmed oocytes, mt/ROS colocalization,
expressed as Pearson’s correlation coefficient, was not affected
by VB addition (Figure 4(c)).

3.10. Low Verbascoside Stability in Oocyte IVM Culture
Medium. As shown in Figure 5, after 4 hours of exposure, VB
concentration decreased about 55.6% with respect to the
initial amount; moreover, the presence of an isomerisation
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(a) (b)

Figure 2: Mitochondrial distribution pattern and activity, intracellular ROS localization and levels, and mt/ROS colocalization of a
representative prepubertal lamb control MII oocyte (panel (a)) and a MII oocyte representative of those cultured in presence of 4.11𝜇M
VB (panel (b)). Both oocytes show heterogeneous mt pattern. For each culture condition, corresponding bright-field (A1, B1), UV light (A2,
B2), and confocal laser scanning images of mt distribution pattern (A3, B3), intracellular ROS localization (A4, B4), mt/ROSmerge (A5, B5),
and colocalization scatterplot graph (A6, B6) are shown. Increased mt activity, expressed as MitoTracker Orange CMTM Ros fluorescence
intensity, and intracellular ROS levels, expressed as DCF fluorescent intensity (B4), can be seen in the oocyte exposed to 4.11𝜇MVB compared
with the control oocyte (B3 versus A3 and B4 versus A4, resp.). Scale bars represent 50𝜇M.

Table 5: Post vitrification/warming mitochondrial distribution pattern of prepubertal lamb MII oocytes obtained after IVM in presence of
verbascoside.

Verbascoside
concentrationNumber of MII oocytes

Mitochondrial distribution pattern number (%)

Homogeneous Heterogeneous Abnormal
Total

(1 + 2 + 3)
Peri-nuclear/peri-cortical

(1)
Peri-nuclear

(2)
Peri-cortical

(3)
0 (control) 15 8 (53.3) 7 (46.7) 0 (0) 2 (13.3) 5 (33.3) 0 (0)
1.03 18 11 (61.1) 6 (33.3) 2 (11.1) 1 (5.6) 3 (16.7) 1 (5.6)
2.06 19 14 (73.7) 5 (26.3) 0 (0) 0 (0) 5 (26.3) 0 (0)
4.11 14 10 (71.4) 4 (28.6) 0 (0) 2 (14.3) 2 (14.3) 0 (0)
Chi-square test: NS.

product was recorded. In fact, at this time point, its positional
isomer, isoverbascoside (isoVB) of occurred in the propor-
tion of 20% to the total. After 12 h with exposure in oocyte-
free medium, further reduction of VB concentration, by 80%
with respect to the initial amount, was found. Verbascoside
and its positional isomer isoVB, at this time, were present
with the same proportions. After 24 hours, no traces of
both polyphenols were recovered. No specific degradation
products were characterized beyond isoVB.

3.11. Rapid Verbascoside Uptake in Prepubertal Lamb OCCs.
To evaluate absorptive potential of the OCC, VB accumula-
tion experiments were conducted on two groups of 36 OCCs
each, one examined at 30min and the other examined at
60min after the start of exposure. Uptake of VB was found to

be time dependent and reached the maximum at 30min after
start of exposure. At 100𝜇M,OCCs accumulated 79.4 nmol of
VB/mg of OCCs proteins. It represents approximately 0.2%
of absorption of the tested VB. At 60min, VB accumulated
by the OCCs decreased to 19.05 nmol of VB/mg of OCCs
proteins.

4. Discussion

The highly purified VB from OMWW was previously ana-
lyzed for assessing its antioxidant activity and, after brief
incubation in HT-29 cell line, it showed antioxidant prop-
erties [2]. However, at the typical conditions used in the
present study, VB showed an opposite behavior. In fact, this
compound had no effect on oocyte nuclear maturation rate.
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Figure 3: Catalase (CAT) and total superoxide dismutase (SOD)
activities in individual prepubertal lamb MII oocytes matured in
vitro in presence of VB. Numbers of analyzed oocytes per group are
indicated at the bottom of each histogram. Values are expressed as
IU/mg protein. Treatment with VB induced a significant increase in
CAT activity compared to controls (panel (a); Student’s t-test: a, b;
𝑃 < 0.001). Total SOD activity did not vary between treated and
control groups (panel (b); Student’s t-test: NS).

IVM data obtained with media 1 and 2 were kept separated in
order to avoidmisinterpretation due to the effects of different
culture conditions. In both testedmedia, no significant differ-
ences were noticed between VB-treated and control oocytes.
Moreover, a reduction of the blastocyst formation rate after
exposure to intermediate and high VB doses was found.
This result can be considered as a long-term effect of VB or
VB derived products on oocyte cytoplasmic competence and
consequently on embryo development.These findings lead us
to hypothesize that, in our cell system, VB had an oxidatively
stressful and toxic effect probably as a consequence of a
prolonged exposure time at the tested concentrations or
toxicity resulting from oxidative degradation of VB and
subsequent generation of H

2

O
2

as reported for oxidation of
phenolic compounds in culture media [60]. This observation
is interesting considering that the concentrations used in
these studies were reported as being effective in modulating
oxidative stress in HT29 cell line after brief (30min) in vitro
exposure [2].

In order to investigate the reasons of the observed com-
promised embryo development, we investigated the bioen-
ergetic potential and oxidative status of oocytes exposed to
VB. The supplementation of the IVM medium with VB did
not change mt distribution pattern and intracellular ROS
localization in prepubertal lamb oocytes. However, in the
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Figure 4: Dose response curve of the in vitro effects of VB, added
during IVM culture, on mt activity and intracellular ROS levels
in single prepubertal lamb MII stage oocytes vitrified/warmed,
expressed as MitoTracker Orange CMTM Ros (panel (a)) and DCF
(panel (b)) fluorescence intensities. Oocytes treated with 1.03𝜇M
VB showed significantly higher intracellular ROS levels compared
with controls. Values are expressed as ADU (arbitrary densitometric
units). Pearson’s correlation coefficients of MitoTracker Orange
CMTM Ros and DCF fluorescent labelling colocalization in MII
oocytes obtained after IVM culture in presence of VB and vitri-
fied/warmed (panel (c)). Numbers of analyzed oocytes per group are
indicated at the bottom of each histogram. (a) One-way ANOVA:
NS. (b) One-way ANOVA: a,b: 𝑃 < 0.001. (c) One-way ANOVA:
NS.

group of oocytes exposed to the highest VB concentration,
it increased mt activity and intracellular ROS levels without
affecting mt/ROS colocalization. This finding allowed us to
consider that the two fluorescence signals were not over-
lapping; thus observed ROS increase could be not only due
to mt ROS generation, rather it could be also of cytosolic
origin, thus indicating a stressed/toxic cytoplasmic condition.
In fact, high levels of mt/ROS colocalization were reported as
a reliable marker of healthy MII oocytes [40]. In the culture
conditions (VB exposure times and tested concentrations) of
this study, the ooplasmic bioenergetic/redox status was not
improved by VB addition, as confocal analysis stated that VB,
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Figure 5: Stability test ofVB in oocyte-free IVMmedium, incubated
at 38.5∘C under 5% CO

2

in air. The figure shows the decrease of
VB versus time. isoVB appears after 4 hours of incubation. After 24
hours, both VB and isoVB are not detected.

at the tested concentrations, failed to behave as an antioxidant
compound, a role which was previously demonstrated in
other cell line system [2, 3, 6, 7]; rather it demonstrated a
prooxidant effect.

To provide further information about the effects of VB
on oocyte cytoplasm oxidative status, the activities of two
scavenging enzymes, CAT and SOD, in VB exposed oocytes
were tested.The assays demonstrated that while SOD activity
was not affected, CAT activity significantly increased upon
VB addition. This increase could be due to the potential
formation of H

2

O
2

during oxidation of phenolics in cell
culturemedia. Verbascoside stability was observed to be poor
in the conditions tested (Figure 5). Oxidative degradation of
phenolic compounds has been reported to proceed through
auto-oxidative mechanism involving formation of H

2

O
2

[61,
62]. This increase in peroxides would explain the subsequent
increase in CAT activity without an increase in SOD activity.
The observed lack of variation of SOD activity may also be
related to the fact that, in our experiments, total SOD activity
was investigated. It cannot be excluded that the relative ratio
between cytosolic and mt SOD could be varied upon VB
addition, but further studies are necessary to address this
hypothesis.The stimulating effect of VB on CAT activity may
also be related to the observed increase in intracellular ROS
levels. Moreover, it can be interpreted under the light of cur-
rent literature. In fact, recent in vivo and in vitro studies report
different effects of VB on the antioxidant enzyme network [6,
63–65]. Other studies show that VB increased the expression
of the transcription factor peroxisome proliferator activated
receptor 𝛼 (PPAR-𝛼) in nuclear extracts of colon cells [4].
Another member of PPARs family, PPAR𝛾, has been shown
to activate genes with a peroxisome proliferator response
element (PPRE) in their promoter regions [66]. Indeed, the
CAT promoter gene is known to contain functional PPAR-
𝛾 responsive elements, so it is possible that the CAT activity
could be regulated by PPAR-𝛾 agonists [67, 68]. Based on our

results and these observations, it is possible to hypothesize
that VB may act by increasing oocyte intracellular ROS
levels, both by generating H

2

O
2

through its own oxidative
degradation and by increasingCAT expression levels through
multiple mechanisms.

As a further step of the JIVET technology and due
to the particular interest of establishing suitable cryoprese-
rvation procedures allowing the prepubertal oocyte to be
protected against cryodamage, the effects of VB added dur-
ing IVM on the viability and bioenergetic/oxidative status
of MII vitrified/warmed oocytes were evaluated. Exposure
to high cryoprotectant concentrations and subphysiological
temperature generates in the oocyte a widespread oxidative
stress, as reported by Zhao et al. [69]. Moreover, Succu et al.
[34] demonstrated that prepubertal oocytes are more susce-
ptible than adult counterparts to cryoinjury during vitrifi-
cation performing. No effects of VB on cell viability para-
meters of vitrified/warmed oocytes were found. In order
to provide additional information on cytoplasmic condition
after vitrification/warming, we investigated the effects of
VB on the bioenergy/oxidative status of vitrified/warmed
oocytes. Just like in fresh oocytes, VB did not affect mt distri-
bution pattern, ROS localization, and mt activity of vitrified
oocytes. However, when used at the lowest tested conce-
ntration (1.03 𝜇M) during IVM, it increased ROS levels
without affecting mt/ROS colocalization. This finding can be
explained considering that, in the case of vitrified oocytes
(a more stressed cell system compared to their fresh coun-
terpart), the prooxidant toxic effect of VB could have been
strengthened, as supported by the comparison between fresh
and vitrified oocytes at 1.03 𝜇MVB (𝑃 = 0.002).

In the light of obtained results and considering that
it is well known that, for every drug, the line between
benefit and toxicity is represented by the administered dose,
differences in the cellular metabolism, dimension, and num-
ber of cells per dish between oocytes and cultured cell lines
leading to differences in drug uptake which may result as
a beneficial or toxic concentration to the cell were hypo-
thesized. For these reasons, we performed experiments to
test (1) VB stability in our culture conditions and (2) its
uptake by the OCCs. Determinations of VB stability in an
oocyte-free IVM medium at 38.5∘C indicated that VB was
unstable under our IVM culture conditions, as previously
reported [70], also for other polyphenols such as catechin,
chlorogenic acid [60, 71–73]. After 4 hours of incubation, an
isomerization process occurred, with the appearance of the
positional isomer, isoVB. This process is probably related to
the medium pH (7.2–7.4) and culture temperature (38.5∘C)
or to the deacetylation and VB caffeoyl moiety migration
under hydrolytic environment of harsh extraction conditions
[74]. After 12 hours, the residual percentage of VB and isoVB
was 20% and reached zero after 24 hours of incubation.
Probably, other products derived fromoxidation activitywere
present but, at this point of the research, no information
about these products is available.These data are in agreement
with the results obtained from other polyphenols that were
also unstable under the incubation conditions used [71].
Moreover, VB uptake experiments demonstrated that the
compound was rapidly incorporated into the OCCs in a
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time-dependent manner with an accumulation efficiency of
about 0.2% after 30min.This observed low level of VB uptake
was similar to that reported for HT-29 and Caco-2 human
intestinal cells [2, 75] and for other polyphenols such as
catechins [76–78] and is consistent with poor in vivo VB
bioavailability, as reported by Funes et al. [79] following oral
administration of lemon verbena extract in rodents and by
Cardinali et al., [80] with ex vivo experiments. The uptake
experiments by OCCs also demonstrated that the amount of
VB in our cells was one thousand times higher (in the order of
nmol/mg proteins) than that found in the Caco-2 and HT 29
human intestinal cell lines (in the order of pmol/mg proteins)
by Cardinali et al. [2, 75]. This result could be consistent
with the observed prooxidant activity of VB in the current
model. Future experiments should consider lower levels of
VB exposure to better emulate intracellular concentrations
observed in other cell models and to better understand if
lower levels may be able to deliver differential protection
against oxidative stress.

Taken together, our data demonstrated that VB, at the
conditions used in this study, exerted toxic effects (as it
was shown by reduced blastocyst formation) which could be
induced by its prooxidant activity. This prooxidant activity
could be due to an excessively high tested concentration as
observed by uptake data, by prolonged incubation time in
culture media (24 hours) used in the present study, in which
H
2

O
2

production is probably induced. Hydrogen peroxide
production was already demonstrated in previous studies in
which other polyphenols have been used in different cell
systems [61, 62, 81]. The H

2

O
2

production was assessed
by Odiatou et al. [81] on the two main olive polyphenols
(hydroxytyrosol and oleuropein) incubated in the culture
media and was observed as being dependent upon the
presence of sodium bicarbonate in the medium. Therefore,
polyphenols, normally considered as antioxidant, work as
prooxidants, when they are added in the commonly used
media, in standard culture conditions at high concentrations,
thus producing significant amounts of H

2

O
2

. Even for VB,
in the culture medium conditions used in this study, it could
be possible to speculate the same behaviour. In addition,
the possible presence of H

2

O
2

in the culture medium could
justify the increased oocyte intracellular ROS levels and CAT
activity.

5. Conclusions

In conclusion, VB, added at 𝜇-molar concentrations in
a continuative 24 hours IVM exposure protocol, acts as
a prooxidant molecule, by impairing oocyte bioenergetic
potential and oxidative status and embryo developmental
competence of prepubertal lamb oocytes. Applications of this
compound in oocyte or embryo culture systems could be
developed by evaluating its use at lower concentrations and
reduced exposure times.
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Gas chromatography-mass spectrometry (GC-MS) analysis revealed the major components in black cumin essential oils which
were thymoquinone (37.6%) followed by p-cymene (31.2%), 𝛼-thujene (5.6%), thymohydroquinone (3.4%), and longifolene (2.0%),
whereas the oleoresins extracted in different solvents contain linoleic acid as amajor component.The antioxidant activity of essential
oil and oleoresins was evaluated against linseed oil system at 200 ppm concentration by peroxide value, thiobarbituric acid value,
ferric thiocyanate, ferrous ion chelating activity, and 1,1-diphenyl-2-picrylhydrazyl radical scavenging methods. The essential oil
and ethyl acetate oleoresin were found to be better than synthetic antioxidants. The total phenol contents (gallic acid equivalents,
mgGAEper g) in black cumin essential oil, ethyl acetate, ethanol, and n-hexane oleoresinswere calculated as 11.47±0.05, 10.88±0.9,
9.68 ± 0.06, and 8.33 ± 0.01, respectively, by Folin-Ciocalteau method. The essential oil showed up to 90% zone inhibition against
Fusarium moniliforme in inverted petri plate method. Using agar well diffusion method for evaluating antibacterial activity, the
essential oil was found to be highly effective against Gram-positive bacteria.

1. Introduction

Preservation of food degradation, mainly by oxidation pro-
cesses or by microorganism activity, during production,
storage, and marketing is an important issue in the food
industry. There is currently a large interest in substituting
synthetic food preservatives and synthetic antioxidants for
substance that can be marketed as natural. Synthetic antioxi-
dants such as gallates, butylated hydroxytoluene (BHT), buty-
lated hydroxyanisole (BHA), and tert-butyl hydroquinone
(TBHQ) were the first preservatives designed for widespread
industrial use. However, some physical properties of BHA
and BHT, such as their high volatility and instability at
elevated temperatures, strict legislation on the use of syn-
thetic food additives, and consumer preferences, have shifted
the attention of manufacturers from synthetic to natural
antioxidant [1]. It is well known that most spices possess a
wide range of biological and pharmacological activities.

Black cumin (Nigella sativa L.) belonging to family
Ranunculaceae is a spice that has been used for decades
for both culinary and medicinal purposes. It is also used
as a natural remedy for asthma, hypertension, diabetes,
inflammation, cough, bronchitis, headache, eczema, fever,
dizziness, and influenza [2]. The seeds are known to be
carminative, stimulant, and diuretic [3]. The essential oil
from the seeds of this herbaceous plant has been found to
contain high concentrations of thymoquinone and its related
compounds such as thymol and dithymoquinone, which
have been implicated in the prevention of inflammation [4],
antioxidant activities [5], such as quenching reactive oxygen
species, antimicrobial activity [6], and anticarcinogenic and
antiulcer activity [2].

Thepresent paper dealswith the chemistry and antioxida-
tive and antimicrobial behavior of essential oil and oleoresins
(extracted in ethanol, ethyl acetate, and n-hexane) of black
cumin seeds.
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2. Materials and Methods

The seeds of black cumin were purchased from the local
market of Gorakhpur, Uttar Pradesh, India. A voucher
specimen was deposited at the herbarium of the Faculty of
Science, DDU Gorakhpur University.

2.1. Reagents. Thiobarbituric acid (TBA), 1,1-diphenyl-2-
picrylhydrazyl radical (DPPH), and linoleic acid are of
Acros (New Jersey, USA); butylated hydroxytoluene (BHT),
butylated hydroxyanisole (BHA), and propyl gallate (PG) are
of S D Fine Chemicals Ltd., Mumbai, India. Folin-Ciocalteu
reagent and gallic acid were from Qualigens Chemicals Ltd.,
Mumbai, India, and Qualikems Chemicals Ltd., New Delhi,
India, respectively. Tween 20 and ferrozine were fromMerck
Pvt. Ltd., Mumbai, India. Ampicillin was purchased from
Ranbaxy Fine Chemicals (New Delhi), India. Crude linseed
oil was obtained from local oil mill in Gorakhpur. All solvents
used were of analytical grade.

2.2. Sample Extraction. Powdered seeds of black cumin
(250 g) were subjected to hydrodistillation in Clevenger
apparatus for 3 h according to the method recommended by
European Pharmacopoeia, [7]. A volatile oil with light orange
characteristic odour was obtained with yield of 0.9%. It was
dried over anhydrous sodium sulphate and the sample was
stored at 4∘C before use.

Oleoresins were obtained by extracting 30 g of powdered
spice with 300mL of various solvents (ethanol, ethyl acetate,
and n-hexane) for 3 h in Soxhlet extractor. Evaporation of
the solvents at reduced pressure gave viscous extracts. The
oleoresins were stored in freezer until further use.

2.3. Chemical Characterization

2.3.1. Gas Chromatography-Mass Spectrometry (GC-MS).
Analysis of the volatile oils and oleoresins was run on a
Hewlett Packard (6890) GC-Ms system coupled to a quadru-
ple mass spectrometer (model HP 5973) with a capillary
column of HP-5MS (5% phenyl methylsiloxane; length =
30m, inner diameter = 0.25mm, and film thickness =
0.25 𝜇m). GC-MS interphase, ion source, and selective mass
detector temperatures were maintained at 280∘C, 230∘C, and
150∘C, respectively. Carrier gas used was helium with a flow
rate of 1.0mLmin−1.The oven temperature was programmed
as follows.

For essential oil: at 60∘C for 1min then increased from
60 to 185∘C at the rate of 1.5∘Cmin−1 and held at the rate of
9∘Cmin−1 and held at 275∘C for 2min.

For oleoresin: 60∘C for zero min then increased from 60
to 300∘C at the rate of 1.5∘Cmin−1 and held at the rate of
5∘Cmin−1 and held at 300∘C for 10min.

2.4. Identification of Components. Most of the components
were identified on the basis of comparison of their retention
indices and mass spectra with published data [6, 8, 9],
and computer matching was done with the Wiley 275 and
National Institute of Standards Technology libraries provided

Table 1: Chemical composition of essential oil obtained from black
cumin seeds analyzed by GC-MS.

Compounds %MS RI# IdentificationΦ

𝛼-Thujene 5.6 919 MS, RI, co-GC
𝛼-Pinene 1.4 928 MS, RI, co-GC
Sabinene 0.8 967 MS, RI, co-GC
𝛽-Pinene 1.7 973 MS, RI, co-GC
𝛼-Phellandrene 0.1 1003 MS, RI
𝛼-Terpinene 0.2 1012 MS, RI, co-GC
𝑝-Cymene 31.4 1019 MS, RI, co-GC
Limonene 1.0 1024 MS, RI, co-GC
1,8-Cineole 0.1 1025 MS, RI, co-GC
𝛾-Terpinene 0.2 1050 MS, RI, co-GC
trans-Sabinene hydrate 0.1 1101 MS, RI
Unidentified B∗ 6.8 1113 −

Terpinen-4-ol 1.0 1172 MS, RI, co-GC
𝑝-Cymen-8-ol Trace 1179 MS, RI
𝛼-Terpineol Trace 1189 MS, RI, co-GC
Cuminal Trace 1240 MS, RI
Carvone Trace 1241 MS, RI
Thymoquinone 37.6 1248 MS, RI
trans-Sabinene hydrate acetate 0.1 1258 MS, RI
Bornyl acetate 0.2 1285 MS, RI
Thymol 0.2 1289 MS, RI
Carvacrol 1.4 1295 MS, RI
𝛼-Longipinene 0.5 1353 MS, RI
Longifolene 2.0 1405 MS, RI
Thymohydroquinone 3.4 1559 MS, RI
10-epi-𝛾-Eudesmol 0.3 1625 MS, RI
𝛽-Eudesmol 0.5 1652 MS, RI
𝛼-Eudesmol 0.4 1655 MS, RI
Total 90.2%
Trace < 0.05%; #the retention index was calculated using a homologous
series of n-alkanes C8–C18; ΦCo-GC: coinjection with an authentic sample.
Percentages were obtained from electronic integration Trace measurements
using a selective mass detector.

with the computer controllingGC-MS systems.The retention
indices were calculated using a homologous series of n-
alkanes C

8

–C
18

and C
8

–C
22

for essential oil and oleoresins,
respectively, which are reported in Tables 1 and 2.

3. Antioxidant Activity

The antioxidant activity is system dependent and according
to the method adopted and lipid system used as substrate.
Hence, different methods have been adopted in order to
assess antioxidative potential of black cumin oil and its
oleoresins are as follows.

3.1. Chelating Activity on Ferrous Ions. The chelating activity
of the aqueous and ethanolic extract on ferrous ions (Fe2+)
was measured according to the method described by Decker
and Welch [10]. Aliquots of 1mL of different concentrations



BioMed Research International 3

Table 2: Chemical composition of oleoresins obtained from black cumin (Nigella sativa L.) seeds in different solvents analysed by GC-MS.

Compounds M1 M2 M3 RI# IdentificationΦ

𝛼-Thujene Trace 0.4 0.6 919 MS, RI, co-GC
𝑝-Cymene 0.9 2.8 2.2 1019 MS, RI, co-GC
Unidentified A 0.5 0.5 0.4 1092 −

Thymoquinone 5.7 6.1 3.7 1248 MS, RI
Carvacrol 0.4 Trace Trace 1295 MS, RI, co-GC
𝛼-Longipinene Trace Trace Trace 1353 MS, RI
Longifolene 0.5 0.6 0.3 1405 MS, RI
Thymohydroquinone 2.5 1.6 0.5 1559 MS, RI
Palmitic acid, ethyl ester 2.8 Trace Trace 1979 MS, co-GC
Linoleic acid, methyl ester 0.6 0.5 0.5 − MS, co-GC
Linoleic acid, ethyl ester 11.6 Trace 0.6 − MS, co-GC
Oleic acid, ethyl ester 4.6 Trace 0.2 − MS, co-GC
Oleic acid 0.3 Trace 0.2 − MS, co-GC
Linoleic acid 33.0 43.9 27.7 − MS,
Linoleic acid, butyl ester 0.9 5.7 16.0 − MS
Oleic acid, butyl ester 1.2 4.5 7.3 − MS
Glyceryl palmitate 3.7 1.6 2.3 − MS
Glyceryl linoleate 27.7 21.9 23.1 − MS
Sitosterol Trace 1.3 Trace − MS, co-GC
Total 96.4% 90.9% 85.2%
Trace < 0.05; #the retention index was calculated using a homologous series of n-alkanes C8–C20; ΦCo-GC: coinjection with an authentic sample.
Percentages were obtained from electronic integration measurements using selective mass detector.
M1: ethanol oleoresin; M2: ethyl acetate oleoresin; M3: n-hexane oleoresin.

of the samples were mixed with 3.7mL of deionized water.
The mixture was incubated with FeCl

2

(2mM, 0.1mL).
After incubation the reaction was initiated by addition of
ferrozine (5mM and 0.2mL) for 10min at room temperature,
and then the absorbance was measured at 562 nm in a
spectrophotometer. A lower absorbance indicates a higher
chelating power. The chelating activity of the extract on Fe2+
was compared with that of EDTA that was used as positive
control. Chelating activity was calculated using the following
formula:

Chelating activity (%)

= [1 − (

Absorbance of sample
Absorbance of control

)] × 100.

(1)

3.2. Scavenging Effect on DPPH. TheDPPH assay constitutes
a quick and low cost method, which has frequently been used
for the evaluation of the antioxidative potential of various
natural products, [11]. Due to its odd electron, DPPH gives
a strong absorption band at 517 nm (deep violet colour). In
the presence of a free radical scavenger, this electron becomes
paired, resulting in the absorption loss and consecutive
stoichiometric decolorization with respect to the number of
electron acquired. The absorbance change produced by this
reaction is assessed to evaluate the antioxidant potential of
the test sample. 5, 10, 15, and 20 𝜇L of the sample were added
to 5mLof 0.004%methanol solution ofDPPH.After a 30min
incubation period at room temperature, the absorbance was

read against a blank at 515 nm. All determination was per-
formed in triplicate and results were performed in triplicate
and results are reported as scavenging effect (%) versus
concentration in Figure 2.

3.3. Estimation of Total Phenolic Content (TPC). TPC were
determined using the Folin-Ciocalteu reagent method
described by Singleton and Rossi [12]. Gallic acid stock
solution (1000 𝜇gmL−1) was prepared by dissolving 100mg
of gallic acid in 100mL of ethanol. Various dilutions of
standard gallic acid were prepared from this stock solution.
Calibration curve (Figure 3) was plotted by mixing 1mL
aliquots of 10–100𝜇gmL−1 of gallic acid solutionswith 5.0mL
of Folin-Ciocalteu reagent (diluted tenfold) and 4.0mL of
sodium carbonate solution (75 g L−1). The absorbance was
measured after 30min at 20∘C at 765 nm.

4. Evaluation of Antioxidant Activity for
Linseed Oil System

For present investigation, crude linseed oil, having initial
peroxide value 5.2meq kg−1, was taken to assess the antiox-
idant activity of black cumin oil and its oleoresins. This oil
is most frequently used edible oil in central Europe and is
rather unstable because of the presence of substantial amount
of linoleic acid. The antioxidant activity of volatile oil and
extract was examined by comparing the activity of known
antioxidants such as PG, BHT, and BHA by the following
peroxide value and thiobarbituric acid value methods.
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4.1. Peroxide Value Method. For measuring the peroxide
value (PV), a modified oven test was used [13]. The
antioxidant activity of black cumin oil and its oleoresins
in different solvents were compared with the synthetic
antioxidants, such as PG, BHT, and BHA. For this purpose,
calculated quantities of each (200 ppm)were dissolved to 30 g
of linseed oil in an open mouthed beaker. The mixtures were
thoroughly homogenized and placed in incubator at 80∘C.
The peroxide values (meq of oxygen kg−1) were measured in
every seven days and test was replicated for three times. A
control sample was prepared under similar conditionwithout
any additive. The effects of oil and oleoresins in term of
peroxidation at 90∘C are shown in Figure 4.

4.2. Thiobarbituric Acid Value (TBA). TBA value of different
samples was determined according to the method previously
reported [13]. About 100mg of oil sample was dissolved in
25mL of 1-butanol. A 25mL aliquot of the above solution
was mixed thoroughly with 5.0mL of TBA reagent (200mg
TBA in 100mL of 1-butanol) and incubated at 95∘C. After 2 h,
the reaction mixture was cooled to room temperature under
running water and absorbance was measured at 530 nm with
Hitachi-U-2000 spectrophotometer (Tokyo, Japan). At the
same time, a reagent blank (without TBA reagent) was also
done.The thiobarbituric acid value (meq ofmalondialdehyde
per g) was calculated as

TBA value = 50 × (𝐴 − 𝐵)
𝑀

, (2)

where 𝐴 is absorbance of the test sample, 𝐵 is absorbance of
the reagent blank, and𝑀 is mass of the sample.

4.3. Determination of Antioxidant Activity in Linoleic Acid
System. Antioxidant activity of black cumin oil and its
oleoresins was compared to synthetic standards according
to the ferric thiocyanate method in linoleic acid emulsion
[14]. The reaction medium contained black cumin oil and
oleoresins at the concentration of 1mg/100mL of absolute
ethanol (2mL), an emulsion of 2.51% linoleic acid in ethanol
(2mL), 4mL of 0.05M-phosphate buffer (pH = 7.0), and
2mL of distilled water. The solution (10mL) was mixed and
incubated at 40∘C in the dark.The same solution, without any
additives, was taken as control sample. At regular intervals
during incubation, 0.1mL aliquot of the mixture was diluted
with 9.7mL of 75% ethanol followed by the addition of
0.2mL of 30% ammonium thiocyanate and 0.1mL of 20mM
of FeCl

2

in 3.5% HCl; the absorbance of red colour was
measured at 500 nm in Hitachi-U-2000 spectrophotometer
(Tokyo, Japan). The control and standard were subjected to
the same procedure except for the control, where there was
no addition of sample and for the standard 1mL of sample
were replaced with 1mg of PG, BHT, and BHA. These steps
are repeated every 48 h until the control sample reached its
maximum. Low absorbance value indicates the efficiency of
the test samples to inhibit lipid oxidation. The results were
reported as incubation time versus absorbance in Figure 6.

5. Antimicrobial Investigations

5.1. Antifungal Assay. The antifungal activity of the essential
oil and extract against various pathogenic fungi, Aspergillus
lavus (1884), Aspergillus niger (2479), Fusarium moniliforme
(1893), Fusarium graminearum (2088), and Penicillium viridi-
catum (2007), were tested by the inverted petri plate [15] and
poison food medium methods [16]. All the fungi cultures
were procured from the Microbial Type Culture Collection
(MTCC) and their reference numbers are given in the
parentheses. The cultures were maintained in Czapek agar
medium. Each test was replicated three times and fungi toxi-
city was measured in terms of percentage mycelial inhibition
calculated with the following equation:

mycelial inhibition (%) = [
(𝑑
𝑐

− 𝑑
𝑡

)

𝑑
𝑐

] × 100, (3)

where 𝑑
𝑐

and 𝑑
𝑡

are the average diameters of the mycelial
colony of the control and treated sets, respectively.

5.2. Antibacterial Assay. The essential oil and extract were
individually tested against a panel of microorganisms using
agar well diffusion method [17]. Three Gram-positive bacte-
ria, Staphylococcus aureus (3103), Bacillus cereus (430), and
Bacillus subtilis (1790), and two Gram negative bacteria,
Escherichia coli (1672) and Pseudomonas aeruginosa (1942).
All the bacterial strains were procured from the Microbial
Type Culture Collection (MTCC), Institute of Microbial
Technology (Chandigarh, India), and their reference num-
bers are given in parentheses. The bacterial cultures were
grown on nutrient agar medium and stored at 4∘C. In order
to prepare a bacterial strain for test, initially one loopful
of bacterial culture was transferred from slant to nutrient
broth solution (10mL) and was stored at 37∘C for 24 h.
The control plate without the addition of essential oil or
extract containing DMSO was also maintained under the
same conditions. After incubating for 24 h at 37∘C, all plates
were examined for any zones of growth inhibition and the
diameters of these zones were measured in millimeters.

6. Statistical Analysis

For the essential oil or oleoresin, three samples were prepared
for assays of every antioxidant and antimicrobial attribute.
The data are presented as mean (standard deviation of three
determinations (data are not shown). Statistical analyses
were performed using a one-way analysis of variance [18]. A
probability value of𝑃 < 0.05was considered to be significant.

7. Results and Discussions

7.1. Phytochemistry. Careful and detailed interpretations of
the experimental GC-MS data (EM fragmentation, retention
indices) were carried out which permitted identification of
a large number of components in essential oil and oleo-
resins (Tables 1 and 2). Table 1 shows identification of 33
components in black cumin oil, representing about 90.2% of
the total amount. The major component in black cumin oil
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Figure 1: Chelating effect of black cumin oil and its different
oleoresins.

was thymoquinone (37.6%) followed by p-cymene (31.4%),
𝛼-thujene (5.6%), thymohydroquinone (3.4%), longifolene
(2.0%), and carvacrol (1.4%). Burits and Bucar [8] character-
ized many components in black cumin essential oil such as
thymoquinone (27.8–57.0%), p-cymene (7.1–15.5%), carvacrol
(5.8–11.6%), trans-anethole (0.25–2.3%), 4-terpineol (2.0–
6.6%), and 1.0–8.0% of longifolene. These results are slight
different from the work reported by Hajhashemi et al. [19]
who reported that p-cymene (37.3%) and thymoquinone
(13.7%) were the major components of black cumin. Singh et
al. [6] also reported p-cymene as the major component in the
black cumin essential oil.

From Table 2, it is evident that, in ethanol oleoresin,
19 components constitute 96.4% of the total weight; in the
ethyl acetate oleoresin, a total of 19 components making
90.9% of the whole mass and, in case of n-hexane oleoresin,
19 compounds constituting about 85.2% of the total weight
were identified. The oleoresins were mainly comprised of
unsaturated fatty acids and their different esters. The major
components in all three oleoresins were linoleic acid (unsat-
urated fatty acid) followed by glyceryl linoleate, glyceryl
palmitate, oleic acid, and other minor components. The
presence of unsaturated fatty acids in oleoresins was well
supported by the various reported work [20–26].

7.2. Antioxidant Investigations

7.2.1. Chelating Activity on Ferrous Ions. The ferrous ion
(Fe2+) chelating effect of black cumin oil and its different
oleoresins is presented in Figure 1. The chelating activity
of the extracts was concentration dependent. Black cumin
oil exhibited higher chelating activity in comparison to the
oleoresins but was not effective chelator as EDTA. Maximum
chelating of metal ions at 200𝜇gmL−1 for black cumin oil
and EDTA was found to be 74.56% and 87.90%, respectively,
whereas the oleoresins were less effective in metal chelation
and their metal chelating activity ranges from 22.1 to 44.5%.
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on DPPH radical.
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7.2.2. Scavenging Effect on DPPH Radical. DPPH∙ is a stable
radical showing amaximum absorbance at 515 nm. InDPPH∙
assay, the antioxidant was able to reduce the stable radical
DPPH to the yellow-colored diphenylpicrylhydrazone. The
method is based on the reduction of DPPH∙ in alcoholic
solution in the presence of a hydrogen-donating antioxidant
due to formation of the nonradical form DPPH-H in the
reaction. DPPH∙ is usually used as a reagent to evaluate
free radical and accepts an electron or hydrogen radical to
become a stable diamagnetic molecule. The disappearance
of the DPPH radical absorption at 515 nm by the action of
antioxidants is taken as a measure of antioxidant activity.The
scavenging effects of black cumin oil and oleoresins onDPPH
radical linearly increased as concentration increased from
5 to 20𝜇gmL−1 (Figure 2). At 20𝜇gmL−1 the scavenging
activity of black cumin oil and ethyl acetate oleoresin was
95.4% and 89.75%, respectively, comparatively higher than



6 BioMed Research International

0

100

200

300

400

500

0 7 14 21 28

PG
Black cumin oil
Ethyl acetate oleo.
BHT

EtOH oleo.

BHA
Control

Incubation time (days)

Pe
ro

xi
de

 v
al

ue
 (m

eq
 kg

−
1
)

n-hexane oleo.

Figure 4: Inhibitory effect of black cumin oil and its oleoresins on
the primary oxidation of linseed oil measured using peroxide value
method.

BHT and BHA but lower than PG. However the scavenging
activity of BHA, BHT, and PG was more effective at lower
concentration and was 69.8%, 72.1%, and 86.3% at 5 𝜇gmL−1
but as the concentration increases the differences in scav-
enging activity between BHA, BHT, and oleoresins (specially
ethyl acetate) become less significant. Ethanol and n-hexane
oleoresins showed moderate scavenging activity.

7.2.3. Estimation of TPC. The amount of total phenols was
determined with Folin-Ciocalteu reagent. Gallic acid was
used as standard compound. The absorbance for various
dilutions of gallic acid with Folin-Ciocalteu reagent and
sodium carbonate was obtained and found standard curve
equation: 𝑦 = 0.0101𝑥 + 0.0178, 𝑅2 = 0.982 (Figure 3). The
total phenol contents (gallic acid equivalents, mg GAE per
g) in black cumin essential oil, ethyl acetate, ethanol and n-
hexane oleoresins were calculated as 11.47±0.05, 10.88±0.9,
9.68 ± 0.06, and 8.33 ± 0.01, respectively. The value suggests
that the black cumin oil and its oleoresins have lesser amount
of total phenols [27]. The differences in the total phenolic
content among the samplesmight be due tomany differences,
such as the environmental conditions, genetic background, or
agricultural techniques applied.

7.3. Antioxidant Assays in Linseed Oil System. The changes of
PV in linseed oil of all investigated samples are presented in
Figure 4. The rate of oxidative reactions in linseed oil with
additives was almost similar to that of the blank sample.
The stability of the linseed oil samples to the formation of
peroxides can be ranked in the following descending order:

PG > Black cumin oil > Ethyl acetate oleo. > BHT >
BHA > EtOH oleo. > n-hexane oleo. > Control.

Simultaneously with the measurements of PV, changes in
secondary product such as malondialdehyde, the compound
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Figure 5: Inhibitory effect of black cumin oil and its oleoresins
on the primary oxidation of linseed oil measured using TBA value
method.
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Figure 6: Inhibitory effect of black cumin oil and its oleoresins on
the primary oxidation of linoleic acid system measured using ferric
thiocyanate method.

used as an indicator of lipid peroxidation was measured by
TBAvalues (Figure 5), were also determined after every seven
days. Black cumin oil and its ethyl acetate oleoresin showed
strong inhibition at 0.02% concentration as compared to
BHT and BHA (𝑃 < 0.05) but lower than PG whereas the
ethanol and n-hexane oleoresin showed moderate inhibition
at 0.02% concentration as compared to the other additives.
From the above results, it should be confirmed that formation
of primary oxidation species, peroxides, was quite similar
with the secondary oxidation products and the changes of
both oxidation characteristics are in a good correlation.

7.4. Antioxidant Activity in Linoleic Acid System. The FTC
method was used to measure the amount of peroxides at
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the primary stage of linoleic acid peroxidation (Figure 6).
Since the concentration of the peroxide decreases as the
antioxidant activity increases, the intensity of the pigment
will be reduced, leading to lower absorbance. Absorbance
values of the control as well as black cumin oil and its
oleoresins increase until day 10 and then decreased on day
12 due to the malondialdehyde formation from linoleic acid
oxidation. There was a significant difference (𝑃 < 0.05)
between the control and the tested essential oil and oleoresins.
As can be seen in Figure 6, both black cumin oil and
oleoresins showed good antioxidative property in the linoleic
acid system and were significantly (𝑃 < 0.05) different from
the control.

Antioxidant activities of essential oils and oleoresins
may be related to the diverse compounds present in them
including terpenes, sesquiterpenes, and phenolic acids, which
act in various ways such as inhibition of peroxidation, scav-
enging the radicals, and chelating the metal ions. The main
constituents of black cumin oil were thymoquinone (37.6%)
and p-cymene (31.4%) with minor amounts of longifolene,
carvacrol, and thymohydroquinone which were responsible
for the antioxidant activity of black cumin oil [8, 9, 19, 28–
31]. Furthermore, free radical scavenging effects of these
componentswere studied on the reactions generating reactive
oxygen species such as superoxide anion radical, hydroxyl
radical using spectrophotometric methods [5]. The results
obtained using different assays were well correlated with
the previous work reported be many workers [5, 30] who
found thymoquinone as a main constituent responsible for
the activity. It has been suggested that phenolic content is
correlated with the antioxidant activity [32]. It is considered
that the antioxidant activity of phenolic compounds is due
to their high redox potentials, which allow them to act
as reducing agents, hydrogen donors. Thymoquinone was
also present in small amount with higher percentage of
unsaturated fatty acid, linoleic acid, in different oleoresins.
Studies [33] have shown that these unsaturated fatty acids
have anti-rather than pro-oxidant activity but still research
has been going on for the exact role of unsaturated fatty acids
against the oxidative stress.

7.5. Antimicrobial Investigations. Using inverted petri plate
technique (Table 3), the volatile oil exhibited more than 90%
zone inhibition for F. moniliforme and P. viridicatum. It was
also found to be highly effective in controlling the growth
of Aspergillus species and F. graminearum where (50%) and
(65%) zone inhibition was observed, respectively. For other
tested fungi, the essential oil exerted less activity. However
using the same method, the oleoresins have revealed less
activity except for F. moniliforme, in which only up to 40%
mycelial zone inhibition was obtained. Moreover using food
poison technique (Table 4), the volatile oil showed clear zone
of growth inhibition against F. graminearum at 10 𝜇L. The
volatile oil showed strong antifungal activity against all tested
Aspergillus species in the food poison method. Ethyl acetate
and ethanol oleoresin showed up to 30% zone inhibition
at 10 𝜇L dose. The n-hexane oleoresin showed very feeble

inhibition zone in both techniques. The lower antimicrobial
efficacy of the oleoresins is due to their low volatility [34].

The antibacterial investigations were undertaken using
agar well diffusion method (Table 4). Using this method, the
black cumin oil has shown better activity than oleoresins
and commercial bactericide, that is, ampicillin. The volatile
oil was found to be highly effective against B. subtilis, B.
cereus, and S. aureus and showed complete zone of inhibition
at 3000 ppm concentration whereas in oleoresins more than
20mm inhibition was obtained for Gram-positive bacteria.
In addition, more than 20 and 25mm zone inhibition was
obtained for P. aeruginosa and E. coli. The results obtained
using agar well diffusion method were well correlated with
the earlier reported work [6, 30, 35] where black cumin seed
oil has been shown to be effective against a wide spectrum
of organisms, bacteria like B. cereus, B. subtilis, S. aureus, S.
epidermis, E. coli, and P. aeruginosa.

The results obtained in antimicrobial investigations of
black cumin oil and oleoresins were in good agreement
with the previous reported work [36]. Thymoquinone, p-
cymene (monoterpene), longifolene (sesquiterpene), and
thymohydroquinone were responsible for strong antimicro-
bial activity of black cumin oil [29]. El Alfy et al. [35]
isolated thymohydroquinone as antimicrobial compound
from the volatile oil of Nigella sativa seeds. Oleoresins have
high concentration of unsaturated fatty acids along with
thymohydroquinone in small amount which is responsible
for its moderate antimicrobial effects. Long chain fatty acids
like linoleic acid and oleic acid were previously reported
to possess antibacterial and antifungal activity [36–39]. p-
Cymene is not an efficient antimicrobial compound when
used alone, but it potentiate the activity of compounds like
carvacrol [40]. The antimicrobial activity of essential oils can
often be correlated to its content of phenolic constituents.
The type of bacteria also has an influence on the effectiveness
of the volatile oil and oleoresins. Gram-negative bacteria
were generally less susceptible than Gram-positive bacteria
[41]. The difference in the susceptibility of the bacteria arises
as a result of differences in their cell membrane structure
which is more complex in case of Gram-negative bacteria.
The antimicrobial activity of a given essential oil may depend
on only one or two of the major constituents that make up
the oil. However, increasing amounts of evidence indicate
that the inherent activity of essential oils may not only rely
exclusively on the ratio in which the main active constituents
are present, but also on interactions between these andminor
constituents in the oils and oleoresins.

8. Conclusions

Seeds of black cumin seem to possess magical properties
and have been worked out extensively. This study revealed
that black cumin essential oil and its oleoresins constitute
a good alternative source of essential fatty acids compared
with common vegetable oil. The present results showed
that essential oil and oleoresins of black cumin exhibited
higher antioxidant activity than synthetic antioxidants.These
findings could be used to prepare multipurpose products for
pharmaceutical applications and its usage as dietary source of
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Table 3: (a) Antifungal investigations of black cumin oil and its oleoresins (% zone inhibitiona) using inverted petriplate method. (b)
Antifungal investigations of black cumin oil and its oleoresins (% zone inhibition) using food poisoned method.

(a)

Mycelial zone inhibition at different dosesa of sample (%)
Samples Doses (𝜇L) AN AF FM FG PV

Black cumin oil 5 43.6 ± 0.30 45.7 ± 1.3 71.2 ± 0.50 39.7 ± 0.14 34.7 ± 0.6

10 80.9 ± 0.36 70.3 ± 1.8 89.7 ± 0.20 65.7 ± 0.17 87.6 ± 0.7

EtOH oleoresin 5 5.7 ± 0.20 8.9 ± 0.20 17.8 ± 2.4 10.0 ± 0.20 9.9 ± 0.36

10 11.2 ± 0.30 13.2 ± 0.30 41.9 ± 0.3 11.3 ± 0.14 13.7 ± 0.40

n-Hexane oleoresin 5 0.2 ± 0.44 4.3 ± 0.17 4.5 ± 1.2 2.4 ± 0.36 5.6 ± 0.54

10 5.5 ± 0.46 7.6 ± 0.14 39.8 ± 0.1 9.1 ± 0.41 9.7 ± 0.6

Ethyl acetate oleoresin 5 19.8 ± 0.20 11.2 ± 0.7 20.1 ± 2.1 19.6 ± 1.1 18.1 ± 0.6

10 25.2 ± 0.26 16.4 ± 3.6 49.2 ± 2.3 31.1 ± 1.7 20.9 ± 0.8

aAverage of three replicates.
AN: Aspergillus niger, AF: Aspergillus flavus, FM: Fusarium moniliforme, FG: Fusarium graminearum, and PV: Penicillium viridicatum.
(−): no inhibition.

(b)

Mycelial zone inhibitiona at different doses of sample (%)
Samples Doses (ppm) AN AF FM FG PV

Black cumin oil 5 65.9 ± 0.9 60.3 ± 0.1 42.2 ± 1.8 93.2 ± 1.2 50.8 ± 1.5

10 81.2 ± 1.3 77.8 ± 0.2 61.7 ± 0.7 100 ± 0.8 55.4 ± 0.3

Ethanol oleoresin 5 25.2 ± 2.1 22.4 ± 1.7 − 31 ± 1.9 −

10 30.3 ± 2.1 29.8 ± 1.4 10.7 ± 0.8 33.7 ± 1.4 −

n-Hexane oleoresin 5 16.7 ± 0.7 14.4 ± 0.6 − 17.9 ± 1.5 −

10 21.4 ± 2.1 17.4 ± 0.1 − 19.9 ± 2.3 −

Ethyl acetate oleoresin 5 28.4 ± 1.4 23.7 ± 0.4 − 21.4 ± 1.4 −

10 35.2 ± 1.1 28.4 ± 0.5 15.3 ± 1.2 25.9 ± 0.7 −

aAverage of three replicates.
AN: Aspergillus niger, AF: Aspergillus flavus, FM: Fusarium moniliforme, FG: Fusarium graminearum, and PV: Penicillium viridicatum.
(−): no inhibition.

Table 4: Antibacterial activity of black cumin oil and its oleoresinsagainst a few bacterial species using agar well diffusion method.

Diameter of inhibition zone (mma)
Samples Doses (ppmb) BS BC SA EC PA

Black cumin oil 1000 ++ 25.3 ± 1.4 ++ − 18.9 ± 0.17

3000 ++ ++ ++ 20.3 ± 0.14 27.9 ± 0.15

Ethanol oleoresin 1000 16.4 ± 0.81 − 15.6 ± 0.36 − −

3000 28.3 ± 0.20 − 25.9 ± 0.42 − −

n-Hexane oleoresin 1000 11.5 ± 0.31 − 9.1 ± 1.1 − −

3000 20.9 ± 1.9 − 13.4 ± 2.6 − −

Ethyl acetate oleoresin
1000 22.3 ± 0.8 − 17.7 ± 2.3 − −

3000 44.3 ± 0.7 − 40.9 ± 1.2 − −

Ampicillin 1000 15.6 ± 0.32 − 9.1 ± 1.1 − −

3000 13.2 ± 0.2 − 13.4 ± 2.6 − −

aAverage of three replicates; ++ indicates complete inhibition and − indicates no inhibition.
bDMSO was used as solvent.
BS: Bacillus subtilis; SA: Staphylococcus aureus; BC: Bacillus cereus. EC: Escherichia coli; PA: Pseudomonas aeruginosa.
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antioxidant should be considered largely for alleviating and
ameliorating diseases.
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The alterations in the levels/activities of selected biomarkers for detecting kidney toxicity and in the levels of some oxidative
stress (OS) markers and elements were studied in male rats to evaluate biochemically the degree of kidney damage, investigate
the role of OS in the mechanism of functional renal disorders, reveal potential biomarkers of renal function, and assess the renal
mineral changes in the conditions of a 12-week sodium metavanadate (SMV, 0.125mgV/mL) exposure. The results showed that
OS is involved in the mechanism underlying the development of SMV-induced functional renal disturbances. They also suggest
that the urinary cystatin C (CysCu) and kidney injury molecule-1 (KIM-1u) could be the most appropriate to evaluate renal
function at the conditions of SMV intoxication when the fluid intake, excreted urinary volume (EUV), body weight (BW), and
the urinary creatinine excretion (Creu) decreased.The use of such tests as the urinary lactate dehydrogenase, alkaline phosphatase,
𝛾-glutamyltranspeptidase, and N-acetyl-𝛽-D-glucosaminidase (LDHu, ALPu, GGTPu, and NAGu) seems not to be valid given their
reduced activities. The use of only traditional biomarkers of renal function in these conditions may, in turn, be insufficient because
their alterations are greatly influenced by the changes in the fluid intake and/or BW.

1. Introduction

Vanadium (V) is a well-known powerful prooxidant. It may
modify oxidative stress (OS) in the cells and be involved
in oxidative injury mechanisms [1]. Its prooxidant action
has been demonstrated in in vivo and in vitro conditions
[2–7]. It has been shown that the free radical process-
lipid peroxidation (LPO), which is a biochemical biomarker
of cellular dysfunction and an index of cytotoxicity [8],
is enhanced by V in the kidney [3, 8]. It has also been
suggested that LPO may be predictive of renal dysfunction
[8].

Kidney is particularly vulnerable to deleterious effects of
V. The susceptibility of this organ to V may be a reflection of
its accumulation in this tissue [8]. It has been reported that
V may be present in tubular cells in a readily exchangeable
form as well as in low and high molecular mass complexes,
and it may be excreted free or bound to proteins after
prolonged exposure [9, 10]. It has also been speculated that
V may be involved in the pathogenesis of distal renal tubular
acidosis (dRTA), renal stone disease, “uremic syndrome,”
and acquired cystic kidney disease [11–13]. A suggestion that
prolonged intake of high-dose V supplements may cause
serious kidney toxicity has been put forward as well [14, 15].
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The occupational and environmental toxicological im-
pact of V and the fact that kidneys are critical for its
poisoning [16–19], the modest number of biomarkers of pos-
sible functional renal disturbances under vanadate exposure
examined until now, and the insufficient information about
the contribution of OS in the mechanism underlying the
vanadate-induced functional kidney disorders prompted us
to answer the following questions. (a) To what extent do
the effects of 12-week sodium metavanadate (NaVO

3

, SMV,
0.125mgV/mL) exposure alter the levels/activities of some
biomarkers of renal toxicity in rats? We intended to examine
traditional biomarkers classified as not very specific or sensi-
tive but routinely used in the diagnosis of kidney function and
those that allow distinguishing, to some degree, structural
and functional renal disorders and have a potential for
determining the site of renal tubular damage [20–22]. (b) To
what degree do the effects of SMVexposure change the home-
ostasis of some micro- and macroelements in the kidney? (c)
Which of the biomarkers examined are the most sensitive in
our experimental conditions? (d)What value/information do
some biomarkers add to the existing data? (e) Is OS involved
in the mechanism of the development of kidney function
disorders during SMV intoxication? (f) Are there any signifi-
cant relationships between the measured variables? Since the
measurement of the activities of some enzymes in tissues and
biological fluids may play a significant role in detection of tis-
sue cellular injury and point to damage long before histologi-
cal alterations, both cytosolic and lysosomal enzymes as well
as those located on the brush-border membrane have been
taken into consideration and illustrated in the present report.

2. Materials and Methods

2.1. Reagents. The kits for determination of the plasma con-
centrations of TPp, Up, UAp, Mgp, and Cap and the urinary
levels of Uu, UAu, and Creu were obtained from Emapol
(Gdańsk, Poland), whereas the kits for determination of the
plasma Cup and Znp levels were purchased from Sentinel
Ch. kits (Milan, Italy). The reagents for determination of the
levels/activities of the plasma (Crep, ALBp, LDHp, GGTPp,
and ALPp), urinary (ALBu, TPu, LDHu, GGTPu, and ALPu),
and renal (LDHk, GGTPk, and ALPk) biomarkers as well
as the reagent for measurement of the levels of electrolytes
in the plasma and urine (Nap/u, Kp/u, and Clp/u) were
acquired from Alpha Diagnostics (Warsaw, Poland). The kit
for estimation of total antioxidant status in the kidney (TASk)
was bought from Calbiochem-Novabiochem Corporation
(San Diego, CA, USA), whereas the kits for determination of
the urinary levels of NAGu (E90069Ra), CysCu (E90896Ra),
𝛽
2

Mu (E90260Ra), andKIM-1u (E90785Ra) andof the plasma
concentrations of CysCp (E90896Ra) and (𝛽

2

Mp E90260Ra)
were derived from Uscn Life Science Inc. (Wuhan, China).
NaVO

3

, Triton X-100, and the caesium chloride lanthanum
chloride buffer (CsClLaCl) were purchased from Sigma
Chemical (St. Louis, USA). Nitric acid (HNO

3

, 65% supra-
pure) and diethyl ether (C

4

H
10

O) were acquired fromMerck
(Darmstadt, Germany), whereas hydrogen peroxide (H

2

O
2

;
30% pure P.A.) and the physiological buffered saline (PBS)

were purchased from POCH (Gliwice, Poland) and from
the Serum and Vaccine Factory (Biomed, Lublin, Poland),
respectively. Stocks ofV,Mg, Zn, andCu (InorganicVentures,
Christiansburg, USA) and a stock of Ca (Spectracer, UK)
atomic absorption standard solutions as well as a multi-
element standard solution for Na and K (Sigma-Aldrich)
were used in the element analysis by the Atomic Absorption
Spectrometry (AAS) method. Ultrapure water was received
from an ultrapure water HLP Spring 5R system1 (Hydrolab,
Gdańsk, Poland). All the chemicalswere of the highest quality
available.

2.2. Animals and Experimental Design. The experiment was
conducted according to the experimental protocol approved
by the 1st Local Ethical Committee for Animal Studies in
Lublin. Biological material used in this study originated from
some of the outbred albino male Wistar rats used in the
previous study [23]. The animals were kept in an animal
room with controlled conventional conditions (one rat per
stainless steel cage) and received, inter alia, deionised water
(Group I, Control, 8 rats) or a water solution of NaVO

3

at
a concentration of 0.125mgV/mL (Group II, SMV, 8 rats)
to drink in special bottles with the scale every day over
a 12-week period. All the rats had ad libitum access to
fresh deionised water, SMV solution, and a standard rodent
diet (Labofeed B, Fodder and Concentrate Factory, Kcynia,
Poland) in which the concentration of V had been assessed
by Graphite Furnace AAS (GF-AAS) in our laboratory, and
it was about 0.17 𝜇gV/g. More details about the chow had
been provided by us previously [23].The intake of food, water,
and SMV solution was monitored daily and body weight
(BW) was obtained weekly. The water and SMV solution
intake was expressed as mL/rat/24 h, whereas the food intake
was expressed as g/rat/24 h. The daily V intake in the SMV-
exposed rats was estimated based on the 24 h consumption
of the drinking SMV solution and expressed as mg V/kg
b. wt./24 h. During the whole experiment, the animals were
observed in order to assess their general health. The doses
of V presented in the study are within the broad dose range
that was used for demonstrating the antidiabetic activity of
V [19, 24] and for analysing its pharmacokinetic behaviour
[25] on an animal model. The concentration of V in rats’
urine determined in the present study may reflect exposure
to this element occurring especially in persons occupationally
exposed to this metal [26, 27].

Every second week in the course of the experiment and
in the 11th week, 24-hour urine was collected from each rat
placed individually in plastic metabolic cages not equipped
with a cooling system (Tecniplast, Italy), which allowed sepa-
rate collection of urine and faeces. During that time, each rat
had access to food and water or the SMV solution. The urine
samples from all the control and SMV-exposed rats were
used immediately for determination of some biochemical
parameters and for measurements of excreted urine volume
(EUV) and urine pH.The volumes of excreted 24-hour urine
were measured with a measuring cylinder, whereas urine
pH and blood in the urine were tested on the H-100 urine
analyser (DIRUI, China) using urinary dipsticks. Portions of
the urine samples that were not used immediatelywere frozen
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at −80∘C in a deep-freezer HFU 486 Basic1 (Thermo Fisher
Scientific, Germany) and stored until further analyses.

All the rats were sectioned at the end of week 12. Whole
blood was taken from the jugular vein into plastic tubes
with heparin as an anticoagulant under anaesthesia with
ketamine/xylazine cocktail (100mg/mL and 20mg/mL, resp.,
i.p.) and centrifuged (5min, 1500×g, 4∘C). Plasma portions
were collected for routine analyses of clinical chemistry
parameters and for other biological determinations. The kid-
neys and femurs (right and left) were immediately removed.
The kidneys were washed in ice-cold physiological saline
(0.9% NaCl) and weighted. The right femurs (after removal
of the overlying tissue with stainless steel knives) were also
washed in 0.9% NaCl, weighed, and stored frozen at –
80∘C until the time of bone digestion. Before digestion, all
the collected right femurs were cut using a diamond-disk
saw (Metkon Micracut 175)1, cooled with ultrapure water
to separate the proximal and distal femoral epiphysis (PFE
and DFE) (a region of trabecular bone) from the femoral
diaphysis (FD) (a region of cortical bone). Next, bonemarrow
was removed from all the FDs, which then were first soaked
with ether (to remove fat content) and later in H

2

O
2

(to
remove remaining blood deposits). Afterwards, the cleaned
FDs were washed in ice-cold PBS and then in ultrapure water.
Next, they were dried at room temperature into constant
mass. The cleaned and bone marrow-deprived FD samples
(∼0.355 g, mean) were used for digestion.

2.3. Decomposition of the Kidney, Urine, and FD. In order
to determine Mg, Ca, V, Zn, Cu, Na, and K in the kidney
and Mg, Ca, V, Zn, and Cu in the urine, 0.5 g of kidney
and 1mL of urine were wet-mineralized with 5mL of 65%
HNO

3

in 12 Teflon Fluor Modified (TFM) closed digestion
vessels using a model Speedwave Four microwave digestion
system1 (Berghof, Germany) equipped with a temperature
and pressure sensor in each vessel. In turn, ∼0.355 g of FD
was wet-mineralized in the same digestion system but in the
presence of 5mL of 65% HNO

3

and 1mL of 30% H
2

O
2

to
determine V, Mg, and Ca. Before the measurements, all the
decomposed samples of kidney, FD, and urine were trans-
ferred into 25mL volumetric polypropylene flasks bywashing
the inner surface of the digestion vessels with ultrapure
water three times and filled up to the mark with ultrapure
water. Next, determinations of the selected elements were
performed by the AAS method.

2.4. Determination of Some Renal Biomarkers. The concen-
trations of Up, UAp and TPp in the plasma as well as Uu, UAu,
andCreu in 24-hour urinewere determined colourimetrically
by measuring the absorbance with a Thermo Spectronic
BioMate5 UV-VIS spectrophotometer (UK). The concentra-
tions of ALBp, ALBu, TPu, and Crep and the activities of
LDHp, GGTPp, ALPp, LDHu, GGTPu, and ALPu in the
plasma and urine as well as the activities of LDHk, GGTPk,
and ALPk in the kidney were measured using an automatic
biochemical analyser BS-1201 (Mindray, China). The levels
of CysCp and 𝛽

2

Mp in the plasma and the levels of CysCu,
𝛽
2

Mu, KIM-1u, and NAGu in the urine were assessed by a

traditional method using rat-specific commercial enzyme-
linked immunosorbent assay (ELISA) kits and an ELISA
microplate reader Synergy 21 equipped with an automated
microplate strip washer ELx501 and a microplate shaker1
(BIO-TEK Instruments Inc., USA). All the ELISA tests were
performed according to the manufacturer’s protocols. Before
the measurements, thawed plasma and urine samples were
mixed by inversion, centrifuged with cooling (1500 rpm for
10min, 4∘C, or 2000 rpm for 5min, 4∘C, resp.) using a
centrifuge Heraeus Megafuge 11R1 (Thermo Fisher Scientific,
Germany), and immediately used for analysis. The optimal
factors of dilution for some samples were chosen when
necessary and the samples were diluted with ultrapure water
or with PBS (pH 7.4 ± 0.2). In order to evaluate the
glomerular filtration rate (GFR), calculation of creatinine
clearance (CreC)was performed.The results for all the above-
mentioned parameters are expressed as % of the control and
presented in Figures 1(a), 2(a), 2(b), 3(a), 3(b), and 4(a).

2.5. Determination of Elements in Biological Fluids and Tissues

2.5.1. Spectrophotometric Determination of Ca, Mg, Zn, and
Cu in the Plasma. Themeasurements of these elements were
performed using a BioMate5 spectrophotometer with the
direct colourimetricmethod according to the protocols of the
kits, and their concentrations are presented in Figures 1(b)
and 1(d).

2.5.2. Determination of Na, K, and Cl in the Plasma and
Urine. The electrolytes mentioned were measured using
an automatic EasyLyte analyser Na/K/Cl1 (Medica). Their
urinary excretion was first normalized against 24-hour diure-
sis and against 24-hour urinary Creu excretion, and their
concentrations are presented in Figures 1(b), 1(c), 2(e), and
3(e).

2.5.3. Atomic Absorption Measurements of Mg, Ca, V, Zn, Cu,
Na, and K in Digested Kidney Samples, Mg, Ca, V, Zn, and
Cu in Digested Urine Samples, V, Mg, and Ca in Digested FD
Samples, andV inNondigested Plasma Samples. Theelements
were determined by Flame or Graphite Furnace AAS (F-
AAS or GF-AAS, resp.) using a SpectrAA Z-2000 TANDEM
atomic absorption spectrometer1 (Hitachi, Japan) equipped
with a Zeeman background corrector. A specificmatrixmod-
ifier was used for V determination. In order to determine the
V concentration in the plasma, the samples were diluted with
0.05% Triton X-100 and in ultrapure water when necessary.
All the operating parameters of the instrument and the
details of measurements of all the above-mentioned elements
together with the values of the detection, quantification limits
(LOD and LOQ, resp.), and the coefficient of variations (CV)
are shown in Table 1.

Themethod of standard addition was performed in order
to estimate the effect of interferences during Mg assessment.
Mg, Ca, V, Zn, Cu, Na, and Kwere determined by application
of a calibration curve using working standard solutions,
which were obtained from a stock atomic absorption stan-
dard solutions containing 1000 𝜇gMg, Ca, V, Zn, Cu, Na, and
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Figure 1: The levels/activities of some biomarkers of renal toxicity (a) and the concentrations of selected elements ((b)–(e)) in rat plasma.
1,2,3Data were tested by Student’s 𝑡-test, Welch’s 𝑡-test, or Mann-Whitney’s 𝑈 test, respectively. ∗Significant differences, compared with the
Control (Group I). 𝑓Logarithmically transformed data. ††,†𝑃 = 0.05, 𝑃 = 0.08, respectively, compared with the Control (Group I).

K/mL by dilution with 5% (v/v) HNO
3

. The 10% CsClLaCl
buffer was used to determine Ca. The analytical quality of
the measurements was checked with the use of Certified
Reference Materials (CRMs) such as Bovine Liver 1577 c
(NIST), Seronorm Trace Elements Urine 201205 (SERO),
Trace Elements in Natural Water 1640 a (NIST), and Bone
Ash 1400 (NIST). The analysis of these CRMs confirmed
the reliability of the proposed approach. The certified and
determined values of all the elements examined in the above-
mentioned CRMs are presented in Table 1. The plasma V
level is presented in Figure 1(e). In turn, the urinary excretion
of the above-mentioned elements investigated was also first
normalized against 24-hour diuresis and against 24-hour
urinaryCreu excretion.This is illustrated in Figures 2(c), 2(d),
2(f), 3(c), 3(d), and 3(f). However, the renal V, Mg, Ca, Zn,
Cu, Na, and K concentrations as well as the FD V, Mg, and
Ca concentrations are presented in Figures 4(b)–4(e) and in
Figures 5(a)–5(c).

2.6. Determination of Renal Lipid Peroxidation (LPO) and
Total Antioxidant Status (TAS). All details concerning

the methodology of determination of LPO and the
preparation of kidney homogenates and supernatants
for the renal MDAk and TASk measurements had already
been provided [2, 3]. The results of both the OS markers
mentioned are expressed as % of control and illustrated in
Figure 4(a).

2.7. Statistical Analysis. The statistical analysis of the data
was performed with the Statistica and SPSS, versions 9.0 and
14.0 PL forWindows, respectively.The normal distribution of
the data was tested by Shapiro-Wilk’s normality test. Grubbs’
test was performed to detect the presence of outliers from
a normal distribution. The homogeneity of variances was
verified employing Levene’s test and sometimes additionally
Hartley’s Fmax, Cochran’s C, and Bartlett’s tests. Student’s 𝑡-
test and Welch’s 𝑡-test were applied to compare the means of
two independent groups when the data met the assumptions
of ANOVA and when they had a normal distribution but the
variances were not homogenous, respectively. In some cases,
logarithmic transformation of the datawas used tomake them
more normal. In turn, the nonparametric Mann-Whitney U



BioMed Research International 7

0

100

200

300

400

500

EU
V
2

pH
3

Cr
e1
f

¡

U
1¡

TP
1

A
LB

1
f

Cy
sC

1
f

𝛽
M

2
1
f

KI
M

-1
1
f

¡

UA
1¡

C
on

tro
l (

%
)

∗

∗
∗ ∗ ∗

(a)

0

20

40

60

80

100

120

140

C
on

tro
l (

%
)

∗

∗
∗

‡

GGTP1f¡ NAG2¡ALP2¡LDH1¡

(b)

0

1

2

0

2

4

6

8

10

12

14 ∗

Mg1 Ca1

(m
g/

24
 h)

(m
g/

24
 h)

Control 

SMV

(Group I)

(Group II)

(c)

0

10

20

30

∗

(𝜇
g/

24
 h)

Cu1 Zn1f

Control 

SMV

(Group I)

(Group II)

(d)

0

1

2

3

4

5

6

7

∗

Na1 Cl1K1¡

(m
m

ol
/2

4 h
)

Control 

SMV

(Group I)

(Group II)

(e)

0

20

40

60

80 ∗

(𝜇
g/

24
 h)

V2¡

Control 

SMV

(Group I)

(Group II)

(f)

Figure 2: EUV, urine pH, and the urinary levels/activities of some biomarkers of renal toxicity ((a) and (b)) and the urinary levels of selected
elements ((c)–(f)) normalized per 24-hour diuresis in the tested rats. 1,2,3Data were tested by Student’s 𝑡-test,Welch’s 𝑡-test, orMann-Whitney’s
𝑈 test, respectively. ∗Significant differences, compared with the Control (Group I). 𝑓Logarithmically transformed data. ¡Correlated with
excreted urinary volume (EUV). ‡𝑃 = 0.06, compared with the Control (Group I).

test was applied when the data did not meet the assump-
tions of ANOVA. The results were presented as mean ±
the standard error of the mean (SEM). A 𝑃 value less than
0.05 was taken as a criterion for a statistically significant
difference. Pearson’s correlation analyses were applied to
assess the relationships between the measured variables.
Correlations were considered statistically significant at 𝑃 <
0.05.

3. Results

3.1. General Observation and Changes in Some Basic Parame-
ters. In the animals exposed to SMV, no distinct differences
in physical appearance and motor behaviour were observed
during the 12-week experimental period, compared with the
control. Some of the SMV-intoxicated rats had gastrointesti-
nal disturbances probably caused by the consumption of the
V dose. One-day diarrhoea was observed in four animals
from this group in the first, second, third, or fourth week of
the experiment. Only one rat from this group had three-day
diarrhoea in the first week of the experiment. The fluid and

food intake as well as BW (Table 2) and EUV (Figure 2(a)) in
the SMV-exposed rats were lower, compared with the control
animals. The dose of V consumed by the rats during the 12-
week period reached the value of about 13mgV/kg b. wt./24 h
(Table 2).

3.2. Plasma, Urinary, and Renal Levels of the Examined
Biomarkers and the Dipstick Urinalysis (Blood and pH). The
concentrations of Crep and Up in the SMV-exposed rats
increased (Figure 1(a)), whereas CreC (Figure 1(a)) and the
levels of urinary excretion of Creu (per 24 h) and Uu (per
24 h) decreased significantly (Figure 2(a)), in comparison
with the control animals. In turn, the urinary level of Uu
(per Creu/24 h) (Figure 3(a)) and the concentration of Uk in
the kidney (Figure 4(a)) were unaltered. The levels of UAp
(Figure 1(a)) and UAu (per 24 h and per Creu/24 h, Figures
2(a) and 3(a), resp.) also remained unchanged in response to
the SMV exposure.

The levels of TPp and ALBp in the SMV-exposed
rats did not alter significantly, compared with the control
(Figure 1(a)), but the urinary excretion of TPu (per 24 h)
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‡,‡‡,†

𝑃 = 0.06, 𝑃 = 0.07, and 𝑃 = 0.08, respectively, compared with the Control (Group I).

Table 2: Basic indices in the tested animal groups at week 12.

Parameters Groups of animals Percentage decrease (↓) compared with Group I, 𝑃 value
(I) Control (II) SMV

Fluid intake (mL/rat/24 h)2 58.53 ± 1.92 39.64 ± 0.73∗ ↓ 32 < 0.001
Food intake (g/rat/24 h)1 37.02 ± 0.86 28.73 ± 0.69∗ ↓ 22 < 0.001
Body weight (% of initial b. wt.)1 264.13 ± 23.59 190.46 ± 15.95∗ ↓ 28 < 0.05
V dose (mgV/kg b⋅wt./24 h)# — 13.27 ± 0.33
1,2Data were tested by Student’s 𝑡-test or Welch’s 𝑡-test, respectively.
∗Significant differences (𝑃 < 0.05), compared with the Control (Group I).
#Consumed with drinking water.

and ALBu (per 24 h) decreased and unchanged, respectively,
(Figure 2(a)). On the contrary, the urinary levels of TPu (per
Creu/24 h) in the same group of rats were unaltered andALBu
(per Creu/24 h) increased, in comparison with the control
(Figure 3(a)). In turn, the renal concentration of TPk and
ALBk did not change markedly (Figure 4(a)).

The concentrations of CysCp and 𝛽
2

Mp remained unal-
tered between the groups (Figure 1(a)). However, the urinary
excretion of CysCu (per 24 h, Figure 2(a), and per Creu/24 h,

Figure 3(a)) increased markedly but the urinary 𝛽
2

Mu level
(per 24 h, Figure 2(a), and per Creu/24 h, Figure 3(a)) was
unchanged. In turn, the urinary level of KIM-1u (per 24 h,
Figure 2(a), and per Creu/24 h, Figure 3(a)) in the SMV-
intoxicated rats did not alter and increased, respectively,
compared with the control.

The activity of LDHp increased, ALPp decreased, and
GGTPp was unchanged in the rats after the SMV intoxication,
in comparison with the control (Figure 1(a)). In turn, the
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𝑃 = 0.09, 𝑃 = 0.05, respectively,
compared with the Control (Group I).

urinary activities of LDHu, GGTPu, and ALPu (per 24 h)
as well as the urinary activities of GGTPu and ALPu (per
Creu/24 h) and NAGu (per 24 h and per Creu/24 h) were
lowered in the SMV-exposed rats, compared with the control
(Figures 2(b) and 3(b)). However, the urinary activity of
LDHu (per Creu/24 h) only showed a visible trend toward an
increase (Figure 3(b)). In turn, the renal activity of LDHk,
GGTPk, and ALPk in the SMV-intoxicated rats was lowered,
in comparison with the control (Figure 4(a)).

Urine dipstick analysis did not reveal presence of blood
in the urine of the SMV-intoxicated rats (data not shown).
However, the urine pH in the same animals was markedly
higher, compared with that in the control rats (Figure 2(a)).

3.3. Element Levels in the Plasma. The exposure to SMV
led to a distinct elevation of the Cap and Kp concentrations
(Figure 1(b)), produced a visible decrease in the plasma Cup

level (Figure 1(d)), and increased the plasma Vp concen-
tration (Figure 1(e)). However, no SMV intoxication-related
effects on the concentrations of Mgp, Nap, Clp, and Znp
(Figures 1(b), 1(c), and 1(d)) in the plasma were detected.

3.4. Excretion of Urinary Elements. In the SMV-intoxicated
animals, Mgu, Cau, and Vu were excreted in urine in higher
amounts than those found in the control rats (Figures
2(c), 2(f), 3(c), and 3(f)). The urinary Clu excretion (per
Creu/24 h) also tended to be higher, compared with the
control (Figure 3(e)). In turn, the urinary excretion of Znu
(per 24 h and per Creu/24 h) distinctly decreased in the
SMV-exposed rats, in comparison with the control animals
(Figures 2(d) and 3(d)), whereas the urinary Ku excre-
tion (per 24 h, Figure 2(e), and per Creu/24 h, Figure 3(e))
dropped and did not change, respectively. However, the
urinary levels of Cuu and Nau (per 24 h and per Creu/24 h),
in the SMV-exposed rats, did not turn out to be significantly
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altered, compared with the control animals (Figures 2(d),
2(e), 3(d), and 3(e)).

3.5. Concentrations of Elements in the Kidney and FD. The
exposure to SMV elevated the concentrations of Mgk, Kk
(Figures 4(b) and 4(d)), and Vk (Figure 4(e)) and decreased
the concentration of Cuk (Figure 4(c)) in the kidney, com-
pared with the control. A clear tendency toward decreased
and increased concentrations of Cak and Znk, respectively
(Figures 4(b) and 4(c)), was also observed in the SMV-
intoxicated animals, in comparison with the control rats.
However, the concentration of Nak in the same organ of
the SMV-exposed rats did not change markedly, compared
with the control (Figure 4(d)). In turn, the concentrations
of MgFD and CaFD in FD decreased (Figures 5(a) and 5(b)),
whereas the concentration of VFD in the same FD increased
(Figure 5(c)) after the SMV intoxication, in comparison with
the control.

3.6. Kidney Weight and Renal MDA and TAS Levels. The
SMV-exposed rats had a significantly elevated relative renal
weight (RRW) and the renal MDAk level, compared with
the control animals (Figure 4(a)). The renal TASk level in
the same group of rats was also distinctly enhanced, in
comparison with the control (Figure 4(a)).

3.7. Correlations between Some Measured Variables. Signif-
icant positive and negative correlations and trends toward
them were revealed between many different parameters,
among others, between the renal Vk concentration, the renal
MDAk, or TASk levels and some biomarkers and basic indices
as well as between both OS markers (Table 3).They were also
found between the fluid intake, BW, EUV, or the urinary Creu
excretion and some investigated parameters (Table 3) as well
as between the renal Vk concentration or the renal MDAk
level and the levels/concentrations of elements in the plasma,

urine, kidney and FD (Table 4).The relationships between the
urinary excretion of some elements and Creu or EUV were
also indicated (Table 4).

4. Discussion

To our knowledge, the present report is the first to describe
in a rat model the influence of the 12-week SMV exposure on
the levels/activities of a wider panel of biomarkers of renal
toxicity and on the concentrations of some elements in the
kidney. It reveals a probable mechanism of the development
of the SMV-induced functional renal disorders and proposes
potential biomarkers of nephrotoxicity for specific conditions
of SMV intoxication. It also illustrates for the first time
many relationships between some explored indices. Because
of different experimental conditions used, comparison of
the results presented in the current report with literature
data was difficult; therefore, the discussion section relies
predominantly on our own results.

The increase in the kidney/body weight ratio observed
by us in the present (Figure 4(a)) and previous study [28] in
the SMV-intoxicated rats may indicate that V accumulated
sufficiently in the kidney to manifest significant alterations
in the size of this organ. Taking into account the fact that
one of the main excretory routes for V within the body
is the urinary system [29], V accumulation in the kidney
may result in not only functional but also structural damage.
Therefore, the estimation of the structural renal injury by
histological examination in the rats after the 12-week SMV
exposure is going to be performed in the nearest future. In
this report, the degree of kidney damage has been evaluated
only biochemically.

The decreased CreC together with the enhanced plasma
Crep andUp levels (Figure 1(a)), and the lowered urinaryCreu
and Uu excretion (Figure 2(a)) found in the SMV-exposed
rats may indicate a problem with removal of Cre and U
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Table 3: Correlation coefficients for compared variables.

Variables
Vk MDAk TASk

Food-I −0.894† Food-I −0.817† Food-I −0.676†

Fluid-I −0.905† Fluid-I −0.754† Fluid-I −0.707†

RRW 0.778† RRW 0.531∗ RRW 0.406f

BW −0.601∗ BW −0.672† BW −0.780†

MDAk 0.889† TASk 0.598∗ LDHk −0.472a

TASk 0.590∗ LDHk −0.614∗ ALPk −0.492†††

LDHk −0.544∗ ALPk −0.757† GGTPk −0.401g

ALPk −0.669† GGTPk −0.577∗ EUV −0.412f

GGTPk −0.759† Uk −0.445c pH 0.588∗

EUV −0.716† ALBk −0.549∗ Crep 0.624†

pH 0.917† EUV −0.613∗ CreC −0.505∗

Creu −0.630† pH 0.761† Uu


−0.429d

Up 0.483∗∗ Crep 0.757† CysCu
 0.601∗

Crep 0.818† CreC −0.606∗ 𝛽2Mu


−0.408h

CreC −0.652† TPp −0.437d AlPu


−0.552∗

ALPp −0.448c LDHp 0.539∗ NAGu


−0.448c

LDHp 0.757† Creu −0.572∗

Uu


−0.596∗ Uu


−0.574∗

TPu


−0.654† TPu


−0.518∗

CysCu
 0.399g CysCu

 0.496f

LDHu


−0.612∗ LDHu


−0.523∗

ALPu


−0.656† ALPu


−0.514∗

GGTPu


−0.531a GGTPu


−0.425i

NAGu


−0.506∗ NAGu


−0.490ff

Fluid-I BW EUV Creu
EUV 0.759† Crep −0.773† Creu 0.920† Uu



−0.561∗

Crep −0.844† Creu 0.595∗ Uu
 0.816† UAu



−0.443c

Creu 0.668† CreC 0.762† UAu
 0.499∗ TPu



−0.786†

CreC 0.755† Uu
 0.734† LDHu

 0.569∗ ALBu


−0.630†

Up −0.470a CysCp 0.488‡‡ ALPu
 0.424e 𝛽2Mu



−0.697†

Uu
 0.700† CysCu



−0.482a GGTPu
 0.643∗ LDHu



−0.776†

NAGu
 0.780†

KIM-1u
 0.447c

Data are presented as the correlation coefficients (𝑟) and the levels of statistical significance (𝑃).
p,u,kPlasma, urine, and kidney (concentration), respectively.
Fluid-I, Food-I, RRW, BW, and EUV: fluid intake, food intake, renal relative weight, body weight, and excreted urinary volume, respectively.
†P < 0.01; ∗P < 0.05; fP = 0.051; †††P = 0.053; ffP = 0.054; ‡‡P = 0.055; ∗∗P = 0.058; aP = 0.06; cP = 0.08; dP = 0.09; eP = 0.10; fP = 0.11; gP = 0.12; hP = 0.13; iP =
0.14.
,Expressed per 24 h and per Creu per 24 h, respectively.
The significant correlations and tendencies toward them are highlighted in normal and italic bold font, respectively.

from the body and implicate glomerular functional disorders
reflected by decreased clearance of the above-mentioned
compounds. However, the lowered basic parameters such as
fluid intake (discussed by usmorewidely) [30] and BW found
in the same group of animals (Table 2) and the significant
correlations between them and Creu, Crep, CreC, Uu, and/or
Up (Table 3) do not allow us to exclude the possibility that
dehydration and/or low BW affected the measured standard

renal biomarkers. However, it is difficult to recognize to what
extent they could influence the alterations in the biomarkers
examined. The levels of Cre and U in the blood/urine are
known to be affected not only by renal but also by some
nonrenal factors [31–33]. On the other hand, the correlations
between the renal V concentration (Vk) and Creu, Crep,
CreC, Uu, and Up (Table 3) confirm the involvement of V
in the changes in the basic biomarkers explored. Moreover,
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the correlations between Vk and both OS markers such as
MDAk and TASk as well as between MDAk and Creu, Crep,
CreC, and Uu (Table 3) also point to the involvement of the
SMV-induced OS in their alterations observed. Additionally,
the positive correlation between both OS markers allows us
to definitively conclude that the changes in the renal TAS

𝑘

level (Table 3) are associated with the alterations in LPO in
the kidney due to the SMV exposure.

The markedly elevated urinary excretion of CysCu (a
tubular injury biomarker) [20, 32] demonstrated in the SMV-
intoxicated rats (Figures 2(a) and 3(a)) without significant
alterations in the plasma level of this protein (CysCp)
(Figure 1(a)) may point to decreased reabsorption of CysC by
injured tubules. Moreover, the positive correlation of CysCu
with TASk as well as the clear trends toward the positive
correlations of CysCu with Vk and MDAk (Table 3) can
suggest involvement of the renal V prooxidative action in the
proximal tubular dysfunction (PTD), which consequently led
to the urinary CysC wasting. It has been reported that when
the renal proximal tubule remains intact CysC is completely
taken up by the proximal tubular cells (PTC) [32], but in the
case of tubular disease and the proximal convoluted tubule
(PCT) injury the concentration of this protein in the urine
is significantly elevated [34, 35]. In addition, the markedly
enhanced urinary KIM-1u excretion (Figure 3(a)) found in
the same group of rats may also point to damage to PTC due
to the SMV exposure. KIM-1 is expressed at very high levels
in proximal tubule epithelial cells after toxic injury and it is
present in urine when the injury of PTC occurs [20].

In turn, the lowered urinary activities of LDHu, ALPu,
GGTPu, and NAGu, demonstrated in the SMV-exposed rats
(Figure 2(b)), allow us to suggest that the use of these tests
for monitoring kidney injury during the SMV intoxication
may not be valid, as the activity of these enzymes in the urine
usually rises due to release from damaged cells. The lowered
urinary ALPu and GGTu excretion and the simultaneous
increase in the urinary LDHu and NAGu excretion were
demonstrated by De la Torre et al. [36] in adult rats after
vanadate intoxication. The discrepancies between our results
concerning the urinary excretion of LDH and NAG and
the results obtained by the above-mentioned investigators
draw attention to the dependence of the renal effects on
the conditions of vanadate exposure. In turn, the significant
negative correlations found between the renal Vk concen-
tration and the renal LDHk, ALPk, and GGTPk activities
(Table 3)may indicate a directV impact.Thedirect inhibitory
effect of both vanadate and vanadyl on the ALP activity
was described by Cortizo et al. [37]. However, the marked
increase in the plasma LDH activity (LDHp) demonstrated in
the SMV-exposed rats (Figure 1(a)) requires further analyses.
The measurement of the LDH isoenzyme might be the
next important point in a more precise explanation of the
significant increase in the activity of this enzyme in the
plasma because the total plasma LDH is a highly sensitive test
but, simultaneously, it is nonspecific. At the present stage of
our study, we may only confirm the involvement of V and the
SMV-induced OS in the changes in the activity of LDH in the
blood, as evidenced by the significant positive correlations of
LDHp with Vk and MDAk (Table 3).

Table 4: Correlation coefficients for measured variables.

Variables
Vk MDAk

Vp 0.872† 0.710†

Cup −0.520∗ −0.445b

Kp 0.621∗ —
Vu
 0.977† 0.795†

Mgu
 0.798† 0.678†

Znu


−0.555∗ −0.618∗

Ku


−0.600∗ −0.535∗

Cuk −0.687† −0.628†

Mgk 0.527∗ —
Kk 0.599∗ —
Vk — 0.889†

Cak −0.486#
−0.479a

MgFD −0.767† −0.725†

CaFD −0.492𝜕 −0.334c

VFD

MgFD −0.768∗

CaFD −0.547∗

EUV
Vu


−0.722†

Ku
 0.856†

Creu
Vu


−0.600∗

Mgu


−0.602∗

Cau


−0.633†

Cuu


−0.688†

Ku


−0.540∗

Clu


−0.735†

Data are presented as the correlation coefficients (𝑟) and the levels of
statistical significance (𝑃).
p,u,FD,kPlasma, urine, femoral diaphysis, and kidney (concentration), respec-
tively.
EUV: excreted urinary volume.
†P < 0.01; ∗P < 0.05; 𝜕P = 0.053; #P = 0.056; aP = 0.061; bP = 0.08; cP = 0.20.
,Expressed per 24 h and per Creu per 24 h.
The significant correlations and tendencies toward them are highlighted in
normal and italic bold font, respectively.

Additionally, the strong positive correlations of the uri-
nary pH with Vk and with both OSmarkers (Table 3) and the
correlation between the renal Vk and Kk concentration and
between the renal Vk concentration and the plasma Kp level
(Table 4) also suggest involvement of OS in the mechanism
of the rise in urine pH under the conditions of the SMV
exposure (Figure 2(a)). They also confirm the dependence
between the accumulation of V in the kidney and disorders
in K homeostasis (Figures 1(b) and 4(d)). All these results
suggest further measurements to elucidate the mechanism(s)
of the changes observed in our experimental conditions.

The urinary Mg wasting (Figures 2(c) and 3(c)) and its
elevated and diminished concentration in the kidney and FD,
respectively (Figures 4(b) and 5(a)), as well as the clearly
enhanced plasma and urinary Ca level (Figures 1(b) and
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2(c)) and its lowered FD concentration (Figure 5(b)) point to
disorders in the homeostasis of both macroelements during
the SMV exposure. These changes may be partly explained
by the influence of SMV on the bone tissue which is the
main site of V uptake and deposition and in which the level
of this element has been found to be significantly higher
(Figure 5(c)). The presence of V in the bone might lead
to mobilization of Mg and Ca from this tissue and cause
the alterations observed. The negative correlations between
the FD V, Mg, and Ca concentrations (Table 4) confirm the
connection between the bone V accumulation and the bone
Mg and Ca imbalance. Moreover, the negative correlation of
Vk and MDAk with the MgFD concentration and the clear
trend toward this correlation between Vk and MDAk with
CaFD concentration (Table 4) also allow us to conclude that
disturbances in boneMg and Ca homeostasis observed in the
rats at the SMV-exposure are associated both with the rise in
the renal V accumulation and with the SMV-induced OS in
the kidney. The changes in the levels of the other elements
in biological fluids and in the kidney were also modified in
correlation with the renal Vk concentration and/or with the
SMV-intensified LPO in the kidney (Table 4).

Studies on the mechanisms of V action have shown
that, as a transition metal, it may generate reactive oxygen
species (ROS) and/or free radicals (FRs) and stimulate LPO
or indirectly modify OS in cells, by releasing FR-generating
metals from tissues, modifying enzymatic and antioxidant
defence, or interacting with mitochondria [1, 38–40]. The
literature data [1, 41] have revealed that OS may be involved
in the mechanisms of the toxic action of vanadate.The corre-
lations or clear trends toward them between the basic indices
explored, some biomarkers of renal toxicity, or elements
and the renal MDAk and/or TASk levels (Table 3) suggest
that in our experimental conditions the mechanism of the
deleterious action of vanadate (as SMV) was associated with
generation of OS in the kidney, as evidenced by the SMV-
induced increase in both OS markers in this organ.

Finally, the lowered urinary excretion of Creu, Uu, UAu,
KIM-1u, LDHu, GGTPu, ALPu, NAGu, and Ku, when nor-
malized per 24 h (Figure 2), and the unaltered or enhanced
levels/activities of Uu, UAu, TPu, ALBu, 𝛽2Mu, LDHu, NAGu,
and some elements in the urine, when normalized per
Creu/24 h (Figure 3), might be in part a consequence of
the reduced EUV or the lowered urinary Creu excretion
(Figure 2(a)), respectively, as indicated by the correlations of
EUV or Creu with the above-mentioned indices (Tables 3 and
4).

5. Conclusions

The results of this preliminary study demonstrated that the
exposure to SMV led to alterations in the levels/activities
of some examined biomarkers of nephrotoxicity and caused
renal mineral imbalance. They also pointed to a contribu-
tion of SMV-induced OS in the mechanism underlying the
changes. Moreover, our findings revealed that the use of
standard biomarkers of renal toxicity, such as Cre and U,
and calculation of CreC for evaluation of kidney function

at the SMV-induced fall in the fluid intake and BW may
have a weak diagnostic value, since CreC and the plasma and
urinary levels of Cre and U are greatly influenced by both
the indicesmentioned. In addition, the results simultaneously
showed that the use of other classical enzymatic tests such as
LDHu, ALPu, GGTPu, and NAGu might not be valid either,
due to their reduced urinary activities. Our results suggest
that, from among the biomarkers tested, CysCu and KIM-1u
might be themost appropriate inmonitoring kidney function
at the SMV exposure. The elevated urinary levels of both
compounds may point to the proximal tubular dysfunction.
Finally, for the first time our results also revealed many
significant relationships between the parameters explored.

Endnotes

1. They were bought as part of the Project entitled “Build-
ing of the Center for Interdisciplinary Research” real-
ized within the frame of the Operating Programme
“Development of Eastern Poland” 2007–2013, Priority
I: Modern Economy, Action I.3. The Advancement
of Innovation, cofinanced by the European Regional
Development Fund.

Conflict of Interests

The authors declare that there is no conflict of interests
regarding the publication of this paper.

Acknowledgments

The authors would like to thank very much the former Vice-
Rector of John Paul II Catholic University of Lublin Rev. Pro-
fessor StanisławZięba andDr. Emilia Fornal fromLaboratory
of Separation and Spectroscopic Method Applications, Cen-
ter for Interdisciplinary Research, the John Paul II Catholic
University of Lublin for providing partial financial support of
the studies.Theywould also like to thank verymuchDr. Jakub
Nowak from the Laboratory of Composite and Biomimetic
Materials, Center for Interdisciplinary Research, the John
Paul II Catholic University of Lublin for providing them with
a diamond-disc saw for cutting the bones and Anna Gromba
M.S. and Wojciech Gierad M.S. for their help in cutting the
rat bones.

References

[1] J. Z. Byczkowski and A. P. Kulkarni, “Oxidative stress and pro-
oxidant biological effects of vanadium,” in Vanadium in the
Environment Part II: Health Effects, J. O. Nriagu, Ed., pp. 235–
264, John Wiley and Sons, New York, NY, USA, 1998.
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Oxidative stress is a normal phenomenon in the body. Under normal conditions, the physiologically important intracellular levels of
reactive oxygen species (ROS) aremaintained at low levels by various enzyme systems participating in the in vivo redox homeostasis.
Therefore, oxidative stress can also be viewed as an imbalance between the prooxidants and antioxidants in the body. For the last two
decades, oxidative stress has been one of themost burning topics among the biological researchers all over theworld. Several reasons
can be assigned to justify its importance: knowledge about reactive oxygen and nitrogen species production and metabolism;
identification of biomarkers for oxidative damage; evidence relating manifestation of chronic and some acute health problems to
oxidative stress; identification of various dietary antioxidants present in plant foods as bioactive molecules; and so on. This review
discusses the importance of oxidative stress in the body growth and development as well as proteomic and genomic evidences of its
relationship with disease development, incidence of malignancies and autoimmune disorders, increased susceptibility to bacterial,
viral, and parasitic diseases, and an interplay with prooxidants and antioxidants for maintaining a sound health, which would be
helpful in enhancing the knowledge of any biochemist, pathophysiologist, or medical personnel regarding this important issue.

1. Introduction

Man and animals are exposed to a large number of biological
and environmental factors like alterations in feed and hus-
bandry practices, climatic variables, transportation, regroup-
ing, the therapeutic and prophylactic activities, various stres-
sors, and so forth. The ability of the man and animal to fight
against these factors is important for maintenance of their
health and productivity. Today, the entire world is witnessing
an upsurge in chronic health complications like cardiovascu-
lar disease, hypertension, diabetes mellitus, different forms
of cancer, and other maladies. Medical surveys suggest that
diet may serve as a potential tool for the control of these
chronic diseases [1, 2]. Regular chewing of tobacco alongwith

inadequate diet is the most prominent finding to mortality
due to lung cancer in USA [3]. Diets rich in fruit and veg-
etables have been reported to exert a protective effect against
a variety of diseases, particularly the cardiovascular disease
and cancer [4–10]. The primary nutrients thought to provide
protection afforded by fruit and vegetables are the antioxi-
dants [11, 12]. In an analysis, Potter [13] reviewed 200 epidemi-
ological studies, the majority of which showed a protective
effect of increased fruit and vegetable intake and concluded
that the high content of polyphenolic antioxidants in fruits
and vegetables is probably the main factor responsible for
the beneficial effects. This awareness has led to a tremendous
increase in the proportion of fruits and vegetables rich in
antioxidant molecules on the dining table in the last two
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decades, but still the risk of chronic health problems refuses
to decline, rather it upsurged with an enhanced vigour, giving
rise to a very important question—why? If the health associ-
ated problems are due to oxidative stress and the dietary con-
stituents are potent antioxidants, then the question of prob-
lem arrival should not be there. What happens when these
antioxidants reach the body tissues of interest or are there
other factors still to be unrevealed?

2. Stress

The term “stress” has been used in physics since unknown
time as it appears in the definition of Hooke’s law of 1658, but
its first use in the biological science dates back to Sir Hans
Selye’s letter to the Editor ofNature in 1936.At that time, it was
not accepted, but later on, after the famous address of Hans
Selye at the prestigious College of France, it received approval
among scientific community, but defining stress again trou-
bled Selye over several years. Today, stress can be defined
as a process of altered biochemical homeostasis produced
by psychological, physiological, or environmental stressors
[14]. Any stimulus, no matter whether social, physiological,
or physical, that is perceived by the body as challenging,
threatening, or demanding can be labeled as a stressor. The
presence of a stressor leads to the activation of neurohor-
monal regulatory mechanisms of the body, through which
it maintains the homeostasis [14]. The overall physiological
impact of these factors and the adaptation ability of the body
determine the variations in growth, development, productiv-
ity, and health status of the animals [15–17]. These alterations
can be viewed as a consequence of general adaptation syn-
drome as postulated by Hans Selye [18] and usually return to
their normal status once the stimulus has disappeared from
the scene. Strong and sustained exposure to stress [16, 19,
20] may result in higher energy negative balance and may
ultimately result in reduction in adaptation mechanisms,
increase in the susceptibility to infection by pathogens,
decline in productivity, and finally a huge economical loss
[16, 19, 21].

Many of us puzzle between distress, stress, and oxidative
stress. Distress differs from stress, which is a physiological
reaction that can lead to an adaptive response [22]. Distress
is comparatively difficult to define and generally refers to a
state in which an animal cannot escape from or adapt to
the external or internal stressors or conditions it experiences
resulting in negative effects upon its well-being [22]. Stress
leads to adaptation but distress does not. Stress is a commonly
used term for oxidative stress. Any alteration in homeostasis
leads to an increased production of these free radicals, much
above the detoxifying capability of the local tissues [23].These
excessive free radicals then interact with other molecules
within cells and cause oxidative damage to proteins, mem-
branes, and genes. In this process they often create more
free radicals, sparking off a chain of destruction. Oxidative
damage has been implicated in the cause of many diseases
such as cardiovascular diseases, neuronal degeneration, and
cancer and has an impact on the body’s aging process too.
An altered response to the therapeutic agents has also been

observed [12]. External factors such as pollution, sunlight,
and smoking also trigger the production of free radicals.

Most importantly, stress is one of the basic etiologies of
disease [24]. It can have several origins like environmental
extremes for example, cold, heat, hypoxia, physical exercise
or malnutrition (Figure 1).

On the basis of duration and onset, stress might be acute
and chronic stress. The stress due to exposure of cold or heat
is generally of acute type and is released with the removal of
cause. Similarly, stress due to physical exercises or complete
immobilization [25] is also acute in nature. The nutritional
and environmental stresses, where the causes persist for a
longer period of time, are chronic stress.

2.1. Cold Stress. Cold stress is evident whenever the temper-
ature falls below 18∘C and the body experiences severe cold
related illness and permanent tissue damage. An acute cold
stress (−20∘C for 4 hours) in rats causes profound reduction
in contraction amplitude with an increase in heart rate in the
isolated heart preparations [26].Thedecrease in amplitudes is
associated with inadequate ATP formation. While changing
perfusion of poststress isolated heart, myocardial rigidity
further slows down and this seemed to be associated with
activated glycolysis. There are no signs of cardiomyocytic
lesion after cold stress. Reduced coronary flow is the only
abnormal effect of acute cold stress under these conditions.
High cardiac resistance to the damaging effect of cold is
likely to be related to increased processes of glycolysis and
glycogenolysis in the cardiomyocytes. The activity of succi-
nate dehydrogenase also gets elevated indicating the influence
of cold stress on the Krebs cycle [27]. Coronary blood flow
is also reduced and later on results in an altered basophils
activity in the myocardium [28].

2.2. Physical Exercise and Stress. Health benefits of regular
physical exercise are undebatable. Both resting and contract-
ing skeletal muscles produce reactive oxygen and nitrogen
species (ROS, RNS). Low physiological levels of ROS are
generated in the muscles to maintain the normal tone and
contractility, but excessive generation of ROS promotes con-
tractile dysfunction resulting in muscle weakness and fatigue
[29]. This is perhaps the reason why intense and prolonged
exercise results in oxidative damage to both proteins and
lipids in the contracting muscle fibers [30].

Regular exercise induces changes in both enzymatic and
nonenzymatic antioxidants in the skeletal muscle. Further-
more, oxidants canmodulate a number of cell signaling path-
ways and regulate the expression of multiple genes in eukary-
otic cells. This oxidant-mediated change in gene expression
involves changes at transcriptional, mRNA stability, and sig-
nal transduction levels. The magnitude of exercise-mediated
changes in superoxide dismutase (SOD) activity of skeletal
muscle increases as a function of the intensity and duration
of exercise [31, 32]. Mild physical activity increases nuclear
factor-kappa B (NF-𝜅B) activity in the muscle of rats as well
as the gene expression for manganese superoxide dismutase
(MnSOD) and endothelial nitric oxide synthase (eNOS) [33].
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Figure 1: General classification of prooxidants.

2.3. Chronic Stress. Chronic stress significantly alters limbic
neuroarchitecture and function and potentiates oxidative
stress [25] and emotionality in rats [34]. Chronic restraining
of laboratory animals has been found to increase aggres-
sion, potentiate anxiety, and enhance fear conditioning [34].
Chronic immobilization induces anxiety behavior and den-
dritic hypertrophy in the basolateral amygdala, which persist
beyond a recovery period. Restraint of rats causes increased
mucin release, as measured by [3H] glucosamine incorpo-
ration and goblet cell depletion, prostaglandin E2 (PGE2)
secretion, and mast cell activation in colonic explants [35].
Upregulation of the neurotensin precursor mRNA in the

paraventricular nucleus of the hypothalamus after immobi-
lization has also been reported [36]. Neurotensin stimulates
mucin secretion from human colonic goblet cell line by a
receptor mediated mechanism [37].

2.4. Nutritional Stress. Nutrition is one of themost significant
external etiologies for oxidative stress including its char-
acteristics, type and quality, ratio of the various nutrients,
dietary balance with regard to protein, carbohydrates, fats,
macro- and trace elements, and so forth. Feed exercises a
considerable influence over the physiological condition and
thus the homeostasis of the animal body [16, 19, 38–42].
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Feeding of endogenous or exogenous antioxidants can sensi-
tively regulate glycolysis and the Warburg effect in hepatoma
cells [43]. Fasting induces an increase in total leukocytes
counts, eosinophils, andmetamyelocytes in the blood profile,
accompanied by a decrease in the basophils and monocytes,
a typical “stress leukogram” produced in the animal body due
to the increased endogenous production of cortisol from the
adrenal glands during oxidative stress [16, 19, 38–42]. The
leukocytosis with neutrophilia associated with fastingmay be
a consequence of an inflammatory reaction, caused by the
direct action of ammonia on the rumen wall [38, 44]. The
monocytopenia may be a result of adaptation and defense
mechanism undergoing in the body and leads to higher
susceptibility to pathogens [21, 45].

Nutritional stress causes adrenal gland hyperfunction
and, thus, an increased release of catecholamines in the blood,
with a simultaneous inhibition of the production of insulin in
the pancreas [20, 38, 46–48]. The process of glycogenolysis is
observed in the first 24 hours of fasting [20, 39, 46–49].There-
after, gluconeogenesis from amino acid precursors and lipol-
ysis from glycerol, as well as from lactate through the Cori
cycle, maintain a regular supply of glucose. Lactate gets trans-
formed into pyruvate and participates in the gluconeogenesis
along with the deaminated amino acids. The increased
production of catecholamines (epinephrine and dopamine)
owing to fasting results in peripheral vasoconstriction and
redistribution in blood which is expressed as erythrocytosis,
leukocytosis, and neutrophilia [47].

2.5. Hypoxic Stress. Hypoxia is known to stimulate mito-
chondria to release ROS (mROS). Under hypoxic conditions,
mitochondria participate in a ROS burst generated at com-
plex III of the electron transport chain [50]. Hypoxia and
reoxygenation result in reversible derangement of ATPase
and architecture ofmitochondrialmembrane. Cardiac hemo-
dynamic parameters, which decline immediately under
hypoxic conditions, recover during reoxygenation [51], but
the biochemical and histopathological studies provide a com-
plicated pattern [52]. HighCAT (carboxyatractyloside) sensi-
tivity of theATPase is observed at 5min of hypoxia.The initial
phase in hypoxic perfusion (<15min) exhibits a steep increase
of ADP contents and ATPase activities and a drastic fall of
ATP/ADP ratios in mitochondria, as well as in tissues. Fur-
thermore, the number of ATPase particles visible at the inner
aspect of mitochondrial membrane decreases. During the
second phase of hypoxic perfusion (from 30min onwards),
the count of ATPase particles visible at the inner mito-
chondrial membrane further decreases. ATPase activities
fluctuate, retaining close contact with the membrane dur-
ing hypoxia. The mitochondrial ultrastructural damage
becomes more evident. High-energy phosphates reserves of
myocardium could help myocardial cells to maintain their
structural integrity [52]. ATP/ADP ratios attain values of
almost 1. During reoxygenation (after 30min of hypoxia),
the levels of mitochondrial adenine nucleotides, oxidative
phosphorylation rate, and respiratory control index increase
within 20min and then slightly decline again.The ATP/ADP
ratio is diminished in the course of reoxygenation. ATPase
activity also decreases within 20min of reoxygenation and

the ADP/O ratio reaches control values. The ATPase activity
gains its highest sensitivity towards catalase at 10min of
reoxygenation attaining a value similar to that of 5min of
hypoxic perfusion.

3. Stress and Well-Being

Each cell in the human body maintains a condition of home-
ostasis between the oxidant and antioxidant species [53].
Up to 1–3% of the pulmonary intake of oxygen by humans
is converted into ROS [54]. Under conditions of normal
metabolism, the continuous formation of ROS and other free
radicals is important for normal physiological functions like
generation of ATP, various catabolic and anabolic processes
and the accompanying cellular redox cycles. However, exces-
sive generation of free radicals can occur due to endogenous
biological or exogenous environmental factors, such as chem-
ical exposure, pollution, or radiation.

There are ROS subgroups: free radicals such as superoxide
radicals (O

2

∙−) and nonradical ROS such as hydrogen perox-
ide (H

2

O
2

) [55]. The primary free radicals generated in cells
are superoxide (O

2

∙) and nitric oxide (NO). Superoxide is
generated through either incomplete reduction of oxygen in
electron transport systems or as a specific product of enzy-
matic systems, while NO is generated by a series of specific
enzymes (the nitric oxide synthases). Both superoxide and
NO are reactive and can readily react to form a series of other
ROS and RNS.

Generally, mitochondria are the most important source
of cellular ROS where continuous production of ROS takes
place [55]. This is the result of the electron transport chain
located in themitochondrialmembrane,which is essential for
the energy production inside the cell [56, 57]. Additionally,
some cytochrome 450 enzymes are also known to produce
ROS [58].

4. Biochemical Basis of Stress

Several endogenous cells and cellular components participate
in initiation and propagation of ROS (Table 1) [59–63].

All these factors play a crucial role in maintenance of cel-
lular homeostasis. A stressor works by initiating any of these
mechanisms. Oxidative stress occurs when the homeostatic
processes fail and free radical generation is much beyond
the capacity of the body’s defenses, thus promoting cellular
injury and tissue damage.This damagemay involve DNA and
protein content of the cells with lipid peroxidation of cellular
membranes, calcium influx, and mitochondrial swelling and
lysis [60, 63, 64]. ROS are also appreciated as signaling
molecules to regulate a wide variety of physiology. It was first
proposed in the 1990s when hydrogen peroxide was shown
to be required for cytokine, insulin, growth factor, activator
protein-1 (AP-1), and NF-𝜅B signaling [65, 66]. The role of
hydrogen peroxide in promoting phosphatase inactivation by
cysteine oxidation provided a likely biochemical mechanism
by which ROS can impinge on signaling pathways [67]. The
role of ROS in signaling of cytochrome c mediated apop-
tosis is also well established [68]. ROS can cause reversible
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Table 1: Endogenous mediators of oxidative stress.

Leakage of free radicals Membrane-bound enzymes NADPH oxidase
Electron transport systems Mixed function oxidases

Activation of oxygen
Soluble cell constituents

Transition metals, thiol containing proteins, quinine
derivatives, epinephrine, metalloproteins, hemeproteins,
and flavoproteins

Xenobiotic metabolizing enzymes Cyt P450-dependent monooxygenases, Cyt b5, and
NADPH-dependent cytochrome reductases

ROS generation/propagation

Soluble cytosolic enzymes Xanthine oxidase, superoxide dismutase, catalase

Phagocytic cells
Neutrophils, macrophages, and monocytes involved in
inflammation, respiratory burst, and removal of toxic
molecules

Local ischemia Damaged blood supply due to injury or surgery

posttranslational protein modifications to regulate signaling
pathways. A typical example of the beneficial physiological
role of free radicals is a molecule of nitric oxide (NO).
NO is formed from arginine by the action of NO-synthase
(NOS) [69]. NO is produced by constitutive NOS during
vasodilating processes (eNOS) or during transmission of
nerve impulses (nNOS). In the presence of stressors, NO is
produced by catalytic action of inducible NOS (iNOS) and
is at higher concentrations [70–72]. NO can cause damage to
proteins, lipids, andDNAeither directly or after reactionwith
superoxide, leading to the formation of the very reactive
peroxynitrite anion (nitroperoxide) ONOO– [73–75].

Lipid peroxidation of polyunsaturated lipids is one of
the most preferred markers for oxidative stress. The product
of lipid peroxidation, malondialdehyde, is easily detected in
blood/plasma and has been used as a measure of oxidative
stress. In addition, the unsaturated aldehydes produced from
these reactions have been implicated inmodification of cellu-
lar proteins and other constituents [76].The peroxidized lipid
can produce peroxy radicals and singlet oxygen.

5. Physiological Role of Stress

Stress has a significant ecological and evolutionary role and
may help in understanding the functional interactions among
life history traits [77–79]. Stress leads to a number of phys-
iological changes in the body including altered locomotor
activity and general exploratory behavior. The physiological
role of ROS is associatedwith almost all of the body processes,
for example, with reproductive processes [80]. Since under
physiological conditions a certain level of free radicals and
reactive metabolites is required, complete suppression of FR
formationwould not be beneficial [81]. One further beneficial
example of ROS seen at low/moderate concentrations is the
induction of a mitogenic response.

Stress leads to activation of hypothalamic-pituitary-
adrenal axis. The increased endogenous catecholamine
release has been observed in cold environmental conditions.
The activity of succinate dehydrogenase also gets elevated
indicating the influence of ROS as evident in cold environ-
mental conditions [27]. Coronary blood flow is reduced and

an altered basophils activity in the myocardium is also
observed [28].

Free radicals play an irreplaceable role in phagocytosis
as one of the significant microbicidal systems [82], or in
several biochemical reactions, for example, hydroxylating,
carboxylating, or peroxidating reactions, or in the reduction
of ribonucleotides [83]. At present, free radicals and their
metabolites are assumed to have important biomodulating
activities and a regulatory ability in signal transduction
process during transduction of intercellular information [83].

Among the reactive oxygen species, H
2

O
2

best fulfills the
requirements of being a second messenger [84]. Its enzy-
matic production and degradation, along with its functional
requirement for thiol oxidation, facilitate the specificity for
time and place that are required in signaling. Both the ther-
modynamic and kinetic considerations support that among
different possible oxidation states of cysteine, formation of
sulfenic acid derivatives or disulfides can be applicable as
thiol redox switches in signaling. H

2

O
2

readily diffuses across
biological membranes, and so it is well-suited as a diffusible
messenger [85, 86].

In the presence of transitionmetals such as iron or copper,
H
2

O
2

can give rise to the indiscriminately reactive and
toxic hydroxyl radical (HO∙) by Fenton chemistry. Increasing
evidence indicates that H

2

O
2

is a particularly an intrigu-
ing candidate as an intracellular and intercellular signaling
molecule because it is neutral and membrane permeable
[84, 87].

Specifically, H
2

O
2

can oxidize thiol (–SH) of cysteine
residues and form sulphenic acid (–SOH), which can get
glutathionylated (–SSG), form a disulfide bond (–SS–) with
adjacent thiols, or form a sulfenyl amide (–SN–) with amides
[88]. Each of these modifications modifies the activity of the
target protein and thus its function in a signaling pathway.
Phosphatases appear to be susceptible to regulation by ROS
in this manner, as they possess a reactive cysteine moiety
in their catalytic domain that can be reversibly oxidized,
which inhibits their dephosphorylation activity [67]. Specific
examples of phosphatases known to be regulated in this
manner are PTP1b, PTEN, and MAPK phosphatases [89].
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Figure 2: Oxidative stress and disease development.

Any emotional stress leads to a decrease in sympathetic out-
flow as well as energy production of the tissues [27].

6. Oxidative Stress

The harmful effect of free ROS and RNS radicals causing
potential biological damage is termed oxidative stress and
nitrosative stress, respectively [90–92].This is evident in bio-
logical systems when there is either an excessive production
of ROS/RNS and/or a deficiency of enzymatic and nonenzy-
matic antioxidants.The redox stress/oxidative stress is a com-
plex process. Its impact on the organism depends on the type
of oxidant, on the site and intensity of its production, on the
composition and activities of various antioxidants, and on the
ability of repair systems [93].

The term “ROS” includes all unstable metabolites of
molecular oxygen (O

2

) that have higher reactivity than O
2

like superoxide radical (O
2

∙) and hydroxyl radical (HO∙)
and nonradical molecules like hydrogen peroxide (H

2

O
2

).
These ROS are generated as byproduct of normal aerobic
metabolism, but their level increases under stress which
proves to be a basic health hazard. Mitochondrion is the
major cell organelle responsible for ROS production [50, 57].
It generates ATP through a series of oxidative phosphory-
lation processes. During this process, one- or two-electron
reductions instead of four electron reductions of O

2

can

occur, leading to the formation of O
2

∙ or H
2

O
2

, and these
species can be converted to other ROS. Other sources of
ROS may be reactions involving peroxisomal oxidases [94],
cytochrome P-450 enzymes [95], NAD (P)H oxidases [96],
or xanthine oxidase [97].

7. Oxidative Stress and Diseases

Today the world is experiencing a rise in age related chronic
health diseases like cardiovascular disorders, cancer, and
so forth and their associated negative health impacts and
mortality/casualty [98–101]. Some metabolic diseases like
diabetes are also associated with an enhanced level of lipoper-
oxidation (Figure 2).

The central nervous system (CNS) is extremely sensitive
to free radical damage because of a relatively small total
antioxidant capacity. The ROS produced in the tissues can
inflict direct damage to macromolecules, such as lipids,
nucleic acids, and proteins [102]. The polyunsaturated fatty
acids are one of the favored oxidation targets for ROS.
Oxygen-free radicals, particularly superoxide anion radical
(O
2

∙−), hydroxyl radical (OH∙−), and alkylperoxyl radical
(∙OOCR), are potent initiators of lipid peroxidation, the role
of which is well established in the pathogenesis of a wide
range of diseases. Once lipid peroxidation is initiated, a prop-
agation of chain reactions will take place until termination
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products are produced. Therefore, end products of lipid
peroxidation, such as malondialdehyde (MDA), 4-hydroxy-
2-nonenol (4-HNE), and F2-isoprostanes, are accumulated
in biological systems. DNA bases are also very suscep-
tible to ROS oxidation, and the predominant detectable
oxidation product of DNA bases in vivo is 8-hydroxy-2-
deoxyguanosine. Oxidation of DNA bases can cause muta-
tions and deletions in both nuclear and mitochondrial DNA.
Mitochondrial DNA is especially prone to oxidative damage
due to its proximity to a primary source of ROS and its
deficient repair capacity compared with nuclear DNA. These
oxidative modifications lead to functional changes in various
types of proteins (enzymatic and structural), which can have
substantial physiological impact. Similarly, redoxmodulation
of transcription factors produces an increase or decrease in
their specific DNA binding activities, thus modifying the
gene expression.

Among different markers of oxidative stress, malondi-
aldehyde (MDA) and the natural antioxidants, metalloen-
zymes Cu, Zn-superoxide dismutase (Cu, Zn-SOD), and
selenium dependent glutathione peroxidase (GSHPx), are
currently considered to be the most important markers [103–
106]. Malondialdehyde (MDA) is a three-carbon compound
formed from peroxidized polyunsaturated fatty acids, mainly
arachidonic acid. It is one of the end products of membrane
lipid peroxidation. SinceMDA levels are increased in various
diseases with excess of oxygen free radicals, many relation-
ships with free radical damage were observed.

Cu, Zn-SOD is an intracellular enzyme present in all
oxygen-metabolizing cells, which dismutates the extremely
toxic superoxide radical into potentially less toxic hydrogen
peroxide. Cu, Zn-SOD is widespread in nature, but being a
metalloenzyme, its activity depends upon the free copper and
zinc reserves in the tissues. GSHPx, an intracellular enzyme,
belongs to several proteins in mammalian cells that can
metabolize hydrogen peroxide and lipid hydroperoxides.

8. Oxidative Stress and Altered
Immune Function

The relationship between oxidative stress and immune func-
tion of the body is well established. The immune defense
mechanism uses the lethal effects of oxidants in a beneficial
mannerwithROS andRNSplaying a pivotal role in the killing
of pathogens. The skilled phagocytic cells (macrophages,
eosinophils, heterophils), as well as B and T lymphocytes,
contain an enzyme, the nicotinamide adenine dinucleotide
phosphate (NADPH) oxidase [107, 108], which is responsible
for the production of ROS following an immune challenge. At
the onset of an immune response, phagocytes increase their
oxygen uptake as much as 10–20 folds (respiratory burst).
The O∙− generated by this enzyme serves as the starting
material for the production of a suite of reactive species.
Direct evidence also certifies production of other powerful
prooxidants, such as hydrogen peroxide (H

2

O
2

), hypochlor-
ous acid (HOCl), peroxynitrite (ONOO–), and, possibly,
hydroxyl (OH∙) and ozone (O

3

) by these cells. Although the
use of these highly reactive endogenous metabolites in the
cytotoxic response of phagocytes also injures the host tissues,

the nonspecificity of these oxidants is an advantage since they
take care of all the antigenic components of the pathogenic
cell [109].

Several studies have demonstrated the interdependency
of oxidative stress, immune system, and inflammation.
Increased expression of NO has been documented in dengue
and inmonocyte cultures infectedwith different types of viral
infections. Increased production of NO has also been accom-
panied with enhancement in oxidative markers like lipid
peroxidation and an altered enzymatic and nonenzymatic
antioxidative response in dengue infected monocyte cultures
[110]. More specifically, the oxygen stress related to immune
system dysfunction seems to have a key role in senescence, in
agreement with the oxidation/inflammation theory of aging.
Moreover, it has been revealed that reduced NADPH oxidase
is present in the pollen grains and can lead to induction of
airway associated oxidative stress. Such oxidative insult is
responsible for developing allergic inflammation in sensitized
animals. There is triggering of production of interleukin
(IL)-8 along with proinflammatory cytokines, namely, tumor
necrosis factor (TNF)-alpha and IL-6. There is initiation
of dendritic cell (DC) maturation that causes significant
upregulation of the expression of cluster of differentiation
(CD)-80, 86 and 83 with a slight overexpression of CD-40 in
the membrane. So altogether, innate immunity locally may
be alleviated due to oxidative stress induced by exposure to
pollen. This in turn helps in participation to initiate adaptive
immune response to pollen antigens [111].

The immune status directly interplays with disease pro-
duction process. The role of physical and psychological
stressors contributes to incidences and severity of various
viral and bacterial infections. Both innate as well as acquired
immune responses are affected by the altered IFN-𝛾 secretion,
expression of CD14, production of the acute-phase proteins,
and induction of TNF-𝛼. Fatal viral diseases produce severe
oxidative stress (OS) leading to rigorous cellular damage.
However, initiation, progress, and reduction of damages are
governed by the redox balance of oxidation and antioxida-
tion.Themajor pathway of pathogenesis for cell damage is via
lipid peroxidation particularly inmicrosomes, mitochondria,
and endoplasmic reticulum due to OS and free radicals
[112, 113]. All the factors responsible for the oxidative stress
directly or indirectly participate in immune system defense
mechanism. Any alteration leading to immunosuppression
can trigger the disease production (Table 2).

9. Oxidative Stress and Incidence of
Autoimmune Diseases

Oxidative stress can induce production of free radicals
that can modify proteins. Alterations in self-antigens (i.e.,
modified proteins) can instigate the process of autoimmune
diseases [114, 115]. Under oxidative stress, cells may produce
an excess of ROS/RNS which react with and modify lipids
and proteins in the cell [116]. The end products of these
reactions may be stable molecules such as 3-chlorothyrosine
and 3-nitrotyrosine that may not only block natural bio-
transformations of the tyrosine like phosphorylation but also
change the antigenic profile of the protein. The oxidative
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Table 2: Deadly diseases that have got positive correlation to oxidative stress.

Sl.
number Disease Organs involved Etiology References

(1) Macular degeneration Eyes Reactive oxygen intermediates (ROI) [206]

(2) Diabetes Multi-organ Superoxide dismutase, catalase, glutathione
reductase, glutathione peroxidase [207]

(3) Chronic fatigue Multiorgan C-reactive protein [208]
(4) Atherosclerosis Blood vessels Reduced NADPH oxidase system [209]

(5) Autoimmune disorders (systemic lupus
erythematosus) Immune system R

𝑜

ribonucleoprotein [118]

(6) Neurodegenerative diseases
(Alzheimer’s and Parkinson’s disease) Brain Reactive oxygen species (ROS) [210]

(7) Asthma Lungs ROS particularly H2O2 [211]
(8) Rheumatoid and osteoarthritis Joints Radical oxygen species [212]
(9) Nephritis Kidney Glutathione transferase kappa (GSTK 1-1) [213]

(10) Melanoma Skin Pathophysiological processes including DNA
damage and lipid peroxidation (LPO) [214]

(11) Myocardial infarction Heart Reactive oxygen species (ROS) [215]

modification of the proteins not only changes the antigenic
profile of latter but also enhances the antigenicity as well [117].
There exist several examples of autoimmune diseases result-
ing from oxidative modifications of self-proteins, namely,
systemic lupus erythematosus (60 kD Ro ribonucleoprotein)
[118], diabetes mellitus (high molecular weight complexes of
glutamic acid decarboxylase) [119], and diffuse scleroderma
(oxidation of beta-2-glycoprotein) [120, 121].

Moreover, oxidative stress poses an additional threat to
the target tissues as in the case of insulin-producing beta cells
in the islet of Langerhans [122]. To add to this, autoimmune
diseases often occur only in a single tissue irrespective of
the fact that other tissues also contain the same antigen but
perhaps lack the level of oxidative stress required to initiate
the process.This pathological autoreactivity targeted towards
redox-modified self-antigens and diagnostic assays designed
tomeasure its cross-reactivity to normal self-antigens further
complicate the detection of autoimmune diseases [123]. In
the development of autoimmune disease pathogenesis, there
is possibly role of psychological stress along with major
hormones that are related to stress. It is thereby presumed
that the neuroendocrine hormones triggered by stress lead to
dysregulation of the immune system ultimately resulting in
autoimmune diseases by alteration and amplification of
production of cytokine [124].

10. Oxidative Stress and Altered Susceptibility
to Bacterial, Viral, and Parasitic Infections

All pathogens, irrespective of their classification, bacterial,
viral, or parasitic, with impaired antioxidant defenses show
increased susceptibility to phagocytic killing in the host
tissues, indicating a microbicidal role of ROS [80]. Vice versa
to this, different studies have proven that individuals deficient
in antioxidative mechanism are more susceptible to severe

bacterial and fungal infections as in case of HIV infections
[125]. Reactive species are important in killing pathogens but
as a negative side effect can also injure the host tissues (immu-
nopathology). This is particularly apparent during chronic
inflammation, whichmay cause extensive tissue damage with
a subsequent burst in oxidative stress [126].The production of
free radicals involvesmacrophages andneutrophils to combat
the invadingmicrobes.Thewhole of the process is performed
in host cells during the activation of phagocytes or the effect
of bacteria, virus, parasites, and their cell products reactivity
with specific receptors. The multicomponent flavoprotein
NADPH oxidase plays vital role in inflammatory processes
by catalyzing the production of superoxide anion radical O

2

−

and excessive production of reactive oxygen species (ROS)
leads to cellular damage. These cellular damages in general
lead to altering immune response to microbes and ultimately
altered susceptibility to bacterial, viral, and parasitic infec-
tions [127].

11. Oxidative Stress and Increase in
Levels of Incidence and Prevalence of
Various Malignancies

Carcinogenesis can be defined as a progressive erosion of
interactions between multiple activating and deactivating
biological activities (both immune and nonimmune) of host
tissue resulting in progressive loss of integrity of susceptible
tissues. The primitive steps in development of cancer, muta-
tion, and ageing are the result of oxidative damage to the
DNA in a cell. A list of oxidized DNA products has been
identified currently which can lead to mutation and cancer.
Major change noticed due to ROS caused DNA damage is
the break in the DNA strand, due to the alterations in the
purine or pyrimidine ring [56, 66]. Alongside with ROS other
redoxmetals also play a critical role in development of ageing,
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mutation, and tumour [128]. In regular cellular mechanism,
free radicals scavenger vitamin E, C and glutathione along
with enzymes like catalase, peroxidases, and superoxide dis-
mutase control themechanismofDNA repair.These damages
are either in the form of single strand breaks (SSBs), double
strand breaks (DSBs), or oxidatively generated clusteredDNA
lesions (OCDLs). Irregular repair or absence of repair of dam-
aged DNA due to OS might lead to mutagenesis and genetic
transformation along with alteration in apoptotic pathway
[129].

Oxidative stress produced due to unresolved and per-
sistent inflammation can be a major factor involved in the
change of the dynamics of immune responses. These alter-
ations can create an immunological chaos that could lead to
loss of architectural integrity of cells and tissues ultimately
leading to chronic conditions or cancers [130]. Oxidative
stress is reported to be the cause of induction of aller-
gies, autoimmune or neurodegenerative diseases along with
altered cell growth, chronic infections leading to neoplasia,
metastatic cancer, and angiogenesis [131]. Damage to the
cellular components such as proteins, genes, and vasculature
is behind such alterations. Moreover, further accumulation
of confluent, useless, and complex cells causes additional
oxidative stress and maintains continuous activation of
immune system and unanswered inflammation [132]. Tissue
necrosis and cellular growth are stimulated by coexpression
of inflammatory mediators due to oxidative stress-induced
altered activity of the cells of the immune system. Such
changes of tissue function are mainly responsible for autoim-
mune, neurodegenerative, and cancerous conditions [133,
134]. Various factors produced due to oxidative stress along
with excessively produced wound healing and apoptotic
factors, namely, TNF, proteases, ROSs, and kinases, actively
participate in tumor growth and proliferation. These factors
are also required for the membrane degradation, invasion of
neighboring tissues, and migration of tumor cells through
vasculature and lymphatic channels for metastasis [135–137].
The incidences of thyroid cancers have increased in the last
decades worldwide which is most likely due to exposure of
human population inmass to radiation causing increased free
radical generation [138].

12. Oxidative Stress and Aging

Aging is an inherent mechanism existing in all living cells.
There is a decline in organ functions progressively along with
the age-related disease development.The twomost important
theories related to ageing are free radical and mitochondrial
theories, and these have passed through the test of time.
There is claim by such theories that a vicious cycle is gen-
erated within mitochondria wherein reactive oxygen species
(ROS) is produced in increased amount thereby augmenting
the damage potential [139]. Oxidative stress is present at
genetic, molecular, cellular, tissue, and system levels of all
living beings and is usually manifested as a progressive
accumulation of diverse deleterious changes in cells and
tissues with advancing age that increase the risk of disease
and death [140]. Recent studies have shown that with age,
ROS levels show accumulation in major organ systems such

as liver, heart, brain, and skeletal muscle [141–145] either due
to their increased production or reduced detoxification.Thus,
aging may be referred to as a progressive decline in biological
function of the tissues with respect to time as well as
a decrease in the adaptability to different kinds of stress or
briefly an overall increase in susceptibility to diseases [146].
Oxidative stress theory is presently the most accepted expla-
nation for the aging which holds that increases in ROS lead
to functional alterations, pathological conditions and other
clinically observable signs of aging, and finally death [147].
No matter whether mitochondrial DNA damage is involved
or electron transport chain damage is responsible for aging,
modulation of cellular signal response to stress or activa-
tion of redox-sensitive transcriptional factors by age-related
oxidative stress causes the upregulation of proinflammatory
gene expression, finally leading to an increase in the ROS
levels [146].

13. Genomic Evidences of the Stress-Disease
Development Interrelationship

Persistent oxidative stress due to altered inflammation acts
as precancerous state of host cells leading to the initiation
of genetic mutations, genetic errors, epigenetic abnormal-
ities, wrongly coded genome, and impaired regulation of
gene expression [148]. Events like methylation of nucleic
acid, binding of DNA proteins, formation and binding of
histone proteins, function of repair, and enzyme mediated
modifications are sensitive to free radicals formed during
oxidative stress [149]. These events involved in epigenetic
modification and telomere-telomerase pathways can induce
mutations of suppressor genes [150].The suppression of genes
alters somatic maintenance and repair leading to altered
proliferative control of gene expression, polymorphism, and
contact inhibition regulation and telomere shortening [151].
The activation or progressive transformation of cancer cells
is also augmented by inactivated or mutated suppressor gene
pathways.Moreover, abnormalDNAmethylation of CpG and
various enzymatic pathways influence inflammation and car-
cinogenesis [152]. The theory of modus operandi for patho-
genesis of vitiligo, a multifactorial polygenic disorder, also
moves around autoimmune, cytotoxic, oxidant-antioxidant,
and neural mechanisms [153].

Lipid originated atherosclerosis also involves endoplas-
mic reticulum (ER) stress in macrophages. ER stress mitiga-
tion with a chemical chaperone leads to massive protection
against macrophage associated lipotoxic death. This causes
prevention of expression of macrophage-fatty acid-binding
protein-4 (aP2).There is also an increase in the phospholipid
(rich inmonounsaturated fatty acid as well as bioactive lipids)
production due to absence of lipid chaperones. There is
also further impact of aP2 on metabolism of lipid in the
macrophages. The stress response in ER is also mediated
by key lipogenic enzymes upregulation in the liver [154].
Similarly, OS due to alcohol toxicity triggers the release of
certain cytokines to activate collagen gene expression in liver
stellate cells leading to progression of liver fibrosis [155].
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Table 3: Different classes of prooxidants and their common mechanism for development of oxidative stress.

Sl.
number Class Examples Mechanism

(1) Drugs

Common over-the-counter drug
like analgesic (paracetamol) or
anticancerous drug
(methotrexate)

ROS generation leading to alterations in macromolecules which
finally can fatally damage the tissues mainly liver and kidney

(2) Transition
metals

Magnesium, iron, copper, zinc,
and so forth

These metals induce Fenton reaction and Haber-Weiss reaction
leading to generation of excessive ROS. Chronic magnesium is a
classic prooxidant disease. The other can be hemochromatosis
due to high iron levels or Wilson disease due to copper

(3) Pesticide BHC, DDT, and so forth
Stimulation of free radical production, induction of lipid
peroxidation, alterations in antioxidant enzymes and the
glutathione redox system

(4) Physical exercise Running, weight lifting Relaxationcontraction of muscle involves production of ROS.
Rigorous exercise leads to excessive ROS

(5) Mental anxiety Tension, apprehension

Imbalance in the redox system plays a role in
neuroinflammation and neurodegeneration, mitochondrial
dysfunction, altered neuronal signaling, and inhibition of
neurogenesis

(6) Pathophysiology Local ischemia Gives rise to increased ROS generation

(7) Environmental
factor

Extreme weather (heat, cold,
thunderstorm)

During adaptation, mitochondrial membrane fluidity decreases
which may disrupt the transfer of electrons, thereby increasing
the production of ROS

(8) Antioxidants Ascorbic acid, vitamin E,
polyphenols

Act as prooxidant under certain circumstances, for example,
heavy metals

14. Proteomic Evidences of
the Stress-Disease Development
Interrelationship

Oxidative damages mediated by free radicals lead to protein
modification and ultimately cellular damages and disease
pathogenesis. There lies equilibrium between the antioxi-
dants level and cellular prooxidants under normal conditions
of physiology. But when there is occurrence of environ-
mental factors or stressors, there exists an imbalance in the
homeostasis which is in favour of prooxidants. This results
in the oxidative stress phenomenon [156]. An antioxidant
deficiency can also result in oxidative stress leading to
generation of reactive oxygen or nitrogen species in excess
[157]. The 20S proteosome often removes the proteins that
are damaged oxidatively. The proteosome systemic defects
result in increased levels of proteins that are oxidatively
modified along with development of neurotoxicity [158–162].
For instance, oxidation of nucleic acid and protein along with
peroxidation of lipid is highest and most severe in the hip-
pocampus of the brain, which is involved in the processing of
memory along with cognitive function [158, 159]. Such study
is strongly suggestive of the fact that a primary event in the
Alzheimer’s disease development is an oxidative stress [163].
These alterations and modifications in proteomes elicit anti-
bodies formation in diseases like rheumatoid arthritis (RA),
diabetes mellitus (DM), and systemic lupus erythematosus
[164].

15. Assessment of Oxidative Stress

The concentration of different reductant-oxidant markers is
considered an important parameter for assessing the proox-
idant status in the body tissues [83]. Several indicators of in
vivo redox status are available, including the ratios of GSH to
GSSG, NADPH to NAPD−, and NADH to NAD−, as well as
the balance between reduced and oxidized thioredoxin. Out
of these redox pairs, the GSH-to-GSSG ratio is thought to be
one of most abundant redox buffer systems in mammalian
species [93]. A decrease in this ratio indicates a relative shift
from a reduced to an oxidized form of GSH, suggesting the
presence of oxidative stress at the cellular or tissue level.
In aging, an age-related shift from a redox balance to an
oxidative profile is observed which results in a reduced ability
to buffer ROS that are generated in both “normal” conditions
and at times of challenge [23, 83, 93, 147]. Thus, a progressive
shift in cellular redox status could potentially be one of the
primary molecular mechanisms contributing to the aging
process and accompanying functional declines.

16. Prooxidants

Prooxidant refers to any endobiotic or xenobiotic that induces
oxidative stress either by generation of ROS or by inhibiting
antioxidant systems. It can include all reactive, free radical
containing molecules in cells or tissues. Prooxidants may be
classified into several categories (Table 3).
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Some of the popular and well known antioxidant flavon-
oids have been reported to act as prooxidant also when a
transition metal is available [165]. These have been found to
be mutagenic in vitro [102, 166–168]. The antioxidant activ-
ities and the copper-initiated prooxidant activities of these
flavonoids depend on their structures. The OH substitution
is necessary for the antioxidant activity of a flavonoid [169].
Flavone and flavanone, which have no OH substitutions
and which provide the basic chemical structures for the
flavonoids, show neither antioxidant activities nor copper-
initiated prooxidant activities. The copper initiated prooxi-
dant activity of a flavonoid also depends on the number of
free OH substitutions on its structure [170]. The more the
OH substitutions, the stronger the prooxidant activity. O-
Methylation and probably also other O-modifications of the
flavonoid OH substitutions inactivate both the antioxidant
and the prooxidant activities of the flavonoids.

The antioxidant activity of quercetin has been found to
be better than its monoglucosides in a test system wherein
lipid peroxidation was facilitated by aqueous oxygen radicals
[171]. Luteolin has also proved to be a significantly stronger
antioxidant than its two glycosides [172].

Flavonoids generally occur in foods as O-glycosides with
sugars bound at the C3 position. Methylation or glycosidic
modification of the OH substitutions leads to inactivation of
transition metal-initiated prooxidant activity of a flavonoid.

The protection provided by fruits and vegetables against
diseases, including cancer and cardiovascular diseases,
has been attributed to the various antioxidants, including
flavonoids, contained in these foods. Flavonoids, such as
quercetin and kaempferol, induce nuclear DNA damage and
lipid peroxidation in the presence of transition metals. The
in vivo copper-initiated prooxidant actions of flavonoids and
other antioxidants including ascorbic acid and 𝛼-tocopherol
are generally not considered significant, as copper ion will
be largely sequestered in the tissues, except in case of metal
toxicity.The prevention of iron-induced lipid peroxidation in
hepatocytes by some flavonoids including quercetin is well
known [49, 173].

17. Antioxidants

To counteract the harmful effects taking place in the cell,
system has evolved itself with some strategies like prevention
of damage, repair mechanism to alleviate the oxidative dam-
ages, physical protectionmechanism against damage, and the
final most important is the antioxidant defense mechanisms.
Based on the oxidative stress related free radical theory, the
antioxidants are the first line of choice to take care of the
stress. Endogenous antioxidant defenses include a network
of compartmentalized antioxidant enzymic and nonenzymic
molecules that are usually distributed within the cytoplasm
and various cell organelles. In eukaryotic organisms, several
ubiquitous primary antioxidant enzymes, such as SOD, cata-
lase, and several peroxidases catalyze a complex cascade of
reactions to convert ROS to more stable molecules, such as
water and O

2

. Besides the primary antioxidant enzymes, a
large number of secondary enzymes act in close association
with small molecular-weight antioxidants to form redox

cycles that provide necessary cofactors for primary antioxi-
dant enzyme functions. Small molecular-weight nonenzymic
antioxidants (e.g., GSH, NADPH, thioredoxin, vitamins E
and C, and trace metals, such as selenium) also function
as direct scavengers of ROS. These enzymatic and nonenzy-
matic antioxidant systems are necessary for sustaining life
by maintaining a delicate intracellular redox balance and
minimizing undesirable cellular damage caused by ROS [83].
Endogenous and exogenous antioxidants include some high
molecular weight (SOD, GPx, Catalse, albumin, transferring,
metallothionein) and some low molecular weight substances
(uric acid, ascorbic acid, lipoic acid, glutathione, ubiquinol,
tocopherol/vitamin E, flavonoids).

Natural food-derived components have received great
attention in the last two decades, and several biological activ-
ities showing promising anti-inflammatory, antioxidant, and
anti-apoptotic-modulatory potential have been identified [17,
174, 175]. Flavonoids comprise a large heterogeneous group
of benzopyran derivatives present in fruits, vegetables, and
herbs. They are secondary plant metabolites and more than
4000molecular species have beendescribed. Flavonoids exert
a positive health effect in cancer and neurodegenerative dis-
orders, owing to their free radical-scavenging activities [169].
One of the most abundant natural flavonoids present in a
large number of fruits and vegetables is quercetin (3,5,7,3,4,
pentahydroxyflavone) which prevents oxidative injury and
cell death by scavenging free radicals, donating hydrogen
compound, quenching singlet oxygen, and preventing lipid
peroxidation or chelating metal ions [176]. Red wines also
have a high content of phenolic substances including catechin
and resveratrol [177], which are responsible for the antiox-
idant action, anti-inflammatory, antiatherogenic property,
oestrogenic growth-promoting effect, and immunomodula-
tion. Recently, the potential of resveratrol as an antiaging
agent in treating age-related human diseases has also been
proven.

18. Interplay of Antioxidative and
Prooxidative Role of Antioxidants

Ascorbic acid has both antioxidant and prooxidant effects,
depending upon the dose [178]. Low electron potential and
resonance stability of ascorbate and the ascorbyl radical
have enabled ascorbic acid to enjoy the privilege as an
antioxidant [179, 180]. In ascorbic acid alone treated rats,
ascorbic acid has been found to act as a CYP inhibitor.
Similar activity has also been observed for other antioxidants-
quercetin [181] and chitosan oligosaccahrides [182], which
may act as potential CYP inhibitors. Specifically, Phase
I genes of xenobiotic biotransformation, namely, CYP1A1,
CYP2E1, and CYP2C29, have been previously reported to be
downregulated in female rats in the presence of a well known
antioxidant, resveratrol [183].The antioxidant andprooxidant
role of ascorbic acid in low (30 and 100mg/kg body weight)
and high doses (1000mg/kg body weight), respectively, has
also been reported in case of ischemia induced oxidative
stress [178]. The in vivo prooxidant/antioxidant activity of
betacarotene and lycopene has also been found to depend
on their interaction with biological membranes and the other
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co-antioxidant molecules like vitamin C or E [184]. At higher
oxygen tension, carotenoids tend to lose their effectiveness as
antioxidants. In a turn around to this, the prooxidant effect
of low levels of tocopherol is evident at low oxygen tension
[185].

Moreover, 𝛼-lipoic acid exerts a protective effect on the
kidney of diabetic rats but a prooxidant effect in nondiabetic
animals [186]. The prooxidant effects have been attributed to
dehydroxylipoic acid (DHLA), the reduced metabolite of 𝛼-
lipoic acid owing to its ability to reduce iron, initiate reactive
sulfur-containing radicals, and thus damage proteins such
as alpha 1-antiproteinase and creatine kinase playing a role
in renal homeostasis [186]. An increase in 𝛼-lipoic acid and
DHLA-induced mitochondrial and submitochondrial O

2

−

production in rat liver [187] and NADPH-induced O
2

− and
expression of p47phox in the nondiabetic kidney has also
been observed [186].

Withaferins, the pharmacological molecules ofWithania
somnifera L. Dunal (commonly known as Ashwagandha),
have been used safely for thousands of years in Ayurvedic
medicine practice for the treatment of various disorders [188–
191]. In the last 5–10 years, numerous reports revealed the
proapoptotic effects of withaferins [192–198]. Withaferins
can also initiate apoptosis and prevent metastasis of breast
carcinomas under the influence of interleukin-6-induced
activation and transcription [176] and prove to be of tremen-
dous clinical benefit to human patients. In accordance to
these reports, recently withaferin-induced apoptosis has been
found to bemediated by ROS production due to inhibition of
mitochondrial respiration [199].

Use of ginseng and Eleutherococcus senticosus is thought
to increase the body’s capacity to tolerate external stresses,
leading to increased physical or mental performance [200].
Although an extensive literature documenting adaptogenic
effects in laboratory animal systems exists, results from
human clinical studies are conflicting and variable [200–
202]. However, there is evidence that extracts of ginseng and
Eleutherococcus sp. can have an immunostimulatory effect in
humans, and this may contribute to the adaptogen or tonic
effects of these plants [200, 203]. From laboratory studies,
it has been suggested that the pharmacological target sites
for these compounds involve the hypothalamus-pituitary-
adrenal axis due to the observed effects upon serum levels
of adrenocorticotropic hormone and corticosterone [202].
However, it should also be noted that the overall effects of the
ginsenosides can be quite complex due to their potential for
multiple actions even within a single tissue [201].

The flavonoids present in ginkgo extracts exist primarily
as glycosylated derivatives of kaempferol and quercetin [203–
205]. These flavonoid glycosides have been shown to be
extremely effective free radical scavengers [201, 202, 205]. It is
believed that the collective action of these components leads
to a reduction in damage and improved functioning of the
blood vessels [200, 202].

Depending on the type and level of ROS and RNS, dura-
tion of exposure, antioxidant status of tissues, exposure to free
radicals and their metabolites leads to different responses—
increased proliferation, interrupted cell cycle, apoptosis, or
necrosis [165]. A typical example is a hydrophilic antioxidant,

ascorbic acid (vitamin C). Ascorbic acid reacts with free
radicals to produce semidehydro- or dehydroascorbic acids
(DHA). DHA is then regenerated by antioxidant enzymes
present in the organism (semidehydroascorbic acid reductase
and dehydroascorbic acid reductase) back to the functional
ascorbate. In the presence of ions of transition metals, ascor-
bic acid reduces them and it gets oxidized to DHA. Hydrogen
peroxide formed in the reaction further reacts with reduced
metal ions leading to generation of hydroxyl radical through
Fenton type reaction. Iron ions practically never occur in the
free form in the tissues; therefore, the occurrence of Fenton
type reaction in vivo is not likely.

Recently, toxicity of ascorbic acid has also been attributed
to its autooxidation. Ascorbic acid can be oxidized in the
extracellular environment in the presence of metal ions to
dehydroascorbic acid, which is transported into the cell
through the glucose transporter (GLUT). Here it is reduced
back to ascorbate. This movement of electrons changes the
redox state of the cell influencing gene expression.

19. Conclusions

Oxidative stress is nothing but the imbalance between oxi-
dants and antioxidants in favor of the oxidants which are
formed as a normal product of aerobic metabolism but
during pathophysiological conditions can be produced at an
elevated rate. Both enzymatic and nonenzymatic strategies
are involved in antioxidant defense, and antioxidant efficacy
of any molecule depends on the cooxidant. Well proven free
radical scavengers can be prooxidant unless linked to a radical
sink. Moreover, as the free radicals share a physiological as
well as pathological role in the body, the same antioxidant
molecule just due to its free radical scavenging activity may
act as disease promoter, by neutralizing the physiologically
desired ROSmolecules, and as disease alleviator by removing
the excessive levels of ROS species.The importance of several
vitamins like vitamin A and tocopherols as well as carotenes,
oxycarotenoids, and ubiquinols in their lipid phase has been
understood in recent years. Low molecular mass antioxidant
molecules that include nuclear as well as mitochondrial
matrices, extracellular fluids, and so forth have been studied
vividly to understand how they accelerate the body defense
significantly. Protection from the influence of oxidants being
an important issue has become the centre of attraction of
the scientists and various research groups in recent years to
understand the mechanism of action of various antioxidants
present in herbs as well as fruits and vegetables that can act
as antiaging agents as well. There has been ever increasing
knowledge in the role of oxygen derived prooxidants and
antioxidants that play crucial role in both normalmetabolism
and several clinical disease states. Advances in the field
of biochemistry including enzymology have led to the use
of various enzymes as well as endogenous and exogenous
antioxidants having low molecular weight that can inhibit
the harmful effect of oxidants. Still much research works are
needed to understand the antioxidant status of any organ that
is susceptible to oxidative stress induced damage particularly
the involvement of genetic codes and gene protein inter-
action. Understanding of genetic alterations and molecular
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mechanism is certainly helping out to reveal the interaction
of free radicals and their role in proteomics, genomics and
disease development process. Moreover, the prooxidant or
antioxidant behavior of the universally accepted antioxidant
molecules is now duly expressed in term of dependence upon
the actual molecular conditions prevailing in the tissues.

Nevertheless, other environmental factors like oxygen
tension, concentration of transition metals along with their
redox status will also be a deciding factor.Thus, it can be con-
cluded that a thorough knowledge of biochemistry and gen-
eral chemistry will help the researchers to explore more the
interplay between oxidative stress, prooxidants, and antioxi-
dants.
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H. Wachter, and M. W. Hentze, “Iron regulates nitric oxide
synthase activity by controlling nuclear transcription,” Journal
of Experimental Medicine, vol. 180, no. 3, pp. 969–976, 1994.

[174] M. J. Laughton, P. J. Evans, M. A. Moroney, J. R. S. Hoult,
and B. Halliwell, “Inhibition of mammalian 5-lipoxygenase and
cyclo-oxygenase by flavonoids and phenolic dietary additives.
Relationship to antioxidant activity and to iron ion-reducing
ability,” Biochemical Pharmacology, vol. 42, no. 9, pp. 1673–1681,
1991.

[175] A. P. Lin,W. J. Tsai, C. Y. Fan, andM. J. Lee, “Vandellia cordifolia
regulated cell proliferation and cytokines production in human
mononuclear cells,” American Journal of Chinese Medicine, vol.
28, no. 3-4, pp. 313–323, 2000.

[176] J. Lee, E. R. Hahm, and S. V. Singh, “Withaferin A inhibits
activation of signal transducer and activator of transcription 3
in human breast cancer cells,” Carcinogenesis, vol. 31, no. 11, pp.
1991–1998, 2010.

[177] C. A. Lastra and I. Villegas, “Resveratrol as an antioxidant
and pro-oxidant agent: mechanisms and clinical implications,”
Biochemical Society Transactions, vol. 35, no. 5, pp. 1156–1160,
2007.

[178] M.Y. Seo and S.M. Lee, “Protective effect of lowdose of ascorbic
acid on hepatobiliary function in hepatic ischemia/reperfusion
in rats,” Journal of Hepatology, vol. 36, no. 1, pp. 72–77, 2002.

[179] G. R. Buettner and B. A. Jurkiewicz, “Catalyticmetals, ascorbate
and free radicals: combinations to avoid,” Radiation Research,
vol. 145, no. 5, pp. 532–541, 1996.

[180] G. R. Buettner, “The pecking order of free radicals and antioxi-
dants: lipid peroxidation,𝛼-tocopherol, and ascorbate,”Archives
of Biochemistry and Biophysics, vol. 300, no. 2, pp. 535–543, 1993.

[181] F.-F. Zhang, Y.-F. Zheng, H.-J. Zhu, X.-Y. Shen, and X.-Q. Zhu,
“Effects of kaempferol and quercetin on cytochrome 450 activi-
ties in primarily cultured rat hepatocytes,” Zhejiang Da Xue Xue
Bao Yi Xue Ban, vol. 35, no. 1, pp. 18–22, 2006.

[182] H.-T. Yao, M.-N. Luo, L.-B. Hung et al., “Effects of chitosan
oligosaccharides on drug-metabolizing enzymes in rat liver and
kidneys,” Food and Chemical Toxicology, vol. 50, no. 5, pp. 1171–
1177, 2012.

[183] V. Hebbar, G. Shen, R. Hu et al., “Toxicogenomics of resveratrol
in rat liver,” Life Sciences, vol. 76, no. 20, pp. 2299–2314, 2005.

[184] A. J. Young and G.M. Lowe, “Antioxidant and prooxidant prop-
erties of carotenoids,” Archives of Biochemistry and Biophysics,
vol. 385, no. 1, pp. 20–27, 2001.

[185] A. Kontush, B. Finckh, B. Karten, A. Kohlschütter, and U.
Beisiegel, “Antioxidant and prooxidant activity of 𝛼-tocopherol
in human plasma and low density lipoprotein,” Journal of Lipid
Research, vol. 37, no. 7, pp. 1436–1448, 1996.

[186] B. C. Scott, O. I. Aruoma, P. J. Evansi et al., “Lipoic and
dihydrolipoic acids as antioxidants. A critical evaluation,” Free
Radical Research, vol. 20, no. 2, pp. 119–133, 1994.

[187] H. Moini, L. Packer, and N. L. Saris, “Antioxidant and prooxi-
dant activities of 𝛼-lipoic acid and dihydrolipoic acid,” Toxicol-
ogy and Applied Pharmacology, vol. 182, no. 1, pp. 84–90, 2002.

[188] M. Rasool and P. Varalakshmi, “Immunomodulatory role of
Withania somnifera root powder on experimental induced
inflammation: an in vivo and in vitro study,” Vascular Pharma-
cology, vol. 44, no. 6, pp. 406–410, 2006.

[189] M. Ahmad, S. Saleem, A. S. Ahmad et al., “Neuroprotective
effects of Withania somnifera on 6-hydroxydopamine induced
Parkinsonism in rats,”Human andExperimental Toxicology, vol.
24, no. 3, pp. 137–147, 2005.

[190] M. Owais, K. S. Sharad, A. Shehbaz, and M. Saleemuddin,
“Antibacterial efficacy of Withania somnifera (ashwagandha)
an indigenous medicinal plant against experimental murine
salmonellosis,” Phytomedicine, vol. 12, no. 3, pp. 229–235, 2005.

[191] S. K. Gupta, I. Mohanty, K. K. Talwar et al., “Cardioprotection
from ischemia and reperfusion injury byWithania somnifera: a
hemodynamic, biochemical and histopathological assessment,”
Molecular and Cellular Biochemistry, vol. 260, no. 1, pp. 39–47,
2004.

[192] S. Srinivasan, R. S. Ranga, R. Burikhanov, S. Han, and D.
Chendil, “Par-4-dependent apoptosis by the dietary compound
withaferin A in prostate cancer cells,” Cancer Research, vol. 67,
no. 1, pp. 246–253, 2007.

[193] F. Malik, A. Kumar, S. Bhushan et al., “Reactive oxygen species
generation and mitochondrial dysfunction in the apoptotic cell
death of human myeloid leukemia HL-60 cells by a dietary
compound withaferin A with concomitant protection by N-
acetyl cysteine,” Apoptosis, vol. 12, no. 11, pp. 2115–2133, 2007.

[194] S. D. Stan, E. Hahm, R. Warin, and S. V. Singh, “Withaferin
A causes FOXO3a- and Bim-dependent apoptosis and inhibits
growth of human breast cancer cells in vivo,” Cancer Research,
vol. 68, no. 18, pp. 7661–7669, 2008.

[195] S. D. Stan, Y. Zeng, and S. V. Singh, “Ayurvedic medicine
constituent withaferin a causes G2 andM phase cell cycle arrest



BioMed Research International 19

in human breast cancer cells,”Nutrition and Cancer, vol. 60, no.
1, pp. 51–60, 2008.

[196] J. H. Oh, T. Lee, S. H. Kim et al., “Induction of apoptosis by
withaferin A in human leukemia U937 cells through down-
regulation of Akt phosphorylation,”Apoptosis, vol. 13, no. 12, pp.
1494–1504, 2008.

[197] C. Mandal, A. Dutta, A. Mallick et al., “Withaferin A induces
apoptosis by activating p38 mitogen-activated protein kinase
signaling cascade in leukemic cells of lymphoid and myeloid
origin throughmitochondrial death cascade,” Apoptosis, vol. 13,
no. 12, pp. 1450–1464, 2008.

[198] Y. Yu, A. Hamza, T. Zhang et al., “Withaferin A targets heat
shock protein 90 in pancreatic cancer cells,” Biochemical Phar-
macology, vol. 79, no. 4, pp. 542–551, 2010.

[199] E. R. Hahm, M. B. Moura, E. E. Kelley, B. van Houten, S. Shiva,
and S. V. Singh, “Withaferin a-induced apoptosis in human
breast cancer cells is mediated by reactive oxygen species,” PLoS
ONE, vol. 6, no. 8, Article ID e23354, 2011.

[200] V. Schulz, R. Hänsel, and V. Tyler, Rational Phytotherapy: A
Physician’s Guide toHerbalMedicine, Springer, Berlin, Germany,
1998.

[201] A. S. Attele, J. A. Wu, and C. Yuan, “Ginseng pharmacology:
multiple constituents and multiple actions,” Biochemical Phar-
macology, vol. 58, no. 11, pp. 1685–1693, 1999.

[202] K. C. Huang, Pharmacology of Chinese Herbs, CRC Press, Boca
Raton, Fla, USA, 1999.

[203] M. Blumenthal, A. Goldberg, and J. Brinckmann, “Herbal
medicine: expanded commission E monographs,” Integrative
Medicine Communications, vol. 133, no. 6, p. 487, 2000.

[204] J. Bruneton, Pharmacognosy, Phytochemistry, Medicinal Plants,
Lavisior, Paris, France, 1995.

[205] P. M. Dewick, Medicinal Natural Products, John Wiley & Sons,
West Sussex, UK, 1997.

[206] S. Beatty, H. Koh,M. Phil, D.Henson, andM. Boulton, “The role
of oxidative stress in the pathogenesis of age-related macular
degeneration,” Survey of Ophthalmology, vol. 45, no. 2, pp. 115–
134, 2000.

[207] A. C. Maritim, R. A. Sanders, and J. B. Watkins III, “Diabetes,
oxidative stress, and antioxidants: a review,” Journal of Biochem-
ical and Molecular Toxicology, vol. 17, no. 1, pp. 24–38, 2003.

[208] S. Fulle, T. Pietrangelo, R. Mancinelli, R. Saggini, and G.
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[213] C. Ziskoven, M. Jäger, C. Zilkens, W. Bloch, K. Brixius, and R.
Krauspe, “Oxidative stress in secondary osteoarthritis: from
cartilage destruction to clinical presentation?” Orthopedic
Reviews, vol. 2, no. 2, p. e23, 2010.

[214] C. S. Sander, F. Hamm, P. Elsner, and J. J. Thiele, “Oxidative
stress in malignant melanoma and non-melanoma skin cancer,”
British Journal of Dermatology, vol. 148, no. 5, pp. 913–922, 2003.

[215] C. D. Filippo, S. Cuzzocrea, F. Rossi, R. Marfella, and M.
D’Amico, “Oxidative stress as the leading cause of acutemyocar-
dial infarction in diabetics,” Cardiovascular Drug Reviews, vol.
24, no. 2, pp. 77–87, 2006.



Research Article
Protective Effect of Alpha-Tocopherol Isomer from Vitamin E
against the H2O2 Induced Toxicity on Dental Pulp Cells

Fernanda da Silveira Vargas,1 Diana Gabriela Soares,1

Ana Paula Dias Ribeiro,2 Josimeri Hebling,3 and Carlos Alberto De Souza Costa4

1 Oral Rehabilitation Program, Department of Dental Materials and Prosthodontics, University Estadual Paulista,
UNESP, Araraquara School of Dentistry, Humaitá Street 1680, 14801-903 Araraquara, SP, Brazil
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The aim of this study was to evaluate the protective effects of different concentrations of vitamin E alpha-tocopherol (𝛼-T) isomer
against the toxicity of hydrogen peroxide (H

2

O
2

) on dental pulp cells. The cells (MDPC-23) were seeded in 96-well plates for 72
hours, followed by treatment with 1, 3, 5, or 10mM 𝛼-T for 60 minutes. They were then exposed or not to H

2

O
2

for 30 minutes. In
positive and negative control groups, the cells were exposed to culture medium with or without H

2

O
2

(0.018%), respectively. Cell
viability was evaluated by MTT assay (Kruskal-Wallis and Mann-Whitney tests; 𝛼 = 5%). Significant reduction of cell viability
(58.5%) was observed in positive control compared with the negative control. Cells pretreated with 𝛼-T at 1, 3, 5, and 10mM
concentrations and exposed to H

2

O
2

had their viability decreased by 43%, 32%, 25%, and 27.5%, respectively. These values were
significantly lower than those observed in the positive control, thereby showing a protective effect of 𝛼-T against the H

2

O
2

toxicity.
Overall, the vitamin E 𝛼-T isomer protected the immortalized MDPC-23 pulp cells against the toxic effects of H

2

O
2

. The most
effective cell protection was provided by 5 and 10mM concentrations of 𝛼-T.

1. Introduction

Hydrogen peroxide (H
2

O
2

) is a thermally instable chemical
agent with high oxidative power, which dissociates into free
radicals and other reactive oxygen species (ROS), such as
hydroxyl radicals (OH−), singlet oxygen (O2−), and superox-
ide anion (O

2

−) [1]. This molecule has been widely used in
dentistry to treat discolored teeth, because of its capability to
oxidize the complex organicmolecules of the dental structure
that respond for the darker coloration of the teeth [2]. How-
ever, these highly oxidative molecules can diffuse through
mineralized tooth structures, such as enamel and dentin,
to reach the subjacent pulp tissue, a specialized connective

tissue responsible for maintaining the tooth viability [3, 4].
The contact of the pulp cells with ROS results in oxidative
stress generation, mainly because of the imbalance between
the amount of ROS and endogenous antioxidants [1]. This
oxidative stress damages the cell membrane and causes cell
viability reduction, extracellular matrix degradation, inflam-
matory tissue reaction, and even pulpal necrosis [3–5].

The treatment of dental pulp cells with antioxidants has
been proposed in order to prevent the oxidative damage
from components leached by dental materials and bleach-
ing gels, which are capable of diffusing across mineralized
tissues of teeth [6, 7]. Vitamin E (VE) has a recognized
anti-inflammatory and antioxidant activity in different cell
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lineages, such as fibroblast, osteoblasts, and neurons [8].
This kind of vitamin is composed of a blend of tocopherols
and tocotrienols; however, the antioxidant action of VE is
mediated by the alpha-tocopherol (𝛼-T) isomer [9].The𝛼-T is
capable of stabilizing cell membrane against reactive oxygen
species (ROS) produced during normal cellular metabolic
activities, preventing the chain propagation from the oxida-
tive stress [10].The protective activity of thismolecule against
the oxidative damage related to different conditions, as
atherosclerosis, diabetes, Alzheimer, and Parkinson diseases,
has been widely described [8]. In view of this, it was
hypothesized that the VE antioxidant property may also
protect pulp cells against the oxidative toxic effects caused
by components leached by dental bleaching gels. Therefore,
the aim of this study was to evaluate the protective effects
of different concentrations of VE 𝛼-T isomer against the
toxicity of H

2

O
2

applied on the immortalized odontoblast-
like MDPC-23 cell line.

2. Materials and Methods

The H
2

O
2

concentration capable of reducing the cell via-
bility by approximately 50% (IC-50) was determined. For
such purpose, solutions containing decreasing H

2

O
2

con-
centrations were prepared (0.035%, 0.018%, 0.009%, and
0.045%) in serum-free DMEM (Dulbecco’s Modified Eagle’s
Medium; Sigma Aldrich Corp., St. Louis, MO, USA). Then,
odontoblast-like MDPC-23 cells were seeded in DMEM
supplemented with 10% fetal bovine serum (FBS; Gibco Co.,
Grand Island, NY, USA) and antibiotics (IU/mL penicillin,
100 𝜇g/mL streptomycin, and 2mmol/L glutamine; Gibco
Co.), in 96-well plates (1 × 104 cells/well) (Costar Corp.,
Cambridge, MA, USA) during 72 h at 37∘C and 5% CO

2

.
After that, the DMEM was aspirated and 100 𝜇L of the H

2

O
2

solutions were applied on the cells during 30 minutes. Cell
viability was evaluated by the cytochemical demonstration
of the succinic dehydrogenase (SDH) enzyme using the
methyl tetrazolium (MTT) assay (Gibco Co.) [3, 4]. The
absorbance values of the groups (570 nm) were transformed
into percentages of cell viability, considering the negative
control group (DMEM) as having 100% of cell viability. The
0.018% H

2

O
2

concentration resulted in 59% of cell viability
reduction and was selected to evaluate the 𝛼-T protective
effect against H

2

O
2

aggression.
In order to evaluate the protective effect of 𝛼-T against

H
2

O
2

toxicity, four decreasing concentrations of this mole-
cule (1, 3, 5, and 10mM)were prepared by diluting a stock 𝛼-T
solution (Sigma Chemical Co.) in DMEM with 5% dimethyl
sulfoxide (DMSO). In this way, experimental groups were
formed according to the treatment of theMDPC-23 cells with
different 𝛼-T concentrations followed by exposition or not of
the cells to a 0.018%H

2

O
2

solution for 30minutes. To evaluate
𝛼-T toxicity (𝛼-T+ H

2

O
2

−), the 𝛼-T solutions were applied
on cultured cells for 60 minutes; to evaluate 𝛼-T protective
effect against H

2

O
2

aggression, the solutions were applied for
60 minutes and then aspirated, followed by H

2

O
2

application
for 30 minutes (𝛼-T+ H

2

O
2

+). In negative control group,
DMEM containing 5% DMSO was applied (𝛼-T− H

2

O
2

−)

Table 1: Results of the viability of theMDPC-23 cells exposed to dif-
ferent hydrogen peroxide (H2O2) concentrations for determination
of the IC-50.

H2O2 concentration Cell viability (%)
0 100
0.035% 5
0.018% 41
0.009% 77
0.0045% 72

Table 2: Control and experimental groups (𝑛 = 6) formed
according to the treatment of the MDPC-23 cells with different
alpha-tocopherol (𝛼-T) concentrations followed by exposure or not
to hydrogen peroxide (H2O2).

Groups Treatment
G1 (𝛼-T−H2O2−)
G2 (𝛼-T− H2O2+)
G3 (1mM+ H2O2−)
G4 (3mM+ H2O2−)
G5 (5mM+ H2O2−)
G6 (10mM+ H2O2−)
G7 (1mM+ H2O2+)
G8 (3mM+ H2O2+)
G9 (5mM+ H2O2+)
G10 (10mM+ H2O2+)

on the MDPC-23 cells. In positive control group, 0.018%
H
2

O
2

was applied on the cultured cells for 30 minutes. After
treatments, theMTT assay was performed and percentages of
cell viability for each experimental group were determined.
Data were subjected Kruskal-Wallis complemented by the
Mann-Whitney test. The significance level was set at 5% and
the following null hypotheses were established: (1) H

2

O
2

does
not cause toxic effects to odontoblast-like cells; (2)𝛼-T cannot
eliminate or at least reduce the oxidative effects of H

2

O
2

.
Three independent experiments were performed at different
times to demonstrate the reproducibility of data, and, in each
appointment, a total of six replicates (𝑛 = 6) were used for
each group.

3. Results

Table 1 shows the results for the H
2

O
2

IC-50.The experimen-
tal groups used to assess the protective role of 𝛼-T against
cell toxicity mediated by H

2

O
2

are summarized in Table 2.
Cell viability data obtained after cell treatment with 𝛼-T
followed or not by exposure to H

2

O
2

are shown in Table 3.
Considering the negative control group (G1) as having 100%
of cell viability, there was a 58.5% decrease in the positive
control group (G2) that was lower than that observed in the
experimental groups (𝑃 < 0.05). The cell viability reduction
in groups G3, G4, G5, and G6, in which the MDPC-23 cells
were treated with different concentrations of 𝛼-T, was 6%,
13%, 10%, and 14%, respectively. Despite being considered
discrete, the cell viability reduction for G4, G5, and G6 was
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Table 3: Percentage of viability of MDPC-23 cells treated with different alpha-tocopherol concentrations followed by exposure or not to
hydrogen peroxide.

H2O2
Alpha-tocopherol concentrations

0 1mM 3mM 5mM 10mM
0% 100.5 (97–104)a,A,G1 94 (87–100)ab,A,G3 87 (86–91)bc,A,G4 90 (79–92)bc,AB,G5 86 (77–88)c,AB,G6

0.018% 41.5 (36–43.5)a,B,G2 57 (52–60)b,B,G7 68 (64–73)bc,B,G8 75 (67–84)c,A,G9 72.5 (69–78)c,A,G10

Lowercase letters permit comparisons within rows while uppercase letters permit comparisons within columns. Groups identified with the same letters do not
differ significantly (Mann-Whitney test, 𝑃 > 0.05).

significant when compared with the negative control group
(G1, 𝑃 < 0.05). In groups G7, G8, G9, and G10, in which the
cultured cells were pretreated with 𝛼-T before being exposed
to H
2

O
2

, the cell viability reduction was 43%, 32%, 25%,
and 27.5%, respectively. The protective effect against H

2

O
2

cytotoxicity observed inG7, G8, G9, andG10was significantly
higher when compared to the positive control group (G2)
regardless of the 𝛼-T concentration (𝑃 < 0.05). G8, G9, and
G10 presented the highest values of cell viability recovery,
with no significant difference among them (𝑃 > 0.05)
(Table 3, rows). G9 and G10, which did not show significant
difference when the cells were treated or not with H

2

O
2

(𝑃 >
0.05) (Table 3, columns), presented the best results for cell
viability recovery.

Based on the fact that H
2

O
2

caused toxic effects to
the cultured odontoblast-like cells and that 𝛼-T reduced
the oxidative effects of this unstable chemical agent to the
immortalized pulp cell line, both null hypotheses presented
in this study were rejected.

4. Discussion

In spite of being very popular in dental offices, vital tooth
bleaching has been associated with postoperative sensitivity
and pulpal damage [3–5]. In view of this, different therapies
have been suggested to minimize these adverse effects,
including pretreatment with antioxidant agents to reduce
the oxidative stress generated by bleaching gel components
to the pulp cells [7]. In the present study, the biological
activity of VE 𝛼-T isomer against the toxic effects of H

2

O
2

to MDPC-23 cells was evaluated. This specific kind of pulp
cell, which presents odontoblast phenotype, was used in
this study because in mammalian teeth odontoblasts are
organized in a monolayer to underlie the dentinal tissue.
Therefore, odontoblasts are the first pulp cells to be reached by
components of dental products capable of diffusing through
enamel and dentin [11]. In addition, for over a decade, this
immortalized pulp cell line has widely been used to evaluate
the cytotoxicity of different dental products and their isolated
chemical components [3, 4, 7].

It was shown that all concentrations of 𝛼-T assessed in
the present study presented cell-protective effect.TheMDPC-
23 cells pretreated with 𝛼-T for 60 minutes and exposed to
the H

2

O
2

showed higher viability compared with the group
exposed only to H

2

O
2

(G2, positive control). This protective
effect of𝛼-T against oxidizing agentswas reported in previous
investigations [9, 10]. A recent study demonstrated that the
combination of vitamins E and C protected brain cells against

the toxic effects induced by diazinon, a widely used pesticide
in agriculture that causes brain oxidative stress [12]. Another
in vivo study found that VE plus selenium acted as a potent
antioxidant agent, reducing the oxidative stress in pregnant
rats and preventing the development of gestational diabetes
mellitus [13]. It is known that VE is composed of a mixture of
tocopherols and tocotrienols [8], which can be distinguished
from each other by the lateral chain unsaturation. It has
been described that 𝛼-T is the compound responsible for
great part of the VE antioxidant action [14]. According
to previous studies, 𝛼-T is the predominant component of
biomembranes, being effective in electron donation due to
the orthoposition of its methyl group, compared with the
other VE isomers [15]. Therefore, 𝛼-T can prevent oxidative
stress propagation and stabilize the cell membrane, thus
preventing the disruption of the amphipathic balance of
this cell structure [14]. Antioxidants such as 𝛼-T can stop
free radicals by donating one of their electrons to the free
radical. However, 𝛼-T does not become a new free radical
because it remains stable before and after donating the
electron, which characterizes its antioxidant action [14]. It
has also been shown that VE can prevent diseases such as
atherosclerosis as well as cardiovascular and inflammatory
disorders [16]. Some researchers have reported that VE
is directly involved in the maintenance of the balance of
oxidative reactions generated during the inflammation [17–
20]. The authors showed that this kind of vitamin can block
nitric oxide synthase (iNOS), COX-2 expression, and the
NF-𝜅B signaling pathway in cultured monocytes stimulated
by E. coli LPS. Additionally, VE was capable of inhibiting
the synthesis of PGE2 and inflammatory cytokines, such as
TNF-a, IL-4, and IL-8. Therefore, one can consider that VE
has a broad therapeutic potential. The present investigation
revealed that cells exposed only to H

2

O
2

(G2) presented a
58.5% reduction in cell viability. The toxic effect of H

2

O
2

was also reported in previous studies in which the authors
evaluated the trans-enamel and trans-dentinal cytotoxicity of
high concentrations of H

2

O
2

on odontoblast-like cells [3, 4].
On the other hand, the treatment of MDPC-23 cells with
different concentrations of 𝛼-T prior to their exposition to
H
2

O
2

increased the cell viability by 16–33.5%.
Despite the important protective effect, 𝛼-T alone caused

a slight cell viability reduction in those groups in which
the cells were not exposed to H

2

O
2

(G3 to G6). It was
shown that 1mM 𝛼-T concentration was statistically similar
to the control (G1). On the other hand, 3, 5, and 10mM
𝛼-T concentrations were significantly different from G1.
These data suggest that an increase of the 𝛼-T concentration
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available to the cells might cause a prooxidant action of this
VE isomer, resulting in reduction in the viability of the treated
cells. Some studies have demonstrated the prooxidant action
of 𝛼-T at high concentrations or in the presence of heavy
metals or peroxides [21–23]. These findings could explain
the results observed in those groups in which the MDPC-23
cells were exposed only to 𝛼-T (G3 to G6). However, while
a slight prooxidant action of 𝛼-T was observed (6–14% cell
viability reduction), this molecule was capable of minimizing
the oxidant effect caused by H

2

O
2

on cultured MDPC-23
cells (G7 to G10). The most relevant protective effects were
obtained with 5mM (G9) and 10mM (G10) 𝛼-T concentra-
tions, in which 33.5 and 31% of cell viability recovery were
observed, respectively. Since no significant difference was
found between G9 and G10, it may be suggested that the best
𝛼-T concentration for pretreatment of odontoblast-like cells
would be 5mM. This is not only because of the protective
effect of this molecule against the H

2

O
2

cell damage but also
due to its slight toxicity (G5–10% cell viability reduction).

Overall, this in vitro study demonstrated the potential
of 𝛼-T as an antioxidant agent because this VE isomer was
capable of protecting pulp cells against the harmful effects of
H
2

O
2

, which is themain active component of tooth bleaching
gels. Although the present laboratory-based results cannot
be directly extrapolated to clinical situation, the original
data obtained under the tested experimental conditions are
promising.

5. Conclusion

It can be concluded that previous exposition of odontoblast-
like MDPC-23 pulp cells to VE 𝛼-T isomer protects this
cell line against the toxic effects generated by hydrogen
peroxide in vitro. These data can drive further in vivo studies
with the purpose of establishing specific therapies capable of
preventing or at least minimizing the pulpal damage caused
by tooth bleaching techniques widely used in dentistry. This
may avoid the postbleaching tooth sensitivity, making this
esthetic clinical procedure safer and more comfortable to the
patients.
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Parkinson’s disease (PD) is a neurodegenerative disorder characterized by motor deficits accompanying degeneration of substantia
nigra pars compactor (SNc) neurons. Although familial forms of the disease exist, the cause of sporadic PD is unknown.
Symptomatic treatments are available for PD, but there are no disease modifying therapies. While the neurodegenerative processes
in PD may be multifactorial, this paper will review the evidence that prooxidant iron elevation in the SNc is an invariable feature
of sporadic and familial PD forms, participates in the disease mechanism, and presents as a tractable target for a disease modifying
therapy.

1. Introduction

The substantia nigra pars compactor (SNc) degenerates in
Parkinson’s disease (PD), which precipitates motor disabil-
ities such as tremor and bradykinesia that characterize the
disease. Symptomatic therapy, such as Levodopa, restores
dopamine levels but is ineffectual in altering the progression
of the disease. While multiple brain regions are decorated
by Lewy bodies (the defining pathological feature of PD)
[1], it is unknown why the SNc is selectively vulnerable to
neurodegeneration. Prooxidant iron accumulation in this
nucleus is one possible reason. The SNc is particularly rich
in iron [2], which increases with age [3]. PD is complicated
by exaggerated iron retention in this nucleus, which was a
historically early finding [4], and has since been repeatedly
observed using various quantifiable techniques (Table 1). It
is proposed that this high basal iron content, with the
vulnerability to accumulate iron with age and in disease,
makes this region susceptible to PD neurodegeneration.
However, a limitation of postmortem tissue analysis is that,
most likely, the tissues analyzed were obtained from end-
stage patients, and from this evidence alone it is not possible
to claim if iron is pathogenic in the disease or if it is an
epiphenomenon.

2. Iron Accumulation in Parkinson’s Disease:
Cause or Effect?

Is iron elevation contributing to neuronal death in Parkin-
son’s disease, or is it simply a feature of dying neurons?
To address this important question, this paper will review
three separate lines of evidence: (1) in vivo iron-imaging
technology, (2) rare genetic disorders of ironmetabolism, and
(3) animal models.

2.1. In Vivo Iron-Imaging Technology. The iron hypothesis
of Parkinson’s disease has been revitalized by the ability to
visualize and quantify iron elevation in the SNc of living
patients, first by a technique called transcranial sonography
(TCS) then later by T

2

∗-weighted MRI. TCS has been
employed for a number of years to quantify the echogenicity
of the SN in PD patients. Echogenicity refers to the ability
of a substance to return the sound wave back to the receiver.
Tissue laden with iron has greater echogenicity allowing iron
elevation in PD to be visualized with this technique [5–
11]. TCS is a promising diagnostic tool for PD with positive
predictive value of 85.7% and a negative predictive value of
82.9% [10]. TCS has been suggested as the earliest predictive
test for PD (with the exception of genetic testing in rare
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Table 1: Reports of quantifiable iron in PD SN.

Iron measurement technique Fe in PD SN
(% control) Reference

ICP-MS 135 [116]
SP 176 [117]
SP 177 [118]
AAS 107 [119]
ICP-MS 133 [120]
ICP-MS 130 [121]
X-Ray Microprobe analysis 340 [122]
SP 150 [123]
Laser microprobe analysis 145 [124]
ICPMS 156 [125]
Colorimetry 82 [126]
X-Ray absorption fine structure 201 [127]
Electron probe X-Ray
microanalysis
coupled with cathodoluminescence
spectroscopy

200 [128]

AAS 144 [96]
X-Ray fluorescence 155 [129]
ICP-MS 140 [110]
AAS 139 [26]
Average 159.5
ICPMS: inductively coupled plasmamass spectrometry; SP: spectrophotom-
etry; AAS: atomic absorption spectrometry.

familial cases) [12]. Increased echogenicity in otherwise
healthy individuals has been associated with reduced [18F]-
dopa uptake in the striatum [13] andminor motor abnormal-
ities in older patients [14] possibly suggesting early, presymp-
tomatic degeneration. Tellingly, nonsymptomatic individuals
with increased echogenicity have 17 times the risk of acquir-
ing PD after 3 years when compared to individuals with a
normal echogenetic profile [15]. The early elevation of iron
identified using in vivo imaging techniques could position
this phenomenon upstream of neurodegeneration in the PD
mechanism.

Increased iron in the SN has also been determined by
quantifying relaxation times of T

2

- and T
2

∗-weighted MRI,
which strongly correlates with tissue iron levels [16]. Iron
elevation by MRI has been correlated with disease severity
[17, 18] and duration [19]. In a 3-year-followup study, iron
measured by T

2

∗MRI was shown to progressively increase in
PD subjects but not controls [20]. It also has been implicated
in diagnosis of PD with reported sensitivity of 100% and
specificity of 80% in a small cohort [21].

Iron elevation is also a common feature of familial PD.
PD-associated Park genes encoding proteins, alpha synu-
clein, leucine-rich repeat kinase 2 (LRRK2), PTEN-induced
putative kinase 1 (PINK1), Parkin, and DJ-1, are associated
with iron accumulation in the SN as measured by TCS,
demonstrating that iron elevation is an invariable feature of
multiple PD modalities (Table 2).

Imaging technology has allowed visualization of iron
elevation as (a) a risk factor for PD, (b) an early event in the

progression of the disease, (c) a feature that correlates with
disease severity and duration, and (d) a feature of all causes
of PD (measured so far). But imaging technology has not
afforded us direct evidence to conclude if iron elevation is
epiphenomenal or part of the disease process.

2.2. Rare Genetic Disorders of Brain Iron Metabolism Often
Present as PD. Evidence placing iron as a mediating factor
of PD neurodegeneration is drawn from rare genetic dis-
orders that are known to interfere with the iron-handling
pathway.The following examples demonstrate that a primary
elevation in nigral iron is a sufficient cause of Parkinsonian
neurodegeneration; thus iron elevation evidenced in familial
and sporadic cases of PD has the clear potential to contribute
to the degenerative process.

2.2.1. Aceruloplasminemia. Ceruloplasmin is multicopper
oxidase that converts ferrous to ferric iron and is required
for the export of iron from cells [22]. Aceruloplasminemia
is a rare genetic disorder of ceruloplasmin dysfunction that
results in an iron retention within various tissues [23, 24] that
can be recapitulated in ceruloplasmin knockout mice [25–
27]. Dozens of ceruloplasmin mutations have been identified
and some induce Parkinsonism in affected individuals [28].
In particular, three missense mutations in ceruloplasmin-
I63T,D554E, andR793H, have been shown to exhibit reduced
ferroxidase activity in the plasma of patients [29], increased
nigral iron content, and a Parkinsonian presentation in
affected individuals [30].

2.2.2. Neurodegeneration with Brain Iron Accumulation Type
1. Neurodegeneration with brain iron accumulation type 1
(NBIA1) is caused by a mutation in pantothenate kinase 2
(PANK2). PANK2 catalyses the initial step in coenzyme A
synthesis and mutations have reduced catalytic activity [31]
and basal ganglia iron accumulation [32]. Patients with this
mutation often present with Parkinsonism [33]. Brains of
affected patients contain the Parkinson’s Lewy body pathol-
ogy [34–36], possibly suggesting that iron accumulation is
upstream of alpha synuclein deposition in idiopathic PD.

2.2.3. Neuroferritinopathy. Neuroferritinopathy, also called
neurodegeneration with brain iron accumulation type 2, is a
rare autosomal dominant neurodegenerative disease caused
by one of seven known mutations to the ferritin light chain
protein [37–43]. The mutation causes increased iron and
ferritin deposition in the brain but not other organs. Iron
elevation in the brain results in various extrapyramidalmotor
symptoms including dystonia, chorea, parkinsonism, and
tremor.

2.3. AnimalModels. Avariety of animalmodels have demon-
strated that iron elevation is sufficient to cause neurodegener-
ation in the nigra. Direct injection of iron into the midbrain
region of rats causes SN neuronal loss [44]. A number of
studies employing an iron feeding protocol to neonatal mice
have shown Parkinsonism and nigral degeneration in these
mice when they reach adulthood [45–47]. These studies take



BioMed Research International 3

Table 2: Iron elevation (TCS) in the genetics of PD.

Locus Gene Mutation Comments Iron
elevation Reference

PARK1/4 Alpha synuclein
3 point mutations,

duplication,
triplication

Onset age 40–50
Rapid progression, frequent dementia. Lewy bodies
present

Yes [130]

PARK2 Parkin >100 mutations

Age of onset 17–24 years
Parkinsonism
Other motor symptoms but no dementia. Lewy bodies
present

Yes [130, 131]

PARK6 PINK1 >20 mutations
Onset age 30–50
Clinical features resemble Parkin mutations. Lewy bodies
present

Yes [130, 132]

PARK7 DJ-1 3 point mutations
Onset age 20–40
Clinical features resemble Parkin mutations. Unknown if
Lewy bodies are present

Yes [130]

PARK8 LRRK2 6 point mutations Age of onset 50s
Resembles idiopathic PD. Lewy bodies present Yes [130, 133]

PARK9 ATP13A2 1 mutation

Age of onset 10–30 years
Parkinsonism,
supranuclear gaze paresis, pyramidal signs, and dementia.
Unknown if Lewy bodies are present

??

PARK14 PLA2G6 2 mutations

Age of onset 20–40
Parkinsonism
Dementia, psychosis, dystonia, and hyperreflexia.
Unknown if Lewy bodies are present

??

PARK15 FBXO7 3 mutations

Age of onset 7–22
Parkinsonism,
hyperreflexia, and spasticity. Unknown if Lewy bodies are
present

??

Iron accumulation [130–133] and Lewy bodies [134].

advantage of the immature blood brain barrier which allows
elevated systemic iron to permeate the brain. Neonatal iron
fed mice are also more susceptible to 1-methyl-4-phenyl-
1,2,3,6-tetrahydropyridine (MPTP) intoxication [48].

Toxin models of PD, MPTP, and 6-hydroxydopamine (6-
OHDA) also recapitulate iron elevation within the SN [49,
50]. The changes in iron within the SN cells are complex and
poorly understood. Within the first 2–4 days after treatment
of MPTP, there is an increase in chelatable iron within
the mitochondria [51], preceding total iron elevation, 1-2
weeks after administration. Iron chelator drugs are effective
in attenuating the damage caused by these Parkinsonian
toxins [52, 53] demonstrating that iron is a mediator of
neurodegeneration in toxin models of PD and that iron
chelation is an attractive therapeutic option for PD.

3. The Consequences of Iron Elevation:
Implications for the Disease Mechanism

3.1. Oxidative Stress. Iron elevation can cause oxidative
stress-mediated cell death. Within biological systems iron
can react with oxygen to catalyze the formation of the
toxic hydroxyl radical via the Fenton reaction. This reaction
is dependent on the ability of iron to alter its valence
state between ferrous (Fe2+) and ferric (Fe3+) species [54].

Inappropriate iron retention in PD could promote oxidative
stress within this tissue. Post mortem PD-affected brains
display increased lipid peroxidation [55], oxidative damage
to DNA [56], and lowered levels of the reduced form of
glutathione [57], which all reflect oxidative stress.

3.2. Alpha Synuclein Deposition. Alpha synuclein is often
considered the Parkinson’s protein owning to extensive links
to the disease. Three genetic mutations of alpha synuclein,
A53T [58], A30P [59], and E46K [60], along with gene
duplication [61] or triplication [62] have been associated
with inheritable forms of PD. Aggregated alpha synuclein is
also the major component of Lewy bodies, the pathological
hallmark for PD [63]. Alpha synuclein deposition could be
contributed to by iron exposure. Alpha synuclein binds to
iron [64–66], which accelerates its aggregation into fibrils [67,
68]. Alpha synuclein has also been shown to directly generate
hydrogen peroxide when it aggregates and, in the presence
of iron, produce toxic hydroxyl radicals [69]. In cultured
neurons, iron has been shown to cause aggregation of alpha
synuclein [70–73]. Collectively these findings demonstrate
that iron can theoretically impact the aggregation of alpha
synuclein. Iron is also found enriched in Lewy bodies [74],
providing in vivo evidence that iron elevation could induce
Lewy body deposition in PD.
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4. Mechanisms of Iron Accumulation in PD

Understanding how iron accumulates in PD may provide
opportunities to target this process pharmacologically. There
is only a weak association between environmental iron
exposure and development of PD [75, 76], suggesting that
endogenous factors or metabolic dysregulation is the genesis
for elevated iron in PD. Peripheral iron status, modified by
diet or various genetic disorders (e.g., hemochromatosis), is
rarely reflected by concomitant changes to iron in the brain.
While peripheral iron has access to the brain [77] and iron
consumed in the diet is distributed to the brain in comparable
levels to other organs [78], the brain retains mostly stable
throughout life [79–81].The brain is able to control iron levels
in a narrow range by recruiting various protein machinery.
While many reviews discuss the iron regulatory pathways of
the brain [82, 83], this paper will discuss the evidence that
fatigue to thesemachinery results in iron accumulation inPD.

Various iron associated proteins have been investigated
for their potential to contribute to iron accumulation in PD.
The earliest such study surveyed the iron storage protein fer-
ritin in post mortem PD brains, demonstrating a decrease in
this protein compared to controls [84]. Increased iron with a
concomitant decrease in ferritin within the SN could suggest
an increase in the labile iron pool, making ironmore available
for toxic interactions. Ferritin elevation, therefore, might be
neuroprotective in the disease. This was demonstrated in
the MPTP model, where ferritin overexpressing mice were
protected against the toxin [52].

While changes in ferritin could relate to cellular buffering
capacity of iron, this does not easily explain why iron
accumulates in PD. Iron elevation in PD could be contributed
to by increased cellular iron uptake via transferrin receptor
1 (TfR1). However, the levels of this protein were shown not
to be altered in PD (when loss of neurons was accounted
for) [85], nor in the 6-OHDA model [86], arguing against
a role for this protein in iron accumulation of PD. Within
the periphery, the transferrin receptor is inhibited by the
hemochromatosis protein as a normal component of the
iron homeostatic mechanism. However, loss of function
genetic mutations in the hemochromatosis protein causes
pathological iron retention in peripheral tissues in hered-
itary hemochromatosis. The iron overload associated with
hemochromatosis in peripheral tissue is also not convincingly
linked to PD. The C282Y mutation in hemochromatosis
protein was initially shown to increase the risk of PD and
Parkinsonism [87] and this was supported by a later study
[88]. However further investigations have failed to find an
association with C282Y mutation and PD [89–91], although
one study found two single nucleotide polymorphisms (K92N
and I217T) in a single PD patient and not in controls [89].
It remains unclear what role hemochromatosis protein plays
in either genetic or idiopathic PD; further it is not known if
individuals with hereditary hemochromatosis have brain iron
accumulation. It is likely that the peripheral hemochromato-
sis hormone plays a minor role in brain iron homeostasis;
indeed staining for the hemochromatosis protein in brain
reveals only scattered staining for the protein, localized to
parts of cortex, cerebellum, and brain endothelium [92].

Another iron importing protein, transferrin receptor 2
(TfR2)was found to be increased in the rotenonemodel of PD
[93]. It is proposed in the paper byMastroberardino et al. [93]
that TfR2 signals for iron to be deposited in themitochondria
leading to iron accumulation and oxidative damage within
the SN. The function consequence of this process is unclear
and TfR2 has yet to be explored in human PD tissue.

Both TfR1 and TfR2 receive iron from the transferrin
protein.The complex then undergoes endocytosis where iron
is transported across the endosome by the divalent metal
ion transporter (DMT1). An isoform of DMT1 with an iron
responsive element (DMT1 + IRE) was shown to be increased
in cultured cells exposed to 6-OHDA [94] and early after
MPTP intoxication in mice [95], which was later replicated
[96]. Salazar et al. [96] additionally used mice with a loss
of function mutation of DMT1 and showed that this was
protective against MPTP induced iron elevation and toxicity.
Importantly, Salazar et al. [96] also showed that DMT1+IRE
was elevated in the SN of PD patients, which implicates
overexpression of this protein in iron accumulation in PD.

Iron elevation in PD could also be contributed by failure
of iron export. Ferroportin is the only known iron exporting
channel in mammals [97]. Ferroportin requires cooperation
with a ferroxidase that converts intracellular ferrous iron
(Fe2+) to ferric iron (Fe3+) so that extracellular ferric-binding
transferrin protein can remove iron from ferroportin [98].
Ceruloplasmin is the best characterized ferroxidase protein
and has been investigated as a possible contributor to iron
elevation in PD.Decreased ceruloplasmin ferroxidase activity
has been observed in PD cerebrospinal fluid (CSF) [99–101]
and serum [102–107], while low serum ceruloplasmin activity
is correlated with earlier age of PD onset [103, 105, 106].
Loss of peripheral ceruloplasmin function could therefore
impact brain iron levels, and indeed peripheral and brain-
derived pools of ceruloplasmin are in exchange [26].The level
of ceruloplasmin in the PD SN is unaltered in the disease
[108], but its activity is selectively reduced in the SNc [26].
This is important since loss of ceruloplasmin function, as in
aceruloplasminemia, often causes Parkinsonism in affected
individuals [28].

Iron export could also be impacted by the tau protein. Tau
protein is famously linked with Alzheimer’s disease and fron-
totemporal dementia, but tau protein has been implicated in
PD from genetic, pathological, and biochemical perspectives
[109]. Tau levels are reduced in the substantia nigra in PD,
which obtunds amyloid precursor protein (APP) mediated
iron export [110]. APP binds to ferroportin to facilitate iron
export [111], and loss of tau prevents APP trafficking to the
neuronal surface to perform this function [110]. Tau knockout
mice develop iron-mediated Parkinsonism [110], highlighting
the neurotoxic potential for a disturbance to this pathway.

5. Conclusions and Therapeutic Implications

So is iron elevation the cause of PD? Quite simply the answer
has to be no, since there has to be some other process that
causes iron to elevate in the first place. The same could be
said of any other factor implicated in PD. If alpha synuclein
is the cause of Parkinson’s disease, what causes the protein
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to aggregate? Understanding the cause of PD may indeed
be impossible to define. Even if this was understood, the
factor(s) inducing the degenerative process in PD may not
be propagating disease progression by the time the patient
initially presents with symptoms. The degenerative processes
in PD are likely to involve multiple pathways; the goal of
our field should be to identify components of the disease
mechanism that can be targeted pharmacologically. Iron is
one such component. Iron is elevated invariably in the SNc
of PD-effected brains, early in the disease processes, and
brain iron overload is sufficient to cause Parkinsonism in rare
genetic cases or brain iron overload, or in various animal
models of PD.

Iron is also a tractable target for pharmacotherapy.
Numerous iron chelators are currently in use for peripheral
disorders of iron overload [112]. Iron chelator, Deferiprone,
was recently shown to benefit PD patients in a phase II
clinical trial (PMID: 24251381) [113]. This is the first drug
to show a disease-modifying effect for PD, which highlights
the potential for targeting iron for PD pharmacotherapy,
and strongly implicates iron in the disease mechanism. A
limitation of the iron chelators presently in the market is
that they were developed to treat peripheral disorders of iron
metabolism [114]. Iron chelators that have greater access to
the brain through BBB are currently in development [52, 53,
110, 115].

There is also opportunity to target cellular mechanisms
that cause iron to be elevated in PD. Preventing elevation of
DMT1, or restoring the loss of tau or ceruloplasmin, might be
additional ways to target the iron lesion.While strategies that
prevent the rise in iron or remove excess iron in the disease
might not be silver bullets that halt neurodegeneration
altogether, the evidence outlined in this review suggests that
these approaches might slow the degenerative process and
therefore are attractive options for the first disease-modifying
therapy for PD.
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[2] M. E. Götz, K. Double, M. Gerlach, M. B. H. Youdim, and P.
Riederer, “The relevance of iron in the pathogenesis of Parkin-
son’s disease,” Annals of the New York Academy of Sciences, vol.
1012, pp. 193–208, 2004.

[3] L. Zecca, M. Gallorini, V. Schünemann et al., “Iron, neurome-
lanin and ferritin content in the substantia nigra of normal
subjects at different ages: consequences for iron storage and
neurodegenerative processes,” Journal of Neurochemistry, vol.
76, no. 6, pp. 1766–1773, 2001.

[4] J. Lhermitte,W.M.Kraus, andD.McAlpine, “On the occurrence
of abnormal deposits of iron in the brain in parkinsonism
with special reference to its localisation,” Journal of Neurology,
Neurosurgery & Psychiatry, vol. 195, pp. s1–s5, 1924.

[5] D. Berg, C.Grote,W.-D. Rausch et al., “Iron accumulation in the
substantia nigra in rats visualized by ultrasound,”Ultrasound in
Medicine and Biology, vol. 25, no. 6, pp. 901–904, 1999.

[6] D. Berg, W. Roggendorf, U. Schröder et al., “Echogenicity of
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Oxidative stress is critically involved in a variety of diseases. Reactive oxygen species (ROS) are highly toxic molecules that are
generated during the body’s metabolic reactions and can react with and damage some cellular molecules such as lipids, proteins, or
DNA. Liver is an important target of the oxidative stress because of its exposure to various prooxidant toxic compounds as well as of
its metabolic function and ability to transform some xenobiotics to reactive toxic metabolites (as ROS). To investigate the processes
of liver injuries and especially liver oxidative damages there are many experimental models, some of which we discuss further.

1. Introduction

Oxidative stress is an imbalance between the production and
scavenging of reactive oxygen and nitrogen species (ROS
and RNS) and free radicals that can induce lipid peroxida-
tion, DNA fragmentation, and protein oxidation [1]. These
damages result in the loss of membrane integrity, structural
and functional changes in proteins, and gene mutations [2].
Normally, the affected cells are trying to neutralise reac-
tive molecules by deploying their antioxidative defense that
include reduced glutathione (GSH), alpha-tocopherol, ascor-
bic acid, antioxidant enzymes catalase (CAT), superoxide
dismutase (SOD), glutathione peroxidase (GPx), glutathione
reductase (GR), and glutathione-S-transferase (GST).

Oxidative stress is critically involved in a variety of dis-
eases. ROS are highly dangerousmolecules that are generated
during the body’s metabolic reactions and can react with and
damage some cellular molecules such as lipids, proteins, or
DNA.

Liver plays a pivotal role in the regulation of various
physiological processes in the body such as carbohydrate
metabolism and storage, fat metabolism, bile acid synthesis,
and so forth besides being themost important organ involved
in the detoxification of various drugs as well as xenobiotics in
our body [3].

It is highly susceptible to damage by xenobiotics owing
to its continuous exposure to these toxicants via the portal
blood circulation [4]. Various chemicals, like carbon tetra-
chloride (CCl

4

), tert-butyl hydroperoxide (t-BHP), alcohol,
paracetamol, galactosamine (GalN), and others, can cause
potential damage to the liver cells leading to progressive
dysfunction.Most of the hepatotoxic chemicals cause damage
to the hepatocytes by inducing lipid peroxidation [5, 6].Thus,
the disorders associated with liver are numerous and varied.

One of the most important liver toxicity mechanisms
might be a consequence of cell damage by ROS and RNS.
Kupffer cells release reactive oxygen species (ROS), cytokines,
and chemokines, which induce neutrophil extravasation
and activation. Also the liver expresses many cytochrome
P450 isoforms, including ethanol-induced CYP2E1. CYP2E1
generates ROS, activates many toxicologically important
substrates, and may be the central pathway by which some
substances cause oxidative stress (ethanol, carbon tetrachlo-
ride, etc.) [7].

In this review we summarize some commonly used
toxic models employed in the study of hepatotoxicity and
hepatoprotection. A number of models of hepatic disorders
support the notion that ROS have a causal role in liver
injuries. Experimental liver injuries are induced by specific
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toxic compounds, because the formation of ROS is stimulated
by a number of xenobiotics.

2. Carbon Tetrachloride (CCl
4

)

Carbon tetrachloride (CCl
4

) is the most widely used model
to develop oxidative stress and liver toxicity in rats. Hepatic
injury through carbon tetrachloride induced lipid peroxi-
dation is well known and has been extensively used in the
experimental models to understand the cellular mechanisms
behind oxidative damage and further to evaluate the thera-
peutic potential of drugs and dietary antioxidants [8].

CCl
4

is activated by cytochrome CYP2E1, CYP2B1, or
CYP2B2, and possibly CYP3A, to form the trichloromethyl
radical, CCl3∗ [9].This radical can bind to cellular molecules
(nucleic acid, protein, lipid), impairing crucial cellular pro-
cesses such as lipid metabolism, with the potential outcome
of fatty degeneration (steatosis) [10]. This radical can also
react with oxygen to form the trichloromethylperoxy radical
CCl
3

OO∗, a highly reactive species. CCl
3

OO∗ initiates the
chain reaction of lipid peroxidation, which attacks and
destroys polyunsaturated fatty acids [9]. Among the degra-
dation products of fatty acids are reactive aldehydes, mal-
ondialdehyde (MDA), and 4-hydroxynonenal, which bind
easily to functional groups of proteins and inhibit important
enzyme activities. Disturbed cellular processes aremost likely
due to increased levels of these thiobarbituric acid reactive
species (TBARS) [11], lactate dehydrogenase (LDH) leakage
as a result ofmembrane breakdown and concomitant increase
in membrane permeability [12], loss of cell protection, wit-
nessed byGSHdepletion and as a result of all these changes—
cell death.

In our laboratory we use some in vitro and in vivo
hepatotoxicity models based on CCl

4

-induced liver damage
in Wistar rats and in spontaneously hypertensive rats (SHR).
In vitro experiments are carried out in primary isolated rat
hepatocytes [13] or liver microsomes [14]. Cell incubation
with CCl

4

(86 𝜇mol L−1) leads to a significant decrease in
cell viability, increased LDH leakage, decreased levels of
cellular GSH, and elevation in MDA quantity. Enzyme-
induced LPO is started with 20mM CCl

4

in the presence of
1mM NADPH [14]. For in vivo experiments Wistar rats are
challenged with a single dose (2mL/kg) of 20% of CCl

4

in
olive oil [15]. These in vitro/in vivo CCl

4

-induced liver injury
models are useful for investigations on hepatoprotective and
antioxidant properties of some plant-derived biologically
active compounds [13–17].

We found that ROS, produced byCCl
4

, decrease the activ-
ities not only of antioxidant enzymes such as catalase (CAT),
superoxide dismutase (SOD), glutathione peroxidase (GPx),
glutathione reductase (GR), and glutathione-S-transferase
(GST) [18], but also the activities of some drug metabolizing
enzymes such as CYP2E1 and CYP3A, involved in their
production [15].

3. Tert-Butyl Hydroperoxide (t-BHP)

The cellular system of energy supply localized in mitochon-
dria is another target of many hepatotoxic substances causing

oxidative stress and is one of themost importantmechanisms
through which hepatotoxic factors induced apoptotic and
necrotic processes [19].

Tert-butyl hydroperoxide caused necrosis through induc-
ing mitochondrial reactive oxygen formation [20]. As a
prooxidant, t-BHP was widely used and many effects on
cell metabolism have been described, for example, changes
in calcium homeostasis [21], increase of lipid peroxidation,
or decrease of mitochondrial membrane potential [22, 23].
Two mechanisms for t-BHP action were proposed: depletion
of cellular stores of GSH and oxidation of functionally
important SH groups on mitochondrial enzymes [24] and/or
changes of mitochondrial membrane integrity induced by
peroxidation of membrane lipids [22, 23]. The metabolism
of t-BHP to free radicals undergoes through several steps.
In microsomal suspension, in the absence of NADPH, it
has been shown to undergo one-electron oxidation to a
peroxyl radical (1), whereas in the presence of NADPH it has
been shown to undergo one-electron reduction to an alkoxyl
radical (2). In isolated mitochondria and intact cells, the
t-BHP has been shown to undergo 𝛽-scission to the methyl
radical (3). All these radicals cause lipid peroxidation process
[25, 26]:

(CH
3

)
3

COOH → (CH
3

)
3

COO∙ + e− +H+ (1)

(CH
3

)
3

COOH + e− → (CH
3

)
3

CO∙ +OH− (2)

(CH
3

)
3

CO∙ → (CH
3

)
2

CO + ∙CH
3

(3)

Experiments on isolated hepatocytes are thus a useful model
system for evaluation of the toxic effect of various prooxidants
which act directly on mitochondrial enzymes. In our exper-
iments using freshly isolated rat hepatocytes we found that
t-BHP (75 𝜇mol L−1) decreases cell viability [27, 28]. It causes
leakage of lactate dehydrogenase (LDH) and formation of
malondialdehyde in hepatocytes. Furthermore, t-BHP causes
the depletion of cellular GSH levels.These data correlate with
the results obtained by many authors [23–25].

Enhanced formation of ROS has been suggested to play
a role in some liver disease processes, including alcohol-
induced liver injury [29–31], paracetamol-induced liver fail-
ure [32, 33], andmany others.Many other drugs as isoniazide,
amiodarone, and valproic acid as well as widely used and
abused substances as nicotine and cocaine damage liver
cells by producing toxic ROS. Because of their widespread
consumption, they are also used as experimental models of
liver injuries.

4. Ethanol

Acute and chronic ethanol treatments increase the produc-
tion of ROS, lower cellular antioxidant levels, and enhance
oxidative stress in many tissues, especially the liver. Ethanol-
induced oxidative stress plays amajor role in themechanisms
by which ethanol produces liver injury [34].

The liver expresses many cytochrome P450 isoforms,
including ethanol-induced CYP2E1. CYP2E1 generates ROS,
activates many toxicologically important substrates, and may
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be the central pathway by which ethanol causes oxidative
stress [7].

CYP2E1 metabolizes and activates many toxicologically
important substrates, including ethanol, carbon tetrachlo-
ride, acetaminophen, and N-nitrosodimethylamine, to more
toxic products [35, 36]. Induction of CYP2E1 by ethanol
is a central pathway by which ethanol generates oxidative
stress. In our intragastric model of ethanol feeding (3 g/kg,
14 days) of spontaneously hypertensive rats (SHR) a promi-
nent induction of CYP2E1 occurs along with significant
alcohol liver injury [37]. Lipid peroxidation also occurs,
and ethanol-induced liver pathology correlates with CYP2E1
levels and elevated lipid peroxidation [38]. Chronic ethanol
consumption is associatedwith reduced liver GSH and alpha-
tocopherol level and with reduced superoxide dismutase
(SOD), catalase (CAT) and glutathione peroxidase (GPx)
activity [39]. Our results, concerning normotensive rats
(Wistar-Kyoto), are in accordance with these data, whereas
alcohol intake in SHR increases significantly SOD and CAT
activities by approximately 50% [37]. We suggested that the
differences in antioxidant status and the effect of ethanol
between the strains might be due to the oxidative stress
state in the hypertensive pathological model. Additionally
we found that multiple ethanol treatment resulted in less
pronounced effect on the assessed parameters (MDA, GSH,
nNOS) in the female SHR, compared tomale SHR [38].These
results might be due to a protective effect of estrogens on
the oxidative stress and to a stimulation of the antioxidant
defense systems, in liver.

5. Paracetamol

Paracetamol (PCM) is primarilymetabolized by sulfation and
glucuronidation, but with an increasing dose rate; these path-
ways become saturated and a greater proportion of the drug
is available for oxidation by the microsomal cytochrome P-
450 system [40]. N-Acetyl-P-benzoquinone Imine (NAPQI)
is the product of this pathway which is thought to be
responsible for the subsequent hepatic damage [41]. N-
acetyl-P-benzoquinone imine (NAPQI) is a highly reactive
electrophile and is detoxified in liver by either reduction
to the parent compound, acetaminophen, or conjugation at
the metaposition with glutathione, in which both reactions
consume GSH [42].

Glutathione (GSH) plays an important role in protect-
ing cells from electrophilic compounds and free radicals
such as reactive oxygen species generated during cellu-
lar metabolism. Reduced glutathione can act as a reduc-
tant, reducing hydrogen peroxide and lipid hydroperoxides
directly to H

2

O, a reaction catalyzed by GSH-Px [43]. Deple-
tion of intracellular GSH, under conditions of continuous
intracellular oxidative stress, leads to oxidation and damage
of lipids, proteins, and DNA by the reactive oxygen species
[44, 45].

The importance of glutathione in PCM toxicity is further
emphasized by the large body of evidence which indicates
that interventions which increase GSH content can dra-
matically reduce PCM and NAPQI-induced hepatic injury
[46, 47]. Our previous studies have shown that GSH content

in animal livers decreases after PCM overdose (2 g/kg, i.p.
single dose) [15] and have proved that biologically active
compounds derived from plants are useful for treatment of
PCM-induced liver disorders, because of a stimulation of
GSH synthesis.

Oxidative stress is also considered to be involved in the
induction of hepatotoxicity by PCM. Oxidation of PCM by
CYPs may generate ROS. Hydrogen peroxide and superoxide
are produced during metabolic activation of PCM in the
mixed function oxidase system [47].

6. Nicotine

During smoking, nicotine is rapidly absorbed into the cir-
culatory system where more than 80% is metabolized in the
liver [48]. Liver is an important organ and is responsible for
biotransformation of drugs and other toxins to remove them
from the body. Nicotine from heavy smoking increases the
risk of developing some dangerous liver disorders by one of
the main mechanisms being the oxidative stress. Increased
production of free radicals or decreased function of the
defense system play an important role in nicotine toxicity
[49]. Also maternal nicotine exposure induces oxidative
stress and causes histopathological changes in the lung and
liver of lactating offspring [50]. Nicotine induces oxida-
tive stress both in vivo and in vitro that causes a peroxi-
dant/antioxidant imbalance in blood cells, blood plasma, and
other tissues [51]. Some authors [50, 52] reported that nico-
tine induces oxidative stress and depleted antioxidant defense
mechanisms through reduction of glutathione peroxidase in
liver, lung, and kidney. Oxidative stress generates free radicals
that attack the membrane lipids resulting in the formation
of malondialdehyde (MDA), which causes peroxidative tis-
sue damage [53]. Animal’s studies have shown significantly
higher liver and serum levels of MDA, conjugated dienes,
hydroperoxides, and free fatty acids in rats intoxicated by
nicotine [54, 55].

Nicotine is not recognized as a common experimental
model for liver injuries, but because of its well-established
prooxidant mechanisms of hepatotoxicity, and widespread
consumption is used from many authors [51, 53, 55, 56]
for investigations of antioxidant and protective properties of
natural compounds.

In our previous experiments [57, 58] enhanced level of
tissue lipid peroxides in nicotine treated rats (1mg/kg i.p;
6,5mg/kg p.o.) has been shown to be accompanied by a sig-
nificant decrease in the levels of GSH, glutathione peroxidase
(GPx), superoxide dismutase (SOD), and catalase (CAT) and
increased glutathione reductase (GR) activity in Wistar rat
liver.

7. D-Galactosamine (GAL)

D-Galactosamine is a well-known experimental hepatotoxin
usually used to produce acute toxicity in rat liver. Galac-
tosamine metabolism depletes the uridine pool of hepato-
cytes, thus inducing transcriptional arrest and causing an
increase in sensitization to cytokines such as TNF-𝛼 and an
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increase in oxidative stress and GSH depletion, which lead to
mitochondrial dysfunction and cell death [59]. Both oxida-
tive and nitrosative stress play a key role in the pathogenesis
of GAL-induced hepatic injury [60].

Usually rats are injected (i.p.) with GAL (400mg/kg b.w.)
as a single dose [61].

8. Cocaine

Cocaine is a psychoactive drug that has been recognized
as one of the most significant examples of drug abuse. Its
misuse can induce severe toxic effects, including neurotox-
icity, cardiotoxicity, and hepatotoxicity. One of the main
mechanisms discussed for cocaine-induced liver injury is
promotion of lipid peroxidation by ROS which are pro-
duced during cocaine bioactivation to norcocaine through
N-demethylation by cytochrome P 450 and flavin adenine
dinucleotide containing monooxygenases [62].

A large body of evidence in both human and experimental
models suggests that impairment of the antioxidant defense
system by cocaine and its metabolites plays a role in the
pathogenesis of cocaine hepatotoxicity [62–64]. In particular,
glutathione seems to play an important protective role against
cocaine-induced hepatic injury. For example, the acute
administration of cocaine to rats [65] andmultiple treatments
of mice [63] have been shown to deplete the cellular reduced
glutathione, to decrease the activity of superoxide dismutase
(SOD), catalase (CAT), and glutathione peroxidase (GPx)
and to increase glutathione reductase (GR) activity. The
GSH depletion, induced by cocaine administration, observed
in these and other studies [62, 66] might be explained by
increased utilization of GSH for detoxification of ROS and
lipid peroxidation products. The critical role of ROS and
oxidative stress in the pathogenesis of cocaine-induced liver
damage was demonstrated by the observed ameliorating
effects of bioactive compounds with an antioxidant activity,
administered several days before cocaine treatment [65, 67].
The bioactive compounds were found to decrease cocaine
toxicity both by increasing GSH levels and antioxidant
enzyme activities.
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Iron overload cardiomyopathy (IOC), defined as the presence of systolic or diastolic cardiac dysfunction secondary to increased
deposition of iron, is emerging as an important cause of heart failure due to the increased incidence of this disorder seen in
thalassemic patients and in patients of primary hemochromatosis. At present, although palliative treatment by regular iron chelation
was recommended; whereas IOC is still the major cause for mortality in patient with chronic heart failure induced by iron-
overloading. Because iron is a prooxidant and the associated mechanism seen in iron-overload heart is still unclear; therefore,
we intend to delineate the multiple signaling pathways involved in IOC. These pathways may include organelles such as calcium
channels, mitochondria; paracrine effects from both macrophages and fibroblast, and novel mediators such as thromboxane A2
and adiponectin; with increased oxidative stress and inflammation found commonly in these signaling pathways. With further
understanding on these complex and inter-related molecular mechanisms, we can propose potential therapeutic strategies to
ameliorate the cardiac toxicity induced by iron-overloading.

1. An Introduction to Iron
Overload Cardiomyopathy

Heart failure due to iron overload can develop either as a
result from repeated blood transfusions seen in thalassemias
or hereditary hemochromatosis. The most important clinical
conditions leading to iron overload cardiomyopathy (IOC)
is thalassemia major, in which heart failure remains the
major cause of death (60%), greatly exceeding deaths from
infection (13%) and liver disease (6%) [1]. In patients of tha-
lassemias and hemoglobinopathies, aggressive transfusion
therapy and iron chelation have been palliatively applied
to them before the 80’s in order to improved their quality
of life and decreased the morbidity and mortality rates
associatedwith these diseases [2].Theonly curative treatment
for these diseases, bone marrow transplantation (BMT) was
first successfully used to treat a thalassemic patient in 1982
[3]. Since then, more than 1000 patients have been treated
with BMT around the world [4] and the outcome of these
transplants from centers in Europe, North America, and Asia
was around 80% of patients who survive long term and of

these nearly 90% are cured of their diseases [5]. The risks of
BMT using HLA-identical sibling donor could be predicted
in advance according to the presence or absence of only three
criteria: hepatomegaly, evidence of portal fibrosis, and inad-
equate iron chelation with existence of hemochromatosis.
The latter could result in IOC and hepatic damages. Even
for thalassemic patients, who have successfully undergone
BMT and acquired normal hematologic status, the most
important long-term consequences for those patients would
be the complications associated with their moderate-severe
iron overload [6].

IOC, defined as the presence of systolic or diastolic
cardiac dysfunction secondary to increased deposition of
iron, is emerging as an important cause of heart failure due
to increased incidence of this disorder seen in thalassemic
patients and in patients of primary hemochromatosis [7, 8].
Clinical iron-overload leads to a classical cardiomyopathy
of restrictive physiology with severe diastolic dysfunction,
but preserved systolic function in the early stages of the
disorder that correspond with lower concentration of iron
were reported by researchers in National Taiwan University
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Hospital [9]. Moreover, in the later stages with high levels
of iron, heart failure progress quickly with severe systolic
dysfunction, and ventricular dilation in these patients. Death
ensues promptly in the later stages due to heart failure and/or
severe arrhythmia [7, 10]. Although the exact mechanism of
iron-induced heart failure remains to be elucidated, excess
iron-catalyzed free radical generation and cytotoxic aldehyde
production are believed to play a role in damaging the
myocardium and altering cardiac function [11]. Due to the
complication of chronic transfusion and ineffectiveness to
reverse the course of iron overloading even in post-BMT
patients of thalassemia major and/or hereditary hemochro-
matosis, iron overload heart diseases are commonly seen
among these patients. At present, only palliative treatment by
regular desferrioxamine administration was recommended
to these patients whereas its effect is setback by both high
cost and poor patient compliance in the long term period;
or its limited therapeutic effect on severe iron-overload
condition.

During iron overload, transferrin, the carrier of iron in
the circulation, which is normally 30% saturation, becomes
fully saturated, and the toxic nontransferrin bound iron
species appear in the circulation [12]. Uptakes of the latter
in hepatocytes, cardiac myocytes, and endocrine gland cells
lead to tissue iron overload [13]. The pathophysiology of IOC
is clearly mediated by reactive oxidative stress whereby the
cytoplasmic iron pool become available for fenton-type reac-
tions, leading to the conversion of Fe2+ into Fe3+ generates
free radicals including the highly reactive hydroxyl radicals,
in which leading to increased peroxidation and damage into
lipids, proteins, and nucleic acids, triggering cellular damage
and depletion of antioxidants [14]. Although the production
of hydroxyl radical and lipid peroxidation are important in
initiation of IOC [15], it is likely that no single signaling
pathway can account for its complex pathophysiology.

2. Iron Enters Cardiomyocytes through
Calcium Channel in IOC

In iron overload conditions, nontransferrin-bound iron
(NTBI) enters the cardiomyocytes through L-typeCa2+ chan-
nels (LTCC) and divalentmetal transporter and leads to iron-
overload cardiomyopathy [16–18]. The Fe2+ induced slowing
of Ca2+ current inactivation results in a increase in the time
integral of the Ca2+ current and the net Ca2+ influx, which
may possibly contribute to the impaired diastolic function
observed during the early stages of iron overload [19, 20].
With higher concentration of Fe2+ associated with diseased
progression, Ca2+ influx became decreased as competing
with ferrous ion, contributing to systolic dysfunction that
is characteristic of more advanced IOC. Cardiac excitation-
contraction coupling are highly sensitive to changes in
cellular redox state leading to reduced systolic and elevated
diastolic function characteristic of IOC. Using a patch clamp
technique, it has been shown that the iron current competes
with the calcium current, and is inhibited by a calcium
channel blocker [17, 21]. Other in vivo studies, using chronic
iron overload mice models, demonstrated the inhibitory

effect of LTCC blockers on cardiac iron uptake, showing
decreased tissue iron content [14, 18], preserve cardiac func-
tion, and improved survival. Recent studies from Kumfu
et al., showed that the use of efonidipine, a proposed specific
T type Ca channel (TTCC) blockers, can lower mortality,
prevented myocardial iron deposition and oxidative stress
with improved cardiac function in their iron overloaded
thalassemic murine model [22]. The work of Kumfu et al.
actually finds that LTCC blockers were as effective as putative
TTCC blockers, and more important, the TTCC blockers
they used is nonspecific and blocks LTCC with a potency
that is very similar to TTCC. Although TTCC are specifically
confined to the SA and AV nodes in the normal healthy
hearts, TTCC expression and currents are re-expressed in
the ventricular myocytes under pathological conditions.
However, the administration of verapamil, an LTCC blocker,
likely resulted in negative inotropic effects and hypotension,
which may explain the lack of a mortality benefits in iron-
overloadmice.Therefore, future studies are needed to provide
more definitive evidence for a role of the TTCC in iron-
overloaded cardiomyopathy. These findings from Kumfu et
al. indicated that, unlike ferrous ion, ferric ion (Fe3+) uptake
in cultured thalassemic cardiomyocytes is not mediated by
LTCC, DMT1, or TTCC, suggesting that another alternative
pathway could play a major role in thalassemic heart cells
[23]. As LTCC is located in Ca2+-release channel/ryanodine
receptor complexes in cardiomyocytes and ryanodine recep-
tor (RYR2) are very sensitive to oxidation; therefore, Fe2+
entry via calcium channels is expected to have direct effect on
RYR2 function and Ca2+ homeostasis [24, 25]. In addition, a
recent paper by Rose et al. demonstrated that chronic iron
loading could selectively reduce Ca(V)1.3-mediated LTCC
leading to bradycardia, slowing of electrical conduction, and
atrial fibrillation in patients with IOC [26].

3. Reactive Oxidative Stress and
Mitochondria Pathway in IOC

In iron overloaded cardiac cells, free (redox active) iron that
catalyzed the formation of highly toxic reactive oxidative
species (ROS) can damage intracellular lipid, proteins, and
DNA [27]. These iron driven oxidation events required that
the metal interacts with cellular reducing and oxidizing
equivalents such as superoxide and hydrogen peroxide, in
which mitochondrial electron transport chain is a major
source for supplying these pools of electrons. Therefore,
mitochondrial dysfunction is likely to occur in IOC [28].
Recent studies from Gao et al. reported that increased
iron exposure to cardiac myocyte cell lines could result
in progressive loss of mitochondrial DNA, with decreased
mRNA and protein activity for complexes I, III, and IV and
mitochondrial respiration. Their followed-up in vivo study
using iron dextran injection mice models showed similar
results with 60–70% loss ofmRNAencoded bymitochondrial
DNA, yet with no change in mRNA abundance for nuclear-
encoded respiratory subunits [29]. Cochrane et al. reported
that oxidant-induced damage to nakedDNAand intracellular
DNA is greatly enhanced by iron [30, 31]. In the absence of
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transition metals such as iron and copper, DNA is quite un-
reactive with oxidants such as H

2

O
2

whereas, in the presence
of iron, oxidative DNA scission occurs readily [32, 33]. Com-
pared to nuclear DNA, mitochondrial DNA is more sensitive
to oxidant damage [34, 35]. The reason may include that
mitochondria can generates ROS and mtDNA lacks histones
to protect DNA from oxidant damage. In addition, repair
to mtDNA is less effective as compared to nuclear DNA.
The authors suggested that chronic iron overload leads to
cumulativeiron-mediated damage to mtDNA and impaired
synthesis of mitochondrial respiratory chain subunits. The
resulting respiratory dysfunction may partly explain the slow
progression of IOC.

The mechanism of iron acquisition by mitochondria of
cardiac cells was further elucidated by Shvartsman et al. [36].
They used online fluorescence monitoring on iron for tracing
the mobility of the metal from medium to cell cytosol and
mitochondria in rat primary cardiomyocytes [37].The results
indicate that mitochondria rapidly taken up iron supplied to
the cells as NTBI form and that the cytosolic iron traffic to
the mitochondrial organelles could not be abolished by iron
chelators. Under iron overload condition, it is apparently that
mitochondria has limited ability to relieve themselves from
labile iron accumulation, thus result in oxidative stress and
ensuring damages to these critical organelles.

4. Reactive Oxidative Stress Associated
Inflammation and Fibrosis in IOC

Excess iron injures cells primarily by catalyzing the produc-
tion of ROS in excess of the capacity of cellular antioxidant
systems. These ROS cause lipid peroxidation, oxidation of
amino acids with consequent protein-protein fragmentation,
and DNA damage. Therefore, the effect of chelation therapy
can remove excessive iron from body and also scavenge and
tightly bind labile iron to prevent the generation of ROS
[38, 39]. In our prior studies, we intend to use G-CSF to
treat chronic heart failure induced by IOC in the hypothesis
that G-CSF can mobilize endogenous stem cells in which has
been reported to offer beneficial effect to acute myocardial
infarction. Although our data showed that G-CSF can mobi-
lize autologous stem cells in the IOC mice, on the contrary,
G-CSF supplement worsened the IOC induced cardiac dys-
function through aggravating iron induced oxidative stress,
and cardiac inflammatory profiles with systemic leukocytosis
[40]. The cardiac pathology of the G-CSF added IOC heart
demonstrated ventricular fibrosis with macrophages infiltra-
tion. In addition, immune-histochemical analysis revealed
increased tissue factor expression and colocalization with
macrophage markers CD13 [40].

Our results showing that G-CSF can promote inflamma-
tory profiles in IOC that leads to cardiac dysfunction, are in
contrast to previous reports showing G-CSF therapy to be
beneficial in acute myocardial infarction [41–44] and chronic
cardiomyopathy induced by doxorubicin toxicity [45]. One
explanation for these disparate results could be that chronic
iron loading increases oxidative stress [46]. Although G-CSF
recruits hematogenic stem cells, a simultaneous induction

of macrophage and tissue factor gathering “gears up” the
pro-inflammatory state and drives the inflammation-fibrosis
circuit. Similar study that G-CSF exacerbates cardiac fibrosis
after rat myocardial infarction with increasing circulating
WBCs, neutrophils, and monocytes were also reported [47,
48]. In addition to IOC, heart remodeling and failure is
persistent even with optimal chelation therapy in some of
the 𝛽-thalassemic patients. Such clinical observation may
let us raise questions on whether thalassemic cardiac dys-
function can occur in the absence of transfusion related
iron-overload and myocardial iron deposition. In vivo evi-
dence was provided by a recent study by Stoyanova et al.
[49]. They used Hbbd3th/d3th gene deleted mouse, a mouse
model closely reproduced human 𝛽-thalassemia major or
intermedia disease, and echocardiography to follow their
cardiac function longitudinally for 6 months without blood
transfusion [50, 51]. These mice first demonstrated anemia
associated compensated hypertrophy, then, developed age-
dependent deterioration of left ventricular contractility and
dysfunction that led toward decompensated heart failure.The
histopathology revealed cardiac remodeling with increased
interstitial fibrosis, but virtual absence of myocardial iron
deposits. This study suggested that another paracrine and
cardiomyocyte independent mechanism may be involved in
cardiac fibrosis seen in the thalassemic hearts.

5. Macrophage and Arachidonic Acid
Associated Paracrine Pathway in IOC

Recent studies further demonstrated that iron overload could
enhance arachidonic acid release and eicosanoids production
in cultured cardiomyocytes, and suggested a causal connec-
tion between these signals electromechanical abnormalities
in iron-overload cardiomyopathy [52]. Nevertheless, limit
information is available regarding the downstream signaling
alterations. Because expression of both PGI2 and TXA

2

can
be found in heart tissue, and PGI2 and its analogue have
been reported to exert beneficial effect is cardiac ischemic
injury [53]; therefore, we hypothesize that TXA

2

may be the
major eicosanoids that mediates the iron overload induced
cardiomyopathy.

Using iron-overload mouse model, along with TXAS
gene deleted mouse, recent study from Lin et al. set out
to elucidate the role of TXA

2

in cardiac iron-overload
cardiomyopathy [54]. This study first demonstrated that iron
loading can induce TXAS and its product TXB2 expression
in mouse heart. Second, they found that the development
of iron-induced cardiac fibrosis required TXAS product
TXB
2

, which is inflammation dependent. Their data showed
that attenuation of iron deposition was found in the TXAS
KO hearts, suggesting that TXAS is involved in the iron
deposition itself in the heart. Because iron appears to be accu-
mulated mainly in nonmyocytes macrophage cells located
in the interstitial space, in which also has TXAS expression
[55].Therefore, we suggested that activatedmacrophages that
taken up iron have increase TXAS expression, thus activated
the TP receptor in cardiomyocytes in a paracrine TXA

2

-TP
signaling manner. This study also demonstrates that a lack
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Figure 1: TXA
2

mediates iron overload cardiomyopathy through TNF-𝛼 associated calcineurin-NFAT signaling pathway. The schematic
diagram depicted that iron loading can activate TXA

2

and induces TNF-𝛼 production in which can be inhibited by NFAT-SiRNA, calcineurin
inhibitor (CsA), or calcium chelator (BAPTA). Addition of TXA

2

agonist, U46619, can facilitate nuclear translocation of NFAT, thus increase
proinflammatorymarker TNF-𝛼 expression.These findings demonstrate a novel molecular mechanism of TXA

2

inmediating iron overdosed
cardiomyopathy and the involvement of calcineurin-NFAT signaling cascades in cardiac chronic inflammation.

of TXAS can attenuate cardiac fibrosis and inflammation in
IOCwith an accompanying decrease in cellular infiltration in
tissue and an attenuation of WBC, monocytes, lymphocytes,
and neutrophil numbers in blood, suggesting that leukocytes-
cardiomycytes TXAS-TP signaling is sufficient to induce
cardiac iron deposition and activate chronic inflammation
in heart. They further discovered that the TXA

2

analogue,
U46619, induces TNF-𝛼 production in which can be inhib-
ited by NFAT-SiRNA, calcineurin inhibitor (CsA), or cal-
cium chelator (BAPTA). These findings demonstrate a novel
molecular mechanism of TXA

2

in mediating iron-overdosed
cardiomyopathy and the involvement of calcineurin-NFAT
signaling cascades (see Figure 1).

Because chronic iron loadingmay activate more than one
signaling pathway that damaged the heart tissue; therefore,
it is possible that iron may deposit on cardiac myocytes,
and it may also stimulate macrophage infiltration and acti-
vate inflammation. In prior study by Lian et al., some of
the IOC mice after G-CSF supplementation demonstrated
increased ROS production with recruitment of macrophages,
in which further aggravated inflammatory infiltration which
eventually triggered cardiac thrombosis in the left ventricular
chamber [41].

6. Novel Adiponectin Signaling Pathways
Involved in IOC

Adiponectin (APN) is a circulating adipose-derived cytokine
that may act as an antioxidative and anti-inflammatory

protein. Although APN has been reported to confer cyto-
protective effects in acute cardiac diseases, its effects in
IOC are unknown. Recent studies have found a negative
correlation between the levels of serum ferritin andAPN [56–
58], which suggests that adipocyte iron negatively regulates
APN transcription via FOXO-1-mediated repression [59].
These data indicated that the increased tissue iron stores are
sufficient to increase serum ferritin and decrease serumAPN
levels. Iron loading induced oxidative stress with the overex-
pression of proinflammatory molecules, such as IL-6, MCP-
1, TNF-𝛼, and ICAM-1, in heart or blood vasculature [60],
leading to endothelial and cardiac dysfunction.Therefore, it is
plausible that decreased APN levels are a risk index in cardiac
inflammation and associated endothelial dysfunction.

Our recent study aimed to investigate whether APNoffers
beneficial effects in iron-induced chronic heart failure [61].
IOC mice exhibited decreased left ventricular contraction
and decreased serum APN levels in which the phenotype
can be rescued by in vivo cardiac AAV8-APN supplement.
A further in vitro study showed that APN induced heme
oxygenase-1 (HO-1) expression through the PPAR𝛼-HO-1
signaling pathway. In addition, the APN-mediated beneficial
effects were PPAR𝛼-dependent as the APN-mediated pro-
tective effects on attenuating iron deposition were abolished
in PPAR𝛼-knockout mice. Lastly, we demonstrated that
PPAR𝛼-HO-1 signaling involved PPAR𝛼 and PGC-1 binding
and nuclear translocation, and their levels of expression
can be increased after APN therapy. These data showed
that APN ameliorated iron deposition in the heart through
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Figure 2: Adiponectin ameliorates cardiac inflammation in IOC through the PPAR𝛼-PGC1-dependent signaling pathway. The schematic
diagram showing that adiponectin exerts its beneficial effects in cardiomyocytes through the PPAR𝛼-dependent HO-1 signaling pathway and
requires PPAR𝛼-PGC-1 interaction. The adiponectin-AdipoR2-PPAR𝛼 signaling may be the major pathway in exerting anti-inflammatory
and antioxidative stress effects that ameliorate iron-overload cardiac dysfunction.

a PPAR𝛼-PGC-1-dependent mechanism and exert beneficial
effects to IOC (see Figure 2).

7. Other Beneficial Effects against ROS and
Inflammation in IOC

HMG-CoA reductase inhibitors, or statins, are known to
improve cardiac dysfunction through their anti-inflamma-
tory and antioxidative action. Statins also affect endothelial
function through the production of nitric oxide [62, 63].
A recent study from Lian et al. demonstrates that simvas-
tatin can reduce the myocardial iron depositionin G-CSF
treated iron-overload heart [40]. Simvastatin administration
also reduced the expression of the pro-inflammatory mark-
ers ICAM-1, tissue factor, MCP-1, and TNF-𝛼. This study
also revealed that simvastatin exerts their beneficial effects
through elevation of both eNOS and phosphorylates Akt
activity, thus ameliorates the inflammation-fibrosis found in
the iron-overload heart.

A prior study by Grandel et al. showed that endotoxin
depressed the contractility of isolated rat hearts by inducing
TNF-𝛼 synthesis, and that TNF-𝛼-induced microcirculatory
dysfunction in mouse liver is dependent on TP receptor
[64, 65]. These findings suggest that TXA

2

may act as a
paracrine facilitator of TNF-𝛼 expression. A recent study
from Lin et al. revealed that the addition of the TXA

2

agonist, U46619, to cardiac cultured cells can increase TNF-
𝛼 expression [54]. This expression can be suppressed by
BAPTA, CsA, and SQ29548, respectively. These results show
that the TXA

2

-mediated TP receptor-calcium/calcineurin
signaling pathway activates the pro-inflammatory marker
TNF-𝛼. Iron-overloaded mice administered the TNF-𝛼

antibody infliximab showed decreased TXAS expression in
the heart with improved left ventricular contractility. These
data imply that blockade of TNF-𝛼 in vivo can decrease TXA

2

expression and attenuate IOC.

8. Conclusion

In this review, we delineated the multiple signaling pathways
involved in IOC. These pathways may include organelles
such as calcium channels, mitochondria, paracrine effects
from both macrophages and fibroblast, and novel mediators
such as thromboxane A2 and adiponectin. Because iron is
a prooxidant, the involved signaling pathways were asso-
ciated with increased oxidative stress and inflammation. A
schematic diagram (Figure 3) was depicted to show these
complex and interrelated molecular mechanisms: iron can
enter the cardiomyocytes through both L-type and T-type
calcium channels and increased the ROS within cardiac
cells. These effects then inhibit the calcium influx, impaired
the excitation-contraction coupling and myofilaments con-
tractility, and damage the intracellular organelles, including
mitochondria. In addition, iron can activate the TXA

2

-TP
receptor signaling pathway and promote cardiomyocyte-
macrophage interaction. With G-CSF supplement, such
macrophages recruitment and tissue factor induction will
be enhanced, which further increased the ROS and gear
up the inflammation-fibrosis circuit, result in aggravation
of IOC and cardiac fibrosis. With further understanding on
the molecular mechanisms involved in IOC, we propose the
potential in using adiponectin, statins, and possible TNF𝛼
blockers for future therapeutic trials to ameliorate the cardiac
toxicity induced by iron-overloading.
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promote cardiomyocyte-macrophage interaction. With G-CSF supplement, such macrophages recruitment and tissue factor induction will
be enhanced, which further increased the ROS and gear up the inflammation-fibrosis circuit, result in aggravation of IOC and cardiac fibrosis.
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Proteinuria is an independent risk factor for end-stage renal disease (ESRD) (Shankland, 2006). Recent studies highlighted the
mechanisms of podocyte injury and implications for potential treatment strategies in proteinuric kidney diseases (Zhang et al.,
2012). Reactive oxygen species (ROS) are cellular signals which are closely associated with the development and progression of
glomerular sclerosis. NADPH oxidase is a district enzymatic source of cellular ROS production and prominently expressed in
podocytes (Zhang et al., 2010). In the last decade, it has become evident that NADPH oxidase-derived ROS overproduction is a key
trigger of podocyte injury, such as renin-angiotensin-aldosterone system activation (Whaley-Connell et al., 2006), epithelial-to-
mesenchymal transition (Zhang et al., 2011), and inflammatory priming (Abais et al., 2013). This review focuses on the mechanism
of NADPH oxidase-mediated ROS in podocyte injury under different pathophysiological conditions. In addition, we also reviewed
the therapeutic perspectives of NADPH oxidase in kidney diseases related to podocyte injury.

1. Introduction

Chronic kidney disease (CKD) is a major public health prob-
lem worldwide. Proteinuria is a common clinical signature
and a potent predictor for the progression of CKD. Podocytes
are highly differentiated glomerular epithelial cells which
lie in the outmost layer of the glomerular filtration barrier.
Podocyte foot processes interdigitate with the counterparts
of neighboring cells to form the slit diaphragm, which con-
stitutes the final barrier to prevent protein loss from vascular
to urinary space. Podocyte injury has been considered as
the most important early event initiating glomerulosclerosis
in many proteinuric kidney diseases [1]. The slit diaphragm
proteins, such as nephrin, podocin, CD2-associated pro-
tein (CD2AP), and canonical transient receptor potential-
6 channel (TRPC6), have been proved to play key role in
maintaining normal podocyte structure and function [2].
Podocyte injury is generally presented as slit diaphragm
disruption, actin cytoskeleton rearrangement, podocyte foot
processes effacement, and proteinuria.

2. Reactive Oxygen Species

Oxidative stress is a characteristic feature in many chronic
and inflammatory diseases and indeed associated with the
development and progression of CKD [3]. The imbalance
between reactive oxygen species (ROS) production and
antioxidant systems to scavenge the reactive intermediates
will induce oxidative stress. ROS are oxygen-derived small
molecules produced as intermediates in the redox processes,
such as superoxide (O

2

∙−), hydroxyl (∙OH), hypochlorous
acid (HOCl), ozone (O

3

), singlet oxygen (1O
2

), and hydrogen
peroxide (H

2

O
2

) [4]. ROS play important roles in diverse
physiological signaling processes but also trigger diseases.

Several oxidoreductases have been identified as potential
sources of ROS, including cyclooxygenase, lipoxygenase,
cytochrome P450 enzymes, nitric-oxide synthase, xanthine
oxidase, mitochondrial NADH: ubiquinone oxidoreductase,
and nicotinamide adenine dinucleotide phosphate (NADPH)
oxidase. Unlike other enzymes that produce ROS secondary
to their specific catalytic process, NADPH oxidase is the only
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enzyme known to produce ROS as the primary function. And
a previous study showed that the primary source of ROS
generation in the renal cortex is NADPH oxidase [5].

ROS overproduction was found in many podocyte injury
models in vitro and in experimental diseases such as diabetic
nephropathy (DN), membranous nephropathy (MN), mini-
mal change disease (MCD), and focal segmental glomerulo-
sclerosis (FSGS) [3]. Oxidants in turn cause podocyte injury
directly, including DNA damage and apoptosis. However,
recent researches showed poor outcomes of antioxidant ther-
apies in clinical studies. It implies that specifically targeting
the enzymatic sources of pathophysiologically relevant ROS
may be more effective [6].

3. NADPH Oxidase and ROS Production

NADPH oxidase is a cytoplasmic enzyme consisting of at
least one catalytic, transmembrane-spanning NOX subunit,
which produces ROS by transferring electrons fromNADPH
to molecular oxygen. To date, the NOX family consists of
seven members, NOX1–5, and two NOX5-like dual oxidases,
Duox1-2. All NOX subunits have been reported to bind one or
more regulatory subunits, including p22phox, NOXO1 local-
ized in themembrane and cytosolic submits p40phox, p47phox,
p67phox, NOXA1, and Rac GTPases. It has long been accepted
that the translocation and binding of p47phox withmembrane
complex of NOX2 and p22phox are the key events leading to
the activation of NADPH oxidase and generation of ROS.

The phagocyte NADPH oxidase NOX2, also named
gp91phox, is the prototypical catalytic subunit of NADPH
oxidase. And the backbone of the enzyme is cell membrane-
bound cytochrome b558, which consists of NOX2 and
p22phox. NOX1, NOX3, and NOX4 share some similarities
with NOX2, such as structural organization and molecular
weight. NOX5 possess an extra aminoterminal calmodulin-
like domain that contains four Ca2+-binding EF-hands struc-
tures. Duox possess an extracellular peroxidase domain that
uses the H

2

O
2

generated by its NOX catalytic moiety in
addition to the NOX5-based structure. All the NOX1–4
isoforms require the p22phox subunit, whereas NOX5 and
Duox are activated directly by Ca2+.

4. NADPH Oxidase-Mediated ROS
Production and Podocyte Injury

NADPH oxidase plays a fundamental role in maintaining
normal cell functions and can be activated by diverse stimuli,
such as chemical, physical, environmental, and biological fac-
tors. Various NADPH oxidase components are found in the
kidney and glomerular cells. NOX1, NOX2, NOX4, p22phox,
p47phox, p67phox, and Rac1/2 protein have been indentified
within the kidney [7]. Greiber et al. have first demonstrated
that in the primary cultured human podocytes, ROS are
primarily generated by NADPH oxidases, and the NADPH
oxidase subunits p22phox, p47phox, NOX2, and p67phox were
expressed [8]. In addition, Whaley-Connell et al. reported

that NOX2, NOX4, p22phox, p47phox, and Rac1 are expressed
immortalized murine podocyte cells [9].

Growing evidence reveals that NADPH oxidase-derived
ROS overproduction is importantly involved in the progres-
sion of podocyte injury associated with the upregulation
of various NOX subtypes [10]. NADPH oxidase in the
podocyte is activated by adenosine triphosphate (ATP) [8],
chemokine [11], angiotensin II (ANG II) [9], aldosterone [12],
high glucose [13–17], C5b-9 [18], advanced oxidation protein
products (AOPPs) [29], hyperhomocysteinemia (hHcys) [19–
21], insulin [22], puromycin aminonucleoside (PAN) [23, 24],
and N-methyl-D-aspartate (NMDA) [25].

4.1. Primary Glomerular Nephritis. ROS-mediated glomeru-
lar injury was proved inmany experimental studies, and ROS
may play important roles in the pathogenesis of primary
glomerular nephritis [3]. ROS generated frompodocytesmay
trigger podocyte injury. Puromycin aminonucleoside (PAN)
was widely used to establish animal models of podocyte
injury, such asMCD and FSGS. Incubation of podocytes with
puromycin (PAN) induced NOX4 expression and promoted
superoxide generation [23, 24]. It led to the upregulation of
TRPC6 and a loss of cell viability followed by an elevation
in the gap junction protein connexin43 (Cx43) levels. It
suggested that NADPH oxidase may promote the cellular
structure destruction in podocytes. Known from the Hey-
mann nephritis models of MN in rats, podocytes are the
targets of the membrane attack complex C5b-9 [26]. Treat-
ment of immortalizedmurine podocyteswithC5b-9 complex
increased ROS production. Immunostaining confirmed the
presence of the subunit p47phox in podocytes and showed its
translocation to the plasma membrane after C5b-9 assembly
[18]. It implies that NADPH oxidase-mediated ROS induced
podocyte injury in MN.

4.2. Diabetic Nephropathy. It is widely accepted that oxidative
stress is a key component in the development of diabetic
nephropathy.NADPHoxidases are themain source of ROS in
the diabetic kidney. In rat models of streptozotocin-induced
diabetic nephropathy, the expression of p47phox, p22phox, and
NOX4 was found upregulated in glomeruli [27]. Podocyte
injury has been intensively studied in diabetic nephropathy.
Studies using an in vitro model show high glucose-induced
NADPH oxidase level and activity elevation, NOX4 upreg-
ulation, SOD production, caspase-3 activation, and apop-
tosis induction in podocyte [13–17, 28]. The accumulation
of plasma AOPPs is prevalent in diabetes. Increasing the
amount ofAOPPs in themedia of conditionally immortalized
podocytes rapidly triggered the production of intracellular
superoxide by activation of NADPH oxidase, and led to
podocyte apoptosis [29]. Interestingly, recent studies show
that insulin treatment increased the generation of H

2

O
2

,
the surface expression of the NADPH oxidase, NOX4, and
TRPC6 channels in cultured podocytes [22, 30].These results
suggest that NOX4 may play a role in insulin signaling
via TRPC6 channels and may induce insulin resistance in
podocytes in diabetic nephropathy.
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4.3. Hyperhomocysteinemia. Li’s team and others have
demonstrated that oxidative stress mediated by NADPH
oxidase is importantly involved in the progression of
glomerular injury associated with hyperhomocysteinemia
(hHcys) [31, 32]. Recently, Li et al. found that hHcys induced
NOX2 and p47phox expression, NADPH oxidase activation,
and superoxide production in immortalized murine
podocytes [20, 21, 33, 34]. In addition, hHcys activates lipid
raft (LR) clustering which leads to aggregation and assem-
bling of NADPH oxidase subunits to form an active enzyme
complex to produce ROS [21].

4.4. Others. It was confirmed that NADPH oxidase-derived
ROS was induced by NMDA receptor activation in neurons
[35], and lately similar results were found in kidney [10].
Recent studies demonstrated that sustained application of
NMDA triggered cultured immortalized mouse podocytes
produce ROS, associated with increased cell surface expres-
sion of p47phox and TRPC6 channels and reduced total and
cell surface expression of podocyte slit diaphragm proteins
nephrin and podocin without loss of cells [25]. Since NMDA
receptor and TRPC6 channels are related to calcium entry in
podocytes [36], it is possible that elevation of the intracellular
Ca2+ concentration may also activate NADPH oxidase in
podocytes.

5. Role of NADPH Oxidase in Podocyte Injury

5.1. Renin-Angiotensin-Aldosterone System. It is noteworthy
that podocytes express a functional intrinsic renin-
angiotensin-aldosterone system (RAAS) characterized
by neprilysin, aminopeptidase A, angiotensin converting
enzyme (ACE), prorenin receptor (PRR), renin, and
mineralocorticoid receptor (MR), implying a local RAAS in
the glomerulus [12, 37]. Previous researches have addressed
that ANG II activation of the angiotensin type 1 receptor
(AT1R) leads to oxidative stress [38], which is linked to
glomerular injury. Moreover, recent evidence indicates
that NADPH oxidase was associated with RAAS-induced
podocyte and filtration barrier injury [39]. TG (mRen2)27
(Ren2) transgenic rat is a rodent model that overexpresses
the mouse rennin gene, exhibits increased RAAS activity,
elevated ANG II levels, and oxidative stress [40, 41]. Whaley-
Connell et al. demonstrated that increases in kidney cortical
tissue ANG II, AT

1

R, and total NADPH oxidase activity
submits (NOX2, p67phox, p47phox, and Rac1) expression, ROS
production, podocyte effacement, and loss of the slit-pore
diaphragm integrity inRen2 rats comparedwith age-matched
Sprague-Dawley (S-D) rats [39, 42]. Furthermore, the same
team found that direct rennin inhibition, AT

1

R blockade,
and MR antagonism could attenuate increased NADPH
oxidase activity and submit expression, accompanied by
restore podocyte slit diaphragm protein nephrin expression
and ultrastructural changes in Ren2 rats [43, 44]. In addition,
Fujita’s team discovered aldosterone involved podocyte
injury [45, 46]. They first explored the presence of MR in
podocytes in vivo and in vitro [12]. To study aldosterone-
induced podocyte injury, uninephrectomized rats were

continuously infused with aldosterone and fed a high-salt
diet. It was found that increased p67phox, Rac1, NOX2,
p47phox, and p22phox gene expressions, ROS overproduction,
decreased nephrin and podocin expressions, and enhanced
expression of aldosterone effector kinase Sgk1 in aldosterone-
infused rats could be prevented by treatment of eplerenone,
a selective aldosterone receptor blocker [12]. Furthermore,
spironolactone, a MR antagonist, inhibited aldosterone
induced p67phox translocation and oxidative stress generation
in cultured podocytes with consistent expression of MR [12].
Data from these investigations highlight the importance of
NADPH oxidase in RAAS-mediated podocyte injury.

5.2. Epithelial-to-Mesenchymal Transition. Studies from dif-
ferent laboratories have demonstrated that podocytes could
undergo an epithelial-to-mesenchymal transition (EMT)
process when challenged by different injurious stimuli, such
as transforming growth factor-𝛽1 (TGF-𝛽1) [47, 48], high
glucose [49], adriamycin [47], hcys [19, 20], and mesan-
gial medium from IgA nephropathy patients [50]. Recent
studies showed that NOX2 [51], NOX1 [52], NOX4 [53],
and Rac1b [54] were related to EMT in different types of
epithelial cells, implying that NADPH oxidase-derived ROS
may promote activation of the EMT program. Emerging
evidence suggests that hHcys induces podocytes to undergo
EMT through the activation of NADPH oxidase [19]. EMT
in conditionally immortalized mouse podocytes was shown
by marked decreases in slit diaphragm-associated protein P-
cadherin and zonula occludens-1 (ZO-1) as epithelial markers
and by dramatic increases in the expression of mesenchymal
markers, fibroblast specific protein-1 and 𝛼-smooth mus-
cle actin (𝛼-SMA). These phenotype changes in podocytes
induced by Hcys were accompanied by enhanced superoxide
production, which was substantially suppressed by NADPH
oxidase inhibition. In wild wildtype (gp91+/+) mice, hHcys
induced enhanced expression of mesenchymal markers but
decreased expression of epithelial markers of podocytes in
glomeruli, which were not observed in mice lacking NOX2
(gp91−/−) [19]. Recently, Li et al. found that Hcys-induced
superoxide production via NADPH oxidase was significantly
inhibited by growth hormone (GH), and hcys failed to induce
podocyte EMT by GH treatment [20].These results indicated
that NOX-mediated ROS generation is critically involved
in mediating podocyte EMT and consequent glomerular
functional impairment.

5.3. Inflammation. The phagocyte NADPH oxidase NOX2
was initially implicated in innate immunity and inflamma-
tion. NOX is recognized as a critical mediator of inflam-
matory responses in nonimmune systems, such as neu-
roinflammation, gastric inflammation, colon inflammation,
lung inflammation, and vascular inflammation. An anti-
inflammatory activity of NOX enzymes, also mentioned
in NOX2- and p47phox-dificient mice, found that LPS-
induced systemic inflammatory responses were significantly
enhanced by genetic deficiency of NOX [55]. However, the
precise molecular mechanisms accountable for the instal-
lation of NADPH oxidase-mediated inflammation are still
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an unsettled issue. Huber et al. reported that podocytes in
culture and podocytes in human kidney sections express a
set of chemokine receptors. And chemokine stimulation of
the expressed CCRs (CCR4, CCR8, CCR9, and CCR10) and
CXCRs (CXCR1, CXCR3, CXCR4, and CXCR5) increased
activity of NADPH oxidase and formation of superoxide
anions in cultured human podocytes [11]. Moreover, Hu
et al. have examined oxidative stress and inflammation in
kidney in rats that fed on high fructose, the results showed
inflammatory cytokines tumor necrosis factor𝛼 (TNF-𝛼) and
interleukin 6 (IL-6); oxidative stress index NOX2 and p22phox
were upregulated in kidney, which could be partly restored
by farnesoid X receptor (FXR) agonist chenodeoxycholic
acid (CDCA) treatment [56]. Induction of proinflammatory
cytokine granulocyte macrophage-colony-stimulating factor
(GM-CSF) was found in cultured podocytes exposed to
ROS [57]. Recent observations from Zhang et al. indicated
that NADPH oxidase-derived superoxide production may be
an important mechanism mediating hHcys-induced NOD-
like receptor protein (NALP3) inflammasome activation in
podocytes [58, 59]. Since inflammasome formation and
activation may be crucial mechanisms mediating a renal
inflammatory response that may directly cause podocyte
dysfunction, it is plausible that NADPH oxidase activation
is an important early mechanism triggering or promoting
podocyte inflammatory injury, leading to glomerularsclero-
sis.

6. Therapeutic Interventions of
NADPH Oxidase

6.1. NADPH Oxidase Inhibitors. Pharmacological NADPH
oxidase inhibitors have been used for many years, such
as apocynin, diphenylene iodonium (DPI), and 4-(2-ami-
noethyl)-benzenesulfonylfluorid (AEBSF). NADPH oxidase
inhibition by Apocynin or DPI could attenuate podocyte
injury [18, 23, 59, 60]. However, these inhibitors are not
specific for NADPH oxidase. Triazolo pyrimidines, rep-
resented by the commercially available VAS2870 and its
derivative VAS3947, were the first reported selective NADPH
oxidase inhibitors [61]. Furthermore, several NADPH oxi-
dase subunit-specific inhibitors have been discovered [62,
63]. Vendrov et al. have shown that GKT136901, a specific
inhibitor of NOX1 and NOX4, attenuates ROS generation
and atherosclerosis in atherosclerotic lesions [64]. Recently,
NOX4 inhibitors with good oral bioavailability were explored
for the potential treatment of fibrotic diseases [65]. To date,
no evidence shows podocyte protect effects of NADPH
oxidase-specific inhibitors. It should be further investigated.

6.2. Statins. Statins, also known as 3-Hydroxy-3-methyl-
glutaryl (HMG)-coenzyme A (CoA) reductase inhibitors,
exert beneficial actions on oxidative stress independent
cholesterol-lowering effects. Statins have an indirect NOX
inhibitory action by preventing the isoprenylation of Rac1
[66]. In the Zucker obese rats, a homeostasis model includes
assessment-insulin resistance index, rosuvastatin treatment
improved albuminuria, podocyte foot process effacement,
and NADPH oxidase activity via superoxide dismutase

[67]. Moreover, rosuvastatin treatment normalized nephrin
expression in Ren2 rats, and attenuated ANG II-dependent
increases in NADPH oxidase activity and subunit expression
(NOX2, NOX4, Rac1, and p22phox) and ROS generation
in cultured podocytes [9]. Pretreatment with pitavastatin
showed similar podocyte protect effects in Dahl salt-sensitive
rats and cultured podocytes via restoring NADPH subunits
expression [68].

6.3. RAAS Inhibitors. Accumulating evidence reveals that
drugs inhibit the RAAS system, including rennin inhibitors,
ACE inhibitors (ACEI), AT1R blockers (ARB), aldosterone
receptor blocker, and MR antagonist, reduce kidney oxida-
tive stress by the inhibition of NADPH oxidase. Notably,
recent study showed that losartan metabolite EXP3179
blocked NADPH oxidase-mediated ROS production [69].
Themetabolite may confer to losartan the specific capacity of
reduce oxidative stress through NADPH oxidase regulation.

6.4. Traditional Chinese Medicine. Triptolide, a major active
component of TripterygiumwilfordiiHook F, has potent anti-
inflammatory [70] andpodocyte protect effects [71]. Recently,
Chen et al. have shown that triptolide treatment restored the
foot process effacement in PHN rats and inhibited ROS gen-
eration and p47phoxmigration to the podocyte cellular plasma
after C5b-9 treatment in vitro [18]. It implyies triptolide
interfere with NADPH oxidase activation or expression, thus
supports the pleiotropy of the Chinese medicinal herb.

7. Conclusions

In conclusion, NADPH oxidase appears to be one of the
most promising targets to attenuate podocyte injury. Oxida-
tive stress is a common mechanism of CKD [72]. Restore
podocyte injury in the early stage will be helpful to prevent
CKD patients progress to ESRD. DATA from experimen-
tal models showed that the activation of NADPH oxidase
in podocytes could be partly blocked by statins [9, 68],
ARB [69], and triptolide [18]. It implies that the protection
effects of such drugs in podocytes may include various
mechanisms. Furthermore, tissue specific, isoform-selective
NADPH oxidase inhibitors will be explored in elucidating
the full therapeutic potential of NADPH oxidase in the
progression of kidney diseases.
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[8] S. Greiber, T. Münzel, S. Kästner, B. Müller, P. Schollmeyer,
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In recent years, there has been a great deal of attention toward free radicals, reactive oxygen species (ROS) generated by exposure
of crop plant cells to physical radiations. Henceforth, the current study was planned to compare oxidative stress and mutagenic
potential of different irradiation doses of fast neutron (FN) and UV-B on meiotic-pollen mother cells (PMCs), pollen grains (PGs)
and seeds yielded from irradiated faba beans seedlings. On the cytogenetic level, each irradiation type had special interference
with DNA of PMC and exhibited wide range of mutagenic action on the frequency and type of chromosomal anomalies, fertility
of PGs and seed yield productivity based on the irradiation exposure dose and radiation sensitivity of faba bean plants compared
with un-irradiated ones. On the molecular level, SDS-PAGE and RPAD-PCR analyses of seeds yielded from irradiated seedlings
exhibited distinctive polymorphisms based on size, intensity, appearance, and disappearance of polypeptides bands compared with
un-irradiated ones.The total values of protein andDNApolymorphisms reached 88% and 90.80% respectively.The neutron fluency
(2.3× 106 n/cm2) and UV-B dose for 1 hr were recorded as bio-positive effects. The present study proved that genetic variations
revealed by cytogenetic test could be supported by gene expression (alterations in RAPD and protein profiles).

1. Introduction
It has been known for many years that exposure of crop plant
cells under natural conditions of growth and development to
physical radiations such as ionizing FN and nonionizing UV-
B resulted in excessive production of free radicals ROS [1, 2],
respectively. These radiolytic ROS include a wide range of
oxygen-radicals, such as superoxide anion (O

2

∙−

), hydroxyl
radical ( ∙OH), perhydroxyl radical (HO

2

∙

), and hydrogen
peroxide (H

2

O
2

) [3]. They are highly reactive due to the
presence of unpaired valence shell electrons [4] and can result
in noncontrolled oxidation in cells, cellular macromolecules
compartments including DNA, proteins, lipids, and enzymes
[5]. On the other hand, ROS-induced genotoxic damage can
induce structural changes in DNA, such as chromosomal

rearrangement, strand breaks, base deletions, pryrimidine
dimers, cross-links and base modifications, mutations, and
other genotoxic effects [5, 6].

Despite the ROS destructive activity, their production
in plant tissues is controlled by the very efficient enzymatic
and nonenzymatic antioxidant defense systems which serve
to keep down the levels of free radicals, permitting them
to perform useful biological functions without too much
damage and act as a cooperative network employing a series
of redox reactions [5, 7]. From these plants, leguminous
especially faba bean plant which proved that it has high
antioxidant activity due to that they contained phenolic
and flavonoid compounds [8–10]. On the other hand, it
has a diploid (2𝑛 = 12) and relatively large chromosomes.
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Therefore, it is important model system among the plant
bioassays for monitoring or testing environmental pollutants
as reviewed by the US Environmental Protection Agency
(EPA) Gene Tox program [11] and can detect a wide range
of genetic damage, including gene mutations, chromosome
aberrations, and DNA strand breaks [12].

Biologically, FN differs from UV-B radiation in the way
in which energy is distributed in irradiated tissues and their
biological effects in the living cell [1]. Each type of these
radiations can induce ROS in cell by special interference with
cellular macromolecules (DNA and protein). The effects of
these radiations vary depending on the applied dose and
sensitivity of living plant cell to the action of radiation type
[13].The biological irradiation by FNbased on the interaction
with atoms or molecules in living cell, particularly water,
to produce free radicals, which induce DNA deletions in
nucleus and chromosome that range in size from a few
base pairs to several megabases [14]. It is a potent DNA-
damaging agent and more efficient in inducing biochemical
modification of bases and double strand breaks in DNA by
directly ionizing DNA itself or by indirect processes in which
DNA reacts with numerous radiolytic reactive products that
are generated in aqueous fluid surrounding DNA causing
DNA base oxidation and DNA breaks formation (i.e., single-
strand breaks, SSBs and double-strand breaks, DSBs) [13, 14].
All these modifications lead to protein denaturation which
causes a conformational change in the structure and render
them inactive [1]. On the other hand, the strong absorption of
the UV-B at (280–320 nm) by DNA and protein in plant cells
[15] based on photons which have enough energy to destroy
chemical bonds between these macromolecules, causing a
photochemical reaction which lead to generation of highly
toxic reactive oxygen species (ROS) in cells [2]. Radiolytic
ROS induce oxidativeDNAdamage by oxidative cross linking
between adjacent pyrimidine bases forming cyclobutane-
pyrimidine dimers (CPDs), 6-4 photoproducts (6-4PPs)
and their Dewar valence isomers, that ultimately block the
movement of DNA polymerases on DNA template [16–18]
and also induce oxidative protein cross-links by alteration of
the expression of several genes through nonspecific signaling
pathways leading to protein destruction which often causes
heritable mutations affecting various physiological processes
[5].

It is important for detection of oxidative stress and muta-
genic potential of various types of radiations on crop plants,
to understand their biological consequences and their molec-
ular action on chromosome, protein, and DNA of plant cell
by introducing cytogenetic andmolecular assays. Cytogenetic
tests are considered to be indicator of cytotoxicity, geno-
toxicity, genetic variability, and estimation of the mutagen
potency in meiotic PMCs and PGs [12, 19]. On the other
hand, proteins being primary gene products of plant’s DNA
hence, any observed variation in protein systems induced by
oxidative stresses or any mutagen is considered as a mirror
for genetic variations [20].Determination of proteinMWsvia
polyacrylamide gel electrophoresis in the presence of sodium
dodecyl sulfate (SDS-PAGE) is a universally used method
in biomedical research [21]. Some studies used SDS-PAGE
for detection of alterations in protein profiles occurring

during irradiation by UV-B [15, 22]. Furthermore, DNA
alterations based on random amplification of polymorphic
DNA (RAPD) profiles are a useful biomarker assay for the
evaluation of genotoxic andmutagenic effects of radiations on
plants especially when the nucleotide sequence is not known
[23]. The advantage of RAPD relies on its simplicity, rapidity,
a small quantity of DNA, and its ability to generate more
number of polymorphic bands, numerous polymorphisms
[24], and the observation of the specific band pattern from
each primer [25]. Some previous studies used RAPDmarkers
for detection of high levels of genetic polymorphisms by the
used radiations [23, 26, 27]. In relation to fast neutron, there
are no previous studies that dealt SDS-PAGE andRAPD-PCR
for detection of its mutagenic effects and oxidative potential
in crop plants.

In light of the previously mentioned, the main goal of
this study is to evaluate and compare the effects of various
levels of ROS generated by different irradiation doses of FN
and UV-B on PMCs, PGs, and seeds yield of irradiated Vicia
faba seedling on the cytogenetic and molecular levels for a
better understanding of their oxidative stress and mutagenic
potential in case of accidental or occupational exposure.

2. Materials and Methods

2.1. Plant Material and Germination. Faba bean seeds (Vicia
faba L. variety Giza 2) were obtained from the Agriculture
Research Center in Cairo, Egypt. Seeds were screened for
viability anduniformity size anddivided into three groups (A,
B, and C). Seeds of all groups were sterilized and germinated
until seven-day-old seedlings. Seedling of groups (A and B)
is irradiated with FN and UV-B (280–320 nm) radiations,
respectively, while seedling of group (C) was maintained
without irradiation (un-irradiated samples).

2.2. Irradiation Processes. Theseedling of group (A) is packed
regularly in polyethylene high-density bags and irradiated by
fission neutrons from Cf252 point source using four fluencies
(2.5 × 105, 2.3 × 106, 3 × 107, and 1.5 × 108 n/cm2). The
source was manufactured by Radiochemical Center Amer-
sham, England, and presented at Biophysics Department,
Faculty of science, Zagazig University, Egypt. On the other
hand, the seedling of group (B) was exposed to a standard
laboratory UV-B (280–320 nm) sterile fluorescent lamp of
500/630 𝜇W/cm2 for different time periods (1/2, 1, 2, 3 hours)
at a distance of 30 cm from the irradiated seedling. After
irradiation processes, groups (A, B, and C) were subdivided
and prepared for cytogenetic and molecular analyses.

2.3. Cytogenetic Analysis ofMeiotic PMCs andPGs. Irradiated
and un-irradiated seedlings were transferred immediately to
soil and sown in rows under field conditions. A spacing of
30 cm row to row and 15 cm plant to plant were maintained.
At maturity, ten flower buds from ten plants for each irradi-
ation dose in addition to un-irradiated ones were collected,
fixed immediately in Carnoy’s fixative (3 : 1) absolute ethyl
alcohol : glacial acetic acid for 24 hours and then stored in
refrigerator in 70% ethyl alcohol and finally stained using
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acido-carmin smear method [28]. Cytogenetic analyses of
PMCs selected from six randomly flower buds were scored
for 1st and 2nd meiotic anomalies. On the other hand, the
pollen fertility test was carried out using the same acido-
carmin stain of matured anthers. Pollen grains, which took
stain and had a regular outline, were considered as fertile,
while empty and unstained ones as sterile [29].

2.4. Seed Yield Measurements. Quantitative parameters of
six plants irradiated by the various irradiation doses of FN
and UV-B radiation mentioned previously were measured as
mean number of pods/plant, mean number of seeds/plant,
and mean dry weight of 100 seeds compared with those of
un-irradiated one. Seeds yielded from irradiated and un-
irradiated plants were harvested and analyzed on molecular
level using SDS-PAGE analysis of seed storage proteins
and RAPD analysis of seed DNA via the polymerase chain
reaction (PCR).

2.5. SDS-PAGE Analysis of Seed Storage Proteins of 𝑀
1

Progeny. Seeds yielded from all irradiated faba beans seed-
lings by FN and UV-B were used for SDS-PAGE analysis.

2.5.1. Seed Cake and Defatted Meal Preparation. Sterilized
seeds were milled and defatted according to [30].

2.5.2. Extraction of Seed Storage Proteins and SDS-PAGE
Analysis. The protein extraction technique was employed
according to [31]. Sample buffer was added to 0.2 g of seed
flour as extraction liquid and mixed thoroughly in an
Eppendorf tube by vortex. The extraction buffer contained
the following final concentration: 0.5M Tris-HCl, PH 6.8,
2.5% SDS, 5% urea, and 5% 2-mercaptoethanol. Before
centrifugation at 10,000 g for 5min at 4∘C, the sample buffer
was boiled for 5min. SDS-PAGEwas performedby a standard
method on a vertical slab gel. Bromophenol blue was added
to the supernatant as tracking dye to watch the movement
of protein in the gel. Proteins profiling of samples was
performed using SDS-polyacrylamide gels as described by
[32]. Seed proteins were analyzed by SDS-PAGE using 10%
polyacrylamide gel. After electrophoresis, the protein bands
were visualized by staining with Coomassie brilliant blue
G-250. Marker proteins (Fermentas) were used as references.
The bands produced in the electropherogram were scored,
and their molecular weights were compared to the standard
Pharmacia protein marker.

2.5.3. Protein Imaging and Data Analysis. Gel photographing
and documentation were carried out using Bio-Rad gel docu-
mentation system. The number of bands revealed in each gel
lane were counted and compared with each other’s using Gel
Pro-Analyzer. Quantitative variations in band number as well
as band concentration were estimated using BIO-RADVideo
densitometer, Model Gel Doc 2000.

2.6. RAPD Analysis of Seeds Yield of Irradiated Vicia faba.
Seeds yielded from irradiated faba beans seedlings by stim-
ulatory FN fluency 2.3 × 106 and UV-B doses for 1 h and

inhibitory FN fluency 1.5 × 108 and UV-B doses for 3 h were
used for RAPD analysis.

2.6.1. Isolation of Genomic DNA. Fifty grams of dried seeds
of both two doses of FN and UV-B was crushed in a mill
and powdered by using a domestic grinder. The powder
was sieved using thin mesh and only finely ground powder
was kept in refrigerator until DNA extraction. One gram
of finely sieved seed powder was taken, and genomic DNA
was isolated using Hexadecyl trimethyl ammonium bromide
(CTAB) as described by [33].

2.6.2. Quantity and Quality of Isolated DNA. The yield of
DNA per gram of seed material extracted was measured by
using UV spectrophotometer (Perkin Elmer) at 260 nm and
A280 nm. Thepurity of DNA was determined by calculating
the ratio of absorbanceat 260/280 nm. For quality and yield
assessments, electrophoresis was done of all DNA samples
on 0.8% agarose gel, stained with ethidium bromide, and
bands were observed in gel documentation system (Alpha
Innotech) and compared with the known standard Lambda
DNA marker. The gels were visualized and photographed
under UV light (Gel documentation system, Bio-Rad).

2.6.3. PCR Amplification Using Random Primers (RAPD).
Briefly, the PCR reaction mixture contains 2.5 𝜇L 10x buffer
with 15mM MgCl

2

(Fermentas), with 0.25mM each of
dNTP (Sigma), 0.3 𝜇M of the primer, 0.5 unit of Taq DNA
polymerase (Sigma), and 50 ng of template DNA. PCR
reaction was performed in Palm Cycler (Corbett Research)
using the following profile with initial denaturation of 4min
at 95∘C followed by 40 cycles of 1min at 95∘C, 1min at
38∘C, and 2min at 72∘C with final extension at 72∘C for
10min and a hold temperature of 4∘C at the end. A total of
twenty random DNA oligonucleotide primers (10mer) were
independently used in the PCR reactions (UBC, University
of British Columbia, Canada) according to [34] with some
modifications. Only six primers (A-02, 03, 10, 12, 15, and 17)
succeeded to generate reproducible amplified DNA products.
The code and sequences of these primers were listed in
(Table 4). The amplification products were electrophoresed
on 1.5% Agarose gel (Sigma) in TAE buffer (0.04M Tris-
acetate, 1Mm EDTA, pH 8). The run was performed at
100V constant voltagesfor one hour. Gels were stained with
0.2 𝜇g/mL ethidium bromide. Bands were detected on UV-
transilluminator and photographed by a Polaroid camera.

2.6.4. Data Analysis. Gels were visualized with Photo Print
(Vilber Lourmat, France) imaging system, and analysis of
RAPDbandswas performed byBioOneD++ software (Vilber
Lourmat, France).TheRAPDbands (markers) were scored as
1 if present and 0 if absent.

3. Results

3.1. Cytogenetic Analysis ofMeiotic PMCs andPGs. Theability
of fast neutron and UV-B radiation to exert genotoxic action
on PMCs DNA in 1st and 2ndmeiotic divisions was observed
in spite of long period of recovery (Table 1) and (Figure 1,
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Pollen grains (PGs)Meiotic pollen mother cells (PMCs)

Figure 1:Themost commonmeiotic chromosomal aberrations induced by fast neutron ((1)–(4)) and UV-B radiation ((5)–(8)). (1) Telophase
I with micronucleus, (2) disturbed anaphase, (3) sticky metaphase I, (4) sticky anaphase II with two lagging chromosomes, (5) metaphase I
with two unoriented chromosomes, (6) sticky anaphase I with bridges, (7) metaphase II with sticky fragment, (8) four micronuclei with sticky
telophase II, (9) (a) sterile Pollen grains (colorless), and (b) fertile one (color).

(1)–(8)). Both radiations induced a wide range of meiotic
abnormalities extended in 1st and 2nd meiotic divisions
after all irradiation doses are compared to un-irradiated
samples. Moreover, the types and frequencies of anomalies in
meiotic PMCswere linearly linked to the irradiation exposure
doses. The maximum values of meiotic-PMCs abnormalities
were 65.91 ± 1.00% at FN fluency (1.5 × 108 n/cm2) and
55.13 ± 0.18% at UV-B dose after 3 hours. The most frequent
types of PMCs abnormalities induced by various fluencies of
FN were stickiness, chromosomal disturbances, unoriented
chromosomes, and chromosomal fragmentation, whereas the
anomalies induced by irradiation doses of UV-Bweremeiotic
micronuclei, chromosomal fragmentation, stickiness, and
bridges (Figure 1). On the other hands, the pollen grains
fertility was dose dependent as evident from its reduction by
all irradiation doses of FN andUV-B expect FN fluency (2.3×
10
6) and UV-B dose for 1 h compared to un-irradiated one

(Table 1) and (Figure 1 (a) and (b)). The maximum reduction
of PGs fertility was observed at FNfluency (2.3×108) andUV-
B dose for 3 h which reached the values of (35.88±0.12% and
25.54±0.26%), respectively; this indicated that the irradiation
exposure doses of UV-B weremore effectiveness in reduction
of PGs fertility than irradiation fluencies of FN. On the other
hand, FN fluency (2.3 × 106) and UV-B dose for 1 h showed
improvement in the values of PGs fertility reaching (96.95 ±
0.12% and 93.72 ± 0.25%), respectively, nearly similar to the
value of un-irradiated sample which reached (99.98±0.12%).

3.2. Parameters of Seed Yield Productivity. The different para-
meters of seeds yield productivity of irradiated faba beans
seedlings that were represented in the mean number of
pods/plant, number of seeds/pod, and average weight of
100 seeds/gm were dose-dependent as evident from their
reduction by most irradiation doses of FN and UV-B radi-
ations expect FN fluency (2.3 × 106) and UV-B dose after
1 h that showed improvement in parameters of seeds yield
productivity (Table 2).This indicated that these doses may be
having bio-positive or stimulation effects that can be useful
in induction of mutations in faba beans plants.

1 2 3 4 5 6 7 8 9

12

18

25

38

54
66

97
116

315

(K
D

a)

M

Figure 2: SDS-PAGE banding patterns of storage protein in seeds
yielded from irradiated Vicia faba seedlings by various doses of fast
neutron and UV-B. M: Protein marker, (1) (2.5 × 105 n/cm2), (2)
(2.3 × 106 n/cm2), (3) (3 × 107 n/cm2), (4) (1.5 × 108 n/cm2), (5) un-
irradiated seeds, (6) UV-B dose for 1/2 hour, (7) UV-B dose for 1
hour, (8) UV-B dose for 2 hours, and (9) UV-B dose for 3 hours.

3.3. SDS-PAGE Analysis. Each irradiation dose of FN and
UV-B used in the current study exhibited distinctive quan-
titative and qualitative alterations in electrophoretic banding
pattern of total seed proteins yielded from irradiated faba
bean seedlings compared to un-irradiated ones.These protein
alterations are based on changes in bands molecular weights
(MWs), bands intensities, fractionation of some bands,
appearance of new bands (unique bands), and disappearance
of some bands (polymorphic bands) as shown in (Table 3)
and (Figure 2). SDS-PAGE analysis revealed total of (111)
polypeptides bands with different MWs that ranged from 315
to 12 KDa.Out ofwhich, 22, 3, and 3 bandswere polymorphic,
unique, and monomorphic bands, respectively. Two unique
bands with MWs (175 and 29KDa) were recorded at FN
fluency (2.3 × 106), while one unique band with MW
(120KDa) was observed only at UV-B dose for 1 h. These
unique bands can be used as markers for these irradiation
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Table 2: The productivity parameters of seeds yielded from irradiated Vicia faba seedlings by various irradiation doses of FN and UV-B.

Irradiation types Doses Seed yield parameters
No. of pods/plant No. of seeds/plant Average wt. of 100 seeds/gm

FN fluencies (Φ) n/cm2

0.00 21 ± 1.90 62 ± 2.23 72.80 ± 1.30

2.5 × 105 14 ± 2.10 53 ± 1.20 65.60 ± 1.17

2.3 × 106 28 ± 1.2 70 ± 2.00 80.60 ± 2.30

3.0 × 107 12 ± 3.10 33 ± 3.21 56.20 ± 3.00

1.5 × 108 10 ± 1.50 19 ± 1.60 40.20 ± 1.72

UV-B doses 𝜇w/cm2

0.00 21 ± 1.00 62 ± 2.23 72.80 ± 1.30

1/2 h 15 ± 1.7 45 ± 1.2 56.00 ± 2.33

1 h 23 ± 2.50 68 ± 2.30 75.43 ± 1.76

2 h 12 ± 1.5 27 ± 1.50 44.12 ± 2.00

3 h 8 ± 1.10 11 ± 1.76 28.45 ± 1.66

1 2 3 4 5 1 2 3 4 5M

50
150

300

600
800

1000
1300
1500

(a)

12345 12345 12345 1 M2345

50
100
200
400
600
800
900
1000
1200
1500
2000

(b)
Figure 3: (a) and (b) DNA banding pattern of RAPD analysis of seeds yielded from irradiated Vicia faba seedlings generated by the six
primers; (1) (1.5 × 108 n/cm2), (5) UV-B dose for 3 h as bio-negative irradiation doses, (2) (2.5 × 106 n/cm2), (4) UV-B dose for 1 h as bio-
positive irradiation doses of each FN and UV-B, respectively, and (3) un-irradiated sample. M: Lambda DNA marker.

doses. The total value of polymorphism revealed by SDS-
PAGEwas (88%). On the other hands, themaximumnumber
of polypeptide bands was (18 bands) with value (16.22%)
observed at FN fluency (2.3 × 106), whereas the minimum
number of bands was (7 bands) with value (6.31%) observed
at UV-B dose for 3 h compared with number of polypeptides
bands in un-irradiated sample which reached (14 bands) with
value (12.61%).

3.4. RAPD-PCR Analysis. RAPD analysis was employed in
the present study to evaluate the extent of theDNAalterations
in seeds yielded from irradiated faba beans seedlings by the
two bio-positive doses (FN fluency (2.3 × 106) and UV-B
dose for 1 h) and the two negative doses (FN fluency (2.3 ×
10
8) and UV-B dose for 3 h). Twenty random primers were

used for the RAPD analysis, in which only six primers of
them (A-02, 03, 10, 12, 15, and 17) succeeded to produce
clear reproducible DNA bands and gave satisfactory results
with many alterations in the RAPD profiles as shown in
(Table 4) and (Figure 3). In total, two hundred forty-eight
(248) reproducible DNA bands were scored after using the
six primers (with an average of 41 bands/primer). Out of

which 76 bands were polymorphic with value (30.65%), 27
bands were unique with value (10.89%), and 8 bands were
monomorphic with value (3.23%). Moreover, the total value
of polymorphism generated by six primers reached the value
of (90.80%). The maximum number of gene products (60
bands) with value (24.19%) was observed at FN fluency (2.3×
10
6), whereas the minimum number of bands (45) with value

(18.15%) was at UV-B dose for 3 h. On the other hand, the
highest number of gene products (60 bands) was generated
by primer A-03, whereas the lowest number (31 bands) was
generated by the primer A-17. Furthermore, the highest value
of polymorphism (100%) was revealed by the primer A-03,
whereas the lowest one (58.82%) is revealed by the primer A-
02.

4. Discussion

4.1. Cytogenetic Analysis of Meiotic PMCs, PGs, and Seed Yield
Productivity. Cytogenetic test is considered to be indicator
of oxidative potential, genotoxicity, and estimation of the
mutagen potency in meiotic PMCs and PGs [12, 19]. The
present investigation observed that all irradiation exposure
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doses of FN and UV-B exhibited special interference with
meiotic PMC and PGs leading to genotoxic effects except
two doses (FN fluency (2.3 × 106) and UV-B dose for 1 h)
that showed improvement in meiotic PMC, pollen fertility,
and consequently, parameters of seed yield productivity.This
improvement may be due to the antioxidant defense system
of Vicia faba plant which allows the toxic-free radical oxygen
intermediates to perform useful biological functions without
too much damage [5, 7]. Therefore, these irradiation doses
may be having bio-positive or stimulation effects that may
lead to inducing useful mutations as a new source of altered
Vicia faba germplasm. In this respect, some previous studies
indicated that the FN and UV-B irradiations had bio-positive
effects at specific dose [35, 36], respectively. On the contrary,
the remained irradiation doses of FN and UV-B induced
genotoxic and oxidative action in meiotic-PMC and PGs of
faba beans. These actions may be due to the induction of
oxidative damage in these cells by production of the free
radical oxygen that lead to higher frequency of chromosomal
aberrations and DNA damage which in turn can affect the
vigor, pollen grains fertility and likely to persist in seeds
yield or even longer due to the accumulative genotoxicity
and chromosomal aberrations [37]. Moreover, pollen grains
which have no cytoplasm content and fail to pick up the
acido-carmin stain were sterile [29]. Each of FN and UV-B
radiations can induce ROS in PMCs by special interference
with DNA leading to induction of structural changes in
DNA, such as chromosomal rearrangement, strand breaks,
base deletions, pryrimidine dimers, cross-links and base
modifications, mutations, and other genotoxic effects [5, 6].
These DNA damages may influence the expression of a
number of genes leading to alteration in proteins that control
many metabolic processes like plant development, cell cycle,
fertilization, and seed formation [2].

4.2. SDS-PAGE Analysis of Seed Storage Proteins of 𝑀
1

Progeny. The present study observed that SDS-PAGE anal-
ysis exhibited distinctive qualitative and quantitative alter-
ations in electrophoretic SDS-proteins stored in seeds yielded
from irradiated faba beans seedlings. These alterations are
based on variations in molecular weights and intensities of
polypeptides bands aswell as gain or loss of protein bands that
led to highly levels of protein polymorphism. Electrophoretic
analysis of protein provides information concerning the
structural genes and their regulatory systems that control
the biosynthetic pathways of that protein. Each polypeptide
band represents the final products of a transcriptional and
translational events occurring due to active structural genes
[38]. The changed protein products caused by dependent-
irradiation exposure doses may result from base changes
in DNA or altering protein sites or changes in amino acid
sequences or frame shift mutations. Additionally, they may
serve as genetic markers because they can be quite polymor-
phic and their variability is generally highly heritable [39].

The appearance of new bands (unique bands) may be
explained on the basis of mutational events at the regulatory
system of unexpected gene(s) or on the basis of band subfrac-
tionationwhich could be attributed to the cytological anoma-
lies in PMCs leading to gene duplication followed by the

occurrence of point mutation that encoded the fractionated
band [40] or result from different DNA structural changes
(breaks, transpositions, deletion, etc.) which led to change in
amino acids and consequently protein formed [39]. On the
other hand, the disappearance of some protein bands which
led to formation of polymorphic bands could be attributed
to the loss of genetic material which may be due to the cyto-
genetic anomalies in PMCs such as chromosomal laggards,
free, fragmentations, bridges, micro- and multinucleate, or
the breaking of a small number of peptide bonds to form
polypeptides of shorter length than the original protein [38].
Furthermore, the changes in band intensity could be inter-
preted on the basis of gene duplication or point mutation that
leads to production of shorter and longer polypeptide chains
and alteration in the structural genes whichmay be due to the
changes in regulator gene(s) expression [41]. The distinction
protein polymorphisms shown between irradiated samples
in the present study may be resulted from insertions or
deletions between mutated sites of protein bands and could
be used as biomarkers for identification of irradiated plants
[39]. Additionally, high radionuclide content of plants causes
alterations in the relative mobility of bands, intensities,
expression of newproteins, and suppression of some proteins.

The result obtained in this study indicated that the UV-
B doses for (2 and 3 h) may cause highly oxidative protein
cross-links due to alteration of the expression of several genes
that leading to proteins denaturation and disappearance
of numerous bands due to aggregation or cross linking
of individual polypeptide chains [42] or alteration of the
expression of several genes through nonspecific signaling
pathways [5]. On the other hand, the neutron fluency (2.3 ×
10
6 n/cm2) could show bio-positive (stimulation) effects by

appearance of numerous new bands which can be valuable in
the fields of genetic as mutant lines.

4.3. RAPD-PCR Analysis of DNA of Seed Yield of𝑀
1

Progeny.
RAPD assay used in the current study showed that various
irradiation doses of the FN and UV-B exhibited distinctive
qualitative and quantitative alterations in the RAPD profiles
based on gene products, the amplified DNA sizes, their
intensities, and appearance or disappearance of DNA bands
that led to generation highly levels of DNA polymorphism.
Variations in the characteristic DNA banding pattern gener-
ated by RAPD analysis may be caused by rearrangements of
the genomic DNA, base pair deletions, mutations, inversions,
translocations, and transpositions within base pair sequences
of DNA which result in the loss or gain of DNA bands
resulting in different DNA lengths and consequently highly
level polymorphisms [43]. In this regard, [44] revealed that
highly level of DNA polymorphisms generated by RAPD are
the reflection of structural changes in the genomic DNA that
alter the distance between two annealing sites and delete an
existing site of new one or reflection of variation in gene
expression which would be a better parameter to measure
the pattern of genetic variations. They also concluded that
deletion or insertion of the amplified regions or changes
of nitrogenous base that alter primer binding sites will
result polymorphisms in RAPD profile. On the other hand,
appearance of new DNA bands is usually resulting from
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different DNA structural changes (breaks, transpositions,
deletion, etc.), while disappearance of some bands and band
intensity may correlate with the level of photoproducts in
DNA template after irradiation which can reduce the number
of binding sites for Taq polymerase and the starting copy
number of a particular DNA sequence within genome [26].
Furthermore, the disappeared DNA bands in some irradiated
samples may be due to deletion of DNA segments that is the
predominant radiation-oxidative damage in irradiated plant
cells. This DNA deletion may be caused by (1) misrepair of
two separate double-strand breaks in a DNA molecule with
joining of the twoouter ends and loss of the fragment between
the breaks or (2) the process of cleaning (enzyme digestion of
nucleotides, the component molecules of DNA) the broken
ends before rejoining to repair one double-strand break [44].

The current study investigated that DNA alterations in
RAPDprofile could be explained on the basis of the biological
way by which the radiation type interacts with DNA, by
producing their own ROS through the direct and/or indirect
effect in the irradiated cells. In relation to ROS generated
in faba bean seedlings by bio-negative fluencies of FN can
induceDNAdeletions in nucleus and chromosome that range
in size from a few base pairs to several megabases [14].
These DNA deletions can lead to increasing of the level
of DNA break formation by producing different intragenic
mutations with respect to the size of deletions that reflect
differences in the nature of the DNA damage by generating
oxygen species such as hydroxyl (OH) in aqueous media
[14, 26]. Whereas ROS generated by bio-negative doses of
UV-B radiation is capable of inducing several major types
of DNA lesions such as DNA strand breaks, deletion or
insertion of base pairs, pyrimidine dimers, cross-links, and
base modification, such as alkylation and oxidation. Addi-
tionally, these DNA breaks can result from DNA damage by
free radicals or from DNA replication, repair, transcription
processes, and chromatin condensation and decondensation
[2]. The breaks and perturbation of the molecular structures
of deoxyribonucleic acids are manifested as chromosomal
aberrations in meiotic-PMCs. UV-B can influence metabolic
processes of plants either through direct damage including
DNA damage and protein denaturation, which often cause
heritable mutations affecting various metabolic processes or
via various regulatory effects. These effects could adversely
affect plant growth, development, andmorphology, especially
the productivity of sensitive crop species [45].

5. Conclusions

The present study observed that the cytogenetic analysis of
meiotic PMCs and PGs in addition to SDS-PAGE and RAPD
analyses of proteins andDNAof seeds yielded from irradiated
faba beans seedlings by neutron fluency (2.3×106) and UV-B
dose for 1 hwas recorded as stimulatory effects for PMCs, PGs
viability and parameters of seed productivity. These data are
supported and confirmed by generation of numerous protein
bands and high number of gene products generated from
appearance of new protein and DNA bands, respectively,
at these doses. Moreover, neutron fluency (2.3 × 106) was
more stimulatory and effective as compared with UV-B

dose for 1 h which in turn was higher than un-irradiated
ones. In view of this, the current study proved that cytoge-
netic analysis alone cannot reveal alterations at the genome
level; therefore it must be augmented with gene expression
analyses represented in alteration in electrophoretic SDS-
protein profiles using SDS-PAGE and DNA levels, changes
in RAPD profiles using RAPD-PCR techniques that offered
a useful molecular marker for evaluation of oxidative stress
and mutagenic effects of various levels of ROS induced by
irradiation exposure doses of FN and UV-B in faba beans
cells. Finally, the current study proved that neutron fluency
(2.3×106) andUV-Bdose for 1 hwere recorded as bio-positive
or stimulation effects. Therefore, they may lead to induction
of useful mutation in crop plants and can be useful as a new
source of altered germplasm which may be valuable in the
field of genetic and crop improvements.
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The rapidly emerging field of nanotechnology has offered innovative discoveries in the medical, industrial, and consumer sectors.
The unique physicochemical and electrical properties of engineered nanoparticles (NP) make them highly desirable in a variety
of applications. However, these novel properties of NP are fraught with concerns for environmental and occupational exposure.
Changes in structural and physicochemical properties of NP can lead to changes in biological activities including ROS generation,
one of the most frequently reported NP-associated toxicities. Oxidative stress induced by engineered NP is due to acellular factors
such as particle surface, size, composition, and presence of metals, while cellular responses such as mitochondrial respiration, NP-
cell interaction, and immune cell activation are responsible for ROS-mediated damage. NP-induced oxidative stress responses
are torch bearers for further pathophysiological effects including genotoxicity, inflammation, and fibrosis as demonstrated by
activation of associated cell signaling pathways. Since oxidative stress is a key determinant of NP-induced injury, it is necessary
to characterize the ROS response resulting from NP.Through physicochemical characterization and understanding of the multiple
signaling cascades activated by NP-induced ROS, a systemic toxicity screen with oxidative stress as a predictive model for NP-
induced injury can be developed.

1. Introduction

The growing field of nanotechnology has transformed many
sectors of the industrial field with their breakthrough appli-
cations in the areas of biotechnology, electronics, medic-
inal drug delivery, cosmetics, material science, aerospace
engineering, and biosensors. Manufactured nanomaterials
(NM) have gained commercial interest in a variety of con-
sumer products. Their novel physicochemical, thermal, and
electrical properties facilitate their application in clothing,
medicine, and cosmetics thereby increasing the probability
for human and environmental contact with these NM [1–3].
Of all the NM, carbon nanotubes (CNT) and metal-based
nanoparticles (NP) have generated considerable commercial
interest owing to their remarkable intrinsic properties such
as high tensile strength and conductivity, which in turn meet
the needs of the specific application for which these NP
are designed [4, 5]. Their widespread use raises concerns of

their inadvertent exposure in humans and the consequent
deleterious health effects [6]. As compared to the growing
commercial interest of NM, modest research effort has been
invested in evaluating the potential adverse effects of these
engineered NM. The sheer multiplicity of the physicochem-
ical parameters of NM such as size, shape, structure, and
elemental constituents makes the investigation of their toxic
effects complex and challenging [7]. Some of the paradigms
for NP-mediated toxicity include oxidative stress, inflam-
mation, genetic damage, and the inhibition of cell division
and cell death [8–11]. Most work to date has suggested that
ROS generation (which can be either protective or harmful
during biological interactions) and consequent oxidative
stress are frequently observed with NP toxicity [3, 9]. The
physicochemical characterization of NP including particle
size, surface charge, and chemical composition is a key indi-
cator for the resulting ROS response and NP-induced injury
since many of these NP intrinsic properties can catalyze the
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ROS production [6]. NP-mediated ROS responses have been
reported to orchestrate a series of pathological events such as
genotoxicity, inflammation, fibrosis, and carcinogenesis. For
instance, CNT-induced oxidative stress triggers cell signaling
pathways resulting in increased expression of proinflamma-
tory and fibrotic cytokines [12]. Some NP have been shown
to activate inflammatory cells such as macrophages and
neutrophils which can result in the increased production
of ROS [13–15]. Other NP such as titanium dioxide (TiO

2

),
zinc oxide (ZnO), cerium oxide (CeO

2

), and silver NP have
been shown to deposit on the cellular surface or inside the
subcellular organelles and induce oxidative stress signaling
cascades that eventually result in oxidative stress to the cell
[16]. The mechanism for ROS generation is different for each
NP and to date the exact underlying cellular mechanism for
ROS generation is incompletely understood and remains to
be elucidated. Most of the metal-based NP elicit free radical-
mediated toxicity via Fenton-type reactions [4, 17], whereas
mitochondrial damage plays a major role in CNT-mediated
ROS generation [18]. However, it is inaccurate to assume that
ROS generation is a prerequisite to NP-induced toxicity since
a few studies have reported the direct toxicity of NP without
causing ROS [19]. Nevertheless, ROS generation is a major
event during NP-induced injury that needs to be thoroughly
characterized in order to predict NP-induced toxicity. This
review will focus on oxidative stress as a mechanism for
understanding NP-induced toxicity. For this paper, we have
consideredmetal-based NP and CNT in the light of oxidative
stress. The relationship between different NP characteristics
and resulting oxidative stress is discussed.

1.1. Generation of ROS. ROS, key signaling molecules dur-
ing cell signaling and homeostasis, are reactive species
of molecular oxygen. ROS constitute a pool of oxidative
species including superoxide anion (O

2

∙−), hydroxyl radical
(OH∙), hydrogen peroxide (H

2

O
2

), singlet oxygen (1O
2

), and
hypochlorous acid (HOCl). ROS are generated intrinsically
or extrinsically within the cell. Molecular oxygen generates
O
2

∙−, the primary ROS via one-electron reduction catalyzed
by nicotinamide adenine dinucleotide phosphate (NADPH)
oxidase. Further reduction of oxygenmay either lead toH

2

O
2

or OH∙ via dismutation andmetal-catalyzed Fenton reaction,
respectively [20, 21]. Some of the endogenous sources of ROS
include mitochondrial respiration, inflammatory response,
microsomes, and peroxisomes, while engineered NM, envi-
ronmental pollutants act as exogenous ROS inducers. Physi-
ologically, ROS are produced in trace amounts in response to
various stimuli. Free radicals occur as essential byproducts of
mitochondrial respiration and transition metal ion-catalyzed
Fenton-type reactions [20]. Inflammatory phagocytes such
as neutrophils and macrophages induce oxidative outburst
as a defense mechanism towards environmental pollutants,
tumor cells, and microbes. A variety of NP including metal
oxide particles induce ROS as one of the principal mecha-
nisms of cytotoxicity [22].NPhave been reported to influence
intracellular calcium concentrations, activate transcription
factors, and modulate cytokine production via generation of
free radicals [12, 23].

1.2. Oxidative Stress. Abundance of ROS can have potentially
damaging biological responses resulting in oxidative stress
phenomenon. It results from an imbalance between the
production of ROS and a biological system’s ability to readily
detoxify the reactive intermediates or repair the resulting
damage. To overcome the excess ROS response, cells can
activate enzymatic and nonenzymatic antioxidant systems
[24]. The hierarchical model of oxidative stress was pro-
posed to illustrate a mechanism for NP-mediated oxidative
stress [4, 9]. According to this model, cells and tissues
respond to increasing levels of oxidative stress via antioxidant
enzyme systems upon NP exposure. During conditions of
mild oxidative stress, transcriptional activation of phase II
antioxidant enzymes occurs via nuclear factor (erythroid-
derived 2)-like 2 (Nrf2) induction. At an intermediate level,
redox-sensitive mitogen-activated protein kinase (MAPK)
and nuclear factor kappa-light-chain enhancer of activated
Bcells (NF-𝜅B) cascades mount a proinflammatory response.
However, extremely toxic levels of oxidative stress result
in mitochondrial membrane damage and electron chain
dysfunction leading to cell death. Some of the key factors
favoring the prooxidant effects of engineered NM include
either the depletion of antioxidants or the increased pro-
duction of ROS. Perturbation of the normal redox state
contributes to peroxide and free radical production that
has adverse effects on cell components including proteins,
lipids, and DNA [23]. Given its chemical reactivity, oxidative
stress can amount to DNA damage, lipid peroxidation, and
activation of signaling networks associated with loss of cell
growth, fibrosis, and carcinogenesis [16, 25, 26]. Besides
cellular damage, ROS can result from interactions of NP
with several biological targets as an effect of cell respira-
tion, metabolism, ischemia/reperfusion, inflammation, and
metabolism of various NM [22]. Most significantly, the
oxidative stresses resulting from occupational NM exposures
as well as experimental challenge with various NP lead to
airway inflammation and interstitial fibrosis [27–30].

1.3. Nanoparticle-Induced Oxidative Stress. Nanomaterials of
varying chemical composition such as fullerenes, CNT, and
metal oxides have been shown to induce oxidative stress [20,
31]. The key factors involved in NP-induced ROS include (i)
prooxidant functional groups on the reactive surface of NP;
(ii) active redox cycling on the surface of NP due to transition
metal-based NP; and (iii) particle-cell interactions [22, 25].
From a mechanistic point of view, we discuss the sources of
ROS based on the physicochemical parameters and particle-
cell interactions.

Several studies demonstrate the significance of reactive
particle surface in ROS generation [20, 32]. Free radicals are
generated from the surface of NP when both the oxidants
and free radicals bound to the particle surface. Surface bound
radicals such as SiO∙ and SiO

2

∙ present on quartz particles
are responsible for the formation of ROS such as OH∙ and
O
2

∙− [17, 25]. Ambient matter such as ozone and nitrogen
dioxide (NO

2

) adsorbed on the particle surface is capable
of inducing oxidative damage [16]. Reduced particle size
results in structural defects and altered electronic properties



BioMed Research International 3

on the particle surface creating reactive groups on the NP
surface [27, 33]. Within these reactive sites, the electron
donor or acceptor active sites interact with molecular O

2

to form O
2

∙− which in turn can generate additional ROS
via Fenton-type reactions [3]. For instance, NP such as Si
and Zn with identical particle size and shape lead to diverse
cytotoxicity responses due to their surface properties. ZnO
beingmore chemically active than SiO

2

, led to increasedO
2

∙−

formation resulting in oxidative stress. Free radicals are either
directly bound to the NP surface or may be generated as
free entities in an aqueous suspension [17]. Dissolution of NP
and subsequent release of metal ions can enhance the ROS
response [25]. For instance, aqueous suspensions of quartz
particles generate H

2

O
2

, OH∙, and 1O
2

[17, 20, 32].
Apart from surface-dependent properties, metals and

chemical compounds on the NP surface accelerate the ROS
response [34]. Transition metals including iron (Fe), copper
(Cu), chromium (Cr), vanadium (V), and silica (Si) are
involved in ROS generation via mechanisms such as Haber-
Weiss and Fenton-type reactions [25]. Fenton reactions usu-
ally involve a transition metal ion that reacts with H

2

O
2

to
yield OH∙ and an oxidizedmetal ion. For example, the reduc-
tion of H

2

O
2

with ferrous iron (Fe2+) results in the formation
of OH∙ that is extremely reactive and toxic to biological
molecules [21]. Cu and Fe metal NP have been reported
to induce oxidative stress (O

2

∙− and OH∙) via Fenton-type
reaction [26], while the Haber-Weiss-type reaction involves a
reaction between oxidizedmetal ion andH

2

O
2

to induceOH∙
[21, 35]. NP including chromium, cobalt, and vanadium can
catalyze both Fenton and Haber-Weiss-type reactions [26].
Glutathione reductase, an antioxidant enzyme, reduces metal
NP into intermediates that potentiate the ROS response. In
addition, some metal NP (Ar, Be, Co, and Ni) promote the
activation of intercellular radical-inducing system such as the
MAPK and NF-𝜅B pathways [36].

In addition to the prooxidant effect of NP, ROS are
also induced endogenously where the mitochondrion is a
major cell target for NP-induced oxidative stress. Once NP
gain access into the mitochondria, they stimulate ROS via
impaired electron transport chain, structural damage, activa-
tion of NADPH-like enzyme system, and depolarization of
the mitochondrial membrane [37, 38]. For instance, cationic
polystyrene nanospheres induce O

2

∙− mediated apoptosis
in murine macrophages based on their ability to target
mitochondria [38].

Cellular internalization of NP has been shown to activate
immune cells including macrophages and neutrophils, con-
tributing to ROS/RNS [22, 25]. This process usually involves
the activation of NADPH oxidase enzymes. In vivo particle
exposures such as silica activate the rich pool of inflammatory
phagocytes within the lung causing them to induce oxidative
outburst [39]. NP with smaller particle size are reported to
induce higher ROS owing to their unique characteristics such
as high surface to volume ratio and high surface charge.
Particle size determines the number of reactive groups/sites
on the NP surface [34, 37, 40]. The pulmonary responses
induced by inhaledNPare considered to be greater than those
produced by micron-sized particles because of the increased
surface area to particle mass ratio [28]. Larger surface area

ensures that the majority of the molecules are exposed to
the surface than the interior of the NM [3]. Accordingly,
nano-sized SiO

2

and TiO
2

andMWCNT induce greater ROS
as compared to their larger counterparts [41]. Additionally,
a study with cobalt/chromium NP exposure demonstrated
particle size dependent ROS-mediated genotoxicity [42].

2. Oxidant Generation via
Particle-Cell Interactions

Besides being self-oxidative in nature, NP react with cells
and induce their prooxidant effects via intracellular ROS gen-
eration involving mitochondrial respiration and activation
of NADPH-like enzyme systems [43]. NP can activate the
cellular redox system specifically in the lungs where immune
cells including alveolar macrophages (AM) and neutrophils
act as direct ROS inducers. Professional phagocytic cells
including neutrophils and AM of the immune system induce
substantial ROS upon internalization of NP via the NADPH
oxidase enzyme system [44]. The phagocytic oxidative out-
burst is attributable to some of the NP physicochemical prop-
erties. In case of silica and quartz particles, inflammation-
induced ROS was associated with the surface-based radical-
generating properties of the particles [45]. Additionally, NP
from the residual oily fly ash and diesel exhaust activate
the pool of inflammatory phagocytes resulting in massive
ROS release [46]. Furthermore, adsorption of chemicals
such as organic matter onto the NP surface may drive the
inflammation-induced oxidative stress [24].

2.1. Lung Injury Caused by Nanoparticle-Induced Reactive
Nitrogen Species. Besides oxidative damage, NP exposure
within the lung is reported to induce reactive nitrogen species
(RNS). Particle deposition in the lung causes recruitment
of inflammatory cells that generate ROS, clastogenic factors,
and cytokines either harming or stimulating resident lung
cells [31]. Inflammatory phagocytes are an important source
of RNS/ROS generation within the lung. Owing to their
inducible nitric oxide synthase (iNOS) activity, phagocytes
can produce a large amount of genotoxic RNS, including
nitric oxide (NO∙) and the highly reactive peroxynitrite
(ONOO−). ONOO− formed by the reaction of NO∙ and
O
2

∙− causes DNA fragmentation, lipid oxidation, and protein
dysfunction consequently contributing to particle-induced
lung injury [47]. In vivo exposure to SiO

2

and quartz NP
elicited an RNS response characterized by increased iNOS
and NO∙ within the lung as a result of phagocyte influx
[48, 49].

2.2. Mechanisms of ROS Production and Apoptosis within
Metal Nanoparticles. Apoptosis has been implicated as a
major mechanism of cell death caused by NP-induced oxida-
tive stress [50–52]. Among the different apoptotic pathways,
the intrinsic mitochondrial apoptotic pathway plays a major
role inmetal oxideNP-induced cell death sincemitochondria
are one of the major target organelles for NP-induced oxida-
tive stress [38]. High levels of ROS in the mitochondria can
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result in damage to membrane phospholipids inducing mito-
chondrial membrane depolarization [53]. Small proportion
of electrons escapes the mitochondrial chain and interacts
with molecular oxygen to form O

2

∙− which later gives rise
to H
2

O
2

or partially reduces to the damaging OH∙. NP can
catalyze the O

2

∙− generation either by blocking the electron
transport chain or accelerating electron transfer to molecular
oxygen [54, 55]. Various metal oxide NP including Zn, Cu,
Ti, and Si elicit ROS-mediated cell death via mitochondrial
dysfunction [56–59].

3. Introduction to Transition Metals

Transitionmetal oxide particles have been used to revolution-
ize several fields including catalysis, sensors, optoelectronic
materials, drug delivery, automobile, and material science
engineering. Apart from industrial scale applications, metal
NP are increasingly used in a variety of consumer products
such as cosmetics, sunscreens, textiles, and food products.
Among the transition metal oxides, titanium dioxide, cupric
oxide, and zinc oxide have gained attention owing to their
commercial usage [60]. Metal oxide particles can undergo
surface modification for better stability and binding to other
substrates. Such widespread applications are attributable to
their electrochemical and physical properties reflecting their
small sizes and reactive surfaces. For example, a relatively
inert metal or metal oxide may become a highly effective
catalyst when manufactured as NP. Their fixed particle mass,
high aspect ratio, and particle surface bioreactivity tailor
them to meet the needs of specific application. However,
a high surface-to-volume ratio makes NP reactive and
exposes them to environmental stressors, particularly free
radical generation [61, 62]. Besides, the nanoscale dimensions
enhance their cellular uptake and interaction with biological
tissues. Metals can generate free radicals via the Fenton-type
reactions that react with cellular macromolecules and induce
oxidative stress [63].The toxicity ofmetallicNP including Zn,
Ti, Si, Fe, and Ce has been characterized by increased ROS
generation and oxidative stress and apoptosis [61, 64–66].The
oxidative stress mediated outcomes of various metal NP are
summarized in Table 1.

4. Prooxidant Effects of Metal
Oxide Nanoparticles

To overcome the overwhelming ROS production, cells trigger
either a defensive or an injurious response eliciting a chain
of adverse biological responses. Free radicals are potentially
damaging to cellular macromolecules including lipids, pro-
teins, and nucleic acids. DNA is one of the major targets
for oxidative stress and represents the first step involved
in mutagenesis, carcinogenesis, and aging. ROS/RNS cause
oxidative DNA damage in the form of DNA strand breaks,
DNA protein cross-links, and alkali-labile sites [67, 68], and
given their characteristic nature free radicals appear as one of
the likely carcinogens [25, 69]. Testing the genotoxic potential
is essential for carcinogenic risk assessment of NP. Genotoxic
effects may be produced either by direct interaction of

particles with genetic material or by secondary damage
from particle-induced ROS. Transition metal NP induce
chromosomal aberrations, DNA strand breaks, oxidative
DNA damage, and mutations [70]. OH∙, one of the highly
potent radicals, is known to react with all components of
DNA causing DNA single strand breakage via formation of
8-hydroxyl-2-deoxyguanosine (8-OHdG) DNA adduct [71,
72]. 8-OHdG is a biomarker of OH∙-mediated DNA lesions.
NP exposure significantly elevated 8-OHdG levels both in
vivo [73] and in vitro [74], demonstrating their mutagenic
behavior. A recent study comparingmetal oxideNP including
Cu, Fe, Ti, and Ag reported ROS-mediated genotoxicity
characterized by micronuclei and DNA damage in vivo [75].

Along with chromosomal damage, free radicals also
interact with lipids and proteins, abundantly present in
biomembranes, to yield lipid peroxidation products associ-
atedwithmutagenesis. Polyunsaturated fatty acids are subject
to oxidation giving rise to lipid hydroperoxides as the initial
step in ROS generation [25, 76]. Prooxidant metals such as
Cu and Fe react with these lipid hydroperoxides to induce
DNA damaging end-products malondialdehyde (MDA) and
4-hydroxynonenal that act as inflammatory mediators and
risk factors for carcinogenesis. Exposures to metal oxide NP
of Ti, Cu, Si, and Fe were reported to induce tissue damage,
abnormal cellular stress response via lipid peroxidation [77–
79].

Alterations within the antioxidant defense system pose
as a risk factor for carcinogenesis [68]. Glutathione, (GSH) a
potent free-radical scavenger, is responsible for maintaining
the cellular redox state and protecting cells from oxidative
damage [80, 81]. NP-triggered free radicals reduce GSH
into its oxidized form glutathione disulfide (GSSG), thereby
contributing to oxidative stress, apoptosis, and sensitization
to oxidizing stimuli [82, 83]. Apart from GSH, NP-induced
ROSmodulate the antioxidant activities of ROS-metabolizing
enzymes including NADPH-dependent flavoenzyme, cata-
lase, glutathione peroxidase, and superoxide dismutase [84].

It is well established that uncontrolled generation of ROS
triggers a cascade of proinflammatory cytokines and media-
tors via activation of redox sensitive MAPK and NF-𝜅B sig-
naling pathways that control transcription of inflammatory
genes such as IL-1𝛽, IL-8, and TNF-𝛼 [21]. Oxidative stress
plays a key role in NP-induced airway hypersensitivity and
respiratory inflammation [85]. A study involving coexposure
of metal oxide NP with a bacterial endotoxin demonstrated
exaggerated lung inflammation and pulmonary edema [86].
Additionally, studies with different metal oxide NP have
demonstrated ROS-mediated inflammatory response. For
instance, SiO

2

and TiO
2

NP induce an elevated inflamma-
tory response through the underlying mechanism of ROS
generation [64, 85, 87]. Pulmonary inflammationmay induce
changes in membrane permeability, facilitating NP distribu-
tion beyond the lung and indirectly affecting cardiovascular
performance [88].

Metal ion-induced free radicals can activate oncogenes
such as Ras [25]. Excess amounts of NP have been associated
with skin, bladder, liver, lung, and respiratory tract can-
cers [7]. Transition metals in trace amounts are introduced
during the manufacture and preparation of CNT. Given
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Table 1: List of studies describing the ROS-dependent effects of metal-based NP.

Nanoparticles ROS-dependent effect Reference
Iron oxide

Iron oxide Necrosis and apoptosis in murine macrophage (J774) cells [61]
Zero-valent iron Acute cytotoxicity in human bronchial epithelial cells [140]
Iron oxide Human microvascular endothelial cell permeability [141]

SPIONS Activation of NF-𝜅B and AP-1, inflammation in human epidermal keratinocytes (HEK) and
murine epidermal cells (JB6 P(+)) [142]

Copper oxide
Copper oxide Genotoxicity in human lung epithelial cells [143]
Copper oxide Mitochondrial dysfunction, oxidative DNA damage, cell death in A549 cell line [144]
Copper oxide Cytotoxicity in vitro in Hep-2 cell line [145]
Copper oxide Nephrotoxicity and hepatotoxicity in vivo [146]

Cerium oxide
Cerium oxide Lung inflammation and alveolar macrophage apoptosis in vivo [147]
Cerium oxide Apoptosis via caspase-3 activation and chromatin condensation in vitro in BEAS-2B cells [64]
Cerium oxide HO-1 induction via the p38-Nrf-2 signaling pathway in vitro in BEAS-2B cell line [148]
Cerium oxide Lipid peroxidation and membrane damage in vitro in lung cancer cells [149]

Zinc oxide

Zinc oxide Mitochondrial dysfunction, morphological modification, and apoptosis in vitro in human fetal
lung fibroblasts [59]

Zinc oxide Cellular oxidant injury, excitation of inflammation, and cell death in BEAS-2B and RAW 264.7
cells [150]

Zinc oxide Mitochondrial damage, apoptosis, and IL-8 release in vitro in LoVo human colon carcinoma cell
line [151]

Zinc oxide Mitochondrial damage, genotoxic and apoptotic cell effects in vitro human liver cells [152]
Zinc oxide Genotoxic and apoptotic responses in vitro in human skin melanoma cell line (A375) [153]
Zinc oxide Endoplasmic reticulum stress, apoptosis, and necrosis in rat retinal ganglion cells [154]
Zinc oxide
nanorods Apoptosis in human alveolar adenocarcinoma cells via p53, surviving, and bax/bcl-2 pathways [155]

Nanosilica

Nanosilica Cytotoxicity and apoptosis via activation of p53 and Bax in vitro in human hepatic cell line
p53 and p21 mediated G1 phase arrest in vitromyocardial H9c2 (2-1) cells

[156]
[157]

Nanosilica Cell cycle arrest and apoptosis in vitro human embryonic kidney cell line [158]
Nanosilica Hepatotoxicity in vitro in Kupffer cells and ROS-mediated cell death, oxidative DNA damage [159]

Nickel oxide
Nickel oxide Lipid peroxidation, apoptosis in vivo in human epithelial airway cells [160]

Nickel ferrite
Apoptosis in A549 cells through oxidative stress via p53, survivin, bax/bcl-2, and caspase
pathways in normal Chang (normal human liver), MCF10A (normal breast epithelial), and WI38
(normal lung fibroblast) cell lines

[161]

Titanium dioxide
Titanium dioxide Apoptotic cell death through ROS-mediated Fas upregulation and Bax activation [162]
Titanium dioxide Cytotoxic and genotoxic effects in vitro in human amnion epithelial (WISH) cell line [163]
Titanium dioxide Cytotoxicity and apoptotic cell death in vitro in HeLa cell line [164]

Aluminum oxide
Aluminium oxide Mitochondria mediated oxidative stress and cytotoxicity in human mesenchymal stem cells [165]

Gold
Gold Lipid peroxidation and autophagy in vitro in MRC-5 lung fibroblasts [166]

Silver

Ag-NP Mitochondrial damage and genotoxicity in human lung fibroblast cells (IMR-90) and human
glioblastoma cells (U251) [167]

Ag-NP JNK-mediated mitochondrial apoptosis in NIH3T3 fibroblasts [50]
Ag-NP Mitochondrial damage, apoptosis in vitro in A549 cells [168]

Cobalt-chromium (Co-Cr)
Co-Cr NP Oxidative DNA damage, micronuclei induction, reduced cell viability in human dermal fibroblasts [169]
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their oxidizable nature, studies suggest that metals including
Fe, Co, and Ni are more toxic and fibrogenic upon their
interaction with CNT as compared to pure CNT [89–93].
Vanadium pentoxide (V

2

O
5

), a transition metal byproduct
of petrochemicals, is associated with fibrosis via generation
of H
2

O
2

and other ROS [94]. Occupational exposures to
combustion-derived NP such as welding fumes consisting
of metals such as Fe, Mn, Si, Cr, and Ni induce fibrogenic
responses [95]. Metal containing welding fume NP elicited
ROS-dependent lipid peroxidation and inflammation in vivo
[96, 97].

5. Cellular Signaling Affected by
Metal Nanoparticles

The prooxidant effects of NP result in the activation of sig-
naling pathways, transcription factors, and cytokine cascade
contributing to a diverse range of cellular responses. The
regulation of redox homeostasis entails signaling cascades
such as HIF-1, NF-𝜅B, PI3 K, and MAPK which control
proliferation, metastasis, cell growth, apoptosis, survival, and
inflammation [7, 12]. At an intermediate level of oxidative
stress, proinflammatory pathways are activated in an attempt
tomaintain the redox equilibrium.The inflammatory cascade
involves profibrotic mediators such as TNF-𝛼, IL-1𝛽, and
TGF-𝛽 which have been implicated in the pathogenesis of
fibrosis. Cells are known to counteract the overwhelming
oxidative stress response via increased cytokine expression
such as interleukins and TNF-𝛼, activation of kinases, and
inhibition of phosphatases thereby influencing the phos-
phorylation cascade. Protein phosphorylation is involved
in the regulation of critical cellular responses including
mitogenesis, cell adhesion, oncogenic transformation, and
apoptosis. Thus, ROS response appears to be closely related
to factors driving carcinogenesis [98].

5.1. NF-𝜅B. The NF-𝜅B group of proteins activates genes
responsible for defense mechanisms against cellular stress
and regulates miscellaneous functions such as inflamma-
tion, immune response, apoptosis, and cell proliferation.
Prooxidant H

2

O
2

-mediated NF-𝜅B activation through the
classical IKK-dependent pathway is well established. ROS
such as OH∙, HOCl, and 1O

2

and RNS such as ONOO−
activate NF-𝜅B via the release of I𝜅Bs resulting in the nuclear
translocation of NF-𝜅B [99, 100]. Once inside the nucleus,
NF-𝜅B induces transcription of proinflammatory mediators
resulting in inflammation and oxidative stress. During NP-
mediated lung injury, ROS activate NF-𝜅B to modulate the
production of proinflammatory TNF-𝛼, IL-8, IL-2, and IL-
6 from macrophages and lung epithelial cells [101]. Several
metal oxide NP such as Zn, Cd, Si, and Fe exert their toxic
effects via ROS-dependent NF-𝜅B activation [62, 102, 103].

5.2. AP-1. Activator protein (AP)-1 is a transcription factor
activated in response to oxidants, cytokines, growth factors,
and bacterial and viral infections. It is responsible for reg-
ulation of cell proliferation, differentiation, and apoptosis,
thereby it is a key factor in carcinogenesis [104]. Activation

of AP-1 under oxidative conditions is believed to be mediated
via phosphorylation of protooncogene c-jun [68]. Metal NP
including Cr, Ni, and Fe have been shown to activate AP-1 via
ROS generation [60].

5.3. MAPK. MAPK are serine-threonine protein kinases
that control a diverse range of cellular responses including
proliferation, gene expression, differentiation, mitosis, cell
survival, and apoptosis. MAPK consist of growth factor-
regulated extracellular signal-related kinases (ERK) and the
stress-activated MAPK, c-jun NH

2

-terminal kinases (JNK),
and p38 MAPK. Once ROS production exceeds the capacity
of the antioxidant proteins, free radicalsmay induce oxidative
modification of MAPK signaling proteins (e.g., RTK and
MAP3K), thereby leading to MAPK activation. ROS may
activate MAPK pathways via inhibition and/or degradation
of MAPK phosphatases (MKP) [105, 106]. Finally, the site of
ROS production and the concentration and kinetics of ROS
production as well as cellular antioxidant pools and redox
state are most likely to be important factors in determining
the effects of ROS on activation ofMAPKpathways [107]. Ag-
NP activate JNK protein signaling and apoptosis in a variety
of cells [50], whereas CeO

2

NP trigger p38 MAPK signaling
in bronchoalveolar cells [64].

5.4. PTP. Protein tyrosine phosphatases (PTP) are key regu-
latory components in signal transduction pathways involved
in cell growth, differentiation, proliferation, and transfor-
mation. The highly reactive cysteine residues of PTP are
predisposed to oxidative stress in the form of H

2

O
2

, free
radicals or changes in intracellular thiol/disulfide redox state
[98, 108]. Metal NP including Zn2+ and V5+ may be critical
in redox regulation of PTP via the inhibition of MAPK and
EGFR [109, 110].

5.5. Src. Src kinases belong to the nonreceptor tyrosine
kinase family involved in the regulation of cell growth. Mild
oxidative stress is sufficient to activate Src kinase which later
triggers a cell signaling cascade [111].Thismay explain the low
dose of metal NP-induced lymphocyte cell death via ROS-
dependent activation of Src kinases [112].

6. Carbon Nanotubes

One of the most promising materials in the field of nan-
otechnology is CNT, and their widespread applications are
attributable to the diverse physical, chemical, and electrical
characteristics they possess. CNT are high aspect ratio nano-
materials (HARN) having at least one of their dimensions in
the order of 100 nm or less according to the British Standards
Institute Report [113]. CNT are made of either single-walled
(SW) or multiwalled (MW) graphite layers. With unique
properties such as high tensile strength and conductivity, they
have been explored in the areas of electronics, biotechnology,
medicinal drug delivery, cosmetics, material science, and
aerospace engineering. CNT structure facilitates their entry,
deposition, and residence in the lungs and pleura, resulting
in incomplete phagocytosis and clearance from the lungs [5].



BioMed Research International 7

Owing to their biopersistent and nonbiodegradable nature,
and particularly their resemblance to needle-like asbestos
fibers, CNT are believed to induce biologically harmful
effects [89]. Physicochemical parameters such as particle size,
surface modification, presence of metals, surface reactivity,
and surface charge are responsible for the prooxidant effects
of CNT. Frustrated phagocytosis of CNT has been implied in
CNT-induced oxidative stress.

7. Carbon Nanotube-Induced Oxidative Stress

One of the most frequently reported toxicity endpoints for
CNT is the formation of ROS which can be either pro-
tective or harmful during biological interactions. Oxidative
stress may be caused directly by CNT-induced ROS in the
vicinity or inside the cell or could arise more indirectly
due to the effects of internalized CNT on mitochondrial
respiration [114] or in depletion of antioxidant species within
the cell [64]. Moreover, NADPH-mediated ROS are critical
for SWCNT-induced pulmonary responses [91]. The most
likely mechanism for CNT-induced oxidative stress and
lung toxicity involvesmitochondrial dysfunction. Incomplete
phagocytosis of CNT, presence of transition metals and
specific reactive groups on the CNT surface are key drivers
of ROS generation. Metal impurities such as Fe, Co, and
Ni introduced within the CNT during their synthesis are
key factors driving CNT-mediated ROS response [115, 116].
CNT-induced oxidative stress mediates important cellular
processes including inflammation, cell injury, apoptosis, and
activation of cellular signaling pathways such as MAPK
and NF-𝜅B which are implicated in the pathogenesis of
lung fibrosis [31, 117]. For instance, SWCNT dependent OH∙
generation leads to activation of molecular pathways MAPK,
AP-1, NF-𝜅B, and Akt associated with cell proliferation and
tumor progression in vitro [93]. Several studies demon-
strate SWCNT-induced oxidative stress [118–120]. Similarly,
MWCNT exposures have been reported to induce ROS both
in vitro and in vivo [18, 121–123]. Interestingly, oxidative
stress is reported to be a mechanism for biodegradation
of CNT. SWCNT undergoes oxidative biodegradation via
myeloperoxidase, a prooxidant enzyme involved in host
defense responses [120]. Table 2 summarizes the different
studies that report ROS-dependent effects of CNT.

8. Role of ROS in CNT-Induced Inflammation

ROS and inflammation demonstrate an interdependent rela-
tionship in the case of exposure to NP. Inflammatory cells
such as macrophages and neutrophils induce enormous ROS
release in order to get rid of the NP. However, NP exposure-
mediated oxidative stress leads to activation of RTK, MAPK,
Akt, andNF-𝜅B contributing to the proinflammatory cascade
[124]. Accordingly, CNT-induced ROS were reported to
elicit pro-inflammatory transcription factors such as NF-
𝜅B, AP-1 and MAPK in vivo. This was found to be an
inflammation dependent response [93]. MWCNT treatment
in macrophages mediates ROS-dependent activation of NF-
𝜅B pathway, thereby inducing the expression of chemokines

and cytokines such as TNF-𝛼, IL-1𝛽, IL-6, IL-10, and MCP-1
[18]. Likewise, MWCNT-induced nitrosative stress in vivo is
associated with pulmonary inflammation [125].

9. Role of ROS in CNT-Induced Genotoxicity

CNT elicit genotoxic effects through direct interaction with
DNA or indirectly via CNT-induced oxidative stress and
inflammatory responses. CNT-induced sustained oxidative
stress can result in DNA damage and abnormal cell growth,
possibly leading to carcinogenesis and fibrogenesis [126, 127].
A plethora of studies demonstrate the genotoxic poten-
tial of both MWCNT and SWCNT [128–131]. ROS can
activate cellular signaling pathways resulting in cell cycle
arrest and apoptosis. CNT induce a multitude of geno-
toxic responses including DNA strand breakage, oxidation,
micronuclei induction, chromosomal aberrations, formation
of 𝛾H2AX foci, and mutant frequencies [132]. Oxidative
stress-dependent DNA breakage and repair and activation
of signaling pathways including poly-ADP-ribose polymerase
(PARP), AP-1, NF-𝜅B, p38, and Akt were reported in human
mesothelial cells exposed to SWCNT [93]. CNT induce ROS-
dependent lipid peroxidation both in vitro and in vivo [133,
134]. A number of studies account for mitochondrial mem-
brane depolarization, damage, andoxidative stress uponCNT
exposure [92, 135, 136]. Unlike the traditional prooxidant
effect of NP, CNT have been reported to sequester ROSwhich
in turn is associated with their structural defects [83]. This
quenching is reported to be related to the genotoxic and
inflammatory effects observed with CNT [137].

10. Role of ROS in CNT-Induced Fibrosis

Increased ROS has been implicated in lung inflammation and
fibrosis. The inflammatory cascade is reported to contribute
to oxidative stress mediated lung injury [138]. Exposure to
CNT results in expression of genes responsible for inflamma-
tion and fibrosis via the activation of cell signaling pathways
and transcription factors including NF-𝜅B, STAT-1, MAPK,
and RTK [31]. ROS-dependent p38-MAPK has been shown
to be responsible for CNT-induced collagen and angiogenic
responses [118]. Additionally, SWCNT induce fibrogenic
effects via ROS-mediated NF-𝜅B activation [139], whereas
MWCNT induce fibroblast to myofibroblast differentiation
via ROS-dependent NF-𝜅B activation [18].

11. Oxidative Stress as an Underlying
Mechanism for NP Toxicity

Findings from several studies have pointed out that ROS
generation and oxidative stress occur as an early event leading
to NP-induced injury. Oxidative stress corresponds with the
physicochemical reactivity of NP including metal-based par-
ticles aswell as the fibrousCNT.Oxidative stress related toNP
exposure involves mitochondrial respiration, mitochondrial
apoptosis, activation of NADPH oxidase system, alteration of
calcium homeostasis, and depletion of antioxidant enzymes;
all of which are associated with tissue injury. NP-driven ROS
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Table 2: List of studies describing the ROS-dependent effects of CNT.

CNT
SWCNT with 30% iron
by mass Lipid peroxidation, reduced cell viability, and antioxidant reserve in human keratinocytes [170]

Acid treated MWCNTs
with Co and Ni

Decreased cell viability, altered mitochondrial membrane potential in rat macrophages
(NR8383) and human A549 lung cells

[92]

SWCNT Reduced cell viability and antioxidant reserve in rat lung epithelial cells [171]

SWCNT Increased apoptosis, DNA damage, activated MAPKs, AP-1, NF-𝜅B, and Akt in normal
and malignant human mesothelial cells

[93]

SWCNT Reduced cell proliferation, activation of NF-𝜅B in human keratinocytes [119]
Unpurified SWCNT
(30% w/w iron)

Activation of AP-1 and NF-𝜅B, cytotoxicity, and proinflammatory response in vitro and
in vivo

[172]

Unpurified SWCNT
(17.7% w/w iron)

Lipid peroxidation, acute inflammatory response, decreased respiratory function in adult
C57BL/6 mice

[91]

Raw MWCNT Dose-dependent cytotoxicity in RAW 264.7 macrophages and A549 cells: cell
inflammation, membrane leakage, lipid peroxidation, and protein release

[173]

MWCNT Increase in cell permeability, cell migration, and endothelial permeability in human
microvascular endothelial cells (HMVEC)

[174]

SWCNT Activation of p38 MAPK in CNT mediated fibrogenic and angiogenic responses in vitro
in human lung fibroblasts

[118]

MWCNT Activation of NF-𝜅B, fibroblast-myofibroblast transformation, profibrogenic cytokine,
and growth factor induction in vitro (BEAS-2B, WI-38, and A549 cell lines)

[18]

response contributes to activation of cell signaling pathways,
inflammatory cytokine and chemokine expressions, and
specific transcription factor activation. Activation of these
cellular mechanisms is closely associated with transcription
of genes involved in inflammation, genotoxicity, fibrosis, and
cancer.Thus, the pathological consequences observed during
NP exposure could be attributable to ROS generation. It is
essential to incorporate these adverse biological responses as
a screening tool for toxic effects of NP. For instance, over-
expression of antioxidant enzymes is indicative of the mild
oxidative stress, whereas mitochondrial apoptosis occurs
during conditions of toxic oxidative stress. The hierarchical
model of ROS response provides a scale to gauge the adverse
health effects upon NP exposures. A NP exposure study
must collectively involve rigorous characterization of NP and
assign in vitro and in vivo oxidative stress markers as toxicity
endpoints as a predictive paradigm for risk assessment [6,
9, 12]. Figure 1 summarizes the key findings regarding the
oxidative effects of NP and resulting toxicity.

12. Conclusion

This paper reviews the cellular mechanisms of NP-induced
oxidative stress and toxicity. We focus on the toxicity of
metal oxide NP and CNT with respect to the oxidative
stress paradigm.The principal factors for NP-induced oxida-
tive stress involve (a) the oxidative properties of the NP
themselves and (b) oxidant generation upon interaction of
NP with cellular material. The direct prooxidant effects
of NP are attributable to their physicochemical properties
including surface reactivity, particle size, surface charge,

chemical composition, and the presence of transition metals.
Therefore, it is necessary to ensure extensive characteri-
zation of the physicochemical properties for safer design
and manufacture of NP. Whereas, ROS mediated via NP-
cell interaction involve mechanisms including immune cell
activation, mitochondrial respiration, and NADPH oxidase
system. Apart from ROS, NP also arbitrate RNS-mediated
injury. Given their chemical reactivity, metal-based NP
induce oxidative damage to cellular macromolecules such
as proteins, lipids, and DNA via Fenton-type and Haber
Weiss-type reactions. The key pathophysiological outcomes
of oxidative insults during metal NP exposures involve cell
membrane damage, lipid peroxidation, protein denaturation,
and alteration of calcium homeostasis. Furthermore, the
findings in the review article suggest that CNT-induced
oxidative stress is indicative of the pulmonary toxicity of
CNT. Metal-based NP and fibrous CNT-mediated ROS
result in activation of cell signaling pathways, transcription
factor activation, cytokine mediator release, and apoptosis.
The persistent activation of these signaling cascades has
some clinical ramifications. Redox imbalance via engineered
NP exerts undesirable pathophysiological outcomes such as
genotoxicity, inflammation, fibrosis, and carcinogenesis. It
is of utmost importance to understand the molecular and
cellular mechanisms of NP-induced oxidative stress which
in turn will yield novel strategies to mitigate the toxicity of
engineered NP. Moreover, it necessitates the establishment
of stringent procedures for testing the oxidative potential
of manufactured NP prior to their commercialization. Iden-
tifying the major cellular targets for NP-induced ROS will
facilitate safer design and manufacture of NM in the market
place.
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Figure 1: Prooxidant pathway for NP-induced toxicity: various NP exhibit oxidative stress dependent toxicity. Upon NP exposure, ROS
generation is capable of inducing oxidative DNA damage, strand breaks, protein denaturation, and lipid peroxidation thereby demonstrating
the mutagenic and carcinogenic characteristics associated with NP. Excess free radical production leads to mitochondrial membrane damage
causing necrosis and cell death. Phagocytes including neutrophils and macrophages generate massive ROS upon incomplete phagocytosis of
NP through the NADPH-oxidase enzyme system whereas NP-induced ROS triggers an inflammatory cascade of chemokine and cytokine
expression via activation of cell signaling pathways such asMAPK, NF-𝜅B, Akt, and RTK. Furthermore, oxidative stress mediated stimulation
of these cellularmechanisms results in transcription of genes responsible for fibrosis, EMT, and carcinogenesis. NP-elicitedROS is at the center
stage for majority of the ensuing adverse outcomes.
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Accumulating evidence indicates the active role of oxidative stress in the development of endometriosis; however, the mechanism
of reactive oxygen species generation is poorly understood. Metabonomics/metabolomics is a scientific discipline that can be
used to study changes in metabolite ensembles associated with disease pathophysiology. The present study focuses on the use
of proton nuclear magnetic resonance spectroscopy based targeted metabolite profiling approach to explore dysregulation in
metabolites expression in women with endometriosis. Further, association of oxidative stress with the metabolite ensembles, if any,
is investigated. Using multivariate statistics, partial least square discriminant analysis model was generated which could classify
endometriosis patients with sensitivity and specificity of 92.83% and 100%, respectively, and with a classification rate of 96.4%.
In conjunction with increased glucose metabolism, citrate and succinate were found to be elevated in endometriosis patients.
Higher levels of reactive oxygen species, lipid peroxidation, and advanced oxidation protein products and lower levels of total
antioxidant capacity, superoxide dismutase, catalase, and glutathione were also observed. Increased glucosemetabolism and defects
in the mitochondrial respiratory system are suggested to be the possible sources of excessive reactive oxygen species generation in
endometriosis.

1. Introduction

Endometriosis is classically defined as the growth of endome-
trial glands and stroma at extrauterine sites, most commonly
implanted over visceral and peritoneal surfaces within the
female pelvis. In India, approximately 1% women under-
going major gynecological surgery, 6%–43% undergoing
sterilization, 12%–32% undergoing laparoscopy for pelvic
pain, of 21%–48% undergoing laparoscopy for infertility are
diagnosed with endometriosis [1]. From a global perspective,
it is a fairly common gynecological disorder affecting almost
10% of women of reproductive age [2]. The correct approach
for endometriosis management is still unclear. The risks and
the diagnostic limitations of laparoscopy and the inaccuracy
of clinical examination justify the considerable efforts made

to improve the diagnosis with noninvasive techniques. In our
previously published paper, we have reported a metabolic
fingerprint which may be used for non-invasive diagnosis of
the disease [3]. Also, the therapeutic approach still focuses
on management of clinical symptoms of the disease rather
than on the disease itself. A thorough understanding of the
pathophysiology of endometriosis is therefore essential to the
development of novel diagnostic and treatment approaches
for this debilitating condition.

Several early studies in 1990s showed no significant
correlation between oxidative stress (OS) and endometriosis
[4–6]. Murphy and coworkers, way back in late 1990s, were
one of the first groups to emphasize on the active role of
OS in the pathogenesis and development of endometriosis
[7]. Since then there has been increasing evidence suggesting
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that OS plays a key role in the pathogenesis and progression
of endometriosis [8, 9]. Recently, a systematic review of 19
original articles from 1990 to 2011 on OS biomarkers in
patients with endometriosis has been reported [10]. Despite
such long-term research activity in this field, it is still not very
clear as to when and why OS may occur and its relation to
endometriosis, possibly because of limited data and complex
environment of the peritoneal cavity.

During OS, in addition to insufficient antioxidants, oxy-
gen radicals are also formed at a rate greater than the rate
of consumption. Changes in the composition of metabolite
ensembles are responsible for physiological changes associ-
ated withOS.Thus, it is reasonable to conjecture that targeted
metabolite profiling will provide information on quantitative
changes in metabolites of interest based on prior knowledge
of the biological function or metabolic pathway.

Metabolomic profiling has emerged as a powerful and
reliable tool for the identification of total metabolites present
in the biological system under a given physiological con-
dition. Metabolites represent the final products of cells’
regulatory processes and act as communicators between
information-rich genome and the functional phenotype of
the cell. Nuclear magnetic resonance (NMR) spectroscopy
is the only technique which can identify and quantify
complex mixtures of metabolites with little or no sample
preparation [11]. Furthermore, only small sample volumes
are required, and the analysis is nondestructive [12]. An
added advantage of this technique is that the metabolite
profile of a biological sample can be acquired rapidly (1–
15min) with sufficient sensitivity to differentiate even subtle
biological differences. Chemometrics and targeted profil-
ing are the two distinct approaches that have been estab-
lished for processing NMR spectra. Chemometrics involves
separation of NMR spectra into different groups with no
assumptions about the identity and quantity of metabolites
in the spectra while targeted profiling involves the iden-
tification and quantification of each metabolite in every
NMR spectrum, so that metabolite concentrations are the
variables [13]. In both the approaches, various multivariate
statistical methods such as principal components analysis
(PCA) partial least squares discriminant analysis (PLS-DA)
are used to search for meaningful differences among the
spectra.

Herein, we have used 1H NMR based targeted metabo-
lite profiling followed by multivariate statistical analysis to
explore metabolite imbalances, which in turn, would provide
a better understanding of oxidative protection, injury, and
recovery in endometriosis. Further, association of OS with
the metabolite ensembles, if any, is investigated, and a
probable mechanism of ROS generation in endometriosis is
hypothesized.

2. Material and Methods

2.1. Subject Selection and Sample Collection. One hundred
and thirty five women (24–40 years, BMI < 25) reporting at
the Institute of Reproductive Medicine, Salt Lake, Kolkata,
India, for infertility treatment volunteered to participate
in this study. The study group consisted of 75 women

with endometriosis confirmed by diagnostic laparoscopy,
and 60 women with tubal factor infertility were consid-
ered as controls. Tubal factor infertility refers to women
who had salpingectomy for ectopic pregnancy and proximal
tubal obstruction because of low-grade infection or fimbrial
occlusion with or without mild peritubal adhesions. Tubal
infertility associated with gross hydrosalpingeal changes,
dense pelvic adhesions because of endometriosis or pelvic
inflammatory diseases were excluded. As such, in this study,
tubal factor infertility refers to women who had fallopian
tube(s) removed for tubal pregnancy. Women included in
the study did not receive any kind of medical or hormonal
treatment during the last three months. Women with history
of removal of chocolate cysts, previous history of any kind of
gynecological surgery including lower pelvic and abdominal
surgery, with other possible causes of pain or pelvic pathology
including pelvic tuberculosis were excluded. The study was
approved by the Institutional ethics committee, and written
informed consent was taken from all women enrolled in the
study.

Venous blood was drawn in sterile containers from all
women during the day time in fasting state and in their
early follicular phase. Based on the effects of estrogen, it
was hypothesized that the magnitude of the responses would
be greater when measured during the early follicular phase
compared to the rest of the menstrual cycle. The blood were
then allowed to clot and serum separated by centrifugation at
3,000 rpm for 5min at 4∘C. ROS was measured immediately
in the serum of all subjects. Remaining serum samples were
stored at −20∘C until further analysis for total antioxidant
capacity (TAC), lipid peroxidation (LPO), superoxide dismu-
tase (SOD), glutathione (GSH), and catalase levels. Further,
26 samples from endometriosis cases and 24 from controls
were randomly selected from these stored serum samples and
used for metabolic profiling using NMR.

2.2. Measurement of Reactive Oxygen Species. Free radi-
cals generation was determined in serum samples from
endometriosis and controls bymonitoring luminol (5-amino-
2,3-dihydro-1,4-phthalazinedione)-mediated chemilumines-
cence (CL) [14]. Luminol reacts with reactive oxygen species
(ROS) present in serum resulting in a luminophore that has
an emission peak at ∼425 nm. The intensity of the CL is
proportional to the amount of ROS in the serum.The reaction
mixture contained 25𝜇L of serum and 0.1mM luminol in
10mM sodium phosphate buffer (pH 7.4). The reaction was
initiated by the addition of H

2

O
2

at a final concentration
of 1mM. CL was measured for 10min using a luminometer
(Berthold, Sirius Single tube Luminometer, Model no. 0727).
H
2

O
2

was added as an activator of luminol. Background
(blank) was determined in each experiment utilizing H

2

O
2

,
luminol, and sodium phosphate buffer without samples. The
reactionwas performed at 37∘C and expressed in relative light
units (cps).

2.3. Measurement of Lipid Peroxidation. The slightly modi-
fied thiobarbituric acid (TBA) method [15] was used to mea-
sure malonaldehyde (MDA) content in the serum sample.
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Fifty microliter aliquot of frozen serum was thawed and
immediately used for lipid peroxidation (LPO) estimation.
Hundredmicroliter of stock reagent (12%, w/v trichloroacetic
acid, 0.375%, w/v TBA and 0.25mol/L HCl warmed to
dissolve the TBA) was mixed thoroughly with 50 𝜇L of the
sample and heated for 15min in a boiling water bath. After
cooling, the flocculent precipitate was removed by centrifu-
gation at 1000×g for 10min and the OD of the supernatant
determined at 535 nm inmultiplate reader (Victor X3, Perkin
Elmer, USA) against a blank containing all the reagents. LPO
values were expressed as 𝜇MMDA.

2.4. Measurement of Total Antioxidant Capacity. TAC was
measured in serum using a modified enhanced CL assay [16].
Serumwas thawed at room temperature and diluted 1 : 10with
deionized water. Signal reagent was prepared using a CL kit
(GE Healthcare, UK). A constant peak of ROS was produced
using HRP conjugated IgG (Santa Cruz Biotechnology, Santa
Cruz, CA). HRP was diluted with deionized water to give
a desired CL output. Luminometer was set in the kinetic
mode, and 900𝜇L of reaction mixture (100 𝜇L signal reagent
+ 700𝜇L deionized water + 100 𝜇L 1 : 350 diluted HRP) was
added to the cuvette. After 100 seconds of reaction mixture
addition, 50𝜇L of the diluted serum sample was added to
the mixture, and 10% recovery of CL was recorded. Trolox,
a water soluble tocopherol analogue, was used as a standard.
The antioxidant capacity of serum samples was expressed in
𝜇M Trolox equivalents.

2.5. Determination of the Superoxide Dismutase Enzymatic
Activity. Serum superoxide dismutase (SOD) activity was
measured utilizing the inhibition of auto-oxidation of pyro-
gallol by SOD [17]. Tris buffer (containing 50mM of Tris
buffer and 1mM of ethylene diamine tetraacetic acid, EDTA)
was prepared, and pH was adjusted to 8.5 using hydrochloric
acid. One hundred microliter of 20mM pyrogallol solution
was added to 2.9mL of Tris buffer and mixed for controls
measurement. Reading was taken at 420 nm after 1min 30 s
and 3min 30 s using a UV-visible spectrophotometer (Perkin
Elmer, USA). Serum SOD activity was measured by adding
0.1mL of diluted serum sample to 2.8mL of Tris buffer. The
reaction was started by adding 0.1mL of 20mM pyrogallol
solution. Reading was taken at 420 nm exactly after 1min
30 s and 3min 30 s and the absorbance recorded per 2min.
The percentage of inhibition of pyrogallol autoxidation was
calculated, and 1 unit of enzymatic activity was defined as the
quantity of enzyme necessary to achieve a 50% inhibition of
autoxidation at 25∘C.

2.6. Determination of the Catalase Enzymatic Activity. The
activity of catalase enzyme was determined according to
Aebi [18]. The capacity of catalase to transform H

2

O
2

was
measured by monitoring the decomposition of H

2

O
2

at
240 nm. The final reaction volume of 3mL contained 0.05M
Tris-buffer, 5mM EDTA (pH 7.0), and 10mM H

2

O
2

(in
0.1M potassium phosphate buffer, pH 7.0). Fifty microliter
of serum sample was added to the above mixture. One
unit of enzymatic activity was considered as the quantity

of enzyme necessary to transform 1 𝜇mol of H
2

O
2

in 1min
at 37∘C. Catalase activity was calculated using the molar
extinction coefficient of 0.0436 (mmol L−1)−1 cm−1 and
expressed in terms of mM H

2

O
2

consumed/min/mg protein
used.

2.7. Determination of the Glutathione. Glutathione (GSH) in
the serum samples was estimated by the method of Moron et
al. [19]. The required amount of serum was mixed with 25%
of trichloroacetic acid (TCA) and centrifuged at 2000×g for
15min to settle the precipitated proteins.The supernatant was
aspirated and diluted to 1mL with 0.2M sodium phosphate
buffer (pH 8.0). Later, 2mL of 0.6mM 5,5-dithiobis-2-
nitrobenzoic acid (DTNB) was added. After 10min, the OD
of the yellow-colored complex formed by the reaction of
GSH and DTNB was measured at 405 nm. A standard curve
was obtained with standard GSH. The levels of GSH were
expressed as 𝜇mol/mL.

2.8. Determination of Advanced Oxidation Protein Prod-
ucts. Determination of advanced oxidation protein products
(AOPP) was based on spectrophotometric detection accord-
ing to Witko-Sarsat et al. [20]. Two hundred microliter of
serum diluted 1 : 5 in PBS, 200𝜇L of chloramine-T standard
solution (0 to 100 𝜇mol/liter) for calibration, and 200𝜇L of
PBS as blank were placed in each well of a 96-well microliter
plate (PerkinElmer, USA). Tenmicroliter of 1.16M potassium
iodide (KI, Sigma) was then added, followed by 20 𝜇L of
acetic acid. The absorbance of the reaction mixture was
immediately read at 340 nm in a microplate reader against
a blank. The chloramine-T absorbance at 340 nm was linear
within the range of 0 to 100𝜇mol/liter. AOPP concentrations
were expressed in 𝜇mol/liter of chloramine-T equivalents.

2.9. Nuclear Magnetic Resonance Analysis. Prior to nuclear
magnetic resonance (NMR) analysis, serum samples were
thawed and homogenized using a vortex mixer. Two hun-
dred microliter of serum was mixed with 400 𝜇L deu-
terium oxide (D

2

O) containing 1mM sodium salt of 3-
(trimethylsilyl)propionic-2,2,3,3,d4 acid (TSP). After cen-
trifugation (8000 rpm, 5min), 600 𝜇L of each sample was
transferred to 5mm NMR tubes. Proton NMR spectra were
recorded at 298K using a 700MHz Bruker Avance AV III
spectrometer. The resulting spectra were phased and base-
line corrected by Bruker TOPSPIN 2.1 software. Individual
metabolites were identified from various sources, including
earlier published articles and literature, and cross checked
from the Human Metabolome Database (HMDB).

2.10. Statistical Analysis. Two types of statistical analysis were
performed for analysis of the entire data presented in this
paper.

2.10.1. Student 𝑡-Test. Data were analyzed using analysis of
𝑡-test, as appropriate. Data analyses were performed with
(GraphPadQuickCalcs, 2002–2005,GraphPad Software, Inc.,
USA). Statistical significance was defined as 𝑃 ≤ 0.05.
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2.10.2. Multivariate Statistical Analysis. Expression of differ-
ent metabolites in endometriosis compared to controls was
analyzed using multivariate statistical analysis. The analysis
was applied to a total of 50 spectra from 26 endometriosis and
24 control serum samples. After acquisition, data matrix of
peak integral values corresponding to identified compounds
was built. Data were preprocessed using normalization and
scaling to remove possible bias arising due to sample handling
and sample variability. Normalization (by sum) was per-
formed in order to minimize possible differences in concen-
tration between samples. Following normalization, scaling
(mean-centering and division by the square root of standard
deviation of each variable) was done to give all variables
equal weight regardless of their absolute value. After data
preprocessing, PCA and PLS-DAwere performed using web-
based metabolomic data processing tool MetaboAnalyst 2.0
(Canada) (accessible at http://www.metaboanalyst.ca/) [21].
In MetaboAnalyst, statistical computing and visualization
operations are performed using functions from the R and
Bioconductor packages [22, 23]. PCA is used to detect
intrinsic clusters and outliers within the data set, while PLS-
DA maximizes class discrimination. Model robustness was
assessed using another web-based ROC curve analysis tool,
ROCCET (accessible at http://www.roccet.ca/). ROC curves
in ROCCET are generated by Monte Carlo Cross Validation
(MCCV) [24] using balanced subsampling. In each MCCV,
two-third (2/3) of the samples were used to evaluate the
feature importance.The top 100 important features were then
used to build classification models which were validated on
one-third of the samples that were left out. The procedures
were repeated multiple times to calculate the performance
of the PLS-DA model. Sensitivity and specificity of the
model were calculated from the confusion matrix generated
from the multiple MCCV iterations. Further validation was
performed with MetaboAnalyst 2.0, using permutation tests
consisting of 1000 permutations.

2.10.3. Metabolic Pathway Analysis. Detailed analysis of the
most relevant metabolic pathways and networks in women
with endometriosis was performed by MetaboAnalyst that
combines results frompowerful pathway enrichment analysis
involved in the conditions under study. MetaboAnalyst uses
high-quality KEGG metabolic pathways as the back end
knowledge base. It integrates many well-established methods
(i.e., univariate analysis, over-representation analysis), and
novel algorithms and concepts (i.e., Global Test, Global-
Ancova, network topology analysis) with pathway analysis
[25].

3. Results

OS markers in serum of women with endometriosis and
controls are summarized in Table 1. ROS, LPO, and AOPP
were observed to be increased significantly whereas TAC,
SOD, catalase, and GSH levels were significantly less in
endometriosis women as compared to controls. Several
amino acids, organic acids, and other molecules were
identified in serum using 1H NMR metabolic profiling.
A representative metabolic fingerprint of serum from

women with endometriosis is shown in Supplementary
Figure 1 in Supplementary Materials available online at
http://dx.doi.org/10.1155/2013/329058. Exploratory PCA of
identified metabolites was employed to detect intrinsic clus-
tering and possible outliers. Figure 1(a) depicting PC1 versus
PC2 scores scatter plot shows a trend for unsupervised sepa-
ration between endometriosis and controls. PLS-DA further
maximized the group separation (Figure 1(b)). Leave one out
cross-validation (LOOCV) was employed from which 𝑄2
and 𝑅2 values (representing the predictive capability and the
explained variance, resp.) were extracted. The model with 𝑅2
close to 0.83 and 𝑄2 well above 0.82 showed a very good
predictive ability. To better assess the predictive ability of
the PLS-DA classification model, MCCV was applied as dis-
cussed in Section 2. Sensitivity (percentage of endometriosis
samples correctly classified as true positives) and specificity
(percentage of control samples correctly classified as true
negatives) of the PLS-DA model were found to be 100% and
91.67%, respectively, with a classification rate (total number
of samples correctly classified) of 95.83%. Area under the
ROC curve (Figure 1(c)) was found to be 0.99, denoting high
predictive accuracy of the model. Further, model validation
relied on permutation analysis. The analysis was performed
only for the best model. If the performance score of the
original data lies outside the distribution, then the result
is significant. Using 1000 permutation tests, the 𝑃 value is
reported as 𝑃 ≤ 0.001, denoting that none of the results
are better than the original one (Figure 1(d)). The further
away from the plot origin a variable lies, the stronger impact
the variable has on the model. From PLS-DA loading plot,
metabolites with higher loadings were identified (Supple-
mentary Figure 2). On comparing the loading and scores plot,
it becomes evident that lactate, 2-hydroxybutyrate, succinate,
lysine, glycerophosphocholine, citric acid, pyruvate, adipic
acid and lipids are overexpressed in endometriosis whereas
isoleucine, arginine, asparagine, glucose, creatine, alanine,
leucine and fatty acid have higher expression in controls.
Signals with high VIP values (Supplementary Figure 3) are
considered to be significant and therefore validated using 𝑡-
test (Table 2). With pattern recognition analysis of profiles
of metabolites, a clear separation between endometriosis
and controls was achieved. As a consequence of dysregu-
lation of specific metabolites, metabolic pathway analysis
was performed using MetaboAnalyst. The affected pathways
(Impact-value ≥ 0.10) in women with endometriosis are
represented in Supplementary Figure 4.

4. Discussion

The present study is an attempt to measure levels of various
OS parameters in serum of endometriosis patients and
identify differently expressed metabolites using 1H-NMR
based targeted profiling to have an improved understanding
of the disease pathophysiology.

Several studies have reported ROS concentration to be
higher in women with endometriosis [6, 26] which is in
agreement with our findings. Endometriosis has also been
associated with significantly higher levels of lipid peroxide-
modified rabbit serum albumin, malondialdehyde-modified
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Table 1: Levels of oxidative stress parameters in endometriosis and controls.

Parameters Endometriosis (𝑛 = 60) Controls (𝑛 = 60) 𝑃 value
ROS (cps) 129.5 ± 1.9 73.84 ± 1.7 𝑃 ≤ 0.001

LPO (𝜇MMDA) 1.366 ± 0.04372 1.014 ± 0.03146 𝑃 ≤ 0.001

TAC (𝜇M Trolox equivalent) 733.6 ± 4.989 936.3 ± 4.141 𝑃 ≤ 0.001

SOD (units/mL) 23.19 ± 0.43 39.23 ± 0.48 𝑃 ≤ 0.001

Catalase (nmol/min/mg) 30.63 ± 0.7389 49.09 ± 1.148 𝑃 ≤ 0.001

GSH (𝜇mol/mL) 3.06 ± 0.06898 7.01 ± 0.08175 𝑃 ≤ 0.001

AOPP (𝜇mol/L) 155.1 ± 4.250 90.60 ± 3.445 𝑃 ≤ 0.001

Mean ± SEM.
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Figure 1: Scores scatter plot of (a) PC1 versus PC2 and (b) component 1 versus component 2 resulting from PCA and PLS-DA, respectively,
applied to 1H NMR spectra of serum of endometriosis patients (black diamond) and controls (white diamond). Validation of the PLS-DA
model was performed by (c) receiver operating characteristic (ROC) analysis where area under the curve (AUC) was found to be 0.99 (d)
Permutation test statistics at 1000 permutations with observed statistic at 𝑃 < 0.001.

low-density lipoprotein, and oxidized low-density lipopro-
tein as measured in serum and compared to tubal ligation
cases [27]. Furthermore, lipid peroxide concentrations have
been reported to be highest in women with endometriosis
indicating the involvement of ROS in the development of

the disease [9]. These observations support the results of
the present study where significant increase in LPO levels in
endometriosis women is observed.

Catalase, SOD and GSH are utilized to keep ROS in
check. It is thus imperative that lower levels of these enzymes
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Figure 2: Figure depicting the role of metabolites in generation of free radicals. Lower levels of glucose along with elevated levels of pyruvate,
citrate, and succinate indicate enhanced glucose metabolism along with impaired mitochondrial respiration. I, II, and III represent complex
I, II, and III, respectively, of electron transport chain. Complex I and III are the primary sites of free radical generation. Elevated levels of
succinate indicate complex III to be the most probable site for ROS generation in endometriosis.These free radicals are further removed from
the system by various ROS scavengers such as SOD and catalase. An imbalance in the rate of formation and removal of free radicals results
in oxidative stress. In endometriosis, lower levels of these enzymes lead to continued prevalence of oxidative stress.

Table 2: Main serummetabolites contributing towards discrimina-
tion between endometriosis and controls.

Metabolites 𝛿 1H (ppm) Fold changes
(relative to controls)

Glucose 3.26 0.26
Alanine 1.5 0.32
Creatine 3.06 0.13
2-hydroxybutyrate 3.96 1.55
Lactate 4.11 1.92
L-lysine 3.04 1.72
Pyruvate 2.47 1.58
Succinic acid 2.39 1.48
Adipic acid 1.54 1.61
L-leucine 0.99 0.51
Citric acid 2.54 1.67
L-iso leucine 1.03 0.82
Glycerophosphocholine 3.66 1.85
L-asparagine 2.84 0.41
L-arginine 1.64 0.94

would indicate increased ROS production which is evi-
denced by the findings of the present study (Table 1). A
significant decrease in TAC level in endometriosis women
was also observed in the present study (Table 1). This is in
accordance with the findings of Szczepańska and coworkers
who have documented that mean activity of SOD and total

antioxidant status are lowest among infertile patients with
endometriosis [9]. Ota et al. reported a higher expression
of SOD in endometrial tissues of endometriotic women as
compared to controls by immunohistochemistry, which is a
semiquantitative method [28]. On the contrary, Szczepańska
et al. observed reduced SOD level in peritoneal fluid in
endometriosis as compared to controls using quantitative
spectrophotometric assay [9]. This is in accordance with our
present study, where reduced SOD level were observed in
serum of endometriotic women. From the present study,
OS condition is indicated in endometriosis, as evidenced by
lower expression of TAC, SOD, GSH, catalase, and higher
ROS generation.

Protein cross-linking products formed due to oxidation
of amino acids by ROS in the plasma are designated as AOPP
[29]. AOPP are formedduringOSby the action of chlorinated
oxidants, mainly hypochlorous acid and chloramines [30].
AOPP are predominantly aggregates of albumin damaged by
OS [29]. Increased levels of AOPP in endometriosis observed
in the present study are in agreement with increased OS
reported in these women.

Multivariate analysis of the identified NMR spectra
clearly distinguishes endometriosis cases from the controls.
On plotting PC1 (29.0%) × PC2 (18.2%), the plots for
endometriosis are observed to lie in a principal component
plane which is significantly different from the plane where
plots for controls are clustered (Figure 1(a)). As evidenced
in Figure 1(b), PLS-DA shows statistically significant sepa-
ration between endometriosis and control cases. Our values
corresponding to 𝑅2 and 𝑄2 close to 0.8 indicate that the
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model is valid and can predict better than chance. Sensitivity,
specificity and classification rates of 100%, 91.67%, and
95.83%, respectively, further validate the model robustness.
Also, permutation test statistics result (𝑃 < 0.001) validates
the predictive ability of the real model. Metabolites with high
VIP scores including lactate, L-alanine, glycerophosphol-
choline, glucose, L-leucine, L-lysine, creatine, L-arginine,
succinic acid, adipic acid, lipid, pyruvate, 2-hydroxybutyrate,
L-isoleucine, L-asparagine, and citric acid were considered as
significant.

The tripeptide glutathione is reported to be critical in
the detoxification of ROS [31]. Glutathione is considered as
one of the most abundant antioxidants present in cells [32,
33]. Reduced glutathione donates electron to ROS and gets
oxidized, thus helping in scavenging unstable ROS. Increased
GSSG/GSH ratio is indicative of OS [34].This is in agreement
with our results which indicate a significant decrease in
GSH. Ophthalmate has been indicated as a biomarker of
OS as insufficient levels of GSH results in ophthalmate
synthesis [35]. 2-hydroxybutyrate is released as a by-product
during ophthalmate synthesis. Metabolite profiling of serum
revealed increased levels of 2-hydroxybutyrate which further
support the prevalence of OS in endometriosis. Unlike ROS
detoxifying agents like SODand catalase that only decompose
ROS without having an impact on their production, the
TCA cycle can regulate both, their formation and decom-
position [35]. Glucose levels were found to be significantly
less in endometriosis as compared to controls. Increased
metabolism of glucose in conjunction with up-regulation of
pyruvate suggests enhanced glycolysis in these women. It is
well known that all aerobic organisms rely predominantly on
the TCA cycle to generate NADH and FADH2 from acetyl
CoA for the synthesis of ATP during oxidative phosphory-
lation. Other than the production of ATP, mitochondria are
also involved in the cell’s response to OS. Several steps in the
path of oxygen reduction in mitochondria have the potential
to produce highly reactive free radicals that can damage cells.
0.1%–4% of the O

2

used by actively respiring mitochondria
forms ∙O

2

− which can have lethal effects on a cell unless
the free radical is quickly disposed of. In the present study,
in conjunction with increased glucose metabolism, citrate
and succinate, two TCA cycle intermediate products, were
also found to be elevated in endometriosis patients. These
data support the notion that a possible defect is associated
with the mitochondrial respiratory system with an increased
probability of ROS generation from the ETC. A probable
hypothesis summarizing the possible route of free radical
generation in endometriosis patients is depicted in Figure 2.
While in normal cells various antioxidants dispose of ROS
from the system, insufficient levels of SOD and catalase in
endometriosis are indicative of inefficient scavenging effect
leading to a continued prevalence of ROS in the system.

Leucine and isoleucine are essential amino acids. Leucine
catabolism terminates at acetyl CoA whereas isoleucine gives
rise to acetyl CoA and propionyl CoA. Moreover, acetyl CoA
provides the carbon atoms of its acetyl group to the TCA
cycle for energy production. Decreased serum levels of both
leucine and isoleucine indicate enhanced catabolism of these
amino acids leading to elevated TCA cycle intermediates.

Adipic acid is a byproduct of LPO which is nonenzymati-
cally mediated by ROS. NMR metabonomic data indicating
a significant decrease in lipid and increase in adipic acid
levels supported by the higher levels of LPO estimated
biochemically reconfirms the involvement of OS. L-lysine is
an essential amino acid which is known to reduce OS [35].
Since lysine uses the same intracellular transporter system as
arginine, hence lysine competeswith arginine for its transport
within the cells. Elevated lysine and lower arginine levels
in serum of women in endometriosis may be attributed to
increased uptake of arginine by the cells.

Glycerophosphocholine (GPC) plays a pivotal role as an
osmotic pressure regulator and metabolic antitoxin. It is a
major reservoir for cell membrane omega-3 phospholipids,
the major building blocks for cell membranes. It helps in
supporting membrane fluidity, enabling membrane proteins
to perform with better efficiency. Under OS condition, GPC
is reported to get oxidized [36] and reduced GPC levels
in serum may lead to reduced cell membrane fluidity and
efficiency.

Asparaginase is an enzyme which converts asparagine
into ammonia and aspartate. Aspartate transaminates to
oxaloacetate, which follows the gluconeogenic pathway to
form glucose. Lower serum levels of gluconeogenic amino
acids including asparagine and alanine in endometriosis may
be due to its increased utilization as a major gluconeogenic
precursor, to meet the high glucose uptake and demand by
fast growing endometrial cells outside the uterus.

5. Conclusion

This is the first attempt to identify the potential causes
of ROS generation in women with endometriosis. NMR
based targeted metabolic profiling method was used for this
purpose. The preliminary findings suggest increased glucose
metabolism and defects in the mitochondrial respiratory
system to be possible sources of excessive ROS generation in
these women. It may be argued that these preliminary results
are not reliable enough to functionally associate OS with
metabolite pathways. Follow-up laboratory efforts leading to
experimental validation targeted specifically to the predicted
pathway are, therefore, necessary.

6. Limitation

Multivariate statistical analysis is useful in providing asso-
ciation between multiple risk factors and disease condition.
It was, therefore, used to identify the potential causes of
ROS generation in endometriosis cases. However, these
preliminary results require further validation to functionally
associate OS with the proposed metabolite pathway.

Abbreviations

OS: Oxidative stress
ROS: Reactive oxygen species
LPO: Lipid peroxidation
OD: Optical density
TBA: 3-(methyl thio)butyric acid



8 BioMed Research International

MDA: Malondialdehyde
TAC: Total antioxidant capacity
HRP: Horseradish peroxidase
SOD: Superoxide dismutase
GPC: Glycerophosphocholine
GSH: Glutathione
AOPP: Advanced oxidation protein products
NMR: Nuclear magnetic resonance
D
2

O: Heavy water.

Conflict of Interests

Authors have no conflict of interests.

Authors’ Contribution

Saikat K. Jana and Koel Chaudhury conceived and designed
the experiments. Saikat K. Jana, Mainak Dutta, and Mamata
Joshi performed the experiments. Saikat K. Jana and Mainak
Dutta analyzed the data. Koel Chaudhury and Sudha Sri-
vastava contributed in providing reagents/materials/analysis
tools. Baidyanath Chakravarty and Saikat K. Jana contributed
in patient selection and sample collection. Saikat K. Jana,
Mainak Dutta, and Koel Chaudhury drafted the paper. The
authors Saikat K. Jana and Mainak Dutta have contributed
equally to the work and may be considered as joint first
authors.

Acknowledgments

The authors would like to acknowledge Department of Sci-
ence and Technology, Government of India, India (research
project SR/SO/HS-0022/2008) for funding. The authors are
grateful to all the volunteers who participated in this study,
as well as to Shanawaz Yasmin from IRM, Kolkata and
IIT Kharagpur, respectively, for helping in the collection
of samples. The facilities provided by the National Facility
for High Field NMR located at TIFR and supported by
the Department of Science and Technology (DST) are also
gratefully acknowledged.

References

[1] S. Mittal, “Endometriosis-clinical perspectives,” in Proceedings
of the INDO—US Workshop on Microarray in Endometriosis:
Clinics to Research Laboratory, All India Institute of Medical
Sciences, New Delhi, India, 2009.

[2] L. C. Giudice and L. C. Kao, “Endometriosis,” The Lancet, vol.
364, no. 9447, pp. 1789–1799, 2004.

[3] M. Dutta, M. Joshi, S. Srivastava, I. Lodh, B. Chakravarty,
and K. Chaudhury, “A metabonomics approach as a means
for identification of potential biomarkers for early diagnosis
of endometriosis,” Molecular BioSystems, vol. 8, pp. 3281–3287,
2012.

[4] K. Arumugam and Y. C. Y. Dip, “Endometriosis and infertility:
the role of exogenous lipid peroxides in the peritoneal fluid,”
Fertility and Sterility, vol. 63, no. 1, pp. 198–199, 1995.

[5] H.-N. Ho, M.-Y. Wu, S.-U. Chen, K.-H. Chao, C.-D. Chen, and
Y.-S. Yang, “Total antioxidant status and nitric oxide do not

increase in peritoneal fluids from women with endometriosis,”
Human Reproduction, vol. 12, no. 12, pp. 2810–2815, 1997.

[6] Y.Wang, J. Goldberg, R. K. Sharma, A. Agarwal, and T. Falcone,
“Importance of reactive oxygen species in the peritoneal fluid
of women with endometriosis or idiopathic infertility,” Fertility
and Sterility, vol. 68, no. 5, pp. 826–830, 1997.

[7] A. A. Murphy, N. Santanam, and S. Parthasarathy, “Endomet-
riosis: a disease of oxidative stress?” Seminars in Reproductive
Endocrinology, vol. 16, no. 4, pp. 263–273, 1998.

[8] A. Agarwal, A. Aponte-Mellado, B. J. Premkumar, A. Shaman,
and S. Gupta, “The effects of oxidative stress on female repro-
duction: a review,” Reproductive Biology and Endocrinology, vol.
10, article 49, 2012.
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TheDNAmismatch repair (MMR) and base excision repair (BER) systems are important determinants of cellular toxicity following
exposure to agents that cause oxidative DNA damage. To examine the interactions between these different repair systems, we
examined whether toxicity, induced by t-BOOH and KBrO

3

, differs in BER proficient (Mpg+/+, Nth1+/+) and deficient (Mpg−/−,
Nth1−/−) mouse embryonic fibroblasts (MEFs) following Msh2 knockdown of between 79 and 88% using an shRNA expression
vector. Msh2 knockdown in Nth1+/+ cells had no effect on t-BOOH and KBrO

3

induced toxicity as assessed by an MTT assay;
knockdown inNth1−/− cells resulted in increased resistance to t-BOOH andKBrO

3

, a result consistent with Nth1 removing oxidised
pyrimidines. Msh2 knockdown in Mpg+/+ cells had no effect on t-BOOH toxicity but increased resistance to KBrO

3

; in Mpg−/−
cells, Msh2 knockdown increased cellular sensitivity to KBrO

3

but increased resistance to t-BOOH, suggesting a role for Mpg in
removing DNA damage induced by these agents. MSH2 dependent and independent pathways then determine cellular toxicity
induced by oxidising agents. A complex interaction betweenMMR and BER repair systems, that is, exposure dependent, also exists
to determine cellular toxicity.

1. Introduction

Reactive oxygen species (ROS) can induce a wide range
of DNA base lesions [1], and different ROS can modify
DNA in different ways [2]. Furthermore, given that the
biological potency of only a minority of these lesions has
been characterised, the precise role, if any, of an individual
lesion in inducing toxicity can be unclear. 8-oxoguanine (8-
oxoG) is one of the most studied lesions, being formed in
high amounts in DNA by ROS, and is potentially mutagenic
[3]. 8-oxoG is formed upon exposure to a wide range
of agents including hydrogen peroxide (H

2

O
2

; [4]), tert-
butyl-hydroperoxide (t-BOOH; [5]), and potassium bromate
(KBrO

3

; [6]), though other DNA base modifications will also
be formed [6, 7].

ROS induced damage can be repaired by a number of
different DNA repair systems including those involving base

excision repair (BER; [8]) and mismatch repair (MMR: [9]).
BER of oxidative base damage is initiated by the action of a
number of different DNA glycosylases that can excise a spec-
trum of different oxidised DNA lesions. NTH1, for example,
removes oxidised pyrimidines as well as 2,6-diamino-4-
hydroxy-5-formamidopyrimidine (FapyG) and 4,6-diamino-
5-formamidopyrimidine (FapyA: [10, 11]). Loss of hNTH1
increases levels of FapyG and FapyA [11] as well as sensitivity
to 𝛾-rays and H

2

O
2

[12]. In human cells, MMR is initiated
through the binding of a heterodimer of hMSH2 with either
hMSH6 (hMutS𝛼) or hMSH3 (hMutS𝛽) to the site of the
mismatch or base insertion/deletion [13]. Loss of hMSH2
results in an increase in steady state levels of 8-oxoG [14, 15]
and increased levels following exposure to H

2

O
2

[14, 16],
methotrexate [17], or ionising radiation [18]. Loss of hMSH2
can also increase other forms of oxidative damage such as
8-oxoadenine and thymine glycol or clustered DNA
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base lesions following treatment with ionising radiation
[18, 19].

Though, Msh2−/− cells can show a strong mutator phe-
notype (e.g., at the hprt gene [20]) and have an increased
mutation frequency after treatment, for example, with ion-
ising radiation [18], the effects of MSH2 deficiency appear to
be cell specific. Thus, there was no evidence of an increased
mutation rate or microsatellite instability inMsh2−/− murine
embryonic fibroblast (MEF) clones overexpressing hNOX1,
despite an increased level of 8-oxodG [16]. Initially, it was
also reported thatMsh2−/− cells have an increased resistance
to the toxic effects of ionising radiation [18, 19] especially at
low doses [18], though subsequent work suggests that MMR
is not involved in ionising radiation induced cell death [21].
MMR sensitisation may arise through futile cycling of DNA
damage or indirectly by generating signals that drive cell
fate pathways [18]. However, increased resistance following
MSH2 loss is not universally described as it has been reported
that methotrexate and H

2

O
2

treatment resulted in increased
sensitivity in clonogenic assays using tumour cells lacking
MSH2 [17].

Hence, there are a number of unresolved issues regarding
the role ofMSH2 in removing oxidativeDNAdamage. Firstly,
the effects of MSH2 deficiency appear cell specific for as
yet unknown reasons but could include the relative levels of
other DNA repair proteins involved in removing oxidative
DNA damage. Secondly, although it has been reported that
MSH2 has broad substrate specificity, there is a relative lack of
information regarding the effects of MSH2 deficiency in cells
treated with differing forms of oxidative stress. To address
these issues, we have investigated the effects of MSH2 on
toxicity induced by KBrO

3

and t-BOOH, in cells proficient
and deficient in BER proteins that either remove oxidative
DNA damage (NTH1) or alkylated DNA or DNA damaged
by lipid peroxidation products (MPG).

2. Methods

2.1. Cells. BER proficient (Mpg+/+, Nth1+/+) and deficient
MEF cell lines (Mpg−/−, Nth1−/−) were used as the parental
cells for gene silencing [22]. All cells were grown in DMEM-
F12 supplemented with 10% fetal bovine serum, 2mM
L-glutamine, and 0.12% sodium bicarbonate, at 37∘C in a
5% CO

2

and 3% O
2

humidified atmosphere. Stable Msh2
knockdown cell lines were generated by transfection of
the parental cell lines with an shRNA expression vector
(pshRNA) containing oligonucleotide inserts specifically
designed to knockdown Msh2 expression. These were
5-GATGAACTTTGAGTCTTTCG-3 (Msh2283,[22]). A
pshRNA vector containing no target sequence was used as a
control.

2.2. Determination of Msh2 Expression Levels. Msh2
expression levels in individual clones were determined
by quantitative real-time PCR using a standard curve
generated using varying amounts of cDNA from a
nontransfected, parental cell line [22]. Total RNA
was extracted from confluent cell pellets using an

RNeasy Mini Kit (Qiagen), purified by treatment with
RNase-free DNase (Promega), and first strand cDNA
was synthesised using AMV-reverse transcriptase
(Promega). Oligonucleotide sequences used were 5-
TCTTCTTCTGGTTCGCCAGT-3 (Msh2 forward primer),
5-TGATCATTCTCGGGGAACTC-3 (Msh2 reverse
primer); 5-AACTTTGGCATTGTGGAAGG-3 (Gapdh
forward primer), 5-ACACATTGGGGGTAGGAACA-3
(Gapdh reverse primer); Actin forward primer, 5-TGT-
TACCAACTGGGACGACA-3, Actin reverse primer: 5-
GGGGTGTTGAAGGTCTCAAA-3. The real-time PCR
reaction was performed using the following protocol: 1 cycle
of 95∘C for 10min, 40 cycles of 95∘C for 15 s, 57∘C for 15 s, and
72∘C for 30 s followed by a fluorescence reading and 1 cycle
of 72∘C for 1min. Finally, a fluorescence reading was taken
every 0.2∘C between 75∘C and 92∘C to ensure the presence
of a single PCR product. Msh2 expression in each sample
was normalized to the housekeeping gene (Gapdh or actin)
expression. Finally, the fold change in the target gene of the
sample was expressed as a ratio compared to the target gene
expression in the empty vector control.

2.3. Western Blot Analysis of MSH2 Protein Levels. Western
blot analysis was carried out as described previously [22].
Briefly, proteins obtained from extracts of the cell lines were
separated by SDS-PAGE, electrophoretically transferred to
nitrocellulose membranes and the membranes blocked with
nonfat milk (Marvel) prior to incubation with anti-MSH2
(1 : 2000 dilution, Abcam). HRP-conjugated secondary anti-
bodies (Dako) and the SuperSignal West Dura detection
system (Pierce) were used to detect proteins of interest. To
ensure equal loading of proteins, themembranewas reprobed
with a primary antibody (1 : 4000) against a housekeeping
gene or loading control (Gapdh, actin, or 𝛼-tubulin; Abcam).

2.4. MTT Cytotoxicity Assay. MEFs (typically 500 cells)
were plated in a 96-well tissue culture plate, treated with t-
BOOH (0.1mM) and KBrO

3

(0–2mM) for 72 h, and then 3-
(4,5-dimethylthiazol-2-yl)-2,5-diphenyltetrazolium bromide
(MTT) was added, and incubation continued for a further 3 h
[22].Themediumwas removed, and the cells were lysed with
DMSO. Formazan formation was determined by absorbance
at 590 nm, and the background correction was measured at
690 nm.The number of surviving cells at each concentration
was calculated as a percentage of the absorbance from
untreated control cells. Results are presented asmeans± SEM.

2.5. Clonogenic Survival Assay. The clonogenic survival assay
was carried out as described previously [22]. Briefly MEFs
(typically 250 cells/well) were plated in a 6-well tissue culture
plate, treated every 3-4 days with t-BOOH (0–15 𝜇M) or
KBrO

3

(0–250𝜇M) for 2-3 weeks until cell colonies of greater
than 50 cells could be seen in the control wells. After
staining with crystal violet, cell colonies (nucleus of >50
cells) were counted under a microscope. Clonogenic survival
was calculated as the number of colonies observed after
treatment divided by the number of cells initially plated after
adjustment for the survival fraction (viz., the number of
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Figure 1:Msh2 silencing in Nth1+/+ cells. (a) Real-time data analysis forMsh2 gene expression in Nth1+/+ clones identified by screening. The
data is an average of two real-time PCR reactions (each in triplicate) and analyzed using either Actin or Gapdh as the reference gene. (b)
Western blot analysis for MSH2 and Gapdh protein expression using whole cell extracts. E is the empty vector control and M1, M2, M3, M6,
andM12 are different clones. (c)Quantification of theWestern blot band intensity and the data expressed as a percentage of the pshRNAEmpty
cell extract. The second blue column marked (−) is Nth1+/+ cells.

colonies observed without treatment divided by the number
of cells plated). Results are presented as means ± SEM.

2.6. Statistical Analysis. Data was analyzed by repeated mea-
sures ANOVA using STATA 8. Linear regression was used to
examine the relationship between treatment and cell line with
the untreated cell line transfected with pshRNAEmpty used
as the reference.The date the experiment was performed was
included in the linear regression model.

3. Results

3.1. Msh2 Expression. The pshRNAMsh2283 vector was used
to transfect MEFs, and a reduction in Msh2 expression was
observed, using either Gapdh or Actin as the reference genes
when compared to the empty vector control as shown in

Figure 1 for Nth1+/+ MEFs. Different clones were isolated
from Mpg+/+, Mpg−/−, Nth1+/+, and Nth1−/− MEFs, and cell
lines chosen for the cytotoxic assays (Mpg+/+ clone 9, Mpg−/−

clone 1Nth1+/+ clone 2, andNth1−/− clone 1) all had high levels
of MSH2 knockdown as estimated by either real-time PCR
(mean 84 ± 4% range 79–88%) or western analysis (mean
76 ± 4% range 73–80%).

3.2. Treatment with t-BOOH. Msh2 knockdown in Nth1+/+
cells had little effect on cellular resistance to t-BOOH as
assessed by the MTT assay (Figure 2(a)), but there was
evidence of increased resistance using the clonogenic assay
(Figure 2(b)). In Nth1−/− MEFs, Msh2 knockdown increased
resistance as assessed by the MTT assay (Figure 2(c)) but not
the clonogenic assay (Figure 2(d)).
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Figure 2: MTT and clonogenic survival curves for t-BOOH treatment of Nth1+/+ and Nth1−/− MEFs with and without reduced Msh2
expression. MTT (a) and clonogenic survival (b) curves forNth1+/+ + pshRNAMsh2283, clone 2 (88%Msh2 gene silencing; black square) and
Nth1+/+ + pshRNA empty (grey square) treated with t-BOOH. MTT (c) and clonogenic survival (d) curves for Nth1−/− + pshRNAMsh2283,
clone 1 (85% Msh2 gene silencing; solid square), or Nth1−/− + pshRNA empty (grey square) treated with t-BOOH. Results are expressed as
mean ± SEM; ∗𝑃 < 0.05, ∗∗𝑃 < 0.01, and ∗∗∗𝑃 < 0.001.

Reduction in Msh2 expression in Mpg+/+ cells had
little on cellular sensitivity to t-BOOH using either the
MTT (Figure 3(a)) or clonogenic assay (Figure 3(b)), whereas
in Mpg−/− cells, Msh2 knockdown increased resistance in
the MTT assay (Figure 3(c)) but not the clonogenic assay
(Figure 3(d)).

3.3. Treatment with KBrO
3

. Reduction inMsh2 gene expres-
sion in Nth1+/+ MEFs did not alter KBrO

3

toxicity (Figures
4(a) and 4(b)) but resulted in increased resistance in Nth1−/−
MEFs using both the MTT (Figure 4(c)) and clonogenic
(Figure 4(d)) assays. Decreased MSH2 expression inMpg+/+
cells resulted in increased resistance as assessed using the
MTT (Figure 5(a)) and the clonogenic assay (Figure 5(b))

whereas such reduction decreased resistance inMpg−/− cells
using the MTT assay (Figure 5(c)) but not the clonogenic
assay (Figure 5(d)).

4. Discussion

Results of this study reveal a complex interaction between
oxidative DNA damage, MSH2 function, and the activity of
NTH1 and MPG that helps to determine cellular toxicity.
Interestingly, results suggest that, whilst the presence or
absence of NTH1 activity can influence MSH2 dependent
toxicity induced by ROS (which is predictable as NTH1
removes oxidative DNA base lesions [10]), loss of MPG
activity also reveals toxicity, that is, MSH2, and exposure
dependent implying MSH2 also acts upon MPG substrate
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Figure 3: MTT and clonogenic survival curves for t-BOOH treatment of Mpg+/+ and Mpg−/− MEFs with and without reduced Msh2
expression. MTT (a) and clonogenic survival (b) curves for Mpg+/+ + pshRNAMsh2283, clone 9 (85% Msh2 gene silencing; black square),
or Mpg+/+ + pshRNA empty (grey square) cells treated with t-BOOH. MTT (c) and clonogenic survival (d) curves for Mpg−/− +
pshRNAMsh2283, clone 1 (79% Msh2 gene silencing; solid square), or Mpg−/− + pshRNA empty (grey square) cells treated with t-BOOH.
Results are expressed as mean ± SEM; ∗𝑃 < 0.05, ∗∗𝑃 < 0.01, and ∗∗∗𝑃 < 0.001.

lesions. Loss ofMSH2 typically results in increased resistance
to DNA damaging agents, and our results are in general
consistent with this model (Table 1). However, loss of MSH2
in Mpg−/− MEFs resulted in increased sensitivity to KBrO

3

consistent with previously published data reporting that cells
lacking MSH2 are more sensitive to methotrexate [17] or
cytarabine and similar nucleoside analogs [23].

These results also provide a demonstration of bothMSH2
dependent and independent toxicity pathways. In Nth1+/+
cells, there was little evidence for MSH2 dependent pathways
as MSH2 deficiency has no effect either on t-BOOH and
KBrO

3

toxicity (Table 1). However, inNth1−/− cells, there was
an MSH2 dependent pathway that acts on DNA damage,
presumably oxidised pyrimidines induced by both t-BOOH
and KBrO

3

. Similarly, MLH1 deficient cells are more resistant
to t-BOOH than MLH1 proficient cells although the same
level of DNA damage was observed in both cell lines [24].

Table 1: Changes in resistancea to t-BOOH and KBrO3 in cell lines
as a result of Msh2 knockdown in Nth1+/+, Nth1−/−, Mpg+/+, and
Mpg−/− MEFs.

Cell line %Msh2 gene
silencing

t-BOOH KBrO3

MTT Clonogenic MTT Clonogenic
Nth1+/+ 88% — ∼↑

‡ — —
Nth1−/− 85% ↑

∗∗∗ — ↑
∗∗∗

↑
∗

Mpg+/+ 85% — — ↑
∗∗∗

↑
∗

Mpg−/− 79% ↑
∗∗∗ — ↓

∗∗ —
aAssessed by MTT and clonogenic assays.
∗

𝑃 ≤ 0.05; ∗∗𝑃 ≤ 0.01; ∗∗∗𝑃 ≤ 0.001; ‡𝑃 = 0.06.

In Mpg+/+ cells, there was an MSH2 dependent pathway for
KBrO

3

but not t-BOOH induced toxicity (Table 1). Interest-
ingly, Msh2 knockdown inMpg−/− cells increased resistance
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Figure 4:MTT and clonogenic survival curves for KBrO
3

treatment ofNth1+/+ andNth1−/−MEFswith andwithout reducedMsh2 expression.
MTT (a) and clonogenic survival (b) curves for Nth1+/+ + pshRNAMsh2283, clone 2 (88%Msh2 gene silencing; black square), and Nth1+/+ +
pshRNA empty (grey square) treated with KBrO

3

. MTT (c) and clonogenic survival (d) curves for Nth1−/− + pshRNAMsh2283, clone 1 (85%
Msh2 gene silencing; solid square), or Nth1−/− + pshRNA empty (grey square) treated with KBrO

3

.

to t-BOOHbut increased sensitivity toKBrO
3

suggesting that
these agents induce different types (or levels) of adducts.

It is currently unclear why the loss of both MPG and
MSH2 should differently alter the sensitivity to KBrO

3

and
t-BOOH. MPG removes alkyl DNA base products such as 7-
methylguanine and 3-methyladenine [25] and also removes
DNA toxic lesions induced by lipid peroxidation such as
the etheno adduct 1,𝑁6-ethenoadenine [26]. However,MSH2
knockdown in Mpg−/− cells did not alter cellular toxicity
induced by alkylating agents such as temozolomide and
MMS, suggesting that alkyl adducts are not substrates for
MSH2 [22]. Furthermore, alkyl DNA damage is unlikely
to be induced by the agents used in this study. This then
potentially implicates etheno or indeed otherMPG substrates
[27] as lesions that may be recognised by, the MutS homolog,
MSH2 as MutS from Escherichia coli recognises exocyclic

adducts arising from exposure tomalondialdehyde [28]. Both
t-BOOH [29] and KBrO

3

[30] treatments can increase lipid
peroxidation and potentially increase etheno DNA adducts,
so that there does not seem to be a simple correlation
between the persistence or absence of etheno DNA adducts
and cellular response following Msh2 knockdown. However,
this does not rule out the possibility that the different
treatments used result in differing levels of etheno adducts
and/or that KBrO

3

results in a lesion whose persistence is
directly cytotoxic irrespective of MSH2 function, whereas t-
BOOH forms predominantly lesions whose toxicity is MSH2
dependent. The identity of these substrates is unclear.

The extent of Msh2 knockdown in the cell lines used
was between ∼80 and 90%. It is then possible that remain-
ing MSH2 could have been sufficient to accomplish basic
repair tasks, and though the results implicate DNA damage,
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Figure 5:MTT and clonogenic survival curves for KBrO
3

treatment ofMpg+/+ andMpg−/−MEFswith andwithout reducedMsh2 expression.
MTT (a) and clonogenic survival (b) curves forMpg+/+ + pshRNAMsh2283, clone 9 (85%Msh2 gene silencing; black square), or Mpg+/+ +
pshRNA empty (grey square) cells treated with KBrO

3

. MTT (c) and clonogenic survival (d) curves forMpg−/− + pshRNAMsh2283, clone 1
(79%Msh2 gene silencing; solid square), orMpg−/− + pshRNA empty (grey square) cells treated with KBrO

3

. Results are expressed as mean ±
SEM; ∗𝑃 < 0.05, ∗∗𝑃 < 0.01, and ∗∗∗𝑃 < 0.001.

the observed difference in sensitivity to Msh2 knockdown
may then have resulted from other mechanisms [31]. How-
ever, we have already shown that similar residual levels of
MSH2 are not sufficient to prevent knockdown induced
alterations in alkylating agent or 6-thioguanine induced cyto-
toxicity [22]. Other studies have also shown that a decrease in
MSH2 expression of similar magnitude can have functional
effects. For example, transfection of shRNA against Msh2
into CCD34-Lu/hTERT cells resulted in a 35–90% reduction
in MSH2 protein level. Mean telomere shortening rate was
significantly greater in those shMSH2 clones having between
a 50 and 90% reduction in MSH2 protein level [32]. We
cannot rule out, however, that residual MSH2 protein can
be active in the repair of at least some of the types of DNA
damage induced by the oxidising agents used particularly as
the DNA damage induced is not fully characterised.

Differences between clonogenic and MTT assays have
been reported previously [33–35]; these differences are often
compound and cell line specific and have been ascribed
to differences in length of treatment allowing mechanistic
differences between compounds to become apparent [33].
It is also possible that the MTT assay can reflect decreased
mitochondrial function and not necessarily cell death [35].
In this study results for the MTT and clonogenic assays were
consistent in three out of four cell lines following KBrO

3

treatment.However, in contrast to theMTT results, the ability
of the MEFs to proliferate in the presence of t-BOOH was
largely unaffected by both the BER status and Msh2 status.
The increased resistance to t-BOOH in BER deficient cells
seen with the MTT assay was not observed in the clonogenic
assay. It is possible that, in the BER deficient cells, the
reduction in cell cycle arrest is temporary, and, as the cells
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accumulatemore oxidative damage, frompersistent exposure
to t-BOOH, MMR-independent signals are sent for the cells
to undergo apoptosis, such as from single- or double-strand
DNA breaks, or that the damage is repaired by another DNA
repair pathway such as nucleotide excision repair after the
initial recognition by MMR. Therefore, in short-term MTT
experiments a difference can be seen in cell survival, yet the
cells that survive in the short-term are unable to proliferate in
long-term experiments. In support of this, Chinese hamster
B14 cells that survived treatment with t-BOOH were unable
to proliferate after being replenished with freshmedium [29].

5. Conclusions

Results suggest the presence of MSH2 dependent and inde-
pendent pathways to determine cellular toxicity induced by
oxidising agents and a complex interaction between MMR
and BER repair systems in determining cellular toxicity that
is exposure dependent. ADNA repair gene-exposure interac-
tion may then in humans help to determine susceptibility to
ROS induced toxicity.
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In the present investigation, four species of white rot fungi (Pleurotus), that is, P. flabellatus, P. florida, P. ostreatus and P. sajor-
caju were used for decolorization of direct blue 14 (DB14). Among all four species of Pleurotus, P. flabellatus showed the fastest
decolorization in petri plates on different concentration, that is, 200mg/L, 400mg/L, and 600mg/L. All these four species were
also evaluated for extracellular ligninolytic enzymes (laccase and manganese peroxidase) production and it was observed that the
twelve days old culture of P. flabellatus showed the maximum enzymatic activity, that is, 915.7U/mL and 769.2U/mL of laccase
and manganese peroxidase, respectively. Other three Pleurotus species took more time for dye decolorization and exhibited less
enzymatic activities. The rate of decolorization of DB14 dye solution (20mg/L) by crude enzymes isolated from P. flabellatus was
very fast, and it was observed that up to 90.39% dye solution was decolorized in 6 hrs of incubation.

1. Introduction

Azo dyes are the largest class of synthetic dyes used for textile
dyeing, paper printing, and other industrial applications.
During the dyeing process, 5–20% of the used dyestuffs are
released into the processed water [1, 2]. It was estimated
that only textile industries alone generate about 4500 million
kiloliters of wastewaters annually. As these dyes are synthetic,
they contain toxic content in the effluents because partial
degradation of these dyes results in aromatic amines that
are toxic to aquatic life and mutagenic and carcinogenic to
humans [3]. There is a big challenge to remove dye content
from industrial effluents. Various physical, chemical, and
biological methods have been proposed [4] among these,
microbiological and enzymatic decomposition have received
much attention in recent years [5–7]. Although,many reports
are available for dye decolorization and degradation by bac-
teria, the reductive products of dye degradation are generally
aromatic amines which are potentially hazardous to living
organisms [8, 9] and due to larger size of dyes, bacteria are
unable to degrade these dyes efficiently.

White rot fungi degrade lignin because they secrete
oxidoreductases including lignin peroxidase (1,2-bis (3,4-
dimethoxyphenyl) propene-1,3-diol:hydrogen-peroxide-Lip

EC 1.1.1.14), manganese peroxidase (Mn(II):hydrogen-
peroxide oxidoreductase EC 1.11.1.13), and laccase (ben-
zenediol:oxygen reductase EC 1.10.3.2). These enzymes
oxidise in a nonspecific way both phenolic and nonphenolic
lignin derivatives and thus are promising candidates for
the degradation of environmental pollutants, for example,
phenols, anilines, dyes, lignocelluloses [10–14] and highly
recalcitrant compounds such as polychlorinated biphenyls
(PCBs) and polycyclic aromatic hydrocarbons (PAHs) [15].
Biodegradation of several persistent compounds such as
dyes, pesticides and lignin derivatives has been attributed to
the oxidative enzymes, especially laccase [16, 17]. The present
research work is undertaken to evaluate the potentialities of
Pleurotus species for dye decolorization.

2. Materials and Methods

2.1. Cultures and Their Maintenance. The pure cultures of
Pleurotus species, that is, P. flabellatus, P. florida, P. ostreatus,
and P. sajor-caju were obtained from Directorate of Mush-
room Research, Solan (Himachal Pradesh), India. Through-
out the study, culturesweremaintained onMEA (Malt extract
agar) medium at 28∘C and subcultured at the regular interval
of three weeks.
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Figure 1: Decolorization of DB14 by Pleurotus spp.

2.2. Screening of Species for Dye Decolorization. DB14 (direct
blue 14) was used as reference dye for group of azo dye. Inocu-
lums of fourPleurotus spp. (P. flabellatus,P. florida,P. ostreatus
and P. sajor-caju) were inoculated on MEA plate containing
200mg/L, 400mg/L, and 600mg/L of DB14. These plates
were incubated on 28 ± 2∘C.

2.3. Production of Enzymes. Themedium for enzymeproduc-
tion contained 2% wheat bran and 2.5% malt extract, and the
pH was adjusted to 6.0 by using NaOH or HCl. Incubation
was carried out at 28∘C in biological oxygen demand BOD
incubator in cotton-plugged 250mL Erlenmeyer flasks con-
taining 50mL of media. Flasks were inoculated with 1 cm2
agar pieces from actively growing fungus onmalt extract agar
plate.

2.4. Extraction of Extracellular Enzymes. Samples of substrate
were collected at regular interval of 3 days and extracted in
phosphate buffer (pH 6.0) for ligninolytic enzymes. Filtrate
of extraction was used for enzyme assay.

2.5. Enzyme Assay. Laccase activity was determined via the
oxidation of o-methoxyphenol catechol monomethylether
(guaiacol) as substrate. The reaction mixture contained 1mL
of 1mM guaiacol in 0.1M sodium phosphate buffer (pH 6.0)
and 1mL of crude enzyme solution was incubated at 30∘C
for 10min. The oxidation was followed by the increase in
absorbance at 495 nm.One activity unit was defined as 1𝜇mol
of guaiacol oxidised per minute [18].

Manganese peroxidase (MnP) activity was determined
using guaiacol as substrate. The reaction mixture contained
0.2mL of 0.5M Na-tartrate buffer (pH 5.0), 0.1mL of 1mM
MnSO

4

, 0.1mL of 1mMH
2

O
2

, 0.25mL of 1mM guaiacol and
0.3mL of crude enzymes. The oxidation of substrate at 30∘C
was followed spectrophotometrically at (𝐴

465

) [19].

2.6. Decolorization of Synthetic Dye by Crude Enzyme Solu-
tion. Decolorization of the azo dye direct blue 14 was
monitored in a mixture containing 1.4mL DB14 solution
(20mg L−1), 0.2mL 0.5M sodium acetate buffer pH 3.5,
0.2mL crude enzyme, 0.2mL of deionised water, 0.1MH

2

O
2

,
0.1M MnSO

4

or 5.5mM ABTS solutions, at 25 ± 2∘C [20].
Visible spectra were recorded with a UV-visible (Elico-

SL191) spectrophotometer at 𝜆 = 595 nm. The rate of
decolorization was expressed as the percentage decrease
in absorbance at the peak wavelength. Control tests were
conducted with crude enzyme replaced by deionised water.
Experiments were performed in triplicate, and results were
expressed as the mean values.

3. Results and Discussion

All four species of Pleurotus selected in the present work
showed different rate of decolorization of DB14. Among the
four species of Pleurotus, P. flabellatus showed the fastest
decolorization of DB14 followed by P. florida, P. sajor-
caju, and P. ostreatus on 200mg/L of DB14 (Figure 1). P.
flabellatus completely decolorized DB14 within 8 days. P.
flabellatus effectively decolorized the dye at the concentration
of 400mg/L and also at 600mg/L. At 400mg/L concentration
complete decolorization occurred in 10 days and other species
took almost the similar time, but the rate of decolorization
and mycellial growth were better in case of P. flabellatus.
Same results were observed at 600mg/L concentration. The
degrees of decolorization of different dyes such as malachite
green, indigo carmine, xylidine ponceau, Bismarck brown
and methyl orange using the white rot fungus P. ostreatus
were previously evaluated by Neelamegam et al. [21]. This
study demonstrated the potentialities of white rot fungi in
bioremediation of dye contaminated ecosystems.

The time course of laccase andMnP activity was followed
in the wheat bran supplemented liquid media over a period
of 21 days. Initially, it was observed that amongst the four
species of Pleurotus, P. flabellatus showed the highest laccase
activities on all days evaluated, reaching maximum levels of
915.7U/mL in 12 days of culture ofP. flabellatus onwheat bran
containing media. This was followed by P. sajor-caju which
showed maximum laccase activity (608.6U/mL) in 12 days.
Subsequently, P. ostreatus and P. florida showed maximum
laccase activity, that is, 436.3U/mL and 353.3U/mL in 9
days and 21 days, respectively (Figure 2). MnP activities were
detected at levels of up to 769.2U/mL by P. flabellatus in 12
days old culture followed by P. Sajor-caju, P. ostreatus, and P.
florida that is, 407.4U/mL, 241.8U/mL, and 329U/mL on 9,
9, and 15 days old culture, respectively (Figure 3).

Every species showed maximum enzymatic activity on
the 9th day or after the 9th day of incubation, which might
be due to the occurrence of initial lag phase when species try
to establish it in new medium. When cultures are established
in the culture medium, they enter into log phase, and
metabolically this is the most active phase where species
showmaximum enzymatic activity. Cereal bran was reported
to increase ligninolytic enzyme production of the white rot
fungi Coriolopsis gallica and Bjerkandera adusta [22]. In the
beginning of the experiment, on day 3, different Pleurotus



BioMed Research International 3

200

400

600

800

1000

Days

0

P. florida
P. flabellatus

P. ostreatus
P. sajor-caju

0 5 10 15 20 25

La
cc

as
e a

ct
iv

ity
 (U

m
L−

1
m

in
−
1
)

Figure 2: Laccase production by different Pleurotus species in
submerged condition.
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Figure 3: MnP production by different Pleurotus species in sub-
merged condition.

species showed low enzymatic activities.This was followed by
sharp increase up to 12 days in P. flabellatus and P. sajor-caju,
whereas in case P. ostreatus and P. florida it took 9 and 21 days
for laccase. P. flabellatus and P. florida, showed maximum
MnP activities in 12 days whereas P. ostreatus and P. sajor-caju
showed the maximum MnP activities in 9 days, respectively.
Laccase and MnP both are oxidative enzyme and have broad
range of substrate specificity.

Several authors have discussed the role of lignicolous
fungal enzymes in the decolorization of dyes [14, 23, 24].
Crude enzymes obtained from cultures of P. flabellatus on
wheat bran containing malt extract media were tested for
decolorization of DB14. Figure 4 shows the percent decol-
orization during various periods. The decolorization of the
dye using crude enzyme was 46.49% in the first hour,
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Figure 4: Decolorization of DB14 by crude extracellular enzymes of
P. flabellatus.

in present investigation. 90.39% DB14 decolorization was
reported in 6 hrs at room temperature (30∘C).

The laccase [16] and MnP [25] play a major role in
complete oxidation of DB14. It was observed that laccase
and peroxidases can act as starters of a chain reaction which
leads to dye degradation by generating highly active free
radicals (e.g., Mn3+, lipid, hydroxyl, and peroxy-radicals)
[26, 27]. According to Meyer [28], because of the structural
variety of azo dyes, they are not uniformly susceptible to
biodegradation. It was demonstrated that substituent groups
such as nitro and sulpho are frequently recalcitrant to
biodegradation, whereas 2-methyl, 2-methoxy, 2,6-dimethyl
and 2,6-dimethoxy-substituted 4-(4-sulfophenylazo)-phenol
were preferred for azo-dye degradation by peroxidase from
Streptomyces spp. and Phanerochaete chrysosporium [29].The
breaking down of the dye into smaller fragments, including
the breakage of the azo bond, can lead to a decrease in the
absorbance of the visible spectra and in a colorless solution
[30].

4. Conclusion

The present investigation suggests that the white rot fungus
Pleurotus flabellatus can be used in bioremediation of dye-
contaminated ecosystems. This is because of the presence
of powerful enzymatic machinery which can effectively
degrade the recalcitrant and toxic dyes. Out of four species
investigated, P. flabellatus showed the maximum enzymatic
activity. Extracellular enzymes extracted from 12 days old
culture of P. flabellatus decolorized the DB14 to maximum
extent. For better enzyme production the wheat bran can be
used as supplement in liquidmedia.Decolorized effluent after
enzymatic treatment can be reused by industries and also in
agriculture.

Abbreviations

DB14: Direct blue 14
MnP: Manganese peroxidase
hrs: Hours.
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Ciudad Universitaria, IMBIV-CONICET, 5000 Córdoba, Argentina
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The present study was undertaken to explore the interaction of ciprofloxacin and chloramphenicol with bacterial membranes in
a sensitive and in a resistant strains of Staphylococcus aureus by using 1-anilino-8-naphthalene sulfonate (ANS). The binding of
this probe to the cell membrane depends on the surface potential, which modulates the binding constant to the membrane. We
observed that these antibiotics interacted with the bilayer, thus affecting the electrostatic surface potential. Alterations caused by
antibiotics on the surface of the bacteria were accompanied by a reduction in the number of binding sites and an increase in the
ANS dissociation constant in the sensitive strain, whereas in the ciprofloxacin-resistant strain no significant changes were detected.
The changes seen in the electrostatic surface potential generated in themembrane of S. aureus by the antibiotics provide new aspects
concerning their action on the bacterial cell.

1. Introduction

The plasmatic membrane is a chemoosmotic barrier that
provides an interface between the organism and the envi-
ronment. This bilayer presents an electrochemical potential
(negative in the interior) which plays a basic role in the con-
trol of the exchange of solutes. Disturbances in themembrane
potential can provide a rapid and sensitive indication of those
stimuli that lead to physiological functionally important
changes with respect to bacterial viability [1].

Fluorescent molecules have been extensively used as
probes of biological membranes. These hydrophobic and
amphiphilic probes are associated with membranes when
added to cells or artificial systems, and their resultant fluo-
rescence properties can be used to monitor a variety of mem-
brane characteristics. In general, the addition of effectors
results in the deenergization of cells, which leads to increased
fluorescence from the probes present in the cell suspension,
such as negatively charged 8-anilino-1-naphthalenesulfonate
(ANS) [2].

ANS binding and fluorescence strongly respond to mod-
ulation of the surface potential, with the energy-dependent

quenching being largely due to the generation of ΔΨ and
being accounted for by the movement of the anion across
the membrane and from intramembrane sites in response to
membrane potential [3].

It has been demonstrated that the determination of the
membrane potential based on fluorochromes provides a
useful and sensitive approximation for the monitoring of
the cellular stresses in bacteria [4–6], since both oxidative
and nitrosative stress are able to depolarize the plasmatic
membrane [7].

The effect of the oxidative stress generated by reactive
oxygen species (ROS) has been described as one of the most
important sources of metabolic disturbance and the cellular
damage. These agents are involved in the first important
changes in the plasmatic membrane, and consequently at the
beginning of cellular death [8–10].

Bacterial gyrase inhibitors, including synthetic quinolone
antibiotics, induce a breakdown in iron regulatory dynamics,
which promotes the formation of the ROS that contribute to
cell death [11].

Bactericidal antibiotic killing mechanisms are currently
attributed to the class of specific drug-target interactions.



2 BioMed Research International

However, the understanding of many of the bacterial
responses that occur as a consequence of the primary drug-
target interaction remains incomplete. It is known that
oxidative stress in bacteria can be caused by exogenous agents
that originate toxic effects, and our previous studies have
shown that ciprofloxacin (CIP) and chloramphenicol (CMP),
among others, can stimulate the induction of ROS in different
bacterial species [12–16].

The aim of the present study was to explore the effects
of clinically used antibiotics such as CIP and CMP on the
lipid surface and to estimate the variation in the membrane
potential in Staphylococcus aureus strains.

2. Materials and Methods

2.1. Susceptibility Determination. The antimicrobial activities
of CIP and CMP were evaluated in two strains, one standard
strain S. aureusATCC29213 and other clinical strain S. aureus
by using the standard tube dilution method following the
indications of the Clinical and Laboratory Standards Institute
[17]. The strains were maintained by culture in trypticase soy
broth (TSB) for 24 h at 37∘C, and the minimum inhibitory
concentration (MIC) was determined by using the standard
tube dilution method. Cultures of 24 h in Mueller-Hinton
medium were diluted to 106 CFU/mL, incubated for 10min
at 37∘C, and then the antibiotics were added at different
concentrations (0.125 𝜇g/mL–512𝜇g/mL). Bacterial growth
was observed at 24 h of incubation. MIC was determined
as the lowest antibiotic concentrations at which growth was
completely inhibited after overnight incubation of the tubes
at 37∘C. MICs were determined three times and the median
values are taken.

2.2. ANS Binding Studies. Overnight cultures of S. aureus
ATCC 29213 and clinical strain S. aureus were prepared in
trypticase soy broth. Suspensions were centrifuged, and the
pellets were resuspended in saline phosphate buffer (PBS) pH
7.4 at an optical density of 0.4 at 600 nm.Then, 50𝜇L of these
suspensions was incubated with 256𝜇g/mL of CIP, 4𝜇g/mL
of CMP, or without antibiotic (control) in a total volume of
1mL in PBS.

The suspensions were centrifuged, and 1mL of Triton 1%
V/V in NaCl 10%was added to the pellet.Then, 20 𝜇L of ANS
60𝜇M was added to 50 𝜇L of bacterial suspensions and PBS
to a total volume of 3mL. The assay mixture for the standard
curve consisted of 1mL of bacterial suspensions and different
concentrations of ANS, ranging from 0 to 120𝜇M.The struc-
tural changes on the membrane potential were studied by
using L-anilino naphthalene-8-sulphonate as the fluorescent
probe by the method of Verma et al. [18] and Robertson and
Rottenberg [19]. The fluorescence emission was recorded on
a Spectrofluorometer PTI (Photon Technology International)
Model QuantaMaster 2QM2, with phosphorescence lifetime
measurements taken at excitation and emission wavelengths
of 360 nm and 516 nm, respectively. These experiments were
performed at room temperature (23∘C).

2.3. Measurement of 𝐾
𝑑

and 𝑛 from ANS by Fluorescence
Emission in Bacteria. The approach used to determine the

dissociation constant (𝐾
𝑑

) and the number of binding sites
(𝑛) from the fluorescence yield was as previously reported
by Verma et al. [18] and Robertson and Rottenberg [19]. The
fluorescence developed is recorded, and the data is plotted
as the reciprocal of the fluorescence signal (arbitrary units)
versus the reciprocal of the concentration of ANS. This
produces a straight linewhose extrapolationwith the ordinate
gives the reciprocal of the limiting fluorescence of ANS
(𝐹max). The number of binding sites for ANS was calculated
by plotting the bound ANS per mg protein/free ANS versus
bound ANS per mg protein.

2.4. Statistical Analysis. The assays were carried out at least in
triplicate. Data were expressed as mean ± SD and analyzed by
the Student’s t-test.𝑃 < 0.05was used as the level of statistical
significance.

3. Results and Discussion

S. aureus ATCC 29213 exhibited sensitivity to CIP and CMP,
with MICs of 0.5𝜇g/mL for CIP and 1𝜇g/mL for CMP. In
addition, the clinical strain S. aureus MICs obtained were
32 𝜇g/mL for CIP and 8𝜇g/mL for CMP; according to these
results, the strain was resistant to CIP but sensitive to CMP.
The fluorescence emission of ANS at 516 nm in the presence
of 256𝜇g/mL of CIP, 4𝜇g/mL of CMP or in the absence of
antibiotic was determined with S. aureus ATCC 29213 and
clinical strain S. aureus.

Data were plotted as the reciprocal of the fluorescence
signal (1/F) versus the reciprocal of the concentration of free
ANS (1/ANS), as the reciprocal of the intercept gives the limit
of the ANS fluorescence (𝐹max), a parameter related to the
maximum concentration of bound ANS. From the slope, the
𝐾
𝑑

was obtained from which the affinity of the fluorescent
probe for binding sites on the bilayer could be inferred.

The values of bound ANS and free ANS were calculated
from (1), where

ANS bound (nmol) =
1/𝐹max
1/𝐹

× 100,

ANSfree (nmol) = ANStotal − ANSbound .
(1)

The surface potential (Ψ) was calculated according to (2):

Ψ = 59 log (𝐹/𝐹
𝑜

) , (2)

where 𝐹 corresponds to the fluorescence in the presence
of each antibiotic and 𝐹

𝑜

corresponds to the fluorescence
obtained when Ψ = 0.

The change in membrane potential (ΔΨ) in the presence
of antibiotic with respect to the control without antibiotic was
obtained from the difference between Ψ with and without
antibiotic (3):

ΔΨ = Ψ − Ψcontrol . (3)

The number of binding sites for ANS was calculated by
using (4), in which the intercept represents the value of the
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Table 1: Parameters obtained from the ANS binding studies in
𝑆. 𝑎𝑢𝑟𝑒𝑢𝑠 ATCC 29213 and clinical strain S. aureus.

𝐹max 𝐾𝑑 n Ψ (mV) ΔΨ (mV)
S. aureus ATCC 29213 sensitive to CIP and CMP

Control without antibiotic 143 251 603028 −306 —
Ciprofloxacin 256 𝜇g/mL 70 927 52983 −406 −100
Chloramphenicol 4𝜇g/mL 62 846 48332 −331 −25

Clinical strain S. aureus resistant to CIP
Control without antibiotic 77 902 45110 −287 —
Ciprofloxacin 256 𝜇g/mL 77 937 46865 −302 −15
𝐹max is the fluorescence intensity (related to the maximum concentration of
boundANS), n is the number of binding sites of ANS to themembrane,𝐾

𝑑
is

the dissociation constant, Ψ is the potential at the surface of the membrane
and ΔΨ is the change in surface potential of the membrane in the control
without antibiotic.

reciprocal of 𝑞 (a constant of proportionality), with the value
of 𝑛 being obtained from the slope (𝐾

𝑑

/𝑞𝑛):

ANSfree
𝐹

=

𝐾
𝑑

𝑞𝑛

×

1

[bacteria]
+

1

𝑞

. (4)

The same procedure was performed to determine the
number of binding sites for ANS when the bacterial sus-
pensions were incubated with the antibiotics studied, where
a decrease in the number of binding sites for ANS with
antibiotic would suggest changes in the cell surface.

Any alteration in the binding of ANS to the membrane
of S. aureus in the presence of antibiotics was tested by a
decrease in the number of binding sites for ANS compared
with control. When ANS bounds to phospholipids, the
fluorescence intensity increased with high concentrations
of ANS. However, in the presence of CMP or CIP, the
ANS fluorescence decreased, with this behavior reflecting
competition between CMP and the ANS binding site that
might have been located at the interface of the membrane.
By comparing the values of𝐾

𝑑

, we were able to infer that the
affinity of the probe sites of the bilayer was affected by the two
antibiotics. Moreover, differences in the values of the electric
potentials indicated alterations in the bacterial membranes.

The fluorescence of ANS emission was determined at
516 nm in the presence of CIP and CMP and in the absence
of antibiotic. The data were plotted as the reciprocal of
the fluorescence signal (1/𝐹) versus the reciprocal of the
concentration of ANS (1/ANS) (Figure 1). There was a linear
relationship between fluorescence and the inverse of the
concentration of bound ANS, revealing a change in the
affinity of the membrane in the presence of antibiotic with
respect to control.

Table 1 shows the parameters obtainedwithCMPandCIP
for the surface potential in the absence or presence of the
antibiotics in the S. aureus ATCC 29213 and clinical strain S.
aureus.

Whereas the value of 𝐹max was reduced twofold and the
number of binding sites decreased elevenfold, the 𝐾

𝑑

value
was increased fourfold, compared to the control without
antibiotic in S. aureus ATCC 29213 (sensitive to CIP). In
clinical strain S. aureus (resistant to CIP) there were no
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Figure 1: Scatchard plots of ANS interaction with S. aureus ATCC
29213 control (- - -), treated with ciprofloxacin (—) and treated with
CMP (-⋅⋅-).

significant changes in 𝐹max, number of binding sites, or the
𝐾
𝑑

value. The baseline value of Ψ in the sensitive strain
was −306mV, while in the resistant strain this was −287mV.
The ΔΨ was almost seventimes higher in the sensitive strain
(100mV) than in the resistant one (15mV). CIP, a bactericidal
antibiotic, reduced this value by 33% in the sensitive strain,
while the reduction in the resistant one was only 5%. Finally,
CMP, a bacteriostatic antibiotic, increased the membrane
potential by about 11% in the sensitive strain.

The membrane potential is an important parameter that
controls various cellular processes. It is a sensitive indicator
of energy status and cell viability, with membrane depo-
larization leading to excessive production of ROS which
is an indication of an advance in cellular dysfunction and
precedes many other signs of cellular injury. A reduction in
the potential also provides information about the feasibility
of transferring an electron “in vivo.” In addition, the catalytic
production of oxidative stress from the redox cycle is a
possible mode of action of antibiotics, because it could
indicate interference with the electron transport chain [20,
21].

The changes in the electric potential obtained in the
present work showed alterations in the bacterial membrane
of S. aureus in the presence of CMP and CIP. Furthermore,
changes caused by antibiotics on the surface of the bacteria
were demonstrated by a reduction in the number of binding
sites of the fluorescent probe and an increase in the ANS
dissociation constant.

Montero et al. established that CIP interacts with neutral
and charged membranes at the surface level (headgroup
region). They also postulated that this could be part of
the mechanism of entry of the 6-fluoroquinolones through
the cytoplasmic membrane [3]. Ciprofloxacin is a widely
used antimicrobial agent against Gram positive and Gram
negative, but there are conflicting reports about the effect of
CIP on the bacterial membrane [22, 23].

There are previous results on S. aureus, with liposomes of
E. coli showing interaction of ANS with a lipid bilayer and in
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the presence of 6-FQs as a result of a reduction in the max-
imum concentration of the ANS bound to liposomes [24–
27]. However, there are no comparisons reported between
sensitive and resistant strains in the presence of antibiotics.

The present results demonstrated that the strains had a
particular behavior in the presence of each antibiotic, an
effect that was manifested by the differences obtained in the
bacterial membrane potential. Moreover, on comparing the
sensitive strain with the resistant one, a higher alteration in
the membrane potential was observed in sensitive bacterium
that was associated with the effect of the antibiotic [20, 21].

4. Conclusions

In our previous reports, we demonstrated that CIP and
CMP induce oxidative stress in S. aureus strains, with
sensitive clinical strains producing higher ROS levels than
resistant ones [12–15]. The present work shows that these
antibiotics had an impact on the lipid bilayer, leading to
significant membrane potential changes in S. aureus sensitive
to ciprofloxacin. These observations can be added to the
mechanism of action previously described for the antibiotics
investigated, with the changes generated in the lipid bilayers
of S. aureus contributing new aspects about the action of these
antibiotics on the bacterial cell.
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stress involved in the antibacterial action of different antibi-
otics,” Biochemical and Biophysical Research Communications,
vol. 317, no. 2, pp. 605–609, 2004.
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