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A growing body of research has revealed that not only chem-
ical stimuli, but also the mechanical stimuli in the microen-
vironment surrounding cells have a significant impact on
cell behaviors. Mechanical stimuli from the environment are
detected by various mechanosensing biomolecules includ-
ing mechanosensitive ion channels and nonion channel
type mechanosensors, leading to modulation of intracellular
signaling. Notably, while subcellular structures—including
cytoskeletons, membranous organelles, and the nucleus—
influence and determine mechanical properties of cells, the
mechanical properties of both cells and their microenvi-
ronment are altered in cancer or other diseases such as
infections, chronic inflammation, and degenerative diseases.
The abnormal expression and activation of mechanosensing
biomolecules and/or components of the subcellular struc-
tures, which are sometimes accompanied by gene mutations,
have been observed in many disease states. Such alter-
ations potentially tune the chemical and physical interactions
between cells and their environments and thereby contribute
to disease progression. Therefore, the mechanical properties
of individual subcellular structures (e.g., the actin cytoskele-
ton, cell adhesion complexes, and chromosomes) and the
signaling molecules regulating these structures are emerging
as targets in the research seeking mechanistic understanding
of disease development or potential therapies for the diseases.

The original and review papers in this special issue pro-
vide novel insights into the mechanical cue-dependent regu-
lation of cellular functions in various types of cells including
bacterial cells, erythrocytes, fibroblasts, endothelial cells, and
cancer cells. The topics range from the mechanosensing

element at the plasma membrane to mechanical-induced
intracellular signaling and structural remodeling and the
mechanical modulation of the cancer therapy.

T. Nomura et al. addressed an inactivation mechanism
of the mechanosensing biomolecule, MscS ion channel and
revealed the contributions of positively charged residues in
the channel molecule to the membrane potential-dependent
inactivation of MscS.

Using numerical simulations, T. Wang et al. systemat-
ically examined how malaria infection-induced changes in
mechanical properties of the erythrocyte membrane affect
the blood flow in microvessels with stenosis. They showed
that both deformability and adhesiveness of the erythrocyte
membrane are critical factors characterizing the blood flow,
whichmay provide themechanical basis formicrocirculatory
obstruction in sever malaria.

D. Nobezawa et al. showed that, in contrast to the classical
view, actin polymerization, rather than myosin II activity,
plays a dominant role in driving the retrograde movement of
the actin cytoskeleton at the protruding edge of a migrating
cell.

Using detailed live-cell imaging,M. Sugawara et al. exam-
ined the mechanism that regulates the directional change
in cell migration. They showed that, during the directional
change, a migrating cell exhibits spatial coordination of
three distinct dynamics of focal adhesion and the actin
cytoskeleton, which potentially contributes to the change of
cell polarity.

H. Takada et al. reported that while mechanical stretch
of wounded skin accelerates the wound repair, this effect
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of mechanical stretch is enhanced by treating the skin
with hyperforin, a major component of a traditional herbal
medicine.

Several other outstanding papers showed and discussed
that the physical properties of mechanical environments or
mechanical stimuli alter the cell characters via intracellular
signaling pathways including NF-𝜅B and p53 signaling path-
ways.

K. Suzuki and D. Yoshino reported that the treatment
of endothelial cells with micropower plasma at gas-liquid
interface promotes their proliferation. Furthermore, the
plasma-induced NF-𝜅B activation is shown to be involved as
underlying intracellular signaling.

The group of K. Kawauchi, who is one of the Editorial
team members, showed that stiffness of the extracellular
matrix (ECM) modulates the effect of chemotherapy on
cancer cell growth. Soft ECM attenuates chemotherapeutic
agent-induced activation of the tumor suppressor p53 in
breast cancer cells, leading to cell growth resistance against
chemotherapy.

In addition to original research papers, four interesting
review papers discuss the relationship of mechanosensing
and various diseases. K. Kawauchi’s group reviewed the roles
of the tumor suppressors p53 and retinoblastoma protein
(pRb), whose signaling pathways are disrupted inmany types
of cancers, in the regulation ofmechanosensing biomolecules
and the actin cytoskeleton.

C. Uchida focused on the role of pRb in the regulation of
chromatin structures.The paper reviewed howphysical inter-
actions of pRb with histone modifiers and chromatin factors
control nucleosome/chromatin structures and discussed a
potent strategy of cancer therapies that target these protein
factors.

Y. Nakahata and Y. Bessho described an overview of the
role ofNAD+metabolism in circadian changes ofmechanical
properties of chromosome/chromatin. Furthermore, they
discussed the possibility that aging-associated diseases may
be treated by interfering with NAD+ metabolism.

Y. Abe and N. Tanaka reviewed how the abnormal
activation of the hedgehog signaling pathway, which plays a
critical role in development and tissue homeostasis, leads to
progression of lung cancer. In particular, they pointed out that
physical interaction of non-small cell lung cancer (NSCLC)
cells with cancer-associated fibroblasts enhances metastatic
potential of NSCLC cells by activating the hedgehog signaling
pathway.

The papers in this special issue illustrate that modu-
lations of mechanosignaling pathways may provide novel
approaches for development of new therapeutic methods
which are distinctive from the conventional chemical ther-
apies. The new discoveries will potentially lead to further
in-depth studies on mechanochemical transduction mecha-
nisms at molecular and supramolecular levels in the future.

Keiko Kawauchi
Hideaki Fujita

Daisuke Miyoshi
Evelyn K. F. Yim
Hiroaki Hirata
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The force driving the retrograde flow of actin cytoskeleton is important in the cellular activities involving cell movement (e.g.,
growth cone motility in axon guidance, wound healing, or cancer metastasis). However, relative importance of the forces generated
by actin polymerization and myosin II in this process remains elusive. We have investigated the retrograde movement of the poly-
d-lysine-coated bead attached with the optical trap to the edge of lamellipodium of Swiss 3T3 fibroblasts. The velocity of the
attached bead drastically decreased by submicromolar concentration of cytochalasin D, latrunculin A, or jasplakinolide, indicating
the involvement of actin turnover. On the other hand, the velocity decreased only slightly in the presence of 50𝜇M (−)-blebbistatin
and Y-27632. Comparative fluorescence microscopy of the distribution of actin filaments and that of myosin II revealed that the
inhibition of actin turnover by cytochalasin D, latrunculin A, or jasplakinolide greatly diminished the actin filament network. On
the other hand, inhibition of myosin II activity by (−)-blebbistatin or Y-27632 little affected the actin network but diminished stress
fibers. Based on these results, we conclude that the actin polymerization/depolymerization plays the major role in the retrograde
movement, while the myosin II activity is involved in the maintenance of the dynamic turnover of actin in lamellipodium.

1. Introduction

When the cell crawls on surfaces, it first protrudes the leading
edge, and the protruded edge adheres to the surface. This
is followed by a contraction of the cell body and subsequent
dissociation of its rear [1].The repetition of these steps makes
the cell advance.The leading edge is a thin, veil-like membra-
nous structure called lamellipodium that is filledwith a dense,
crisscrossed network of actin filaments (actin cytoskeleton).
Between the lamellipodium and the nucleus is a region called
lamellum. This region contains actin filaments and bipolar
myosin mini-filaments; lamellipodium and lamellum are
mechanically connected to each other by actin filaments [2,
3].

In lamellipodium, actin moves at a constant velocity
toward the nucleus [4, 5]. This movement, called retrograde
(actin) flow, continues to the end of lamellipodium, slowing
down in lamellum. When a small object is bound to the sur-
face near the edge of the cell, it is transported on the surface
toward the nucleus [6]. The velocities of the retrograde

movements of actin in the cell and the small object attached
to the surface of the cell have been found to be the same [7–9].
Hence, it has been postulated that the object is coupled to the
actin network through its interaction with transmembrane
proteins. An example is the transport of a bead coated with
glutamate receptor (mGluR5): the bead is initially executing
a Brownian motion, but once engaged to the underlying
cytoskeleton, it is transported toward nucleus [10]. Another
example is a fibronectin receptor, integrin. Thus, when inte-
grin beta-1 is bound by gold particles coated by fibronectin,
it binds to the cytoskeleton and is transported rearward.
The retrograde flow will exert a tensile force on the linkage
between integrin and actin cytoskeleton strengthening the
linkage [11]. This positive feedback must be important in the
crawling of the cell.

The origin of the force driving the retrograde movement
has been attributed to the polymerization of actin and/or the
motor function of nonmuscle myosin II. In lamellipodium,
the fast-growing (barbed) end of an actin filament is facing
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toward the front edge of lamellipodium [12–14]. Actin fila-
ments growing toward the leading edge eventually hit and
push the leading edge.Then, the filaments will receive a reac-
tion force from the leading edge. If the actin cytoskeleton is
firmly linked to the adhesion substrate through integrin, the
lamellipodial membrane will protrude; if the link is discon-
nected or slips, the reaction force will push back the actin
network, resulting in the retrograde flow. In neuronal growth
cone the link (clutch) involves the immunoglobulin super-
family cell adhesion molecule [15] or the L1 cell adhesion
molecule [16]. The latter molecule indirectly interacts with
the actin cytoskeleton through a molecule, ankyrinb. The
regulation of the linkage between the cytoskeleton and the
adhesion substrate by the clutch mechanism is thought to be
important in growth cone steering [17] or initiation of neuri-
togenesis [16].

In lamellum, myosin II forms bipolar filaments and those
filaments together with actin filaments generate a contractile
force in lamellum [18]. This force is transmitted to lamelli-
podium, because lamellum is mechanically coupled to lamel-
lipodium by actin filaments, and the force will pull the actin
filament network in the lamellipodium, causing the retro-
grade flow. The myosin-dependent retrograde flow has been
experimentally shown [19]. When the actin filament network
is linked to the adhesion substrate, the contraction of lamel-
lumwill pull the cell body thereby contributing to the forward
translocation of the cell body. As described below, the actin-
based or myosin II-based mechanisms seem to operate in the
retrograde flow in cell-dependent fashion.

A study using a highly motile fish epidermal keratocyte
has demonstrated that the cell speed is regulated by the
linkage of cell adhesion molecules to the adhesion substrate
as well as that of actin cytoskeleton to the clutch [20]. Thus,
a firm linkage of the adhesion molecule to the adhesion
substrate plus full engagement of the clutch will result in the
fast protrusion and the fast movement of the cell. In the slow
moving cell the receptor-adhesion linkage is weak and slips,
resulting in the backward transport of the actin cytoskeleton.
This will reduce the velocity of the protrusion of the leading
edge, resulting in the slower advancingmotion. In keratocyte,
the sumof the rate of the protrusion and that of the retrograde
flow is almost the same between the fast-moving and slow
moving keratocytes, suggesting the regulation of the coupling
between the polymerization rate and retrograde flow rate
by the engagement of the clutch and the strength of cell
adhesion. In a subtype of sea urchin coelomocyte, indepen-
dent contribution of the actin polymerization and myosin II
activity to the retrograde flow has been demonstrated [21].
When this cell was treated with an inhibitor of myosin II light
chain kinase to reduce the activity ofmyosin II, the retrograde
movement was halted in the cell interior but continued
near the cell peripheral region. Inhibition of actin polymer-
ization with cytochalasin D (CytD) partially slowed down
the retrograde flow of actin cytoskeleton with the appearance
of a cell fringe devoid of actin filaments. Based on these obser-
vations, the authors concluded that the two mechanisms, the
pushing by actin polymerization at the front and the pulling
bymyosin-driven contraction of more central part of the cell,
independently contribute to the retrograde flow.

In the present study, we measured the velocity of the
polystyrene bead, which had been coated with poly-d-lysine
and attached to the tip of lamellipodium of Swiss 3T3 fibro-
blast. Swiss 3T3 fibroblast has been used for several decades
in the study of cell motility; its motility is between that of
keratocyte and coelomocyte. With this system, we evaluated
the relative contribution of the actin-dependent and myosin
II-dependent mechanisms in the retrograde flow by using
inhibitors specific to actin turnover and myosin II activity.

2. Materials and Methods

2.1. Chemicals. Dulbecco’smodified Eaglemedium (DMEM)
was obtained from Nissui Pharmaceutical Co., Ltd. (Tokyo,
Japan). DMEM without glucose, fetal bovine serum (FBS),
penicillin-streptomycin, and l-glutamine were obtained
fromThermo Fisher Scientific (Yokohama, Japan). Carboxy-
lated polystyrene beads (1 𝜇m) were obtained from Poly-
sciences, Inc. (Warrington, PA, USA). Poly-d-lysine, mouse
monoclonal anti-myosin light chain antibody, formaldehyde,
poly(oxyethylene) octylphenyl ether (Triton X-100), and jas-
plakinolide (Jasp) were obtained from Sigma-Aldrich Japan
(Shinagawa, Tokyo, Japan). Plasmid of the red fluorescence
protein (pDsRed monomer) fused to actin (hereafter called
RFP-actin) was obtained from Clontech (Kusatsu, Shiga,
Japan). The transfection reagent (Lipofectamine� 2000),
rhodamine-conjugated phalloidin, and Alexa 488-labeled
anti-mouse IgG were obtained from Invitrogen (Yokohama,
Kanagawa, Japan). The (−)-blebbistatin, Y-27632, CytD, lat-
runculin A (LatA), and concanavalin A were obtained from
Wako Chemical Co. (Osaka, Japan). A 2-[4-(2-hydroxye-
thyl)piperazin-1-yl]ethanesulfonic acid (HEPES) and biotin
N-hydroxysulfosuccinimide ester (biotin-Sulfo-OSu) were
obtained from Dojindo Laboratories (Kumamoto, Japan).
Fibronectin fragment III (7–10) was obtained from Itou Life
Science (Moriya City, Ibaraki, Japan). A 1𝜇m, microsphere
labeled with neutravidin (avidin-beads) was obtained from
Molecular Probes (Eugene, OR, USA).

2.2. Cell and Cell Culture. Swiss3T3 fibroblast was obtained
from JCRB Cell Bank (Ibaraki, Osaka, Japan). Cells were cul-
tured in DMEM supplemented with 5% FBS, 1% penicillin-
streptomycin, and 2mM l-glutamine. Cells were placed in
a CO2 incubator (NAPCO model 5410, Precision Scientific,
Chicago, IL, USA) at 37∘C, 5% CO2, and 90% humidity. Prior
to the experiment, cells were subcultured overnight in the
fresh cell culturemedium; cells were plated in a custom-made
chamber (Hirata chamber; see below) and the chamber was
placed in the incubator.

Figure 1(a) summarizes the process of the construction
of Hirata chamber. A no. 1 coverslip (24mm × 60mm) was
coated with 3-aminopropyltriethoxysilane (2% in ethanol;
Shin-Etsu Chemical Co., Ltd., Tokyo) at room temperature
for 30min. The silane-coating was activated by heating at
180∘C for 30min, and a fluorocarbon-based amorphous
polymer (Cytop� CTX-809A, Asahi Technoglass, Shizuoka,
Japan) was placed ring-wise at the center of the coverslip.
After Cytop was dried at room temperature overnight, the
coverslip was placed in an oven and was heated first at 50∘C
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Figure 1: (a) Process of the construction of theHirata chamber.The process after the coating of the coverslip with aminopropyltriethoxysilane
is shown. See Section 2.2 for details. (b)The experimental set-up. An optical trap was generated in Zeiss inverted phase-contrast microscope
by focusing an infrared laser beam (thick vertical arrow) with an objective lens (NA = 1.3). A poly-d-lysine-coated bead was captured in the
trap and was attached to the edge of lamellipodium (the dashed arrow). As soon as the stable contact between the bead and the lamellipodium
was achieved, the laser was turned off and the bead was allowed tomove on the cell surface (bold horizontal arrow).The phase-contrast image
of the bead was acquired with a CCD camera and was recorded on a digital video tape at 30 frames/sec. Video sequences were transferred to
a hard disk for the off-line analysis (see Section 2.5). The figure is not drawn to scale.

for 1.5 h and then at 180∘C for 1 h. The mouth portion of a
15mLpolypropylene centrifuge tube (∼10mmheight)was cut
out, the bottom rim of which was applied with fresh Cytop;
fresh Cytop was also applied to the top of the Cytop ring,
and the tube was placed on the ring. Final drying process
was carried out at room temperature for 6 h followed by an
overnight incubation at 50∘C.

2.3. Bead Coating. Polystyrene beads were coated with poly-
d-lysine in 1mg/mL poly-d-lysine aqueous solution at 4∘C
overnight. The coated beads were washed once in Milli-Q
water to remove excess poly-d-lysine and were suspended

in cell culture medium without FBS or phenol red but were
supplemented with 10mM HEPES (pH 7.2). Concanavalin
A (50 𝜇g/mL∼1000 𝜇g/mL) was covalently coupled to the
polystyrene beads with 1-ethyl-3-(3-dimethylaminopropyl)
carbodiimide. Amino groups of fibronectin III (7–10) were
labeled with biotin-Sulfo-OSu and the modified fibronectin
was bound to the avidin-bead through the biotin-avidin
linkage.

2.4. Imaging of the Bead and the Cell. To measure the retro-
grade movement of the cell-bound bead, an inverted phase-
contrast microscope (ICM401, Carl Zeiss, Tokyo, Japan),
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which was equipped with a 100x, NA = 1.3 objective lens, was
used (Figure 1(b)). The optical trapping system implemented
in this microscope [22] was utilized to attach the bead to the
edge of lamellipodium, because it has been shown that the
retrograde movement at the back of lamellipodium slowed
down [23]. Phase-contrast image of the bead was acquired
with a charge-coupled device (CCD) camera (C2400-7,
Hamamatsu, Hamamatsu, Japan) and was recorded on a
digital video tape. The recorded images were transferred to
a hard disk for off-line analysis.

To visualize fluorescently stained cells, an inverted epi-
fluorescence microscope (IX71, Olympus, Tokyo) equipped
with a 100x, NA = 1.3 objective lens and a cooled CCD cam-
era (C4742-96-12ERG, Hamamatsu, Hamamatsu, Japan) was
used. The same camera was also used to acquire the phase-
contrast images of the fluorescently stained cells (see below).
The images were directly recorded on a hard disk for later
analysis.

2.5. Measurement of the Retrograde Movement of the Bead
and Analysis of the Bead-Trajectory with Mean-Square-
Displacement Plot. In each experiment, the suspension of
the poly-d-lysine-coated bead was added to the cell culture
medium (1/1000∼1/500 volume of the culture medium) in the
Hirata chamber. The chamber was then transferred onto the
stage of the microscope. To measure the retrograde move-
ment, a bead was captured with the optical trap and the
microscope stage was maneuvered to achieve the contact of
the bead with the cell edge (within ∼1 𝜇m from the edge of
lamellipodium; Figure 1(b)).The use of the optical trap has an
advantage, because one could choose the closest location to
the lamellipodial edge as the attachment site. Usually within
a few sec (at most 10 sec), the bead was firmly bound to the
lamellipodium, and the laser was turned off to allow the bead
to move on the surface of the lamellipodium. The whole
sequence (bead capture, attachment, and transport) was
recorded, as described above, and the trajectory of the bead
was analyzed (see below).

We attempted to attach beads coated with concanavalin A
or fibronectin III but could not achieve the firm binding; in
both cases beads seemed to be only tethered to the cell and
the turning off of the laser of the optical trap resulted in the
movement of the bead away from the cell surface. Therefore,
we used the poly-d-lysine beads.

Video image of the bead was used to determine the
position of the bead every 33ms with a program (“optical
tweezers” written by Shoichi Ikeda) running on ImageJ (ver.
1.46) and was represented with (𝑥(𝑡𝑗), 𝑦(𝑡𝑗)), where 𝑡𝑗 = (𝑗 −
1) 𝜏 and 𝑗 varies from 1 (unity) to 𝑁 (total number of the
analyzed video frames) and 𝜏 = 33ms, the minimum time
interval, as described [22]. The 𝑁 varied from 600 to 1400
depending on the experiment. The bead movements were
not analyzed, if shrinkage of the lamellipodium or ruffling
occurred during the observation (∼25%of total experiments).

To analyze the bead motion, the mean-square-displace-
ment (MSD) value was calculated from the bead position as
follows:

MSD (𝑘𝜏) = [ 1𝑁 − 𝑘]

⋅
𝑁

∑
𝑗=𝑘+1

[{𝑥 ((𝑗 − 1) ⋅ 𝜏) − 𝑥 ((𝑗 − 𝑘 − 1) ⋅ 𝜏)}2

+ {𝑦 ((𝑗 − 1) ⋅ 𝜏) − 𝑦 ((𝑗 − 𝑘 − 1) ⋅ 𝜏)}2] .

(1)

Here, 𝜏 = 33ms and 𝑁 and 𝑘 represents integer ≥ 1.
We assumed that the bead movement is a superposition of
the two-dimensional lateral diffusion and a one-dimensional
drift with 𝐷 as the diffusion constant and 𝑉 the time-
independent velocity. On this assumption, MSD value is
represented with the following equation:

MSD = 4𝐷Δ𝑡 + 𝑉2 (Δ𝑡)2 , (2)

whereΔ𝑡 ≡ 𝑘𝜏 is the duration [24].Thus, the beadmovement
is parametrized with two quantities, D and V.

Fluorescence speckle microscopy has been developed
and applied to measure the turnover dynamics of actin fila-
ments as well as the retrograde flow [25, 26]. With this tech-
nique hundreds of actin speckles can be analyzed with a spa-
tiotemporal resolution of 270 nm and∼1 s, fromwhich spatial
variation of the rate of retrograde flow and that of actin
turnover are derived. The bead analysis cannot provide the
information of many moving objects, but the spatiotemporal
resolution of the bead analysis is 10 nm and 33ms, respec-
tively, and is higher than that of the speckle microscopy. This
feature is utilized to analyze themovement of the bead within
Δ𝑡 < 0.1 s (Figure 3(d)).

2.6. Transient Expression of RFP-Actin Fusion Protein. To
transiently express the RFP-actin in the cell, the plasmid was
introduced into the cell with the transfection reagent, Lipo-
fectamine 2000, according to the manufacturer’s instruction.

2.7. Kymograph Analysis. Kymograph is also used to analyze
the movements of cellular objects including the surface-
bound bead, fluorescently-labeled actin filaments, or lamel-
lipodia [22, 27]. We analyzed the dynamics of RFP-actin
with this method: in lamellipodia containing RFP-actin, ret-
rograde movements of the fluorescent spots were observed.
From the video sequence the direction of the movement of
the spots was identified and the kymograph was made along
a straight line parallel to this direction. The unidirectional
steady movement provided a straight line in the kymograph.
With the calibration of the temporal and spatial axis, the
slope of the straight line provided the velocity of the analyzed
object. In an independent experiment, we also measured the
velocity of the 1 𝜇mpoly-d-lysine-coated bead attached to the
cell expressing RFP-actin by the kymograph technique.

2.8. Inhibition of Actin Turnover and Myosin II Activity. To
inhibit actin turnover, we used CytD, LatA, and Jasp. CytD
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binds to the fast-growing end of actin filament and inhibits
the elongation of the filament [28]; LatA binds to actin
monomer and sequesters it, thereby decreasing the rate of
association of the monomer to the filament end [29]; Jasp
inhibits the depolymerization of actin filaments [30]. For
inhibition of myosin II, (−)-blebbistatin and Y-27632 were
used. The mechanisms of the action of two inhibitors are
different [31, 32]: the former inhibits the release of phosphate
from the active site and the latter inhibits Rho-dependent
kinase (ROCK), but both inhibit the actomyosin ATPase
activity.

Quantification of the effect of inhibitors on 𝑉fit was done
as follows. After the addition of the inhibitor, cells were incu-
bated for 30min in the CO2 incubator. They were then sub-
jected to the measurements and the analysis, as described in
Section 2.5. The measurements of 𝑉fit values of the untreated
cells were carried out on the same day as the measurement
with inhibitors, and the velocities obtained with inhibitors
were always normalized to the average of the 𝑉fit value of the
untreated cells, because of the considerable variation of the
𝑉fit values (see Section 3.1).

2.9. Cell Fixation and Fluorescent Staining of Actin Filaments.
Fixation of the cell and fluorescent staining of actin filaments
had been carried out according to the previously described
method [25, 33, 34]: cells were fixed with 4% formalde-
hyde and then permeabilized with 0.1% Triton X-100. Actin
filaments were visualized with 0.1𝜇M rhodamine-phalloidin.
Myosin II in the same cell was visualized by indirect immuno-
fluorescence technique: mouse monoclonal antibody against
myosin II light chain and Alexa488-labeled anti-mouse IgG
were sequentially applied to the cell after fixation and perme-
abilization.

Profiles of the intensity of the fluorescence from actin
filaments and that frommyosin IIwere analyzed using ImageJ
plugin “plot profile”. The numerical data were transferred
to Microsoft Excel 2007 and were manipulated as follows.
The intensity values of the fluorescence intensity obtained
under each experimental condition were normalized to the
maximum value in each profile. To determine the position
where the profile exhibits a rapid rise, the derivative of the
intensity profilewas numerically determined and the position
corresponding to the maximum value was assigned as the
position of the rapid rise (see Section 3.3).

3. Results

3.1. Characterization of the Retrograde Movement of the Bead
Attached to Lamellipodia. An example of the xy trace of the
bead obtained over 33 s is shown in Figure 2(a). Figure 2(b)
shows the xy trace of the bead bound to the glass surface,
which was determined over 50 sec: this movement was due
to the mechanical drift of the stage and the total distance
traveled in this particular example was ∼1/6 of that of the
trajectory shown in Figure 2(a); the range of themovement of
the fixed beads was always much smaller than the cell-bound
beads (see below). Figure 2(c) shows an example of the MSD
plot. The curve-fitting provided 𝐷 and 𝑉 values as fitting
parameters (represented with 𝐷fit and 𝑉fit). In the example

shown in Figure 2(c),𝐷fit = 272.3 nm2/s and 𝑉fit = 52.7 nm/s,
respectively.

Figure 3(a) shows that the 𝑉fit values measured on differ-
ent days varied considerably. Figure 3(b) shows the histogram
of𝑉fit values obtained from the same set of the data as shown
in Figure 3(a). A minor population of the data distributed
>100 nm/s, but the major population distributed around 30–
70 nm/s with the average value of 46.6 ± 23.3 nm/s (average
± standard deviation, 160 samples). The 𝑉fit values were
within the range of the velocities of the surface-bound beads,
fluorescently-labeled actin, or intracellular vesicular bodies
[7, 10, 23]. The average 𝑉fit value of the beads fixed to
the bottom of the chamber was 2.7 ± 1.8 nm/s (14 samples
obtained in 5 independent experiments), which was much
smaller than that of the control cells.

As shown in Figure 3(c), the distribution of the 𝐷fit
values skewed toward small values, implying that the diffusive
movements very rarely occurred. Majority of the 𝐷fit values
were smaller than 103 nm2/s and were almost two orders of
magnitude smaller than the lateral diffusion coefficient of
integrin 𝛼5𝛽1 (5.3 ± 4.4) × 104 nm2/s [34]. Previous studies
have reported values of two-dimensional diffusion coefficient
of a similar order of magnitude [10, 35]. Thus in the present
case, the two-dimensional movement of the bead seemed to
be restricted.

Figure 3(d) shows the plots of log10(MSD) versus
log10(Δt) for two samples (samples 1 and 2). The slopes of
these plots for large Δt (>1 s, or Log10Δ𝑡 > 3) were ∼2,
which is expected for the movement at a constant velocity,
but the slope of the plot for small Δt (<0.1 s; Log10Δt < 2)
was ∼1 for sample 1 and ∼0 for sample 2. Thus, in the latter
sample, the bead seemed to execute subdiffusion, not Brow-
nianmovement.The subdiffusion is described with a relation
betweenMSD andΔ𝑡; MSD = 𝐴Δ𝑡𝑏, where𝐴 and b (between
0 and 1) are time-independent constants [36]. We speculate
that the small 𝐷fit values reflect the subdiffusional move-
ments, which was not apparent from the MSD plot. At pre-
sent, it is not possible to obtain more details of the movement
for Δ𝑡 < 0.1 s, because 33ms is the highest temporal resolu-
tion we can achieve. Hence, the reason for the variation is a
theme of the future study.

We next compared the velocity of the bead, which was
attached to the cell expressing RFP-actin, with the velocity
of the RFP-actin in lamellipodium. Two measurements were
carried out in different cells, because in our hand it was not
possible to bring two objects simultaneously into the focus.
Similar comparison has beenmade in several previous studies
[7–9]. Figure 4(a) represents an example of the kymograph
generated from a sequence of phase-contrast image of the
bead. The black line was drawn to trace the kymograph. This
kymograph curved toward the end of the record, because the
bead gradually went out of focus; the curved part was not
used for the analysis. Figure 4(b) shows a lamellipodium of
the cell expressing RFP-actin. The white line indicates the
direction along which the kymograph was generated. Fig-
ure 4(c) represents an example of the kymograph, in which
two movements are apparent: one is the retrograde move-
ment of the actin spot (indicated with the horizontal white
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Figure 2: (a) The (𝑥(𝑡𝑗), 𝑦(𝑡𝑗)) plots of a bead bound to lamellipodium of the untreated cell. The recording duration was 33 s. (b) The (𝑥(𝑡𝑗),𝑦(𝑡𝑗)) plots of a bead bound to the glass surface (fixed bead), representing the mechanical drift of the experimental system; the recording
duration was 50 s. (c)TheMSD plot of the bead moving on lamellipodium (see Section 2.5). The data were the same as that shown in (a); this
curve was fit with a quadratic function of the time, Δt: MSD = 0.002769Δ𝑡2 + 0.001304Δt − 0.001659, 𝑅2 = 0.999988.

arrow) and the other is the protrusive movement of the cell
edge (horizontal gray arrow). The velocity of the retrograde
movement of RFP-actin was calculated from the straight
line drawn below the white arrow. Figure 4(d) shows the
comparison of the velocity of the bead and that of the RFP-
actin: the velocity of the bead was 46.1 ± 23.3 nm/s (average
± standard deviation; 62 samples), and that of the RFP-actin
was 51.2 ± 32.9 nm/s (87 samples). The difference between
the two values was not statistically significant (𝑝 > 0.05,
two-tailed t-test). Thus, we conclude that the velocity of the
retrograde movement of actin filaments was the same as that
of the surface-bound bead.

3.2. Effect of the Inhibition of Actin Turnover/Myosin II Activ-
ity on the Retrograde Movement. We investigated how the
inhibition of actin dynamics affected the retrograde move-
ment of the bead. Figure 5(a) shows 𝑉fit of the bead bound
to the surface of the cell treated with CytD (open bars) or
LatA (gray bars). The 𝑉fit values were normalized to the 𝑉fit
values of the untreated cells measured on the same day as the

day of the inhibitor experiment to compensate for the day-to-
day variability of the 𝑉fit values (Figure 3(a)). In the presence
of CytD ≥20 nM, the 𝑉fit values were significantly lower than
the control values (𝑝 < 0.05, indicated with asterisks). The
𝑉fit values in the presence of LatA ≥100 nMwere significantly
lower than the control values (𝑝 < 0.05, indicated with
asterisks). As shown in Figure 5(b), 0.5 𝜇M Jasp strongly
lowered the velocity of the retrograde bead movement: the
average𝑉fit value in the presence of Jasp was 15±13 nm/s and
was significantly lower than the control value (68 ± 29 nm/s;
𝑝 < 0.05, 6 samples). These results altogether indicate that
the actin turnover plays an important role in the retrograde
movement of the surface-bound bead.

We next examined the effect of the inhibitors of myosin
II activity ((−)-blebbistatin and Y-27632) on the 𝑉fit values
(Figure 5(c)). The average 𝑉fit value in the presence of 50𝜇M
(−)-blebbistatin was lower than the control value by ∼11%,
but the difference was not statistically significant (𝑝 > 0.05).
The 𝑉fit obtained at 50𝜇M Y-27632 was significantly lower
than that of the control value by ∼27% (𝑝 < 0.05). Thus,
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Figure 3: (a) Day-to-day variation of𝑉fit values of untreated cells. Total 160 measurements were carried out over 20 different days (on day 1 a
single measurement was carried out). The average ± standard deviation of all the data was 46.6 ± 23.3 nm/s. (b) Distribution of the 𝑉fit values
shown in (a); majority of the 𝑉fit values are <100 nm/s. (c) Distribution of 𝐷fit values; the distribution is strongly skewed toward left and is
quite broad. (d) log10(MSD) versus log10(Δt) plot of an untreated cell (sample 1, closed symbols) and that of another untreated cell (sample 2,
open symbols). The continuous straight line has a slope = 1 and the dashed straight line has a slope = 2, each of which represents a diffusion
and a unidirectional movement with a constant velocity.

the inhibition of myosin II activity only slightly slowed the
retrograde movement of the surface-bound beads.

3.3. Effect of Actin or Myosin II Inhibitors on the Intracellular
Distribution of Actin Filaments and Myosin II. Figure 6(a)
shows the fluorescence micrograph of an untreated cell
stained for actin, and Figure 6(b) shows the same cell but
immuno-stained formyosin II. Comparison of the two panels
indicates that the pattern of the distribution of actin filaments
and myosin II was different especially in lamellipodium. Fig-
ure 6(a) shows that actin in the lamellipodium exhibits some-
what graded, vague staining (arrows). Actin bundles (arrow-
heads) are penetrating through the vague staining.The vague
staining of actin in lamellipodium of fibroblasts and B16-F1
mousemelanoma cells has been attributed to the densemesh-
work of actin filaments, which has been supported by the
electron microscopic observation [3, 12]. Lamellipodia of the

cells transiently expressing RFP-actin exhibited similar pat-
tern of fluorescence in lamellipodium (not shown). As shown
in Figure 6(b), myosin II appeared as spots. Some spots were
on the actin bundles and the rest of the spots were at the
back of lamellipodium (arrowheads in Figure 6(b)).The latter
observation is consistent with the previous observation that
myosin II was distributed mostly in lamella as bipolar mini-
filaments [18]. Colocalization of myosin II with the actin
bundle demonstrates that the bundle is a stress fiber [27].

The different distribution of actin filaments and myosin
II in lamellipodium is clearly demonstrated in the different
position of the rapid rise of line profiles (Figure 6(c); black
line for actin, gray line for myosin II). The position of rapid
rise of the actin intensity, as determined by the method
described in Section 2.9, is shown with the arrow in Fig-
ure 6(d) and that of myosin II intensity is shown with the
dashed arrow. The black arrow indicates the position of the
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Figure 4: (a) A kymograph of 1 𝜇m bead moving on the surface of the cell expressing RFP-actin. The width of the vertical edge of the
kymograph is 2.5 𝜇m and that of the horizontal edge is 27 s; the slope of the black line represents the velocity of the bead; for this particular
example, the velocity was 87.5 nm/s. (b) Part of a lamellipodium of the cell expressing RFP-actin; kymograph of RFP-actin was generated
along the white line. Horizontal bar, 5𝜇m. (c) The kymograph; gray arrow indicates the forward motion of the lamellipodial edge, and white
arrow indicates the retrograde movement of the fluorescence pattern of RFP-actin. The width of the vertical edge is 60 sec and that of the
horizontal edge is 16 𝜇m. In this case, protrusion of lamellipodium and retrograde flow of actin occurred at the same time. The slopes of two
white lines represent the velocity of the bead and the cell edge. (d) The average of the velocity of the bead bound to the lamellipodium of the
cell expressing RFP-actin (62 measurements) and that of RFP-actin (87 measurements), both estimated by kymograph method. Error bar,
standard deviation.

most rapid rise of actin intensity, and the dashed arrow
indicates that of myosin II intensity. The different positions
of these arrows demonstrate the difference in the distribution
of actin andmyosin filament. Similar differential distribution
has been previously reported [37, 38]. Immediately behind
the position of the rapid rise of actin profile, a plateau (indi-
cated with ∧) appears: this corresponds to the vague staining
of actin near the cell edge.

Figure 6(e) shows that 100 nM CytD drastically altered
the distribution of actin filaments. The vague staining along
the edge of lamellipodium disappeared; instead, the edge
was rimmed by actin filaments (arrowheads). Number of
stress fibers seemed to be decreased, and the remaining actin
bundles (arrows) made spikes. The region where myosin II
existed overlapped the region where actin was populated
(Figure 6(f); arrows indicate the same actin bundles as those
in Figure 6(e)). As demonstrated in the line-profile plot (Fig-
ure 6(g)), the rise of the actin and myosin profiles started at
almost the same positions (arrow for actin and dashed arrow
for myosin II, determined in the same manner as described
above; the arrowhead indicates the position of the actin rim).
Similar distributions of actin and myosin II were observed in
the cell treated with LatA (not shown).

Majority of the cells treated with 5 𝜇M (−)-blebbistatin or
5 𝜇M Y-27632 (Figures 6(h) and 6(i)) possessed lamellipodia
(asterisks). Individual lamellipodia were narrower and longer
than those of the untreated cells, and the number of lamel-
lipodia in individual cells increased. Elongated lamellipodia
of Aplysia bag-cell neuronal growth cone treated with 70𝜇M
(−)-blebbistatin had been demonstrated [23]. The vague
staining of actin along the cell edge was observed (white
arrows in Figures 6(h) and 6(i)), as in the untreated cell. The
number of stress fibers seemed to be decreased and many of
them were thinner than those in the untreated cells (Figures
6(h) and 6(i), arrowheads).The stress fibers behind the lamel-
lipodia (arrowheads) are longer than those in the untreated
cell; elongation of stress fibers has been observed in the
Aplysia growth cone treated with (−)-blebbistatin, which has
been interpreted as the decrease in the severing activity of
myosin II (see Section 4).

Figures 6(j) and 6(k) show the distribution of actin fila-
ments and myosin II in the cell treated with 50 𝜇M (−)-bleb-
bistatin. The peripheral vague staining still existed, but the
stress fibers penetrating the lamellipodium almost disap-
peared (Figure 6(j); arrowhead indicates very faint line) as
compared with the cell treated with 5𝜇M (−)-blebbistatin.
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Figure 5: (a)The effect of CytD/LatA on the average𝑉fit values; error bar, standard deviation. (b) Comparison of the average𝑉fit values of the
control cells and the cells treated with 0.5𝜇M Jasp. (c) The effect of (−)-blebbistatin/Y-27632 on 𝑉fit values; error bar, standard deviation. In
(a) and (c), 𝑉fit values were normalized to the control values, which were determined on the same day when each inhibitor experiment was
carried out. Asterisks in (a) to (c) indicate the statistically significant change (𝑝 < 0.05) of the average 𝑉fit values from that of the untreated
cells.

On the other hand, the distribution of myosin II was quite
similar to that in the untreated cell and did not overlap that
of actin. Thus, the line profiles of actin and myosin (see
Figure 6(l)) measured along the white line shown in Figures
6(j) and 6(k) demonstrate that the distribution of actin
started rising at the cell periphery, whereas that of myosin
II rose slowly and exhibited a sharp rise only at the back
of lamellipodium (arrow in Figure 6(l)). The plateau in the
profile plot is evident between ∼3.5 𝜇m and ∼5.5 𝜇m from the
start of the profile.We note that the (−)-blebbistatin at 50 𝜇M,
which is ten times higher concentration than that used for
the cell shown in Figure 6(h), provided similar narrow and
elongated morphology of lamellipodia; we consider that this
argues against the possibility of the photoinactivation of
(−)-blebbistatin [39] or of insufficient concentration of the
drug. The possibility is also remote that the concentration
of Y-27632 was not sufficiently high, because we previously

showed that 10 𝜇MY-27632 strongly inhibited the contraction
of stress fibers in Swiss 3T3 fibroblast [27].

4. Discussion

It has been postulated that the retrograde movements occur
as a result of either the reaction of the pushing of the growing
actin filament network against the edge of lamellipodium,
myosin II-based contraction of actin filament network in a
lamellum behind lamellipodium, or both. To investigate the
relative contribution of actin polymerization and myosin II
activity, we measured the velocity of the retrograde move-
ment of the poly-d-lysine-coated bead attached to the tip of
lamellipodium and compared the velocities in the presence
and absence of the inhibitors of actin turnover or myosin II
activity.
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Figure 6: Continued.
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Figure 6: Effect of the inhibitors of actin turnover or those of myosin II activity on the distribution of actin filaments and myosin II. Under
each condition, distributions of actin and myosin II are compared in the same cell. (a) Actin filaments in the control cell; arrows, vague
staining of actin filament network in the lamellipodium; arrowheads, actin bundles. (b) Myosin II in the same cell; arrowheads indicate the
spot-like fluorescence attributed to myosin II mini-filaments, some of which reside along the actin bundles. Unlike actin, distribution of
myosin II along the cell periphery was hardly observed. (c) Comparison of fluorescence intensity of actin filaments and that of myosin II
measured along the white lines shown in (a) and (b). The fluorescence intensity was normalized as described in Section 2.9. The arrow and
the dashed arrow indicate the start of the rapid rise of the profile of actin and that of myosin II, respectively. The symbol (∧) indicates the
plateau corresponding to the vague actin staining. (d) Derivative of the intensity profiles shown in (a) and (b); the arrow and the dashed
arrow indicate the positions of local maxima of the derivative of the profiles of actin and that of myosin II, each of which corresponds to the
rapid rise of each profile. (e) Actin filaments in the cell treated with 100 nMCytD; arrows indicate the distribution of actin bundles (i.e., stress
fibers); arrowheads indicate the cell edge where rim-like distribution of actin filaments is seen. (f) The same cell stained for myosin II; there
is some colocalization of myosin II with actin bundles (arrows). (g) Line profiles of fluorescence intensity for actin (black line) and myosin
II (gray line) measured along the white lines shown in (d) and (e). The arrow and the dashed arrow indicate the start of the rapid rise of the
profiles of actin and myosin II, respectively. The arrowhead indicates a peak of the fluorescence profile corresponding to the actin rim. ((h)
and (i)) Distribution of actin filaments in the cell treated with 5𝜇M (−)-blebbistatin or with 5𝜇M Y-27632, respectively. Asterisks indicate
lamellipodia; arrows in both panels indicate the vague staining of actin in lamellipodia; arrowheads in both panels indicate actin stress fibers.
((j) and (k)) Distributions of actin filaments and myosin II in the cell treated with 50 𝜇M (−)-blebbistatin. Arrows indicate the vague staining
of actin and arrowheads indicate actin bundles. (l) Line profiles of the intensity of actin filaments (black line) and that of myosin II (gray
line) measured along the white lines shown in (i) and (j), respectively; the background (outside the cell) of the image field for myosin (k)
was higher than that of actin probably because of the nonspecific binding of the secondary antibody to the glass surface. The wide plateau
corresponding to the vague actin fluorescence is evident between ∼3.5 𝜇m and ∼5.5 𝜇m from the start of the profile plot. White thick bar in
(j) indicates 10 𝜇m.

Inhibition of actin turnover with CytD, LatA, or Jasp
greatly slowed down the retrograde movement of the bead.
On the other hand, inhibition of myosin II ATPase activity
slightly lowered the velocity. Thus, in Swiss 3T3 fibroblasts
actin turnover played a major role in the retrograde move-
ment, whereas myosin II activity played secondary or some
other roles.

As a result of the inhibition of the actin polymerization
by CytD or LatA, the vague staining of actin filament network
at the edge of lamellipodium disappeared. This was because
the actin polymerization was inhibited by either the barbed-
end capping activity of CytD [28] or the actin-sequestering
action of LatA [29], whereas the depolymerization of actin at
the back of lamellipodiumwas not affected by these inhibitors
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[14]. The significant decrease of the 𝑉fit value in the presence
of these inhibitors can be explained as a result of the loss of
actin network structure.

In the CytD- or LatA-treated cells rim of actin appeared
along the cell edge. A previous study [3] has proposed a
mechanism of the generation of similar structure: during a
pause of the protrusion of lamellipodium, short filaments
disappear as a result of the depolymerization activity. Longer
filaments that have survived the depolymerization form
bundles with myosin II. As some of the actin filaments in this
bundle are connected to the actomyosin network in lamella,
the contraction of the actomyosin will pull the cell edge.
With the attachment of both ends of the bundle to the cell
adhesion sites, an inward curvature of the bundle will be
generated. We presume that the rim observed in the present
study was formed in an analogous process, because actin
polymerization was halted by actin inhibitors, but both the
cell-specific depolymerization activity and myosin II activity
were not changed.

After the treatment of the cell with CytD or LatA, stress
fibers seemed to be diminished but did not totally disappear.
It has been suggested that stress fibers are formed by a
connection between actin filaments that elongated by poly-
merization from the cell adhesion site and those formed at
the cell periphery and joined together by myosin II filaments
[40] or those formed by bundling of actin filaments severed
in lamellipodium (a cytoplasmic pool of actin filaments)
[41]. Thus, CytD/LatA, by inhibiting the formation of new
filament, would have depleted the filament pool, and, hence,
the formation of stress fibers by the coalition process was
inhibited, leading to the diminution. On the other hand, it
has been shown that mutual interaction between adjacent
actin filaments in a stress fiber is stabilized by multiple pro-
teins such as 𝛼-actinin, Arp2/3, or bipolar myosin filament
[42]. Probably because of this, the on-and-off rates of actin
monomer to and from a stress fiber are low [40]. As a result,
some stress fibers remained after CytD/LatA treatment. A
study with MTF24 fibroblast has shown that stress fibers
remained after the treatment of the cell with 100 nMCytD for
2 h [43].

The inhibition of myosin II activity by (−)-blebbistatin or
Y-27632 resulted in only a small decrease of𝑉fit values even at
the highest concentration (50𝜇M) of these drugs. The actin
network structure along the cell edge still existed, which is
represented with the wide plateau in the line profile of actin
staining. We assume that the remaining actin network was
driving the retrograde movements. On the other hand, stress
fibers in the cells treated with these drugs were progressively
lost (Figure 6(h) for 5 𝜇M (−)-blebbistatin and Figure 6(j)
for 50 𝜇M (−)-blebbistatin). This was probably due to the
decrease in contractility of the stress fiber [44, 45].The devel-
opment of longer lamellipodia in the cells treated with (−)-
blebbistatin/Y-27632 was a combined result of the decreased
contractility and the elongation of actin by polymerization
that was not affected by the myosin II inhibitors [14, 23]. The
reason for the narrowing of lamellipodia and the increase in
their number is not clear.

Our experimental results collectively suggest that the
actin polymerization is the major source of the driving force

of the retrograde flow, while the contractile activity ofmyosin
II may play some other roles. It has been suggested that
filament formation by actin polymerization at the front of the
actin network and the depolymerization at the back, which
follows the severing of filaments, is balanced [46]. These
two processes are mediated by the retrograde flow of actin
network with severing and the forward transport of actin
monomer [47]. It has been suggested that the contractile
force generated by myosin II filaments promotes the severing
and/or depolymerization of actin filaments [23]. If this occurs
in our system, the inhibition of the activity of myosin II will
decrease the amount of the actin returned to the leading edge.
As a result, the polymerization rate and hence the velocity of
retrograde flow will be decreased. We propose that the slight
decrease in the 𝑉fit in the presence of 50 𝜇M (−)-blebbistatin
or Y-27632 was due to the impairment of the severing
function.

Previous studies have demonstrated that the retrograde
flow depends on the activity of myosin [9, 21, 48]. Involve-
ment of myosin 1c [9] or myosin IIA [48] in the retrograde
flow has been demonstrated. In these studies the pulling
action of myosin is considered to be the most important. Our
study has suggested that myosin II participates in the process
of retrograde flow in a way different from what has been
demonstrated in the above studies.However, it is also possible
that some intricate mechanism exists that compensates the
loss of myosin II activity in the retrograde flow. Further study
is necessary to fully understand the relative importance of the
two mechanisms in the retrograde flow.
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Cutaneous wound healing is accelerated by mechanical stretching, and treatment with hyperforin, a major component of a
traditional herbalmedicine and a knownTRPC6 activator, further enhances the acceleration.We recently revealed that this was due
to the enhancement of ATP-Ca2+ signaling in keratinocytes by hyperforin treatment. However, the low aqueous solubility and easy
photodegradation impede the topical application of hyperforin for therapeutic purposes.We designed a compound hydroxypropyl-
𝛽-cyclodextrin- (HP-𝛽-CD-) tetracapped hyperforin, which had increased aqueous solubility and improved photoprotection. We
assessed the physiological effects of hyperforin/HP-𝛽-CD on wound healing in HaCaT keratinocytes using live imaging to observe
the ATP release and the intracellular Ca2+ increase. In response to stretching (20%), ATP was released only from the foremost cells
at the wound edge; it then diffused to the cells behind the wound edge and activated the P2Y receptors, which caused propagating
Ca2+ waves via TRPC6. This process might facilitate wound closure, because the Ca2+ response and wound healing were inhibited
in parallel by various inhibitors of ATP-Ca2+ signaling. We also applied hyperforin/HP-𝛽-CD on an ex vivo skin model of atopic
dermatitis and found that hyperforin/HP-𝛽-CD treatment for 24 h improved the stretch-induced Ca2+ responses and oscillations
which failed in atopic skin.

1. Introduction

Epidermal keratinocytes are located at the surface of the skin
and are exposed to various environmental stimuli including
mechanical and physical stimuli and are susceptible to these
stimuli. During the wound healing process, these exogenous
stimuli and the endogenous stimuli, such as the tension
and traction forces generated between the migration of the
foremost cells and the cells that are located behind them,may
affect the rate of wound closure. Our earlier study demon-
strated that mechanical stretching facilitated wound closure
in bovine aortic endothelial cells [1]. We recently reported
that wound healing in HaCaT keratinocytes was accelerated
by stretching and treatment with hyperforin, which is amajor
component of a traditional herbal medicine and which is

known to be a TRPC6 activator, further accelerated wound
closure [2].We revealed that the facilitation of wound closure
by mechanical stretching and hyperforin occurs due to the
release of ATP via mechanosensitive hemichannels at the
wound edge and the P2Y receptor-mediated Ca2+influx via
TRPC6 in the cells located behind the wound edge using real-
time ATP luminescence imaging and Ca2+ fluorescence mea-
surement [2]. The influx of Ca2+ through TRPC6 channels
was also reported to be essential for wound healing in vivo in
TRPC6 knockout mice [3].

Hyperforin is a major active constituent of St. John’s
wort (Hypericum perforatum L.) extract, which is widely
used in traditional herbal medicines, to promote wound
healing [4–9]. The use of hyperforin-rich cream as a topical
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medication for atopic dermatitis was recently reported [10–
14]. In spite of its potential therapeutic activities, the extreme
sensitivity of hyperforin to photodegradation has impeded
its topical application. The complexation of St. John’s wort
extract with 𝛽- and 𝛾-cyclodextrin (CD) was reported to
enhance the photoprotection and solubility of hyperforin in
aqueous solutions [15–17]. In the present study, we aimed to
develop a novel formation of encapsulated hyperforin with
hydroxypropyl-𝛽-cyclodextrin (HP-𝛽-CD) to improve its
aqueous solubility and photostability, because HP-𝛽-CD has
been shown to possess the highest solubility not only in water
but also in ethanol among several of the CD compounds
that are commonly used. We also assessed the effects of the
compound on the wound healing and ATP-Ca2+ signaling in
HaCaT keratinocytes.

Atopic dermatitis is a chronic inflammatory skin disease
that develops due to various factors that are associated with
epidermal barrier dysfunction [18]. It is known that the Ca2+
gradient in the epidermis is necessary for maintaining the
barrier function; however, the Ca2+ dynamics of atopic skin
remain to be elucidated. We herein measured the stretch-
inducedCa2+ responses ex vivo in atopic skin using a confocal
microscope.We found that the Ca2+ responses were impaired
in the atopic epidermis and that the responses recovered after
the application of hyperforin/HP-𝛽-CD. The data suggested
that hyperforin/HP-𝛽-CD is a potent targeted therapeutic
agent that can be used to promote epidermal wound healing
and treat atopic dermatitis.

2. Material and Methods

2.1. Reagents. Hyperfolin/hydroxypropyl-𝛽-cyclodextrin
was prepared by the complexation of hyperforin (Cayman
Chemical, Ann Arbor, MI) and hydroxypropyl-𝛽-cyclo-
dextrin (HP-𝛽-CD; CycloChem, Tokyo, Japan) as described
below. The other chemicals and reagents were as follows:
carbenoxolone disodium salt (CBX), apyrase (from potato),
GdCl
3
, U73122, and Cremophor EL (Sigma-Aldrich, St.

Louis, MO); ionomycin (Calbiochem, San Diego, CA);
suramin hexasodium (RBI, Natick, MA); GsMTx-4 (Peptide
Institute, Osaka, Japan); diC8-PIP

2
(Echelon Biosciences, Salt

Lake City, UT); dispase (Godo Shusei, Tokyo, Japan); Fluo-8
AM (AAT Bioquest, Sunnyvale, CA); Cellmatrix type IA
(Nitta Gelatin, Osaka, Japan); Lipofectamine (18324, Invi-
trogen, Carlsbad, CA); DME/F12 (D9785; Sigma-Aldrich, St.
Louis, MO); FBS (12483; Gibco, Carlsbad, CA).

2.2.The Preparation of Hydrophilic and Stable Hyperforin/HP-
𝛽-CD. Solutions of 4.66 × 10−4M hyperforin (in 1mL
methanol) and 1.86× 10−3MHP-𝛽-CD (in 1mL ethanol)were
mixed and then stirred for 30min. The solvents were then
removed in vacuo with a centrifugal evaporator (0.1Mpa,
2800 rpm, 90min, WKN-PV-1200, Wakenyaku, Kyoto,
Japan) at ambient temperature. The obtained white solid
was dissolved in Milli-Q water by ultrasonication for at least
10min. The resulting aqueous solution of hyperforin/HP-𝛽-
CD was syringe-filtered with a 0.20 𝜇m pore size and kept

in a freezer until use. All of the procedures were performed
under light-shielded conditions.

Stoichiometry of the reaction between hyperforin and
HP-𝛽-CD was spectroscopically determined. The concentra-
tion of hyperforin in these studies was 4.66 × 10−4Mwhereas
the HP-𝛽-CD concentration was used in the range of 0–
8.0 equivalents. The UV spectra of hyperforin were recorded
using a UV/VIS scanning spectrophotometer (Gene Spec III,
Hitachi Naka Instruments, Hitachinaka, Japan). The changes
in the absorbance of hyperforin following the addition of
various concentrations of the HP-𝛽-CD complexing agent
were measured at 𝜆max 281 ± 7 nm.

2.3. The Analysis of Irradiated Hyperforin Solution by HPLC.
An irradiation test was performed using a 6-watt LED light
bulb (total luminous flux 480 lm, color temperature: 6700K,
Panasonic, Osaka, Japan) that was placed 14 cm above the
samples. Irradiation was conducted in a dark room under
temperature control (25∘C). Aliquots of 40 𝜇L were taken
every 30min for the analysis. All of the quantitativemeasure-
ments were conducted using a Hitachi LaChrom Elite HPLC
system (Hitachi High-Technologies, Tokyo, Japan) equipped
with a quaternary pump (L-2130), an autosampler (L-2200), a
column oven (L-2300), and a diode array detector (DAD/L-
2450). Separation was performed using a TSKgel ODS-100Z
reversed phase column (4.6mm × 250mm, 5 𝜇m, Tosho,
Tokyo, Japan) with a mobile phase composed of acetonitrile-
water-methanol-trifluoroacetic acid (72 : 18 : 10 : 0.5, v/v/v/v).
The flow rate was 1.6mL/min. The UV detector was set at
270 nm. Curve fitting was performed using Excel (MS Office
2013) to minimize the 𝑅2 value.

2.4. Cell Culture. HaCaT human keratinocyte cells [19] at
passages 36 and 37 were purchased from Cell Lines Services
(CLS, Heidelberg, Germany) and were grown in DME/F12
(0.07mM Ca2+) supplemented with 2% FBS at 37∘C in a
humidified atmosphere of 5% CO

2
. The growth medium was

prepared from DME/F12 (D9785; Sigma-Aldrich) by adding
0.07mM Ca2+, 365mg/L L-glutamine, 59.05mg/L L-leucine,
91.25mg/L L-lysine⋅HCl, 61.2mg/LMgCl

2
⋅6H
2
O, 48.84mg/L

MgSO
4
(anhydrous), 17.2mg/L L-methionine, and 1.2 g/L

NaHCO
3
and was adjusted to pH 7.4 with 1mM NaOH.

For the experiments, the cells were seeded on a collagen-
coated (Cellmatrix type IA) silicone stretch chamber (see
the following) or 15 mm round glass coverslips (Matsunami,
Osaka, Japan) and cultured in DME/F12 (1.05mM Ca2+)
supplemented with 10% FBS to allow cell attachment. After 1
day, the medium was replaced with DME/F12 (0.07mM
Ca2+) supplemented with 2% FBS, and the cells were further
incubated for 1 day to achieve confluence.

The physiological experiments were performed as de-
scribed previously [2]. A brief explanation follows.

2.5. Cell Stretch Experiments and Wound Closure Assay. The
cells were cultured in a stretch chamber molded out of Silpot
184 W/C silicone elastomers (Dow Corning Toray, Tokyo,
Japan). A chamber with cultured cells was attached to a
stretching machine (NS-600W or ST-600W, STREX, Osaka,
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Japan) mounted on the stage of an inverted microscope (IX-
70, Olympus, Tokyo, Japan) for intracellular Ca2+ imaging or
an upright microscope (BX51WI, Olympus) for extracellular
ATP imaging. HaCaT cells were seeded on collagen-coated
silicone stretch chambers or 15 mm round glass coverslips at
3 × 105 cells/cm2 and grown to confluence. A narrow cell-
free gap (about 250 𝜇m) was created in a fully confluent
monolayer by removing a silicone strip that was attached to
the bottom of the stretch chamber during cell seeding. The
wound closure process was monitored every 3 h after making
the scratch using an inverted microscope (IX-70 Olympus)
with a 4x (UPlanFL N, 0.13) objective. The wound closure
speed was defined as the percentage of the wound closure
area, whichwas calculated from the ratio of the finalmigrated
area to the initial cell-free area.

2.6. Intracellular Ca2+ Measurement and Real-Time Imaging of
the Released ATP. At 3 h after making a scratch, the HaCaT
cells in the stretch chamberwere loadedwith 1𝜇MFluo-8AM
using 0.1–0.2% of Cremophor EL (Sigma-Aldrich) for 40–
60min in an incubator at 37∘C. After washing away the dye
with DME/F12 containing 2.0mM Ca2+, the chamber with
the cells was attached to the stretching device on the stage
of an inverted microscope with 4x (UPlanFL N, 0.13) or 10x
(UPlanFL 0.30) objectives. Time-lapse Fluo-8 fluorescence
images were acquired at 0.5 s intervals using MetaMorph
software (v6.3 and 7.5, Molecular Devices, Downingtown,
PA).

The stretch-induced release of ATP was measured in
real-time using the imaging system, as described previously
[20]. Briefly, the luciferin-luciferase ATP bioluminescence
was detected using a high-sensitivity camera system simul-
taneously with infrared DIC imaging to monitor exact cell
locations and extension during stretching. At 3 h aftermaking
a scratch, the cells in the stretching chamber were attached to
the stretching device on the stage of an upright microscope
(BX51WI, Olympus) with a 4x objective (340 Fluor XL, 0.28)
and the medium was replaced with DME/F12 medium (2.0
mM Ca2+ and 10mM HEPES, pH 7.4) containing high-
sensitivity luciferin-luciferase solution (60315; LuciferHS Set,
Kikkoman Biochemifa, Tokyo, Japan). Images were acquired
using the MetaMorph software with a stream acquisition
mode (exposure time 100ms).

2.7. The Knockdown of TRPC6 by shRNA. TRPC6 shRNA
plasmids that coexpressed RFP (TF308626; OriGene
Technologies, Rockville, MD) were used. The shTRPC6
targeting sequence was 59-AAGCAGGACATCTCAAGT-
CTCCGCTATGA-39. A scrambled noneffective plasmid
with the same nucleotide content was used as a negative
control. Each shRNA at a concentration of 45 nM was
transfected into HaCaT cells using Lipofectamine reagent,
according to the manufacturer’s instructions.

2.8. Ex Vivo Skin Preparation and Live Ca2+ Imaging of the
Epidermis. Biopsies were taken from the outer forearm of
a volunteer with atopic skin. Written informed consent was
obtained from the volunteer. The study was approved by the

Pixy Central Institute Ethics Committee, 2009. The sample
of skin tissue was placed in PBS prior to treatment with
dispase. After overnight digestion with 500U/mL dispase
in serum-free F12/DME with or without hyperforin/HP-𝛽-
CD at 4∘C, the epidermis was peeled off from the dermis
with forceps. The detached pieces of epidermis were fixed
with intradermal needles on an elastic silicone chamber and
were further incubated at 37∘C in a humidified 5% CO

2

atmosphere for 12 h. Epidermis tissue was loaded with 1𝜇M
Fluo-8 AM using 0.2% of Cremophor EL in culture media for
1 h at 37∘C. After washing away the dye with DME/F12 con-
taining 2.0mM Ca2+, the chamber containing the cells was
attached to a pulse-motor-driven stretching machine (NS-
600W or ST-600W, STREX) mounted on the stage of an
inverted laser scanning confocal microscope (LSM510 with a
10x lens, Carl Zeiss, Jena, Germany). Time-lapse Fluo-8
fluorescence and Nomarski differential interference contrast
images were acquired at 1 s intervals. The Ca2+ imaging
experiments were performed at room temperature (24±2∘C).

3. Results

3.1. Preparation of Stable Hydrophilic Hyperforin Encapsulated
in HP-𝛽-CD and Its Effect on Wound Closure. To improve
the photostability and aqueous solubility of hyperforin, it
was molecularly encapsulated in cyclodextrin. Hyperforin
was complexed with hydroxypropyl-𝛽-cyclodextrin (HP-𝛽-
CD) at different molar ratios using the solvent evaporation
method. The hyperforin/HP-𝛽-CD complexes were investi-
gated with UV/Vis spectroscopy in aqueous solution. The
molar ratio method was used to determine the stoichiometry
of the inclusion complex formed by hyperforin and HP-
𝛽-CD. ΔA, the difference in the absorbance of hyperforin
with and without HP-𝛽-CD, was plotted against the molar
ratio of HP-𝛽-CD to hyperforin at 280 nm (Figure 1(a)). The
curve for hyperforin/HP-𝛽-CD showed an inflexion point at
a ratio of 1 : 4, suggesting that the inclusion complex formed
HP-𝛽-CD tetracapped hyperforin at hemiterpene terminal
moieties (Figure 1(b)). Next, we checked the light stability
of a 1 : 4 complex of hyperforin/HP-𝛽-CD using HPLC. Fig-
ure 1(c) shows the visible light-induced degradation curves
of hyperforin and the hyperforin/HP-𝛽-CD complex. The
apparent half-life of hyperforin was 30min, while that of
the hyperforin/HP-𝛽-CD complex was prolonged to 180min.
A curve fitting analysis by single exponential decay with
a baseline showed a large baseline (44%) in the curve for
hyperforin/HP-𝛽-CD, suggesting the existence of a nonde-
graded (photoprotected) form in the complex (Figure 1(c)
fitting line).

We previously demonstrated that the wound closure
of keratinocytes was accelerated by stretching and that
hyperforin treatment further enhanced the effect [2] (Fig-
ure 1(d)). In the present study, we examined the effect
of hyperforin/HP-𝛽-CD on wound closure. A confluent
monolayer of HaCaT cells cultured on silicone membrane
was linearly scratched to create a cell-free gap of ∼250𝜇m
width, and the wound was allowed to heal under various
conditions. Figure 1(d) shows representative wound closing
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images captured at 0 and 6 h after scratching and the average
of the calculated percentage of the wound closure area. A 20%
sustained stretch facilitated wound closure in comparison to
nonstretched cells (control) and hyperforin (1𝜇M) treatment
further enhanced the effect of stretching, as shownpreviously.
Hyperforin/HP-𝛽-CD (1 𝜇M) was equally (or more) effective
in facilitating wound closure.

3.2. The Stretch-Induced ATP Release and the Initiation of
Ca2+ Waves from the Leading Cells on the Wound Gap. It
was reported that stretch stimulation induced intercellular
Ca2+ waves in hyperforin-treated HaCaT cells, which were

initiated from the leading cells on the wound edge and that
this occurred due to the release of ATP from the leading
cells and the activation of TRPC6 on the cells behind
the leading edge through the activation of P2Y with the
spread ATP [2]. We assessed whether hyperforin/HP-𝛽-CD
also has the same effects on HaCaT keratinocytes. At 3 h
after making a narrow scar on the confluent monolayer
of hyperforin/HP-𝛽-CD-treated cells, stretching (20% for
1 s, perpendicular to the linear gap) induced an increase
in the intracellular Ca2+ in almost all of the leading cells
on the wound edge and the Ca2+ increase propagated
towards the rear cells behind the edge in a wave-like pattern
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Figure 2: Stretch-inducedCa2+ wave propagation from thewound edge andATP release from the leading cells. Hyperforin/HP-𝛽-CD-treated
HaCaT cells at 3 h after scratching were subjected to a single stretch (20% for 1 s), which was applied perpendicular to the linear gap. (a) The
intracellular Ca2+ responses were measured using the Ca2+ fluorescence indicator, Fluo-8. In response to the stretch, the cells at the leading
edge exhibited a remarkably long-lasting increase in intracellular Ca2+, and the Ca2+ increase subsequently propagated to the cells located
behind the edge (Movie S1 online). (b) The release of ATP was visualized using a real-time luciferin-luciferase bioluminescence imaging
system. Representative overlay images of the ATP-dependent luminescence (red) and infrared DIC images (green) are shown. Following
stretching, the release of ATP was only observed in the cells at the leading edge. The released ATP diffused into the entire area and remained
at a high concentration for several minutes (Movie S2 online).

(Figure 2(a); Movie S1) (see Supplementary Material avail-
able online at https://doi.org/10.1155/2017/8701801). The Ca2+
waves occurred due to the release of ATP from the leading
cells and its diffusion to the surrounding cells behind the
edge, as shown in Figure 2(b) (Movie S2).The stretch applied
parallel to the linear gap had essentially the same effect on
ATP-Ca2+ signaling and wound healing in HaCaT cells [2].

One notable advantage of hyperforin/HP-𝛽-CD was that
the effects on the stretch-induced ATP and Ca2+ signal-
ing were more reproducible than those obtained simple
hyperforin. This may be attributed to the improvement of
photostability and the aqueous solubility of hyperforin/HP-
𝛽-CD.

3.3. The Pharmacological Analysis of the Stretch-Induced
Ca2+ Responses and Wound Closure in Hyperforin/HP-𝛽-CD-
Treated Cells. To analyze the characteristics of the stretch-
induced Ca2+response, the effects of various inhibitors on
the Ca2+response were evaluated in hyperforin/HP-𝛽-CD-
treated HaCaT cells. The time course of the intracellular
Ca2+response induced by a 20% stretch was measured at
different distances (0–240𝜇m) from the scar (Figure 3(a),
control; hyperforin/HP-𝛽-CD-treated cells). At 0 𝜇m (wound
edge), the Ca2+response was evoked immediately after
stretching and it was prolonged by several min. When
the distance from the edge was increased, a longer time
lag was found before the onset of the activity; however,
the amplitudes of the plateau phase were nearly the same.
These results were consistent with the idea that Ca2+ waves
caused by the simple diffusion of ATP released from the
leading cells at wound edge and the activation of P2Y in
the surrounding cells behind the wound edge. When Gd3+
(10 𝜇M), an inhibitor of the stretch-activated channel, was
applied, the Ca2+ response in the peak was reduced and the

rate of decay was obviously faster, especially at the distant
regions (Figure 3(b)). The Ca2+ responses were similarly
measured under various conditions and inhibitors and were
evaluated by the peak response in an averaged trace of the
responses at different distances (Figure 3(c)).The suppression
observed in Ca2+-free medium, in hyperforin/HP-𝛽-CD-
untreated cells and in shTRPC6-treated cells, suggested the
involvement of the influx of Ca2+via TRPC6. The inhibition
by the treatments with suramin (P2-receptor antagonist,
100 𝜇M), apyrase (ATP-hydrolyzing enzyme, 20U/mL), and
CBX (hemichannel blocker, 100𝜇M) suggested the contribu-
tion of ATP signaling in this process. The reduction by each
treatment withU73122 (PLC inhibitor, 10𝜇M) and diC8-PIP2
(a water-soluble PIP

2
analog that suppresses the activity of

PLC by competing with PIP
2
, 10 𝜇M) suggested that the

P2Y receptor-Gq-PLC-DAG-mediated signaling cascade was
involved in the activation of TRPC6. These results were
the same as those obtained by treatment with hyperforin
(nonencapsulate) and stretch stimulation [2]. This suggests
the involvement of the release of ATP via hemichannels in the
leading cells and that the activation of P2Y in the cells behind
the wound edge prolonged the influx of Ca2+ via TRPC6
through the Gq-PLC-DAG cascade.

To confirm whether hyperforin/HP-𝛽-CD facilitates
wound closure by amplifying ATP-Ca2+ signaling, we
assessed the effects of the various inhibitors that were used
above on the wound closure during sustained stretching.The
wound gap was almost closed at approximately 6 h (Figure
3(d), control) after scratching, while treatment with Ca2+
depletion (nominally Ca2+-free), CBX (100 𝜇M), apyrase
(20U/mL), suramin (100 𝜇M), Gd3+(10 𝜇M), GsMTx-4
(5 𝜇M), and shTRPC6 treatment delayed wound closure
(Figure 3(d)). This suggested that the wound closure process
required ATP-Ca2+ signaling, especially the influx of Ca2+
through TRPC6.

https://doi.org/10.1155/2017/8701801
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Figure 3: The effects of various inhibitors on the stretch-induced Ca2+ responses and wound closure. (a) The time course of changes in
the fluorescence intensity of Fluo-8 due to a transient 20% stretch in hyperforin/HP-𝛽-CD-treated HaCaT cells (control). Each color trace
indicated the data at different distances of 0, 60, 120, 180, and 240 from the wound edge (inset image). The intensity was normalized to
the peak value obtained with ionomycin treatment at the end of each experiment. (b) The effects of Gd3+ on the stretch-induced Ca2+
response as a typical example of the blocking effects of the inhibitors. Gd3+ (10𝜇M) was applied at 10min before the application of a 20%
stretch. (c) The effects of various inhibitors on 20% transient stretch-induced Ca2+ responses in hyperforin/HP-𝛽-CD-treated HaCaT cells.
The intensity traces at each distance from the wound edge were averaged and normalized to the peak intensity obtained with ionomycin
treatment. The data show the average of the peak values obtained in 3–6 separate experiments. Various inhibitors, including CBX (100𝜇M),
apyrase (20Unit/mL), suramin (100𝜇M), U73122 (10𝜇M), diC8-PIP

2
(5𝜇M), Gd3+ (10𝜇M), and GsMTx-4 (5𝜇M), were applied at 10min

before the stretch stimulation. A Ca2+-free condition was achieved by changing the medium to Ca2+-free medium that contained 0.5𝜇M
EGTA. All of the quantitative data are shown as the mean (±SEM). (d) The effects of various inhibitors on the stretch facilitated wound
closure in hyperforin/HP-𝛽-CD-treated HaCaT cells. Confluent cell cultures were scratched and allowed to migrate for 6 h under a sustained
20% stretch in amedium that contained various inhibitors, including CBX (100𝜇M), apyrase (20Unit/mL), suramin (100𝜇M), Gd3+ (10𝜇M),
and GsMTx-4 (5 𝜇M) or in nominally Ca2+-free medium. shTRPC6 was applied to the cells for 3 h; the cells were then grown to confluence.
Representative DIC images (upper panel) and the means of 3–8 wound closure experiments at 6 h after scratching (lower panel) are shown.
All of the quantitative data are shown as the mean (±SEM).

3.4.The Effects of Hyperforin/HP-𝛽-CDTreatment on the Ca2+
Responses in the Ex Vivo Skin of Atopic Dermatitis. Next,
we assessed the effects of hyperforin/HP-𝛽-CD treatment
and stretch mechanical stimulation on an ex vivo epidermis
of atopic dermatitis. The epidermis, which was detached
from the dermis after overnight treatment with dispase, was
loaded with Fluo-8AM and observed with a laser confocal

microscope. Normal skin exhibited frequent spontaneous
Ca2+ oscillations and a large Ca2+ response to stretch stim-
ulation (1 s single) and subsequent Ca2+ waves with the
long-lasting elevation of Ca2+ (Figure 4(a), Movie S3). In
contrast, the epidermis of atopic dermatitis showed few
oscillations and only a small response to stretching without
any waves (Figure 4(b), Movie S4). In contrast, atopic skin
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Figure 4: The effects of hyperforin/HP-𝛽-CD treatment on the Ca2+dynamics in the epidermis of atopic skin ex vivo. The epidermis was
detached from the dermis by dispase treatment and fixed on a stretch chamber with intradermal needles. The fluorescence of the Ca2+
indicator, Fluo-8AM, was observed with a laser confocal microscope (left image panels) and the changes in intensity in several cells were
plotted in the right panels. (a) The Ca2+ oscillation and the Ca2+ response to stretch stimulation (20%, 1 s, transient) in the epidermis of
normal skin ex vivo. Frequent Ca2+ oscillation and a large Ca2+ response to stretching and subsequent Ca2+ waves were prominent (see also
Movie S3). (b) In the atopic epidermis, little Ca2+ oscillation and a very weak Ca2+ response to stretching were observed (see also Movie
S4). (c) The 24 h treatment of atopic skin with hyperforin/HP-𝛽-CD drastically induced autonomous Ca2+ oscillation and led to a transient,
long-lasting Ca2+ increase induced by stretching (see also Movie S5).

that had been treated with hyperforin/HP-𝛽-CD for 24 h
exhibited autonomous Ca2+ oscillation, and a transient long-
lasting increase in Ca2+ and more frequent Ca2+oscillations
following stretch stimulation (Figure 4(c), Movie S5). The
application of hyperforin/HP-𝛽-CD-treatment to atopic skin
for 24 h led to the recovery of themechanosensitiveATP-Ca2+
signaling, which was dysfunctional in the untreated atopic
epidermis.

4. Discussion

The topical application of hyperforin, which is a traditional
folk remedy, has anti-inflammatory, antioxidative, antibac-
terial, antinociceptive, and wound healing effects. Recently,
accumulating evidence indicates that hyperforin facilitates
the keratinocyte differentiation caused by the uptake of

Ca2+ through TRPC6 [11]. Our previous studies showed
that hyperforin-treatedHaCaT keratinocytes could accelerate
wound closure in conjunction with exogenous and endoge-
nous mechanical stretching through the facilitation of the
ATP-Ca2+signaling cascade [2]. The impact of hyperforin on
mechanosensitivity remains unclear, but hyperforin certainly
amplifies ATP-Ca2+signaling and facilitates reepithelializa-
tion during wound healing. However, due to the photoin-
stability of hyperforin, daylight initiates its facile oxidative
degradation [21]. Prenyl side chains (hemiterpene moieties)
containing conjugated double bonds are generally prone to
oxidation. In order to enhance the stability of hyperforin and
exert its topical therapeutic potential, hyperforin was encap-
sulated by forming a supramolecular complexation with HP-
𝛽-CD. The solubility of HP-𝛽-CD is highest in ethanol as
well as water among the CD compounds, 𝛼-CD, 𝛽-CD,
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methylated-𝛽-CD, sulfobutyl ethyl-𝛽-CD, 𝛾-CD, and HP-𝛽-
CD. This amphipathic property was a major advantage when
making the inclusion complex with hydrophobic hyperforin.
The molar ratio method indicated that the optimal ratio of
the hyperforin/HP-𝛽-CD complex was 1 : 4. This meant the
formation of HP-𝛽-CD-tetracapped hyperforin, where the
hyperforinwas encappedwithHP-𝛽-CD at each hemiterpene
moiety [22] as shown in Figure 1(b). The novel inclusion
complex showed obvious photostability in comparison to
hyperforin (Figure 1(c)). The curve fitting of the decay
time course of hyperforin/HP-𝛽-CD indicated the existence
of a large nondecayed component that corresponded to
photostable hyperforin. This modification can contribute to
both pharmaceutical application and topical medication.

We assessed the effects of hyperforin/HP-𝛽-CD on
wound healing and ATP-Ca2+ signaling in keratinocytes.
Hyperforin/HP-𝛽-CD enhanced the acceleration of wound
closure by stretching with a similar efficiency to hyperforin
(Figure 1(d)). In hyperforin/HP-𝛽-CD-treated keratinocytes,
stretching induced a conspicuous increase in the Ca2+ levels
in the leading cells facing the wound edge and the Ca2+
waves slowly propagated to the cells behind the wound edge
(Figure 2(a)).These propagatingCa2+waveswere entirely due
to the release of ATP from the leading cells (Figure 2(b)).
The pathway of ATP release was CBX sensitive (Figure 3(c))
and presumably pannexin hemichannels from our previous
study [2]. The migrating cells at the wound edge represented
morphological changes that were similar to those observed at
the epithelial-to-mesenchymal transition and might be more
susceptible to endogenous and exogenous mechanical stress
[2, 23]. The increase in Ca2+ in the cells behind the wound
edge was dependent on the influx of Ca2+ via the TRPC6
channels, which were activated by the activation of P2Y
through the Gq-PLC-DAG-mediated signaling cascade (Fig-
ure 3(c)) [2] and lasted for a relatively long period. The
concentration and duration of the Ca2+ increase were depen-
dent on the distance from the wound edge, making a Ca2+
gradient from the leading cells to the following cells. This
Ca2+ gradient may be essential for organized wound healing,
including cell migration, molecular relocation, and gene
expression. The cell traction of the cells located behind
the edge by migrating leading cells is also an important
mechanical cue for wound healing that is controlled by
Ca2+ dependent cell-cell interaction molecules such as E-
cadherin. This Ca2+ signaling is enhanced by treatment with
hyperforin/HP-𝛽-CD.

Interestingly, the reagents that blocked the increase in
Ca2+ also suppressed the acceleration of wound closure in
response to stretching in hyperforin/HP-𝛽-CD-treated cells
(Figure 3(d)).Thus, the hyperforin/HP-𝛽-CD complex shows
a similar efficiency to hyperforin in inducing mechanosensi-
tive ATP-Ca2+ signaling and wound closure in keratinocytes.
In fact, hyperforin/HP-𝛽-CD seems to be superior due to
the reproducibility of the data concerning stretch-induced
ATP and Ca2+ signaling, which may be attributed to the
photostability and aqueous solubility of hyperforin/HP-𝛽-
CD.

In our experimental design, HaCaT keratinocytes were
cultured under low extracellular Ca2+ conditions (0.07mM),
which mimicked the extracellular Ca2+ environment for
barrier-perturbed epidermis, such as the environment that
would result from skin stripping or the use of surfactants.
Atopic dermatitis is also a skin barrier dysfunction. Topical
medication of hyperforin-rich St. John’s wort cream has been
shown to be effective in patients with atopic dermatitis [10–
14]. The analysis of the laser scanning microscopy images
has shown that the hyperforin-rich cream reduces the skin
surface dryness and improves the moisture level of the
stratum corneum [14]. However, the mechanism underly-
ing the improvement of symptoms in atopic skin remains
unclear. Our present study is the first to demonstrate how
the Ca2+dynamics of atopic skin behave under mechanical
environments such as wound healing and reepithelialization.
We observed the Ca2+ dynamics induced by the stretching of
epidermis ex vivo using a confocal microscope (Figure 4). In
atopic epidermis, there was a remarkable decrease in the
Ca2+ responses and oscillations induced by stretching (Fig-
ure 4(b)). Treatment with hyperforin/HP-𝛽-CD for 24 h
restored the Ca2+ responses and oscillations, even in atopic
skin (Figure 4(c)).These results suggest that the pathogenesis
of atopic dermatitis is related to ATP-Ca2+ signaling and that
hyperforin/HP-𝛽-CDmayhave therapeutic application in the
treatment of atopic dermatitis.

5. Conclusions

Cutaneous wound healing is accelerated by mechanical stress
both exogenously and endogenously, and treatment with
hyperforin enhances the acceleration through the facilitation
of ATP-Ca2+ signaling in keratinocytes. We succeeded in
making HP-𝛽-CD-tetracapped hyperforin (hyperforin/HP-
𝛽-CD), which possessed increased aqueous solubility and
improved photoprotection. Treatment with hyperforin/HP-
𝛽-CD enhanced the mechanically induced ATP-Ca2+ signal-
ing and accelerated wound closure in HaCaT keratinocytes
with equal (or greater) efficacy to hyperforin. We also
applied hyperforin/HP-𝛽-CD on atopic skin ex vivo and
found that hyperforin/HP-𝛽-CD treatment for 24 h improved
the stretch-induced Ca2+ responses and oscillations, which
reduced in atopic skin. The data suggest that hyperforin/HP-
𝛽-CD is a potent targeted therapeutic agent that can be used
to promote epidermal wound healing and to treat atopic
dermatitis.
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The physical properties of the extracellular matrix (ECM), such as stiffness, are involved in the determination of the characteristics
of cancer cells, including chemotherapy sensitivity. Resistance to chemotherapy is often linked to dysfunction of tumor suppressor
p53; however, it remains elusive whether the ECMmicroenvironment interferes with p53 activation in cancer cells. Here, we show
that, in MCF-7 breast cancer cells, extracellular stiffness influences p53 activation induced by the antitumor drug doxorubicin.
Cell growth inhibition by doxorubicin was increased in response to ECM rigidity in a p53-dependent manner. The expression of
Rho-associated coiled coil-containing protein kinase (ROCK) 2, which induces the activation of myosin II, was significantly higher
when cells were cultured on stiffer ECM substrates. Knockdown of ROCK2 expression or pharmacological inhibition of ROCK
decreased doxorubicin-induced p53 activation. Our results suggest that a soft ECM causes downregulation of ROCK2 expression,
which drives resistance to chemotherapy by repressing p53 activation.

1. Introduction

One of themajor causes of resistance to cancer therapies, such
as chemotherapy and radiation, is dysfunction of p53 [1–3].
Under low stress conditions, the expression of p53 is main-
tained at a low level due toMdm-2-mediated degradation [4].
In response to DNA damage caused by genotoxic drugs, PI3
kinase-like kinase family members (ATM, ATR, and DNA-
PK) are activated and then phosphorylate p53 [5, 6]. Subse-
quently, they phosphorylate and stabilize p53 by attenuating
its dissociation from Mdm2-mediated degradation [7]. p53

then induces cell cycle arrest and apoptosis by inducing the
expression of various target genes, including p21WAF1,NOXA,
and PIG6, leading to growth inhibition of damaged cells [8].
p53 dysfunction is frequently caused by mutation(s) in TP53
encoding p53 [9].

Accumulating evidence has shown that extracellular
matrix (ECM) stiffness, a tumor microenvironment factor,
contributes to chemotherapy sensitivity [10]. Stiffness of the
ECM secreted by stroma cells, such as cancer-associated
fibroblasts and myofibroblasts, is increased in most solid
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tumors [11, 12]. For example, mammary gland tumors, whose
elastic modulus is approximately 1–4 kPa, are stiffer than
healthy mammary glands (<1 kPa). Notably, stiffer tumors
are associated with a higher aggressiveness of cancer cells
[11, 13, 14]. However, it remains elusive whether ECM stiffness
modulates p53 function and chemotherapy sensitivity in
cancer cells.

Cells sense ECM stiffness at integrin-mediated cell-ECM
adhesion structures termed focal adhesions (FAs) [15]. The
rigidity of the ECM modulates the recruitment and phos-
phorylation of FA proteins, leading to actin polymerization
via the activation of Rho GTPases, including Rho, Rac,
and Cdc42 [16]. Rho also activates ROCK, which induces
the activation of the actin-based motor protein myosin and
increases the generation of actin-myosin contractile forces
[11].

Treatment with the genotoxic drug doxorubicin typi-
cally induces remodeling of actin cytoskeleton architecture;
however, its effects appear somewhat controversial [17–21].
In mouse embryonic fibroblasts, doxorubicin impairs the
formation of contractile actomyosin bundles, that is, stress
fibers, but induces the formation of cortical actomyosin rings
[19, 20]. Conversely, other studies have reported that the
formation of stress fibers is promoted by doxorubicin prior
to the onset of apoptosis in several cell lines, including
MCF-7 cells [17, 21]. While the formation of stress fibers as
well as FAs is impaired in suspended cells, the efficacy of
doxorubicin to induce apoptosis is increased in these cells
[17, 18], suggesting that the formation of stress fibers and
FAs may help to protect cells from apoptosis. In addition, it
has also been reported that, in mouse embryonic fibroblasts,
the formation of filopodia, which are thin finger-like cell
protrusions generated by actin polymerization, is diminished
upon doxorubicin treatment [22]. Since filopodia protrusions
promote the survival of disseminated carcinoma cells [23],
the doxorubicin-induced attenuation of filopodia formation
may contribute to the low viability of doxorubicin-treated
cells.

In this study, we examined whether matrix stiffness
affects the doxorubicin-induced growth inhibition of MCF-
7 breast cancer cells expressing wild-type p53. We found
that doxorubicin treatment reduced cell viability to a larger
extent on a stiff substrate (30 kPa) than on a soft one (2 kPa)
and that this stiffness-dependent decrease in the viability of
doxorubicin-treated cells required p53 activation. ROCK2
expression was increased in response to ECM rigidity,
and ROCK2 knockdown diminished doxorubicin-induced
p53 activation. The ectopic expression of p53 prevented
doxorubicin-induced filopodia formation in cells cultured on
soft substrates. Our findings suggest that the upregulation of
ROCK2-mediated actomyosin contractility on a stiff ECM
confers the chemotherapy response of cancer cells via the
substantial activation of p53.

2. Materials and Methods

2.1. Cell Culture. MCF-7 human breast cancer cells and 293T
human embryonic kidney cells obtained from the American

Type Culture Collection were cultured in Dulbecco’s modi-
fied Eagle’s medium (Nissui Pharmaceutical) supplemented
with 10% fetal bovine serum and 1% penicillin/streptomycin.
N-Acryloyl-6-aminocaproic acid- (ACA-) copolymerized
acrylamide gels for polyacrylamide culture substrates were
prepared as described previously [24, 25]. The cells were
seeded on the substrates at 2.2× 105 cells/cm2 and treatedwith
doxorubicin (DOXO; 1 𝜇g/mL) after incubation for 24 h.

2.2. MTT Assay. Cell growth was assessed by an MTT assay
according to the manufacturer’s instructions (Dojindo, Inc.).

2.3. Retroviral Vectors and Retroviral Infection. To generate
retroviruses encoding small hairpin RNAs (shRNAs) against
human p53 and human ROCK2, the p53 target sequence
[26] 5-GACTCCAGTGGTAATCTAC-3 and ROCK2 tar-
get sequence [27] 5-GGTTTATGCTATGAAGCTT-3 were
cloned into the pSuper retro puro vector (Oligoengine).
Retroviral infection was performed as described previously
[28]. Briefly, the retrovirus vector encoding shRNA was
cotransfected with the pAmpho plasmid into 293T cells using
the HilyMax transfection reagent (Dojindo). At 48 h after
transfection, the supernatant was collected and then used
to infect MCF-7 cells in the presence of 8 𝜇g/mL Polybrene.
Infected cells were selected using puromycin (1.5 𝜇g/mL) for
3 days.

2.4. Antibodies and Materials. Anti-p53 mouse monoclonal
(DO-1; SantaCruzBiotechnology), anti-HDAC1mousemon-
oclonal (2E10; Merck Millipore), anti-𝛼-tubulin mouse mon-
oclonal (DM1A; Sigma-Aldrich), anti-p21 rabbit monoclonal
(EPR3993; Abcam), and anti-Lamin B1 rabbit polyclonal
(Abcam) antibodies were used for immunoblot analyses.
Anti-pMLC2 (Ser19) rabbit polyclonal (Cell Signaling Tech-
nology) and anti-HA mouse monoclonal (16B12; Covance)
antibodies were used for immunofluorescence analyses. Dox-
orubicin and Y-27632 were purchased fromMerck Millipore.

2.5. Quantitative Real-Time PCR. Quantitative real-time
PCR analysis was performed as described previously
[29]. The following primers were used: human p21waf1
forward 5-GGCTTCATGCCAGCTACTTC-3 and reverse
5-CCCTAGGCTGTGCTCACTTC-3; human NOXA for-
ward 5-AGCTGGAAGTCGAGTGTGCT-3 and reverse 5-
ACGTGCACCTCCTGAGAAAA-3; human PIG6 forward
5-TTTTTCACCCCACACTTGCAGA-3 and reverse 5-
TGTCCCAGGCAGGTATCAGGTT-3; human ROCK2 for-
ward 5-CAACTGTGAGGCTTGTATGAAG-3 and reverse
5-TGCAAGGTGCTATAATCTCCTC-3; and human ubiq-
uitin forward 5-TGACTACAACATCCAGAA-3 and reverse
5-ATCTTTGCCTTGACATTC-3 [24].

2.6. Immunoblot Analysis. MCF-7 cells were solubilized with
the lysis buffer (50mM Tris pH 7.4, 150mM NaCl, 1% Triton
X-100, 1% SDS, 10mM EDTA, 1mM Na

3
VO
4
, 10mM NaF,

and protease inhibitor cocktail [PIC; Nacalai Tesque]) and
then centrifuged at 20,000×g for 20min after sonication.The
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supernatants were used as total cell extracts and subjected
to sodium dodecyl sulfate-polyacrylamide gel electrophore-
sis (SDS-PAGE). For fractionation of nuclear and cytosol
extracts, the cells were solubilized in buffer A (10mMHEPES
pH 7.2, 10mM KCl, 0.1mM EDTA, 0.1mM EGTA, 0.4% NP-
40, and PIC) and then centrifuged at 10,000×g for 10min
after incubation on ice for 5min.The supernatants were used
as cytosol extracts. The pellets were washed with buffer A
and subsequently resuspended in buffer B (20mM HEPES
pH 7.9, 400mM NaCl, 1mM EDTA, 1mM EGTA, and PIC)
in a vortex mixer for 10min. The supernatants obtained after
centrifugation at 20,000×g for 15min were used as nuclear
extracts.The extracts were subjected to SDS-PAGE. To obtain
the Triton X-100 soluble and insoluble fractionations, the
cells were solubilized with the lysis buffer (50mM Tris pH
7.4, 150mM NaCl, 1% Triton X-100, 10mM EDTA, 1mM
Na
3
VO
4
, 10mM NaF, and PIC) and then at 20,000×g for

15min after incubation on ice for 15min. The supernatants
were used as Triton X soluble fractions. The pellets were
resuspended in the SDS sample buffer after washing with the
buffer and subsequently sonicated. The lysates were used as
Triton X insoluble fractions. The extracts were subjected to
SDS-PAGE.

2.7. Fluorescence Microscopy. To immunostain for MLC2
phosphorylated at Ser19, the cells were fixed with 10%
formaldehyde in phosphate-buffered saline (PBS) supple-
mented with 0.1M HEPES pH 7.4 and then permeabilized
with 0.2% Triton X-100. After blocking with 5% goat serum
in PBS, the cells were incubated with the anti-pMLC2 (Ser19)
antibody. Alexa Fluor 633-conjugated goat anti-rabbit IgG
(Molecular Probes) was used as a secondary antibody. Alexa
Fluor 488 phalloidin (Molecular Probes) and DAPI (Vector
Laboratories) were used to stain F-actin and nuclei, respec-
tively. To visualize p53 and F-actin simultaneously in single
cells within spheroids, cells cultured overnight on the 2 kPa
substrate were transfected with the Lifeact-GFP expression
vector (a gift from Roland Wedlich-Söldner, University of
Munster, Munster, Germany [30]) together with the control
or HA-tagged p53 expression vector. After 24 h, the cells
were treated with doxorubicin for 16 h. The cells were fixed
with 10% formaldehyde in PBS containing 0.1M HEPES pH
7.4. Doxorubicin incorporated into the cells was visualized
using its autofluorescence (e.g., ex: 488 nm/em: >580 nm
[31]). Images were acquired using a confocal microscope
(LSM700; Zeiss) and then analyzed with ImageJ software
(NIH).

2.8. Statistical Analysis. Statistical analysis of data was per-
formed using the unpaired Student’s two-sided 𝑡-test.

3. Results and Discussion

We cultured MCF-7 cells on gelatin-coated ACA gels with
elasticities of 2 kPa and 30 kPa as well as on plastic dishes
(elastic modulus ∼106 kPa). The cells on the 2 kPa substrate
aggregated and formed spheroid structures (Figure 1(a)).

Conversely, the cells cultured on the 30 kPa substrate exhib-
ited flat and spread morphologies, although they were flatter
and more spread out when cultured on plastic dishes. While
activation of integrin signaling in response to a rigid ECM
can prevent antitumor drug-induced cell death [32], spheroid
formation, which is typically observed on a soft ECM
(Figure 1(a)), also reportedly makes cancer cells resistant to
antitumor drugs [33, 34]. Given these apparently opposing
results, we examined how the inhibitory effect of doxorubicin
on cell growth was influenced by ECM stiffness using trypan
blue exclusion-based cell staining. When the cells were cul-
tured on the 2 kPa substrate, doxorubicin treatment reduced
the relative number of viable cells by ∼35% (Figure 1(b)).
Conversely, when the cells were cultured on the 30 kPa
substrate, the relative number of viable cells was reduced
further (by ∼54%) upon doxorubicin treatment. We further
investigated the effect of ECM stiffness on cell proliferation in
the presence or absence of doxorubicin using an MTT assay.
The number of cells cultured on the 30 kPa substrate was
significantly more than that cultured on the 2 kPa substrate
(see Figure S1 in Supplementary Material available online
at https://doi.org/10.1155/2017/5158961), indicating that sub-
strate stiffening promotes cell proliferation. By contrast, the
number of doxorubicin-treated cells cultured on the 30 kPa
substrate was similar to that cultured on the 2 kPa substrate.
Thedoxorubicin-induced attenuation of cell proliferationwas
alsomore significant on the 30 kPa substrate than on the 2 kPa
substrate.

While MCF-7 cells cultured on the soft substrate form
spheroids (Figure 1(a)), spheroid formation provides hypoxic
microenvironments and attenuates drug penetration [33, 34].
These effects associated with spheroid formation potentially
contribute to the chemotherapeutic resistance of cancer cells,
in which downregulation of p53 activation is reportedly
involved [33]. However, the following results suggest that
downregulation of p53 activation on the soft substrate is
unlikely to be caused by spheroid-associated hypoxia or
limited drug penetration in our system. First, although
hypoxia typically occurs in tissue located at a distance of
100–150 𝜇m from blood vessels [35], the width of spheroids
formed in our experimental condition was much smaller
(40± 10 𝜇m in radius, 𝑛 = 214). Second, the concentration of
penetrated doxorubicin was not apparently different between
the central region and outer edge of the spheroids (Figures
1(c) and 1(d)).

We next investigated the contribution of p53 to the
ECM stiffness-dependent regulation of cellular morphol-
ogy and doxorubicin-induced cell growth inhibition. MCF-
7 cells with shRNA-mediated depletion of p53 expression
(Figure 1(e)) were spread out on the 30 kPa and plastic
substrates but formed spheroids on the 2 kPa substrate,
albeit these spheroids had irregular shapes compared with
those of control cells (Figure 1(a)). This suggests that the
p53-depleted cells retain the ability to sense differences in
substrate elasticity. However, the rigidity-dependency of the
doxorubicin-induced reduction of cell viability (Figure 1(b))
and cell proliferation (Fig. S1) was abrogated upon p53
knockdown.
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Figure 1: Rigid substrates enhance the inhibitory effect of doxorubicin on cell growth in a p53-dependent manner. (a-b)MCF-7 cells infected
with a control or p53 shRNA-expressing retrovirus were cultured on substrates with elasticities of 2 and 30 kPa or on plates (P; ∼106 kPa). (a)
Phase contrast images of the cells were obtained with an inverted microscope (Olympus CKX41). Scale bar, 50𝜇m. (b)The cells were treated
with doxorubicin (DOXO; 1𝜇g/mL) for 24 h, and the number of viable cells was counted using trypan blue exclusion-based cell staining. In
each condition, the number of doxorubicin-treated cells was normalized to that of nontreated cells. Each bar represents the mean ± standard
deviation (SD); 𝑛 = 4. Asterisks, 𝑝 < 0.05. (c-d) Accumulation of doxorubicin into cells cultured on a substrate with an elasticity of 2 kPa
was evaluated. (c) Doxorubicin incorporated into cells was visualized using its autofluorescence. Z-stack images with an interval of 1.0𝜇m
were obtained using a confocal microscope. Projected images for doxorubicin (red) and nuclei (DAPI) are shown. Scale bar, 50𝜇m. (d) The
fluorescence intensity of the yellow line drawn across the spheroid was plotted. Intensity values were normalized with respect to themaximum
value in each profile. (e) Extracts from control and p53 shRNA-expressing cells cultured on plates were subjected to immunoblot analysis with
antibodies against p53 and 𝛼-tubulin as a loading control.

To dissect whether p53 activation was involved in
the ECM rigidity-dependent modulation of doxorubicin-
induced cell growth inhibition, we examined p53 transcrip-
tional activity by evaluating the expression of its well-known
target genes, p21Waf1, which encodes a cyclin-dependent
kinase inhibitor, and NOXA and PIG6, whose products
induce apoptosis by activating caspases [8]. The expression
of p21Waf1 was drastically increased by doxorubicin treatment

in a p53-dependent manner, and its doxorubicin-induced
expression was significantly higher on the 30 kPa substrate
than on the 2 kPa substrate (Figures 2(a) and 2(b)). We
observed similar effects of substrate stiffness and p53 on the
gene expression of NOXA and PIG6. Consistent with the
increased gene expression of these apoptosis-inducing factors
(Figure 2(a)), cleavage of the caspase substrate Lamin B1
[36–40] was also increased by doxorubicin treatment in a
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Figure 2: Soft substrates diminish doxorubicin-induced p53 activation. (a–c)Cells infectedwith a control or p53 shRNA-expressing retrovirus
were cultured on substrates with elasticities of 2 and 30 kPa. (a) The expression of p21Waf1, NOXA, and PIG6 in cells cultured in the presence
or absence of DOXO (1 𝜇g/mL) for 24 h was evaluated by quantitative real-time PCR. Each bar represents the mean ± SD; 𝑛 = 3. Asterisks,
𝑝 < 0.01. (b-c) Control and p53 shRNA-expressing cells were treated with DOXO for the indicated time periods. (b) Total cell lysates were
subjected to immunoblot analysis with antibodies against p21, Lamin B1, and 𝛼-tubulin as a loading control. The white arrowhead indicates
full-length Lamin B1, while the black arrowhead indicates a cleaved fragment. (c) Total cell extracts, nuclear extracts, and cytosol extracts
were subjected to immunoblot analysis with antibodies against p53, HDAC1 as a nuclear marker, and 𝛼-tubulin as a loading control or cytosol
marker.

substrate rigidity-dependent manner (Figure 2(b)). Thus, a
stiff ECM has a promoting effect on doxorubicin-induced
p53 activation, which would underlie the observation that
cell growth inhibition following doxorubicin treatment is
enhanced on a stiff ECM in a p53-dependent manner (Fig-
ure 1(b)).

We next examined whether p53 protein levels following
doxorubicin treatment were influenced by ECM stiffness.
The expression of p53 increased upon doxorubicin treatment,
which was not affected by substrate rigidity (Figure 2(c)
left). Conversely, the amount of p53 in the nuclear fraction
was larger when the cells were cultured on the stiffer sub-
strate (Figure 2(c) right). By contrast, the amount of p53
in the Triton X-100 insoluble cytoskeleton fraction [41] of
doxorubicin-treated cells was lower on the 30 kPa substrate
than on the 2 kPa substrate (Fig. S2). These results suggest
that a soft ECM attenuates the nuclear accumulation of p53
through the interaction of p53 with the cytoskeleton.

Stiff substrates have been shown to increase actomyosin
contraction [11, 42, 43]. We have also shown that the expres-
sion of the actomyosin activator ROCK2 is downregulated

in fibroblasts when the cells are cultured on soft (<4 kPa)
substrates [44]. Consistent with these previous reports, phos-
phorylation ofmyosin light chain (MLC), a critical step in the
activation of nonmuscle myosin, was higher in cells cultured
on stiffer substrates (Figure 3(a)). Since it has been reported
that the doxorubicin-induced stabilization and concomitant
nuclear accumulation of p53 are suppressed by the myosin II
ATPase inhibitor blebbistatin or the ROCK inhibitor Y-27632
in keratinocytes [45], we asked whether rigidity-dependent
ROCK2 expression and concomitant actomyosin activation
were involved in the enhanced activation of p53 on the stiff
substrate. Consistent with the case of fibroblasts [44],ROCK2
expression in MCF-7 cells was significantly higher on the
30 kPa substrate than on the 2 kPa substrate (Figure 3(b)).
While doxorubicin treatment induced the accumulation of
p53 in nuclei (Figure 2(b)), both ROCK inhibition (Fig-
ure 3(c)) and ROCK2 knockdown (Figures 3(d) and 3(e))
diminished the doxorubicin-induced nuclear accumulation
of p53. Concomitantly, the expression of the p53 target gene
p21Waf1, which was induced upon doxorubicin treatment, was
largely decreased by ROCK2 knockdown (Figure 3(f)). Taken
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Figure 3: ROCK2 is involved in doxorubicin-induced p53 activation. (a) Cells were cultured on substrates with elasticities of 2 and 30 kPa.
Confocal images of cells stained for phosphorylatedMLC (pMLC2; red) and F-actin (green). Scale bars, 20𝜇m.Z-stack imageswith an interval
of 1.0𝜇mwere obtained using a confocal microscope, and projected images are shown. (b) ROCK2 expression in cells cultured on substrates
with elasticities of 2 and 30 kPa was evaluated by quantitative real-time PCR. Each bar represents the mean ± SD; 𝑛 = 3. Asterisks, 𝑝 < 0.02.
(c) Nuclear extracts and cytosol extracts from cells cultured in the presence or absence of DOXO (1𝜇g/mL) and/or Y-27632 (10 𝜇M) for 16 h
were subjected to immunoblot analysis with antibodies against p53, HDAC1 as a nuclear marker, and 𝛼-tubulin as a cytosol marker. (d–f)The
cells were infected with a control or ROCK2 shRNA-expressing retrovirus. (d) ROCK2 expression was evaluated as in (b). (e) Nuclear extracts
and cytosol extracts from cells cultured in the presence or absence of DOXO for 16 h were subjected to immunoblot analysis with antibodies
against with p53, HDAC1 as a nuclear marker, and 𝛼-tubulin as a loading control or cytosol marker. (f) p21Waf1 expression in cells cultured in
the presence or absence of DOXO for 24 h was evaluated by quantitative real-time PCR. Each bar represents the mean ± SD; 𝑛 = 3. Asterisks,
𝑝 < 0.01.
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Figure 4: Doxorubicin treatment induces protrusion formation in cells cultured on soft substrates. (a, d) Cells cultured on substrates with
elasticities of 2 kPa (a, d) and 30 kPa (d) were treated with or without DOXO (1𝜇g/mL) for 16 h. (a) Phase contrast images of the cells were
obtained with an inverted microscope. Scale bar, 100𝜇m. (b) The aspect ratio of spheroids cultured on 2 kPa was calculated from the major
length to the minor length of an ellipse that fitted each spheroid using ImageJ software. Each bar represents the mean ± SD; 𝑛 = 10. Asterisks,
𝑝 < 0.01. (c)Thenumber of thin protrusions (≧20𝜇m) along the periphery of a cell cluster was quantified using ImageJ software. Data indicate
the number of protrusions per 100𝜇m of the periphery of a cell cluster. Each bar represents the mean ± SD; 𝑛 = 5. Asterisks, 𝑝 < 0.01. (d)
The cells were transfected with the Lifeact-GFP expression vector to label F-actin together with the HA-tagged p53 expression vector before
treatment withDOXO.Confocal images of F-actin (green), HA (magenta), and nuclei (DAPI; blue) are shown. Z-stack images with an interval
of 1.0𝜇mwere obtained using a confocal microscope, and projected images are shown. Magnified images of F-actin in the boxed regions are
also shown. Scale bar, 20𝜇m.The white arrowheads indicate filopodia-like protrusions (≧10𝜇m). (e)The relative number of cells, which have
more than three filopodia-like protrusions (≧10𝜇m), to total cell number (𝑛 = 24), is shown.
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together, these results suggest that the substrate stiffness-
dependent increase in the expression and activity of ROCK2
contributes to p53 activation.

The ROCK family consists of ROCK1 and ROCK2. Both
isoforms have redundant functions and are implicated in
MLC2 phosphorylation upon doxorubicin treatment [19, 20].
While we have shown here that ROCK2 activity potentiates
the doxorubicin-induced activation of p53, previous studies
have suggested that p53 activation can, in turn, lead to
the enhanced activation of ROCK1. While ROCK1 is con-
stitutively activated during apoptosis upon its cleavage by
caspase-3 and caspase-7 [46], p53 activates these caspases
[47]. Therefore, ROCKs and p53 potentially form a positive
feedback loop in cells undergoing apoptosis. This positive
feedback mechanism would accelerate cell depletion upon
doxorubicin treatment, and ECM rigidity may affect the
efficacy of doxorubicin on cell depletion by modulating
this feedback mechanism. However, the actual mechanism
by which ROCK regulates p53 activity remains unclear.
Since p53 shuttles dynamically between the nucleus and
cytoplasm [48], ROCK may modulate the import/export of
p53 into/from the nucleus to regulate the nuclear localization
of p53, which needs to be examined in future studies.

p53 alters cell behavior through remodeling of the actin
cytoskeleton [49], and actin remodeling is involved in the
determination of cell fate upon doxorubicin treatment [17,
19–22, 50]. While actin remodeling plays a central role in
the morphological changes of cells [51], we noticed that the
spheroids that formed on the 2 kPa substrate spread out with
thin protrusions after treatment with doxorubicin (Figures
4(a)–4(c)). By contrast, cell clusters on the 30 kPa substrate
became less spread out upon doxorubicin treatment, which
accompanied a decrease in the formation of thin protrusions
(Figures 4(a) and 4(c)). We then examined how doxoru-
bicin modulated the actin cytoskeleton to induce protrusion
formation in cells cultured on the 2 kPa substrate. Dox-
orubicin treatment caused the formation of long filopodia-
like protrusions in cells residing in spheroids (Figures 4(d)
and 4(e)). Importantly, while p53 activity was relatively low
on the 2 kPa substrate compared with the stiffer substrate
(Figure 2), the ectopic expression of p53 in cells on the 2 kPa
substrate abrogated the doxorubicin-induced formation of
protrusions (Figures 4(d) and 4(e)). This inhibitory effect of
p53 on protrusion formation is consistent with the previously
reported functions of p53; p53 decreases the activity of Cdc42,
a small GTPase that promotes the formation of filopodia,
as well as the expression of fascin, a major actin-bundling
protein in filopodia [22, 52, 53]. Considering that filopodia
protrusions promote cell survival [23], our results imply
that the reduced activity of p53 in spheroids may make
cells resistant to chemotherapy by promoting protrusion
formation.

The stemness of cancer cells is a contributing factor to
the metastasis, recurrence, and chemotherapy resistance of
cancers [54–57]. p53 reduces stemness by repressing the
expression of various stem cell markers and by activating the
DNA excision repair pathway [49, 58]. Conversely, ROCK
inhibition and soft substrates promote the self-renewal of
stem cells and reprogramming of fibroblasts into stem cells

[50–54]. Given these previous results, downregulation of the
ROCK-p53 axis on soft substrates, which we have revealed in
this study, may contribute to the production of cancer stem
cells.

4. Conclusions

Our study provides novel insights into themechanism under-
lying the environment-mediated drug resistance of breast
cancer cells. Stiffer substrates make breast cancer cells more
susceptible to doxorubicin treatment in a p53-dependent
manner. It is of note that while advanced cancer cells are
associated with stiffer tumors [9, 11, 12], they typically bear
somatic mutations of TP53 at a high rate [9]. Therefore, due
to p53 dysfunction by itsmutation, advanced cancer cellsmay
exhibit chemotherapeutic resistance even in rigid tumors.
Conversely, cancer cells at early stages, in which the TP53
gene does not typically suffer severe mutations, reside in
relatively soft environments that may reduce the inhibitory
effect of genotoxic drugs on cell growth. Treatment of early
stage cancer cells with genotoxic drugs combined with a
drug or physical method that increases extracellular stiffness
and/or myosin II activity may provide an effective approach
for cancer therapy.
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To understand the mechanism regulating the spontaneous change in polarity that leads to cell turning, we quantitatively analyzed
the dynamics of focal adhesions (FAs) coupling with the self-assembling actin cytoskeletal structure in Swiss 3T3 fibroblasts. Fluo-
rescent images were acquired from cells expressingGFP-actin andRFP-zyxin by laser confocalmicroscopy. On the basis of themax-
imum area, duration, and relocation distance of FAs extracted from the RFP-zyxin images, the cells could be divided into 3 regions:
the front region, intermediate lateral region, and rear region. In the intermediate lateral region, FAs appeared close to the leading
edge and were stabilized gradually as its area increased. Simultaneously, bundled actin stress fibers (SFs) were observed vertically
from the positions of these FAs, and they connected to the other SFs parallel to the leading edge. Finally, these connecting SFs fused
to form a single SF with matured FAs at both ends.This change in SF organization with cell retraction in the first cycle of migration
followed by a newly formed protrusion in the next cycle is assumed to lead to cell turning in migrating Swiss 3T3 fibroblasts.

1. Introduction

Directional cell migration plays an essential role in embry-
onic development [1], tissue regeneration [2], development
and remodeling of the nervous system [3], wound healing in
multicellular organisms [4, 5], and biomedical applications
such as tissue formation [6]. During these processes, cells
generate, maintain, and change front-back polarity by inte-
grating chemical andmechanical stimuli from the extracellu-
lar environment [7, 8].

The mechanism of polarity control of migrating cells
has been studied extensively in chemotactic neutrophils and

Dictyostelium amoeba in response to and movement along
a gradient of chemoattractant [9, 10]. Polarized chemotactic
cell migration is associated with the formation of polarized
networks of actin filaments and microtubules together with
the asymmetric distribution of signalingmolecules including
PI3Ks, PTEN, and Rho GTPases [10, 11]. It is also reported
that local temperature gradients induce neurite outgrowth
due to the enhanced microtubule and actin dynamics [12].
Intensive studies show that mechanical stimuli, such as
stiffness [13–15] and topography [16, 17] of the extracellu-
lar matrix, and chemical and thermal stimuli are critical
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factors controlling the polarity of migrating cells. Mechan-
ically responding cells modulate the delicate force balance
between contractility of the actin cytoskeleton and exogenous
mechanical forces transmitted across the focal adhesions
(FAs) [6] and change their migratory direction [15, 18,
19]. Thus, self-organization of the actin cytoskeletal system
involving FAs is a key factor to understand the polarity
control of migrating cells in relation to mechanical stimuli in
the extracellular environment.

The details on polarity maintenance through self-
assembling actin cytoskeletal structure coupling with the
dynamics of FAs, which are known to be regulated by Rho
family GTPases [20, 21], have been studied extensively in
relation to the key steps: protrusion at the leading edge,
adhesion to the extracellular matrix via FAs, and detachment
and retraction at the cell rear. Protrusion at the leading edge
is driven by actin polymerization to form a lamellipodium,
which is a dynamic dendritic networkwith actin binding pro-
teins such as Arp2/3 for nucleation and branching of actin fil-
aments [22, 23], capping proteins for terminating actin poly-
merization [24] and ADF/cofilin for severing actin filaments
[25]. Some actin filaments in the lamellipodium are depoly-
merized and recycled again for polymerization to actin fila-
ments. Others including filopodia, which are rod-like projec-
tions that extend from the lamellipodium and are composed
of bundles of actin filaments, are delivered to the lamella by
the actin retrograde flow to assemble a contractile network
for traction, consisting of bundled filaments, myosin II, and
FAs [26–29]. The contractile forces generated in the acto-
myosin network are required for retrograde flow to assemble
the contractile network, as well as cell body translocation
and disassembling FAs at the cell rear [30, 31].

Self-assembly of actin cytoskeleton for polarity genera-
tion has been reported in physically pushed lamellipodial
fragments, in which the physical stimulus leads to local com-
pression of the bundled actin filaments withmyosin II, result-
ing in a positive feedback loop that initiates polarization and
persistent migration [32]. Furthermore, this polarity genera-
tion was shown to be dependent on Rho kinase-mediated
reorganization of the actomyosin network based on the
detailed analysis of the spatiotemporal reorganization of the
F-actin network [33].

Clarification of the mechanism of polarity change is the
next challenge to understand the control of migrating cells in
response to mechanical stimuli since extensive studies have
demonstrated the self-assembling actin cytoskeletal structure
and dynamics of FAs for polarity generation and mainte-
nance. Our aim here was to demonstrate the mechanism
regulating the change in polarity that leads to cell turning by
focusing on the dynamics of FAs and bundled actin filaments
called stress fibers (SFs) [34]. We combined precise observa-
tions of FAs and SFswith quantitative analyses of FA assembly-
disassembly in relation to spatiotemporal changes in SFs.
These observations and analyses demonstrated the spa-
tiotemporal coordination of intracellular cytoskeletal reor-
ganization due to an actin self-assembly mechanism and
dynamics of FA formation.

2. Materials and Methods

2.1. Cell Culture, Transfection, and Sample Preparation. Swiss
3T3 fibroblasts (Riken Cell Bank, Tsukuba, Japan) were
cultured in 5% CO2 at 37

∘C in Dulbecco’s modified Eagle’s
medium (Low-glucose DMEM;GIBCO,USA) supplemented
with 10% fetal bovine serum (Nacalai Tesque, Japan) and
penicillin/streptomycin (50 units/mL and 50 𝜇g/mL, resp.)
(GIBCO). For long-term observations of cell migration, the
cells were plated on 35mm glass-bottom dishes (Matsunami,
Japan). For observation of actin SFs and FAs during cell
migration, the cells were cotransfected with pAcGFP1-actin
(Clontech, USA) and pTagRFP-zyxin (Evrogen, Russia) using
FuGENE HD transfection reagents (Promega, USA) accord-
ing to the manufacturer’s instructions. The cells were then
seeded on silicone gel substrates. Both glass-bottom dishes
and silicone gel substrates were precoated with 50𝜇g/mL
fibronectin (BD Biosciences, USA) for 30 minutes at room
temperature. After plating, the cells were incubated for at least
3 h in a 5%CO2 incubator at 37

∘C, allowing the cells to adhere
to and spread over the substrate.

2.2. Silicone Gel Substrates. A thin silicone gel substrate
embedded with fluorescent microspheres was prepared, as
described in detail elsewhere [35] with some modifications.
Briefly, a pair of liquid silicones (CY52-276A and B; Dow
Corning Toray, Japan) were mixed at a weight ratio of 6 : 5
and degassed. The mixture was spread on a 22 × 22mm
coverslip (Matsunami) using a spin coater (LH-D7;MIKASA,
Japan).The thickness of the silicone layerwas less than 50𝜇m.
A 35mm plastic dish with a hole (14mm in diameter) at
the bottom (Matsunami) was assembled with the silicone-
coated coverslip by curing the silicone at 70∘C for 30minutes.
Assembled silicone substrate-bottom dishes were kept in a
hermetically sealed case with a 100 𝜇L aliquot of liquid silane
(3-aminopropyl triethoxysilane; Sigma-Aldrich Japan, Japan)
for 1 h to attach the silane to the surface of the silicone
substrate by vapor deposition. A 250𝜇L aliquot of a solution
containing dark red fluorescent microspheres (0.2 𝜇m in
diameter, with peak excitation and emission wavelengths of
660 and 680 nm, resp., F-8807; Invitrogen, USA) diluted 400
times with distilled water was added to the solidified silicone.
After approximately 10 minutes, the substrate was washed
with distilled water. Young’s modulus of the silicone substrate
was typically 1.0 kPa [35].

2.3. Live Cell Imaging and Image Processing for Long-Term
Observation of Cell Migration. Long-term observations of
Swiss 3T3 fibroblast migration were performed at 37∘C
5% CO2 by phase contrast microscopy using an inverted
microscope (ECLIPSE Ti-E; Nikon, Tokyo, Japan) equipped
with the Perfect Focus System, a digital camera (Retiga-
4000R CCD camera; QImaging, Canada), and a Plan Fluor
10x objective (NA 0.30; Nikon). Phase contrast images were
captured every 10 minutes for up to 24 h controlled with NIS-
Elements AR software (Nikon). The images were 1024 × 1024
pixels with a resolution of 1.48 𝜇m/pixel. On the basis of the
phase contrast images, cell edges were determined manually.
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2.4. Live Cell Imaging and Image Processing for Observation of
Actin and Zyxin. Swiss 3T3 fibroblasts expressing pAcGFP1-
actin and pTagRFP-zyxin plated on the silicone substrate
embedded with fluorescent dark red microspheres (Fig-
ure 1(a)) were observed at 37∘C 5% CO2 using laser scanning
confocal microscopy (A1R; Nikon) with a Plan Apo 60x oil
immersion objective (NA 1.40; Nikon). Fluorescent images
together with differential interference contrast (DIC) images
were acquired every 3minutes for up to 60minutes. Here, the
duration was limited to be 60 minutes that was shorter than
the duration of imageswith phase contrastmicroscopy, which
was due to the color shading especially in RFP-zyxin images.
At each cycle of image capturing, 𝑧-stack fluorescent imaging
was performed on 0.2𝜇m sections for a total thickness of
2.0 𝜇m, the 𝑧-range of which included the top surface of the
substrate and the bottom of the cell. Due to the difference
in existing height positions among GFP-actin, RFP-zyxin,
and dark red microspheres, a maximum intensity projection
(MIP) image was configured from 5 series of slices from a
total of 11 series of slices for each fluorescent image. One
example is shown in Figure 1(b): MIP images of GFP-actin
and RFP-zyxin were created from the 7th slice (𝑧 = 1.2 𝜇m) to
the 11th slice (𝑧 = 2.0 𝜇m) from the bottom whereas the MIP
images of fluorescent dark red microspheres were created
from the 1st (𝑧 = 0 𝜇m) to the 5th slice (𝑧 = 0.8 𝜇m). From
this imaging, we collected 3 sets of 512 × 512 pixels fluorescent
images together with DIC images for amaximumof 21 cycles.
Image resolution ranged from 0.14 to 0.21 𝜇m/pixel.

All image processing was performed using the configured
MIP images, whichwere saved as 12 bit gray scale images (Fig-
ure 1(c), left).The gray scale GFP-actin images were binarized
using Otsu’s method [36] and subsequently eroded, opened,
and dilated (Figure 1(c), middle). Cell edges were found using
the outline detection algorithm with the “bwperim” function
in MATLAB. The obtained cell outline and area centroid are
shown in Figure 1(c) (right). The area centroid �⃗� = (𝐶𝑥, 𝐶𝑦)
was calculated from the binarized image by �⃗� = ∑𝑖𝑚𝑖 ⃗𝑟𝑖/𝑀,
where ⃗𝑟𝑖 = (𝑟𝑥𝑖, 𝑟𝑦𝑖) and𝑚𝑖 are the coordinates and pixel value
of each pixel, respectively.𝑚𝑖 should be 1 (white) or 0 (black)
for binarized images, and𝑀 is determined to be ∑𝑖𝑚𝑖.

In each sequential MIP image of RFP-zyxin, an FA can
be classified either to be born, to continue into the next time
step, or to die. Firstly, individual FAswere identifiedmanually
from the gray scale RFP-zyxin images, and the duration of
each FA was obtained from the time the FA was born to
the time it died. Secondly, in order to calculate the area and
area centroid for each FA, gray scale RFP-zyxin images were
cropped locally around each FA and they were binarized
using Otsu’s method [36] (Figure 1(d), left). We determined
individual FA areas as the number of pixels in the locally
binarized image for each FA. In addition, an area centroid for
each FAwas also calculated using the same equation as for the
whole cell, mentioned above. Finally, relocation distance was
obtained from the distance between the area centroid of an FA
to be born and that of the same FA to die (Figure 1(d), right).

2.5. Classification of SFs. We defined ventral SFs to be those
SFs connecting to FAs at both ends and dorsal SFs to be those

connecting to only one end, with an FA close to the leading
edge and the other end free or connecting to arc SFs. Strictly,
ventral SFs commonly extend from an FA near the cell edge
to another FA. Arc SFs, which are not anchored at FAs, can
be observed on the dorsal surface of migrating cells. Lastly,
dorsal SFs associate at an end with an FA close to the leading
edge and rise into the dorsal part of the cell, often connecting
to arc SFs [34]. In our analysis, whether SFs were ventral or
dorsal was determined based on theMIP images according to
the number of connection between the SFs and FAs.

2.6. Displacement Field Analysis Using Image-Based Template
Matching. In order to measure the displacement field of the
silicone substrate between images in time, sequential MIP
images of the fluorescent dark red microspheres embedded
in the silicone substrate were analyzed by template matching
[37], which we implemented in MATLAB. In order to
estimate the displacement field of the substrate between
time phase 𝑡 and 𝑡 + 𝑑𝑡, we calculated the normalized
cross-correlation (NCC) function. The NCC function was
calculated for each pixel in sample image 𝐼with size𝑀×𝑁 at
time 𝑡+𝑑𝑡 according to the template𝑇with size𝑈×𝑉 at time 𝑡:
NCC (𝑥, 𝑦)

= ∑𝑢,V (𝐼 (𝑥 + 𝑢, 𝑦 + V) − 𝐼) (𝑇 (𝑢, V) − 𝑇)
√∑𝑢,V∑𝑢,V (𝐼 (𝑥 + 𝑢, 𝑦 + V) − 𝐼)2 × (𝑇 (𝑢, V) − 𝑇)2

, (1)

where 𝑥 = 0, 1, 2, . . . ,𝑀 − 1, 𝑦 = 0, 1, 2, . . . , 𝑁 − 1, 𝑢 = 0, 1,
2, . . . , 𝑈 − 1 and V = 0, 1, 2, . . . , 𝑉 − 1. 𝑇 represents the mean
of 𝑇 and 𝐼 is the mean of 𝐼.
3. Results

3.1. Cell Turning during Long-Term Migration. Long-term
observations of Swiss 3T3 fibroblast migration were per-
formed on a glass substrate by phase contrast microscopy.
A total of 19 cells were observed: 2 cells showed directed
migration; 7 cells lost their polarity and remained at the same
position; and 10 cells showedmore than 90∘ turningwith large
deformation during slow migration. Four of these 10 cells in
particular showed unusual turning behavior, a representative
example of which is shown in Figure 2. As seen in Figure 2,
the cell turned with the collapse of the initial leading edge,
followed by the formation of new lamellipodia, orthogonal to
the original direction of migration.

To focus on intracellular self-assembling actin cytoskele-
tal structure coupling with the dynamics of FAs in turning
cells, we acquired time-lapse fluorescent images of migrating
Swiss 3T3 fibroblasts expressing GFP-actin and RFP-zyxin
with laser confocal microscopy and DIC microscopy. As
shown in Figure 3(a), this setup enabled us to detect bundled
filament-like actin SFs and spot-like FAs in cells establishing
front-back polarity on the basis of direction of migration.
Figure 3(b) represents the direction of the protrusion and
retraction by red and blue arrows, respectively. The cell
protruded largely to the upper region (red arrow 1) and also
had a small protrusive region to the upper left (red arrow 2).



4 BioMed Research International

Glass coverslip
Silicone

Actin stress fibers
Adhesion sites

Zyxin
Fluorescent microspheres

638nm
561nm

488nm

(a)

GFP-actin RFP-zyxin Fluorescent microspheres

(b)

C

GFP-actin

(c)

RFP-zyxin

12min 24min0min

CFA

CFA0

CFA0
CFA1

CFA2

CFA1 CFA2

(d)

Figure 1: Schematics of image acquisition and processing. (a) Swiss 3T3 fibroblasts expressing GFP-actin and RFP-zyxin were plated on a
silicone substrate in which fluorescent dark red microspheres were embedded. GFP, RFP, and dark red microspheres were excited by lasers
at 488, 561, and 638 nm, respectively. (b) Examples of maximum intensity projection (MIP) images of GFP-actin, RFP-zyxin, and fluorescent
dark red microspheres at time 𝑡 = 0 minutes. In this case, the MIP images of GFP-actin and RFP-zyxin were created from images #7 (𝑧 =
1.2 𝜇m) to #11 (𝑧 = 2.0 𝜇m), whereas the MIP image of fluorescent microspheres was created from the images #1 (𝑧 = 0 𝜇m) to #5 (𝑧 = 0.8 𝜇m).
Scale bars: 20 𝜇m. (c) Image processing to identify the cell edge from an MIP image of GFP-actin. The position of the area centroid 𝐶 is
represented by a red asterisk. (d) Image processing for the identification of FAs from anMIP image of RFP-zyxin. Enlarged image around an
FA cropped from the MIP image of RFP-zyxin is shown. The image is binarized locally, and the FA area with the area centroid 𝐶FA is shown
in red with a black dot. Relocation of the FA is shown on the right. In this example, from 0 to 24 minutes, the position of the area centroid of
the FA changed from 𝐶FA0 to 𝐶FA2.
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Figure 2: A typical example of an image sequence of a Swiss 3T3 fibroblast exhibiting turning behavior. (a) Sequential phase contrast images
of the cell every 40 minutes for up to 200 minutes. The cell turned with the collapse of the initial leading edge, followed by the formation of
new lamellipodia, orthogonal to the original direction of migration. In this study, a total of 19 cells were observed and 10 cells showed more
than 90∘ turning with large deformation during slow migration. Four of these 10 cells in particular showed such turning behavior. (b) Time
sequence of the manually extracted outline of the cell in (a), with color denoting time elapsed. Scale bars: 20𝜇m.

At the cell rear, the lower right (blue arrow 1) and lower left
(blue arrow 2) regions retracted. Here, the direction of red
arrow 1 was almost the same as that of blue arrows 1 and 2,
whereas the direction of red arrow2was perpendicular to that
of the blue arrows.This suggests that the cell was turning from
the direction of red arrow 1 to the direction of red arrow 2.

3.2. Local FA Dynamics: Different Characteristics in the
Front, Intermediate Lateral, and Rear Regions. To analyze FA
dynamics, we first quantitatively characterized FA dynamics

in a single cell. We extracted FAs from the cell shown in
Figure 3(a), and then duration, maximum area, and reloca-
tion distance of each FA were obtained by image processing
according to the method explained in Figure 1(d). As shown
in Figures 4(a), 4(b), and 4(c), 21 FAs were extracted. On the
basis of 𝑘-mean clustering [38], these 21 FAs were classified
into 3 groups: one with a short duration, small maximum
area, and short relocation distance (green circles); one with
a long duration, large maximum area, and long relocation
distance (red circles); and one with a long duration, large
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Figure 3: Protrusion and retraction during migration of a Swiss 3T3 fibroblast. (a) Time-lapse images of DIC, GFP-actin, and RFP-zyxin
of cells expressing GFP-actin and RFP-zyxin at 𝑡 = 0, 30, and 60 minutes. (b) Sequential images of outlines of the cell in (a) are depicted
together with the centroid of the cell marked by dots every 6 minutes. The positions of protrusion and retraction are represented by red and
blue arrows, respectively. Scale bars: 20 𝜇m.

maximum area, and short relocation distance (blue circles).
The spatial distribution of the 21 FAs shown in Figure 4(d)
demonstrated that the FAs indicated by the green circles
were located at the front protrusive region, whereas the FAs
indicated by the red circles were in the cell rear region where
the cell retracted. The FAs indicated by the blue circles were
rather scattered but were approximately in the lateral region
between the cell front and rear. On the basis of these charac-
teristics of the FAs, the migrating cell seemed to be divided
into 3 regions: front, intermediate lateral, and rear regions.

To confirm statistically whether this division of the cell
into 3 regions based on the characteristics of the FAs was
typical, a total of 70 FAs extracted from 10 cells were again
analyzed by 𝑘-mean clustering and the FAs were classified
by the region they were located in. The results found that
the FAs were indeed classified into 3 groups: green group
mainly existing in the front region (region F), blue group
mainly existing in the intermediate lateral region (region L),
and red group mainly existing in the rear region (region R).

The averages and standard deviations of the maximum area,
duration, and relocation distance of the FAs in each region
are shown in Figures 4(e), 4(f), and 4(g), respectively. One-
way analysis of variance demonstrated significant difference
in maximum area between FAs in region F, region L, and
region R in Figure 4(e) (𝐹 = 16.8; 𝑛 = 70; df = 2; 𝑝 < 0.001).
The same analyses were performed, and both the difference
in duration between FAs in three regions in Figure 4(f) (𝐹 =
99.4; 𝑛 = 70; df = 2; 𝑝 < 0.001) and the difference in relocation
distance between FAs in three regions in Figure 4(g) (𝐹 =
101.8; 𝑛 = 70; df = 2; 𝑝 < 0.001) were found to be significant.

These results demonstrated that the cell could be divided
clearly into 3 regions: (1) front region, where FAs had a small
maximumarea, short duration, and short relocation distance;
(2) intermediate lateral region between the cell front and cell
rear, where FAs had a large maximum area, long duration,
and short relocation distance; and (3) rear region, where FAs
had a largemaximumarea, long duration, and long relocation
distance.
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Figure 4: Continued.
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Figure 4: Classification of FAs on the basis of 𝑘-mean clustering. (a)The relationship among duration,maximumarea, and relocation distance
of 21 FAs extracted from the cell in Figure 3. Duration versus maximum area of the FAs and duration versus relocation distance of the FAs
are also depicted in (b) and (c), respectively. On the basis of 𝑘-mean clustering, these FAs were classified into three groups: green, blue, and
red circles. (d) Spatial distribution of these FAs at 𝑡 = 0, 21, 39, and 60 minutes is shown. The FAs indicated by the green circles were located
at the front protrusive region (region F), whereas the FAs indicated by the red circles were in the cell rear (region R). The FAs indicated by
the blue circles were approximately in the lateral region between the cell front and the cell rear regions (region L). Scale bar: 20 𝜇m. (e, f, g)
Average and standard deviations of themaximum area, duration, and relocation distance of FAs are shown in (e), (f), and (g), respectively. For
statistical analysis, a total of 70 FAs were extracted from 10 cells. One-way analysis of variance demonstrated significant difference between
FAs in region F, region L, and region R.

3.3. Local FA Dynamics: Relationship between FA Relocation
and Extracellular Matrix Deformation. The substrate under
the front region of the cell was displaced several micrometers,
whereas the substrate under the rear region was displaced
much less than that shown in Figure 5.The displacement field

of the silicone substrate under the other 9 cells also showed
the same results.

According to Figure 4(g), the relocation distance of the
FAs in the front region was several micrometers, whereas
that in the rear region was approximately 10 𝜇m. When
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39min 57min

Figure 5: Displacement field of the substrate. Displacement vectors
of the substrate analyzed by image-based template matching are
shown by the cyan arrows. The length of the displacement vectors
is enlarged from the original size and its scale is shown by the
cyan scale bar (3 𝜇m). The positions of the FAs in the front,
intermediate lateral, and rear regions are shown in green, blue, and
red, respectively. Black scale bar: 20 𝜇m. The analysis here is based
on the same data presented in Figures 3 and 4(a)–4(d).

compared with the displacement of the substrate under the
front and the rear regions, this indicates that the FAs in the
front region were firmly linked to the substrate and moved
together with it. The FAs in the rear region were less strongly
linked to the substrate and instead slipped on it.These results
are consistent with a previous report that motile fibroblasts
have a front-towing mechanism, where the cells exert strong
propulsive forces within a discrete zone near the leading edge,
resulting in the cell body being towed forward during migra-
tion [39], with sliding trailing adhesion at the cell rear [30].

3.4. Local FA Dynamics: Quantitative Characterization of
Growth andDecay in the Front, Intermediate Lateral, and Rear
Regions. For a more detailed understanding of the difference
in the dynamics of the FAs in each region, time courses of
the area of the FAs in the front, intermediate lateral, and rear
regions were analyzed quantitatively (Figure 6).

In the front region of the cell, FA dynamics were classified
further into 2 patterns. The first one was, as shown in Fig-
ure 6(a), the area of the FAs which was approximately 1.0 𝜇m2
or less and their area fluctuated between small and big repeat-
edly, indicating that the FAs were unstable and not maturing.
Their lifetimewas less than 30minutes, whichwas short com-
pared to the FAs in the other regions.The second one is shown
in Figure 6(b); the area of FAs was increased initially and
then it decreased.This might correspond to the assembly and
disassembly phases of FAs [40]. The lifetime of both patterns
of FA dynamics (Figures 6(a) and 6(b)) was approximately 30
minutes.

In the intermediate lateral region, as shown in Figures
6(c) and 6(d), the FAs showed 2 patterns of dynamics. The
first typical pattern is shown in Figure 6(c), in which the
area increased over time. The other pattern is shown in Fig-
ure 6(d), in which the area of the FAs was almost constant for
up to 60 minutes.The duration of the FAs in Figures 6(c) and
6(d) was more than 39 minutes, which was longer than that
for the FAs in the front region (Figures 6(a) and 6(b)).

The change in area of the FAs in the rear region is shown in
Figures 6(e) and 6(f).TheFAs in this region showed 2patterns
of the dynamics. In Figure 6(e), the area decreased over time.
Conversely, as shown in Figure 6(f), the area of the other FAs
remained almost constant for up to 60 minutes.

3.5. Local Dynamics of SFs Coupled with the FAs in the
Front, Intermediate Lateral, and Rear Regions. Next, the local
dynamics of actin SFs and FAs in the front, intermediate lat-
eral, and rear regionswere investigated (Figure 7). Time-lapse
montages of GFP-actin andRFP-zyxinwere built for the front
region (region F, boxed area B in Figure 7(a)), intermediate
lateral region (region L, boxed area C), and rear region
(region R, boxed area D).

In the front region, as shown in themontage of GFP-actin
in Figure 7(b), the edge of the cell moved gradually in the
upper direction, which indicated that the cell protruded. The
montage of RFP-zyxin demonstrated that new FAs (orange,
yellow, green, light blue, and blue arrowheads) were formed
one after another at an anterior position to the preexisting FAs
(red arrowheads), which is consistent with previous reports
[41, 42]. As shown in the montage of RFP-zyxin in Fig-
ure 7(b), some FAs (indicated by yellow and light blue arrow-
heads) showed a short duration, whereas some FAs (indicated
by orange and blue arrowheads) existed for nearly 30minutes.
From the comparison of themontages of GFP-actin and RFP-
zyxin, both types of FAs formed simultaneously with SFs
(thick bundled-like filaments) and disappeared simultane-
ously with the disappearance of the SFs.

The intermediate lateral region of the cell did not pro-
trude (Figure 7(c)).Themontage of RFP-zyxin showed that a
small FA appeared close to the cell edge and its area became
gradually larger (yellow arrowheads). In this case, as for the
case in Figure 7(b), an SF was observed vertically from the
position of the FA. However, as shown at 27 minutes in
Figure 7(c), the vertical SF connected to the other SF that was
aligned parallel to the leading edge (red arrowhead), which
was a different behavior to the SFs in the front region in Fig-
ure 7(b). The same intersecting SF connection was observed
again at 39 minutes in Figure 7(c) (red arrowhead) and in 8
of the 10 cells. This observation in Figure 7(c) together with
the image of SFs in the whole cell in Figure 7(a) indicated that
these connecting SFs were part of an arc SF that existed paral-
lel to the leading edge.The interaction of vertical SFs with arc
SF was consistent with a previous report [43].

The local SF andFAdynamics in the rear region are shown
in Figure 7(d). The time-lapse montage of RFP-zyxin shows
that a large FA existed initially and it relocated toward the
upper direction, indicating that the FA in the rear region relo-
cated toward the nucleus. The time-lapse montage of GFP-
actin in Figure 7(d) shows that the relocating FA connected to
a bundle-like SF with a contractile movement. This result is
consistent with earlier studies that described sliding trailing
adhesions with SFs [30, 44].

3.6. Globally Coordinated SF Dynamics Coupled with FAs. In
Figure 8, how SFs connect globally is shown together with
the change in stability of FAs. At 30minutes, there were 2 FAs
in the intermediate lateral region, which are shown by white
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Figure 6: Growth and decay of FAs in the front, intermediate lateral, and rear regions. Time courses of FA area in the front (a, b), intermediate
lateral (c, d), and rear regions (e, f) are shown. Representative 24 FAs from4 cells, including the cell in Figure 3 (Cell 1) are used for the analysis.
FAs were further classified into 2 patterns in each region. The FA number for Cell 1 corresponds to that shown in Figure 4(d).
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Figure 7: Dynamics of actin SFs together with FAs. The analysis here is based on the same data presented in Figures 3, 4(a)–4(d) and 5. (a)
Merged images of GFP-actin and RFP-zyxin. (b) The time-lapse montages of GFP-actin and RFP-zyxin were built from the boxed area B in
panel (a) (region F). The cell edge extracted from the montage of GFP-actin is indicated by a dotted line in the montage of RFP-zyxin. The
edge of the cell moved gradually in the upper direction, which indicated that the cell protruded. The montage of RFP-zyxin demonstrated
that new FAs (orange, yellow, green, light blue, and blue arrowheads) were formed one after another at an anterior position to the preexisting
FAs (red arrowheads). The FAs in the region F formed simultaneously with SFs (thick bundled-like filaments in the montage of GFP-actin)
and disappeared simultaneously with the disappearance of the SFs. (c) Time-lapse montages were built from the boxed area C in panel (a)
(region L). From the montage of GFP-actin, the cell did not protrude. Yellow arrowheads in the montage of RFP-zyxin showed that a small
FA appeared close to the cell edge and its area became gradually larger. As for the case in (c), an SF was observed vertically from the position
of the FA and intersecting SF connections were also observed (red arrowheads in the montage of GFP-actin). (d) Time-lapse montages were
built from the boxed area D in panel (a) (region R). From the montages of GFP-actin and RFP-zyxin, we could recognize the relocating FA
connected to a bundle-like SF with a contractile movement.

triangles A and B (Figure 8(a)). Short SFs (red lines in
Figure 8(b)) were assembled from both FAs toward the inside
of the cell, which are dorsal SFs, and they seemed to connect
to the other long SFs parallel to the leading edge, that is, arc
SFs (yellow lines in Figure 8(b)). At this moment, the dorsal
SF from the FA (indicated by B in Figure 8(a)) connected to

2 arc SFs. Then, at 39 minutes, both arc SFs parallel to the
leading edge started to fuse into a single arc SF. At this time
point, 2 dorsal SFs and the arc SF still seemed to be distinct;
that is, there were 3 SFs between the FA-A and the FA-B. At
45 minutes, these 3 SFs became a single SF linked to the FAs,
which is a ventral SF (green line in the intermediate region
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Figure 8: Change in alignment of SFs together with the change in FA stability in the front and intermediate regions. (a) Merged images of
GFP-actin and RFP-zyxin. The time after the start of observation is denoted in minutes. (b) SFs of interest extracted from (a). Each image
in (b) corresponds to that in (a). (c) Temporal change in FA area indicated as “A” and “B” in (a). At 30 minutes, there were 2 FAs in the
intermediate lateral region (“A” and “B” in (a)). Short dorsal SFs (red lines in (b)) were assembled from both FAs toward the inside of the cell
and they seemed to connect to the other two long arc SFs (yellow lines in (b)). Then, at 39 minutes, both arc SFs started to fuse into a single
arc SF. At this time point, 2 dorsal SFs and the arc SF still seemed to be distinct. At 45 minutes, these 3 SFs became a single SF linked to the
FAs, which is ventral SF (green line in the intermediate region in (b)).
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Figure 9: Hypothesized mechanism of spontaneous polarity change resulting in cell turning behavior. (a) Protrusion at the cell front. (b)
Protrusion at the cell front together with retraction at the cell rear. A single ventral SF could be connected or fused from dorsal SFs and arc
SFs in the intermediate region of the cell (green line). (c) End of retraction at the cell rear.The upper single ventral SF is the SF formed in (b),
whereas the lower 2 ventral SFs are those in the rear region in (b), which could become a single ventral SF subsequently (dotted arrow). (d)
End of the cyclic process of cell migration. Possible protrusion site of the cell is shown by the red winding lines, which is perpendicular to
that in the initial direction of protrusion. This means that the cell could change its polarity, resulting in cell turning behavior.

in Figure 8(b)). A similar change in alignment of SFs with FA
in the front and intermediate regions of the cell could be also
observed in 3 migrating cells.

From 30 minutes to 45 minutes, the area of FA-A was
almost constant, indicating that the rate of FA assembly was
balanced by FA disassembly. This will result in the apparent
stability of the FA. The area of FA-B increased during the
period, which indicated that FA-B matured gradually. The
result indicated that there were FAs at the intermediate lateral
regions of both sides of the cell that were connected by several
dorsal SFs, and these SFs fused gradually with arc SFs and
finally became a single ventral SF with maturing and appar-
ently stable FAs at both ends (green line in the intermediate
region in Figure 8(b)). This SF assembly with FAs was also
reported previously [43]. Conversely in the cell rear, from 30
minutes to 45 minutes, there were several thick and long SFs,
which are ventral SFs (green lines in the rear region in Fig-
ure 8(b)), aligned close to the lateral side of the cell with FAs at
both ends. A similar transition in the alignment of SFs with -
FAs in the intermediate region of the cell was observed in
three other migrating cells.

4. Discussion

In this study, we focused on the dynamics of FAs and SFs dur-
ing the cycle of cell migration steps in Swiss 3T3 fibroblasts:
leading edge protrusion at the cell front, contractile force gen-
eration against adhesions and release of rear adhesions, and
retraction of the cell rear. Our precise observations and quan-
titative analyses of FA assembly-disassembly demonstrated

that the cycle of cell migration steps consisted of 3 distinct FA
dynamics, and FAs with different dynamics were distributed
in different cell regions: front, intermediate lateral, and rear
regions (Figures 4, 6, and 7). Furthermore, analysis of the
spatiotemporal changes in SFs in relation to the assembly-
disassembly of FAs clarified SF dynamics locally (Figure 7)
and globally (Figure 8) coupled with FA dynamics. On the
basis of the results, Figure 9 summarizes the hypothesized
mechanism of spontaneous polarity change that leads to cell
turning behavior.

The first step of the migration cycle is protrusion of the
cell front (Figure 9(a)). Some FAs newly assembled at the
cell front were unstable (Figure 6(a)), while the others were
assembled and disassembled quickly (Figure 6(b)). In the cell
front, as illustrated by the red line in Figure 9(a), dorsal SFs
extended perpendicular to the leading edge from the newly
formed FAs toward the inside of the cell and then disappeared
simultaneously with disassembly of the FAs (Figure 7(b)).
Conversely, in the intermediate lateral region of the cell, some
dorsal SFs connected or fused to long arc SFs parallel to the
leading edge (Figure 7(c)), which is depicted by the yellow
lines in Figure 8(a). These SFs finally became a single ventral
SF (Figure 8), which is depicted by the green line in the inter-
mediate region of the cell in Figure 9(b), with intermediate
lateral FAs at both ends. In the cell rear, retraction occurred.
Cell retractionmight be due to the contraction of ventral SFs,
which is depicted by the green lines in the cell rear in Figures
9(a), 9(b), and 9(c), accompanied by translocation of the FAs
at the end of those SFs (Figure 7(d)).
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After retraction in the cell rear, as shown in Figures 9(c)
and 9(d), ventral SFs with FAs at both ends would align in
the horizontal direction. Here in Figure 9(d), one of the SFs
will come from the newly formed ventral SF with FAs at
both ends in the intermediate region in Figure 9(b) (green
line) [28]. The other one could possibly be formed by the
annealing of 2 or more ventral SFs [45] at the cell rear during
the process shown in Figures 9(c) and 9(d) (dotted arrows). In
Figure 9(d), the possible protrusion site of the cell is assumed
to be in the peripheral region (the red winding lines), along
which there are no SFs. This assumption is supported by pre-
vious findings that localized tension transfer across integrins
in FAs could locally activate Rac and Cdc42, which leads
to the formation of lamellipodia [46], whereas mechanical
stresses in FAs suppress lamellipodial protrusion through
inhibition of Rac activation [47]. Therefore, the regions indi-
cated by the red winding lines in Figure 9(d) could protrude
with the formation of new FAs together with SFs. It should be
noted that the direction of the new protrusion site is perpen-
dicular to that in the initial state of the cell in Figure 9(a),
which leads the cell to spontaneous polarity change and
resulting turning behavior.

Cytoskeletal rearrangements where ventral SFs are
assembled from dorsal SFs and arc SFs have been reported
from the molecular point of view [43] and recently reviewed
[48, 49]. However, to our knowledge, the relationship
between such cytoskeletal rearrangements and cell migration
has not been reported. In the present study, we show that the
SF assembly, coupled with growing and apparently stable FA
dynamics, occurred at the end of dorsal SFs in the intermedi-
ate lateral region of the cell. From this observation, we
proposed the model in Figure 9, showing that such globally
coordinated SF dynamics with FAs would lead to cell turning
behavior during migration. Continuous protrusion in the
direction of the cell might be the simplest description for
cell turning behavior, which could be explained by the well-
knownkey steps formigration: protrusion at the leading edge,
adhesion to the extracellular matrix via FAs, and subsequent
detachment. Our model could provide further novel insights
into the mechanism of polarity change driven by self-
assembling actin cytoskeletal structures. In order to establish
the mechanism of polarity change mentioned here, further
observation would be needed to confirm the process after
Figure 9(d).

5. Conclusions

In this study, we proposed a hypothesis for cell turning focus-
ing on the coupling dynamics of actin SFs and FAs in Swiss
3T3 fibroblasts. In the intermediate lateral region of the cell,
we observed the FAs maturing and becoming stable. In addi-
tion, our analysis demonstrated that 2 dorsal SFs assembled
from FAs close to the leading edge and then connected into
arc SFs, fused gradually into a single ventral SF.This change in
SF organization with cell retraction in the first cycle of migra-
tion followed by a newly formed protrusion in the next
cycle will lead to cell turning during migration in Swiss 3T3
fibroblasts.
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Themalaria-infected red blood cells experience a significant decrease in cell deformability and increase in cell membrane adhesion.
Blood hemodynamics inmicrovessels is significantly affected by the alteration of themechanical property as well as the aggregation
of parasitized red blood cells. In this study, we aim to numerically study the connection between cell-level mechanobiological
properties of human red blood cells and related malaria disease state by investigating the transport of multiple red blood cell
aggregates passing through microchannels with symmetric stenosis. Effects of stenosis magnitude, aggregation strength, and cell
deformability on cell rheology and flow characteristics were studied by a two-dimensional model using the fictitious domain-
immersed boundary method. The results indicated that the motion and dissociation of red blood cell aggregates were influenced
by these factors and the flow resistance increases with the increase of aggregating strength and cell stiffness. Further, the roughness
of the velocity profile was enhanced by cell aggregation, which considerably affected the blood flow characteristics. The study may
assist us in understanding cellular-level mechanisms in disease development.

1. Introduction

Malaria infects 350–500 million people and kills more than
two millions every year, mostly in Africa and other under-
developed countries. In most of the malaria cases, red blood
cells (RBCs) are parasitized by Plasmodium falciparum (𝑃-
falciparum), a protozoan parasite transmitted by mosquitos.
When the RBCs are parasitized by 𝑃-falciparum, two critical
effects have been observed in the infected cells, namely, the
reduced deformability of the cell and increased adhesion
of the RBCs to vessel endothelium and other blood cells
[1]. Thus, the parasitized RBCs become stiffer (could be
tenfold harder than healthy RBCs [2]) and tend to form
aggregates in blood. Blood flow may be substantially affected
by the change of structural and mechanical properties of the
malaria-infected RBCs.

Under healthy physiological conditions, red blood cells
move individually with blood plasma or form temporal

aggregates and they can undergo severe, reversible, large
elastic deformation in blood flow. Although the forma-
tion of red blood cell aggregates could be due to other
factors such as the decrease of the shear rate, increase
of the hematocrit, and variation of the viscosity of the
suspending plasma in the blood vessel, the malaria-infected
RBCs tend to form firm and irreversible aggregates. Severe
aggregation of RBCs may decrease the surface area of cells
contacting with the blood plasma. It also causes pressure
and shear stress change in the region of the aggregation.
These aggregates get stuck in the small blood vessels,
blocking individual RBC from passing, thus decreasing the
amount of oxygen and the nutrition transferred in human
body.

Experimental measurements have been done on dynamic
or rheological properties and behaviors of parasitized RBCs
[3–10]. In the experiments, microfluidic channels have
been employed to probe the deformability of healthy and
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malaria-infected red blood cells. The hardening of the cell
and the blockage of the channel can be qualitatively studied.
However, a major difficulty in carrying out experimental
investigations on malaria-infected RBCs is the complexity of
the microvessels. Moreover, experimental techniques are in
general not fully capable of illustrating cellular-level rheolog-
ical behaviors of RBC aggregates. Because of the relatively
large number of red blood cells, cell-to-cell interactions
and local rheological properties were unable to identify.
Therefore, numerical simulations have been utilized as an
alternative tool to study the rheology of parasitized RBCs in
blood flow [11–15]. Numerical models that have been used
for interpretation and prediction of mechanical properties
and dynamic behavior of RBCs in malaria include dissi-
pative particle dynamics (DPD) [13, 15], smoothed particle
hydrodynamics (SPH) [14], lattice Boltzmannmethod (LBM)
[16], and others [17]. Two or multiple RBCs are considered
by numerical simulations to probe their interactions, for
example, their aggregation and disaggregation in blood flow
[18–22].

However, very few investigations on malaria-infected
RBCs have been conducted in stenotic vessels and their
impact on hemodynamics in stenotic vessels is not well
understood. In particular, there is a lack of studies consider-
ing cell-to-cell interactions at microscopic scale. This paper
aims to provide a qualitative analysis on the dynamics of
malaria-infected RBCs in stenotic microvessels. Since the
malaria-infected RBC gradually loses its deformability and
develops adhesiveness through the three stages of infection
ring, trophozoite (early trophozoite, late trophozoite), and
schizont, this study considers the ring and trophozoite stages
in which the cells become stiffer and more adhesive while
the shape of the RBCs is not significantly modified. The
RBC was simulated by a spring model and the hardening
of the parasitized cell was mimicked by varying the mem-
brane constants. The malaria-infected RBCs were assumed
existing as aggregates with firm or loose adhesion. By
using fictitious domain-immersed boundary formalism in
two dimensions, we simulated the transit of RBC aggre-
gates through a prototypical channel with a contraction. By
studying the motion and dissociation of RBC aggregates
and flow characteristics, we delineated the contribution to
hemodynamics from each of the three factors, harden-
ing of the membrane, aggregation strength, and stenosis
magnitude.

2. Methods

We considered a two-dimensional microvessel with a sym-
metric stenosis and employed numerical simulations to study
the rheological behavior of RBC aggregates in the blood
flow. In this study, blood was assumed to be a suspension of
RBCs in an incompressible, Newtonian fluid with constant
density and viscosity. In order to simulate the blood flow and
fluid-cell interactions in this irregular-shaped domain, the
fictitious domain method was combined with the immersed
boundary method and the RBCs have been modeled by the
spring model.

2.1. Red Blood Cell Model. Two types of RBC model are
widely used currently, namely, elastic membrane models
[19, 23] and spring models [20, 24–27]. In this paper, we
adopted the springmodel introduced in [24, 28] andmodeled
individual RBC as cytoplasm enclosed by a membrane repre-
sented by a finite number of membrane particles connected
by springs. The springs of stretch/compression and bending
modulus change its length and the bending angle between
two neighboring springs under external force. The elastic
moduli are affected in disease conditions [29, 30]. Evidence
shows that malaria-infected RBC has increased stiffness,
which is closely related to the cell bending modulus. In
this paper, we modeled malaria-infected RBC with different
deformability by varying the bending constant of the spring.
The shape of the RBCs was chosen with the reduced area
𝑠∗ = 0.481.
2.2. Aggregation Kinetics. The hardening of the RBCs is due
to the parasite of the 𝑃-falciparum. However, the stickiness
of the cell surface and the mechanism of the aggregation still
remain disputable. Two different theoretical models, namely,
the bridging model [18, 31] and the depletion model [32],
coexist nowadays. Although they are distinct in the cause of
the aggregating force, both of them predict the force being
attractive at far and repulsive at near distance. Because the
investigation of the mechanism of aggregation is not within
the scope of this research, we chose a simple model [20] in
which aggregation of RBCs was achieved by introducing an
aggregating force existing in a neighborhood of membrane
particles and the aggregating force was derived from 𝐹 =
−𝜕𝐸/𝜕𝑟 with the Morse-type potential 𝐸 as

𝐸 = 𝐷𝑒 (𝑒(2𝛽(𝑟0−𝑟)) − 2𝑒(𝛽(𝑟0−𝑟))) , (1)

where𝐷𝑒 is the energy constant corresponding to the density
of the aggregating particles; 𝛽 is the scaling factor which
relates to the thickness of the depletion layer or interactive
distance; 𝑟0 is the reference distance or zero-force distance.

The scaling aggregation force (𝐹/𝐷𝑒) as a function of sep-
aration distance for different parameters is shown in Figure 1.
When the value of the scaling force is negative, the force is
attractive; when the value of the force is positive, the force
is repulsive. The force decreases almost to zero at far enough
distance. Aggregation could be increased either by increasing
𝐷𝑒 or by decreasing 𝛽. On the other hand, decreasing in 𝛽
and increasing in 𝑟0may raise the depletion thickness and the
equilibrium distance of the RBCs in aggregates.

2.3. The Fictitious Domain-Immersed Boundary Scheme. The
flow region we studied was a stenotic microchannel for
which the regular structured mesh was not applicable at
the boundary of the region. Thus, we adopted the fictitious
domain method because in this method the irregular-shaped
domain is extended to regular shape so that simple structured
mesh instead of unstructured mesh can be used, which sub-
stantially reduces computational complexity of the algorithm.
The fictitious domain method and its applications to fluid
flow problems have been extensively described [33, 34]. To
employ the fictitious domainmethod, the flow regionΩ𝑓 was
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Table 1: Parameters used for the simulations.

Parameter Symbol Value
Blood plasma density 𝜌 1.0 g/cm3

Blood plasma viscosity 𝜇 1.2 cp
Aggregating energy constant 𝐷𝑒 0.01, 0.1, 1.0𝜇J/m 2
Scaling factor 𝛽 80 𝜇m−1
Reference length 𝑟0 0.49 𝜇m
Spring constants for red blood cell membrane 𝑘𝑏 3.0 × 10−13, 3.0 × 10−12Nm
Length of the channel 𝐿 140 𝜇m
Radius of inlet (outlet) 𝑅 30 𝜇m
Grid size ℎ 1/64 𝜇m
Time step Δ𝑡 1 × 10−5ms−1
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Figure 1: Dependence of aggregation force on distance for various parameters: black line: 𝛽 = 80 𝜇m−1 and 𝑟0 = 0.49 𝜇m; red line: 𝛽 =
80 𝜇m−1 and 𝑟0 = 0.6 𝜇m; blue line: 𝛽 = 120 𝜇m−1 and 𝑟0 = 0.49 𝜇m.

embedded in a rectangular domain denoted by Ω. Then the
fluid flow containing RBCs was solved in the bigger domain
Ω, and the no-flow condition in the solid region was treated
as constraints. Therefore, the governing equations for the
modeled problemwere the following extended Navier-Stokes
equations:

𝜌 [𝜕u𝜕𝑡 + u ⋅ ∇u] = −∇𝑝 + 𝜇Δu + f , inΩ𝑓,
∇ ⋅ u = 0, inΩ𝑓,

u = 0, inΩ \ Ω𝑓,
(2)

where u(x, 𝑡) and 𝑝 are the fluid velocity and pressure
anywhere in the flow; 𝜌 is the fluid density; 𝜇 is the fluid
viscosity. The boundary conditions were such that, on 𝜕Ω𝑓,
a no-slip condition was applied and, at the inlet and outlet
of the channel, a periodic flow condition was enforced.
A detailed description of the solution method of (2) can
be found elsewhere [33, 34]. In this study, the fluid-cell
interactionwas dealt with by the immersed boundarymethod
developed by Peskin et al. [20, 35].

3. Results and Discussion

We studied the hydrodynamic behavior of multiple red blood
cell aggregates in a horizontal channel filled with Newtonian
fluid with a symmetric stenosis at the central part of the
vessel. The blood plasma density and plasma viscosity were
presumed fixed values. We performed a series of simulations
to study RBC deformation, flow field, and cell-cell interac-
tions as the aggregates traversed the stenotic vessel. The fluid
flow was generated from left to right by a constant pressure
drop. A stream of flow approaching the stenosis contracted
to a high speed flow at the throat of the stenosis. Afterwards,
the flow was allowed to develop fully along the straight
rectangular channel. At the meantime, prelocated multiple
RBC aggregates flowed with the fluid in the channel. The
parameters used are given in Table 1. For the parameter used
in this study, larger spring constant for RBC membrane and
higher aggregation energy constant correspond to malaria-
infected RBCs at more severe infection stages.

3.1. Aggregation of Red Blood Cells. Aggregates of four cells
used in the simulations were formed in static plasma before
putting them in the flow channels. The red blood cells were
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Figure 2: Equilibrium configuration of RBC aggregates for different simulation parameters: (a) 𝐷𝑒 = 0.01 𝜇J/m2 and 𝑘𝑏 = 3.0 × 10−13 Nm;
(b) 𝐷𝑒 = 0.01 𝜇J/m2 and 𝑘𝑏 = 3.0 × 10−12 Nm; (c) 𝐷𝑒 = 0.1 𝜇J/m2 and 𝑘𝑏 = 3.0 × 10−13 Nm; (d) 𝐷𝑒 = 0.1 𝜇J/m2 and 𝑘𝑏 = 3.0 × 10−12 Nm; (e)
𝐷𝑒 = 1.0 𝜇J/m2 and 𝑘𝑏 = 3.0 × 10−13 Nm; and (f)𝐷𝑒 = 1.0 𝜇J/m2 and 𝑘𝑏 = 3.0 × 10−12 Nm.

Figure 3: Schematic illustration of initial configuration of RBC aggregates in the blood vessel at the beginning of the simulations.

placed face-to-face in static plasma initially. The center-to-
center distance was close enough in order for the aggregation
force to take effect. When the simulation starts, red blood
cells approached each other and reached an equilibrium
configuration. The red blood cells were modeled by two
membrane constants for two different stiffness and three
aggregation strengths for different adhesiveness. Therefore,
six different configurations were obtained and they are shown
in Figure 2. The configuration in Figure 2(a) corresponds
to healthy RBC. The configurations in Figures 2(b)–2(d)
may correspond to the ring stage and early trophozoite
stage infection, while Figures 2(e) and 2(f) are assumed to
correspond to the late stage of trophozoite in which both
the stiffness and stickiness of the cell membrane increase
considerably.

3.2. Motion and Dissociation of Aggregates. The microvessel
in this study is a 140 𝜇m long, 30 𝜇m wide two-dimensional
channel with symmetric stenosis formed at the central
location. The geometry of the fluid domain and the initial
placement of the RBC aggregates are illustrated in Figure 3.
Blood flow in the stenotic vessel was driven by a constant
pressure gradient imposed at the inlet and the outlet. The
pressure gradient was determined such that the maximum
flow velocity was about 20 cm/s (a typical value in arterioles
[36]).

3.2.1. In the Channel with 40% Stenosis. Themotion and dis-
sociation of 6 RBC aggregates in a 40% stenosis microvessel
have been simulated. The results for two membrane bending
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Figure 4: Motion of red blood cell aggregates (configuration in Figure 2(a)) in the microchannel with 40% stenosis at time instants (a)
𝑡 = 0.35ms; (b) 𝑡 = 0.45ms; (c) 𝑡 = 1.34ms; (d) 𝑡 = 4.80ms.

constants and three aggregating strengths are shown in
Figures 4–9 for the initial configurations in Figure 2. The
snapshots are for four time instants with the second subfigure
showing the instant when the mean location of all cells was
at the throat of the stenosis. When the RBCs are softer
(Figures 4, 6, and 8), they experienced more deformation
in the flow even after the dissociation. The aggregates with
weak aggregating strength (Figures 4 and 5) were dissociated
easily by the hydrodynamic force and the RBCs existed as
dispersed individual cells after long enough elapsed time.The
aggregates with mild aggregating strength (Figures 6 and 7)
were partially disaggregated from their initial configurations.
Smaller aggregates of two to three cells were observed in
the simulation. However, when the aggregating strength was
strong (Figures 8 and 9), the hydrodynamic force was unable
to disaggregate the RBC aggregates. Aggregates underwent
some deformation but however kept their initial configura-
tion even at the stenosis. Because the velocity of the flow at
the throat of the stenosis increased significantly due to the
contraction, the aggregates lag behind which caught up the
upstream ones. Eventually, agglomeration and rouleaux of
RBCs of bigger size were formed by the aggregating force.
In addition, more disturbance of the flow field around the
aggregates or the cells has been noted.

3.2.2. In the Channel with 50% Stenosis. Figures 10–15 show
the motion of 6 RBC aggregates in the microvessel with
50% stenosis. The parameters and the initial configuration
of the aggregates were the same as in the last section. It has
been shown in the simulations that the velocity of the blood
flow at the throat of the stenosis increased comparing to the
40% stenosis vessel. The disassociation of the aggregates and
the deformation of the RBCs were similar to the results for
the 40% stenosis when the aggregating strength was weak
or mild. However, when the aggregating strength became
strong, the larger agglomeration or rouleaux of RBCs were
formed. The reason for this phenomenon is because that the
increase of stenosis severity increased blood velocity at the
stenosis. Thus, the downstream cells easily caught up the

upstream cells which were slowed down by the friction of the
vessel wall.

3.2.3. In the Channel with 60% Stenosis. Simulation also
has been done in the microchannel with 60% stenosis and
the results are shown in Figures 16–21. As the stenosis
severity increased to 60%, the microvessel was blocked more
than the last two cases. Unlike the cases of 40% and 50%
stenosis, the aggregates with mild aggregating strength did
not dissociate completely even when the elapsed time was
long enough. On the other hand, they almost kept their
original configuration for a long time (Figures 18(c) and 19(c))
before some of them disassociating into smaller aggregates
or individual cells. Furthermore, aggregates formed by RBCs
with strong aggregating strength attracted together andmore
compact aggregates were observed than in 50% stenosis case.
It is reasonable to conclude that the increase of stenosis
severity facilitated aggregation of malaria-infected RBCs.
More disturbance of the flow at the throat of the stenosis was
also observed.

In general, for all three stenosis levels, healthy RBCs and
aggregates with ring stage or early trophozoite-stage infection
(configurations in Figures 2(b)–2(d)) passed through the
stenosis easily and dissociate into individual cells or smaller
aggregates.They also recovered their normal biconcave shape
quickly after passage through the constriction. However,
configurations in Figures 2(e) and 2(f) maintained and even
formed larger aggregates in the stenotic vessel.They tended to
block the flowat themouth of the stenosis and this can be seen
from the decrease of the flow velocities in the straight section
of the channel. Thus, the delivery of nutrients and removal of
toxins byRBCswill be severely decreased and the phenomena
show the behavior of late-stage trophozoite. These results are
qualitatively consistent with the in vivo experimental findings
[3].

3.3. Flow Characteristics

3.3.1. Effect of Stenosis Magnitude. In Figures 22(a)–22(f),
velocity at the stenosis verses radial location for three
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Figure 5: Motion of red blood cell aggregates (configuration in Figure 2(b)) in the microchannel with 40% stenosis at time instants (a)
𝑡 = 0.35ms; (b) 𝑡 = 0.46ms; (c) 𝑡 = 1.35ms; (d) 𝑡 = 4.80ms.
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Figure 6: Motion of red blood cell aggregates (configuration in Figure 2(c)) in the microchannel with 40% stenosis at time instants (a)
𝑡 = 0.35ms; (b) 𝑡 = 0.46ms; (c) 𝑡 = 1.37ms; (d) 𝑡 = 4.80ms.
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Figure 7: Motion of red blood cell aggregates (configuration in Figure 2(d)) in the microchannel with 40% stenosis at time instants (a)
𝑡 = 0.35ms; (b) 𝑡 = 0.46ms; (c) 𝑡 = 1.36ms; (d) 𝑡 = 4.80ms.
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Figure 8: Motion of red blood cell aggregates (configuration in Figure 2(e)) in the microchannel with 40% stenosis at time instants (a)
𝑡 = 0.35ms; (b) 𝑡 = 0.46ms; (c) 𝑡 = 1.39ms; (d) 𝑡 = 4.80ms.
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Figure 9: Motion of red blood cell aggregates (configuration in Figure 2(f)) in the microchannel with 40% stenosis at time instants (a)
𝑡 = 0.35ms; (b) 𝑡 = 0.46ms; (c) 𝑡 = 1.37ms; (d) 𝑡 = 4.80ms.
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Figure 10: Motion of red blood cell aggregates (configuration in Figure 2(a)) in the microchannel with 50% stenosis at time instants (a)
𝑡 = 0.37ms; (b) 𝑡 = 0.47ms; (c) 𝑡 = 1.38ms; (d) 𝑡 = 4.80ms.
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Figure 11: Motion of red blood cell aggregates (configuration in Figure 2(b)) in the microchannel with 50% stenosis at time instants (a)
𝑡 = 0.37ms; (b) 𝑡 = 0.48ms; (c) 𝑡 = 1.34ms; (d) 𝑡 = 4.80ms.
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Figure 12: Motion of red blood cell aggregates (configuration in Figure 2(c)) in the microchannel with 50% stenosis at time instants (a)
𝑡 = 0.37ms; (b) 𝑡 = 0.47ms; (c) 𝑡 = 1.37ms; (d) 𝑡 = 4.80ms.
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Figure 13: Motion of red blood cell aggregates (configuration in Figure 2(d)) in the microchannel with 50% stenosis at time instants (a)
𝑡 = 0.37ms; (b) 𝑡 = 0.48ms; (c) 𝑡 = 1.37ms; (d) 𝑡 = 4.80ms.
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Figure 14: Motion of red blood cell aggregates (configuration in Figure 2(e)) in the microchannel with 50% stenosis at time instants (a)
𝑡 = 0.37ms; (b) 𝑡 = 0.48ms; (c) 𝑡 = 1.36ms; (d) 𝑡 = 4.80ms.
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Figure 15: Motion of red blood cell aggregates (configuration in Figure 2(f)) in the microchannel with 50% stenosis at time instants (a)
𝑡 = 0.37ms; (b) 𝑡 = 0.49ms; (c) 𝑡 = 1.35ms; (d) 𝑡 = 4.80ms.
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Figure 16: Motion of red blood cell aggregates (configuration in Figure 2(a)) in the microchannel with 60% stenosis at time instants (a)
𝑡 = 0.39ms; (b) 𝑡 = 0.51ms; (c) 𝑡 = 1.37ms; (d) 𝑡 = 4.80ms.
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Figure 17: Motion of red blood cell aggregates (configuration in Figure 2(b)) in the microchannel with 50% stenosis at time instants (a)
𝑡 = 0.39ms; (b) 𝑡 = 0.52ms; (c) 𝑡 = 1.37ms; (d) 𝑡 = 4.80ms.
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Figure 18: Motion of red blood cell aggregates (configuration in Figure 2(c)) in the microchannel with 50% stenosis at time instants (a)
𝑡 = 0.39ms; (b) 𝑡 = 0.51ms; (c) 𝑡 = 1.35ms; (d) 𝑡 = 4.80ms.
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Figure 19: Motion of red blood cell aggregates (configuration in Figure 2(d)) in the microchannel with 50% stenosis at time instants (a)
𝑡 = 0.39ms; (b) 𝑡 = 0.52ms; (c) 𝑡 = 1.34ms; (d) 𝑡 = 4.80ms.
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Figure 20: Motion of red blood cell aggregates (configuration in Figure 2(e)) in the microchannel with 50% stenosis at time instants (a)
𝑡 = 0.39ms; (b) 𝑡 = 0.52ms; (c) 𝑡 = 1.38ms; (d) 𝑡 = 4.80ms.
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Figure 21: Motion of red blood cell aggregates (configuration in Figure 2(f)) in the microchannel with 50% stenosis at time instants (a)
𝑡 = 0.40ms; (b) 𝑡 = 0.53ms; (c) 𝑡 = 1.36ms; (d) 𝑡 = 4.80ms.

aggregation forces and two cell membrane constants are
shown in the same panel for three stenosis magnitudes. The
comparison shows that the velocity increased as the stenosis
increased. This trend was more profound for the soft cells
with mild and strong aggregating strength. It can also be
seen from Figure 22 that velocity profiles weremore distorted
when the aggregating strength was strong.The asymmetry of
the velocity profiles was mainly due to the initial asymmetric
location of the aggregates.

3.3.2. Effect of Aggregation Force. Next we investigated the
effect of aggregation force on the velocity profile at the throat
of stenosis (Figure 23). It is noted that the flow velocity
at the throat of the stenosis decreased as the aggregation
force increased. This trend was found for all the stenosis
magnitudes and both the soft and the rigid red blood cells.
However, it is also observed that the decrease of the velocity
was not linear. When the aggregation force increased from
weak (blue lines) to mild (red lines), the results showed little
to no effect on the velocity. While when the aggregation force

became strong (black lines), the effect was significant. The
results indicated that increasing of aggregation strength up
to a certain level leaded to increase of flow resistance in the
stenotic vessels.

3.3.3. Effect of Cell Deformability. The cell membrane defor-
mability also had an effect on the velocity of blood flow at
the stenosis and the results are revealed in Figures 24(a)–
24(i). Two membrane constant values have been used in the
simulations and two types of RBCs were modeled with these
constants, namely, soft cells and rigid cells. In Figure 24,
black lines represented the velocity profile at the throat of
the stenosis of the blood flow with soft RBCs, and red lines
are for the blood flow with rigid cells. Overall, the flow
velocity decreased with the increase in stiffness of the cell. In
particular, the effect was more profound when the stenosis
was more severe or when the aggregation force was stronger.
Figure 24(a) shows the velocity profile for the case of 40%
stenosis and the weak aggregation force. The velocity profile
was relatively smooth and less disturbance was observed on
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Figure 22: Blood velocity profile at the throat of the stenosis for three stenosis magnitudes: 40% stenosis (red lines); 50% stenosis (black
lines); 60% stenosis (blue lines). (a)𝐷𝑒 = 0.01 𝜇J/m2 and 𝑘𝑏 = 3.0×10−13 Nm; (b)𝐷𝑒 = 0.1 𝜇J/m2 and 𝑘𝑏 = 3.0×10−13 Nm; (c)𝐷𝑒 = 1.0 𝜇J/m2
and 𝑘𝑏 = 3.0 × 10−13Nm; (d) 𝐷𝑒 = 0.01 𝜇J/m2 and 𝑘𝑏 = 3.0 × 10−12Nm; (e) 𝐷𝑒 = 0.1 𝜇J/m2 and 𝑘𝑏 = 3.0 × 10−12 Nm; and (f) 𝐷𝑒 = 1.0 𝜇J/m2
and 𝑘𝑏 = 3.0 × 10−12 Nm.
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Figure 23: Blood velocity profile at the throat of the stenosis for three aggregating strengths: 𝐷𝑒 = 0.01 𝜇J/m2 (red lines); 𝐷𝑒 = 0.1 𝜇J/m2
(blue lines);𝐷𝑒 = 1.0 𝜇J/m2 (black lines). (a) 𝑘𝑏 = 3.0×10−13 Nm, 40% stenosis; (b) 𝑘𝑏 = 3.0×10−13 Nm, 50% stenosis; (c) 𝑘𝑏 = 3.0×10−13 Nm,
60% stenosis; (d) 𝑘𝑏 = 3.0 × 10−12 Nm, 40% stenosis; (e) 𝑘𝑏 = 3.0 × 10−12 Nm, 50% stenosis; and (f) 𝑘𝑏 = 3.0 × 10−12 Nm, 60% stenosis.
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Figure 24: Blood velocity profile at the throat of the stenosis for two values of RBC deformability: 𝑘𝑏 = 3.0 × 10−13 Nm (red lines); 𝑘𝑏 =3.0 × 10−12 Nm (black lines). (a) 𝐷𝑒 = 0.01 𝜇J/m2, 40% stenosis; (b) 𝐷𝑒 = 0.01 𝜇J/m2, 50% stenosis; (c) 𝐷𝑒 = 0.01 𝜇J/m2, 60% stenosis; (d)
𝐷𝑒 = 0.1 𝜇J/m2, 40% stenosis; (e) 𝐷𝑒 = 0.1 𝜇J/m2, 50% stenosis; (f) 𝐷𝑒 = 0.1 𝜇J/m2, 60% stenosis; (g) 𝐷𝑒 = 1.0 𝜇J/m2, 40% stenosis; (h)
𝐷𝑒 = 1.0 𝜇J/m2, 50% stenosis; and (i)𝐷𝑒 = 1.0 𝜇J/m2, 60% stenosis.

the curve. On the contrary, the velocity profiles were rougher
in narrower stenotic vessels or when the aggregation of the
RBCs was more severe.

4. Conclusions

The main objective of this work is to probe how changes in
the cell membrane rigidity, the aggregating strength, and the
magnitude of the stenosis affect the transit of the malaria-
infected RBC aggregates through stenotic microchannels.
Two types of RBCs, namely, soft and rigid, have been
studied under three different levels of aggregating strength.
The simulations were performed over a range of stenosis
magnitudes: 40%, 50%, and 60%.

It has been found in this study that soft RBCs with strong
aggregating force formed the most compact aggregates. In

the aggregates, the RBCs experienced large deformation.
Rigid ones with weak aggregating force formed the loosest
aggregates. In these aggregates, the RBCs maintained their
normal biconcave shape. In blood flow, the aggregates of
weak aggregating strength were more likely to dissociate to
individual cells, while the aggregates with strong aggregating
strength would form even larger aggregates or rouleaux.
The rigidity of the cell membrane hindered passage of the
cell through microchannels and this result is qualitatively
in agreement with experimental findings on the rheological
behaviors of malaria-infected RBCs through a narrow con-
striction in a microchannel. The flow velocity at the throat of
the stenosis decreased with increasing membrane modulus
and more deviation from the parabolic profile was observed,
especially for the narrower stenosis and stronger aggregating
force.
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The present study used a two-dimensional model to
qualitatively simulate malaria-infected RBCs in stenotic
microvessels. It is important to extend this algorithm to
the physiologically relevant hematocrit contents in three-
dimensional situation and compare the results with experi-
mental observations quantitatively. It is also quite interesting
to adapt the model for the more thorough investigation of
RBC rheology at various stages of malaria infection as well
as its impact on leukocyte migration. In addition, it provides
a potential approach to investigate drug delivery at cellular
level in microvessels involving infected RBCs.
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Lung cancer is the most common cause of cancer-related death worldwide and is classified into small cell lung cancer (SCLC) and
non-small-cell lung cancer (NSCLC). Several gene mutations that contribute to aberrant cell proliferation have been identified
in lung adenocarcinoma, a part of NSCLC. Various anticancer drugs that target these mutated molecules have been developed for
NSCLC treatment. However, althoughmolecularly targeted drugs are initially effective for patients, the 5-year survival rate remains
low because of tumor relapse. Therefore, more effective drugs for lung cancer treatment should be developed. The hedgehog (HH)
signaling pathway contributes to organ development and stem cell maintenance, and aberrant activation of this signaling pathway
is observed in various cancers including lung cancer. In lung cancer, HH signaling pathway upregulates cancer cell proliferation
and maintains cancer stem cells as well as cancer-associated fibroblasts (CAFs). Furthermore, physical contact between CAFs
and NSCLC cells induces HH signaling pathway activation in NSCLC cells to enhance their metastatic potential. Therefore, HH
signaling pathway inhibitors could be a useful option for lung cancer therapy.

1. Introduction

Lung cancer is a leading cause of cancer-related death
worldwide [1]. Lung cancer is classified into two major types:
small cell lung cancer (SCLC) and non-small-cell lung cancer
(NSCLC) (Figure 1). SCLC arises in themidlevel airway and is
a very aggressive, highly metastasizing and lethal cancer type
that comprises 15% of all lung cancers. NSCLC is the major
type of lung cancer and comprises 85% of all lung cancers.
NSCLC includes lung adenocarcinoma, lung squamous cell
carcinoma (LSCC), and lung large cell carcinoma. Adeno-
carcinoma arises in the distal airway and its incidence is not
related to smoking. LSCC arises in the proximal airway and is
more aggressively and strongly associated with smoking than
adenocarcinoma. Large cell carcinoma arises in the distal
airway and the cancer cell mass is larger than the other two
types of NSCLC. Large cell carcinoma is also an aggressive
tumor [2]. Despite our current understanding of lung cancer,

the precise molecular mechanisms underlying tumorigenesis
in the lung have still not been completely determined.

Several signaling pathways are aberrantly activated in
lung cancer cells. Key oncogenic mutations, so-called driver
mutations, in components of these signaling pathways have
been identified in lung adenocarcinoma. These include epi-
dermal growth factor receptor (EGFR), the Kirsten rat sar-
coma viral oncogene homolog GTPase (KRAS), a member
of the rapidly accelerated fibrosarcoma (RAF) family, B-RAF
(BRAF), and the fusion oncogene echinoderm microtubule-
associated protein-like 4-anaplastic lymphoma receptor tyro-
sine kinase (EML4-ALK) [3, 4]. Furthermore, gene ampli-
fications of avian erythroblastic leukemia viral oncogene
homolog 2 (ERBB2),MET, ROS1, Neuregulin 1 (NRG1), neu-
rotrophic tyrosine kinase receptor 1 (NTRK1), and RET have
also been found in lung adenocarcinoma [5–8]. In LSCC,
discoidin domain-containing receptor 2 (DDR2), fibroblast
growth factor receptor 1 (FGFR1), FGFR2, and FGFR3 and
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Figure 1: Lung cancer. Lung cancer is mainly classified into small
cell lung cancer (SCLC) and non-small-cell lung cancer (NSCLC).
NSCLC is further classified into adenocarcinoma, squamous cell
carcinoma, and large cell carcinoma. Adenocarcinoma is the most
common lung cancer and arises in the distal airway. Squamous
cell carcinoma and SCLC arise in the proximal airway. Large cell
carcinoma also arises in the distal airway.

genes in the phosphatidylinositol 3-kinase (PI3K) pathway
seem to be more commonly mutated [9]. These gene muta-
tions and gene amplifications induce activation of signaling
pathways related to cell proliferation, such as the Ras-
extracellular signal-regulated kinase (ERK) pathway and the
signal transducer and activator of transcription 3 (STAT3)
pathway. NSCLCs harboring EGFR mutations or ALK gene
rearrangements have been successfully targeted with tyrosine
kinase inhibitors (TKIs) [10, 11]. However, these TKIs have
not yet been shown to improve the overall survival in patients
because of tumor recurrence [12]. Moreover, there are no
effective drugs for SCLC, LSCC, and large cell carcinoma.
Therefore, the 5-year survival rate of lung cancer is only 16%
at present [1].

A number of morphogenic signaling pathways that reg-
ulate developmental processes and organ homeostasis play
critical roles in lung tumorigenesis. Studies of cancer stem
cells (CSCs) support the idea that tumors harbor hallmarks
of early development in their gene expression repertoire [13].
Recently, remarkable findings from an early stage clinical trial
of an inhibitor for the hedgehog (HH) signaling pathway have
renewed hope that disruption of developmental signaling in
tumors can be of therapeutic benefit [14, 15]. HH pathway
inhibitors block both intrinsic signaling in cancer cells and
extrinsic signaling to stromal cells to reduce tumor growth
[16].These two strategies exploit distinct oncogenic functions
of the pathway. As the HH signaling pathway is activated in
SCLC as well as NSCLC, HH pathway inhibitors are expected
to become a useful tool for treatment of lung cancer.

In this review, we discuss the roles of the HH signaling
pathway in tumor development in SCLC and NSCLC and
components of the HH signaling pathway that represent
viable lung cancer therapy targets.

2. The HH Signaling Pathway

The HH signaling pathway regulates morphogenesis of var-
ious organs during embryogenesis [17]. The HH signaling
pathway also regulates stem cell renewal and organ home-
ostasis in the adult [18]. The molecular mechanisms of the
HHpathway are complex, and several comprehensive reviews
have been published describing the detailedmechanisms [19–
21]. In the canonical HH signaling pathway, three HH ligands
have been identified: Sonic Hedgehog (SHH), Indian Hedge-
hog (IHH), and Desert Hedgehog (DHH). Each HH ligand
has distinct spatial and temporal expression patterns and acti-
vates HH signaling by binding to Patched (PTCH), a 12-pass
transmembrane-spanning receptor. In the absence of HH
ligand, PTCH is localized to primary cilia and constitutively
suppresses the activity of Smoothened (SMO), a 7-pass trans-
membrane-spanning protein, which is a member of the G-
protein-coupled receptor superfamily [22] (Figure 2). In
addition to PTCH, additionalHH ligands binding cell surface
proteins, such as CAM-related/downregulated by oncogenes
(CDO), brother of Cdo (BOC), and growth-arrest-specific 1
(GAS1), have been identified, and these molecules function
as HH ligand coreceptors to facilitate HH signal reception
[23, 24]. Following binding of one of the three HH ligands to
PTCH, SMO accumulates in the primary cilia and facilitates
the activation of GLI transcriptional activators and their
translocation into the nucleus to activate expression of HH
target genes, including GLI1 and PTCH genes (Figure 2) [25,
26]. Suppressor of fused (SUFU) is a key negative regulator of
the HH signaling pathway [27]. In the absence of HH ligands,
SUFU inhibits HH signaling by sequestration of GLI proteins
in the cytoplasm and by promoting the formation of the GLI3
repressor (GLI3R). A nuclear function for SUFU in chro-
matin has also been suggested.

In vertebrates, the GLI family consists of three proteins,
GLI1, GLI2, andGLI3 [21]. All GLI proteins contain an activa-
tor domain (GLI-A) at their C-terminus; GLI2 and GLI3 also
have an N-terminal repressor domain (GLI-R) [28]. Studies
inmutantmice suggest that GLI2 is themajor activator ofHH
signaling pathway [29], whereas GLI3 is the major repressor
[30, 31]. GLI1 most likely serves as a signal amplifier down-
stream of GLI2 [29, 32].Gli2 knockout (KO)mice die at birth,
whereas Gli1 KOmice show normal development, unless one
copy of Gli2 is also defective [33]. Interestingly, experiments
in mutant mice further suggest that GLI2 can rescue GLI1
protein function, whereas Gli1 knock-in into the Gli2 allele
can rescue the Gli2 null phenotype [34]. Upon binding of
the HH ligand to the receptor PTCH, followed by SMO acti-
vation, SUFU-GLI2 and SUFU-GLI3 complexes dissociate
and GLI2 and GLI3 translocate into the nucleus, where they
activate expression of HH target genes, including GLI1 and
PTCH [35]. The balance between the activating and repres-
sive forms of the GLI family transcription factors results in
the expression of target genes [21].

TheHH signaling pathway has critical roles during embr-
yonic lung development as well as postnatal lung develop-
ment [36]. During embryonic lung development, HH sig-
naling pathway molecules dramatically change expression
patterns and expression levels. The SHH expression pattern
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from embryonic day (E) 10 to 16.5 is important for branching
and growing bronchi [37]. After E16.5, SHH expression is
restricted to a subset of the epithelial cells [37]. PTCH
expression pattern in growing bronchimirrors the expression
pattern of SHH [38]. PTCH is also expressed in mesenchyme
around E11.5 [39]. Smo is reportedly expressed in epithelium
and mesenchyme between E12.5 and E16.5 (pseudoglandular
stage) [40]. GLI1, GLI2, and GLI3 are expressed in the
mesenchyme during the pseudoglandular stage, and their
levels decrease near birth [41]. Although SHH and PTCH
expression levels are decreased at birth, they are still observed
in epithelial cells [38]. Reduction of the HH signaling path-
way in the postnatal lung induces abnormal lung maturation.
Therefore, the HH signaling pathway is also involved in
postnatal lung maturation [42, 43]. In the healthy adult lung,
HH signaling maintains adult lung quiescence and regulates
repair [44]. However, it is still currently unclear how HH
signaling can promote quiescence on the one hand and
tumorigenesis on the other.

Constitutive activation of HH signaling has been obser-
ved in many cancers (e.g., skin, lung, stomach, and colon)
[45] and promotes cancer cell proliferation, metastasis, and
CSC maintenance. Multiple mechanisms of HH signaling
pathway activation in cancer have been proposed. Somatic
mutations in HH pathway components and overproduc-
tion of HH ligands cause aberrant HH signaling pathway

activation. Somatic mutations of PTCH1 and SMO were
identified in patients with basal cell carcinoma and medul-
loblastoma [46–49]. Other mutations in genes encoding HH
pathway components have been reported, including SUFU
in medulloblastoma [50] and GLI1 and GLI3 in pancre-
atic adenocarcinoma [51]. Moreover, GLI1 amplification was
observed in glioblastoma [52]. HH ligand overproduction
was observed in upper gastrointestinal tract, pancreas, colon,
and metastatic prostate cancers, as well as SCLC, glioblas-
tomas, and melanomas [53–58]. Overproduction of HH lig-
ands constitutively activates the HH pathway in HH ligand-
producing cancer cells by autocrine signaling [53, 54] and
in stroma cells such as cancer-associated fibroblasts (CAFs)
surrounding HH ligand-producing cancer cells by paracrine
signaling [16, 59] (Figure 3). In addition, noncanonical HH
signaling has been defined as ligand-dependent activation of
SMObut independent of GLI activation [60] or asGLI activa-
tion independent of SMO. The noncanonical GLI activation
pathway includes transforming growth factor 𝛽 (TGF-𝛽)
[61], EGFR [62], Ras-Erk [63, 64], and PI3K-Akt-mechanistic
target of rapamycin (mTOR) [65] signaling pathways.

3. HH Signaling Pathway in SCLC

Although mutation or amplification of genes involved in the
HH pathway has not been found in SCLC, the HH signaling
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pathway was activated in many SCLC cases [66]. Watkins
et al. found HH pathway activation in neuroendocrine cells
in later lung development (E16.5) and the airway epithelium
during repair of acute airway injury [53]. Neuroendocrine
cells are considered candidates for the origin of SCLC. HH
pathway activation was also observed in SCLC tissue and
this observation was confirmed by analysis of SCLC cell
lines. Moreover, a SCLC cell xenograft model using nude
mice demonstrated that the HH pathway was activated in
SHH-producing SCLC cells but not in surrounding non-
SHH-producing cancer cells, suggesting that HH pathway

activation was an autocrine and/or juxtacrine loop in SCLC.
Analysis using a SCLC model mouse also revealed that HH
pathway activation initiated and progressed mouse SCLC
independent of the tumor microenvironment. Furthermore,
suppression of SMO in a SCLC mouse model strongly sup-
pressed initiation and progression of SCLC [67]. In addition,
immunohistochemistry analysis revealed upregulation ofHH
pathway components in SCLC patients, suggesting that the
HH signaling pathway is also activated in SCLC patients [68].

A recent study reported a novel crosstalk between theHH
pathway and bombesin- (BBS-) like neuropeptide-mediated
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signaling in SCLC [69]. SCLC cells secrete BBS, which acts
as an autocrine growth factor. Expression of both SHH and
gastrin-releasing peptide receptor (GRPR), a BBS-cognate
receptor, was observed in 56% of SCLC. Analysis of SCLC cell
lines revealed that BBS signaling activates GLI1 activity and
that BBS-mediated GLI1 activation is suppressed by cyclopa-
mine, a SMO inhibitor. Furthermore, GLI1 activation was
mediated by BBS signaling-nuclear factor-𝜅B- (NF-𝜅B-)
mediated production of SHH ligand in SCLC cells.

4. HH Signaling Pathway in NSCLC

Various studies have also demonstrated that the HH path-
way is activated in NSCLC. The expressions of GLI1 target
genes, such as Forkhead Box M1 (FOXM1), B cell-specific
Moloney murine leukemia virus integration site 1 (BMI1),
and NANOG, were elevated in NSCLC patients [70, 71].
Another study showed that 40 S ribosomal protein S6 kinase
2 (p70S6K2) regulates GLI1 activity in NSCLC cells. siRNA-
mediated p70S6K2 knockdown suppressed cell viability and
GLI1 activity, and p70S6K2 knockdown promoted GLI1
degradation through inhibition of glycogen synthase kinase
3𝛽- (GSK3𝛽-) mediated GLI1 phosphorylation. However, a
SMO inhibitor, 3-keto-N-aminoethylaminocaproyldihydro-
cinnamoyl- (KAAD-) cyclopamine [72], did not affect GLI1
activity, and PI3K inhibitor treatment suppressed GLI1 activ-
ity [73].

CAFs are widely defined as all fibroblast cells within the
tumor stroma and key players in the process of tumorigene-
sis through modulation of tumor microenvironment, CSC
maintenance, and regulation of tumor metabolism [74].
CAF proliferation is maintained by various factors such as
growth factors (e.g., TGF-𝛽 and platelet-derived growth fac-
tor [PDGF]) and cytokines (e.g., interleukin 1 [IL-1] and IL-6)
[75]. Bermudez et al. showed that NSCLC cells can secrete
SHH ligand, and secreted SHH ligand activates the HH
signaling pathway in CAFs. This pathway activation induces
CAF proliferation [76]. Huang et al. showed that PTCH,
SMO, and GLI2 expressions were upregulated in LSCC-
derived cell lines. However, SMO inhibitor treatment or SMO
knockdown demonstrated only a minor inhibitory effect
on cell proliferation, whereas GLI2 suppression significantly
suppressed cell proliferation and induced extensive apoptosis.
Therefore, GLI transcriptional activity would be regulated
by a noncanonical (SMO-independent) pathway [77]. These
reports suggest that the HH pathway is activated by the
paracrine mechanism and GLI activation in NSCLC cells is
regulated by the noncanonical (SMO-independent) pathway.

On the other hand, several studies have reported that HH
signaling is activated by the autocrine pathway in NSCLC
cells. The aggressiveness of NSCLC has been shown to be
associated with the acquisition of epithelial-to-mesenchymal
transition (EMT) [78]. A549 lung adenocarcinoma cells that
obtain mesenchymal phenotype (A549-M cells) show upreg-
ulated SHH ligand and GLI1 expression compared with A549
cells. In A549-M cells, the HH pathway was activated by
autocrine signaling, and suppression of theHHpathway con-
tributed to suppression of TGF-𝛽 signaling-induced cancer
cell migration and metastatic characteristics [79].

CAFs can secrete various growth factors and cytokines.
Secreted proteins induce extracellular matrix (ECM) remod-
eling. Furthermore, CAFs interacts with cancer cells and
CAF-secreted proteins activate various signaling pathway
by paracrine signaling. ECM remodeling and CAFs-med-
iated paracrine signaling pathway activation could induce
metastatic properties of cancer cells [75]. Choe et al. [80]
showed that EMT-related gene expression and the HH
signaling pathway was upregulated in adenocarcinoma cells
by means of direct coculture of NSCLC cells and lung CAFs.
The authors proposed that metastatic properties might be
acquired by direct interaction of adenocarcinoma cells and
CAFs and CAF-mediated paracrine HH signaling pathway
activation in adenocarcinoma cells.

CSCs exhibit a self-renewing capacity and are responsible
for tumor maintenance and relapse [81]. CSC maintenance
in adenocarcinoma and LSCC are regulated by the autocrine
HH signaling pathway. Several molecules and enzymatic
activities such as CD44, CD133, and high aldehyde dehydro-
genase (ALDH) activity have been identified as CSCmarkers
of NSCLC [82–85]. The HH signaling pathway was activated
in CD44high/ALDHhigh cancer cells harboring CSC prop-
erties [86]. Furthermore, CD133+ NSCLC cells also exhibit
CSC properties and secrete SHH ligand, and HH pathway
inhibition in CD133+ cells attenuated sphere formation, sug-
gesting that the autocrine HH pathway is involved in CD133+
CSC maintenance [87]. Although CD133+ SCLC cells are
identified as a CSC phenotype [88], there is no evidence that
the HH pathway is involved in SCLC stem cell maintenance.
Moreover, a previous report showed that GLI1 upregulated
expression of the embryonic stem cell transcription factor
SRY- (sex determining region Y-) box 2 (SOX2) by coopera-
tion with EGF signaling in lung adenocarcinoma-derived cell
lines [89]. As described above, the interaction of CAFs and
NSCLC cells inducesmetastatic properties ofNSCLC cells via
CAF-mediated HH signaling pathway activation in NSCLC
cells. Chen et al. showed that an interaction of CAFs and
NSCLC cells and CAF-mediated HH signaling pathway acti-
vation in NSCLC cells are also involved in CSC maintenance
[90]. We independently observed that GLI1 inhibition but
not SMO inhibition attenuated sphere formation, suggesting
that GLI1 activity was regulated by other signaling pathways
for NSCLC stem cell maintenance (unpublished data).

SOX2 expression is upregulated in LSCC [91], and there-
fore SOX2 is used as one of the tumor markers for LSCC.
Although SOX2 has critical roles in CSC maintenance, the
precise mechanism of SOX2-mediated CSC maintenance is
largely unknown. Justilien et al. reported that the SOX2-HH
pathway has important roles for CSC maintenance in LSCC.
Protein kinase C iota (PRKCI) phosphorylated Ser394 in
SOX2, resulting in upregulated expression of hedgehog acyl-
transferase (HHAT). The SHH ligand is changed to its active
formbyHHAT, resulting inHH signaling pathway activation.
The PRKCI-SOX2-HH signaling pathway plays important
roles in CSC maintenance [92].
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Table 1: The HH signaling pathway inhibitors.

Inhibitor Name Organization Clinical Trial
(1) SMO inhibitors

Cyclopamine, KAAD-cyclopamine — No
GDC-0449 (Vismodegib/Erivedge) Roche/Genentech/Curis Yes (phases 0, I, and II)
LDE225 (Erismodegib/Sonidegib/Odomzo) Novartis Yes (phases 0, I, and II)
BMS-833923/XL139 Bristol Myers Squibb/Exelixis Yes (phases I and II)
PF-04449913 (Glasdegib) Pfizer Yes (Phase II)
PF-527857 Pfizer No
LY2940680 (Taladegib) Ignyta Yes (phases I and II)
IPI-926 (Sadegib) Infinity Yes (phase I)
TAK-441 — No
MRT-92 — No

(2) GLI inhibitors
GANT-58, GANT-61 — No
Arsenic trioxide (ATO) — Yes (phases I, II, III, and IV)
HPI-1 — No
Glabrescione B (GlaB) — No

See [14] for description of the clinical trials of HH signaling pathway inhibitors.

As described above, SMO inhibitor treatment suppressed
EMT properties through remodeling of the actin cytoskele-
ton and motility of NSCLC cells [79]. Although SMO inhibi-
tion downregulated EMT-associated gene expression, expres-
sions of GLI1 target genes were not affected [93].These results
suggest that SMOmight activate other signalingmolecules as
well as GLI transcription factors in NSCLC cells harboring
mesenchymal properties.

Many studies on the roles of the HH signaling pathway
in NSCLC suggested that GLI1 and GLI2 play central roles in
tumor progression, tumor metastasis, and CSCmaintenance.
The mechanisms of GLI activation are diverse in cancer cell
types and the tumor microenvironment surrounding cancer
cells, since GLI is activated by various pathways including the
autocrine and paracrine HH pathways as well as canonical
and noncanonical GLI activation pathway.

5. HH Signaling Pathway-Targeted Cancer
Therapy in Lung Cancer

Previous studies have revealed that subsets of lung cancer
patients harbor mutations in the key oncogenic drivers upon
which tumor survival and progression are dependent. These
include mutations in EGFR and the EML4-ALK fusion pro-
tein [3]. Therefore, various TKIs targeting EGFR and EML4-
ALK have been developed. However, the clinical efficacy
of TKIs differs among patients, and acquired resistance for
chronic treatment often develops in most patients who are
treated with TKIs [5, 94, 95]. Furthermore, there are no
effective anticancer drugs for SCLC, LSCC, and large cell
carcinoma.

Previous studies reported that tumor volume and tumor
recurrence were suppressed by HH pathway inhibitor treat-
ment or combination treatment of HH pathway inhibitors

and other types of chemotherapeutic agents such as TKIs
and platinum-containing drugs. Park et al. [67] demonstrated
that combination treatment of etoposide and a SMO inhibitor
(LDE225: Sonidegib) [96] attenuated tumor recurrence of
SCLC using a mouse xenograft model. Moreover, LDE225
treatment attenuated the TKI-resistant NSCLC cell line
HCC827-GR (gefitinib resistant) derived tumor growth. In
addition, cotreatment of SMO inhibitor andMET inhibitor to
HCC827-GR xenografted tumors further suppressed tumor
volume, since constitutive MET activation was observed
in HCC827-GR cells [97]. Moreover, RNAi-mediated GLI1
knockdown suppressed tumor formation and tumor sphere
formation. Several SMO inhibitors and GLI inhibitors
have been developed [14]. GDC-0449 (Vismodegib) [98] is
approved for basal cell carcinoma therapy, and several SMO
inhibitors including GDC-0449 are used in clinical inves-
tigations for SCLC. GLI inhibitors such as GLI-antagonist-
(GANT-) 58, GANT-61, HH pathway inhibitor- (HPI-) 1,
Genistein, and Glabrescione B (GlaB) have also been devel-
oped [43, 99–101]. In addition, arsenic trioxide (ATO), which
suppresses GLI1 transcriptional activity [102, 103], is used in
clinical investigations as a GLI inhibitor (Table 1) [14]. How-
ever, other GLI inhibitors have not yet progressed to clinical
trials. Since the HH pathway and GLI activity have important
roles in lung cancer formation and lung CSC maintenance,
these chemical compounds may be useful for lung cancer
therapy.

6. Conclusion

Wehave discussed the relationship between theHH signaling
pathway and lung cancer and themechanism ofHH signaling
pathway activation in lung cancer. As summarized in Fig-
ure 4, the GLI activation machinery and the role of the HH
pathway in lung cancer are different in NSCLC and SCLC
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Figure 4:The role of the HH signaling pathway in lung cancer. (a)The HH signaling pathway in SCLC.The autocrine HH signaling pathway
promotes cancer cell proliferation. (b) The HH signaling pathway in adenocarcinoma. The noncanonical GLI activation pathway would
maintain cancer cell proliferation. CAF maintenance would be regulated by paracrine HH signaling pathway activation. CAF-secreted HH
ligands would activate the HH signaling pathway in cancer cells and CSCs. CAFs-mediated paracrine HH pathway activation in cancer cells
has important roles in acquisition of metastatic properties. Moreover, CAF-mediated HH signaling pathway activation might be involved
in CSC maintenance. Cancer cells harboring metastatic properties and CSCs would be also maintained by autocrine HH signaling pathway
activation. In addition, SMO might activate other signaling molecules in cancer cells harboring metastatic properties. (c) The HH signaling
pathway in LSCC. Cancer cells would be maintained by the noncanonical GLI2 activation pathway. PRKCI-SOX2-HH signaling pathway has
important roles in CSC maintenance.

as well as among the types of NSCLC. Furthermore, the HH
signaling pathway is involved in the interaction of cancer cells
and CAFs for tumor maintenance. Various SMO inhibitors
are used in clinical investigations for lung cancer. Results
from in vitro and in vivo experiments have demonstrated that
SMO inhibitor treatment is effective for lung tumor suppres-
sion. In fact, SMO inhibitors are used in clinical trials for
SCLC.TheHH signaling pathway is involved in CSCmainte-
nance, tumor progression, and metastasis in NSCLC. There-
fore, SMO inhibitors may be a better option for lung cancer
therapy in the future. However, previous studies suggest that

GLI transcription factors are activated by various mecha-
nisms, including the SMO-independent pathway. In particu-
lar, dysregulated SMO-independent GLI activation pathway
may cause SMO inhibitor resistance. Several GLI inhibitors
have also been recently developed.Therefore, aHH-pathway-
activated lung cancer therapy using GLI inhibitors would be
an effective option. To develop themost effectiveHHpathway
inhibitor for treatment of lung cancer, the current challenge is
not only to accelerate HH inhibitor development but also to
more deeply understand the regulatory mechanism of GLI-
mediated transcription.
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MscS (mechanosensitive channel of small conductance) is ubiquitously found among bacteria and plays a major role in avoiding
cell lysis upon rapid osmotic downshock. The gating of MscS is modulated by voltage, but little is known about how MscS senses
membrane potential. Three arginine residues (Arg-46, Arg-54, and Arg-74) in the transmembrane (TM) domain are possible to
respond to voltage judging from the MscS structure. To examine whether these residues are involved in the voltage dependence of
MscS, we neutralized the charge of each residue by substituting with asparagine (R46N, R54N, and R74N). Mechanical threshold
for the opening of the expressed wild-type MscS and asparagine mutants did not change with voltage in the range from −40 to
+100mV. By contrast, inactivation process of wild-type MscS was strongly affected by voltage. The wild-type MscS inactivated at
+60 to +80mV but not at −60 to +40mV. The voltage dependence of the inactivation rate of all mutants tested, that is, R46N,
R54N, R74N, and R46N/R74N MscS, was almost indistinguishable from that of the wild-type MscS. These findings indicate that
the voltage dependence of the inactivation occurs independently of the positive charges of R46, R54, and R74.

1. Introduction

Various types of mechanosensitive (MS) channels are present
in virtually all living organisms and detect forces due to
mechanical stimulus such as touch, hearing, turgor, and
osmotic change [1–6]. The bacterial MS channels of small
(MscS) and large (MscL) conductance are considered to act
as a “safety valve” to protect cells from lysis upon osmotic
downshock by releasing osmolytes [7–9].

MscS is directly activated by membrane stretch [10] and
the gating is modulated by membrane voltage [11–13]. The
MscS crystal structure resolved at 3.9 Å shows that MscS is
a homoheptamer of a subunit with three TM helices (TM1,
TM2, and TM3). A large cytoplasmic vestibule with seven
side portals and a distal entrance possibly acts as a molecular

prefilter for ion permeation [14–18]. MscS has a conductance
of∼1 nS and has a slight preference to anions as the permeable
ions [10, 11].

MscS shows marked voltage-dependent inactivation
under depolarizing conditions [13, 19–22]. Inactivation is
facilitated when an electrostatic interaction between TM and
cytoplasmic domains is disrupted [21]. The arginine residues
at positions 46 and 74 in TM1 and TM2, respectively, of
MscS have been predicted as the candidates for voltage sensor
taking into account that the voltage-gated Na+, K+, and Ca2+
channels have an array of arginine residues especially in the
fourth TM segment (S4) that carriesmost of the gating charge
as the voltage sensor [23–27] (Figure 1). Arg-54 in TM1 may
also be susceptible to membrane voltage since it is embedded
in lipid bilayer in the modeled structure [28]. However, these
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Figure 1: Homoheptameric structure of MscS (2OAU, [30]). The residues 46 (red), 54 (Blue), and 74 (green) are shown in space fill
representation. The transmembrane (white) and cytoplasmic (green) domains are shown in ribbon representation.

arginine residues have not been examined in the context of
voltage-dependent inactivation [13, 19–21, 29].

In the present study, we investigated whether or not the
three charged residues (R46, R54, and R74) in the TM1
and TM2 domains of MscS are involved in the voltage-
dependent inactivation by using patch-clamp technique and
hypoosmotic shock experiment. Our results suggest that
voltage-dependent inactivation occurs independently of the
positively charged residues in the TM domains of MscS.

2. Materials and Methods

The Escherichia coli strain PB111 (Δ𝑚𝑠𝑐𝑆) and MJF455
(Δ𝑚𝑠𝑐𝐿Δ𝑚𝑠𝑐𝑆) were used to host MscS expression in patch-
clamp and hypoosmotic shock experiments [21, 31]. Site-
directed mutagenesis was performed on the 𝑚𝑠𝑐𝑆 gene in a
pB10b vector by mega-primer PCR method [32]. Successful
mutagenesis was verified by DNA sequencing. Mutants were
expressed in PB111 or MJF455.

Giant spheroplasts were prepared as described [33].
Briefly, PB111 cells were grown in a modified LB (Luria
Bertani) medium containing 0.5% NaCl instead of 1% NaCl
[11] in the presence of cephalexin (final concentration:
0.06mg/mL). After incubation for 1.5 h, IPTG (isopropyl-𝛽-
D-thiogalactoside) was added (final concentration: 1mM) to
induce MscS expression.The induction time was 10min.The
cells were harvested, digested by lysozyme (0.2mg/mL), and
collected by centrifugation.

The channel activities of MscS were recorded in the
inside-out membrane patch mode of the patch-clamp tech-
nique as described previously [32]. The pipette solution con-
tained 200mMKCl, 90mMMgCl

2
, 10mMCaCl

2
, and 5mM

HEPES (pH 6.0), whereas the bath solution additionally
contained 300mM sucrose. Negative pressure was applied
by using a syringe at various voltages (intracellular potential
against extracellular one) ranging from −100 to +40mV to
obtain the gating threshold of MscS and MscL. For the

evaluation of the inactivation process, pressure was con-
trolled using High-Speed Pressure-Clamp apparatus (HSPC-
1; ALA Scientific Inst. Inc., Westbury, NY) [34], following the
protocol by Akitake et al. [13]. Currents were amplified with
an AXOPATCH 200B amplifier (Axon Instruments, Foster
City, CA), and data were acquired at a sampling rate of
5 kHzwith 2 kHz low-pass filtration.ThepCLAMP9 software
(Axon Instruments, Foster City, CA) was used for data
acquisition and analysis. The MscS/MscL gating threshold
ratios were determined by the pressure (proportional to
membrane tension) applied through patch pipettes required
for the first channel opening of MscS and MscL [32].

Cell viability after hypoosmotic shock was determined by
themethod described previously [9, 31, 35].When cell density
reachedOD

600
=∼0.15 in theminimalmedium, IPTG (1mM)

was added to induce expression. After 1 h of growth, the cells
were diluted 1 : 20 in the prewarmed minimal medium with
or without 0.5MNaCl. A downshock into 0MNaCl medium
was applied to the cells for 5min. After the downshock, each
sample was spread on LB agar plates containing 1mM IPTG
and incubated overnight at 37∘C before counting the ratio
of colony forming units. The downshock experiment was
performed three times for each MscS mutant.

3. Results

Candidate arginine residues (R46, R54, and R74) that are
possibly involved in voltage sensing were substituted with
asparagine to examine the effects of charge neutralization.
Thus, we generated three single mutants (R46N, R54N, and
R74N) and one double mutant (R46N/R74N). To examine
the effect of these mutations on the gating threshold of MscS,
the channel activities were measured while applying negative
pressure through a patch pipette to the inside-out membrane
patch of the giant spheroplasts expressing the wild-type or
mutant MscS. Figure 2(a) shows typical channel activities
of the wild-type MscS at membrane voltage of +20mV.
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Figure 2: Characteristics of the wild-type and mutant MscS expressed in PB111 (ΔmscS) cells. (a) PB111 cells expressing the wild-type MscS.
Channel current (upper) and pressure applied through a pipette (bottom) are shown. The insets show the magnification of the MscS and
MscL traces indicated by arrowhead and arrow, respectively. Membrane voltage: +20mV. (b) The gating threshold ratio (MscS/MscL) of the
wild-type and mutant MscS at various voltages (−100 to +40mV). Values are expressed as mean ± SEM (standard error of the mean) (𝑛 = 5–
7). (c) Effects of hypoosmotic shock on MJF455 (ΔmscSΔmscL) cells expressing MscS or harboring an empty vector (pB10b) (mean ± SEM,
𝑛 = 9). No significant difference was observed between the wild-type and mutant MscS.The asterisks indicate significant difference from the
wild-type (𝑝 < 0.05 by t-test).

Upon increasing the negative pressure, MscS appeared first
(arrowhead). The channel conductance was ∼1 nS. Further
increase in the negative pressure opened MscL, which has
a conductance of ∼2.5 nS (arrow). MscS and MscL were
assigned based on the conductance and threshold. Using
MscL as an internal standard, the threshold of MscS was
expressed as the ratio to that of MscL (MscS/MscL). The
threshold of the wild-type MscS was constantly ∼0.6 when
the membrane (cytoplasmic) potential was scanned between
−100 and +40mV (Figure 2(b)). The gating threshold of each
MscS mutant (R46N, R54N, R74N, and R46N/R74N) was
also constant at ∼0.6 in this voltage range.

When E. coli cells are exposed to hypoosmotic condition,
they avoid cell lysis by opening MscS and MscL. Con-
sistently, most of MJF455 double-knockout (ΔmscLΔmscS)
cells harboring an empty vector (pB10b) did not survive
upon hypoosmotic shock from 0.5M to 0M NaCl (Fig-
ure 2(c)). Hypotonic shock experiments are advantageous to
patch-clamp experiments in that the MscS activity can be
assessed under native conditions. When the cells expressing
MscS mutants were challenged with hypoosmotic shock, the
threshold did not differ statistically from that of wild-type
MscS (R46N; 100 ± 8%, R54N; 108 ± 7%, R74N; 101 ± 8%
and R46N/R74N; 105 ± 13%; Figure 2(c)), suggesting that
the charge neutralization does not alter the MscS activity to a
degree at which cell survival is affected.

MscS exhibits prominent voltage-dependent inactivation
under depolarizing conditions [13, 19–21]. To test whether
the neutralization of the positively charged residues in TM
segments modifies the inactivation, we recorded the inacti-
vation at cytoplasmic potentials ranging from –60 to +80mV.
Figure 3(a) illustrates the current traces of channel activities
of the wild-type MscS (upper trace). A rapid decrease in
channel current was observed at +60 and +80mV, whereas
the decay in current was significantly slow at negative poten-
tials. R46N MscS also inactivated at +60 and +80mV but
not at negative potentials (Figure 3(a), lower trace). Further-
more, R54N MscS, R74N MscS, and R46N/R74N MscS
showed rapid inactivation at positive potentials of +60 and
+80mV (Figure S1) (see Supplementary Material available
online at http://dx.doi.org/10.1155/2016/2401657). Figure 3(b)
depicts the relationship between voltage and time constant of
inactivation when an exponential function is fitted. All MscS
mutants showed rapid current decrease at +60 and +80mV at
rates similar to the wild-type MscS.

In the above experiment, the initial phase of inactivation
was not resolved because it overlapped with the activation
phase. To separate the inactivation process from the acti-
vation process, we activated MscS at −20mV by applying
negative pressure and then switched the membrane potential
to +60mV (Figure 4(a)). The transition from the full open to
closed state fitted best to two exponential functions at +60mV

http://dx.doi.org/10.1155/2016/2401657
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Figure 3: Inactivation of the wild-type andmutant MscS expressed inMJF455 (ΔmscSΔmscL) cells. (a) Channel currents (upper) of the wild-
type and R46N MscS at different voltages ranging from −60 to +80mV (middle). Subsaturating negative pressure (bottom) was applied after
the change in voltage. (b) The time constant of inactivation at each voltage. Time constant was faster at depolarizing voltages of +60 and
+80mV (mean ± SEM, 𝑛 = 5–9).

in the wild-type MscS: the fast and slow time constants were
𝜏 = 0.28 ± 0.03 sec and 𝜏 = 0.88 ± 0.27 sec, respectively. This
observation indicates that voltage-dependent inactivation
process has multiple processes. When the same protocol was
applied to the R46N MscS (Figure 4(a) lower trace), R54N
MscS, R74N MscS, and R46N/R74N MscS (Fig. S2), the cur-
rent decayed at rates roughly similar to the wild-type MscS.

Figure 4(b) summarizes the fast and slow time constants
of the wild-type andmutantMscS. Either component did not
differ significantly between the wild-type and mutant MscS.
The above observations indicate that charged residues at TM
domains are not involved in the voltage-dependent inactiva-
tion process.

4. Discussion

An array of positively charged residues in the S4 segment
of voltage-gated ion channels is responsible for voltage-
dependent channel activities [23, 24]. Voltage dependence of
MscSmay also be attributed to the positively charged residues
in TM1 and TM2 [27]. In the present study, we investigated
the role of arginine residues in TM1 and TM2 in the voltage-
dependent inactivation of MscS. The channel properties of
MscS mutants were examined using patch-clamp technique
and cell viability test. Against our prediction, we found that
the neutralization of positive charges in TM1 and TM2 has
little impact on the voltage dependence of MscS inactivation.

The voltage sensor in voltage-gated sodium, potassium,
and calcium channels contains a conserved pattern of 6-7

positively charged residues (Arg or Lys) in their S4 segment
[36].These charges move on a change in the electric potential
gradient across the TM domain, resulting in the channel
gating. The gating charge of Kv channels has been estimated
to be about 12-13 per channel [37]. On the other hand, the
opening of MscS is only weakly voltage-dependent and thus
the gating charge of MscS is estimated to be as small as about
0.8 per channel [13]. By contrast, the inactivation of MscS
is more dependent on voltage and two positive charges are
proposed to be transferred [13].

The movement of gating charges is of crucial importance
for understanding themechanismof voltage-dependent inac-
tivation of MscS. The positively charged residues R46, R54,
and R74 are predicted to be close to the cytoplasmic surface
of the lipid bilayer in the closed resting state. Generally, when
a membrane potential shifts from hyperpolarizing to depo-
larizing condition, TM helices with positive charges move
toward the extracellular side [36]. On the other hand, TM1
and TM2 of MscS interact with membrane lipid and the
hydrophobic residues at both ends of TM1 and TM2 provide
lipid-protein interaction important for mechanosensitivity
[31]. Therefore, even if the electrical field is changed, TM1
and TM2 may move little in the direction perpendicular to
membrane because of the tight lipid-protein interactions at
both ends of the TM helices. This speculation argues against
the idea that TM1 and TM2 move on depolarization but is
consistent with the present result.

In amolecular dynamics simulation (MD) study, neutral-
ization of R46 and R74 reduces the hydration of the pore and
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Figure 4: Rate of inactivation in the wild-type andmutantMscS expressed inMJF455 (ΔmscSΔmscL) cells. (a) Macroscopic currents of wild-
type (upper) and R46N MscS (bottom). Voltage was changed from −20 to +60mV (upper middle) in the presence of pressure (lower middle).
Red traces show the traces at the pressure where MscS was activated fully (−183mmHg in wild-type and −203mmHg in R46N MscS). (b)
Time constant of fast and slow components of the wild-type and mutant MscS (mean ± SE, 𝑛 = 5–7) as determined by fitting current traces
to two-exponential functions.

results in loss of conductivity, although they are distant from
the pore [38]. However, our results show that neutralizing
these positively charged residues does not influence the
conductance of MscS. The MD study detected movement of
TM1 and TM2 at ±100mV but not at smaller voltage; the
movement was reduced greatly in R46 mutants. This finding
also does not fit well our data that inactivation occurs at +60
and +80mV and that R46N MscS inactivates like the wild-
type MscS. These discrepancies may be because the crystal
structure used in theMD study is different from the structure
in the lipid bilayer or under membrane stretch.

A variety of models of MscS inactivation process have
been proposed: (1) shrinking of the cytoplasmic vestibule
[39], (2) kink formation between the pore-lining helix TM3a
and TM3b, which connects the gate and the cytoplasmic
vestibule [29], and (3) electrostatic interaction between the
upper surface of the cytoplasmic vestibule and the loop that
connects the TM1-TM2 helices [21]. However, none of these
models incorporate the charged residues in TM1 and TM2.
Thus, we speculate that potential gradient is present not only
in TM domain but also in the cytoplasmic vestibule and
that the cytoplasmic vestibule is responsible for the voltage
dependence of the inactivation process of MscS.

In conclusion, we have shown that the neutralization of
the arginine residues in TM1 and TM2 does not influence
the stretch activation and voltage-dependent inactivation of
MscS. We also found that voltage-dependent inactivation
process has two (fast and slow) components. The structural
bases of these components are yet to be determined.
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Retinoblastoma protein (pRB) interacts with E2F and other protein factors to play a pivotal role in regulating the expression of
target genes that induce cell cycle arrest, apoptosis, and differentiation. pRB controls the local promoter activity and has the ability
to change the structure of nucleosomes and/or chromosomes via histone modification, epigenetic changes, chromatin remodeling,
and chromosome organization. Functional inactivation of pRB perturbs these cellular events and causes dysregulated cell growth
and chromosome instability, which are hallmarks of cancer cells.The role of pRB in regulation of nucleosome/chromatin structures
has been shown to link to tumor suppression.This review focuses on the ability of pRB to control nucleosome/chromatin structures
via physical interactions with histone modifiers and chromatin factors and describes cancer therapies based on targeting these
protein factors.

1. Introduction

Retinoblastoma protein (pRB) was the first identified tumor
suppressor that negatively regulates the G0/G1 to S phase
transition of the cell cycle [1–4].Themost studiedmechanism
by which pRB negatively regulates the cell cycle progression
involves the biding of pRB to E2F transcription factors (E2F1,
E2F2, and E2F3a), which inhibits E2F-mediated expression
of S phase-promoting genes, such as DNA polymerase,
dihydrofolate reductase, and cdc2 [5–8]. pRB inhibits E2F
transcriptional activity via a direct interaction with E2F;
however, pRB also blocks cell cycle progression by repressing
the target gene transcription through the recruitment of
transcriptional corepressors and/or chromatin remodeling
protein factors at promoter regions [9] (Figure 1).The repres-
sors and protein factors that cooperatively participate in the
pRB-mediated transient repression and silencing of the target
genes include histone deacetylase (HDAC) [10, 11], replication
factor C [12], ATPase subunit of the SWI/SNF complexes
Brm and BRG1 (Brm-related gene 1) proteins [13, 14], DNA
methyltransferase DNMT1 [11], and heterochromatin protein
HP1 [15], which all belong to “LXCXE proteins” that possess
the LXCXE-binding motif for pRB [16]. In addition to these

LXCXE proteins, pRB interacts with many nuclear proteins
independently of the LXCXE motif, such as histone methyl
transferase Suv39h1 [15, 17], histone demethylase LSD1 [18],
and histone demethylase RBP2 (KDM5A) [19, 20]. Through
the physical interaction with these protein factors, pRB is
involved in not only local gene promoter inactivation but
also global epigenetic control of cellular senescence [21]
and differentiation [22]. Furthermore, pRB was recently
shown to play a role in DNA replication during the S phase
and G2/M phases via interactions with regulator proteins
for DNA replication [12, 23], chromatin condensation [24–
27], and mitotic spindle formation [28]. Understandably,
cellular events, such as G0/G1maintenance, DNA replication,
and mitosis progression, require drastic nuclear structural
changes and chromosomal rearrangement. In fact, pRB plays
an important role in chromosome dynamics and modulation
of chromatin structure. For example, pRB depletion alters
chromatin structure due to changes in epigenetic histone
modifications, such as methylation and acetylation, which
controls the status in G0/G1 cells [9] or heterochromatin
region in the interphase cells [29, 30]. pRB depletion
can also cause incomplete chromosomal condensation and
segregation in mitosis [24–27]. Importantly, it has been

Hindawi Publishing Corporation
BioMed Research International
Volume 2016, Article ID 5959721, 11 pages
http://dx.doi.org/10.1155/2016/5959721

http://dx.doi.org/10.1155/2016/5959721


2 BioMed Research International

E2F

pRB

HDAC
SWI/SNF

CtBP

E2F-target promoter

Sin3

Figure 1: pRB blocks cell cycle progression by repressing the E2F-
target gene transcription through the recruitment of transcriptional
corepressors and/or chromatin remodeling protein factors, such as
HDAC, Sin3, CtBP, and SWI/SNF, at promoter regions.

demonstrated that the aberrant chromatin structure and
chromosome arrangement caused by pRB inactivation are
associated with chromosomal instability [25, 27, 31], which is
a hallmark of human cancer cells. The focus of this review is
to highlight the active role of pRB in chromatin/chromosome
structure and stability. Indeed, this appears to be the most
crucial aspect in the tumor suppressor ability of pRB.

2. pRB-Mediated Repression of
Gene Transcription via Chromatin
Structure Modification

2.1. Cooperative Function of Chromatin Remodeling Complex
SWI/SNF with pRB. The SWI/SNF is a chromatin remod-
eling protein complex that participates in ATP-dependent
histone exchange or removal of histones from DNA, thereby
altering nucleosome structure and mobilizing higher-order
formation of chromatin [32]. SWI/SNF-mediated structural
changes of nucleosomes are involved in both activation and
repression of gene transcription depending on components
of the SWI/SNF complex. As an example of transactiva-
tion ability, a SWI/SNF subunit, BRG1, is necessary for
MAX gene transcription, MAX-dependent prodifferentia-
tion gene expression, and the subsequent suppression of
lung cancer development [33]. In this case, the BRG1-
containing SWI/SNF complex may facilitate gene transcrip-
tion by enhancing the accessibility of transcriptional acti-
vator proteins to the MAX enhancer/promoter regions. It
is also known that some SW1/SNF complexes containing
Brm and/or BRG1 bind to pRB and repress transcription.
The ATPases of SWI/SNF/Brm/BRG1 are involved in chro-
matin remodeling and the pRB-mediated inhibition of cell
proliferation. pRB was reported to recruit Brm or BRG1
through their LXCXE domains, thereby repressing gene
expression and effectively inducing cell cycle arrest [13,
14]. Although the LXCXE-dependent interaction between
endogenous pRB and Brm/BRG1 is not fully confirmed,
their cooperative function was identified in transcriptional
inactivation mechanisms [34]. The cell lines C33A and A437
are deficient in both Brm and BRG1 and are resistant
to active pRB-mediated cell cycle arrest; however, ectopic
expression of either Brm or BRG1 restored cell cycle arrest
[35, 36]. Brm is required for nuclease resistance at cyclin

A promoter region [36]. Although it is not clear whether
Brm and BRG1 can be included in the same SWI/SNF/pRB
complex, pRB uses the ATPase activity of Brm or BRG1 to
change nucleosome structures. This occurs in cooperation
with histone deacetylases and/or histone demethylases (as
described below) to produce compact and tight nucleosome
structures and thus repression of target gene expression.
Because Brm and BRG1 can interact with both pRB and E2F
[37], these ATPase chromatin remodelers efficiently facilitate
the formation of closed chromatin structures and the pRB-
mediated repression of the E2F-target genes.

2.2. Cooperative Function of Histone and DNAModifiers with
pRB. Histone deacetylase 1 (HDAC1) is also an important
pRB binding protein for the inhibition of gene expression. In
addition to the direct inhibition of E2F-mediated transacti-
vation, pRB also recruits HDAC1 to the DNA strands near
the promoter region of the E2F-target gene [10]. A canonical
LXCXE motif derived from a viral oncogene competed with
the pRB-HDAC1 binding, which suggests that the interaction
between pRB and HDAC1 is LXCXE motif dependent [16].
However, recent studies have indicated that pRB-HDAC1
interactions can be indirect because HDAC1 is found in Sin3
and CtBP/CtIP complexes, which are also pRB-interacting
proteins [38, 39].

Histone acetylation opens the chromatin structure so
that transcriptional activators can access the target promoter
region and stimulate transcription. On the other hand,
HDACs catalyze the removal of an acetyl group from lysine
residues in histones and nonhistone target proteins. By
reducing acetylation, HDACs facilitate the inactivation of
gene expression, including pRB-mediated repression of E2F-
target gene expression (Figure 1). A previous study showed
that the levels of histone acetylation at the E2F-target, that is,
the cyclin E promoter, are reduced when cyclin E is silenced;
furthermore, the HDAC inhibitor trichostatin A inhib-
ited the pRB-mediated inactivation of cyclin E expression
[40].

These studies suggest that pRB regulates the local chro-
matin structure by recruiting HDAC1 to modulate the bal-
ance of histone acetylation levels, and HDAC inhibitors may
compromise the tumor suppressive pRB-E2F axis. However,
a number of studies showed that HDACs are overexpressed
in many human cancer cells [41, 42]. Indeed, many HDAC
inhibitors have been characterized as anticancer drugs that
show great efficacy for cancer cell death [43, 44]. This
may reflect the pRB-E2F-independent effect of HDACs on
cell viability, or the inhibitors may exert a stronger effect
on HDAC-suppressed E2F-dependent apoptotic signaling
compared to E2F-dependent cell proliferation.

Histone methylation and demethylation are impor-
tant modifications of nucleosome/chromatin modifications
induced by pRB. pRB interacts with the histone methyltrans-
ferase, Suv39h1, which is mainly responsible for trimethy-
lation of H3K9 (H3K9me3), although it can also catalyze
dimethylation of H3K9 (H3K9me2) [45, 46]. H3K9me2/3
is recognized by heterochromatin protein HP1 through its
N-terminal chromodomain. This interaction changes the
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neighboring nucleosome structure into a packed form that is
transcriptionally inactive. Accordingly, H3K9me3 is known
as a “repressive histone mark” [47–50]. Notably, both of
H3K9 methylation and HDAC-mediated deacetylation are
induced on nucleosome histones near cyclin E promoter
region after pRB-mediated E2F inactivation [15], suggesting
that pRB has the ability to alter local chromatin structure
via Suv39h1, HP1, and HDAC. HP1 is a family of three
subtypes (HP1𝛼, HP1𝛽, and HP1𝛾) and each HP1 subtype
plays common and also distinct roles in human cells. HP1𝛼
is mainly located in heterochromatin, while HP1𝛽 and HP1𝛾
are associated with both heterochromatin and euchromatin
[51, 52]. HP1 binds to the N-terminus of Suv39h1 through
its chromoshadow domain [53, 54]. In this context, HP1𝛽-
or HP1𝛾-bound pRB may repress the euchromatic local pro-
moter region of cyclin E by recruiting Suv39h1. This induces
heterochromatin formation by recruiting additional Suv39h1
molecules to methylate the neighboring nucleosomes and
produce a tightly packed and inactivated promoter region.
Consistently, HP1𝛽 was found at E2F-responsive promoter
regions when pRB was activated to repress these promoters
[55]. Furthermore, pRB-HP1𝛾 interaction mediates silencing
of E2F-target gene expression and heterochromatin forma-
tion during senescence [56]. pRB-HP1𝛾-H3K9me3 is also
involved in gene silencing in adult cardiac myocytes, which
permanently exit the cell cycle [57]. However, it is not clear
whether pRB directly interacts with HP1𝛼 to repress the
expression of E2F-target genes because HP1𝛼was found to be
preferentially phosphorylated in the G2/M phase and to bind
to histoneH3modifiedwith bothK9me3 and phosphorylated
serine 10 in mitotic chromosomes [58]. HDAC-mediated
deacetylation could effectively induce methylation in target
regions, because HDAC interacts with Suv39h1 [59] and
Suv39h1 binds toHP1 [47–50, 53, 54]. Although Suv39h1 does
not have the LXCXEmotif, in contrast to HP1, excess LXCXE
peptides compete with pRB to bind to these proteins [15, 60].
Thus, many LXCXE-dependent interactions between pRB
and pRB binding proteins are important for the regulation of
chromatin structure dynamics.

LSD1 [18, 61] and RBP2 [20, 62] are pRB-interacting his-
tone demethylases that catalyze the removal of methyl groups
from H3K4me1/2 and H3K4me3, respectively. Methylated
H3K4 is an “active histone mark” because it is enriched
at the actively transcribing promoter region. pRB binds to
these demethylases in a LXCXE-independent manner and
represses transcription by recruiting them to demethylate
H3K4me1/2 and H3K4me3 on the pRB-target promoter
region. pRB recruits LSD1 on the same promoter for E2F
binding; however, pRB-E2F immunoprecipitates did not
contain LSD1 even though E2F was precipitated with LSD1
[18]. Although the functional significance of LSD1 on pRB-
dependent E2F inhibition of cell cycle progression is not clear,
recent studies showed that LSD1 is a member of different
subsets of repressor complexes, such as CoREST families
[63]. Importantly, these repressor complexes include several
chromatin remodeling proteins and positively contribute to
cell differentiation and somatic cell reprogramming. It is
likely that the pRB-LSD1-E2F interaction functions in these
cellular events.

At the onset of cell differentiation, cell cycle-driving
gene expression is silenced for the exit from the cell
cycle. The active histone marks are removed, while the
repressive marks are introduced in target nucleosomes near
the cell cycle-driving genes. The H3K4me3 demethylase
activity of RBP2 has also been demonstrated to contribute
to regulating cell differentiation [20]. Studies using RBP2
RNAi in pRB-null cells showed that RBP2 inhibits pRB-
mediated differentiation under certain conditions; however,
RBP2 also shares common roles with pRB at the initial
step of differentiation by repressing transcription of cell
cycle-driving genes [64]. These observations suggest that
the pRB-mediated H3K4me3 demethylases modulate the
histonemodificationwith repressivemarks on the pRB-target
gene promoters and alter the chromatin structure to induce
differentiation.

In addition to histone methyltransferase and demethy-
lases, pRB binds to DNA methyl transferase 1 (DNMT1),
which associates with HDAC in vivo [11]. pRB forms a
complex with E2F, DNMT1, and HDAC through the LXCXE
motif to repress E2F-mediated transactivation [11, 65]. Based
on a previous report, the methylation of pRB-E2F’s target
promoter DNA may enhance and spread the histone mod-
ulation near the promoter. Many studies have demonstrated
that methylated DNA recruits HDAC to deacetylate histones,
thus resulting in an efficient repression of transcription
[11, 66–68]. Although E2F-bound reporter DNA was not
methylated under experimental conditions, the E2F-binding
domain within a CpG-rich region of the endogenous RB
promoter is highly methylated in many types of human
cancer cells [17, 69, 70]. Taken together, these pRB binding
histone modifiers, DNA methyltransferases, and chromatin
modifiers can promote the pRB-dependent regulation of
gene expression by changing the chromatin structure to a
repressive form near the pRB-E2F-target promoter.

3. pRB-Mediated Regulation of Higher-Order
Chromatin Structures and Chromosomes

In addition to the regulation of local nucleosome struc-
tures at the pRB-E2F-target promoter region, pRB plays a
pivotal role in maintaining whole chromosome dynamics,
such as heterochromatin formation and mitotic chromo-
some segregation. Cells expressing mutant pRB that lacks
the LXCXE-interacting domain show abnormal chromatin
structures, including decondensed chromatin and display
butterfly chromosomes [71]. These aberrant chromosomes
fail to properly separate during anaphase. This role of pRB
is closely linked to terminal differentiation, senescence, and
chromosome stability. In this section, the protein factors that
directly/indirectly bind to pRB are discussed with a focus
on regulation of higher-order of chromatin/chromosome
structures.

3.1. The Role of pRB in Heterochromatin Formation. pRB
participates in the formation andmaintenance of heterochro-
matin structure [9, 72]. As described above, pRB binds
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to Suv39h and members of HP1 family, and the Suv39h-
H3K9me3-HP1 axis is a key axis of regulator of heterochro-
matin formation [15, 45–60, 71]. In addition toH3K9m3, pRB
binds to Suv4-20h1 and h2, which are methyltransferases that
trimethylate histone H4K20 [71].

The H4K20me3 is enriched at pericentromeric hete-
rochromatin, whereas pRB-deficient mouse fibroblasts show
reduced levels of H4K20me3 at pericentromeric heterochro-
matin [73]. Similarly, cells that expressed a mutant pRB
lacking the LXCXE-interacting domain (RB1Δ𝐿/Δ𝐿) showed
diminished methylation of H4K20 at pericentromeric DNA
[74]. Furthermore, loss of all of RB families caused a reduc-
tion in H4K20m3 levels at telomere DNA [75]. Interestingly,
HP1 recruitment by the Suv39h-H3K9me3 axis is essential for
Suv4-20h1/h2-mediatedH4K20 trimethylation [76]. Notably,
BRG1 depletion resulted in an aberrant chromatin organi-
zation caused by a dispersion of H3K9me3 and H4K20me3
and an increased mitotic failure caused by lagging anaphase
chromosomes [77]. These effects are similar to the results
found after pRB depletion in fibroblast cells. Taken together,
these data strongly suggest that the regulation of type-specific
histone methylation/demethylation by pRB leads to proper
chromatin organization via several chromatin modulators,
including HP1 and BRG1.

Polycomb group (PcG) proteins were originally identified
as repressor complexes for Hox genes. PcG proteins regulate
the Hox expression pattern required for development [78,
79]. Recent studies showed that PcG proteins are essential
for the regulation of normal gene expression during cell
differentiation and embryonic development [80, 81]. Two
major PcG protein complexes, PRC1 and PRC2, are recruited
to target sites in the genome [82] to modulate the chromatin
structure and repress gene expression. Early studies revealed
that HPC2, a PcG protein, coimmunoprecipitated with pRB,
E2F, and CtBP and colocalized with pRB in a nuclear PcG
complex in cultured cells [83]. In addition, pRB showed
HPC2-dependent andHDAC-independent repressor activity
for E2F-taget cyclin A gene expression [83]. pRB is required
for the binding of PRC2 and its target gene to establish
H3K27me3 at the gene site [84]. A recent study showed
that RBR, a pRB ortholog in plants, directly interacts with
PRC2 and inactivates the late embryonic genes through
facilitating PRC2-mediatedH3K27 trimethylation [85].Thus,
pRB promotes global gene silencing via interactions with
PRC1 and PRC2, which contribute to cell differentiation and
embryonic development.

3.2. The Role of pRB in Chromatin Structure and Dynamics
for Differentiation and Senescence. pRB facilitates cell cycle
arrest and thus influences differentiation and senescence
[21, 86] (Figure 2). Since differentiation requires multi-
ple steps, including exit from the cell cycle and drastic
changes in gene expression/silencing via both local and
global nucleosome remodeling, notably, pRB binding epige-
netic/chromatin modifiers are actively involved in differenti-
ation. As described above, epigenetic or chromatinmodifiers,
such as histone demethylase RBP2 and the PcG protein
complexes PRCs, are closely associated with pRB-mediated

pRB

Histone 
methyltransferases

Histone 
demethylases

HP1 PcGs

“Repressed” chromatin

SenescenceDifferentiation

Figure 2: pRB facilitates cell cycle arrest and thus influences differ-
entiation and senescence via interactions with histonemodifiers and
chromatin associating factors including histone methyltransferases,
histone demethylases, HP1, and PcGs.

cell differentiation. One example is the role of these proteins
in the pRB-meditated onset of myogenic differentiation [87,
88]. RBP2 appears to possess two opposing activities in pRB-
mediated myogenic differentiation: inhibiting E2F-targeted
cell cycle genes and the other is antagonizing differentiation
by repressing the mitochondrial genes necessary for myo-
genic differentiation [89]. Apart from RBP2, Suv39h deple-
tion in myoblasts leads to a reduction in H3K9 methylation,
repression of S phase genes, and expression of myogenic
marker genes under differentiating conditions [90].

Cellular senescence can be triggered by repetitive repli-
cation (replicative senescence), activation of oncogenic genes
(oncogenic senescence), telomere shortening, and geno-
toxic stresses [91]. Senescence requires permanent cell
cycle arrest and maintenance of a “repressed” nucleosome/
chromatin structure.Here, the pRB-dependent packed nucle-
osome/chromatin structure appears to be a key event for the
initiation and maintenance of senescence (Figure 2). Acute
loss of pRB in senescent fibroblasts shows cell cycle reentry
and recovery of cell proliferation [92], while reintroduction
and overexpression of pRB in cancer cells induce senes-
cence [93]. Furthermore, pRB is enriched on the E2F-target
promoter region when cells are senescent [21, 56]. These
observations prompt us to predict an active role of pRB in
establishing senescence by forming a “repressed” chromatin
structure.However, a previous study suggested that pRBplays
a crucial role in the later stages of establishing or maintaining
senescence, since cells lacking pRB or expressing a mutant
pRB retain abilities to exhibit cell cycle arrest but definitively
reenter to cell cycle and restart proliferation [94]. Thus,
pRB-dependent epigenetic modification, that is, a repressive
histone methylation mark, appears to be important for the
establishment and maintenance of senescence. Indeed, pRB
is necessary for the enrichment of H3K9me3 and demethy-
lation of H3K4me3 on E2F-target promoters in senescent
cells [56, 94, 95]. In addition, H3K9me3 levels are reduced
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in mutant pRB-expressing RB1Δ𝐿/Δ𝐿MEFs, which are unable
to maintain senescence [94]. The study on RB1Δ𝐿/Δ𝐿 MEFs
also showed that the pRB binds to promyelocytic leukemia
(PML) protein, and the LXCXE-interacting domain in pRB
was important for PML-pRB binding to establish constitutive
heterochromatin H3K9me3 at E2F-target genes [96–98].
Importantly, recent findings revealed that pRB was involved
in the formation of senescent-associated heterochromatin
foci (SAHF) [56]. This result furthers our understanding
of the role of pRB in the establishment of senescence.
SAHF is involved in the compaction of entire individual
chromosomes and contain enriched H3K9me3, H3K27me3,
and high mobility group A (HMGA) proteins that are known
chromatin architectural factors. Active hypophosphorylated
pRB is required for SAHF formation, and the knockdown of
pRB inhibited SAHF formation [99–101]. Similarly, an exper-
iment using E7-drived inactivation of pRB showed that pRB
is crucial for HMGA2-induced SAHF formation [102]. pRB
associates with PML to enrich H3K9me3 at the target genes,
and PML can be a component of SAHF [96]. Taken together,
pRB can control the structural changes in heterochromatin
that are dependent on senescence induction, including SAHF
formation; however, the precise mechanism by which pRB
contributes to SAHF assembly remains unclear.

3.3. The Role of pRB in Chromatin Condensation and Chro-
mosome Segregation. Early studies demonstrated that pRB
is a component of nuclear matrix, which consists of highly
compartmentalized and insoluble nonchromatin structures
[103]. The nuclear matrix is composed of fibrogranular-
like networks that associate with particular DNA regions
and corresponding proteins. Thus, the matrix is considered
as a platform where “DNA events” occur efficiently, such
as transcription, replication, or heterochromatin formation,
chromatin condensation, and chromatin remodeling. This
indicates a crucial and primordial role for pRB as a nuclear
matrix protein that actively participates in the repression
of transcription and chromatin organization. A number
of nuclear matrix proteins have been identified, including
nuclear restricted protein/brain NRP/B, which binds to pRB
and regulates neuronal differentiation [104]. This study sug-
gests that an adequate composition of nuclearmatrix proteins
is important for cell function and pRB-dependent.

Recently, pRB was discovered to bind to nuclear matrix
apparatus protein NuMA [28], a mitotic spindle organizer
and essential protein for mitotic progression [105]. Mitotic
progression requires highly dynamic chromosome changes.
Knockdown of pRB results in the aberrant distribution
of NuMA in M phase cells and misalignment of spindle
poles and spindle microtubules. Cells overexpressing mutant
NuMA, which are deficient in pRB binding, showed similar
defects. Notably, these M phase defects were associated with
anuncondensed anddispersed chromosome structure, which
can trigger chromosomal/genomic instability. Chromosomal
instability is a hallmark of cancer cells accompanied with
aneuploidy and an abnormal number of chromosomes,
mainly caused by chromosome missegregation [106]. Impor-
tantly, a number of studies showed that pRB inactivation
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Figure 3: pRB is involved in proper chromatin condensation and
chromosome segregation via interactions with mitotic regulators,
such as condensin II and NuMA, which is important for chromo-
some stability.

increased chromosomal instability [25–27, 107]. Consistently,
themutantNuMA-expressing cells showed low survival rates,
and the surviving mutant cells showed multiple micronuclei
after a long culture period [28]. These data indicate that
the pRB-NuMA interaction is required for proper mitotic
progression and chromosome organization (Figure 3).

Condensin II complex is another important factor that
highlights the role of pRB in mitotic chromosome dynamics
and stability (Figure 3). An initial study reported that Rbf,
the fruit fly ortholog of pRB, interacted with drosophila
condensin II subunit Cap-D3, which requires Rbf for the
correct localization on chromosomes; furthermore, Rbf
mutant showed abnormal and dispersed chromatin during
prophase and prometaphase [24]. Additionally, human CAP-
D3 (hCAP-D3) binds to pRb in an LXCXE-dependent man-
ner, and RB1Δ𝐿/Δ𝐿 cells displayed an inefficient localization
of condensin II on chromosomes, delayed progression to
metaphase, and lagging chromosomes in anaphase [26].
Moreover, a recent study showed that pRB, E2F, and hCAP-
D3 form a complex at pericentromeric heterochromatin, and
disruption of the complex in RB1−/− cells and RB1Δ𝐿/Δ𝐿 cells
correlated with an increase in aberrant replication, mitotic
errors, and aneuploidy [27]. Surprisingly, the loss of even one
copy of RB1 can produce the same phenotype, suggesting
that pRB plays a pivotal role in the maintenance of the
chromosome structure and stability via physical interactions
with chromatin-related proteins.

4. Maintenance of Nucleosome/Chromosome
Structures by pRB and Cancer

pRB acts as a central tumor suppressor mainly by inhibiting
the cell cycle progression driven by E2F-target genes. In
this context, the involvement of pRB directs antitumorige-
nesis via a conformational change in the local promoter
region with or without epigenetic marks. In many types
of human cancer cells, the levels of pRB and pRB binding
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nucleosome/chromatin-related proteins that act coopera-
tively with pRB, such as HDACs [42], PML [98], and BRG1
[108], are decreased. Furthermore, loss of Suv4-20h1 in breast
cancer cells was reported [109]. On the other hand, the
binding proteins that are largely inactivated by pRB appear
to be overexpressed in cancer cells. One example is that
the expression of the H3K4me3 demethylase RBP2 was
increased in lung cancer [110]. Interestingly, the H3K4me3
demethylase LSD1 is also overexpressed in many human
cancers, including lung, breast, prostate, and blood cancers
[63], which seems incomprehensible since LSD1 is a member
of the pRB repressor complex. Some reports have proposed
the tumor suppressor role of LSD1; however, the majority of
studies demonstrated the tumor-promoting activity of LSD1
[111]. Although this controversial function needs to be fully
investigated, it is possible that LSD1 plays two opposing roles
that are dependent on the formation of distinct complexes. In
support of this notion, LSD1 is able to act as a transcriptional
activator and a repressor [112, 113]. A possible explanation is
that LSD1 binds to the tumor suppressor, p53, to repress p53-
mediated transcriptional activation and inhibit p53-induced
apoptosis by removing monomethylation (K370me1) at K370
[114]. This indicates a tumor-promoting function of LSD1.

The increase in chromosomal instability due to dysfunc-
tional pRB binding may be related to cancer development
in the light of the normal pRB role in maintaining the
global nucleosome structure and chromosome organization.
Indeed, NuMA is overexpressed in colorectal and breast
cancer [105, 115–118], suggesting that overexpressed NuMA,
which can overcome sequestering by pRB, induces mitotic
defects leading to chromosomal instability, which is similar to
the results of pRB depletion. In addition, RB1Δ𝐿/Δ𝐿, a mutant
pRB lacking the LXCXE-binding cleft, enhances tumorigen-
esis and genomic instability in mouse tumor models [26]. All
of these findings support a central role for pRB and its nuclear
binding proteins in the regulation and maintenance of the
global nucleosome/chromosome structure, which is crucial
for tumor suppression.

5. Cancer Treatments and Perspectives

Overall, this review focuses on the physical contribution
of pRB, which controls local nucleosome structure and
whole chromosome organization. pRB inactivation results in
dysregulated cell proliferation, apoptosis, differentiation, and
senescence, and all those defects can lead to tumorigenesis
and cancer progression [31]. Phosphorylation is awell-known
mechanism to inactivate pRB; in addition, pRB inactivation
by oncogenic proteins is inducedwith viral infection, andRB1
gene expression is repressed via promoter DNAmethylation.
The proteasome-dependent degradation of pRB promoted
by ubiquitin ligase Mdm2, which was the first identified
ubiquitin ligase for p53 [119, 120], is another pathway for
pRB inactivation [121–126]. Therefore, inhibiting pRB inac-
tivation is a relevant strategy to suppress cancer progres-
sion. Some efficacious compounds and small molecules have
been investigated, such as CDK4/6 inhibitors to suppress
pRB phosphorylation [127] and Nutlin-3, a small molecule

inhibitor ofMdm2, to regulateMdm2-mediated regulation of
pRB expression [128–130]. The CDK4/6 inhibitor palbociclib
is currently in phase II development, and ribociclib and
abemaciclib are in phase I development. These inhibitors are
being tested in breast cancer, lung cancer, liposarcoma, and
neuroblastoma [131]. A recent study showed that Nutlin-3
caused p53 and p21 accumulation and hypophosphorylation
of pRB, which lead to cell cycle arrest in some cell lines;
however, in other cell lines, Nutlin-3 downregulated pRB and
resulted in E2F-independent apoptosis [129]. These results
are Mdm2-dependent, as evidenced by Mdm2 knockdown
experiments that abolished the effects. Thus, Nutlin-3 is a
potential therapeutic agent that can suppress and/or kill
cancer cells. However, the mechanism by which Nutlin-3
induces degradation of hypophosphorylated pRB in some
cells is not clear.

Targeting enzyme activities related to nucleosomehistone
modification may be a potent strategy for cancer therapy.
Despite its repression of E2F-target gene expression, HDAC
is overexpressed in many human cancers, and a number of
HDAC inhibitors, including trichostatin A and vorinostat
(also known as SAHA (suberoylanilide hydroxamic acid)),
are antitumor agents [43]. SAHA was the first clinically
approved HDAC inhibitor for the treatment of cutaneous
T-cell lymphoma (CTCL). Belinostat (PXD101, Beleodaq) is
used for the treatment of refractory peripheral T-cell lym-
phoma (PTCL), and panobinostat (LBH589) is used for the
treatment of multiple myeloma. These drugs were approved
by the FDA in 2014 and in 2015, respectively. In addition
to these compounds, other HDAC inhibitors, including
givinostat (ITF2357), abexinostat (PCI-24781), quisinostat
(JNJ-26481585), resminostat (4SC-201), pracinostat (SB939),
CUDC-101, CHR-2845, and CHR-2847, are currently in
various clinical phases [43].

Chaetocin was the first discovered inhibitor for
drosophila histone methyltransferase Su(var)3-9, and it
selectively inhibits human Suv39h1 [111]. BIX01294 shows
good in vitro inhibitory potency against Suv39h. LSD1
inhibitors, including the small molecules GSK2879552 and
ORY1001, have been developed [63]. A screening of a panel
of 165 cancer cell lines revealed that the SCLC and AML
cell lines were sensitive to GSK2879552 [63]. Studies on the
molecular mechanism of action suggested that GSK2879552
inhibits the demethylation of H3K4me1/2 by LSD1, leading
to alterations in neuroendocrine gene expression and the
suppression of SCLC cell growth. GSK2879552 is currently in
a phase I clinical trial for AML and SCLC [132]. Compound
4SC-202 inhibits both HDAC1/2/3 and LSD1 and its phase I
trial for the treatment of hematological tumors was recently
completed [133].

Thus, the continueddevelopment of inhibitors ofCDK4/6
and histone modifiers aims to eradicate cancer cells. Several
agents showed sufficient potency in clinical trials. However,
selective inhibitors or activators that target the interac-
tion between pRB and its binding proteins during nucle-
osome/chromatin organization have not been identified. It
is understandable that development of such agents, such
as LXCXE-binding inhibitors, is difficult because pRB and
its LXCXE-dependent interactions have central and diverse
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functions in living cells. To increase antitumor effective-
ness, treatment with a combination of CDK4/6 inhibitors
and inhibitors of histone modifiers could inhibit cell cycle
progression and induce apoptosis via structural changes in
the nucleosome/chromosome. A greater understanding of
the direct role of pRB role in chromatin remodeling or
chromosome organization will facilitate the development
of antitumor agents and therapeutics for pRB-inactivated
human cancers.
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Mechanical microenvironments, such as extracellular matrix stiffness and strain, have crucial roles in cancer progression. Cells
sense their microenvironments withmechanosensing biomolecules, which is accompanied by themodulation of actin cytoskeleton
structures, and the signals are subsequently transduced downstream as biochemical signals. The tumor suppressors p53 and
retinoblastoma protein (Rb) are known to prevent cancer progression. The p53 and Rb signaling pathways are disrupted in many
types of cancers. Here, we review recent findings about the roles of these tumor suppressors in the regulation of mechanosensing
biomolecules and the actin cytoskeleton. We further discuss how dysfunction in the p53- and/or Rb-mediated mechanosignaling
pathways is potentially involved in cancer progression. These pathways might provide good targets for developing anticancer
therapies.

1. Introduction

During cancer progression, cells acquire several abilities,
including continual unregulated proliferation, resistance to
cell death, invasiveness, and epithelial-mesenchymal tran-
sition (EMT) [1–3]. Remodeling of the actin cytoskeleton
is also associated with cancer progression [4, 5]. Actin
is one of the most abundant proteins in eukaryotic cells.
Globular actin (G-actin) monomers polymerize into actin
filaments (F-actin), which is then depolymerized, in a steady-
state equilibrium. Actin polymerization is regulated by actin
nucleators, including the formins, actin-related protein 2/3
(Arp2/3) complex, and spire [6–8]. The activation of these
actin nucleators is regulated by Rho GTPases, including Rho,
Rac, and Cdc42, which typically induce the formation of
stress fibers, lamellipodia, and filopodia, respectively [9].
Actin depolymerization is enhanced by gelsolin and actin-
depolymerizing factor (ADF)/cofilin, while spontaneous
depolymerization is slow [10].Gelsolin is activated by calcium

ions but inhibited by phosphatidylinositol 4,5-bisphosphate.
Activation of ADF/cofilin is regulated by its phosphorylation.
Kinases, including LIM kinase (LIMK), testicular protein
kinase (TESK), and integrin-linked kinase (ILK), induce
the activation of ADF/cofilin, while phosphatases, such as
slingshot and chronophin, induce its inactivation [11–13].

The invasion of cancer cells is associated with the
formation of several actin-mediated structures, including
lamellipodia, filopodia, podosomes, and invadopodia [14, 15].
Podosomes and invadopodia degrade the extracellularmatrix
(ECM), which facilitates invasion into other tissues. Pro-
trusions of lamellipodia and filopodia are likely to promote
cancer cell invasion through the generation of traction forces
that are required formesenchymal-modemigration. Blebs are
also formed during themigration of cancer cells and promote
their invasion [16, 17].The formation of blebs is initiated upon
disruption of the actin cortex and driven by intracellular
pressure generated in the cytoplasm. In association with
reassembly of the actin cortex, the blebs are then retracted by
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actomyosin contraction, generating traction forces that move
the cells forward.Whilemembrane blebbing is typically asso-
ciated with apoptotic cell death [18], aggressive cancer cells
appear to form and use blebs for invasion independently of
cell death [16, 17]. In addition to invasion, the insensitivity of
aggressive cancer cells to antitumor drug-induced apoptosis
might also be affected by actin cytoskeletal structures. Stress
fibers, lamellipodia, and filopodia are considered to promote
the survival of cancer cells.

Actomyosin contraction is essential for sensing themech-
anical environments surrounding cells [19]. At the sites of
cell-ECM adhesion, the formation of focal adhesion com-
plexes, including integrins, focal adhesion kinase (FAK), p130
Crk-associated substrate (p130Cas; also known as Bcar1), and
paxillin, promotes actin polymerization and activates myosin
[20–24]. Activated actomyosin generates a contractile force
that induces conformational changes in several focal adhe-
sion proteins to enhance downstream signaling [25]. Fur-
thermore, 𝛼-catenin has been identified as a mechanosens-
ing protein in adherens junction (AJ) complexes at cell-
cell junctions [26]. The homophilic interaction of cadherin
ectodomains induces the assembly of AJ complexes and local
actin polymerization.While actin filaments link to cadherins
via 𝛽-catenin and 𝛼-catenin, an actomyosin-generated force
transmitted to this linkage causes conformational changes
in 𝛼-catenin, which promotes its binding to vinculin [27].
This results in the recruitment of various proteins, including
zyxin and Arp2/3, to AJs and a further increase in actin
polymerization [26, 28]. The expression and activity of
proteins in focal adhesions andAJ complexes are often altered
during cancer progression.

Actin dynamics influence cellular behavior not only by
regulating cytoskeletal organization but also by controlling
gene expression. For example, in skeletal muscle differen-
tiation, disassembly of actin filaments is required for the
muscle-specific gene expression induced by serum response
factor (SRF) [29–32]. G-actin binds to megakaryocytic acute
leukemia (MAL; also known as MKL1/MRTF-A), a cofactor
of SRF, and sequesters it from the nucleus, therefore, causing
alterations in the equilibrium between actin polymerization
and depolymerization perturb differentiation [33].

Cancer progression is associated with the accumulation
of gene mutations and cancer is generally considered to be a
genomic disease. TP53, which encodes the p53 transcription
factor, is mutated in more than 50% of human cancers [34].
This protein exerts its biological activities, such as cell cycle
arrest and induction of apoptosis or senescence, by upregu-
lating the expression of various target genes [35–37]. Stresses,
such as DNA damage, induce the stabilization and activation
of p53 by affecting its posttranscriptional modifications such
as phosphorylation and acetylation [38, 39]. The expression
level of p53 is lowunder low stress conditions.However, it still
contributes to cellular homeostasis involving differentiation
and cell cycle progression.

Germline mutations in the retinoblastoma (Rb) gene
occur frequently in retinoblastoma, which is the most com-
mon cancer of the developing retina in early childhood [40].
Somatic mutations in Rb are also observed in several cancers,
including small-cell lung cancer and bladder cancer [41].
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p53

Cyclin D
Cdk4/6

p21

Proliferation

DNA damage

Chk1/2

ATM/ATR

Cyclin E
Cdk2

Figure 1: p53 suppresses the cell proliferation mediated by the
Rb-E2F pathway. Phosphorylation of Rb by CDK4/6-cyclin D and
CDK2-cyclin E causes the dissociation of Rb from E2F to promote
cell cycle progression. In response to DNA damage, ataxia telang-
iectasia mutated (ATM) or ataxia telangiectasia and Rad3-related
protein (ATR) are activated and phosphorylate p53 either directly or
through Chk1/2. Phosphorylated p53 dissociates fromMdm2 and is
thereby stabilized. Active p53 then induces the transcription of its
target genes involving p21WAF1, resulting in the inhibition of CDK2-
cyclin E activity.

Furthermore, inactivation of Rb by hyperphosphorylation via
the constitutive activation of its kinases has been implicated
in tumor initiation and progression [40, 42, 43]. Phosphory-
lation of Rb by cell cycle kinase complexes, that is, cyclin-
dependent kinase (CDK) 4/6-cyclin D and Cdk-2-cyclin E,
releases the transcriptional repression of E2F, resulting in cell
cycle progression. The activity of Cdk-2-cyclin E is inhibited
by the CDK-inhibitor p21WAF1, a transcriptional target of p53
(Figure 1) [44]. Rb also plays a critical role in the development
of several tissues, including muscle and bone, by regulating
other transcriptional factors such as MyoD and RUNX2 [43].

While various molecules that constitute the actin cyto-
skeleton, focal adhesions, and AJs are involved in sensing
themechanicalmicroenvironments surrounding cells, little is
known about the contribution of p53 andRb tomechanosens-
ing. In this review, we summarize the roles of p53 and Rb in
the regulation of the actin cytoskeleton and mechanosensing
proteins, which provides insights into the mechanisms of
cancer progression.

2. p53 Regulates Integrin
Expression and Activation

Integrins, which are heterodimers composed of 𝛼 and 𝛽
subunits, form a connection between the ECM and actin
cytoskeleton, and their downstream signaling molecules
drive actin polymerization [45–47]. In humans, 18 types of 𝛼
subunits and 8 types of 𝛽 subunits have been identified, and
they assemble into 24 types of integrins that bind specifically
to their ligands, including fibronectin, laminin, and collagen
[48]. The binding of a ligand to the extracellular domain of
integrin induces the recruitment of focal adhesion proteins,
including FAK, p130Cas, and paxillin, at the cytoplasmic side,
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Figure 2: Effects of p53 on molecules in mechanosensing pathways. Cells sense ECM stiffness and modulate actin cytoskeleton structures
through the integrin signaling pathways. p53wild-type suppresses cancer progression throughdownregulation of themolecules in the integrin
signaling pathways. Conversely, several p53 mutants exert gain-of-function effects on the upregulation of molecules in the integrin signaling
pathways. The molecules indicated by red letters are upregulated by p53 GOF mutants.

leading to the activation of Rho GTPases and stimulation
of actin polymerization [20–24]. The cytoplasmic domain
of integrin links to actin filaments through several adaptor
proteins. Actomyosin contraction potentially modulates the
affinity of integrin to its ligands by changing the conforma-
tion of integrin.

Integrin signaling plays a fundamental role in tumor
cell invasion and metastasis. The expression levels of several
integrins, including𝛼5𝛽1,𝛼6𝛽4,𝛼4𝛽1,𝛼v𝛽3,𝛼v𝛽5,𝛼v𝛽6, and
𝛼2𝛽1, in cancer cells correlate with their aggressiveness [46,
49, 50]. It has been revealed that p53 regulates the expression
of integrins 𝛼5, 𝛽1, 𝛽3, and 𝛽4 (Figure 2) [51–56]. Janouskova
et al. showed that Nutlin-3a, an MDM2 antagonist that acts
as a p53 activator, decreases the expression of integrin 𝛼5 in
glioma and colorectal cancer cells [51, 52]. Bon et al. reported
that the expression of integrin 𝛽4 was decreased by either the
ectopic expression of p53 or DNA damage in wild-type p53-
expressing cells [56]. Conversely, the ectopic expression of
transactivating p63 (TAp63) or transactivating p73 (TAp73),
two p53 family members, increased the promoter activity of
ITGB4, which encodes integrin 𝛽4. Importantly, depletion
of p53 enhanced the TAp63- or TAp73-dependent activation
of the ITGB4 promoter. Not only DNA damage triggered
by genotoxic drugs or activation of oncogenes but also
other forms of stress, such as chromosomal aberrations,
hypoxia, and telomere shortening, are associated with cancer
progression [36]. Repression of integrin𝛼5 and𝛽4 expression

by p53 activated in response to these stresses is likely to
prevent the progression of cancer stimulated by these stresses.

Vaillant et al. reported, using mammary tumors derived
from p53-deficient mice lacking one allele (p53+/−), that loss
of p53 function promotes cancer cell invasion by upregulating
integrin 𝛽3 expression at the cell surface [54]. We also
reported that the depletion of p53 increased the expression of
integrin 𝛽3, encoded by ITGB3, in a transcription factor NF-
𝜅B-dependent manner. This leads to an increase in integrin
𝛼v𝛽3 expression at the cell surface, which promotes the
formation of lamellipodia. Lamellipodia formation mediated
by integrin 𝛼v𝛽3 contributes to the constitutive activation of
another transcription factor, STAT3, which plays an integral
role in tumor cell invasion [55]. Conversely, Qui et al. showed
that pifithrin-𝛼, a p53 inhibitor, increases the expression
of integrin 𝛽1 in endothelial cells when the expression of
ID1 (encoding inhibitor of DNA binding [ID] 1, which
belongs to a family of basic helix-loop-helix transcription
factors lacking DNA-binding domains and plays a criti-
cal role in angiogenesis) is depleted [53]. Pifithrin-𝛼 also
enhances the formation of F-actin at the peripheral rim and
promotes tubular formation. ID1 expression is upregulated
in angiogenic tumor vessels. These results suggest that the
p53-dependent maintenance of the low expression levels of
integrins 𝛽1 and 𝛽3 helps to attenuate both cancer cell inva-
sion and angiogenesis, which would prevent cancer progres-
sion.
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3. Regulation of Focal Adhesion-Rho Signaling
Pathways by p53

FAK contains three distinct domains: a four-point-one, ezrin,
radixin, moesin (FERM) domain; a kinase domain; and a
focal adhesion targeting (FAT) domain [21]. The residues
in the FERM domain are responsible for the autoinhibition
of FAK by intramolecular interactions. External forces are
believed to induce a conformational change of the FAT
domain to disrupt these intramolecular interactions. How-
ever, since FAK does not bind directly to actin filaments, it
is unclear whether FAK activity in cells is truly regulated by
force such as actomyosin contraction.

Phosphorylation of p130Cas is also facilitated by external
forces [57]. Src phosphorylates the substrate domain of
p130Cas (CasSD), which is characterized by 15 YXXPmotifs.
Phosphorylated CasSD provides a binding site for the Crk-
DOCK180 complex, a guanine nucleotide exchange factor
(GEF) for Rac. External forces induce a conformational
change of CasSD, which facilitates the phosphorylation of
p130Cas. Like FAK, p130Cas does not bind directly to actin
filaments [25]. Recently, we found that tensin 1 mediates the
interaction of p130Cas with actin filaments [58]. However,
given that the expression level of tensin 1 is generally low in
metastatic cancers [59, 60], it may not be responsible for the
enhanced phosphorylation of p130Cas and FAK in aggressive
cancer cells.

Paxillin, an adaptor protein at focal adhesions, is known
to be involved in the mechanical-cue-dependent regulation
of Rho GTPases [22]. While the underlying mechanism
remains unclear, the C-terminal LIM domains of paxillin
are likely to be involved in the responses of paxillin against
mechanical inputs [61]. Paxillin potentially promotes the
invasion of cancer cells; however, its levels of expression
and phosphorylation differ largely among cancer cell types
[62].

It has been suggested that p53 regulates thesemechanore-
sponsive proteins at focal adhesions (Figure 2). The ectopic
expression of p53 suppresses the promoter activity of FAK
either directly [63] or by inducing the expression of X-linked
ectodermal dysplasia receptor (XEDAR), a member of the
tumor necrosis factor receptor (TNFR) superfamily [64].
Recently, we reported that oncogenic Ras-induced transfor-
mation leads to the cleavage of 𝛽-actin and concomitant
suppression of p130Cas phosphorylation in a p53-dependent
manner [65].We have further shown that both the oncogenic
Ras-induced disruption of mitochondrial integrity and p53-
mediated activation of the mitochondrial protease high
temperature requirement A2 (HtrA2; also known as Omi)
are involved in the cleavage of 𝛽-actin in Ras-transformed
cells. The p130Cas-Rac1 axis is known to promote cell inva-
sion by inducing lamellipodia formation [66]. Interestingly,
the cytoplasmic localization of p53 was increased by Ras
transformation, causing mitochondrial translocation of the
mitogen-activated protein kinase p38. p38 translocated into
mitochondria and then enhances activation of HtrA2/Omi
[67].While cytoplasmic p53 is known to have tumor suppres-
sive functions via the suppression of centrosome duplication,
induction of cell death, and inhibition of autophagy [68], our

results revealed a novel mechanism underlying the tumor
suppressive function of cytoplasmic p53.

The constitutively active form of Src and oncogenic Ras
induce cellular transformation and invasion. Mukhopadhyay
et al. reported that loss of p53 function enhances Src-driven
cell invasion by promoting the formation of actin-rich struc-
tures, such as podosomes and invadopodia [14, 69–71]. They
showed that the level of caldesmon, an actin binding protein
that can suppress both podosome and invadopodia formation
[72], was decreased by inhibition of p53 [70]. Further, there is
a possibility that p53 diminishes Src-driven cell invasion via
inhibition of p130Cas-mediated podosome and invadopodia
activity. As described above, a decrease in p130Cas phos-
phorylation by impairment of actin filaments following Ras-
induced transformation was suppressed by p53 knockdown,
while the activity of Src, a kinase of p130Cas, was not affected.
Indeed, knockdown of p53 decreases p130Cas phosphoryla-
tion in Src-transformed cells (personal communication).

p53 regulates the activity of Rho GTPases (Figure 2)
[73–75]. p53 mediates the oncogenic-Ras-induced activation
of p190 Rho GTPase-activating protein (RhoGAP) [76]. A
deficiency in p53 expression increases RhoA activity and
stimulates the formation of blebs via the activation of Rho-
associated protein kinase (ROCK) [77].While RhoA typically
promotes stress fiber formation [9], RhoA can increase cell-
exerted contractile forces even in Ras-transformed cells in
which stress fiber formation is largely diminished [76]. The
generation of cell-exerted contractile forces plays a crucial
role in the invasion and intravasation/extravasation of cancer
cell tissue and blood vessels.

p53 regulates the expression of several genes that encode
effector proteins of RhoA/RhoC and Cdc42. For example,
depletion of p53 increases the expression of ROCK1/2 and
MRCK𝛼, which encodes myotonic dystrophy kinase-related
Cdc42-binding kinase 𝛼 (MRCK𝛼). The ectopic expression
of p53 in turn increases the expression of these genes [78].
Not only RhoA signaling but also Rac and Cdc42 signaling is
affected by p53. Depletion of p53 increases phosphoinositide
3-kinase- (PI3-kinase-) mediated Rac activity [79]. Con-
versely, the ectopic expression of p53 decreases Cdc42 activity
and concomitant filopodia formation [80].

F-actin formation is both negatively and positively regu-
lated by p53 in response to DNA damage. Croft et al. reported
that treatment with the antitumor drug doxorubicin reduces
the activity of cofilin by increasing the expression of RhoC
and LIM kinase 2 (LIMK2) in a p53-dependent manner
[81].While doxorubicin treatment promotes the formation of
stress fibers, depletion of either RhoC or LIMK2 abrogates
doxorubicin-induced stress fiber formation. Conversely,
other antitumor drugs, including camptothecin and etopo-
side, attenuate the formation of stress fibers through the p53-
dependent expression of RhoE [82]. Depletion of RhoE pre-
vents the camptothecin-induced disassembly of stress fibers.

It has been suggested that, in response to DNA damage,
p53 influences actin cytoskeleton remodeling by regulating
the cytoskeleton adaptor protein ankyrin-1, which is encoded
byANK1. Hall et al. reported that the etoposide-induced acti-
vation of p53 increases the expression of ANK1 [83]. Etopo-
side treatment promotes the formation of actin-rich long
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protrusions, even though knockdown of ankyrin-1 attenuates
this response. By contrast, stress fiber formation in etoposide-
treated cells is enhanced by depleting ankyrin-1 expression.
The ankyrin-1-mediated activation of cofilin may be involved
in these actin remodeling processes. Furthermore, ankyrin-
1 contributes to the association of the cortical spectrin-actin
network with the plasma membrane by linking spectrin
with membrane proteins including the anion exchanger and
CD44 [84, 85]. Spectrin plays a crucial role in maintaining
the structural integrity of the plasma membrane and has
been suggested to be a potential mechanosensing protein
[86]. Therefore, the p53-dependent regulation of ankyrin-
1 may contribute not only to actin remodeling but also to
mechanosensing/mechanoprotection of cells.

4. Regulation of Cadherin Expression by p53

It is well established that EMT promotes cell invasion and
metastasis. It is important to note that EMT is associated with
a decrease in E-cadherin expression and an increase in N-
cadherin expression, which are major components of cell-
cell adhesion complexes. They form homophilic adhesion
bonds. Since the interactions of N-cadherin are much weaker
than those of E-cadherin, the shift from E-cadherin to N-
cadherin during EMT weakens cell-cell adhesions, which
promotes the scattering and migration of cancer cells. Like
focal adhesions, AJs are reportedly involved in sensing the
mechanical microenvironments of cells [26, 87–90].

In cells undergoing EMT, the expression of E-cadherin,
encoded by CDH1, is suppressed by Snail, zinc finger E-box
binding homeobox 1/2 (ZEB1/2), and Slug. These proteins
in turn increase the expression of N-cadherin, which is
encoded by CDH2 [91]. It has been revealed that p53 prevents
EMT by regulating the expression of E- and N-cadherins.
Siemens et al. showed that activated p53 suppresses Snail
expression by inducing the expression of microRNA- (miR-)
34a/b/c [92]. The expression of miR-200 and miR-192 is also
p53-dependent, and their expression is negatively correlated
with ZEB1/2 expression [93, 94]. Both p53 itself and its
transcriptional targets (MDM2 and p21WAF1) regulate Slug
expression [95]. The ectopic expression of p53 induces the
proteasomal degradation of Slug, which is mediated by the
E3 ligase MDM2. A further study by Kim et al. showed that
complex formation of Slug with p21WAF1 and p53 is involved
in MDM2-mediated Slug degradation [96].

5. p53 Gain-of-Function Mutants
Regulate Cell Adhesion Molecules and
Downstream Pathways

Mutations inTP53 often result in a gain-of-function (GOF) of
the protein [97]. Muller et al. showed that p53 GOF mutants
increase the Rab-coupling protein- (RCP-) driven recycling
of integrin 𝛼5𝛽1 by inhibiting TAp63-mediated transcription
[98]. This would induce the formation of filopodia-like pro-
trusions and thereby promotes the invasion of cancer cells.
Furthermore, p53 GOF mutants promote the translocation
of integrin 𝛽1 to the tips of filopodia by increasing the early
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Figure 3: Rb-dependent regulation of the molecules involved in
actin cytoskeleton remodeling. In cancer cells, Rb is inactivated
either by Cdk4/6- and Cdk2-dependent hyperphosphorylation or
by its mutation. Rb prevents cancer progression by suppressing both
invasion and cell division via the alteration of actin cytoskeleton
remodeling. Conversely, under inflammatory conditions, Rb is likely
to have a promoting effect on cancer cachexia, which is associated
withmuscle atrophy characterized by disorganization of sarcomeres.
TNF𝛼 upregulates the Cdk4/6-dependent phosphorylation of Rb,
which causes disorganization of sarcomeres by inhibiting mDia1-
mediated actin polymerization.

growth response protein 1- (EGR1-) mediated expression
of myosin-X (Myo10), an unconventional myosin [99]. The
expression of integrin 𝛼5𝛽1 and its ligand fibronectin is also
increased by p53GOFmutants [100], which contributes to the
survival of suspended cells.

Recently, Lee et al. showed that p53GOFmutants increase
the transcription of ITGB4, which encodes integrin 𝛽4 [101].
TAp63 andTAp73 also upregulate the expression of ITGB4, as
described above [56]. Conversely, the transcriptional activity
of TAp63 and TAp73 is reduced by their binding with a subset
of p53 mutants [102]. Thus, additional studies are needed to
reveal the actual relationship between p53GOFmutants, p63,
andp73 in terms of the regulation of ITGB4 expression,which
would provide a better understanding of the mechanisms
underlying cancer progression.

p53 GOF mutants appear to contribute to cancer pro-
gression via the expression of the EMT-promoting factors
Snail, Slug, and Twist [103, 104]. In addition, p53 GOF
mutants upregulate the expression of paxillin and ARHGDI,
which encodes Rho GDP-dissociation inhibitor alpha (Rho-
GDI𝛼) that typically downregulates Rho GTPases [105].
However, the role of paxillin and Rho-GDIs in metastasis is
controversial, which may reflect the diversity of cancers.

6. Rb Regulates Cell Adhesion Molecules and
Downstream Pathways

Several studies have suggested a role for Rb in the regulation
of the actin cytoskeleton and related pathways (Figure 3).
Engel et al. showed, using Rb knockout cells and the ectopic
expression of Rbmutants, that Rb promotes the expression of
ITGA10 (encoding integrin 𝛼10) in osteoblasts independently
of the canonical Rb-E2F pathway [106]. They used bioinfor-
matic analysis to show that the expression of integrin 𝛼10
is downregulated in several tumors compared with normal
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tissues. Integrin𝛼10 heterodimerizeswith the integrin𝛽1 sub-
unit [107]. While both loss-of-function and gain-of-function
of p53 drive integrin 𝛽1-mediated cancer cell progression
as discussed above [53, 98–100], Rb might prevent cancer
progression by increasing the heterodimerization of integrins
𝛼10 and 𝛽1 and by suppressing the heterodimerization of
integrins 𝛼4 or 𝛼5 with 𝛽1.

It has been suggested that loss of Rb function causes
the upregulation of ILK expression, which is required for
cell division [108]. In retinoblastoma cells carryingmutations
in the Rb gene, inhibition of ILK by the small molecule
QLT-0267 induces the accumulation of multinucleated cells,
which is associated with a decrease in cortical F-actin,
alteration ofmitotic spindle organization, and declustering of
centrosomes. ILK upregulates actin polymerization by inac-
tivating cofilin and by activating both Rac and Cdc42 [109].
Furthermore, ILK controls the complex formation of Aurora
A kinase/chTOG/TACC3, which is essential for the assembly
of mitotic spindles [110, 111]. Both microtubule-dependent
forces and actin-dependent forces at the cell cortex contribute
to centrosome clustering [112]. These findings suggest that
loss of Rb function prevents mitotic defects, such as the
arrest of and exit from mitosis, through upregulation of the
ILK-mediated assembly of actin filaments and microtubules,
which would ensure cell division.

We reported recently that Rb causes disruption of the
sarcomeric structure of skeletal muscle myotubes via its
interactionwith the formin proteinmDia1 [113], an effector of
RhoA [114]. This pathway is stimulated by the inflammatory
cytokine TNF𝛼. TNF𝛼 increases the CDK4-dependent but
CDK2-independent phosphorylation of Rb. Phosphorylated
Rb subsequently translocates from the nucleus to the cytosol,
where it binds to mDia1. The sarcomere, which consists of
a highly ordered array of actin thin filaments and myosin
thick filaments, provides a contractile unit in muscle cells
and confers muscle strength. Our findings suggest that
inflammation hampers the homeostasis of skeletal muscle via
inhibition of mDia1-mediated actin polymerization by Rb. In
advanced cancer patients, cachexia—the loss of body mass
that is associated withmuscle atrophy characterized by disor-
ganization of sarcomeres—is often observed. Cytoplasmic Rb
might contribute to cancer progression by promoting muscle
atrophy. Indeed, cytoplasmic Rb was detected in atrophied
tibialis anterior muscles, but not the normal muscles, of
cancer patients [113].

Rb has also been implicated in the regulation of cadherin
expression. Sosa-Garćıa et al. reported that, in Rb-deficient
osteoblasts, the expression of E-cadherin and osteoblast-
cadherin (OB-cadherin) is downregulated [115]. Associated
with this, AJs are disrupted in these cells, which is medi-
ated by the inactivation of merlin, a member of the ezrin,
radixin, and moesin (ERM) family of proteins that links
actin filaments to AJ complexes [116]. OB-cadherin (also
known as cadherin-11), a cadherin isoform that is expressed
in mesoderm-derived tissues, is known to be involved in
cancer progression both positively and negatively. In prostate
and brain cancers, OB-cadherin enhances the engagement
between cancer cells and bone tissues by its hemophilic
interactions, which promotes cancer metastasis [117–122].

By contrast, osteosarcoma formation is promoted by the
disruption of OB-cadherin-mediated cell-cell interactions.
These results imply that loss of Rb function might induce
cancer progression preferentially in growing tissues.

7. Concluding Remarks

In this paper, we focused on the findings regarding the roles
of the central tumor suppressors p53 and Rb in the regulation
of the actin cytoskeleton and mechanoresponsive molecules.
Intense studies have revealed that both these tumor sup-
pressors and mechanical environments surrounding cells
have significant effects on cancer progression. However, little
is known about how these tumor suppressors influence
the mechanical environment-dependent regulation of cancer
progression.

Cancer cells sense various different mechanical environ-
ments during metastasis, leading to an alteration of cell
behavior [123, 124]. The tumor stroma is composed of non-
cancerous cells, including cancer-associated fibroblasts
(CAFs), as well as noncellular components, such as the ECM.
The excess production of the ECM mainly by CAFs stiffens
solid tumors [125, 126], which promotes the growth of cancer
cells [127, 128]. In addition, along with the growth of tumor
mass, cancer cells suffer high pressure caused by tissue com-
pression and/or an increase in interstitial pressure [129].
Similar to ECM stiffening, this high pressure also promotes
the metastasis of cancer cells. Following intravasation, can-
cer cells in blood vessels are exposed to shear forces exerted
by blood flow, which facilitates the interaction of cancer
cells with endothelial cells to permit extravasation [130].
Cell growth and sensitivity against chemotherapy and radio-
therapy treatments are also affected by mechanical environ-
ments [131]. Furthermore, mechanical environments appear
to be crucial for maintaining the properties of cancer stem
cells, such as self-renewal and tumor formation abilities.
Thus, mechanical environments affect cancer progression at
multiple stages.

We have proposed the possibility that cancer cachexia
with muscle atrophy is caused by Rb-mediated disruption of
sarcomeric organization [113]. Currently there is no effective
treatment for muscle atrophy, which makes it difficult to
improve the quality of life (QOL) of patients with advanced
cancers. Since CDK4 is responsible for the TNF𝛼-induced
phosphorylation of Rb and resultant disorganization of
sarcomeres, disrupting the function of CDK4 may prevent
cachexia in advanced cancers, which would improve QOL.
p53 is known to be required for the promotion of muscle
atrophy induced by inflammatory cytokines, including TNF𝛼
[132]. p53 may be involved in Rb-promoted muscle atrophy.
It is well known that the p53 and Rb pathways coopera-
tively regulate cell proliferation and senescence; however,
the relationship between p53 and Rb in actin cytoskeleton
remodeling is totally unknown. As described above, we have
shown that Rb appears to inhibit mDia1-mediated actin poly-
merization to disrupt sarcomeres. However, activation of
RhoA, which promotes mDia1-induced actin polymerization
[114], is prevented by p53 [77]. These observations support
the notion that p53 synergistically enhances Rb-promoted
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muscle atrophy. In addition toCDK4 inhibition, development
of a drug that targets the pathway for p53-mediated inactiva-
tion of RhoAmay enable the suppression of cancer-associated
cachexia.

While accumulating evidence reveals that mechanical
environments significantly affect the aggressiveness of can-
cer cells, it remains unclear how mechanical environments
regulate the activities of p53 and Rb. Further studies into the
mechanotransduction mechanisms responsible for mechan-
ical cue-dependent regulation of these tumor suppressors
would aid the development a definitive treatment for cancers
and a treatment that improves the QOL of advanced cancer
patients.
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Nonthermal plasma has received a lot of attention as a medical treatment technique in recent years. It can easily create various
reactive chemical species (ROS) and is harmless to living body. Although plasma at gas-liquid interface has a potential for a
biomedical application, the interactions between the gas-liquid plasma and living cells remain unclear.Here, we show characteristics
of a micropower plasma with 0.018W of the power input, generated at gas-liquid interface.We also provide the evidence of plasma-
induced enhancement in proliferation activity of endothelial cells. The plasma produced H2O2, HNO2, and HNO3 in phosphate
buffered saline containing Mg++ and Ca++ (PBS(+)), and their concentration increased linearly during 600-second discharge. The
value of pH in PBS(+) against the plasma discharge time was stable at about 7.0. Temperature in PBS(+) rose monotonically, and
its rise was up to 0.8∘C at the bottom of a cell-cultured dish by the plasma discharge for 600 s. Short-time treatment of the plasma
enhanced proliferation activity of endothelial cells. In contrast, the treatment of H2O2 does not enhance the cell proliferation.
Thus, the ROS production and the nuclear factor-kappa B (NF-𝜅B) activation due to the plasma treatment might be related to
enhancement of the cell proliferation. Our results may potentially provide the basis for developing the biomedical applications
using the gas-liquid plasma.

1. Introduction

Plasma is called the fourth state of matter following solid,
liquid, and gas, and it is composed of charged particles,
excited particles, chemically reactive species, and neutral
particles. Recently, plasma has been developed for a wide
range of medical applications such as sterilization [1, 2],
surface modification of a medical equipment [3], and blood
coagulation [4]. They are generically known as “plasma
medicine” [5]. The plasma used for medical applications is
classified with two types [6]: one is thermal plasma whose
temperature is around 104 K, and the other is nonthermal
plasma whose temperature is around room temperature.
Nonthermal plasma sources have become popular for med-
ical applications because there is no measurable damage to
living tissue.

In recent years, plasma treatments to enhance cell pro-
liferation have attracted attention in the field of plasma

medicine, and there have been many researchers about the
plasma treatments of living cells [7, 8]. It is believed that
reactive oxygen species (ROS) produced by the plasma have
a positive effect on the therapeutic actions. However, the
interactions between nonthermal plasma and living cells are
still unclear. Several types of plasma sources for biomedical
applications such as plasma jets and surface discharges are
generally used [9]. Plasma at gas-liquid interface also has a
potential for the biomedical application because the plasma
produces ROS in liquid effectively by a synergistic effect of
chemical reactions in gas phase and gas-liquid interface [10–
14]. However, the plasma at gas-liquid interface is not used
much for the biomedical applications.

This study aims to understand characteristics of amicrop-
ower plasma generated at gas-liquid interface and to reveal
responses of living cells to the plasma for development of
a novel biomedical applications using the plasma. First, we
measure characteristics of the micropower plasma, namely,
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Figure 1: Schematics of the experimental setup (a), electric circuit in the power source (b) to generate micropower plasma, and the
experimental setup to expose cells to the micropower plasma (c).

power input and emission spectra of the plasma, changes in
pH and temperature in a liquid by the plasma treatment,
and production of chemical species in the liquid. Secondly,
we evaluate an effect of the plasma treatment on living cells
focusing on the cell viability and discuss a mechanism for
cellular response to the plasma treatment.

2. Materials and Methods

2.1. Micropower Plasma Source. Figure 1 shows the schemat-
ics of the experimental setup (a) and the power source
(b) to generate micropower plasma. The power source
consisted of a direct current (DC) power supply (HGR10-
10P, Matsusada Precision Inc.), a metal-oxide-semiconductor
field-effect transistor switch (MOS-FET switch; HTS 151-02,

BEHLIKE), three resistors (1.0MΩ, 10 kΩ, and 1.0 kΩ), and a
capacitor (440 pF).TheMOS-FET switch was controlled by a
function generator (FG-274, TEXIO).The applied voltage and
discharge current were measured using a high-voltage prove
(PHV4-1221, PMK) and a current probe (FCT-028-5.0-WB,
Bergoz), respectively. Waveforms were monitored using an
oscilloscope (waveRunner 62Xi, Lecroy). A tungsten needle
electrode (0.5mm in diameter) covered with an insulation
tube (011, TGK) was set at the center of a 35-mm diameter
cell culture dish (3000-035 or 3910-35, Iwaki) or 96-well cell
culture plate (353072, BD Falcon).The dish or plate was filled
with 2mL or 40 𝜇L, respectively, of phosphate buffered saline
(PBS; 05913, Nissui) containing Mg++ and Ca++ (PBS(+)).
The distance from a liquid surface to the tip of the electrode
was 1mm (for the 35-mm diameter dish) or 0.5mm (for
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the 96-well plate), respectively. The rectangular-wave voltage
applied to the tungsten needle electrode was +5.5 kV from 0
to peak, with a frequency of 100Hz and a duty ratio of 50%.

2.2. Measurement of Characteristics of Micropower Plasma
and Chemical Species. Light emitted from the plasma was
captured using a digital camera (D4, Nikon) equipped with
a macrolens (AFMicro-Nikkor 200mm f/4D IF-ED, Nikon).
The exposure time was 10 s, ISO sensitivity was 1600, and the
diaphragm of the camera was 4. Emission spectra were mea-
sured using a multichannel optical spectrometer (PMA-12,
Hamamatsu Photonics). The range of measured wavelength
was from 200 nm to 860 nm. The distance from the part of
plasma discharge to the spectrometer was 5 cm. Temperature
of the generated plasma was estimated from the vibrational
and rotational temperatures of nitrogenmolecule (N2), which
were calculated with the measured spectral lines of N2-
second positive system (SPS) and an analysis software [15].

The pH of the solution was measured using a pH meter
(twin pH, AS ONE). The temperature of the solution was
measured using a thermocouple (T/T-E40-1, Ishikawa Trad-
ing) and a temperature controller (E5CN-HQ2, OMRON).

Concentrations of dissolved hydrogen peroxide (H2O2),
nitrous acid (HNO2), and nitric acid (HNO3) in the solution
were measured using a water quality meter (DPM-MT,
Kyoritsu Chemical-Check Laboratories). The reagent
containing 4-aminoantipyrine (WAK-H2O2, Kyoritsu
Chemical-Check Laboratories) or naphthylethylenediamine
(WAK-NO2 or WAK-NO3, Kyoritsu Chemical-Check
Laboratories) was added into the plasma-treated solution.
The mixture of the plasma-treated solution and the reagent
was gently shaken ten times, and the color of the mixture
was then changed by the reaction between the reagent and
the chemicals dissolved in the solution. The colored mixture
put into the quality meter.

2.3. Cell Culture. Human umbilical vein endothelial cells
(HUVECs; 200K-05n, Cell Applications) from the fourth
to eighth passages were used for the experiments in this
study. HUVECs were cultured in the 35-mm diameter dish
or the 96-well plate that were precoated with 0.1% bovine
gelatin (G9391, Sigma-Aldrich). HUVECs were cultured
in Medium 199 (M199; 31100035, Gibco) containing 20%
heat-inactivated fetal bovine serum (FBS; 12483020, Gibco),
10 𝜇g/L human basic fibroblast growth factor (bFGF; GF-030-
3, AUSTRAL Biologicals), and 0.1% penicillin/streptomycin
(P/S; 15140122, Gibco) (growth medium (GM)). After exper-
iments, HUVECs were maintained in M199 containing 10%
heat-inactivated FBS and 0.1% P/S (maintenance medium
(MM)).

2.4. Cell Viability Assay. HUVECs were seeded into the 96-
well plate at 2000 cells/well and then were incubated in
the GM for 24 hours. After incubation in the MM for 1
hour, the cells were washed twice with PBS(+) to remove
bFGF and FBS. The 96-well plate was filled with 40 𝜇L of
PBS(+), and the cells were then treated with the micropower
plasma, as illustrated in Figure 1(c). The distance from the
liquid surface to the tip of the electrode was 0.5mm. The

plasma irradiation time was 0, 30, 60, 90, 120, 180, 300, or
420 s.The cells were washed twice with the MM immediately
after plasma treatment. After 24-hour incubation, the cells
were stained with 10 𝜇L/well of the Cell Count Reagent SF
(07553-15, Nacalai tesque) for 1 hour. Absorbance of the cells
was measured at 450 nm using a microplate reader (Model
680 XR, Bio-Rad). The ratio of live cells was calculated
according to the formula: ratio of viable cells = plasma-treated
sample/control (nontreated sample).

2.5. Measurement of ROS in the Plasma-Treated Cells.
HUVECs were cultured in the 35-mm diameter dish to
reach 80% confluence. After incubation with 10𝜇M 2,7-
dichlorodihydrofluorescein diacetate (DCFH-DA; 35845,
Sigma-Aldrich) in the GM for 50min, the GM was washed
out using PBS(+). The dish was filled with 2mL of PBS(+),
and the cells were then treated with the micropower plasma.
The distance from the liquid surface to the tip of the electrode
was 1mm.The plasma irradiation time was 0, 60, 180, 420, or
600 s. The cells were washed twice with PBS(+) immediately
after plasma treatment. The cells were incubated in the MM
for 15min, and the fluorescent images of ROS in the cells were
then observed using an inverted fluorescence microscope
(Axio Observer D1; Carl Zeiss). The fluorescent intensity of
ROS in the cells was evaluated with the ImageJ software
(US National Institutes of Health). On the other hand, the
fluorescent intensity of ROS in the plasma-treated cells was
also measured using a flow cytometer (guava easyCyte� HT,
Merck Millipore). After plasma treatment, the cells were
incubated in theMMfor 15min.The cells were harvestedwith
0.05% Trypsin-EDTA (25300054, Gibco) and spin down at
1000 rpm for 5min. The cells were resuspended in 150 𝜇L of
PBS(+), and the fluorescent intensity of ROS in 5000 of the
cells was measured at 488 nm using the flow cytometer. As a
control experiment, the cells were treated with PBS(+) con-
taining H2O2 (081-04215, Wako Pure Chemical Industries)
for 600 s.

2.6. Evaluation ofNuclear Factor-Kappa B (NF-𝜅B)Activation.
HUVECs were cultured in the 35-mm diameter dish to reach
80% confluence. The cells were washed twice with PBS(+).
The dish was filled with 2mL of PBS(+), and the cells were
then treated with the micropower plasma. The distance from
the liquid surface to the tip of the electrode was 1mm. The
plasma irradiation time was 300 s. The cells were washed
twice with PBS(+) immediately after plasma treatment. The
cells were incubated in the MM for 0, 15, 30, and 45min and
then fixed with ice-cold methanol for 10min at −20∘C. The
cells were subsequently treated with 0.3% TritonX-100 (17-
1315-01, Pharmacia Biotech) and 1% Block Ace (BA; UKB40,
DS Pharma Biomedical) for 1 hour at room temperature
for membrane permeabilization and blocking of nonspecific
adsorption of antibody. They were then incubated in the
rabbit NF-𝜅B p65 antibody (1 : 300 diluted in PBS containing
1% BA, sc-372, Santa Cruz Biotechnology) for 1 hour. After
washing with PBS, they were incubated in Alexa Fluor 488
goat anti-rabbit secondary antibody (1 : 1000 diluted in PBS,
A-11034, Invitrogen) for 2 hours. Cell nucleus was stained
with 1 𝜇g/mL 4,6-diamidino-2-phenylindole (DAPI; D1306,
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Figure 2: Characteristics of the micropower plasma. (a) Photograph of light emitted by the micropower plasma generated at the gas-PBS(+)
interface. Bar is 500 𝜇m. (b) Waveforms of the applied voltage and discharge current. (c) Emission spectra of the plasma discharge at the
gas-PBS(+) interface. (d) Changes in pH in the plasma-treated PBS(+) as a function of discharge time (𝑛 = 3, mean ± SD). (e) Changes in
temperature of the plasma-treated PBS(+) with the discharge time (𝑛 = 3, mean ± SD).
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Figure 3: Concentrations of the dissolved H2O2 (a), HNO2 (b), and HNO3 (c) into the plasma-treated PBS(+) in a 35-mm diameter dish or
the dissolved H2O2 (d) into PBS(+) in a 96-well plate, as a function of the discharge time (𝑛 = 3, mean ± SD).

Life Technologies) for 5min. The fluorescent images of the
stained cells were observed using the inverted fluorescence
microscope. Localization of NF-𝜅B p65 in the cells was
evaluated based on the fluorescent intensity using the ImageJ
software. Percentage of NF-𝜅B p65 translocated into the cell
nucleus was calculated according to the formula: % of NF-
𝜅B p65 translocation (i.e., NF-𝜅B activation) = (fluorescent
intensity of NF-𝜅B p65 in the cell nucleus/fluorescent inten-
sity of NF-𝜅B p65 in the whole cell) × 100. As a control
experiment, the cells were treated with PBS(+) containing
H2O2 for 300 s. We used catalase (C9322, Sigma-Aldrich) to
inhibit influence of H2O2 generated by the plasma discharge
on the cells.

2.7. Statistical Analysis. All values are shown as mean ± stan-
dard deviation (SD) unless stated otherwise. The statistical
significance was determined using an analysis of unequal
variances two-tailed 𝑡-test (Welch’s 𝑡-test), with significance
set at 𝑃 < 0.05 and 𝑃 < 0.01.

3. Results

3.1. Characteristics of Micropower Plasma and Production
of Chemical Species. Figure 2 shows characteristics of the
micropower plasma generated at the gas-liquid interface. A
photograph of plasma emission at the gas-liquid interface is
shown in Figure 2(a). The applied voltage rose up to +5.5 kV
with a rise time of 100 ns, and 3.5 A of displacement current
and about 1.2 A of the current pulse were observed, as shown
in typical waveforms of the applied voltage and the discharge
current (Figure 2(b)). The power input 𝑊 per cycle was
0.018W, which was calculated from the following equation:

𝑊 = 1𝑇 ∫
𝑇

0
V (𝑡) 𝑖 (𝑡) 𝑑𝑡. (1)

Here, V(𝑡) and 𝑖(𝑡) represent the applied voltage and the
discharge current, respectively, and 𝑇 represents the cycle
length.

Figure 2(c) shows emission spectra of the plasma dis-
charge at the gas-liquid interface. Emission peaks attributed
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Figure 4: Effect of the micropower plasma treatment on proliferation in HUVECs. (a) Cell viability after the plasma treatment and 24-hour
incubation (𝑛 = 3, mean ± SD). (b) Cell viability after the treatment of H2O2, with the concentration corresponding to the plasma treatment
condition and 24-hour incubation (𝑛 = 3, mean ± SD).The viability of the cells shows a significant difference between the plasma- andH2O2-
treated conditions (†𝑃 < 0.05 versus H2O2-treated condition at the point with same time and concentration of H2O2).

∗𝑃 < 0.05 versus the
viability before the treatment (0 s or 0𝜇M).

to NO𝛾 (222.2∼272.2 nm), N2-SPS, and N2
+-first negative

system (FNS) (295.3∼457.4 nm) were observed [16, 17]. Based
on the observed emission spectra, the vibrational and rota-
tional temperatures of N2 were calculated as 0.32 eV and
0.10 eV, respectively.

The change in pH in the PBS(+) as a function of plasma
discharge time is shown in Figure 2(d).The pH in the PBS(+)
decreased slightly, from 7.3 to 7.0, and was maintained about
7.0 over the 600 s discharge time. The temperature at the
top surface of PBS(+) and the bottom surface in the dish
rose monotonically with the discharge time as shown in
Figure 2(e). The temperature rises were up to 1.2∘C at the top
surface of PBS(+) and 0.8∘C at the bottom surface in the dish,
respectively, by the discharge for 600 s.The temperature at the
top surface of PBS and the bottom surface in the dish rose 0.5
and 0.2∘C, respectively, by 300 s of the plasma discharge.

Changes in the concentrations of H2O2, HNO2, and
HNO3dissolved into the PBS(+) in the 35-mm diameter dish
with plasma discharge time are shown in Figures 3(a)–3(c).
The concentrations of dissolved H2O2, HNO2, and HNO3
increased linearly during the plasma discharge for 600 s.
Assuming the experiments using the cells cultured in 96-
well plate, we also measured changes in the concentration
of dissolved H2O2 with the discharge time for the PBS(+)
in the 96-well plate, as shown in Figure 3(d). In the case of
using the 96-well plate, the concentrations of dissolved H2O2
also increased linearly with the discharge time. Based on that
result, we adjusted the concentration of H2O2 to which the
cells were exposed.

3.2. Cell Viability, ROS in the Cells, and NF-𝜅B Activa-
tion after Treatment of Micropower Plasma. The plasma-
generated H2O2 is, reportedly, a key factor to induce various
responses to the plasma generated at an interface between gas
and liquid phases [18]. Thus, we also compared the effects of
plasma treatment on the cells with that of H2O2 treatment in
the present study. As shown in Figure 4(a), the viability of the
plasma-treated HUVECs increased and reached to the peak
value by 60 s of the discharge time. Here, the concentration
of H2O2 dissolved in PBS(+) was 15 𝜇M. At this point, the
viability of the cells shows a significant difference between
the plasma- and H2O2-treated conditions (𝑃 < 0.05, Figures
4(a) and 4(b)). The plasma-treated condition also resulted in
significant increases in the cell viability, in comparison with
that of the cells before treatment (𝑃 < 0.05, Figure 4(a)). For
the discharge time longer than 60 s, the viability gradually
decreased down to 0.87. As a control experiment, we exposed
the cells to PBS(+) containing H2O2 with the concentration
corresponding to that of the plasma-treated PBS(+). In
contrast to the plasma-treated cells, although the viability of
the cells exposed toH2O2 increased slightly for the conditions
of low concentrated H2O2, it decreased monotonically, as
shown in Figure 4(b).

The ROS in the plasma-treated HUVECs linearly
increased with the discharge time, as shown in Figures
5(a) and 5(b). The 9-fold increase in the fluorescence ROS
intensity of the plasma-treated cells was found at 600 s of the
discharge time, in comparison with the nontreated cells. The
fluorescence intensity of ROS in the cells treated with the
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Figure 5: Fluorescence ROS intensity in HUVECs after the micropower plasma treatment. (a) Series of fluorescent images of ROS in the cells
and representative histograms of ROS intensity from 5000 cells, measured using the flow cytometer after the plasma treatment and 15-min
incubation in the MM. (b) ROS in the cells was expressed as the relative intensity. The basal value in the sample before the plasma treatment
was taken as 1. The data shown were represented as mean ± SD (𝑛 = 3, 148 cells). (c) Representative fluorescent images of ROS in the cells
treated with the micropower plasma and 40 𝜇MH2O2 for 600 s and representative histograms of ROS intensity from 5000 cells. (d) ROS in
the cells treated with themicropower plasma or 40 𝜇MH2O2 for 600 s was expressed as the relative intensity.The basal value in the nontreated
sample was taken as 1.The data shownwere represented asmean± SD (𝑛 = 3, 147 cells).The plasma treatment resulted in a significant increase
in production of ROS in the cells (∗∗𝑃 < 0.01 versus control and treatment of H2O2).
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Figure 6: Activation of NF-𝜅B in HUVECs induced by the micropower plasma treatment. (a) Series of fluorescent images of NF-𝜅B in the
cells after the plasma treatment for 300 s and incubation in theMM for 0, 15, 30, and 45min. (b) Changes in percentage of NF-𝜅B translocated
into cell nucleus with incubation time after the plasma treatment. The data shown were represented as mean ± SD for at least 50 cells.

plasma discharge for 600 s was 3-fold higher than that under
the condition exposed to H2O2, as indicated in Figures 5(c)
and 5(d). The concentration of H2O2 was 40 𝜇M.

NF-𝜅B is known to control cell death and survival
decisions in cells. If the NF-𝜅B is activated, the activated
NF-𝜅B translocates into the cell nucleus and results in the
transcription of genes for cellular response such as cell death,
survival, and growth [19]. Thus, focusing on translocation of
NF-𝜅B into the nucleus, we can evaluate activation of NF-
𝜅B indirectly. Based on the fluorescent images of NF-𝜅B p65
in the HUVECs for 0, 15, 30, and 45-min incubations after
treatment of the plasma for 300 s (Figure 6(a)), we evaluated
the translocation ofNF-𝜅B p65 into the cell nucleus, as shown
in Figure 6(b). Percentage of NF-𝜅B p65 translocation into
the cell nucleus reached to the peak value (14%) by 15min
after treatment of the plasma, and then it decreased down to
the level equivalent to before treatment. The concentration
of H2O2 generated by the plasma discharge for 300 s was
15 𝜇M. Here, the nuclear translocation of NF-𝜅B p65 in the

cells exposed to PBS(+) containing 15𝜇MH2O2 for 300 s was
confirmed to be lower than that in the plasma-treated cells
(Figure 7(a)). It shows a significant difference between the
plasma- and H2O2-treated conditions (Figure 7(b)). In the
case of decomposition of H2O2 with 50 unit/mL catalase, the
nuclear translocation ofNF-𝜅Bp65 in the cells induced by the
plasma treatment was not confirmed as shown in Figures 7(c)
and 7(d). These results suggests the plasma-generated H2O2
in PBS(+) was a main factor for the nuclear translocation of
NF-𝜅B p65 in the plasma-treated HUVECs.

4. Discussion

4.1. Performance of the Micropower Plasma. In the present
study, we used the micropower plasma with 0.018W of
the power input per cycle. The micropower plasma was
able to generate small amount of the chemical species. The
concentrations of the dissolved H2O2, HNO2, and HNO3
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Figure 7: H2O2 generated by the micropower plasma is required for activation of NF-𝜅B in the HUVECs. (a) Percentage of nuclear
translocation of NF-𝜅B in the cells treated with the micropower plasma or 15𝜇MH2O2 for 300 s. The data shown were represented as mean
± SD for at least 55 cells. The plasma treatment resulted in a significant increase in the nuclear translocation of NF-𝜅B in the cells (∗∗𝑃 < 0.01
versus control and treatment of H2O2). (b) Percentage of nuclear translocation of NF-𝜅B in the cells treated with the micropower plasma
with/without 50 unit/mL catalase. The data shown were represented as mean ± SD for at least 57 cells. No difference in the percentage of
nuclear translocation of NF-𝜅B was observed between the nontreated and the plasma-treated conditions when H2O2 was decomposed by
using catalase.

increased linearly during 600 s plasma discharge. The pH in
PBS(+) showed little change after treatment of the plasma.
The temperature rise in PBS(+) was up to 0.8∘C at the bottom
surfaces in the dish. This temperature rise is considered
to have little influence on endothelial cells. This notion is
supported by the report that the viability of HUVECs was
not affected by heat stress at 39∘C [20]. The micropower
plasma can expose living cells to various reactive chemical
species without harmful effects of heat and change in pH, in
comparison with the plasma at the gas-liquid interface used
in the previous studies [9–14].

Various chemical reactions are considered to occur dur-
ing the plasma at gas-liquid interface [21, 22]. It is assumed
that HNO2and HNO3, which were detected in the plasma-
treated PBS(+) in this study, were generated in a gas phase
and then dissolved into the PBS(+). These chemical species
were formed by reacting NO and NO2 with OH, as shown
in the following reactions. NO and NO2 were generated by

the plasma discharge in the gas phase. OH was generated by
disassociation of H2O.

NO2 +OH +𝑀 → HNO3 +𝑀 (2)

NO +OH +𝑀 → HNO2 +𝑀 (3)

Here, 𝑀 indicates the third body, which is typically N2 or
O2. On the other hand, H2O2 was produced by the following
reaction between OH groups. The OH group was generated
by the disassociation of H2O due to the plasma at the gas-
liquid interface [23].

OH +OH → H2O2 (4)

In addition, the micropower plasma might produce O3
according to the following reaction [24]. The oxygen atom is
generated by the plasma discharge.

O +O2 +𝑀 → O3 +𝑀 (5)
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4.2. Effects of Micropower Plasma on HUVECs. The results of
the present study demonstrate that the short-time treatment
of the micropower plasma enhances proliferation activity of
HUVECs. The treatment of H2O2 with the concentration
equivalent to that generated by the plasma, in contrast, does
not enhance the cell proliferation. The ROS production and
the NF-𝜅B activation due to the plasma treatment may play
important roles for enhancement of the cell proliferation.This
notion is supported by the findings that therewere differences
in the ROS production and NF-𝜅B activation, which was
mainly induced by H2O2, in the cells between the plasma-
and H2O2-treated conditions.

The fluorescence intensity of ROS in the cells treated
with the plasma was much larger than that under the
condition exposed to H2O2. Plasma is known to induce
cell permeabilization [25]. The influx of the H2O2 generated
by the plasma into the cells was, thus, increased due to
permeabilization of the cell membrane for the treatment of
plasma discharge. In addition, HNO2 and HNO3 generated
by the plasma discharge are considered to have no small effect
on increase in the ROS production in the cells by the plasma
treatment.

Several studies have examined enhancement of prolifera-
tion in the vascular endothelial cells by nonthermal plasma
[7, 8, 26]. Most of the mechanisms by which proliferation
activity of the cells is enhanced are still unclear. The present
study focused on the ROS production and the following NF-
𝜅B activation after treatment of the plasma as the mechanism
leading to the cell proliferation. NF-𝜅B is known to regulate
many important cellular behaviors, such as inflammatory
responses, cellular growth, and apoptosis [27, 28]. Reportedly,
NF-𝜅B also regulates the expression of cyclin D1, which
promotes cell cycle progression [29]. The activation of NF-
𝜅B is caused by the ROS stimulation including H2O2 [30].
Increase in production of H2O2 by mitochondrion is known
to enhance the activation ofNF-𝜅B in the vascular endothelial
cells [31]. These results reported in the previous studies can
support our notion that the ROS production and the NF-𝜅B
activation due to the plasma treatment may play important
roles for enhancement of the cell proliferation.
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Gene expression is known to be a stochastic phenomenon.The stochastic gene expression rate is thought to be altered by topological
change of chromosome and/or by chromatin modifications such as acetylation andmethylation. Changes in mechanical properties
of chromosome/chromatin by soluble factors,mechanical stresses from the environment, ormetabolites determine cell fate, regulate
cellular functions, or maintain cellular homeostasis. Circadian clock, which drives the expression of thousands of genes with 24-
hour rhythmicity, has been known to be indispensable for maintaining cellular functions/homeostasis. During the last decade, it
has been demonstrated that chromatin also undergoes modifications with 24-hour rhythmicity and facilitates the fine-tuning of
circadian gene expression patterns. In this review, we cover data which suggests that chromatin structure changes in a circadian
manner and that NAD+ is the key metabolite for circadian chromatin remodeling. Furthermore, we discuss the relationship among
circadian clock, NAD+ metabolism, and aging/age-related diseases. In addition, the interventions of NAD+ metabolism for the
prevention and treatment of aging and age-related diseases are also discussed.

1. Introduction

In humans, each cell has a nucleus, the diameter of which
is ∼10 𝜇m, packing approximately 2m long DNA if stretched
end to end. DNA in the nucleus is arranged at several units,
from chromatin to chromosome [1, 2]. Chromosomes in
the nucleus are known to be present nonrandomly, located
at the spatially confined regions; for example, euchromatin
prefers center and heterochromatin periphery of nucleus
[2, 3]. Despite their relatively low abundance in the cell,
transcription factors have to search for their target gene,
usually existing in only 2 copies per cell, to activate or repress
in such a spatially messy condition [4]. Such conditionsmake
gene expression stochastic [4].Mechanical changes of nuclear
events referred to as topological changes of chromosome and
further epigenetic or posttranslational changes of chromatin
have been suggested to increase or decrease stochastic gene
expression rate. Changing topology of chromosomes, by
receiving soluble factors and also by sensing the extracellular
microenvironment, can lead stem cells to differentiate into

multiple cell types [1, 2, 5–8]. Alteration of gene expression
program by topological changes contributes not only to
development/differentiation, but also to pathophysiological
conditions such as cancer, diabetes, and aging [9].

Epigenetic events aremediated by chemicalmodifications
of DNA and/or histones. In particular, histonemodifications,
such as acetylation, phosphorylation, methylation, and ubiq-
uitination, bring about transient, nonheritable modifications
in the genome, which increase or decrease the stochastic gene
expression rates [10, 11]. These modifications alter stochastic
gene expression rates by changing the property of chromatin
surface. For example, the histone modification that involves
the addition of an acetyl group neutralizes the negatively
charged lysine, releasing DNA from histone, thereby facili-
tating recruitment of transcription activators to DNA. Many
enzymes have been identified as chromatin remodeling fac-
tors such as CBP/p300 and PCAF (histone acetyltransferases,
HAT), HDACs and SIRTs (histone deacetylases), SUV39H1,
andMLLs (histonemethyltransferases). Epigeneticmodifica-
tions of chromatin are known to be closely associated with
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fate specifications of stem cells or precursor cells during
embryogenesis [12]. On the other hand, differentiated cells in
the adult body are also known to carry out their functions
as a result of altered chromatin structure. One example of
this is the rhythmic 24-hour cell-autonomous chromatin
remodeling that occurs within a cell.

In this review, we discuss data suggesting that chromatin
structure changes in a circadian manner and that NAD+
is the key metabolite for circadian chromatin remodeling.
Furthermore, we discuss the relationship between circadian
clock, NAD+ metabolism, and aging/age-related diseases.
In addition, the interventions of NAD+ metabolism for the
prevention and treatment of aging and age-related diseases
are also discussed.

2. Circadian Clock

The earth’s rotation period is 23 hours, 59 minutes, 4.1
seconds, or approximately 24 hours. To adjust themselves
to the earth’s rotation, almost all living things, including
cyanobacteria, insects, fish, and mammals, have developed
their endogenous clock systems, which are referred to as the
“circadian clock.” In mammals, circadian clock exists in all
tissues of the body, including each cell [13], although there
is a hierarchy among clocks. A master clock is located at
the suprachiasmatic nucleus (SCN) of the anterior hypotha-
lamus of the brain [13]. The SCN is composed of a pair of
tiny nuclei (10,000 cells in each sphere), and each cell has
its own circadian clock machinery and is thereby able to
drive circadian rhythm cell-autonomously. The SCN receives
daily light/dark information via the retinohypothalamic tract
in order to entrain to the environmental conditions and
transmits this information to peripheral clocks present in all
other tissues in the body through hormone secretions and
neuronal innervations. Although signals from the SCN are
the dominant cues to entrain circadian clock in peripheral
tissues, other cues such as nutrition, exercise, or pathophysi-
ological conditions can entrain or remodel peripheral clocks
[14–18]. In order to perform tissue-specific and/or interorgan
functions with 24-hour rhythmicity in the body, more than
10% of all transcripts show circadian changes, and many
nonoscillatory transcripts also demonstrate oscillations at
protein levels due to posttranscriptional regulations or at
enzymatic activity levels such as casein kinase and SIRT1
[17–23]. An interactive network of master and peripheral
circadian clocks regulate many metabolic and homeostatic
balances to preserve multiorgan networks, thereby keeping
the organism healthy.

3. Molecular Clock

Molecular mechanisms of circadian clock in many model
animals, such as Drosophila melanogaster, Neurospora crassa,
and mammals, have been dissected, revealing that a wide
array of underlying molecules are vital for circadian clocks
to maintain circadian rhythmicity. Today, a complex network
of interlocked transcriptional-translational feedback loops
constitute a universal system of the molecular clocks in

all model animals examined to date [24]. In Drosophila
melanogaster, for instance, transcriptional factors, CLOCK
and CYCLE, activate period and timeless gene expressions,
and PERIOD and TIMELESS proteins repress their own
transcriptions, thereby making a transcriptional negative
feedback loop.This system is very similar to mammalian and
other circadian clock systems, although molecules are not
evolutionarily conserved [24]. Molecular mechanisms that
make up the core circadian clock in mammals consist of
transcriptional factors, CLOCK, NPAS2, BMAL1, PERIOD1-
2 (PER1-2), CRYPTOCHROME1-2 (CRY1-2), ROR, andREV-
ERB [25]. CLOCK, NPAS2, and BMAL1 are bHLH-type
transcriptional activators. BMAL1 makes a heterodimer with
CLOCK or NPAS2 to activate gene expressions by binding
to E-box element on the promoter of target genes. Pers
and Crys are two of the CLOCK:BMAL1/NPAS2 target
genes and PERs and CRYs can also heterodimerize and
give feedback to repress their own transcription by binding
to CLOCK:BMAL1/NPAS2 (Figure 1). However, since this
repression is transient due to the decrease of Pers and
Crys mRNA, repression of CLOCK:BMAL1/NPAS2 activity
is released and the next cycle of this feedback loop can
begin. The nuclear receptors, ROR and REV-ERB, recog-
nize and compete for binding to the same element, RORE
(ROR/REV-ERB-response element), to serve as an activator
and a repressor, respectively, at target sites to drive peripheral
transcriptional-translational loop that impinges on the core
clock feedback loop.

4. Circadian Metabolites

As indicated, a wide array of cellular transcripts and proteins
demonstrate a circadian pattern in many tissues, not only
under the normal condition, but also under environmental or
pathophysiological conditions [15, 17, 18]. For instance, high-
fat diet (HFD) induces a large number of de novo oscillating
transcripts in the mouse liver [18]. Furthermore, gene ontol-
ogy analyses have revealed that a series of genes associated
with metabolic processes show periodic expression with a
24-hour rhythm under both normal and pathophysiological
conditions [17, 18]. Metabolomics analyses have confirmed
that many metabolites, including lipids, polyamines, amino
acid and glucose/glycolytic intermediates, and nicotinamide
adenine dinucleotide (NAD+; discussed in detail later), S-
adenosylmethionine (SAM), and acetyl-CoA, demonstrate a
24-hour oscillation in many tissues and cultured cells [17, 18,
26–31]. Among circadian metabolites, acetyl-CoA and SAM
are acetyl and methyl donor, respectively, for histone and
nonhistone proteins. Interestingly, NAD+, another circadian
metabolite, is a cosubstrate for Sirtuin family protein deacety-
lase, suggesting that proteins, especially histone proteins, can
undergo circadian modifications in the abundance of acetyl
and methyl groups.

5. Circadian Chromatin Remodeling

Chromatin remodeling contributes largely to the regulation
of gene expression in many systems [10, 32, 33], and the
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regulation of gene expression by circadian clock is no
exception. Circadian acetylation of histone H3 lysine 9 and
14 (H3K9/14ac) was first reported to demonstrate circadian
change on promoters of E-box-regulated circadian clock
genes, per1, per2, and cry1 [34]. Although p300, one of HAT,
was proposed in that report to be a putativeHAT for circadian
H3K9/14ac, a later report demonstrated that CLOCK itself
also possesses HAT activity and preferentially acetylates
H3K9/14 [35]. Subsequently, it was reported that SIRT1, an
NAD+-dependent Sirtuin family deacetylase, counteracts the
HAT CLOCK [36]. Sirt1−/− cells completely ablated circadian
H3K9/14ac rhythm and altered circadian gene expressions,
indicating that circadian changes of chromatin property are
necessary for fine-tuning circadian gene regulations (Figures
1 and 2) [36]. SIRT1 is activated by many stimuli, including
low nutrition, low ATP, and exercise, and consequently it has
been described as an energy and nutrition sensor [37]. Thus,
SIRT1 transduces signals originated by cellular metabolites to
the circadian clock.

SIRT6, another Sirtuin family deacetylase, has also been
shown to control gene expressions in a circadian way.
Interestingly, although SIRT6 can form a complex with
CLOCK:BMAL1 similar to SIRT1, its target genes are differ-
ent [38]. Whereas SIRT1 shuttles between the nucleus and
the cytoplasm and preferentially regulates genes related to
peptides and cofactors metabolism, SIRT6 localizes constitu-
tively in the nucleus, especially at the euchromatin regions,
and controls genes implicated in lipids and carbohydrates
metabolism. This suggests that genomic partitioning by two

independent Sirtuins contributes to differential control of
circadian metabolism.

While H3K9/14ac has been functionally associated with
H3K4 trimethylation (H3K4me3), which is also associated
with transcriptionally active genes [11], it was demonstrated
in circadian clock machinery that H3K4me3 cycles with 24-
hour period and follows the samephase asH3K9/14ac rhythm
(Figure 2) [39]. MLL1, an H3K4-specific methyltransferase,
was shown to be responsible for the rhythmic H3K4me3 and
circadian gene expressions, indicating that circadian changes
of chromatin property by H3K4me3 are also necessary for
fine-tuning circadian gene regulations. Furthermore, it has
been indicated that MLL1 is an acetylated protein and its
deacetylation, following the inactivation is controlled by
SIRT1 [40], suggesting that regulation of SIRT1/6 activity
is the key for circadian changes of chromatin property by
H3K9/14ac and H3K4me3.

6. Circadian NAD+ Metabolism

Since SIRT1 deacetylation activity exhibits a clear circadian
oscillation, intracellular NAD+, which is a cosubstrate for
its activity, was assessed by LC-MS𝑛 methods. These exper-
iments revealed that cellular NAD+ amount demonstrates
circadian rhythm [30]. Significantly, this oscillation has
been shown to be a key regulator of rhythmic H3K9/14ac
and H3K4me3 chromatin marks [30, 40]. NAD+ is con-
sumed by NAD+-consuming enzymes, Sirtuins, PARPs, and
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CD38. These enzymes deacetylate proteins, build poly-ADP-
ribosylation, and generate cyclic ADP-ribose, respectively
[41].While NAD+/NADH redox reaction has no effect on the
total amount of NAD+ and NADH, enzymatic reactions by
NAD+-consuming enzymes do decrease NAD+, producing
nicotinamide (NAM) as a common byproduct. NAM is
recycled to produce NAD+ by the intracellular NAD+ salvage
pathway (Figures 1 and 2), which is known to be dominant
for intracellular NAD+ biosynthesis inmany cells and tissues.
NAM is converted to nicotinamide mononucleotide (NMN)
by nicotinamide phosphoribosyltransferase (NAMPT), and
then NMN is converted to NAD+ by nicotinamide mononu-
cleotide adenylyltransferases 1–3 (NMNAT1–3) [42]. Among
these enzymes, NAMPT is believed to be the rate-limiting
enzyme for the NAD+ salvage pathway. Intriguingly, circa-
dian gene expression analysis and Nampt promoter analysis
have confirmed that nampt gene expression is under the regu-
lation of circadian clock.Thus, intracellular NAD+ amount is
regulated by circadian clock, oscillating with 24-hour rhyth-
micity [30] (Figures 1 and 2). Of note, intracellular NAD+
oscillation is in phase with SIRT1 deacetylase activity and in
opposite phase of MLL1 methyltransferase activity, thereby
showing that the phase of oscillatory NAD+ is opposite to
that of acetylation and methylation of histone H3 (Figure 2).
Interestingly, intracellular NAD+ in the liver of circadian
clock deficient (bmal1−/− or clockΔ19/Δ19) mice and in MEF
cells derived from bmal1−/−, clockΔ19/Δ19, or cry1−/−/2−/−mice
were significantly reduced [30, 31], indicating that circadian

clock controls basal and circadian NAD+ amount. Pharma-
cological experiments using FK866, an NAMPT inhibitor,
reduced cellular NAD+ by at least 80% and demonstrated an
altered pattern of circadian gene expression [30], while CD38
knockout mice, which have high cellular NAD+, also showed
altered gene expression and locomotor activity patterns [43].
In addition, HFD, which remodeled circadian clock and
completely ablated oscillations in cellular NAD+ in mouse
liver, drove an altered circadian gene expression pattern [18].
These reports indicate that proper circadianNAD+ regulation
is indispensable for the maintenance of circadian clock,
suggesting that it is probably essential for preservation of
health (discussed below).

7. NAD+ Metabolism and Aging

Although cellular NAD+ amounts fluctuate within a short
period (24-hour rhythmicity), recent findings showed that
cellular NAD+ amount also fluctuates throughout the lifes-
pan. Intracellular NAD+ has been demonstrated to decrease
with aging in humans and mice tissues/cells [44–47]. NAD+
amount is estimated to be around 8.54 ± 1.55 ng/mg protein
in human newborn (0-1 year) skin tissues but is decreased
to 2.74 ± 0.41 and 1.06 ± 0.91 ng/mg protein in young adult
(30–50 years) and elderly (>71 years) skin tissues, respectively
[46]. Over the last couple of years, many papers have
demonstrated that the administration of NAD+ precursor,
NMN or nicotinamide riboside (NR), to old mice with low
cellular NAD+ could restore NAD+ amount as well as SIRT1
activity, thereby rescuing many metabolic functions [48–52].
Furthermore, NR administration to aging mice, beginning at
2 years of age, could increasemean lifespan with concomitant
improvements in maximal running times and distances,
along with limb grip strength [49]. A large number of studies
in mice show an association between NAD+ metabolism and
aging. However, studies in humans to address that link are
scarce and limited information is available regarding changes
in NAD+ levels with aging, particularly in human tissues.
Further studies are absolutely necessary to understand the
relationship between NAD+ metabolism and aging process
and whether supplementation of NAD+ has a benefit for
humans against aging/age-related diseases.

While NAMPT is believed to be the enzyme controlling
overall cellular NAD+ amount, via Nampt expression and
activation [44, 47], another enzyme was recently reported to
be implicated in age-dependent NAD+ depletion [53]. CD38,
one of the NAD+-consuming enzymes, increased in the liver
of aged mice and has been shown to deplete NAD+ totally by
degrading the NAD+ precursor, NMN, in vivo [53]. Further
investigations are required to fully elucidate all the aspects
that affect the cellular mechanisms of NAD+ reduction with
aging.

8. Link between Aging and Circadian Clock

Like other physiological events, circadian rhythms have been
reported to be attenuated with aging at multiple levels. At the
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behavior level, locomotor activity rhythms, including free-
running period, active mass, and amplitude, are changed
with aging, thereby causing sleep fragmentation [54–56]. At
the tissue and cellular levels, aging weakens or reduces the
amplitude of circadian gene expression patterns [57, 58]. Age-
related diseases as well as aging can therefore have adverse
effects on circadian clock [59–62]. For instance, mice fed
with HFD demonstrate a lengthened free-running period
[63], while db/db mice, which are an animal model of type
2 diabetes, show attenuated locomotor activity rhythms with
diminished per2mRNA and advanced bmal1 oscillation [64].
CLOCK has also been reported to be upregulated in human
glioma and breast cancer cells, being involved in cancer pro-
liferation [65, 66]. While HFD induces obesity, recent papers
clearly indicate that mice fed with HFD along with time-
restricted feeding during active periodwere protected against
obesity, hyperinsulinemia, hepatic steatosis, and inflamma-
tion with improvement of clock gene expression pattern [67,
68].This suggests thatmaintaining circadianmetabolic cycles
can prevent age-related diseases and probably aging.

On the other hand, many circadian gene knockout mice
exhibited accelerated aging with shortened lifespan and/or
are prone to develop age-related diseases, including cancer,
hypertension, and diabetes. Bmal1−/− mice showed a vari-
ety of age-related diseases including sarcopenia, cataracts,
decrease of subcutaneous fat, organ shrinkage, dyslipidemia,
arterial and venous thrombosis, and hypoinsulinaemia [69–
72], with drastically short average lifespan of 37.0 ± 12.1 weeks
(wk) [71]. In addition, clockΔ19/Δ19 or clock−/− mice displayed
age-related diseases such as hyperlipidemia, hyperleptinemia,
hyperglycemia, and hypoinsulinaemia with shorter average
lifespan of 100.8 ± 13.5 wk, compared to that of wild type
mice (115.5 ± 18.9 wk) [70, 73]. In addition to the mouse stud-
ies, a large array of epidemiological surveys have provided
evidence supporting the link between metabolic disorders,
especially obesity, insulin resistance, cardiovascular disease,
and cancer, and circadian disruption in humans [62, 74].

Though not yet directly tested, we speculate that circa-
dian NAD+ oscillations are diminished or missing in aged
animals. The reasons are as follows: (i) as circadian gene
expression patterns in aged animal has been demonstrated to
be weakened or vanished [57, 58], circadian clock-dependent
Nampt gene expression patterns may be attenuated; (ii)
cellular NAD+ amounts in some circadian knockout mice are
significantly lower than in wild type mice [30, 31]; (iii) aged
animals havemuch lower cellularNAD+, suggesting that even
ifNAD+ amount still shows oscillation, its amplitude could be
smaller in aged animals.

Also, since administration of NAD+ precursors has
shown improvements against age-related diseases and lifes-
pan [48–52], issues to be resolved next are whether cellular
NAD+ rescued by NAD+ precursors in old mice demonstrate
an oscillation within 24 hours and improve patterns of
circadian gene expressions and chromatin property. These
researches will give us physiological significance of circadian
NAD+ oscillations.

9. Concluding Remarks

The accumulating evidence to date reveals the interconnec-
tion between circadian clock and aging/age-related diseases
[59–62], and, as discussed in this review, NAD+ metabolism
has a close relationship with both the circadian clock and
aging/age-related diseases. However, no direct evidence has
so far demonstrated the role of NAD+ as the linking hub
between circadian clock and aging and age-related diseases.
Therefore, this is the obvious area that remains to be explored.
More work is needed to reveal how chromatin remodeling
through NAD+ metabolism takes place. Revealing these
connections will open up multiple avenues for the under-
standing of aging processes and also potential therapeutic
interventions.
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