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Editorial
Mitochondrial Structure, Function, and Dynamics: The Common
Thread across Organs, Disease, and Aging
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Mitochondria are central to all basic and advanced cellular
and organismal functions. In addition to the vast majority
of cellular energy generated by these unique organelles, they
are also essential signaling hubs and communicate with
the rest of the cell through various means including reactive
oxygen species. Their dysfunction is implicated in nearly
all common diseases ranging from neuromuscular to diabe-
tes to cancer. In this special issue, “Mitochondrial Structure,
Function, and Dynamics: The Common Thread across
Organs, Disease, and Aging”, we wanted to provide the read-
ership of Oxidative Medicine and Cellular Longevity with a
variety of examples of how mitochondria function and how
different adverse conditions result in their dysfunction. The
articles in this special issue can be categorized into examining
mitochondria related to topics such as Alzheimer’s, cancer
cachexia, diabetes and wound healing, and sepsis.

In the current issue, several articles focus on the role
of mitochondria in the brain. For example, P. Martín-
Maestro and colleagues report a downregulation of genes
involved in mitochondrial dynamics in patients diagnosed
with Alzheimer’s, whereas D. J. Tyrrell et al. examined
blood-based bioenergetic profiles as potential biomarkers
for changes in brain metabolism. D. F. Bebensee and col-
leagues used a transgenic murine model (Mecp2 null) to
examine oxidative stress in the hippocampus region, and

the potential clinical application of their findings resides
in understanding a neurodevelopmental disorder called
Rett syndrome. In addition, the article by K. K. Griffiths
and R. J. Levy provides an excellent review on the role of
mitochondrial dysfunction in autism. Taken together, these
studies provide valuable insight into the role of mitochondria
function in the brain.

Another tissue in which mitochondria play a critical role
in bioenergetics is skeletal muscle, which comprises 50% of
an individual’s total body mass. Skeletal muscle is dynamic
and, therefore, responds to positive stimuli such as exercise
as well as negative stimuli such as aging. In this special issue,
three articles are presented that provide further insight into
the role of mitochondria in skeletal muscle. R. G. Feichtinger
and colleagues present a case study of a child who suffered
from respiratory distress syndrome soon after birth and
needed to be placed on mechanical ventilation. In addition,
this patient required surfactant replacement therapy. This
report discusses UQCC2mutation in neonatal encephalomy-
opathy with particular focus on complex III. In addition to
this case report, two review articles are presented from the
Hood and Carson laboratories on the “Impact of Aging and
Exercise on Mitochondrial Quality Control in Skeletal Mus-
cle” and “Disrupted Skeletal Muscle Mitochondrial Dynam-
ics, Mitophagy, and Biogenesis during Cancer Cachexia: A
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Role for Inflammation”, respectively. These articles present
two different scenarios (aging/exercise and cancer cachexia)
and how skeletal muscle responds to these stimuli and the
potential impact on mitochondrial structure and function.

Another area of research that is presented is the effect
of cancer on various tissues and its role on mitochondrial
function. The report by A. Koit and colleagues shows that
there are differences between mitochondrial respiration as
well as membrane permeability in breast cancer patients
relative to patients diagnosed with colorectal cancer. The
investigators use a combination of human tissue samples as
well as cell culture models to distinguish differences in mito-
chondrial responses. In another article by R. G. Feichtinger
and colleagues, the investigators explore OXPHOS com-
plexes in two main types of gastric cancer.

Mitochondrial-targeted ROS scavengers have gained
major interest in the scientific community as they go, that
is, localize, to the heart of the problem, the mitochondria.
Compounds, such as MitoQ, MitoTEMPO, and SKQ1, com-
bine the ROS scavenger with the positively charged tri-
phenylphosphonium moiety, which targets the compounds
to the negatively charged inside of the mitochondria result-
ing in several orders of magnitude of enrichment. As such,
P. Rademann and colleagues used a rodent model of sepsis
to determine the effect of SkQ1 and MitoTEMPO on atten-
uating inflammatory responses, which did not improve ani-
mal survival and even decreased survival rates for SKQ1. Ilya
and colleagues, however, used SkQ1 in a murine model of
diabetes, to determine whether or not it would improve
dermal wound healing. The authors reported several
beneficial effects including reduced lipid peroxidation,
increased α-smooth muscle actin-positive cells and wound
closure. In conclusion, although the therapeutic benefit of
mitochondrial-targeted ROS scavengers has been convinc-
ingly demonstrated for a range of acute and chronic disease
conditions involving mitochondrial ROS, they may not con-
sidered a universal treatment modality with certain excep-
tions such as acute inflammatory signaling as seen in sepsis.

To provide more insight into the role of mitochondrial
function, we provide an extensive review of cytochrome c
oxidase subunits from function to human disease. S. Tan
and E. Wong also present a review on the role and efficiency
of polyphenols on mitochondrial quality control. In addition,
J. D. A. Losano et al. examined the metabolic pathways in
epididymal bovine sperm, whereas W. Yan and colleagues
examine the interaction between testosterone and oxidative
damage in orchiectomized rats.

In conclusion, all the articles presented in this special
issue highlight the importance of proper mitochondrial
function for healthy organ and organism performance,
whereas mitochondrial dysfunction, triggered by a variety
of causes ranging from specific mutations to aging as the
arguably ultimate mitochondrial disease, takes center stage
in an ever-increasing number of pathologies including all
common diseases.

Moh H. Malek
Maik Hüttemann

Icksoo Lee
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Research Article
ZP2495 Protects against Myocardial Ischemia/Reperfusion
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Coronary heart disease patients with type 2 diabetes were subject to higher vulnerability for cardiac ischemia-reperfusion (I/R)
injury. This study was designed to evaluate the impact of ZP2495 (a glucagon-GLP-1 dual-agonist) on cardiac function and
energy metabolism after myocardial I/R injury in db/db mice with a focus on mitochondrial function. C57BLKS/J-lepr+/lepr+

(BKS) and db/db mice received 4-week treatment of glucagon, ZP131 (GLP-1 receptor agonist), or ZP2495, followed by cardiac
I/R injury. The results showed that cardiac function, cardiac glucose metabolism, cardiomyocyte apoptosis, cardiac
mitochondrial morphology, and energetic transition were improved or ameliorated by ZP2495 to a greater extent than that of
glucagon and ZP131. In vitro study showed that ZP2495, rather than glucagon, alleviated mitochondrial depolarization,
cytochrome C release, and mitochondria ROS generation in neonatal rat ventricular myocytes subjected to high-glucose and
simulated I/R injury conditions, the effects of which were weaker in the ZP131 group. Furthermore, the expressions of Akt,
FoxO3a, and AMPK phosphorylation were elevated by ZP2495 to a greater extent than that of ZP131. In conclusion, ZP2495
may contribute to the improvement of cardiac function and energy metabolism in db/db mice after myocardial I/R injury by
improving mitochondrial function possibly through Akt/FoxO3a and AMPK/FoxO3a signal pathways.

1. Introduction

Type 2 diabetes is one of the strong independent risk factors
for cardiovascular disease and death [1, 2]. Lots of studies
including our previous studies have demonstrated that

patients with type 2 diabetes have higher vulnerability of
cardiac ischemia/reperfusion (I/R) injury as a result of the
exposure to abnormal substrate and cytokines [3, 4].However,
effective strategies which can reduce cardiac I/R injury under
diabetic conditions are not well developed in a clinic setting.
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Glucagon-like peptide-1 (GLP-1) is derived from a
proglucagon precursor and secreted by intestinal L-cells in
response to oral nutrient ingestion, which acts through G
protein-coupled receptor (GLP-1R) on pancreatic beta-cells
to exert glucoregulatory and insulinotropic actions [5, 6].
GLP-1R agonists have been reported to have cardiac and
vascular actions in rodents and humans, including effects
on myocardial contractility, blood pressure, cardiac output,
and cardioprotection [7–9]. Glucagon exerts biochemical
and physiological effects on heart muscle partly by stimulat-
ing Ca2+ currents via cAMP production and inhibition of
phosphodiesterases [9–11], leading to increased contractility.
Although cardiac contractility can be enhanced by glucagon
administration, it will increase cardiac mortality since gluca-
gon increases cardiomyocyte consumption of energy after
myocardial infarction [12]. Therefore, it will be ideal to find
a medicine with both inotropic and metabolic effects that
could potentially have beneficial effects on the prevention
of the heart injury induced by ischemia.

Earlier reports suggested the combination of GLP-1 and
glucagon makes an attractive proposition for obesity therapy
[13, 14]. However, the protective role of glucagon and GLP-1
dual-agonist against I/R injury has not previously been
demonstrated. Even in the absence of diabetes, a switch from
glucose to fatty acid metabolism contributes to the severity of
an ischemic injury and can impair functional recovery during
and following ischemia. This is particularly evident during
the reperfusion phase of the ischemic myocardium [15–17].
As a result, diabetes-induced changes in energy metabolism
have the potential to significantly impact on the ability of
the heart to withstand an I/R injury [18]. This study was
designed to evaluate the impact of a glucagon-GLP-1 dual-
agonist ZP2495 on cardiac function and energy metabolism
after myocardial I/R injury in db/db mice and to investigate
the underlying mechanisms involved.

2. Materials and Methods

2.1. Animal Modeling and Grouping. Male C57BLKS/J-
leprdb/leprdb diabetic (db/db; stock number 000642) and
nondiabetic C57BLKS/J-lepr+/lepr+ (BKS; stock number
000662) mice (8–10 weeks) were obtained from Jackson Lab-
oratory (Bar Harbor, Maine, USA) and housed on a 12 : 12 h
light-dark cycle at 22°C with free access to food and water.
db/db mice at the age of 12–16 weeks (50–60 g) when they
had developed overt diabetes were used. All experiments
were performed in adherence with the National Institutes
of Health Guidelines on the Use of Laboratory Animals and
were approved by the Fourth Military Medical University
Committee on Animal Care (ID 2013052).

db/db mice were randomly allocated into the following
groups with n = 20 each: (1) BKS+ sham (sham); (2) db/db
+ sham (db/db); (3) db/db+ I/R (I/R); (4) db/db+ZP2495
+ I/R (ZP2495); (5) db/db+ glucagon+ I/R (glucagon); and
(6) db/db+ZP131+ I/R (ZP131). The ZP2495 group was
subcutaneously injected daily with ZP2495 at 70nmol/kg of
body weight for 4 weeks. The glucagon group received subcu-
taneous injections of glucagon at 70 nmol/kg of body weight
daily for 4 weeks. The ZP131 group received daily

subcutaneous injections of ZP131 at 70 nmol/kg of body
weight for 4 weeks. The mice in the sham group were injected
with saline at the same volume instead.

Mice were anesthetized with 2% isoflurane in 1.5 L/min
O2. After exteriorizing the heart via a left thoracic incision,
myocardial ischemia/reperfusion was induced by ligation of
the left descending coronary artery for 30 minutes as previ-
ously described [19]. After 30 minutes of ischemia, hearts
were harvested 3 hours (for TUNEL, caspase activity, and
Western blot assay) or 24 hours (for echocardiographic,
hemodynamic, and metabolic assessments and infarct size
measurement) after the myocardium reperfusion.

2.2. Echocardiographic and Hemodynamic Measurements.
Cardiac function was determined by echocardiography
(VisualSonics, Canada) and invasive hemodynamic evalua-
tion by a 1.4 French micromanometer (Millar Instruments,
USA) at different time points after ischemia/reperfusion.
Echocardiography was performed under anesthesia using a
30MHz transducer on a Vevo 2100 ultrasound system
(VisualSonics, Canada) as previously described [20].

2.3. 18F-Fluorodeoxyglucose Positron Emission Tomography/
Computed Tomography to Assess Cardiac Glucose
Metabolism. Positron emission tomography/computed
tomography (PET/CT) scanning was performed using a
Nano PET/CT (Mediso, Hungary) as described previously.
Before imaging study, mice were maintained under fasting
condition for 12–14h, and fasting blood glucose levels were
maintained between 6.0 and 7.5mmol/L. Every animal was
injected with 3.7MBq (100μCi) of 18F-FDG via tail vein
injection. To obtain the best signal-to-background ratio, the
animals were anesthetized under 2% isoflurane in 1.5 L/min
O2 and acquired for whole body static PET/CT imaging at
30min postadministration with 10min acquisition time,
energy window at 400–600 keV, and coincidence relation
with 1 : 3. CT scan was subsequently obtained with 45 kV
and 179mA for 10min. The PET images were reconstructed
using ordered subset expectation maximization reconstruc-
tion (OSEM) with the SSRB 2D LOR algorithm with decay
correction, CT imaging-based attenuation correction, and
random corrections from raw framed sinograms. The voxel
size of the PET image was 0.796× 0.861× 0.861mm, for a
total of 128× 128× 159 voxels. After PET-CT registration,
3-dimensional regions of interest (3D-ROI) were drawn over
the heart region on whole body axial PET/CT fusion images.
Relative accumulation of the radioactivity in particular
regions of interest was expressed as standardized uptake
value (SUV). Nano PET/CT images were analyzed using
InterView™ Fusion software (Mediso, Hungary).

2.4. Myocardial Infarct Size Measurement.Myocardial infarct
size was evaluated by Evans Blue/TTC staining as previously
described [21].

2.5. Detection of Cardiomyocyte Apoptosis in Hearts. TUNEL
staining and caspase-3 activity assay were used to determine
cardiomyocyte apoptosis as previously described [22].

2 Oxidative Medicine and Cellular Longevity



2.6. Transmission Electron Microscopy (TEM). Ultrathin
sections were observed under a TEM (JEM-2100, JEOL,
Tokyo, Japan) at 60 kV. Mitochondria were imaged at
×10,000 (10K) and ×40,000 (40K) magnifications.

2.7. Measurement of Neonatal Rat Ventricular Myocyte
(NRVM) Apoptosis Induced by Simulated Ischemia/
Reperfusion (S/IR) Injury. Primary cultures of NRVMs were
obtained from 1- or 2-day-old SD rats as described previ-
ously [23]. Media were replaced to different conditions after
confluence: normal glucose medium (5.5mmol/L), high-
glucose medium (25mmol/L), and high-glucose plus
ZP2495 (10−7mol/L), glucagon (10−7mol/L), or ZP131
(10−7mol/L). Simulated I/R (S/IR) was performed by trans-
ferring cardiomyocytes into an ischemic buffer adapted from
Esumi et al. [24] containing (in mmol/L) NaCl 137, KCl 3.8,
MgCl2 0.49, CaCl2.2H2O 0.9, and HEPES 4 supplemented
with deoxyglucose 10, sodium dithionate 0.75, KCl 12 and
lactate 20, and pH6.5, for 3 h in a humidified cell culture
incubator (21% O2, 5% CO2, and 94% N2, 37

°C). After
simulated ischemia, cells were transferred to DMEM for 3 h
in a humidified cell culture incubator (21% O2, 5% CO2,
and 74% N2, 37

°C) to simulate reperfusion.
NRVM apoptosis was determined using an Annexin

V-FITC/PI Kit (Merck, USA) as previously described [25].

2.8. Measurement of Mitochondrial Membrane Potential
(ΔΨm) (MMP). The impact of ZP2495, glucagon, or ZP131
on mitochondrial ΔΨm in cardiomyocytes was determined
by sensitive and relatively mitochondrion-specific lipophilic
cationic probe fluorochrome JC-1 as previously described
[26]. Cardiomyocytes were incubated with JC-1 Mitochon-
drial Potential Sensors (Invitrogen, USA), and images were
visualized and photographed with confocal microscopy
(Olympus, Japan). In order to measure the internalization
of JC-1, cardiomyocytes were stained with the JC-1 Assay
Kit for flow cytometry (Mitoprobe, Invitrogen, USA) accord-
ing to the manufacturer’s protocol and analyzed by subse-
quent flow cytometry (BD Bioscience, USA). To exclude cell
debris and doublets, cells were gated the same number in each
group, 1× 104 gated events per sample were collected from
three to four independent samples per treatment condition,
and the experiments were repeated at least three times. The
presented data are normalized to the control group for the
treated group (100%).

2.9. Measurement of Respiration of Mouse Cardiomyocyte.
Respiration was assayed in freshly isolated mitochondria
with a high-throughput-automated 96-well extracellular flux
analyzer (XF96; Seahorse Bioscience, USA) as previously
described [26].

2.10. Assessment of Mitochondrial Cytochrome c Release and
ATP Content. To evaluate the subcellular localization of cyto-
chrome c, we used confocal imaging of cells double labeled
with Mitotraker Red CMX Ros (Molecular Probes, USA)
and cytochrome c antibody (Cell Signaling Technology,
USA). The ATP content of the myocardium was measured
using an ATP bioluminescent assay kit (Beyotime, China).

2.11. Detection of Reactive Oxygen Species (ROS) by
Mitochondria. ROS production by the mitochondria was
assessed by using Mito SOX Red (Invitrogen, USA) accord-
ing to product protocol. Briefly, slides were labeled with Mito
SOX Red (300 nM) and Mito Tracker green (100 nM) for
20min at 37°C, then observed by confocal microscopy
(FV1000, Olympus) with the excitation wavelength at 488
and 543nm.

2.12. Western Blot Assay. Cardiac tissues from the area at risk
(AAR) were lysed, sonicated, and centrifuged. Western
blotting was performed following standard protocol. The
following primary antibodies were used: anti-phospho-
FoxO3a (Thr32) (rabbit polyclonal IgG, Abcam, 1 : 100);
anti-phospho-FoxO3a (Ser413) (rabbit polyclonal IgG, Cell
Signaling Technology, 1 : 1000); anti-FoxO3a (rabbit poly-
clonal IgG, Cell Signaling Technology, 1 : 1000); anti-
phospho-Akt (Ser473) (rabbit polyclonal IgG, Cell Signaling
Technology, 1 : 1000); anti-phospho-Akt (Thr308) (rabbit
polyclonal IgG, Cell Signaling Technology, 1 : 1000); anti-
Akt (rabbit polyclonal IgG, Cell Signaling Technology,
1 : 1000); anti-AMPK (rabbit polyclonal IgG, Cell Signaling
Technology, 1 : 1000); anti-phospho-AMPK (Thr172) (rabbit
polyclonal IgG, Cell Signaling Technology, 1 : 1000); anti-
caspase-3 (rabbit polyclonal IgG, Merck Millipore, 1 : 200);
anti-cleaved caspase-3 (rabbit polyclonal IgG, Merck Milli-
pore, 1 : 200); anti-Bim (rabbit polyclonal IgG, Abcam,
1 : 1000); anti-Bax (rabbit polyclonal IgG, Abcam, 1 : 1000);
anti-Bcl-2 (rabbit monoclonal IgG, Abcam, 1 : 500); anti-
Bad (rabbit polyclonal IgG, Cell Signaling Technology,
1 : 1000); anti-phospho-Bad (rabbit polyclonal IgG, Cell
Signaling Technology, 1 : 1000); anti-MnSOD (rabbit poly-
clonal IgG, Abcam, 1 : 5000); anti-Catalase (rabbit polyclonal
IgG, Abcam, 1 : 2000); anti-Sirt1 (rabbit polyclonal IgG,
Abcam, 1 : 1000); anti-PGC-1α (rabbit polyclonal IgG,
Abcam, 1 : 1000); acetylated-lysine (rabbit polyclonal IgG,
Cell Signaling Technology, 1 : 1000,); anti-Nrf-1 (rabbit
monoclonal IgG, Abcam, 1 : 5000); anti-Tfam (rabbit poly-
clonal IgG, Abcam, 1 : 2000); and β-actin (rabbit polyclonal
IgG, Santa Cruz Biotechnology, 1 : 1000). The details are
described previously [25].

2.13. Statistics Analysis.All data were expressed as mean± SD
and were analyzed using ANOVA, followed by a Bonferroni
correction for post hoc t-test (with exception of Western
blot). Western blot densities were analyzed with the
Kruskal-Wallis test, followed by Dunn’s post hoc test. A
value of P < 0 05 was considered to be statistically significant.
All statistical tests were performed using SPSS software
package version 14.0 (SPSS, Chicago, IL, USA).

3. Results

3.1. Coagonist Treatment Improved Cardiac Function of db/db
Mice after Myocardial I/R Injury. LVEF and LVFS were
enhanced significantly in the glucagon or ZP131 group com-
pared with the db/db+ I/R group. ZP2495 enhanced LVEF
and LVFS more significantly as compared with that of the
glucagon or ZP131 group (Figures 1(a)–1(c)). Maximal
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velocity of pressure development and decline (±LV dP/dt
max) also revealed a significant improvement in response to
glucagon or ZP131 pretreatment in diabetic mice which
underwent cardiac I/R injury. The ±LV dP/dt max was signif-
icantly higher in the ZP2495 group compared with the gluca-
gon or ZP131 group (Figures 1(d) and 1(e)). Moreover,
administration of glucagon or ZP131 reduced infarct size
after cardiac I/R injury in db/db mice. The mice treated
with ZP2495 exhibited much greater decline of infarct
size as compared with the glucagon or ZP131 group.
There was no significant difference in the area at risk
(AAR) between groups (Figures 1(h)–1(j)).

3.2. Regulation of Cardiac Glucose Metabolism Prevented
from Cardiac I/R Injury in db/db Mice. To examine the role
of cardiac glucose metabolism after ZP2495, glucagon, or
ZP131 treatment in db/db mice subjected to I/R, 18F-FDG
was used to analyze the level of myocardial glucose uptake.
Our data revealed that diabetic mice which underwent car-
diac I/R injury had defective 18F-FDG uptake in the heart,
which was significantly improved by glucagon or ZP131
treatment. Moreover, 18F-FDG uptake was significantly
higher in the ZP2495 group as compared with the glucagon
or ZP131 group (Figures 1(f) and 1(g)).

3.3. Coagonist Exerted Antiapoptotic Effect on Cardiomyocyte
in db/dbMice after Cardiac I/R Injury.Apoptotic cardiomyo-
cytes labeled by TUNEL positivity were more frequently
observed in the db/db+ I/R group, glucagon group, and
ZP131group compared with the ZP2495 group
(Figure 2(a)). Quantitative analyses demonstrated that the
percentage of TUNEL-positive cardiomyocytes was signifi-
cantly less in the ZP2495 group compared with the db/db
+ I/R group or the glucagon group. However, there was no
significant difference between the percentages of TUNEL-
positive cardiomyocytes in the ZP2495 group and
ZP131group (Figure 2(b)). Consistent with its antiapoptotic
effect, ZP2495 attenuated the expression of the cleaved, acti-
vated forms of caspase-3 (Figures 2(c) and 2(d)).

3.4. Antiapoptotic Effect of ZP2495 on High-Glucose-Induced
NRVMs under SI/R Injury. To analyze the antiapoptotic
effect of ZP2495 on high-glucose-induced NRVMs after SI/
R injury, we performed flow cytometry, TUNEL, and
caspase-3 activity assays. Representative flow cytometry
results (Figure 3(a)) indicated that high-glucose and SI/R
injury significantly increased the percentage of apoptotic
NRVMs. ZP2495 treatment decreased high-glucose and SI/
R-induced apoptosis of NRVMs. As shown in Figures 3(b)–
3(e), the antiapoptotic effect of ZP2495 on NRVMs was also
evidenced by increased TUNEL (green) staining of cells
(Figures 3(b)–3(d)) and upregulation of caspase-3 enzymatic
activities (Figure 3(e)).

3.5. Antioxidation Effect of ZP2495 on Cardiomyocyte in db/
db Mice under Cardiac I/R Injury via a Akt/FoxO3a-
Dependent Mechanism. To further understand the mecha-
nism of the protective effect of ZP2495, we examined the
expressions of Akt, FoxO3a, and apoptosis-related proteins
using Western blot (Figure 4). ZP2495 administration

increased the levels of phospho-Akt in myocardial tissue of
db/db mice after cardiac I/R injury (Figures 4(a) and 4(b)).
Consistently, our data further revealed reduction of the
Akt-engaged phosphorylation of FoxO3 at Thr32 following
ZP2495 treatment. Diabetes with cardiac I/R injury
decreased FoxO3a phosphorylation at Thr32 (Figures 4(a)
and 4(d)). To further examine FoxO3a activation, we mea-
sured the expression levels of its apoptosis-related down-
stream targets, including proapoptotic proteins BimEL and
Bax, as well as antiapoptotic protein Bcl-2. The representa-
tive Western blot results demonstrated that diabetes with
cardiac I/R injury increased the expressions of BimEL
(Figure 4(e)) and Bax and decreased the levels of Bcl-2.
ZP2495 treatment balanced the expression between pro-
and antiapoptotic proteins (Figures 4(a) and 4(g)). As dem-
onstrated in Figures 4(a) and 4(f), diabetes and I/R injury
could moderately induce myocardial mitochondrial antioxi-
dative enzyme expressions including MnSOD and catalase.
ZP2495 upregulated the expression of these enzymes.

3.6. Coagonist Treatment Improved Mitochondrial
Ultrastructural Morphology in Myocardium of db/db Mice
Subjected to Cardiac I/R Injury. Alterations in mitochondrial
ultrastructure were observed by TEM. As shown in
Figure 5(a), in the db/db+ I/R group, most of the mitochon-
dria from the peri-infarct zone presented significant disor-
ders, including abnormal cristae or areas of the matrix. In
some mitochondria, the cristae and matrix were cleared
out, resulting in vacuoles; some mitochondria were swelling
and presented with crista disorientation and breakage. The
derangement in the ultrastructural morphology of mito-
chondria was improved in the ZP2495 treatment group,
as evidenced by normalized crista density and architecture.
Most of the mitochondria in this group presented sharply
defined cristae. The number of swelling mitochondria was
less, and no obvious vacuoles could be found in the
ZP2495 treatment group.

3.7. Coagonist Treatment Improved Mitochondrial Energetic
Transition in Myocardium of db/db Mice Subjected to
Cardiac I/R Injury. We measured mitochondrial respiration,
coupling of oxidative phosphorylation (OxPhos), and the rel-
ative ATP level in isolated mitochondria from hearts of all
groups. Mitochondrial respiration was first quantified in the
presence of substrates of complex I, II, and IV and the cou-
pling of OxPhos under each condition (Figures 5(b)–5(d)).
The basic bioenergetic behavior of mitochondria from hearts
of the ZP2495 treatment group was noticeably improved.
The RCR (state 3/4), a measure of the degree of coupling
of OxPhos, was markedly decreased at the level of the
three main respiratory complexes in mitochondria of the
db/db and db/db+ I/R groups (Figure 5(e)). In these two
groups of mitochondria, a trend to higher values of state
4 respiration was evident in complex I, II, and IV
(Figures 5(b)–5(d)). Likewise, the relative ATP levels in the
db/db and db/db+ I/R groups, the myocardia were also sig-
nificantly decreased, and ZP2495 treatment preserved the
reduction (Figure 5(f)).
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Figure 1: Effects of ZP2495, glucagon, and ZP131 on cardiac function and hemodynamic and cardiac glucose metabolism in db/db mice after
I/R injury. (a) Representative M-mode echocardiography images. (b) Measurement of left ventricular ejection fraction (LVEF). (c)
Measurement of left ventricular fractional shortening (LVFS). (d, e) Measurement of maximal velocity of pressure development and
decline (±dP/dt). (f) Representative PET/CT scan images from each group. Higher glucose uptake level is evidenced by an increase in the
intensity of red color. (g) Quantification of accumulated 18F-fluorodeoxyglucose (18F-FDG) in the heart. Relative accumulation of the
radioactivity in particular regions of interest was expressed as standardized uptake value (SUV). (h) Myocardial infarct size was assessed
by Evans blue/2,3,5-triphenyl-2H-tetrazolium chloride (TTC) double staining. Evans blue stained areas (black) indicated nonischemic/
reperfused area. TTC-stained areas (red staining) indicated ischemic but viable tissue. Evans blue/TTC staining negative areas indicated
infarcted myocardium. (i) Summary of infarct area (INF) per area at risk (AAR). (j) Summary of AAR per left ventricle (LV). Sham: BKS
+ sham group; db/db: db/db + sham group; I/R: db/db + I/R group; ZP2495: db/db + I/R +ZP2495 group; glucagon: db/db + I/R + glucagon
group; and ZP131: db/db + I/R +ZP131 group. Presented values are mean± SEM. ∗P < 0 05 versus the sham group; #P < 0 05 versus the
db/db group; $P < 0 05 versus the db/db + I/R group; and £P < 0 05 versus the db/db + I/R + ZP2495 group.

5Oxidative Medicine and Cellular Longevity



3.8. Coagonist Treatment Prevented Mitochondrial
Depolarization and Reduced Cytochrome c Release and
Mitochondria ROS Generation in High-Glucose-Induced
NRVMs after SI/R Injury. As is shown in Figure 6(a), there
were stronger red fluorescent signals and weaker green fluo-
rescent signals in the control group, indicating intact high
mitochondria membrane potential. However, red fluorescent
signals had almost disappeared and green fluorescent signals
were greatly enhanced in the HG (high-glucose) and HG
+SI/R group, suggesting typical mitochondrial membrane
potential collapse. While in the ZP2495 treated group, there
were more red fluorescent signals remaining, along with
fewer green fluorescent signals, which indicated that
ZP2495 treatment prevented mitochondrial depolarization
(Figure 6(b)). In the control group, cytochrome c immunore-
activity was colocalized with mitotraker red fluorescence,
indicating that the cytochrome c was confined to the

mitochondria. After high-glucose and SI/R injury, cyto-
chrome c immunoreactivity was diffusely distributed
throughout the cytoplasm and an increase in mitochondria-
associated cytochrome c, indicating that cytochrome c was
released from mitochondria to the cytoplasm. On the con-
trary, fewer cells exhibited such cytochrome c release pattern
in the ZP2495 treatment group (Figure 6(c)). High glucose
with SI/R injury-induced mitochondrial ROS generation
was assessed by MitoSox fluorescence (Figure 6(d)). Mito-
chondria were visualized with Mitotracker. Image merging
of MitoSox with Mitotracker showed that the diminished
ROS was generated from mitochondria in the ZP2495 treat-
ment group.

3.9. Coagonist Increased Mitochondrial Biogenesis in Hearts
of db/db Mice Subjected to I/R Injury through AMPK/
FoxO3a and AMPK-SIRT1-PGC-1α Pathway. To investigate

D
A

PI
cT

nI
/T

U
N

EL
 

db/db + I/R GlucagonSham ZP2495 ZP131db/db
TU

N
EL

 

(a)

0

10

20

30

40

TU
N

EL
-p

os
iti

ve
ca

rd
io

m
yo

cy
te

s (
%

) 

⁎

#

$

£ $
£#

# #

Sham
db/db
db/db + I/R

ZP2495
Glucagon
ZP131

⁎

⁎

⁎ ⁎

(b)

�훽-Actin

Cleaved
caspase-3

Sh
am

db
/d

b

db
/d

b 
+ 

I/R

ZP
24

95

G
lu

ca
go

n

ZP
13

1

(c)

0

1

2

3

4

5

Caspase-3
Ex

pr
es

sio
n 

le
ve

ls
(r

el
at

iv
e d

en
sit

y)
Cleaved

caspase-3

#

$

£ $
£

#

$#

# £
#

$
£

#

#

⁎

⁎ ⁎

#
⁎

⁎

⁎

⁎
⁎

⁎

⁎

(d)

Figure 2: ZP2495 exerted antiapoptotic effect on cardiomyocyte of db/db mice. (a) Representative photomicrograph shows TUNEL-positive
cardiomyocyte ratio, which was significantly decreased in the ZP2495 group. Apoptotic nuclei were identified as TUNEL positive (green).
Myocardium was stained using a monoclonal antibody against troponin I (cTnI) (red) and total nuclei by DAPI counterstaining (blue)
(scale bar = 100μm). (b) Quantitative analysis of apoptotic nuclei. Apoptotic index was termed as the percentage of apoptotic cells. (c)
Representative blots of caspase-3 and cleaved caspase-3 in cardiomyocyte of db/db mice subjected to I/R. (d) Semiquantitative analysis of
the Western blots. Sham: BKS + sham group; db/db: db/db + sham group; I/R: db/db + I/R group; ZP2495: db/db + I/R +ZP2495 group;
glucagon: db/db + I/R + glucagon group; and ZP131: db/db + I/R +ZP131 group. Presented values are mean± SEM. ∗P < 0 05 versus the
sham group; #P < 0 05 versus the db/db group; $P < 0 05 versus the db/db + I/R group; and £P < 0 05 versus the db/db + I/R +ZP2495 group.

6 Oxidative Medicine and Cellular Longevity



the potential signaling pathways involved in which ZP2495
improved cardiomyocyte energy metabolism after diabetes
with myocardial I/R injury, we examined the level of AMPK.
Our results indicated that I/R injury markedly decreased
phosphorylation of AMPK in db/db mice, which was abro-
gated by ZP2495 (Figures 7(a) and 7(b)). Furthermore, we
found reduction of AMPK-activated Foxo3 phosphorylation
at the Ser413 site following ZP2495 treatment (Figures 7(a)
and 7(c)). As shown in Figures 7(a)–7(e), AMPKα phosphor-
ylation and SIRT1 expression level was dramatically lower
and PGC-1α acetylation was increased in the db/db and the
db/db+ I/R groups. However, AMPKα and PGC-1α protein
levels of cardiac tissue did not display a measurable difference
between groups. ZP2495 treatment stimulated AMPKα
phosphorylation and PGC-1α deacetylation without altering
PGC-1α protein expression (Figures 7(a) and 7(e)). In the

meanwhile, ZP2495 treatment significantly increased SIRT1
expression (Figures 7(a) and 7(d)). We next determined
whether administration of ZP2495 could increase mitochon-
drial biogenesis in hearts of db/db mice subjected to I/R.
ZP2495 treatment also significantly restored the protein
levels of Nrf-1 and Tfam (Figures 7(a) and 7(f)). The effects
of ZP2495 on mitochondrial biogenesis in db/db mice
subjected to cardiac I/R injury were related to the AMPK-
SIRT1-PGC-1α pathway (Figure 8).

4. Discussion

It is increasingly recognized that the occurrence of coronary
artery disease contributes to an increased risk for the devel-
opment of heart failure in diabetic patients. Although the
pathophysiological mechanisms are certainly multifactorial,
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Figure 3: ZP2495 exerted antiapoptotic effect on high-glucose-induced NRVMs after SI/R injury. (a) Apoptosis of the NRVMs determined by
annexin V/propidium iodide (PI) double staining and flow cytometry. Region Q2 late apoptotic cells, region Q3 vital cells, and region Q4 early
apoptotic cells. (b) Representative images of immunostaining for apoptotic (TUNEL) cells (scale bar = 100 μm). (c) Quantification of
apoptosis cell by flow cytometry and TUNEL staining. (d) Quantification of apoptosis cell by TUNEL staining. (e) Activities of caspase-3.
Con: normal glucose medium group; HG: high-glucose medium group; HG+ SI/R: HG+ SI/R group; ZP2495: HG+ SI/R +ZP2495 group;
glucagon: HG+ SI/R + glucagon group; and ZP131: HG+ SI/R +ZP131 group. Presented values are mean± SEM. †P < 0 05 versus the
control group; §P < 0 05 versus the HG group; ‡P < 0 05 versus the HG+ SI/R group; and &P < 0 05 versus the HG+ SI/R + ZP2495 group.
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Figure 4: ZP2495 regulated Akt, FoxO3a, and apoptosis-related protein expression. (a) Representative blots of p-Akt, Akt, p-Bad, Bad,
p-FoxO3a, FoxO3a, BimEL, MnSOD, catalase, Bax, and Bcl-2 in cardiomyocyte of db/db mice subjected to I/R. (b–g) Semiquantitative
analysis of the Western blots. Sham: BKS + sham group; db/db: db/db + sham group; I/R: db/db + I/R group; ZP2495: db/db + I/R +ZP2495
group; glucagon: db/db + I/R + glucagon group; and ZP131: db/db + I/R + ZP131 group. Presented values are mean± SEM. ∗P < 0 05 versus
the sham group; #P < 0 05 versus the db/db group; $P < 0 05 versus the db/db + I/R group; and £P < 0 05 versus the db/db
+ I/R + ZP2495 group.
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emerging evidence suggests that derangements in cardiac
energy metabolism play a fundamental role in the pathogen-
esis of diabetic cardiomyopathy. Recent studies focusing on
the mitochondria show an important role of abnormal mito-
chondrial function [27]. Previous studies revealed that
glucagon-GLP-1 dual-agonist ZP2495 was superior com-
pared with glucagon alone in the improvement of cardiac
function in subjects with insulin resistance (IR) [28]. The
data by Axelsen et al. have presented that perfusion buffer
containing ZP131 failed to change cardiac function in hearts
from either control or IR rats compared with vehicle-
perfused hearts. In contrast, glucagon and ZP2495 perfusion
improved cardiac function in control hearts. By comparison,
in hearts from IR rats, however, only ZP2495 significantly
increased cardiac power. Although their findings did not
elucidate the protective effect of ZP2495 in the presence
of diabetes, these evidences might indicate the protective

role of ZP2495 in the diabetic heart because insulin
resistance was usually conceived as the earlier stage of dia-
betes. Furthermore, ZP2495 increased glucose oxidation
and glycolytic rates in IR hearts as glucagon did avoid the
concomitant accumulation of AMP or ADP [28]. In line
with these findings, in our current study, dual-agonist
ZP2495 induced superior cardioprotection (decreased
infarct size, enhanced cardiac function, and ameliorated
cardiac apoptosis) in diabetic hearts subjected to myocar-
dial I/R compared with that of ZP 131 or glucagon, which
might be ascribed to its stronger capacity to upregulate
cardiac glucose metabolism and mitochondrial function
as compared to ZP131 or glucagon. Taken together, both
our studies depicted the superiority of dual-agonist
ZP2495 compared with ZP131 or glucagon in the treat-
ment of cardiometabolic diseases with cardiac glucose
metabolism defects.
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Figure 5: ZP2495 improved mitochondrial function and biogenesis in the myocardium of db/db mice subjected to I/R. (a) Representative
transmission electron micrographs of mitochondria in the LV myocardium. Original magnification ×10,000 (scale bar = 1 μm) (A1) and
×40,000 (scale bar = 250 nm) (A2). (b–d) Respiration in freshly isolated heart mitochondria from each group mice was analyzed with a
SeaHorse XF96 analyzer. Mitochondria were assayed under state 4, that is, substrate but no ADP (sometimes also referred to as state 2),
and state 3, that is, substrate and ADP present respiration (VO2) with substrates from complex I (5mmol/L G/M) (b), complex II
(5mmol/L Succ and 1mmol/L rotenone) (c), and complex IV (0.5mmol/L N,N,N9,N9-tetramethyl-p-phenylenediamine (TMPD) and
3mmol/L sodium ascorbate) (d). State 3 was induced with 1mmol/L ADP in all cases. (e) The RCR was determined as the ratio of state 3
to state 4. The bars plotted correspond to n = 8 replicates from two experiments. (f) Relative ATP level change in different treatments.
Sham: BKS + sham group; db/db: db/db + sham group; I/R: db/db + I/R group; ZP2495: db/db + I/R + ZP2495 group; glucagon: db/db + I/R
+ glucagon group; and ZP131: db/db + I/R + ZP131 group. Presented values are mean± SEM. ∗P < 0 05 versus the sham group; #P < 0 05
versus the db/db group; $P < 0 05 versus the db/db + I/R group; and £P < 0 05 versus the db/db + I/R +ZP2495 group.
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The present study demonstrates that the metabolic effects
observed in different regions of the ischemia-injured heart
may in large part contribute to the cardioprotection observed
with GLP-1 treatment [29]. However, our current study
failed to analyze metabolic changes triggered by treatments
in terms of ischemic versus remote regions. These changes
could provide more information about a metabolic shift in
viable regions of the hearts subjected to I/R injury, and we
will explore this operation in our future experiments.

Myocardial I/R injury can induce additional injury to the
myocardium, due to excessive oxygen free radicals, calcium
overload, neutrophil infiltration, depletion of energy stores,
and changes in subcellular activities including the opening
of the mitochondrial permeability transition pore (MPTP)
[30]. All of these changes are detrimental to ischemic cardio-
myocyte and may reduce the beneficial effects of reperfusion

[31]. Notably, the mechanisms activating during ischemia
may lead to necrotic cell death in cardiomyocytes, while hall-
marks of apoptosis mainly occur after reperfusion [32].
Accordingly, both necrotic and apoptotic cardiomyocyte cell
deaths contribute to the final myocardial infarction (MI) size.
Enormous preclinical and clinical studies have demonstrated
that diabetes will increase the vulnerability of diabetic hearts
subjected to ischemic injury and result in higher mortality
[33]. Our results from the present study exhibited that
ZP2495 significantly reduced infarct size after cardiac I/R
injury in db/db mice, mainly by exerting an antiapoptotic
effect on cardiomyocyte both in vivo and in vitro.

Cardiac mitochondria are vital organelles that supply
energy to support the high ATP consumption of a beating
heart [34]. The irreversible mitochondrial dysfunction is a
crucial event in cardiomyocyte death during myocardial I/R
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Figure 6: ZP2495 prevented high-glucose and SI/R-induced mitochondrial depolarization and decreased cytochrome c release and reactive
oxygen species (ROS) generation from mitochondria in NRVMs. (a) Mitochondrial membrane potential (MMP) was analyzed by JC-1
fluorescence. Upper panels of green fluorescence indicated cellular uptake of JC-1, while lower panels of red fluorescence suggested depict
intact mitochondria. HG and SI/R-treated NRVMs showed significantly reduced red fluorescence as compared with the control group,
whereas ZP2495 treatment prevented the breakdown of the MMP as indicated by preservation of the red JC-1 fluorescence (scale
bar = 100μm). (b) FACS analyses of three independent experiments with 10,000 cells per treatment condition reveal a decrease of the red
JC-1 fluorescence to 41% of control levels after HG and SI/R treatment, which was prevented by ZP2495. (c) Mitotracker red fluorescence
(red), cytochrome c immunoreactivity (green), DAPI staining (blue), and merged images (yellow indicates sites of colocalization) in
NRVMs. Note the localization of cytochrome c in mitochondria in the NRVM control cells and ZP2495-treated cells and the diffused
localization of cytochrome c in the cytoplasmic compartment of NRVM cells in HG- and SI/R-treated cultures. Representative of 25–30
cells each in 3 separate experiments (scale bar = 20 μm). (d) ROS stained with MitoSOX (red) were colocalized with MitoTracker (green).
Representative of 25–30 cells each in 3 separate experiments (scale bar = 20μm). Con: normal glucose medium group; HG: high-glucose
medium group; HG+ SI/R: HG+ SI/R group; ZP2495: HG+ SI/R + ZP2495 group; glucagon: HG+ SI/R + glucagon group; and ZP131: HG
+ SI/R +ZP131 group. Presented values are mean± SEM. †P < 0 05 versus the control group; §P < 0 05 versus the HG group; ‡P < 0 05
versus the HG+ SI/R group; &P < 0 05 versus the HG+ SI/R +ZP2495 group.
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Figure 7: ZP2495 increased mitochondrial biogenesis in hearts of db/db mice subjected to I/R. (a) Representative blots of p-AMPK, AMPK,
p-FoxO3a, FoxO3a, Sirt1, Ace-lysine-PGC-1α, PGC-1α, Nrf-1, and Tfam in cardiomyocyte of db/db mice subjected to I/R. (b–e)
Semiquantitative analysis of the Western blots. Sham: BKS + sham group; db/db: db/db + sham group; I/R: db/db + I/R group;
ZP2495: db/db + I/R +ZP2495 group; glucagon: db/db + I/R + glucagon group; ZP131: db/db + I/R +ZP131 group. Presented values are
mean± SEM. ∗P < 0 05 versus the sham group; #P < 0 05 versus the db/db group; $P < 0 05 versus the db/db + I/R group; and £P < 0 05
versus the db/db + I/R +ZP2495 group. Data shown are representative of six independent experiments.
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injury. After reperfusion, intracellular Ca2+ elevation triggers
mPTP opening, leading to the depletion of ATP and loss of
mitochondrial integrity [35, 36]. Therefore, alleviating mito-
chondrial dysfunction may decrease cardiac I/R injury.
Meanwhile, modulating mitochondrial function may
improve insulin resistance and reduce subsequent cardiac
mortality. In addition, many studies have documented signs
of mitochondrial dysfunction, including impaired respira-
tion, damaged oxidative phosphorylation, altered substrate
utilization, decreased ATP production, and impaired ATP
transfer [37]. In the present study, we observed both struc-
tural and functional mitochondrial impairment in the myo-
cardium of db/db mice subjected to cardiac I/R injury.
ZP2495 treatment improved mitochondrial ultrastructural
morphology. These findings were in line with the alleviated
functional damage observed in the mitochondria in
ZP2495-treated mice.

A large accumulation of myocardial mitochondrial ROS
was observed in both permanently occluded and reperfused
myocardia, especially in diabetic animals, suggesting that
oxidative stress in mitochondrial may contribute to cardiac
dysfunction [4]. It would result in electron transport chain
deterioration, mitochondrial membrane depolarization, apo-
ptotic pathway activation, and cardiomyocyte death [4, 38].
In this study, administration of ZP2495 reduced high-
glucose and SI/R injury-induced mitochondrial ROS genera-
tion, which may be responsible for preventing mitochondrial

depolarization and attenuating the release of cytochrome c.
These observations provide strong evidence for the notion
that reduction in cardiac mitochondrial injury may represent
a critical event in the cardioprotective effect of ZP2495.

Several studies have found that PGC-1α is important for
controlling metabolic pathways in the heart during develop-
ment as well as in response to physiological stressors and
pathological stimuli [39, 40]. PGC-1α is a positive regulator
of mitochondrial biogenesis and respiration and plays roles
in neurodegenerative disorders and heart failure and patho-
logical conditions that are strongly associated with mito-
chondrial defects [39]. Recent studies have shown that
PGC-1α acetylation was a kind of protein modification with
inactivation effects [41]. PGC-1α activity has also been
reported to be modulated by several modifications, such as
phosphorylation by AMPK or deacetylation by AMPK and
sirtuin 1 (SIRT1). In the current study, we observed that
ZP2495 upregulated PGC-1α and its downstream Nrf-1 and
Tfam expressions, which was associated with an increase in
mitochondrial DNA copies in db/db mouse hearts. These
results indicated that ZP2495 may exhibit its effect of cardio-
protection through improving mitochondrial biogenesis by
activating the AMPK/PGC-1α pathway.

Another important observation of our study is that
FoxO3a may play an important role in protecting the myo-
cardium from injury. The FoxO transcription factors, includ-
ing FoxO1, FoxO3a, FoxO4, and FoxO6, belong to the
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forkhead family of transcriptional regulators. FoxO tran-
scription factors have been implicated in regulating diverse
cellular functions such as differentiation, metabolism, prolif-
eration, and apoptosis [42, 43], especially for Akt-mediated
antiapoptotic properties [23]. Furthermore, FoxO3a has been
considered a converging point for Akt and AMPK signaling
pathways [44, 45]. AMPK phosphorylation of FoxO3a at
the site of Ser413 enhances the stress resistance and longevity
[46–50]. On the other hand, Akt phosphorylation of FoxO3a
at Thr32 site inhibits FoxO3a transcriptional activity, pro-
moting antiapoptosis and insulin sensitivity [51]. Therefore,
Akt and AMPK signaling may elicit transcriptional regula-
tion via FoxO3a to allow organismal adaptation for physio-
logical or pathophysiological changes. The convergence of
the two pathways at the level of FoxO3a may play a critical
role in the crosstalk between Akt and AMPK. Our data
revealed that the protective effect of ZP2495 was related to
FoxO3a activation mediated by the PI3K/Akt and AMPK
pathways. We found that ZP2495 phosphorylated FoxO3a
to inhibit the transcription of proapoptotic gene Bim, which
resulted in decreased expression of proapoptotic proteins
such as Bim and Bax. Consequently, cytochrome c was
released into the cytosol and the caspase cascade was acti-
vated. In parallel, ZP2495 increased levels of the antiapopto-
tic proteins Bad and Bcl-2, which alleviated the apoptosis
induced by diabetes and cardiac I/R injury. Collectively, we
demonstrated that ZP2495 exerted an antiapoptotic effect
by inhibiting ROS production, cytochrome c release, and
caspase-3 activation through Akt/FoxO3a and AMPK/
FoxO3a pathways. In the present study, myocardial I/R
injury induced loss of phosphorylation of Akt and AMPK
in db/db mice. These data suggested a potential role of Akt-
FoxO3a and AMPK-FoxO3a in cardiac I/R injury and
diabetes-induced mitochondrial dysfunction and apoptosis.
Our data revealed a novel mechanism whereby ZP2495
exerted its protective effect by activating FoxO3a through
the Akt and AMPK signaling pathways.

4.1. Limitations. Other members of the RISK pathway may
also participate in the link between ZP2495 and its cardiac
protection effects. In order to further demonstrate the effi-
cacy of ZP2495 administration on cardiomyocyte mitochon-
drial biogenesis and function, AMPK-related pathways
should be investigated in future studies. More studies should
be performed to figure out whether ZP2495 activates Akt/
FoxO3a and AMPK/FoxO3a pathways by different mecha-
nisms in diabetic mice or nondiabetic mice which underwent
cardiac I/R injury.

5. Conclusion

In conclusion, we provided evidences that glucagon and
GLP-1 dual-agonist ZP2495 protected against myocardial I/
R injury in db/db mice, which may be attributed to the
improvement of cardiac mitochondrial function and energy
metabolism. These protective effects of ZP2495 might be
associated with Akt/FoxO3a and AMPK/FoxO3a signaling
pathways.
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Sporadic Alzheimer’s disease corresponds to 95% of cases whose origin is multifactorial and elusive. Mitochondrial dysfunction is a
major feature of Alzheimer’s pathology, which might be one of the early events that trigger downstream principal events. Here, we
show that multiple genes that control mitochondrial homeostasis, including fission and fusion, are downregulated in Alzheimer’s
patients. Additionally, we demonstrate that some of these dysregulations, such as diminished DLP1 levels and its mitochondrial
localization, as well as reduced STOML2 and MFN2 fusion protein levels, take place in fibroblasts from sporadic Alzheimer’s
disease patients. The analysis of mitochondrial network disruption using CCCP indicates that the patients’ fibroblasts exhibit
slower dynamics and mitochondrial membrane potential recovery. These defects lead to strong accumulation of aged
mitochondria in Alzheimer’s fibroblasts. Accordingly, the analysis of autophagy and mitophagy involved genes in the patients
demonstrates a downregulation indicating that the recycling mechanism of these aged mitochondria might be impaired. Our
data reinforce the idea that mitochondrial dysfunction is one of the key early events of the disease intimately related with aging.

1. Introduction

Alzheimer’s disease (AD) is a common and devastating
dementia that is pathologically defined by the accumulation
of extracellular amyloid beta- (Aβ-) containing plaques and
intraneuronal hyperphosphorylated Tau protein aggregates
associated with neuronal loss in the cerebral cortex. Studies
of whole-genome gene expression profiling have identified
that AD patients exhibit mitochondrial impairment together
with altered calcium signaling and inflammation [1]. Defects
in mitochondrial function generate oxidative stress increase
due to mitochondrial electron transport chain leakage. The
generated reactive oxygen species (ROS) oxidize multiple cell
components, being an important issue to trigger protein

misfolding [2]. It has been proposed that oxidative stress
could be one of the primary events in the development of
AD and plays a pivotal role in its pathogenesis [3, 4]. At the
same time, mitochondria are targets of ROS causing the oxi-
dation of their components increasing mitochondrial deteri-
oration. This mitochondrial dysfunction may be one of the
earliest and most prominent features of AD [5, 6]. Several
works that show downregulation of mitochondrial genes in
Alzheimer’s have also demonstrated a reduced metabolic rate
in the brain of these patients measured by fluorodeoxyglu-
cose PET [7]. Metabolic abnormalities besides the damage
of both components and the structure of mitochondria are
well described in AD [8–10]. Moreover, several models have
revealed that mitochondrial dysfunction triggers the aberrant
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processing of APP and tau [11–15]. Another deregulated
aspect in AD is calcium signaling, which is closely related
to functional the status of mitochondria. Experimental
models have demonstrated that mitochondrial dysfunction
favors tau phosphorylation, microtubule depolymerization,
and neurofibrillary tangle-like pathology [11]. Hippocampal
neurons exhibited AD-like tau phosphorylation and high
calcium levels due to glutamate exposition impairing mito-
chondrial function [16].

Mitochondria are dynamic organelles that continuously
undergo fission and fusion events which are necessary for cell
survival as well as adaptation to changing conditions needed
for cell growth, division and morphology, and distribution of
mitochondria [17]. Mitochondrial dynamics is regulated by a
machinery involving large dynamin-related GTPases where
mitofusin 1 (MFN1), mitofusin 2 (MFN2), and optic atrophy
1 (OPA1) are involved in mitochondrial fusion [18], whereas
mitochondrial fission is mediated by dynamin-like protein 1
(DLP1) through the interaction with four mitochondrial
receptor proteins [18–20]. Dynamic fusion and fission pro-
cesses allow damaged mitochondria to be recycled by a deg-
radation mechanism termed mitophagy [21]. This pathway
is partially driven by PINK1 and PARK2. When mitochon-
dria are damaged and membrane potential is lost, there is a
rapid recruitment of PARK2 to the mitochondria mediated
by PINK1 that promotes K63-linked ubiquitin chain signal-
ing [22]. Adaptor proteins of the autophagic system that rec-
ognize the ubiquitinated cargo through ubiquitin-binding
domains (UBDs) and microtubule-associated proteins 1A/
1B light chain 3 (LC3)/GABAA receptor-associated protein
(GABARAP) attach to autophagosomal membranes via an
LC3-interacting region (LIR) [22]. The autophagy machin-
ery promotes the ubiquitinated cargo engulfment by autop-
hagosomes and its final degradation [23].

In AD, mitochondrial failure might arise from a deficient
dynamic balance of mitochondrial fission and fusion that is
greatly shifted toward fission, and it may result in the
presence of dysfunctional mitochondria in damaged neurons
as well as fibroblasts from AD patients characterized by their
accumulation into the perinuclear areas [24, 25]. In addition,
autophagy dysfunction in brain and peripheral tissues of AD
patients is widely documented [26]. This has been mainly
associated to reduce degradative function, insufficient lyso-
somal pH acidification, and low hydrolases activity [27, 28]
impairing the recycling of damaged mitochondria and gener-
ating a mitophagy failure [26].

In the present work, we have demonstrated a downregu-
lation of genes involved in mitochondrial dynamics as well as
in autophagy and mitophagy in Alzheimer’s patients. Conse-
quently, we have found slower mitochondrial dynamics cor-
relating with diminished STOML2, MFN2, and DLP1 levels,
showing the last one reduced mitochondrial localization, and
therefore causing the accumulation of aged mitochondria in
fibroblasts from AD patients.

2. Materials and Methods

2.1. Primary Cells and Culture Conditions. Primary skin
fibroblasts were obtained from Coriell Institute for Medical

Research (NJ, USA). Five fibroblast cell lines from SAD
patients and five correspondent apparently healthy sex- and
age-matched samples have been used (see Table 1 for details
about age, sex, and stage of the disease). Human fibroblasts
were cultured in Dulbecco’s modified Eagle’s medium
(DMEM) supplemented with 10% (v/v) heat-inactivated fetal
bovine serum (FBS), 2mM glutamine, 10U/ml penicillin,
and 10 μg/ml streptomycin, in 5% CO2 in a humid incubator
at 37°C. The use of fibroblasts has been restricted to a maxi-
mum of 10 cell passages to avoid replicative senescence, and
cultures were always kept below confluence.

2.2. Microarray Analysis. The analysis of specific gene expres-
sion profiling by array (Affymetrix Human Gene 1.0 ST
Array) of DLP1, GDAP1, MIEF1, MFN2, OPA1, STOML2,
Optineurin, ATG5, ATG12, Beclin1, PI3K class III, ULK1,
AMBRA1, BNIP3, BNIP3L, FUNDC1, VDAC1, and VPC/
p97 of human brain samples was retrieved from Berchtold
data set [29]. This study contains 253 samples from 84
patients, of which 173 are samples of different brain zones
of 56 healthy subjects (aged 20–99 years) and 80 are samples
of different brain zones of 28AD patients (aged 28–99 years).
Microarray data were obtained from 4 brain regions: the hip-
pocampus, entorhinal cortex, superior frontal cortex, and
postcentral gyrus. A similar analysis was performed in an
additional data set of human brain samples classified into
healthy (n = 47) versus AD (n = 32) patients obtained from
the Hisayama study [30]. Differences in gene expression
between healthy and AD patients were calculated using
Student’s t-test.

2.3. Antibodies. The primary antibodies used were TOMM20
(sc-11415), MFN2 (sc-515647), and STOML2 (sc-376165)
and were purchased from Santa Cruz Biotechnology, Santa
Cruz, CA, USA; DLP1 (611112, BD Biosciences); GAPDH
(ab8245, Abcam, Cambridge, UK); and β-tubulin (T4026,
Sigma-Aldrich). The secondary antibodies for Western blot
studies were horseradish peroxidase-conjugated antimouse
IgGs (P0161, DAKO) and for immunofluorescence were
antirabbit IgGs alexa-488 or antimouse alexa-555 labelled
(Molecular Probes, Millipore, Waltham, MA).

Table 1: Core set of fibroblast cell lines.

Line Age/sex Clinical diagnosis

AG11362 63/F Nonaffected

AG05813 67/F Nonaffected

AG07803 66/M Nonaffected

AG07310 60/F Nonaffected

AG11020 79/F Nonaffected

AG05809 63/F Moderate dementia

AG06263 67/F Moderate dementia

AG06262 66/M Moderate dementia

AG06869 60/F Moderate dementia

AG05810 79/F Severe dementia

Coriell Institute for Medical Research.
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2.4. Western Blot Analysis. The cells and tissue samples were
homogenized in lysis buffer (50mM pH7.5 HCl-Tris,
300mM NaCl, 0.5% SDS, and 1% Triton X-100) and incu-
bated 15min at 95°C. Protein concentration of the extracts
was measured using the DC protein assay kit (500–0111,
Bio-Rad). Equal amounts of total protein extract from
healthy and SAD cells were resolved by SDS-PAGE and then
transferred to nitrocellulose (G9917809, Amersham,
Germany) or PVDF (IPVH00010, Merk Millipore, Cork,
Ireland) membranes. Western blot and immunoreactive pro-
teins were developed using an enhanced chemiluminescence
detection kit (NEL105001EA, Perkin Elmer) following
instructions of the supplier. Quantification was performed
by densitometry of the obtained bands in each lane with
respect to the correspondent housekeeping protein such as
GAPDH or β-tubulin band in each experiment (Quantity
One software, Bio-Rad).

2.5. Lentivirus Production. Pseudotyped lentivectors were
produced using reagents and protocols from Prof. Didier
Trono. Briefly, viral stocks were produced by transient
cotransfection of 293T cells with 5 μg of the corresponding
lentivector plasmid, 5 μg of the packaging plasmid
pCMVdR8.74 (Addgene plasmid 22036) and 2 μg of the
VSV-G envelope protein plasmid pMD2G (Addgene plasmid
12259) using Lipofectamine and Plus reagents following
instructions of the supplier (18324 and 11514, resp., Life
Technologies). Lentiviral titer was calculated by infecting
cells with increasing amounts of lentiviral supernatant, and
the percentage of infected cells was detected by flow cytome-
try (FACSCalibur, BD Biosciences, San Jose, CA).

2.6. Mitochondrial Dynamics Study. Cells were infected at an
approximate multiplicity of infection (MOI) of 5–10 with a
lentivector encoding DsRed2-Mito construct obtained from
Clontech (632421) that was kindly provided by Dr. Ismael
Santa-María (Columbia University, NY). Cells were treated
with 20 μM carbonyl cyanide m-chlorophenylhydrazone
(CCCP, Sigma, St. Louis Missouri) for 6 h and, in the revers-
ible condition, CCCP was removed after 1 h and the medium
was replaced for DMEM 10% FCS. After the treatments cells
were fixed with 4% paraformaldehyde (PFA) and the mito-
chondrial pattern was observed with an Axioskop2 plus
microscope coupled to a CCD color camera (Zeiss). For anal-
ysis, we used the Mitochondrial Network Analysis (MiNa)
toolset, a combination of different ImageJ macros that allows
the semiautomated analysis of mitochondrial networks in
cultured mammalian cells [31]. Briefly, the image was con-
verted to binary by thresholding following the conversion
to a skeleton that represents the features in the original image
using a wireframe of lines of one pixel wide. All pixels within
a skeleton were then grouped into three categories: end point
pixels, slab pixels, and junction pixels. The plugin analyzes
how the pixels are spatially related and defined to measure
the length of each branch and the number of branches in
each skeletonized feature as well as the mitochondrial
network morphology. The parameters used in the study were
(1) individuals, punctate, rods, and large/round mitochon-
drial structures; (2) networks, mitochondrial structures with

at least a single node and three branches; (3) the mean
number of branches per network; and (4) the average
of length of rods/branches. Ten randomly chosen fields
containing between 10 and 15 cells were used to quantify
the pattern of mitochondria. We classify the mitochondrial
morphology into three different subtypes according to the
length of the branches: filamentous (long and spaghetti-like
shape; branch> 2.3 μm), fragmented (completely dotted;
branch< 1.8 μm), and intermediate pattern (when both
filamentous and fragmented mitochondria were found;
1.8 μm≥branch≥ 2.3 μm).

2.7. Immunocytochemistry. Fibroblasts were grown on sterile
glass coverslips, treated as described for each experiment,
followed by washing with PBS and fixing with 4% PFA in
PBS for 30min at room temperature. After blocking with
PBS containing 1% BSA and permeabilizing with 0.1% Triton
X-100 and 1M glycine for 30minutes, cells were then stained
with DLP1 and TOMM20 antibody diluted according to
the manufacturer’s recommendation in blocking buffer
overnight at 4°C. Cells were washed with PBS and stained
with secondary antibody (1 : 500 in blocking buffer) for 2 h
at room temperature. Samples were mounted with Pro-
longGold Antifade (P-36930, Life Technologies) and
randomly chosen field images were obtained in an Invert
Confocal LSM510 (Zeiss, Oberkochen, Germany) fluores-
cence microscope.

2.8. Colocalization Study. Colocalization analysis was
performed with ImageJ software (Bethesda, MD). The back-
ground of different channels was edited with the subtract
background tool with a rolling ball radius of 30 pixels, and
binary images were obtained by a threshold intensity. The
logical operation AND of the Image Calculator tool was used
to generate an image harboring only overlapping structures
of both channels. Colocalization measurement was obtained
by quantifying the area occupied by the overlapping elements
per cell. At least 200 cells were measured for each cell line.

2.9. Mitochondrial Potential Measurement. After treatment,
fibroblasts were incubated with 200nM TMRM (T668,
Molecular Probes, Waltham, MA, USA) for 30min at 37°C
and analyzed by flow cytometry (FACSCalibur, BD Biosci-
ences). Mitochondrial membrane potential for each condi-
tion was represented as the percentage of the fluorescence
intensity mean with respect to the fluorescence intensity
mean exhibited when these cells remained untreated.

2.10. Study of Mitochondrial Age. MitoTimer transgene was
amplified by PCR from the plasmid pTRE-Tight-
MitoTimer (Plasmid number 50547, Addgene, MA, USA)
using the oligos: CCTGGAGAATTCAGATCTCCAC and
GATCCTGATCACTACAGGAACAGGTGGTGGC, and
amplicon was cloned into lentiviral construct pLVX-
TetOne-Puro (631849, Clontech, CA, USA) by restriction
sites EcoRI and BclI. Fibroblasts were infected by packaged
lentiviral particles at an approximated MOI of 5–10. Forty-
eight hours postinfection, the expression of the transgene
was induced with 2 μg/ml of doxycycline during 24 h and
then removed from the media to analyze it at different times.
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On the other hand, after 24 h of doxycycline, cells were
treated with CCCP (20 μM) for 24 h and then removed from
media to be analyzed. Red and green fluorescence intensity
was followed over time by flow cytometry (FACSCalibur,
BD Biosciences). Aged mitochondrial quantification was
calculated as the percentage of red fluorescence intensity
mean at each point with respect to the one of the
untreated cells at the beginning of the study (doxycycline
removal, 0 h).

2.11. Statistical Analysis. Graphs represent means and stan-
dard deviations of the values obtained from experimental
triplicates. When necessary, values represented in the graphs
were obtained by normalizing every SAD sample data with its
correspondent age-matched healthy sample. Statistical com-
parison of the data sets was performed by the Student’s t-test.
Two-way analysis of variance test was performed to examine
the differences between experimental factors and their inter-
action. A post hoc Bonferroni test was used when more than
two experimental groups were compared.

3. Results

3.1. Gene Expression Alteration of Mitochondrial Dynamics
Proteins in AD Brains. Mitochondrial function disruption
has been proposed long time ago as an early alteration
in Alzheimer’s pathology [32]. Mitochondria are a dynamic
tubular network that undergo fission and fusion as a funda-
mental process for mitochondrial renewal and elimination
of damaged ones [21]. Here, we observed that several fission
proteins such as DLP1, GADP1, andMIEF1 appeared dimin-
ished in AD brain samples in Berchtold et al. [29] and
Hokama et al. [30] data sets (Figure 1(a)). Multiple works

have shown DLP1 is recruited to mitochondria to constrict
the membranes upon assembly into spirals and to induce
the scission of mitochondria upon GTP hydrolysis [33].
Membrane stabilization of DLP1 is regulated by GADP1
and MIEF1 [33]. On the other hand, fusion proteins such
as MFN2, OPA1, and STOML2 have been shown diminished
in Alzheimer’s brain in both data sets (Figure 1(b)). Fusion is
coordinated by MFN1/2 and OPA1, where the first one cata-
lyzes the fusion of external membrane and the second one is
associated to the internal membrane [34, 35]. An additional
system named hyperfusion is controlled by STOML2/
OPA1, which is stimulated under stress conditions favoring
cell survival [36]. In summary, we could observe that both
fission and fusion processes were reduced in AD brain
accordingly with the mitochondrial dysfunction that takes
place in this pathology.

3.2. Downregulation of Mitochondrial Dynamics Proteins in
SAD Fibroblasts. Taking into account the previous results,
we next examined whether proteins that control mitochon-
drial dynamics could be altered in patient-derived peripheral
cells such as fibroblasts. As several works have shown
reduced levels of DLP1 in neurons as well as in fibroblasts
from sporadic AD patients [37, 38], we focused our attention
in this protein. We could observe a decrease in DLP1 fission
protein level, in SAD cells as it was previously described
by Zhu and coworkers [38] (Figure 2(a)). DLP1 function
depends on its subcellular localization [39]; therefore, we
studied its distribution by immunofluorescence analysis
of mitochondria labeled with TOMM20 (Figure 2(b)).
Quantitative analysis revealed a decrease of DLP1 on
mitochondria in SAD fibroblasts compared to healthy ones
(Figure 2(c)). Additionally, the mitochondrial surface was
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Figure 1: Downregulation of dynamics genes in AD brains. (a)-(b) Analysis of microarray expression in two independent data sets of genes
involved inmitochondrial fission (a) and fusion (b). Graphs show dot plots of the expression of the indicated genes using in upper row n = 253
samples from 84 patients, of which n = 56 are healthy subjects and n = 28 are AD patients retrieved from Berchtold data set [29] and in lower
row n = 47 controls and n = 32 AD brain samples from the Hisayama study data set [30]. Correspondent p value was determined by Student’s
t-test and is showed for each graph.
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Figure 2: Decreased fission and fusion protein levels in SAD cells. (a) Representative Western blot analysis and quantification of DLP1 in
healthy and SAD fibroblasts under basal conditions. (b) Representative confocal microscopy images showing TOMM20 in green and
DLP1 in red in basal conditions. (c) Quantification of the amount of DLP1 in mitochondria per cell in the images represented in (b).
(d) Quantification of mitochondrial surface measured by TOMM20 label per cell in the images represented in (b). (e)–(g)
Representative Western blot analysis and quantification of MFN2/mitofusin 2 (f) and STOML2 (g) in healthy and SAD fibroblasts under
basal conditions. Graphs show means and standard deviations of the healthy/AD age- and sex-matched couple samples: AG11020/AG05810
and AG11362/AG05809; AG07310/AG06869; AG05813/AG06263; AG07803/AG06262 (a)–(e) and AG11020/AG05810; AG11362/
AG05809; and AG07310/AG06869 (g). Scale bar: 40 μm. ∗p < 0 05.
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increased in SAD fibroblasts with respect to the healthy
ones (Figure 2(d)), as we have previously reported [26].
Finally, as it has been described for patients’ brain [40],
we have also observed diminished fusion protein levels such
as MFN2/mitofusin2 and STOML2 in SAD fibroblasts
(Figures 2(e), 2(f), and 2(g)). These data indicate that the
putative mitochondrial defect associated to AD may be also
found in fibroblasts.

3.3. Mitochondrial Dynamics Alteration in SAD Fibroblasts.
Abnormal mitochondrial distribution and morphology have
been described in SAD fibroblasts [38]. These data together
with the downregulation of mitochondrial dynamics proteins
previously described led us to conclude that mitochondrial
dynamics may be altered in SAD fibroblasts. To seek for a
possible functional defect in mitochondrial dynamics, we
studied a reversible process of mitochondrial fragmentation.
Healthy and SAD cells, which had similar growth rates, were
plated and infected with a lentivector encoding Mito-DsRed2
for better mitochondria visualization and treated with car-
bonyl cyanide m-chlorophenylhydrazone (CCCP). These
conditions induce a reversible depolarization of mitochon-
dria without causing any toxic effect, and the viability of
fibroblasts was not compromised (data not shown). The
analysis of the images was done by the Mitochondrial Net-
work Analysis (MiNa) toolset [31]. The patterns of mito-
chondria were classified into three categories according to
the length of the branches: filamentous, fragmented, and
intermediate (Figure 3(a); see Materials and Methods).
Analysis was carried out by the quantification of mitochon-
drial shape in all the different experimental conditions.
SAD and healthy cells exhibited similar mitochondrial
pattern under resting conditions (Figure 3(b)) where most
cells showed a filamentous and intermediate morphology.
Conversely, the mitochondrial morphology was mainly
fragmented when we treated the cells with CCCP for
7 h (Figure 3(c)).

Although there were no substantial differences in the
static pictures before and after CCCP treatment between
healthy and SAD fibroblasts, we sought for a possible alter-
ation during the process of fragmentation or fusion as a con-
sequence of the dynamic proteins’ downregulation as
described. With this aim, we carried out a time course analy-
sis of the mitochondrial morphology recovery over the time.
Thus, fibroblasts were treated with CCCP for 6 h (t =0h);
afterwards, they were allowed to recover during different
time points (Figure 3(d)). We saw that after CCCP removal,
there was a rapid initial recovery of filamentous morphology
of both healthy and SAD cells within the first 30min. How-
ever, after this time point, there was no recovery of filamen-
tous morphology in SAD cells in the following 30min,
contrary to healthy fibroblasts that exhibited a quicker
increase of filamentous mitochondria. Moreover, we
observed that both healthy and SAD fibroblasts recovered
the filamentous morphology over the time up to the percent-
ages of untreated cells (Figure 3(d), −360min). Thus, we
chose 1 h of recovery after CCCP treatment to analyze the
mitochondrial morphology recovery in all the control/SAD
fibroblasts couples used in this work (Figures 4(a), 4(b),

4(c), and 4(d)). As before, healthy and SAD cells exhibited
similar mitochondrial pattern under resting conditions
(Figures 4(a) and 4(b)) or after 7 h of CCCP treatment
(Figures 4(a) and 4(c)). However, after the reversible chal-
lenge with CCCP, SAD fibroblasts exhibited significantly
increased percentage of cells with fragmented mitochondria
with respect to their correspondent healthy fibroblasts, which
showed a significantly higher proportion of cells that had
recovered filamentous morphology (Figures 4(a) and 4(d)).
Additionally, we could observe that CCCP treatment induced
similar mitochondrial potential membrane (ΔΨm) loss in
healthy and SAD fibroblasts (Figure 4(e)). However, when
these cells were allowed to recover, only healthy fibroblasts
recovered ΔΨm up to the levels of untreated cells
(Figure 4(e)). On the contrary, SAD fibroblasts although
some increase of ΔΨmwas observed indicating that cells tend
to recover, there were no significant differences with respect
to total CCCP condition and still maintaining significant dif-
ferences with respect to untreated condition (Figure 4(e)).
These results suggest a delayed recovery of mitochondrial
filamentous morphology and membrane potential in SAD
fibroblasts after a reversible insult.

Then, we moved further into the morphological features
of mitochondria to study in detail the mitochondrial net-
work. We examined the mitochondrial network skeleton in
representative images of the three experimental conditions
(control, reversion and total CCCP) in both healthy and
SAD fibroblasts, and the network parameter values were then
calculated (Figure 5(a)). Although, there were no differences
in the number of individuals (puncta and rods mitochondrial
structures, Figure 5(b)) as well as networks (mitochondrial
structures with at least a single node and three branches,
Figure 5(c)) between healthy and SAD cells, we observed that
the treatment with CCCP increased the number of individ-
uals and networks in both cases (Figures 5(b) and 5(c)).
The augmented number of networks was related to the frag-
mentation of larger networks with more branches into many
smaller networks as it was reflected by the decreased number
of branches per network after the treatment with CCCP
(Figure 5(d)). Additionally, we analyzed the length of the
branches in each condition (Figure 5(e)). As expected, we
saw that the branch length was remarkably diminished after
the CCCP treatment in both cells lines (Figure 5(e)). Surpris-
ingly, we noticed that after 1 h of recovery without CCCP, the
length of the branches in SAD cells was the same than after
7 h of CCCP. In contrast, healthy fibroblasts exhibited a
recovery of the branch length up to the values of the
untreated condition, suggesting once again a delayed recov-
ery of the mitochondrial network in SAD cells (Figure 5(e)).

3.4. Increased Mitochondrial Aging in SAD Fibroblasts due
to Recycling Impairment. To investigate whether the mito-
chondrial dynamics failure could affect the quality of the
mitochondria, we analyzed the mitochondrial turnover in
healthy and SAD fibroblasts by using the MitoTimer tool.
With this aim, we cloned the MitoTimer gene [41] into a
lentiviral vector that encodes all the regulatory elements to
allow transgene expression activation in response to doxy-
cycline, pLVX-TetOne-Puro (631849, Clontech, CA, USA).
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MitoTimer provides a fluorescent readout which directly
relates to the mitochondrial turnover and quality control
described in several studies based on a time-sensitive fluo-
rescent protein [41–43]. It consists of the timer fluorescent
protein fused to the mitochondrial targeting sequence
of COX8A subunit, which targets MitoTimer to the

mitochondrial matrix. Timer, initially fluorescence green,
changes over time so the emission shifts from green to red.
Healthy and SAD fibroblasts were infected with the lentivi-
rus encoding MitoTimer and, after 48 h, transgene expres-
sion was induced by doxycycline treatment for 24 h, after
what CCCP was added during 24 h (Figure 6(a)). We
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Figure 3: Mitochondrial dynamics alterations in SAD fibroblasts. (a) Representative confocal microscopy images showing the three different
mitochondrial morphologies in which they will be classified followed by binary image and the subsequently morphological skeleton generated
by Mitochondrial Network Analysis (MiNa) toolset [31]. (b)–(c) Quantification of mitochondrial morphology of healthy and SAD couple
under basal conditions (b) and treated with 20 μM CCCP for 7 h (c). (d) Time course of the mitochondrial morphology recovery in
healthy and AD fibroblasts reversibly treated with CCCP. Mitochondrial morphology classification according to the length of the branches
in filamentous (branch> 2.3 μm), fragmented (branch< 1.8 μm), and intermediate (1.8≥ branch≥ 2.3 μm) patterns. Graphs represent the
data of AG11362/AG05809 healthy/AD age- and sex-matched couple. Scale bar: 40 μm.
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monitored by flow cytometry the amount of aged mito-
chondria measured by red fluorescence. After doxycycline
removal, aged mitochondria were increased similarly in both
healthy and SAD fibroblasts during the first 24 h (Figure 6(b),
24 h). However, the recycling of these aged mitochondria

was slightly faster in healthy cells with respect to SAD ones
(Figure 6(b), 48 h). When we boosted mitochondrial recy-
cling process by the addition of CCCP, we could observe
that aged mitochondria were diminished in healthy fibro-
blasts due to an efficient degradation of dysfunctional
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Figure 4: Delayed recovery of mitochondrial filamentous morphology in SAD fibroblasts. (a) Representative confocal microscopy images
showing the mitochondrial morphology of healthy and SAD fibroblasts untreated (control), after 7 h with 20 μM CCCP (total CCCP) or
after 6 h of CCCP treatment followed by 1 h without it (reversion). (b)–(d) Quantification of mitochondrial morphology of healthy-SAD
couples when the cells remain untreated (b), treated with CCCP for 7 h (c), or reversibly treated with CCCP (d). (e) Mitochondrial
membrane potential measured by TMRM of fibroblasts treated as in (a). Mitochondrial morphology classification according the length of
the branches in filamentous (branch> 2.3 μm), fragmented (branch< 1.8 μm), and intermediate (1.8≥ branch≥ 2.3 μm) patterns. n = 3
different healthy/AD sex- and age-matched couple samples: AG11362/AG05809, AG07310/AG06869, and AG11362/AG05809. Scale bar:
40 μm. ∗p < 0 05 and ∗∗p < 0 01; ns: not significant.
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mitochondria (Figure 6(c), 24 h healthy). Meanwhile, in
SAD fibroblasts, there was no degradation of aged mito-
chondria during the treatment with CCCP (Figure 6(c),
24 h SAD). After removal of CCCP, there were still signifi-
cant differences in the amount of aged mitochondria

between healthy and SAD fibroblasts (Figure 6(c), 48 h),
correlating with our previous results of a slower mitochon-
drial dynamics and membrane potential recovery. Our
results indicate that SAD fibroblasts exhibited aged mito-
chondria compared to healthy cells and the recycling
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Figure 5: Analysis of mitochondria network. (a) Representative images showing mitochondrial morphological skeleton obtained with MiNa
toolset [31] of healthy and SAD fibroblasts untreated (control), after 6 h of CCCP treatment followed by 1 h without it (reversion) or after 7 h
with 20 μMCCCP (total CCCP). (b)–(e) Quantification of number of individuals (b), networks (c), branches per network (d), or length of the
branches (e) of n = 3 different healthy/AD sex- and age-matched couple samples: AG11362/AG05809, AG07310/AG06869, and AG11362/
AG05809. ∗∗p < 0 01; ns: not significant.
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Figure 6: Continued.
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process was impaired. This result correlates with our pre-
vious work in which we have demonstrated a functional
impairment of autophagy and, more specifically, of mito-
phagy in this set of SAD fibroblasts [26].

3.5. Alzheimer’s Disease Patients Exhibit Reduced Expression
of Autophagy and Mitophagy-Associated Genes. Numerous
works have focused their efforts in the study of mitochondrial
recycling mechanisms due to their relevance in aging [44].
Mitochondrial fusion and fission processes are closely related
with the removal of damaged mitochondria executed by
mitophagy. Due to the fact that we have observed the
accumulation of aged mitochondria in SAD fibroblasts,
we wondered whether autophagy and mitophagy genes may
be altered in the two sets of samples where we previously
observed a downregulation of mitochondrial dynamics
genes. We observed that a high number of autophagy
associated genes such as Optineurin, ATG5, ATG12, Beclin1,
PI3K class III, and ULK1 (Figure 6(d)) and mitophagy
such as AMBRA1, BNIP3, BNIP3L, FUNDC1, VDAC1,
and VCP/P97 (Figure 6(e)) were downregulated in AD brain
with respect to healthy controls.

4. Discussion

4.1. Alteration of the Expression of Fission and Fusion-Related
Genes. Alzheimer’s is the most prevalent neurodegenerative
disease and is characterized by progressive dementia that ini-
tiates as short-term memory impairment. In the past decade,

a wide number of gene profiling analysis have been
performed in patient-derived postmortem brains as well as
peripheral tissues. These studies have revealed a narrow rela-
tionship of mitochondrial dysfunction, calcium signaling,
and neuroinflammation with AD pathology [1]. Particularly
interesting is the involvement of mitochondria in AD, in fact,
several lines of evidence propose mitochondrial anomalies as
one of the primary factors that lead to late-onset SAD pathol-
ogy [9, 45]. Here, we analyzed gene profiling data of genes
involved in mitochondrial dynamics and we could observe
a pleiotropic downregulation of gene expression of both
fission and fusion processes, correlative to other studies in
which diminished levels of these proteins have been demon-
strated in patients’ brain [40]. Accordingly, we have shown
that SAD fibroblasts exhibited lower levels of proteins
involved in fission-like DLP1 and fusion such as MFN2 and
STOML2. Other authors have shown that mitochondrial fail-
ure may arise from a deficient dynamic balance of mitochon-
drial fission and fusion that, in AD, is greatly shifted toward
fission, due to a defect in fusion. This may result in the pres-
ence of dysfunctional mitochondria in damaged neurons as
well as fibroblasts from AD patients characterized by their
accumulation into perinuclear areas [24, 25]. We confirmed
the downregulation of several fission genes, but also impor-
tant fusion genes such as MFN2 and OPA1 appeared down-
regulated, what had been demonstrated to inhibit this
process [46, 47]. Furthermore, fusion and fission proteins
have been found diminished in fibroblasts suggesting that
both processes are affected.
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Figure 6: Aged mitochondria due to defective mitochondrial recycling in AD. (a) Scheme of the function of lentiviral MitoTimer tool. (b)
Graph showing intensity of red fluorescence per cell measured by flow cytometry over timer in healthy and SAD fibroblasts previously
infected by a lentivirus encoding MitoTimer and treated for 24 h with doxycycline. (c) Graph representing a similar study but in the
presence of CCCP (20 μM) for 24 h after doxycycline removal. (b)–(c) Values represent means and standard deviations of the percentage
of red fluorescence intensity mean per cell (aged mitochondria) with respect to control condition that is the average of red fluorescence
intensity mean after doxycycline removal without CCCP (0 h time point) (n = 3 independent experiments using the healthy/SAD couple
AG01362/AG05859, †p < 0 08, and ∗p < 0 05). (d)–(e). Analysis of microarray expression of genes involved in autophagy (d) and
mitophagy (e). Graphs show dot plots of the expression of the indicated genes using in upper rows n = 253 samples from 84 patients, of
which n = 56 are healthy subjects and n = 28 are AD patients retrieved from Berchtold data set [29], and in lower rows n = 47 controls and
n = 32 AD brain samples retrieved from the Hisayama study [13]. Correspondent p value was determined by Student’s t-test and is
showed for each graph.
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4.2. Downregulation of Fusion and Fission Genes Lead to
Slower Dynamics. Vulnerable neurons in AD’s brain
exhibit significant reduction in mitochondrial length and
increased width with a significant augmented overall size
consistent with unopposed fission suggesting alterations
of mitochondrial dynamics [38, 48]. In agreement with these
findings, abnormal distribution of mitochondria was found
in pyramidal neurons of AD-affected individuals where
mitochondria were redistributed away from axons [40].
Accordingly, levels of fusion proteins OPA1, MFN1, and
MFN2 were significantly reduced, whereas levels of Fis1
were significantly increased in AD [40]. Primary hippo-
campal neurons treated with Aβ-derived diffusible ligands
(ADDLs) demonstrated shortened mitochondria in neu-
rons and alteration of fission and fusion proteins [40].
Moreover, time-lapse recordings in these neurons showed
impairment of both fission and fusion processes, with fusion
being more severely affected [40]. These authors discuss that
the observed imbalance of fusion and fission proteins does
not explain the observed time-lapse recordings where both
processes are affected. This last result correlates with our
observations of slower mitochondrial dynamics after the
addition and removal of CCCP.

Abnormal mitochondrial morphology had been previ-
ously found in fibroblasts from sporadic AD patients, where
they become significantly elongated and form a highly con-
nected network [38]. However, in our hands, we could not
detect significant differences in the number of individuals,
networks, branches per network, or length of the branches
of mitochondria between healthy and SAD fibroblasts. Only
increased mitochondrial surface was detected in SAD fibro-
blasts. This discrepancy in mitochondrial morphology with
the data reported in neurons may be due to variations in the
expression pattern of proteins involved in dynamics as well
as different mitochondrial function requirements between
both cell types. As we have seen a pleiotropic downregulation
of fusion and fission genes in brains, our functional study in
fibroblasts was focused in both processes. Accordingly, we
could observe that the whole dynamics system was affected.

The alteration in mitochondrial dynamics leads to severe
consequences in the cell such as structural changes in the
cristae formation and assembly of electron transport com-
plex compromising bioenergetics and causing calcium dys-
homeostasis, increased oxidative stress, mtDNA damage,
and synaptic dysfunction [25].

In addition to the defect observed in fusion/fission,
defects in mitochondrial mobility have also been observed
in AD causing a mitochondrial reduction in neurites [25].
Aβ induces a reduction in motile mitochondria [49], and
ADDLs impair anterograde and retrograde axonal transport
of mitochondria in hippocampal neurons [50]. We have also
observed the downregulation of many genes involved in
mitochondrial transport such as the family of dynactins
(DCTN1, 2, 3, 5, and 6), dyneins (DYNC1H1, DYNC1I1,
and DYNC1LI1), kinesins (KIF1B and KIF5C), and Miro
(data not shown). It has been described that PINK1 and
PARK2 target Miro for phosphorylation and degradation to
arrest mitochondrial motility keeping in quarantine damaged
mitochondria prior to their clearance by mitophagy [51].

Therefore, Miro downregulation may affect to the correct
segregation of dysfunctional mitochondria and its subse-
quently recycling.

4.3. Autophagy/Mitophagy Defect and the Resulting
Accumulation of Damaged Mitochondria. Numerous works
have demonstrated that autophagy is dysregulated in AD
pathology, even when autophagy induction has been consid-
ered a therapeutic target [52]. More recently, we have
reported mitophagy impairment in these patients’ brain
and peripheral tissue due to insufficient generation of
autophagic vesicles together with deficient PARK2 signaling,
leading to the accumulation of damaged mitochondria,
strong oxidative damage, and accumulation of polyubiquiti-
nated proteins [26]. Accordingly, we now report the down-
regulation of multiple genes involved in autophagy and
mitophagy that was accompanied by the accumulation of
aged mitochondria. For this study, we have developed a
new lentiviral vector that allows the induction of MitoTimer
tool [41, 53] under the control of doxycycline. Our vector has
the ability to infect any kind of cell independently of its pro-
liferative state and through a single virus infection achieves
the complete regulation of the transgene. This tool will allow
the study of mitochondrial aging as well as recycling in vitro
and in vivo in any cell or animal model.

5. Conclusions

Here, we report numerous data that reveal a deep deregula-
tion of mitochondrial homeostasis in Alzheimer’s disease.
We have observed a downregulation of mitochondrial fusion
and fission in the disease. Accordingly, mitochondrial
dynamics is slowed down in these patients’ fibroblasts after
an insult. This is accompanied by a downregulation of
autophagy and mitophagy genes together with the accumula-
tion of aged mitochondria which may be a cornerstone of
Alzheimer’s pathology due to their involvement in ROS pro-
duction, elevated calcium levels, and neuroinflammation
observed in these patients. Our data continue in fueling the
hypothesis that AD is an acceleration of aging caused by
malfunction of recycling.
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Blood-based bioenergetic profiling provides a minimally invasive assessment of mitochondrial health shown to be related to key
features of aging. Previous studies show that blood cells recapitulate mitochondrial alterations in the central nervous system
under pathological conditions, including the development of Alzheimer’s disease. In this study of nonhuman primates, we focus
on mitochondrial function and bioenergetic capacity assessed by the respirometric profiling of monocytes, platelets, and frontal
cortex mitochondria. Our data indicate that differences in the maximal respiratory capacity of brain mitochondria are reflected
by CD14+ monocyte maximal respiratory capacity and platelet and monocyte bioenergetic health index. A subset of nonhuman
primates also underwent [18F] fluorodeoxyglucose positron emission tomography (FDG-PET) imaging to assess brain glucose
metabolism. Our results indicate that platelet respiratory capacity positively correlates to measures of glucose metabolism in
multiple brain regions. Altogether, the results of this study provide early evidence that blood-based bioenergetic profiling is
related to brain mitochondrial metabolism. While these measures cannot substitute for direct measures of brain metabolism,
provided by measures such as FDG-PET, they may have utility as a metabolic biomarker and screening tool to identify
individuals exhibiting systemic bioenergetic decline whomay therefore be at risk for the development of neurodegenerative diseases.

1. Introduction

There is mounting evidence that blood-based respirometric
profiling can report on systemic bioenergetic capacity. Previ-
ous studies link mitochondrial parameters measured in
peripheral blood mononuclear cells (PBMCs), made up of
monocytes and lymphocytes, and platelets to various age-
related diseases and disorders such as AD, diabetes, and
frailty [1–6]. Our previous studies have shown that the respi-
rometric profiles of blood cells are related to features of aging
that are associated with morbidity and mortality, including

reduced physical ability and inflammation [7, 8]. More
recently, we reported that blood cell respirometry reflects
the bioenergetic capacity of highly metabolically active tis-
sues such as skeletal and cardiac muscles [9]. These studies
support potential diagnostic applications of minimally inva-
sive, blood-based measures of mitochondrial function [10].
The goal of this studywas to expandon this body of knowledge
by investigating the relationships of blood cell respirometry to
measures of brain bioenergetics and metabolism.

Highlymetabolically active tissues are particularly suscep-
tible to bioenergetic decline. The adult brain, which accounts
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for just~2%of total bodyweight, utilizes~20%of total bodyO2
consumption and ~60% of total body glucose and requires a
daily energy input of ~420 kcal [11, 12]. This exceptionally
high metabolic demand makes the brain remarkably sensitive
to the deleterious effects of mitochondrial dysfunction. In
2004, Swerdlow and Khan proposed the “mitochondrial cas-
cade hypothesis” for the development of sporadic late-onset
AD, stating that mitochondrial dysfunction is the primary
event leading to the deposition of senile plaques and neurofi-
brillary tangles that are hallmarks of this disease [13]. Over
the past decade, it has been increasingly recognized that
changes inmitochondrial function are apparent at the earliest
presymptomatic stages ofADand related to the progression of
disease [14].Multiple studies link the deposition of amyloid-β
(Aβ) to alterations in mitochondrial bioenergetics, for
example, depolarization, uncoupling of the electron transport
chain (ETC), reducedATP production, and increased reactive
oxygen species generation [15–18]. Studies of patients and
animalmodels indicate thatADis associatedwith the accumu-
lation of amyloid precursor protein (APP) and Aβ on brain
mitochondria, leading to bioenergetic changes [19–24].
Greater AD risk is associated with reduced cerebral glucose
metabolic rate, measured by [18F] fluorodeoxyglucose posi-
tron emission tomography (FDG-PET), which can appear
years before dementia onset [25, 26]. Thus, FDG-PET has
emerged as a powerful method for the early detection of AD
and may help differentiate mild AD from other forms of
dementia [27, 28]. A subset of primates utilized in this project
underwent brain FDG-PET imaging, providing us with a
unique opportunity to obtain preliminary data on the
relationships between blood cell respirometry and brain
glucose metabolism.

Multiple lines of evidence indicate that peripheral
mitochondrial dysfunction accompanies changes in brain
mitochondria in AD. Analysis of white blood cells from
patients with early AD shows that the expression of mito-
chondrial respiratory complex I–V genes and subunits of
the core mitochondrial ribosome complex are decreased
compared to controls [29]. The authors report that these dif-
ferences mirror changes observed in AD brains. Circulating
lymphocytes from patients with AD also exhibit a patholog-
ical pattern of mitochondrial dysfunction and increased
oxidative damage [30–32]. Platelet mitochondrial function
has been shown to be impaired in patients with mild
cognitive impairment (MCI) and AD compared to healthy
age-matched controls [1, 33, 34]. Several groups are now
exploring the use of blood cells for early diagnosis of AD
[35–37]. The goal of this project is to expand on this growing
body of knowledge by examining the relationships between
brain bioenergetics and metabolism with CD14+ monocyte
and platelet mitochondrial function.

First described in 1955, respirometry remains the gold
standard assessment of mitochondrial function and is able
to capture the cumulative effects of intrinsic and extrinsic
factors on bioenergetic capacity [29–31]. In this study, we
utilized mitochondrial respirometry to assess mitochondrial
function in circulating cells and isolated brain (frontal cortex)
mitochondria. The assessments were performed on nonhu-
man primates, representing various levels of cardiometabolic

health across young and old age groups. This broad selection
criterion was utilized in order to maximize potential differ-
ences in systemic bioenergetic capacity between animals. We
tested the hypothesis that the respirometric profile of circu-
lating cells reflects differences in systemic bioenergetic
capacity, including differences in brain bioenergetics and
metabolism. This hypothesis is based on the recognition that
blood cells are continuously exposed to circulating factors
such as inflammatory cytokines, redox stress [36], and
recently described mitokines [37], which can affect mito-
chondrial function across different tissues and organ systems.
Our goal is to examine blood-based bioenergetic profiling as a
potential biomarker for changes in brain metabolism that has
been linked to the development of neurodegenerative diseases
such as AD.

2. Materials and Methods

2.1. Animals. Female vervet/African green monkeys (Chloro-
cebus aethiops sabaeus) ranging in age from 8.2 to 23.4 years
were utilized for this study. Animals were socially housed in
stable groups of 11–49 in housing units with indoor and out-
door access of approximately 28m2 indoors and 111m2 out-
doors which contained perches, platforms, elevated climbing
structures, and a base composed of smooth stones. Prior to
the study, 7 of the 18 animals were moved to indoor housing
(pair- or individually housed). All animals were fed with a
standard monkey chow diet (Lab Diet 1538) that was sup-
plemented with fruits and vegetables 5 times per week.
Water was available ad libitum. Immediately prior to nec-
ropsy, blood samples were collected from anesthetized
animals. Frontal cortex tissues were taken during necropsy.

2.2. BodyMass and Blood Glucose. Body weight wasmeasured
at the time of necropsy. Fasting glucose was determined via an
autoanalyzer (ACEAlera) fromAlfaWassermannDiagnostic
Technologies (West Caldwell, NJ). These analyses were
performed in theWake Forest ComparativeMedicineClinical
Chemistry and Endocrinology Laboratory 4–12months prior
to necropsy.

2.3. Isolation of Blood Cells. Acid citrate dextrose (ACD)
tubes (Vacutainer; Becton Dickinson, Franklin Lakes, NJ)
were used to collect 8ml of blood from fasted monkeys.
Samples were maintained at room temperature and proc-
essed immediately to obtain platelet and CD14+ monocyte
populations. The method for isolating platelets and CD14+
monocytes has been described [38]. Whole blood was centri-
fuged at 500×g for 15 minutes in ACD tubes with no brake at
room temperature. Platelet rich plasma was removed and
centrifuged at 1500×g for 10 minutes to isolate platelets
which were washed in phosphate-buffered saline (PBS) with
prostaglandin E1 (PGE1; Cayman Chemical, Ann Arbor,
MI) and resuspended in extracellular flux (XF) assay buffer
(Seahorse Biosciences, North Billerica, MA) containing
1mMNa+ pyruvate, 1mMGlutaMAX (Gibco, Grand Island,
NY), 11mM D-glucose, and PGE1 (pH7.4). At the same
time, the peripheral blood mononuclear cell (PBMC) layer
was extracted, diluted in RPMI 1640 (Gibco), and layered
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onto 3mL of polysucrose solution at a density of 1.077 g/mL
(Sigma Histopaque®-1077, St. Louis, MO) in 15mL centri-
fuge tubes. This was centrifuged at 700×g for 30 minutes
with no brake to purify the PBMCs and remove red blood
cells. The purified PBMC layer was obtained and washed
in PBS. Finally, CD14+ monocytes were isolated using
CD14-labeled magnetic microbeads (Miltenyi Biotec, San
Diego, CA) according to the manufacturer’s instructions
using modified RPMI 1640+ fatty acid free bovine serum
albumin (BSA) media. Platelets and monocytes were
counted via a hemacytometer. Monocytes were washed
again, using the same buffer, and resuspended in XF
assay buffer without PGE1.

2.4. Respirometry of Blood Cells. Respirometry of blood cells
was carried out using the Seahorse XF24-3 extracellular flux
analyzer (Seahorse Bioscience, Agilent) with 250,000 mono-
cytes and ~25,000,000 platelets in quadruplicate [39]. The
methods of bioenergetic profiling have been described before
[40]. Basal oxygen consumption rate (OCR) measures were
monitored prior to any chemical additions. Then, sequential
additions of oligomycin (750 nM), carbonyl cyanide-4-
(trifluoromethoxy) phenylhydrazone (FCCP; 1μM), and
antimycin A+ rotenone (A/R; both 1μM) (all from Sigma-
Aldrich) were added with measurements taken after each.
FCCP stimulates the maximal OCR. The difference between
themaximal OCR and basal OCR is termed the reserve capac-
ity which has been reported on previously [41, 42]. The differ-
ence between basal and oligo is theATP-linkedOCR [43]. The
difference between the oligomycin-induced respiration
(oligo) and A/R is reported as leak respiration. The bioener-
getic health index (BHI) was calculated according to the
equation from Chacko et al. [38]. Monocyte respiration is
reported as pmol/min/250,000 cells and platelet respiration
was normalized to total protein content (mg), determined by
Pierce BCA assay (Thermo Fisher Scientific, Grand Island,
NY), and reported as pmol/min/mg protein.

2.5. FDG-PET Imaging. Animals were anesthetized with
ketamine for transfer to the imaging suite. Animals were then
intubated and maintained on isoflurane for the duration of
the imaging. An indwelling venous catheter was introduced
into the saphenous vein for continuous blood sampling
during scan acquisition and a second catheter placed in the
contralateral saphenous vein for the injection of 5mCi of
tracer. Blood samples were obtained at 3, 8, 16, 24, 35, and
55min after FDG infusion.

18F-FDG-PET imaging used the time frames 12× 10 sec,
8× 30 sec, 6× 4 min, and 3× 10 min, for a total length of
60min. PET images were preprocessed and coregistered to
T1-weighted anatomical magnetic resonance (MR) images
using a cross-modality 3D image fusion tool in PMOD 3.5.
MR imageswere acquired ona3TSiemens SkyraMRI scanner
using a 3D volumetric MPRAGE sequence (TR=2700msec;
TE=3.39msec; TI = 880msec; FA=8 degrees; and 160 slices,
voxel dimension=0.5× 0.5× 0.5mm). Coregistered PET
images were corrected for partial-volume effect with themod-
ifiedMüller-Gartnermethod. Using the PMOD3.5 pixel-wise
kineticmodeling tool, parametric images of cerebralmetabolic

rate of glucose (CMRg) were produced. CMR quantification
included an arterial input function, determined by tracing
regions of interest on the internal carotid arteries with the aid
of coregistered MR images. The lumped constant used for
the CMRg calculation was set to 0.344.

The CMR data for this study were processed with two
atlases. Data for components of the vervet anterior cingulate
cortex (Brodmann areas 24, 25, and 32), amygdala, and the
anterior/posterior hippocampus were defined with methods
described in [44]. Data for the frontal cortex were defined
from a well-established nonhuman primate atlas, UNC-
parcellation [45]. Complete methods for regional CMR
generation with the two atlases can be found at Maldjian
et al. 2015 [46].

2.6. Euthanasia. Ketamine (10–15mg/kg, IM) followed by
sodium pentobarbital (60–100mg/kg, IV) was the method
of euthanasia used to attain deep surgical anesthesia followed
by exsanguination in accordance with guidelines established
by the Panel on Euthanasia of the American Veterinary
Medical Association. All procedures were approved and
performed according to the guidelines of state and federal
laws, the US Department of Health and Human Services,
and the Animal Care and Use Committee of Wake Forest
School of Medicine.

2.7. Isolation of Mitochondria from the Frontal Cortex.
Methods of isolating mitochondria have been described pre-
viously and were modified slightly for frontal cortex samples
[47]. For each animal, ~50mg of tissue was minced into small
pieces and resuspended in Chappell-Perry buffer I (CP I)
containing ~1mg/ml Nagarse (Sigma-Aldrich) for 5 minutes
at room temperature. Frontal cortex samples were homoge-
nized by 6 strokes using a glass-on-glass dounce homoge-
nizer. The homogenate was washed with an equal volume
of CP I and 2x volume of CP II buffer by centrifuging at
600×g at 4°C for 10 minutes (Eppendorf Centrifuge 5804R,
Eppendorf AG, Hamburg, Germany). The supernatant was
then filtered through cheese cloth and subsequently centri-
fuged at 10,000×g at 4°C for 10 minutes using a Beckman
centrifuge, model J2-21M Induction drive centrifuge
(Beckman-Coulter, Inc., Brea, CA). The mitochondrial pellet
was washed twice more with the same conditions then resus-
pended inmitochondrial assay solution (mannitol and sucrose
buffer: MAS; sucrose 35mM, mannitol 110mM, KH2PO4
2.5mM,MgCl2 2.5mM,HEPES 1.0mM, EGTA 0.5mM, fatty
acid free BSA 0.10%, and pH7.4) prior to respirometry. The
protein content of the purified frontal cortex mitochondria
was determined by Pierce BCA assay (Thermo Fisher
Scientific, Grand Island, NY). From 50mg of tissue, ~500μg
of purified mitochondria was obtained.

2.8. Respirometry of Isolated Mitochondria. Respirometry of
frontal cortex-isolated mitochondria was performed using
the XF24-3 as previously described in other tissues [47, 48].
This protocol was optimized for respiration driven by
complex 2, which provides consistently higher values in
accordance with previous reports [48]. Chemical additions
were prepared in 1x MAS at 10x the final concentration
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required (2mM ADP, 2μM oligomycin, 6μM FCCP, and
2μM antimycin A). Isolated mitochondria (5μg) were plated
in quadruplicate in 50μl and attached via centrifugation at
2000×g at 4°C for 20 minutes. After centrifugation, 450μl
of 1x MAS containing succinate (10mM) and rotenone
(2μM) was gently added to each well to a total volume of
500μl. The respirometric profiling procedure first stimulates
maximal State 3 respiration with ADP, followed by inhibi-
tion of ATP synthase with oligo, providing the State 4o.
Then, FCCP is injected which uncouples the electron trans-
port chain to induce another measure of maximal respira-
tion. Finally, antimycin A is titrated to block the flow of
electrons at complex III and halt respiration. The respiration
of isolated mitochondria is reported as pmol/min/5μg
mitochondrial protein.

2.9. Statistical Analyses. Shapiro-Wilk tests ensured that all
variables were normally distributed. Pearson correlation
coefficients were assessed between all variables, and partial
correlations for age, weight, and glucose level were also
assessed. Analyses of monocyte and platelet respirometry
were focused on maximal uncoupled respiration induced
by FCCP, reserve capacity (calculated by subtracting basal
from maximal respiration), and BHI. In order to provide a
corresponding measure from contemporaneous respiromet-
ric profiling of brain mitochondria, analyses of frontal
cortex mitochondrial respiration were focused on maximal
uncoupled respiration induced by FCCP. Analyses of brain
metabolism by FDG-PET focused on multiple brain regions
in order to account for potential regional differences. Signif-
icance was set at an α-level of 0.05. The analyses were
performed (SPSS v22; Armonk, NY).

3. Results

3.1. Characterization of Primates. Female vervets were
selected to represent a wide range of metabolic health status
as evidenced by insulin resistance as well as body mass indi-
ces from lean to obese across young and old age groups. Age,
body weight, and fasting glucose are summarized in Table 1.
A total of 15 vervets were studied with a mean age of 15.2
years. Ages ranged from 8.2 to 23.4 years. The mean weight
of the animals was 4.8 kg, ranging from 3.3–6.9 kg. Fast-
ing plasma glucose level averaged 128.6mg/dL, ranging
from 61–319mg/dL. Bioenergetic characteristics of mono-
cytes, platelets, and isolated brain mitochondria are tabulated
in Table 2. Large standard deviations reflect the intended
diversity of our cohort.

3.2. Pearson and Partial Correlations betweenMonocyte/Platelet
Respiration and the Bioenergetic Capacity of Mitochondria

Isolated from the Frontal Cortex Tissue. Pearson correlation
coefficients were used to compare blood cell bioenergetic
parameters with brain-isolated mitochondrial respiration.
The relationships between monocyte respiratory parameters
(maximal OCR, reserve capacity, and OCR) and the maximal
respiration of mitochondria isolated from the frontal cortex
tissue are summarized in Table 3. Representative regression
plots are shown in Figure 1. Maximal FCCP-linked respiration
in monocytes was significantly positively correlated with max-
imal FCCP-linked respiration measured from brain mitochon-
dria (R = 0 59, p = 0 04). This relationship remained significant
even when controlling for age, body weight, and plasma
glucose concentration. Similar results are observed when
comparing monocyte reserve capacity to brain mitochondria;
however, statistical significance was only evident when
controlling for glucose (R = 0 65, p = 0 02). BHI was signifi-
cantly positively correlatedwith brainmitochondrial respiration

Table 1: Demographics: Chlorocebus aethiops sabaeus.

N = 15 Mean Range SD

Age (yrs) 15.2 8.2–23.4 6.20

Weight (kg) 4.8 3.3–6.9 0.88

Fasting glucose (mg/dL) 128.6 61–319 70.31

Table 2: Respiratory parameters for monocytes, platelets, and
isolated brain mitochondria.

Mean SD

Monocyte respiration (pmol/min/250,000 cells)

Basal 50.64 20.82

Maximal 98.65 42.80

Leak 6.25 9.30

Nonmitochondrial 22.08 14.02

Reserve 48.02 27.56

Bioenergetic health index 1.58 1.50

Platelet respiration (pmol/min/mg protein)

Basal 210.04 87.71

Maximal 419.93 161.31

Leak 17.95 28.38

Nonmitochondrial 85.92 20.76

Reserve 209.88 88.46

Bioenergetic health index 2.40 0.85

Brain-isolated mitochondria (pmol/min/5 μg
mitochondrial protein)

State 3 250.31 112.86

State 4o 66.01 46.83

Maximal FCCP-linked 268.42 102.87

Nonmitochondrial 22.58 42.50

Monocyte: N = 13; platelet: N = 15; isolated brain mitochondria: N = 15.

Table 3: Pearson and partial correlations between CD14+
monocyte and isolated brain mitochondrial respiration.

Frontal cortex mitochondria:
maximal respiration

Maximal Reserve BHI
R p R p R p

Pearson: 0.59 0.04 0.49 0.09 0.59 0.03

Partial correlations

Age 0.62 0.03 0.56 0.06 0.43 0.16

Body weight 0.62 0.03 0.56 0.06 0.42 0.17

Plasma glucose 0.65 0.02 0.65 0.02 0.58 0.05
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(R = 0 59, p = 0 03). This relationship was maintained when
controlling for glucose; however, only trends are maintained
when controlling for age and body weight.

Relationships between platelet respiratory parameters
and the maximal respiration of mitochondria isolated from
the frontal cortex tissue are summarized in Table 4. A
representative regression plot is shown in Figure 2. For
platelets, BHIwas significantly positively correlatedwithbrain
mitochondrial maximal respiration (R = 0 63, p = 0 01), even
when controlling for age, body weight, and plasma glucose
concentration. Interestingly, maximal OCR and reserve
capacity were not associated.

3.3. Pearson and Partial Correlations between Monocyte/
Platelet Respiration and Brain Glucose Metabolism. A subset
of 5 animals was analyzed for both CD14+ respiration and
brain metabolism by FDG-PET (summarized in Table 5). A
subset of 7 animals was analyzed for both platelet respiration
and brain metabolism (summarized in Table 6). Strong
trends for positive correlations between monocyte BHI and
FDG-PET were observed when controlling for age; statistical
significance was reached for the amygdala and frontal cortex
regions (R = 0 96, p = 0 04; R = 0 96, p = 0 04; resp.). For
platelets, reserve respiratory capacity and BHI were positively
correlated with FDG-PET measures in all brain areas

examined. Strong trends are apparent throughout, and statisti-
cally significant relationships were observed between reserve
capacity with the anterior cingulate cortex (Brodmann area
32), amygdala, and anterior hippocampus (R = 0 80, p = 0 03;
R = 0 79, p = 0 04; R = 0 78, p = 0 04; resp.). These relation-
ships remained statistically significant when controlling for
body weight.

4. Discussion

Blood-based bioenergetic profiling has been proposed to be a
minimally invasive indicator of mitochondrial health [9, 38].
While respirometric profiling of circulating cells is now being
utilized in various human studies, little is known about how
these measures relate to the bioenergetic capacity of various
tissues of interest. Using a nonhuman primate model, we
recently reported that the bioenergetic capacity of circulating
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Figure 1: Associations of CD14+ monocyte (a) maximal respiration (pmol/min/250,000 cells) and (b) BHI with the maximal respiratory
capacity of frontal cortex mitochondria (pmol/min/5 μg mitochondrial protein). Pearson’s correlations and p values for each association
are shown.

Table 4: Pearson and partial correlations between platelet and
isolated brain mitochondrial respiration.

Frontal cortex mitochondria:
maximal respiration

Maximal Reserve BHI
R p R p R p

Pearson −0.34 0.21 −0.05 0.86 0.63 0.01

Partial Correlations

Age −0.28 0.33 −0.01 0.98 0.67 0.01

Body weight −0.33 0.25 −0.10 0.73 0.58 0.03

Plasma glucose −0.31 0.28 −0.00 0.99 0.65 0.01

R = 0.63500
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Figure 2: Association of platelet BHI with the maximal
respiratory capacity of frontal cortex mitochondria (pmol/min/
5 μg mitochondrial protein). Pearson’s correlation and p value
are shown.

5Oxidative Medicine and Cellular Longevity



cells is significantly positively related to skeletal and cardiac
muscle bioenergetics. In this report, we focus on the brain,
the organ with the highest metabolic demand. We show for
the first time significant positive correlations between con-
temporaneous blood cell and brain mitochondrial respirom-
etry. Furthermore, brain glucose metabolism assessed by
FDG-PET imaging was similarly positively associated with
the bioenergetic profile of circulating blood cells.

Mitochondrial dysfunction is apparent in the patho-
physiology of various diseases and is widely recognized to
be a potential target for intervention. Bioenergetic deficits
may be the result of genetic abnormalities, acute disrup-
tions, or accumulated damage as is the case with chronic
diseases, including those associated with aging. Neuronal

mitochondrial dysfunction is particularly damaging, likely
due to the high metabolic demands of the brain. Numerous
studies have linked mitochondrial alterations to the devel-
opment of AD. Neuronal Aβ has been shown to directly
interact with mitochondria to inhibit complex IV of the
ETC [49]. Alterations in mitochondrial quality control pro-
cesses, such as mitochondrial fusion, fission, and autophagy,
are also associated with neurodegeneration and specifically
to AD [50–57]. Specificmitochondrial DNA (mtDNA)muta-
tions are related to cognitive function, AD status, and risk
[58–62]. These alterations can all contribute to bioenergetic
decline and alterations in brain metabolism associated with
AD. As a result, measures of brain metabolism are currently
being utilized to study the pathophysiology of AD and are

Table 5: Pearson and partial correlations between monocyte
respiration and brain glucose metabolism (FDG-PET).

FDG-PET: brain region
Maximal Reserve BHI
R p R p R p

Pearson

Area 24 0.46 0.44 0.26 0.67 0.40 0.50

Area 25 0.39 0.51 0.19 0.75 0.41 0.50

Area 32 0.50 0.39 0.28 0.64 0.43 0.46

Amygdala 0.42 0.48 0.23 0.71 0.28 0.65

Ant. hippocampus 0.46 0.44 0.31 0.61 0.26 0.68

Post. hippocampus 0.39 0.52 0.27 0.66 0.18 0.77

Frontal cortex 0.32 0.59 0.06 0.93 0.37 0.55

Partial for age

Area 24 0.46 0.54 0.16 0.84 0.92 0.08

Area 25 0.38 0.62 0.08 0.92 0.89 0.11

Area 32 0.50 0.50 0.19 0.81 0.93 0.07

Amygdala 0.45 0.55 0.08 0.92 0.96 0.04

Ant. hippocampus 0.49 0.51 0.20 0.80 0.91 0.09

Post. hippocampus 0.42 0.58 0.13 0.87 0.89 0.11

Frontal cortex 0.31 0.69 −0.12 0.88 0.96 0.04

Partial for weight

Area 24 0.11 0.89 0.04 0.96 0.36 0.64

Area 25 0.05 0.95 −0.02 0.98 0.36 0.64

Area 32 0.16 0.84 0.06 0.94 0.40 0.60

Amygdala −0.07 0.93 −0.07 0.93 0.20 0.80

Ant. hippocampus 0.07 0.93 0.10 0.90 0.17 0.83

Post. hippocampus −0.03 0.97 0.04 0.96 0.07 0.93

Frontal cortex −0.26 0.74 −0.35 0.65 0.32 0.68

Partial for plasma glucose

Area 24 0.46 0.54 0.28 0.72 0.41 0.59

Area 25 0.40 0.61 0.21 0.79 0.41 0.59

Area 32 0.51 0.50 0.31 0.69 0.45 0.56

Amygdala 0.46 0.55 0.32 0.68 0.33 0.68

Ant. hippocampus 0.47 0.53 0.36 0.64 0.27 0.73

Post. hippocampus 0.41 0.59 0.33 0.67 0.20 0.80

Frontal cortex 0.39 0.61 0.18 0.82 0.45 0.55

Areas 24, 25, and 32 = Brodmann areas (anterior cingulate cortex);
Ant. = anterior; Post. = posterior; N = 5.

Table 6: Pearson and partial correlations between platelet
respiration and brain glucose metabolism (FDG-PET).

FDG-PET: brain region
Maximal Reserve BHI
R p R p R p

Pearson

Area 24 0.55 0.20 0.72 0.07 0.74 0.06

Area 25 0.50 0.25 0.67 0.10 0.73 0.06

Area 32 0.65 0.11 0.80 0.03 0.75 0.05

Amygdala 0.67 0.10 0.79 0.04 0.70 0.08

Ant. hippocampus 0.64 0.12 0.78 0.04 0.74 0.06

Post. hippocampus 0.59 0.16 0.73 0.06 0.72 0.07

Frontal cortex 0.56 0.19 0.68 0.09 0.58 0.17

Partial for age

Area 24 0.47 0.35 0.67 0.14 0.70 0.12

Area 25 0.41 0.42 0.62 0.19 0.69 0.13

Area 32 0.57 0.24 0.76 0.08 0.70 0.12

Amygdala 0.54 0.27 0.71 0.11 0.58 0.22

Ant. hippocampus 0.51 0.30 0.71 0.12 0.65 0.17

Post. hippocampus 0.43 0.39 0.64 0.17 0.60 0.21

Frontal cortex 0.45 0.38 0.60 0.21 0.47 0.35

Partial for weight

Area 24 0.66 0.15 0.79 0.06 0.76 0.08

Area 25 0.60 0.21 0.74 0.10 0.74 0.09

Area 32 0.72 0.11 0.83 0.04 0.75 0.09

Amygdala 0.72 0.10 0.81 0.05 0.70 0.12

Ant. hippocampus 0.70 0.12 0.81 0.05 0.74 0.09

Post. hippocampus 0.66 0.16 0.77 0.08 0.72 0.11

Frontal cortex 0.66 0.15 0.74 0.09 0.58 0.23

Partial for plasma glucose

Area 24 0.57 0.25 0.73 0.10 0.74 0.09

Area 25 0.50 0.31 0.68 0.14 0.73 0.10

Area 32 0.65 0.16 0.80 0.06 0.75 0.09

Amygdala 0.68 0.14 0.80 0.06 0.71 0.12

Ant. hippocampus 0.64 0.17 0.78 0.07 0.74 0.09

Post. hippocampus 0.60 0.21 0.74 0.09 0.72 0.11

Frontal cortex 0.58 0.22 0.72 0.11 0.60 0.21

Areas 24, 25, and 32 = Brodmann areas (anterior cingulate cortex);
Ant. = anterior; post. = posterior; N = 7.
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widely recognized to have important diagnostic implications.
The study reported here provides the first evidence suggesting
that brain mitochondrial metabolism may be related to the
bioenergetic profiles of blood cells.

Previous studies employing blood cell respirometry have
focused on heterogeneous cell populations such as mixed
peripheral blood mononuclear cells (PBMCs). In order to
avoid the potential confounding effects of changes in PBMC
cellular composition, this study focused on purified CD14+
monocytes. It is notable that a recent large-scale study of
CD14+ monocytes from 1264 individuals reported that
networks of genes related to oxidative phosphorylation and
mitochondrial protein synthesis were differentially expressed
based on chronological age [63]. We also performed respira-
tory analyses on platelets which are readily available and easy
to isolate. Several groups are already exploring the potential
utility of platelets in the diagnosis of diseases such as AD.
Moreover, a recent study has reported that platelet bioener-
getic capacity is related to AD status [34].

Blood-based bioenergetic profiling is not a surrogate for
direct measures of brain metabolism. Rather, it may serve
as a cost-effective screening tool to identify patients who
may be more likely to exhibit neuronal bioenergetic deficits,
based on systemic changes in mitochondria function. Our
results indicating that blood-based bioenergetic profiling is
related to FDG-PET measures of brain glucose metabolism
were obtained from a small subset of primates and should
be considered preliminary. A large-scale study is underway
to confirm these findings in human subjects.

Our predetermined selection criteria were focused on
maximizing differences in age and cardiometabolic health
between animals. Hence, we include analyses controlling
for age, body weight, and blood glucose in this report. Our
sample size is not adequate to study the individual or interac-
tive effects of each of these parameters. As designed, differ-
ences in cardiometabolic health were apparent across our
younger as well as older animals. Indeed, comparing body
weight and blood glucose between younger and older animals
showed no statistical significance and a high level of variabil-
ity. Larger scale future studies are required in order to deter-
mine how age, obesity, and insulin sensitivity/resistance are
individually related to blood and brain bioenergetics.

5. Conclusions

Our data provide evidence that blood-based bioenergetic
profiling can serve as a minimally invasive measure of
systemic bioenergetic capacity that is positively related to
measures of brain mitochondrial function and metabolism.
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Human mitochondrial DNA (mtDNA) variants and haplogroups may contribute to susceptibility to various diseases and
pathological conditions, but the underlying mechanisms are not well understood. To address this issue, we established a
cytoplasmic hybrid (cybrid) system to investigate the role of mtDNA haplogroups in human disease; specifically, we examined
the effects of East Asian mtDNA genetic backgrounds on oxidative phosphorylation (OxPhos). We found that mtDNA single
nucleotide polymorphisms such as m.489T>C, m.10398A>G, m.10400C>T, m.C16223T, and m.T16362C affected mitochondrial
function at the level of mtDNA, mtRNA, or the OxPhos complex. Macrohaplogroup M exhibited higher respiratory activity
than haplogroup N owing to its higher mtDNA content, mtRNA transcript levels, and complex III abundance. Additionally,
haplogroup M had higher reactive oxygen species levels and NAD+/NADH ratios than haplogroup N, suggesting difference in
mitonuclear interactions. Notably, subhaplogroups G2, B4, and F1 appeared to contribute significantly to the differences
between haplogroups M and N. Thus, our cybrid-based system can provide insight into the mechanistic basis for the role of
mtDNA haplogroups in human diseases and the effect of mtDNA variants on mitochondrial OxPhos function. In addition,
studies of mitonuclear interaction using this system can reveal predisposition to certain diseases conferred by variations in mtDNA.

1. Introduction

Mitochondria are cytoplasmic organelles of eukaryotic cells
with a double membrane and tortuous cristae structure that
generate the bulk of ATP for cellular process including DNA
decoding, kinase activation, and nutrient transport. ATP is
produced in mitochondria via the oxidative phosphorylation
(OxPhos) system, a functional unit located in the inner mito-
chondrial membrane. In mammals, the OxPhos machinery
consists of five protein complexes—complex I (NADH:qui-
none oxidoreductase), complex II (succinate dehydrogenase),
complex III (ubiquinol-cytochrome c reductase), complex IV
(cytochrome c oxidase), and complexV (ATP synthase)—and
two small molecules (coenzyme Q10 and cytochrome c).
Components of all OxPhos complexes, with the exception of
complex II, are mitochondrially encoded. Therefore, genetic

variations in the mitochondrial genome can impact human
health and disease.

Human mtDNA is double-stranded and circular with a
length of 16,569 bp; it contains 37 genes, encoding 13 pro-
teins of the OxPhos machinery and 22 tRNAs and two
rRNAs for mitochondrial translation. mtDNA mutations
cause changes in OxPhos system function, which have been
implicated in various neuromuscular disorders such as Leigh
syndrome and myoclonic epilepsy with ragged red fibers
(MERRF) [1]. On the other hand, hundreds of mtDNA single
nucleotide polymorphisms (SNPs) that can lead to nondele-
terious alterations in OxPhos function have survived selec-
tive forces exerted by environmental factors and random
drift during evolution [1].

A haplogroup is defined by variations in human mito-
chondrial DNA (i.e., SNPs) that are fixed and share a
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common ancestry. mtDNA haplogroups and their character-
istic SNPs—for example, m.10398A/G [2], m.5178C/A [3],
and m.152T/C [4]—can be advantageous or detrimental
and have been implicated in a number of diseases and path-
ological conditions, including cancer [5], aging [6], diabetes
[7], osteoarthritis [8], schizophrenia [9], and Leber’s heredi-
tary optic neuropathy [10]. A phylogenetic tree of L3 subha-
plogroups that migrated from Africa to East Asia [11, 12]
revealed that many of the subclades were associated with
metabolic and degenerative diseases [13, 14]. The link
between mtDNA haplogroup/SNPs and disease has been
attributed to possible changes in mitochondrial reactive oxy-
gen species (ROS) levels, respiration capacity, and ATP pro-
duction [15, 16]. Functional analysis of mtDNA SNPs
identified a common mtDNA variation, m.9821insA/AA,
that affected mitochondrial ROS generation and OxPhos in
mouse cells [17], while another showed that mtDNA hap-
logroups influence phenotypic variability in mice [18]. We
and others have used transmitochondrial cytoplasmic
hybrids (cybrids) to investigate the effects of mtDNA
haplogroups/SNPs on disease conditions in human cells.
Haplogroups related or unrelated to disease were fused with
human 143B osteosarcoma cells lacking mtDNA rho zero
(ρ0) cells [19], respectively. The effects of East Asian hap-
logroups/SNPs G versus B4 on osteoarthritis [15] and
m.8584A/10398G versus m.8584G/10398A on Parkinson’s
disease [20] and of haplogroup B4 versus D4 on diabetes
[14] and haplogroup B4 and E on biliary atresia [21] have
been analyzed. However, mitochondrial function profile of
the entire mtDNA phylogenetic tree was not reported.

To this end, in the present study, we used transmitochon-
drial technology to construct 21 cybrid cells representing
different haplogroups to cover the entire Han Chinese
mtDNA phylogenetic tree. The mtDNA phylogeny of the
Han population, the largest ethnic group in China, is repre-
sentative of that of all East Asian mtDNA phylogeny. We
analyzed respiratory activity, mtDNA copy number, and
retrograde signaling molecules in cybrid cells to define the
spectrum of mitochondrial OxPhos in East Asian mtDNA
haplogroups and to provide a foundation for mitochondria-
based evolutionary medicine.

2. Materials and Methods

2.1. Generation of Cell Lines and Culture Conditions. 143B ρ0
human osteosarcoma cells lacking mtDNA were cultured in
high-glucose Dulbecco’s modified Eagle’s medium (DMEM,
Thermo Fisher Scientific, Waltham, MA, USA) containing
10% fetal bovine serum (Thermo Fisher Scientific), 100μg/
ml pyruvate, and 50μg/ml uridine. Cybrids were formed by
fusing 143B ρ0 cells and platelets from healthy individuals
with different haplotypes [15]. Cybrid clones were cultured
in high-glucose DMEM containing 10% fetal bovine serum
at 37°C in an atmosphere with 5% carbon dioxide.

2.2. mtDNA Sequencing, Genotyping, and Rebuilding the
mtDNA Phylogenetic Tree. A total of 21 volunteers (mean
± SD: age 22± 0 years; 14 women and eight men) with differ-
ent mtDNA haplotypes were recruited from the medical

examination center of the First Affiliated Hospital of
Wenzhou Medical University. Written informed consent
was obtained from each participant. The study protocol was
approved by the Ethics Committee of Wenzhou Medical
University. Genomic DNA from the volunteers was extracted
using sodium dodecyl sulfate (SDS) lysis buffer as described
previously [8]. Sanger sequencing was performed for the
entire mtDNA of each individual on an ABI 3730XL system
(Thermo Fisher Scientific) with 24 primer pairs [15].
Detailed mtDNA haplotypes were annotated for each subject
based on an established mtDNA tree [11, 12]. A phylogenetic
mtDNA tree was reconstructed from the data derived from
the 21 subjects according to an established East Asian
mtDNA tree [11].

2.3. Quantification of mtDNA Copy Number. To determine
mtDNA copy number, cells were incubated in SDS lysis
buffer for more than 12 hours prior to genomic DNA extrac-
tion [22]. The ΔΔCT was used to determine the relative
values of mtDNA copy number [23]. Briefly, Ct values gener-
ated from mtDNA were normalized to the housekeeping
gene 18sDNA (2 [Ct mtDNA–Ct 18sDNA]). Relative
mtDNA copy number for each cybrid was obtained by com-
paring to the average Ct value of mtDNA from 21 cybrids (2
[average Ct mtDNA−[Ct mtDNA–Ct 18S DNA]]). Real-time
PCR was performed on an ABI Step-One Plus Real-Time
PCR System (Thermo Fisher Scientific) using SYBR Green
qPCR Mastermix (Takara Bio, Dalian, China) and the fol-
lowing primers were used: human mtDNA (human-tRNA
leucine 1+ transcription terminator + 5S-like sequence),
forward, 5′-CACCCAAGAACAGGGTTTGT-3′ and reverse,
5′-TGGCCATGGGTATGTTGTTAA-3′ and human nuclear
DNA (18s ribosomal DNA), forward, 5′-TAGAGGGACA
AGTGGCGTTC-3′ and reverse, 5′-CGCTGAGCCAGTCA
GTGT-3′. The efficiency of the primers was 90%–110%.

2.4. Quantitative Reverse Transcriptase PCR Analysis. RNA
was extracted from cybrids with Trizol reagent [24]. Total
RNA (5μg) was reverse-transcribed into cDNA using an
RNA reverse transcription kit (Takara Bio). Briefly, Ct values
generated from mtRNA were normalized to that of the
housekeeping gene 18S rRNA (2 [Ct mtRNA−Ct18srRNA]).
The relative mtRNA level was obtained for each cybrid by
comparing to the average Ct value of mtRNA from 21
cybrids (2 [average Ct mtRNA−[Ct mtRNA–Ct 18S
RNA]]). Three sets of primers were used to determine
the level of mtDNA transcripts started at the L, H1, and
H2 promoters. The primer sets were as follows: (1) L
strand: forward, 5′-GGTAGAGGCGACAAACCTACCG-3′
and reverse, 5′-TTTAGGCCTACTATGGGTGT-3′ [25]; (2)
H1 strand: forward, 5′-GGCCAACCTCCTACTCC-3′ and
reverse, 5′-GATGGTAGATGTGGCGGGTT-3′ [26]; and (3)
H2 strand: forward, 5′-AGCCACTTTCCACACAGACAT
C-3′ and reverse, 5′-GTTAGGCTGGTGTTAGGGTTCT-3′
[26]. Target mRNA levels were normalized against that of
18S rRNA. The 18S rRNA primers used were as follows:
forward, 5′-GACGATCAGATACCGTCGTA-3′ and reverse,
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5′-TGAGGTTTCCCGTGTTGAGT-3′. Data obtained from
qRT-PCR were analyzed with the ΔΔCT method.

2.5. Mitochondrial Protein Preparation, Blue Native PAGE,
and Immunoblotting. Mitochondrial proteins were isolated
from cultured cells using 2% Triton-20 (Sigma-Aldrich, St.
Louis, MO, USA) [27]. Proteins (30–60μg) mixed with
0.5% Blue G-250 (Sigma-Aldrich) and 5% glycerol were run
on 3%–11% gradient blue native gels [27]. Antibodies against
gene associated with retinoic-interferon-induced mortality
19, succinate dehydrogenase complex, subunit A, ubiquinol-
cytochrome C reductase core protein 2, cyclooxygenase IV,
and ATP synthase subunit 5α (all fromMitoSciences, Eugene,
OR, USA) were used to detect mitochondrial OxPhos com-
plexes. Antibodies against voltage-dependent anion channel
(Cell Signaling Technology, Danvers, MA, USA) and actin
(Santa Cruz Biotechnology, Dallas, TX, USA) were used for
loading controls. All primary antibodies were used at dilu-
tions of 1 : 1000. Alkaline phosphatase- or horseradish
peroxidase-conjugated anti-mouse IgG (both from Cell
Signaling Technology) and anti-rabbit IgG (Thermo Fisher
Scientific) secondary antibodies were used at 1 : 2000 dilution.
Immunoreactivity was detected with the Super Signal West
Pico chemiluminescence reagent (Thermo Fisher Scientific)
or 5-bromo-4-chloro-3-indolyl phosphate/nitro blue tetrazo-
lium substrates (Sigma-Aldrich). Signal of luminol-based
enhanced chemiluminescence was detected using ChemiDoc
imaging system (Bio-Rad, Hercules, CA, USA). Integrated
optical density (IOD) quantification of immunoblots was
performed using a Gel-Pro Analyzer 4.0 (Media Cybernetics,
Warrendale, PA, USA).

2.6. Measurement of Endogenous Oxygen Consumption.
Endogenous oxygen consumption of intact cells was deter-
mined using a Clark-type oxygen electrode (OROBOROS,
Innsbruck,Austria) asdescribedpreviously [28].After record-
ingbasal respiration, oligomycin (0.1mg/mL) (ThermoScien-
tific, Waltham, MA, USA) was added to detect uncoupling
respiration. The standard protein content wasmeasured using
a BCA kit (Thermo Scientific, Waltham, MA, USA) to adjust
experimental results.

2.7. Measurement of NAD+/NADH and Mitochondrial ROS.
The NAD+/NADH ratio was detected in cultured cells with
an NAD+/NADH ratio assay kit (Abcam, Cambridge, MA,
USA) [15]. Briefly, cells were washed with phosphate-
buffered saline (PBS) buffer and lysed with lysis buffer for
15 minutes at room temperature. Then, the NAD and NADH
extraction reagents were added and the reaction was pro-
ceeded at room temperature for 15 minutes. PBS was used
as blank control, and the fluorescence signal was measured
after 30minutes in conditions of excitation (540 nm) and
emission (590 nm) with a Varioskan™ Flash Multimode
Reader (Thermo Scientific, Waltham, MA, USA). Mito-
chondrial ROS were measured according to a previously
published protocol [15]. Briefly, cells were washed with
Hank’s buffered salt solution (HBSS) and incubated with
HBSS containing 5μM Mito SOX (Thermo Scientific,
Waltham, MA, USA) at 37°C for 20 minutes. Cells were

washed three times with HBSS, and fluorescence signal
was detected using a Varioskan Flash Multimode Reader
(Thermo Scientific, Waltham, MA, USA) under the condi-
tions of excitation (488 nm) and emission (530 nm).

2.8. Fluorescence Microscopy of Mitochondrial Morphology.
Cells were incubated with 500 nMMitoTracker Red (Thermo
Scientific, Waltham, MA, USA) for 30minutes and fixed for
15 minutes with 4% paraformaldehyde at room temperature.
The cells were then permeabilized with 0.2% Triton X-100
(Sigma, St. Louis, MO, USA), stained with DAPI (Thermo
Scientific, Waltham, MA, USA), and observed using an
Olympus imaging system (Olympus FV1000, Melville, NY,
USA). The length and complexity of the mitochondria were
determined by measuring the form factor (FF) and aspect
ratio (AR), respectively [29].

2.9. MMP Measurements. MMP was determined using the
cationic fluorescent redistribution dye TMRM (Thermo
Scientific, Waltham, MA, USA) as described previously
[30]. Briefly, in the nonquenching mode, cells were incubated
with 30 nM TMRM in a 37°C CO2 incubator for 30min.
Cells were washed three times with HBSS, and fluorescence
signal was detected using a Varioskan Flash Multimode
Reader (Thermo Scientific) under the conditions of excita-
tion (350 nm) and emission (461 nm).

2.10. Statistical Analysis. Results are expressed as mean
± SEM and were analyzed with the Mann–Whitney U test
using SPSS v.17.0 software (IBM, Armonk, NY, USA). Statis-
tical analysis was performed only when specific SNPs were
identified in three or more cybrids. For relative comparisons,
results obtained from one cybrid were compared to the
average value of all 21 cybrids. P < 0 05was considered statis-
tically significant.

3. Results

3.1. Generation of Cybrid Cell Lines Covering the Major East
Asian mtDNA Haplogroups. To investigate the effects of East
Asian mtDNA haplogroups on OxPhos, we generated cybrid
cell lines containing different mtDNA haplogroups in the
same osteosarcoma 143B nuclear background from Han
Chinese, a population that comprises most East Asian
haplogroup. Based on the mtDNA haplogroup classification
tree [31, 32], 21 cybrid cell lines with D, G, M8, M7, A, N9,
B, and R9 basal mtDNA haplogroups were generated to cover
the commonmtDNAmacrohaplogroups of China, excluding
two small clades [33], M9 and M10, enriched in Tibet
(Figure 1). Four of the cybrid cell lines with haplogroups B4
and G were previously generated in our laboratory [15].
Entire mtDNA from cybrid cell lines was subject to Sanger
sequencing and aligned to the mtDNA revised Cambridge
Reference Sequence (rCRS, GenBank accession number
NC_012920). An mtDNA phylogenetic tree was then recon-
structed based on these sequencing results and the existing
phylogenetic tree [12, 31, 32]. We detected 79, 160, and 31
variants in the D-loop, coding region, and tRNA/rRNAs,
respectively, in the 21 cybrid cell lines (Figure 2 and Table S1
available online at https://doi.org/10.1155/2017/1062314).
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Figure 2: Relocation of mtDNA variants of 21 cybrids in the mtDNA tree. Blue and green colors represent control and coding regions,
respectively. Nonsynonymous variants are shown in green and are underlined. The hatch marks indicate RNA variations, and the red box
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Most variants detected in this study can be retrieved as
SNPs in published databases (e.g., mitomap, mtdb, and
mtSNP) except m.4935G>A (Thr-Ala, ND2), a novel
mutation of the B4a2b1 haplogroup identified in this
study. However, this variant does not affect OxPhos
function [15].

3.2. mtDNA Copy Number Variation in Different mtDNA
Haplogroups. To analyze the effects of mtDNA haplogroups
and their expression on the regulation of OxPhos complexes,
we determined mtDNA copy number and transcriptional
profiles by quantitative real-time PCR in the 21 cybrid cell
lines. Nonsynonymous mutations were identified in 146 of
the 270 identified SNPs. mtDNA copy number was lower
in cybrids containing 4 SNPs (m.249del, m.13708A,
m.13928C, and m.16304C) and higher in those containing
the SNPs m.489C, m.8701G, m.10398G, and m.10400T as
compared to than in cybrids containing rCRS bases (Table
S2). It is worth noting that six of these eight SNPs
(m.489C, m.8701G, m.13708A, m.13928C, m.16304C, and
m.10400T) are unique diagnostic SNPs of a specific mtDNA
haplogroup in East Asia, whereas 10398G and m.249del are
representative SNPs of two more haplogroups, suggesting
that a different mtDNA haplogroup contributed to the dif-
ference in mtDNA copy number. Additionally, m.16223T
and m.16266A showed slightly higher and lower mtDNA
copy number, respectively, as compared to cybrids contain-
ing rCRS bases. To be noted, most mtDNA copy number
variations were minor (<30%).

We analyzed macrohaplogroups M and N using marker
SNPs unique to East Asian haplogroups. mtDNA copy num-
bers were 25% higher in cybrid cell lines with haplogroup M
than in those with haplogroup N (Figure 3). The higher
mtDNA copy number in haplogroup M was largely due to
subhaplogroups M7b1a1 and M7b1a1b (both contributing a
1.51-fold difference) (Figure 3). Conversely, cybrids with
subhaplogroup F1a containing m.16162G exhibited lowest
mtDNA copy number and contributed to the greatest degree
to the lower mtDNA copy number of haplogroup N
(Figure 3). In addition, diagnostic SNPs of haplogroup M
(m.489C, m.10398G, and m.10400T) showed a significantly
higher mtDNA copy number than cybrids containing rCRS
bases (Table S2).

3.3. Profiles of mtRNA and OxPhos Complex Levels in Cells
with Different mtDNA Haplogroups. Next, we evaluated the
expression of mtRNA in cybrid cells with different hap-
logroups. By measuring the mRNA levels of 16S sRNA,
ND1, and 7S RNA from the primary transcripts of H1, H2,
and L strands, respectively. The L strand encodes ND6 and
eight tRNAs; its relative mRNA levels varied from 0.28 to
4.36, which were higher for m.16362C than for m.16362T
(Table S3). H1 encodes 12S rRNA, 16S rRNA, and two
tRNAs; relative H1 strand transcript levels varied from 0.47
to 2.17, which were lower for m.3010A than for m.3010G,
while higher H1 transcript levels were observed for m.709A
than for m.709G (Table S3). Relative transcript levels of the
H2 strand, which encodes 12 tRNAs and 12 OxPhos sub-
units, varied from 0.56 to 1.74. Although H2 transcript

levels were higher in cybrids containing the five SNPs
m.489C, m.8701G, m.10398G, m.10400T, and m.16223T
and lower in those containing m.16519C versus their rCRS
bases (Table S3), H2 strand transcripts showed fewer
variations than L and H1 strands. These results suggest
that mtDNA transcription did not change significantly
during mtDNA evolution. Additionally, most mtRNA
transcription-related SNPs were diagnostic SNPs of
mtDNA haplogroups.

For haplogroups, we found that both L strand and H1
strand transcripts did not differ significantly between macro-
haplogroups M and N (Figures 4(a) and 4(b)). However, L
strand in haplogroup G2a is extremely higher than other
haplogoups (Figure 4(a)). Transcriptional levels of the H2
strand in cybrid cell lines with haplogroup M increased
significantly compared with those of haplogroup N
(Figure 4(c)). Furthermore, M7b1a1b had the highest H2
transcripts in macrohaplogroup M, whereas the H2 tran-
scripts in B4a and F1a were lowest in macrohaplogroup N
(Figure 4(c)). However, the average increase of H2 tran-
scripts in haplogroup M could be less than 20% compared
with that of haplogroup N. Taken together, these results
show that mtDNA genetic background does affect mtRNA
transcription, but that the effect is limited.

Next, we examined individual OxPhos complexes I, III,
IV, and V components using blue native PAGE in Triton
X-100 solubilized whole cells andWestern blot analysis. Both
mtDNA copy number and mtRNA transcription were signif-
icantly affected in cybrid cells with haplogroups M and N.
Moreover, our analysis showed that the level of complex III
was significantly higher in haplogroup M than in haplogroup
N, while complexes I, IV, and V were similar between these
two haplogroups (Figure 5).

3.4. Mitochondrial Function in Cells Harboring Different
mtDNA Haplogroups. To determine whether mitochondrial
function in cybrid cells was affected by difference in mtDNA,
mtRNA, and OxPhos complex profiles, we measured endog-
enous oxygen consumption in cells harboring different
mtDNA haplogroups. The respiration assays revealed that
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haplogroup N. Scatter plots represent mtDNA level relative to the
average value for 21 cybrids. Data represents mean± SEM of at
least two independent experiments with 3 replicates each per
cybrid. ∗P ≤ 0 05.
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seven SNPs significantly affected basal mitochondrial respi-
ration. Of these, six and one SNPs were associated with lower
and higher respiration activity, respectively, as compared
with cybrids containing rCRS bases (Table S4). It is worth
noting that three SNPs related to high basal respiration were
diagnostic SNPs of haplogroup M (m.489C, m.8701G, and

m.10400T). Basal respiration rates in cybrids harboring these
seven SNPs ranged from 8.36 to 20.62 nmol/min/mg protein.
Furthermore, oxygen consumption in the presence of
oligomycin, an ATPase proton channel blocker, showed that
four (m.489C, m.8701G, m.10400T, and m.16223T) and one
(m.16519C) SNPs associated with higher and lower
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Figure 5: Respiratory chain complex III protein expression is higher in haplogroup M than in haplogroup N. Whole cell extracts of
mitochondrial respiratory complex from 21 cybrid cell lines were solubilized in Triton-100 at a final concentration of 2% and subjected to
blue native PAGE/immunoblot analysis. Complex I, complex II, complex III, complex IV, and complex V proteins were detected with
antibodies against gene associated with retinoic-interferon-induced mortality (Grim19), succinate dehydrogenase complex, subunit
(SDHA), ubiquinol-cytochrome C reductase core protein (UQCRC2), cyclooxygenase (COXIV), and ATP synthase subunit (ATP5α),
respectively. Data represent mean± SEM (n = 3). ∗∗P < 0 01.
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respiration, respectively, as compared with cybrids contain-
ing rCRS bases (Table S4).

Basal mitochondrial respiration in cybrid cell lines with
haplogroup M (m.489C, m.8701G, m.10400T, and most of
m.10398G) was higher than that in cybrid cells with hap-
logroup N (Figure 6(a)). Furthermore, haplogroup G2 had
the highest whereas B4b, B4a, and F1a had the lowest basal
mitochondrial respiration rates in macrohaplogroups M and
N, respectively. In addition, the degree of OxPhos uncoupling
was higher in haplogroup M than in haplogroup N
(Figure 6(b)). InhaplogroupM, thiswasmost apparent in sub-
haplogroup G2/3, which explains why “uncoupling mtDNA
haplogroup”Gwas enriched in Siberia (Figure 6(b)). Accord-
ingly, uncoupling respiration in B4b, B4a, and F1a was lowest
in haplogroup N, contributing significantly to the respiration
in macrohaplogroup N.

To determine whether OxPhos function was altered, we
measured mitochondrial inner membrane potential (MMP)
in cybrid cell lines. The MMP of haplogroup M was slightly
higher than that of haplogroup N (Figure 7), but this differ-
ence was not statistically significant (P = 0 11).

3.5. Mitochondrial Fragmentation in Cybrid Cells with
Different mtDNA Genetic Background. To investigate differ-
ences in mitochondrial morphology, mitochondria were
stained with MitoTracker and visualized by confocal micros-
copy. Mitochondria fragmentation was determined by mea-
suring the AR and FF of each mitochondrion, with high AR
and FF reflecting increased mitochondrial length/width and
branching, respectively. We found that AR was unaffected
by mtDNA SNPs (Figure 8(a) and Table S5) and that most
variations in these SNPs were limited (~10%). However, we
identified two SNPs that slightly affected mitochondrial
fragmentation (P < 0 01) (Figure 8(a) and Table S6). Thus,
the percentage of mitochondrial fragmentation did not differ
between mtDNA macrohaplogroups M and N (Figures 8(a),
8(b), and 8(c)).

3.6. Measurement of Intracellular Mitochondrial Signals in
Cybrid Cell Lines. We and others previously reported that
mitochondrial haplogroups play an important role in mito-
nuclear interaction [15, 18, 34], in which, signals such as
ROS, NAD+/NADH, and adenosine monophosphate activate
or suppress retrograde signaling pathways in the nucleus. We
found here that ROS levels did not differ significantly
between macrohaplogroups M and N in the 21 cybrid cell
lines (Figure 9(a)). Overall mitochondrial function and
NAD+/NADH ratio were higher in cybrid cells with hap-
logroup M than haplogroup N (Figure 9(b)). However, there
were no differences in ROS levels and NAD+/NADH ratio in
haplogroups G2, B4, and F1a corresponding to the changes
in mitochondrial function shown in Figure 6.
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Figure 6: Oxygen consumption rate (OCR) is higher in haplogroup M than in haplogroup N. OCR values were measured in 21 cybrid cell
lines after sequential treatments with oligomycin (0.1mg/ml) and the OxPhos uncoupling agent trifluoromethoxy carbonyl cyanide
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4. Discussion

Molecular epidemiology studies of mtDNA SNPs/hap-
logroups have revealed the contribution of mtDNA genetic
background to human degenerative disease. The underlying
etiological causes and mechanisms by which mtDNA hap-
logroups influence degenerative diseases are frequently
investigated using cybrid technology. This approach allows
us to establish multiple stable cell lines containing differ-
ent mtDNA haplogroups in the same nuclear background
[15, 35, 36]. Generally, cybrid-based studies examine all or
some of mtDNA copy number, mtRNA expression level,

OxPhos enzyme abundance and activity, and mitochon-
drial bioenergetics including respiration capacity, ATP
generation, and MMP [15, 37–40]. In this study, we
successfully generated 21 cybrid cell lines covering most
East Asian haplogroup branches of the mtDNA phyloge-
netic tree. Previous cybrid analyses of mtDNA hap-
logroups in Taiwanese populations have been undertaken
to examine the effect of mtDNA haplogroups B4/B5 in
Parkinson’s disease [41, 42] and B4/D4/N9 in diabetes
[14, 38]. However, analyses of East Asian haplogroups
and how they influence mitochondrial function have been
limited. Thus, our system provides the first description of
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Figure 8: Morphometric analysis of mitochondria in cybrid cells. (a) Confocal micrographs of 21 cybrid cells in which the mitochondria
were stained with MitoTracker Red (n = 3. Images are shown at 600x magnification. The upper and lower two rows show cybrid cells
with macrohaplogroups M and N, respectively. mtDNA haplogroups are shown in yellow color. (b, c) Mitochondrial fragmentation was
determined by AR (b) and FF (c), with higher values representing increased mitochondrial length/width and branching, respectively.
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the spectrum of mitochondrial alterations that occur with
different mtDNA haplogroups in East Asia. Secondly, our
results provide a guideline to pinpoint specific disease-
related risk/protective mtDNA haplogroups in molecular
epidemiology studies. Lastly, we have established a com-
prehensive platform to further investigate the effect of
mtDNA haplogroups on retrograde signaling at transcrip-
tomic, proteomic, and metabolomic levels [18].

Here, we first described the differences in OxPhos func-
tion observed in different mtDNA genetic backgrounds from
East Asia at the DNA, RNA, and protein level. Copy number
analysis showed that 8 SNPs, m.249del, m.13708A,
m.13928C, m.489C, m.8701G, m.10398G, m.10400T and
m.16304C, might influence mtDNA replication, while others
such as m.16362C may bear minor influence. Of which,
m.489C, m.10398G, and m.10400T are genetically associated
characteristic SNPs of macrohaplogroup M. These results
are consistent with the observations that particular
mtDNA haplogroups, with characteristic control region
mutations, contribute to mtDNA replication [43, 44].
m.13708A and m.13928C, which exhibited lower mtDNA
copy numbers than other SNPs, were found to be associ-
ated with increased risk of various diseases and patholog-
ical conditions [45, 46], whereas m.489C, m.10398G, and
m.10400T with higher mtDNA copy numbers than rCRS
bases had protective effects against disease [47, 48]. In
addition, the disease-related SNPs m.489C, m.8701G,
m.10398G, and m.10400T, as well as m.16362C/m.709A/
m.16223T and m.3010A/m.16519C were associated with
higher and lower mtRNA expression levels, respectively,
than their rCRS bases. This suggests that these SNPs play
a role in degenerative disease and should be included in
molecular epidemiology studies.

Functional analysis of respiratory activity in cybrid
cells confirmed that SNPs such as m.709A/m.16223C
and m.13708A/m.16519C were associated with higher
and lower endogenous mitochondrial respiratory activity,
respectively, than their rCRS bases. Other SNPs, such as
m.16362T>C, m.150C>T, and a 9 bp deletion, were shown
to affect uncoupled mitochondrial respiration in the pres-
ent study. However, no epidemiological studies have
established a link between these SNPs and human degen-
erative disease. One limitation of our study is that nonha-
plogroup defining SNPs were not examined, although the
effects of SNPs from other sites cannot be ruled out by
logistic regression with limited sample size. Additionally,
an induced point mutation target to the candidate SNP
may help to elucidate the function implication of specific
SNP [49].

We also examined the effect of East Asian mtDNA hap-
logroups on mitochondrial function. Here, we focused on
two macrohaplogroups M and N, while haplogroups M and
N are the only two subhaplogroups of L3 immigrated from
Africa into Eurasia during evolution. In Han Chinese, hap-
logroups M and N settled down and gave birth to their
sublineages with the frequencies of 40–50% and 50–60%,
respectively [11]. It is important to note that m.10398G
represents haplogroup M and haplogroup B5, a subha-
plogroup of N bearing a back mutation at m.10398. Cells
with haplogroup M and m.10398G showed increased
mtDNA copy number, L and H2 strand transcription, and
respiratory chain complex III expression. Furthermore, cells
bearing haplogroup M and m.10398G exhibited higher
mitochondrial respiration (both coupled and uncoupled)
than cells with haplogroup N and m.10398A, respectively.
However, mitochondrial morphology did not differ between
haplogroups M and N, nor between m.10398G and
m.10398G A. Although it has been suggested in previous
reports, ours is the first study to analyze the specific mito-
chondrial biogenetic profiles between haplogroups M and
N [50]. mtDNA haplogroups M/N and related SNPs such
as m.489T/C, m.8701A/G, m.10398A/G, and m.10400C/T,
have been implicated in various pathological conditions. For
example, mtDNA haplogroup M, m.10398G, and m.10400T
were found to protect against aging [51], Alzheimer’s disease
[52], and Parkinson’s disease [20], whereas mtDNA hap-
logroup N, m.10398A, and m.10400C are considered as
risk factors. Whether haplogroups M and N are protective
or risk-associated depends on the condition [2]. In fact,
both mitonuclear interactions (retrograde signaling) and
mitochondrial OxPhos function contribute to the develop-
ment of disease [15, 18, 34], while variations in mitonuc-
lear interactions have been reported in the two mtDNA
haplogroups [15, 53]. Our data showed that the ratio of
NAD+/NADH, a redox and energy stress marker, differed
significantly between haplogroups M and N (Figure 9(b)),
supporting the notion that haplogroups M and N exhibit
distinct mitonuclear interaction patterns. However, mito-
chondrial ROS level did not differ between the two hap-
logroups (Figure 9(a)). Notably, subhaplogroup G of
haplogroup M and subhaplogroups F1a and B4 of hap-
logroup N frequently reflected the functional differences
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Figure 9: Measurement of intracellular mitochondrial signals in
cybrid cell lines. (a) Comparison of intracellular ROS levels in
cybrid cells. ROS levels were determined by staining cells with
dichlorofluorescin diacetate. (b) NAD+/NADH ratio was higher in
cybrid cells with haplogroup M than in those with haplogroup N.
NAD+ and NADH levels in cell extracts were quantified based on
fluorescence. Relative ROS levels were calculated by comparing
reads obtained from the plate reader to the average value for all 21
cybrids. Data represent mean± SEM of three independent
experiments with 3 replicates each per cybrid. ∗P < 0 05.
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between M and N in our analyses, suggesting that they play
critical roles in degenerative disease. In addition, cell
metabolism may be similarly affected by the same mtDNA
with nuclear backgrounds from different races [18, 54].
Although our results indicate that haplogroups M and N
differentially affect disease development, the use of Caucasian
nuclear background-based cybrid system in the current work
may limit the significance of this study, and further studies
using ρ0 cells with Asian background are required to clarify
this relationship.

5. Conclusions

In summary, we generated a cybrid-based system to investi-
gate the mechanisms underlying the functional significance
of mtDNA haplogroups that can provide molecular level
insight into the role of mtDNA variants in human disease
at the molecular level.
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Mitochondrial-derived reactive oxygen species have been deemed an important contributor in sepsis pathogenesis. We investigated
whether two mitochondria-targeted antioxidants (mtAOX; SkQ1 and MitoTEMPO) improved long-term outcome, lessened
inflammation, and improved organ homeostasis in polymicrobial murine sepsis. 3-month-old female CD-1 mice (n = 90)
underwent cecal ligation and puncture (CLP) and received SkQ1 (5 nmol/kg), MitoTEMPO (50 nmol/kg), or vehicle 5 times
post-CLP. Separately, 52 SkQ1-treated CLP mice were sacrificed at 24 h and 48 h for additional endpoints. Neither MitoTEMPO
nor SkQ1 exerted any protracted survival benefit. Conversely, SkQ1 exacerbated 28-day mortality by 29%. CLP induced release
of 10 circulating cytokines, increased urea, ALT, and LDH, and decreased glucose but irrespectively of treatment. Similar
occurred for CLP-induced lymphopenia/neutrophilia and the NO blood release. At 48 h post-CLP, dying mice had
approximately 100-fold more CFUs in the spleen than survivors, but this was not SkQ1 related. At 48 h, macrophage and
granulocyte counts increased in the peritoneal lavage but irrespectively of SkQ1. Similarly, hepatic mitophagy was not
altered by SkQ1 at 24 h. The absence of survival benefit of mtAOX may be due to the extended treatment and/or a
relatively moderate-risk-of-death CLP cohort. Long-term effect of mtAOX in abdominal sepsis appears different to sepsis/
inflammation models arising from other body compartments.

1. Introduction

Sepsis is a deleterious clinical condition caused by a deregu-
lated host response to infection associated with organ dam-
age [1]. In immunocompetent individuals, sepsis provokes
a robust systemic inflammatory response (which can coexist
with concurrently developing immunosuppression). Various

microbial, fungal, or viral components in the invaded host
lead to a rapid, simultaneous release of pro- and anti-
inflammatory mediators [2] and general activation of the
innate/adaptive immunity. The acute phase of humoral and
cellular response is accompanied by a rapid production of
reactive oxygen species (ROS) [3]. Under physiological con-
ditions, ROS are produced by different intra-/extracellular
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sources [4] with mitochondria as one of the main sites [5, 6].
Tightly regulated by cellular antioxidant mechanisms, at
low-to-moderate concentrations, ROS have potent beneficial
effects as an intrinsic part of various intracellular signaling
pathways [5, 7, 8]. In contrast, increased ROS concentration
(e.g., caused by depletion of regulatory antioxidants, inade-
quate antioxidative response [9], and/or altered ROS release)
can elicit a chain reaction cascade that can damage the cells
and tissues of the host [4]. This oxidative stress has been
considered as one of the key contributors to the development
of organ failure in sepsis and linked to a deregulation of
mitochondrial function [10–12].

Numerous preclinical studies demonstrated clear benefits
of an antioxidant-dependent inhibition of ROS production/
release in different pathophysiological conditions [13, 14]
including sepsis [15–19]. In contrast, clinical trials either
failed to show any survival benefit in septic patients or were
inconclusive [20–22]. In general, the incompatibility between
preclinical and clinical studies (and among the clinical
studies themselves) is due to numerous reasons including
nonmatching models, erroneous study design, and/or non-
specific therapeutics. First, endotoxemia/LPS models are
now considered inappropriate in recapitulating human sepsis
syndromes [23]. Furthermore, due to a lack of clear dose-
limiting toxicities, the dosages used in clinical trials are typi-
cally selected based on an “appeared feasible” subjective
approach rather than preverified dose response studies [22].
For example, failure of a nonselective nitric oxide synthase
inhibitor (46C88; L-NMMA acronym) phase 3 trial (versus
phase 2) was partly attributed to the excessive L-NMMA dose
and suboptimal selection of septic patients [24, 25]. Equally
important is the element of therapeutic specificity: majority
of studies applied nonselective antioxidants such as selenium,
melatonin, ascorbic acid, n-acetylcystein, and α-tocopherol
whose actions may be simultaneously too wide ranging
and/or mistargeted.

Regarding the latter shortcoming, various conjugation
protocols were developed (e.g., with lipophilic cations) to
target the exogenous antioxidants directly to mitochondria.
The best characterized to date is triphenylphosphonium
(TPP) formulation [26]: it enables precise and uncorrupted
cross-membrane delivery of antioxidants [27, 28] and has
led to development of two very promising substances. SkQ1
is a novel, rechargeable plastoquinone derivative, which
accumulates in the inner mitochondrial membrane due
to its molecular charge and lipophilic properties [29, 30].
It shows antioxidant effects at much lower concentrations
than other TPP conjugates, thus the “window” between
anti- and prooxidant effects is larger [30]. MitoTEMPO is a
piperidine-based nitroxide that works as a hydrophilic
superoxide dismutase mimetic in the mitochondrial matrix.
Positive preclinical results of SkQ1 and MitoTEMPO in var-
ious diseases including CLP [13, 31–35] and their strong
immunomodulatory properties [36, 37] have been largely
attributed to their high-target specificity.

Until now, MitoTEMPO (as mitochondria-specific
ROS scavenger) was studied in the mouse CLP model
for only a short term [35]. However, sepsis causes severe
protracted sequelae and neither of those compounds has

ever been tested in a clinically relevant sepsis model for
their long-term effects. Hence, in this study, we investi-
gated the influence of these two specific TPP-conjugated
ROS scavengers, SkQ1 and MitoTEMPO, upon inflamma-
tory response, organ function, and long-term outcome in a
mouse model of polymicrobial acute sepsis originating from
the abdominal compartment.

2. Materials and Methods

2.1. Animals. Female, 3-month-old, outbred CD-1 mice
(Charles River Laboratories; n = 142) were used for all exper-
iments (the exact n/group is specified in the legend to each
figure). The genetic diversity of the CD-1 outbred strain
(e.g., compared to BALB/c) is closer to patient diversity and
therefore clinically more relevant. We chose sexually mature,
healthy females to exclude confounding tangibles such as
comorbidities and young/old age and to follow on the NIH
recommendation to study females given their underrepresen-
tation in preclinical intensive care research. Experiments 1
and 2 were performed in Ludwig Boltzmann Institute for
Experimental and Clinical Traumatology (LBI), Vienna,
Austria, and experiment 3 was performed in Institute of
Surgical Research (ISR), University of Szeged, Faculty of
Medicine, Szeged, Hungary. All mice were allowed to
acclimatize to their new environment for at least one week
after arrival. Mice were housed on a 12h light-dark cycle
with controlled temperature (21–23°C) and provided with
standard rodent diet and water ad libitum.

2.2. Ethics Statement. All animal procedures were approved
by the Viennese (Austria) Legislative Committee (Animal
Use Proposal Permission number: 006596/2011/11) and
the Hungarian Scientific Ethical Committee on Animal
Experimentation (Animal Use Proposal Permission number:
V./148/2013) All experiments were conducted according to
the National Institutes of Health guidelines.

All mice were monitored by trained professionals at
least three times per day and more whenever an animal’s
condition deteriorated [38, 39]. In order to avoid unneces-
sary suffering of CLP mice facing imminent death, we use
in our laboratory a custom-developed scoring approach
that combines the mouse clinical assessment scoring system
(M-CASS) and sequential body temperature (BT) measure-
ments. In brief, well-being and general condition of mice
(i.e., fur, posture, mobility, alertness, weight, and startle
reflex) were assessed every 12 hours (starting 12 h post-
CLP), by assigning mice to one out of maximum three sever-
ity grades (i.e., 0, 1, or 2 points). Additionally, we measured
inner BT. Mice were euthanized once the score indicated
imminent death, that is, a score≥ 8 and/or inability to trigger
the startle reflex and/or BT< 28°C (recorded in at least two
sequential measurements; the score sheet in Supplementary
Figure 1 available online at https://doi.org/10.1155/2017/
6412682). This approach is generally in line with the recent
mouse M-CASS philosophy proposed by Lilley et al. [40].
The BT-based prediction of outcome we have developed in
our laboratory is very precise (AUC=0.94; [41]). Combina-
tion of the BT-based prediction with our custom-developed
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(M-CASS-like) scoring system prevents overliberal euthana-
sia decision-making, that is, allocation of potential survivors
to the P-DIE group in survival studies.

2.3. Sepsis Model. Mice were subjected to cecal ligation and
puncture (CLP) surgery according to the protocol by
Wichterman et al. [42] with modifications described else-
where [43]. We performed a medium severe CLP (18G
needle) to reach an approximately 40% mortality (i.e., by
day 28 post-CLP) that corresponds to mortality of human
patients suffering from abdominal sepsis [44, 45]. Briefly,
after opening the abdominal cavity via midline laparot-
omy, the cecum was exposed, ligated, and punctured twice
(small amount of feces was extruded to ensure patency of the
punctures). After repositioning of the cecum, the abdomen
was closed with two single button sutures and Histoacryl®
skin adhesive. Starting 2 hours post-CLP, all mice received
subcutaneous broad-spectrum antibiotic therapy (25mg/kg
imipenem/cilastatin, Zienam®) and fluid resuscitation (1ml
Ringer’s solution) with analgesia (0.05mg/kg buprenorphine,
Bupaq®) twice daily (in approx. 12 h intervals) for five con-
secutive days (experiment 1) or until the time point of eutha-
nasia (in experiments 2 and 3). Five-day course of antibiotic
coverage is routinely employed in CLP studies [46].

2.4. Study Design

2.4.1. CLP Experiments. The entire study was performed in
three separate experimental blocks: experiment 1 as the main
survival part (SkQ1 and MitoTEMPO; Figures 1, 2, 3, 4, and
5) and follow-up experiment 2 (SkQ1 only; Figures 6 and 7;
both in LBI) and experiment 3 (SkQ1 only; Figure 8; in
ISR). To maximize reliability and minimize random effects
in experiment 1, we conducted CLP in small groups of 15
mice per repetition (6 repetitions in total). Moreover, irre-
spective of location, all CLP surgeries were performed by
the same operator (P.R.).

The follow-up experiments 2 and 3 had different sacrifice
time points: at 48 h in experiment 2 and at 24h post-CLP in
experiment 3 (Figure 9 scheme). The time points were cho-
sen based on the investigated endpoints: 48 h time point for
bacterial load at the time of the maximal post-CLP mortality
(experiment 2) and 24 h time point for potential mitophagy;
the period closely preceding the most robust post-CLP deaths
(experiment 3).

To ensure similar CLP severity between LBI (experiments
1 and 2) and ISR (experiment 3), we used BT profiling, that
is, three (separate) pilot CLP runs were performed in ISR
and the BT profiles of CLP mice (Supplementary Figure 1)
were compared to the main CLP survival study (experiment
1). The third CLP run (i.e., experiment 3) showed nearly
an identical BT profile to experiment 1 and was extended to
reach the total n = 28.

2.4.2. Treatment. All animals (total of n = 90 in experiment
1; n = 24 in experiment 2; and n = 28 in experiment 3;
detailed n/group distribution in legends to figures) were
randomly assigned to receive (in a blinded manner) either
SkQ1 (5 nmol/kg), MitoTEMPO (50 nmol/kg), or placebo
treatment (saline) via intraperitoneal injection at maximally

five subsequent time points (i.e., 1, 12, 24, 36, and 48 h)
post-CLP (see Figure 9 scheme for detailed description of
experimental groups). For SkQ1, this amounts to
0.0062mg/kg/d for the first two days and 0.0031mg/kg/d
for the third day. For MitoTEMPO, this amounts to
0.051mg/kg/d for the first two days and 0.0255mg/kg/d
for the third day.

For all experiments, SkQ1/MitoTEMPO was dissolved in
ethanol (96%) and diluted in saline in further steps. Freshly
prepared dilutions were divided into aliquots (one for each
treatment time point separately) and stored frozen at −80°C
protected from light until use. The presence of SkQ1/Mito-
TEMPO molecules was verified on the first and the last days
of experiments. The concentration of SkQ1 was tested spec-
trophotometrically as described in Antonenko et al. 2008
[30]. MitoTEMPO was measured with electron spin reso-
nance spectroscopy as previously described [47].

We elected to administer the first antioxidant dose 1 h
post-CLP to approach clinical relevance. We treated mice
over the period of 48 h post-CLP given that it directly
precedes/overlaps with the period of the most robust
mortality in the acute CLP phase [48, 49]. Our treatment
scheme is consistent with the one employed by Plotnikov
et al. [13]. The selected antioxidant concentrations were
adopted from Weidinger et al. [50]. Given that the effects
of SkQ1 were predominantly examined in rats, we have
compared the effects of increasing SkQ1 concentrations
on the respiratory activity of mitochondria in liver homoge-
nates from rats and mice. This was done to ensure that we
remain within the nontoxic range of SkQ1 concentrations
(Supplementary Figure 2).

In the follow-up experiments 2 and 3, SkQ1 (or placebo)
was tested given that only SkQ1 treatment significantly exac-
erbated mortality in experiment 1. In experiment 2, mice
received four injections (the last at 36 h post-CLP) and were
sacrificed for peritoneal lavage and spleen collection. In
experiment 3, mice received three injections (the last at
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Figure 1: 28-day survival of SkQ1-, MitoTEMPO-, and placebo-
treated control mice. Mortality of treated and placebo mice
subjected to CLP sepsis. Number of mice in each group listed in
the legend (in brackets). SkQ1 versus control: ∗p = 0 03;
MitoTEMPO versus control: p = 0 24.
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24 h post-CLP) and were sacrificed to collect the liver for
mitophagy assessment (Figure 9 scheme). Irrespective of
sacrifice, the identical protocol for treatment and sampling
procedures was used in experiment 1 and both follow-up
experiments 2 and 3.

Of note, in experiment 2, to generate Figure 6(a), septic
mice were compared using the above-described M-CASS-
like criteria, that is, using our custom-developed scoring
system and BT monitoring; we retrospectively assigned mice

into either predicted-to-die (P-DIE; inner BT≤ 28°C) or
predicted-to-survive (P-SUR; inner BT≥ 35°C) group. For
maximally conservative approach, all mice featured in
Figure 6(a) met the objective [41] BT cut-off criteria (i.e.,
mice meeting the euthanasia threshold based solely on the
clinical assessment≥ 8 points were not included).

2.5. Blood Sampling. Repeated low-volume blood sampling
was used in all groups reducing the total number of mice
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Figure 2: Comparison of circulating cytokines between SkQ1-, MitoTEMPO-, and placebo-treated control mice. (a–g) Plasma levels of
TNF-α, IL-1β, IL-5, IL-6, IL-10, IL-12p70, and IFN-γ in treated mice (SkQ1 or MitoTEMPO) at 6, 24, 48, and 72 h post-CLP were compared
to the placebo group (CLP +NaCl). For (a–g): at 6 h: control n≥ 19, SkQ1 n = 19, MitoTEMPO n = 19; at 24 h: control n = 19, SkQ1 n = 17,
MitoTEMPO n = 15; at 48 h: control n = 13, SkQ1 n = 12, MitoTEMPO n = 10; at 72 h: control n = 13, SkQ1 n = 11, MitoTEMPO n = 9. Data
points shown as mean± SEM. The exemplary IL-10 inset depicts scatter plot of all groups at 6 h post-CLP time point. 2 k (for brevity)
corresponds to 2000 pg/ml.
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needed for the study [51]. Blood was collected immediately
before CLP (baseline) and at 6, 24, 48, and 72h thereafter
in experiment 1 and for shorter periods (depending on
the sacrifice time point) in experiments 2 and 3 (Figure 9
scheme).

Specifically, 30μl of blood was drawn by puncturing the
facial vein (vena submandibularis) with a 23 gauge needle.
Samples were then collected with a pipette rinsed with ethyl-
enediaminetetraacetic acid (K3-EDTA) (diluted 1 : 50) and
immediately diluted 1 : 10 in PBS. After centrifugation
(1000×g, 5min, 22°C), 270μl of plasma was removed and
stored at −80°C until further analysis.

2.6. Abdominal Lavage. In experiment 2, after sacrifice
(isoflurane anesthesia followed by cervical dislocation), we
performed abdominal lavages with 5ml cold PBS/3% fetal

calf serum, using an adapted protocol from Ray and Dittel
[52]. The collected cell suspension was deposited in tubes
and kept on ice until further FACS analysis.

2.7. Complete Blood Count. After plasma was removed,
we resuspended the remaining blood pellet with 180μl
Cell-Dyn buffer with EDTA and a complete blood count
with differential (erythrocytes, hemoglobin, platelets, white
blood cells, neutrophil granulocytes, and lymphocytes)
was performed with a Cell-Dyn 3700 counter (Abbott
Laboratories, Illinois, USA) as previously described [51].

2.8. Cytokine and Chemokine Measurement. Interleukin (IL)-
1β, IL-5, IL-6, IL-10, and IL-12p70, interferon (IFN)-γ,
tumor necrosis factor (TNF)-α, macrophage inflammatory
protein (MIP)-1α, chemokine ligand (KC; CXCL-1), and
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Figure 3: Comparison of circulating chemokines between SkQ1-, MitoTEMPO-, and placebo-treated control mice. (a–c) Plasma levels of
CXCL1, MCP-1, and MIP-1α in treated mice (SkQ1 or MitoTEMPO) at 6, 24, 48, and 72 h post-CLP were compared to the placebo group
(CLP+NaCl). For (a–c): at 6 h: control n = 19, SkQ1 n = 19, MitoTEMPO n = 19; at 24 h: control n = 19, SkQ1 n = 17, MitoTEMPO
n = 15; at 48 h: control n = 13, SkQ1 n = 12, MitoTEMPO n = 10; at 72 h: control n = 13, SkQ1 n = 11, MitoTEMPO n = 9. Data points
shown as mean± SEM.
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monocyte chemoattractant protein-1 (MCP-1) were analyzed
from plasma samples according to the manufacturer’s proto-
col using FlowCytomix™ Multiplex Kits (eBioscience, USA).

2.9. Metabolic and Organ Function/Cell Injury. Plasma levels
of urea, glucose, lactate dehydrogenase (LDH), and alanine
transaminase (ALT) were analyzed with Cobas c111 analyzer
(Roche, Switzerland). The lower detection limit for urea
was 3mg/dL, for glucose 1.98mg/dL, for LDH 10U/L, and
for ALT 2U/L. The inner body temperature was measured
(at least twice per 24 h) using a Fluke 52 Series II thermome-
ter (Fluke, USA) with a rectal probe.

2.10. Nitrate/Nitrite (NOx) Measurement. The Nitric Oxide
Analyzer (NOA) (Nitric Oxide Analyzer Sievers 280i, GE

Analytical Instruments, USA) consisted of a glassware system
and an electronic detection unit. Plasma sampleswere injected
through a septum into the glass vessel, where NO species were
converted selectively to NO(g) by a redox active reagent (VCl3
for total NO). Following the reduction step, NOmolecules are
carried to the reaction chamber of the detection unit byN2, an
inert gas which was constantly purged through the mixture
during measurements. Inside the reaction chamber, NO from
the gas phase reacted rapidly with O3 to form NO2

∗ in an
excited state (NO +O3 →NO∗

2 + O2). As the excited e−

returned to its ground state, a photon was emitted and
detected as chemiluminescence (hv) (NO∗

2 →NO2 + hv).
Emitted lightwas detected and amplified by a photomultiplier
tube (PMT) to generate an electric signal. The detection limit
for NO and related species in liquid samples was ~1 pmol.
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Figure 4: Comparison of organ function parameters between SkQ1-, MitoTEMPO-, and placebo-treated control mice. Plasma levels of
treated mice (SkQ1 or MitoTEMPO) of (a) urea, (b) ALT, (c) glucose, and (d) LDH in mice at baseline and post-CLP were compared to
the control group (CLP + placebo). For (a–d): at BL n = 20; at 6 h control n = 20, SkQ1 n = 19, MitoTEMPO n = 19; at 24 h control n = 19,
SkQ1 n = 17, MitoTEMPO n = 17; at 48 h control n = 13, SkQ1 n = 12, MitoTEMPO n = 10; at 72 h control n = 13, SkQ1 n = 11,
MitoTEMPO n = 9. Data points shown as mean± SEM.
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2.11. Flow Cytometry. Peritoneal lavage fluid samples were
kept in 50ml Falcon tubes on ice and were processed within
1 hour of collection. After red blood cell lysis, the cell suspen-
sion was filtered through a 70μM cell strainer (BD, Bedford,
MA, USA) to singularize the cells, washed with PBS, and
adjusted to the recommended cell count for staining. A total
of 100μL of the suspension was then transferred to FACS
tubes (Beckman Coulter, Brea, CA, USA) and incubated with
fluorophore-conjugated antibodies on ice for 30min. If not
indicated otherwise, all antibodies were purchased from
eBioscience (Vienna, Austria). Leukocyte subsets in the
lavage fluid were identified by morphology and the positiv-
ity/negativity for the following antigens: presence of the
integrin subunit CD11b (-FITC conjugate) and the granulo-
cyte cell surface determinant Ly6-G (Gr-1, APC-conjugate)
as well as the absence of the macrophage adhesion receptor
F4-80 (PE-conjugate) was used to determine neutrophil pop-
ulations. CD11b/F4-80-positive and Ly6-G-negative subsets
were identified as macrophages. Cell suspensions were
washed with PBS and were measured on a FC-500 flow
cytometer (Beckman Coulter, Brea, CA, USA). A minimum
of 1× 10E4 intact cells were recorded and analyzed in FlowJo
software (FlowJo LLC., Ashland, Oregon); Leukocyte subsets
were displayed as % of intact cells.

2.12. Bacterial Growth Assessment. The spleens were
obtained immediately after sacrifice under sterile conditions
following the protocol of Barquero-Calvo et al. [53] allowing
small modifications. We used nine parts of PBS containing
0.1% Tween 20 per g of spleen (dilution 1 : 10), assuming that
the volume of 1 g of spleen corresponds to 1ml of PBS (e.g.,
0.5 g of spleen and 4.5ml of PBS 0.1% Tween 20). Isolated

spleens were homogenized using pellet pestles (Dstroy-S-
15, Biozym, Oldendorf). After centrifugation at 13000 rpm
for 10 minutes, supernatant was removed and serially diluted
with PBS for subsequent plating on lysogeny broth (LB) agar
plates (Miller, USA) and incubation overnight at 37°C.
Colony-forming units were counted after 24 h.

2.13. Western Blotting. Mice were euthanized at 24h post-
CLP, and liver samples were immediately snap-frozen in
liquid nitrogen and stored at −80°C for further analysis. All
analyses were performed in Jena University Hospital
(Germany). Total protein content was isolated from the
frozen tissue samples by a protein isolation buffer pH7.5
(10mM Tris, 250mM saccharose, 1mM EDTA, 1%
phosphatase-inhibitor cocktail, and 1% protease inhibitor 2)
using a dounce homogenizer (Kimble Chase, Mexico).
Homogenates were centrifuged at 900g for 10min at 4°C
to obtain the post nucleus fraction, followed by 100,000g
for 1 h at 4°C to separate the cytosolic and microsomal frac-
tions. Protein content in the post nucleus supernatant was
determined using the bicinchoninic acid (BCA) assay (Sigma
Aldrich, Hamburg, Germany). Fractions were used as indi-
cated. 20 µg protein was loaded on a sodium dodecyl sulfate
(SDS) gel and transferred to a polyvinylidenfluorid (PVDF)-
membrane (Roth, Karlsruhe, Germany). Membranes were
incubated with 5% N,O-bis(trimethylsilyl)acetamid (BSA)
or skim milk (Sigma-Aldrich, Hamburg, Germany) in
tris-buffered saline with Tween20 (TBST) for 1 h at room
temperature. Primary antibodies in 5%BSAor skimmilkwere
incubated on a shaker overnight at 4°C. Horseradish peroxi-
dase (HRP)-conjugated secondary antibodies (1 : 5000) were
incubated for 1 hour at room temperature. The following pri-
mary antibodies were used: anti-LC3B, TOM20, cytochrome
C (Cell Signaling Technology®, Danvers, USA), and p62 or
anti-β-actin (Abcam®, Cambridge, UK). Detection of the sec-
ondary antibody by chemiluminescence was performed using
HRP substrate (Immobilon Western HRP Substrat, Merck
Millipore,Darmstadt, Germany) by the LAS3000 (GEHealth-
care, Frankfurt, Germany). Protein content was quantified
using software ImageJ (National Institutes of Health,
Bethesda, MD, USA). β-Actin or Coomassie-stained gel
served as loading control to calculate the differences in the
protein expression between the groups. To quantify the level
of autophagy, the LC3B-II : LC3B-I ratio was calculated based
on a densitometric analysis and normalized to β-actin.

2.14. Statistical Analysis. The Kaplan-Meier method was used
to plot and compare the 28-day survival in experiment 1.
All other data sets were tested for normality before further
analysis. Abnormally distributed data sets were log-
transformed to achieve normal distribution. Comparisons
among the three groups were made using one-way
ANOVA and Bonferroni’s Multiple Comparison Test for
the parametric data and Kruskal-Wallis Test and Dunn’s
Multiple Comparison Test for the nonparametric data.
To compare the SkQ1 with the placebo group, we used
the unpaired Student t-test for parameters with parametric
distribution or the Mann–Whitney Test for parameters
with nonparametric distribution. The level of significance
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was set at p < 0 05. All statistical analyses and graphs were
made with GraphPad (San Diego, USA).

3. Results

3.1. Application of Mitochondrial ROS Scavengers
Exacerbated Mortality. Survival was monitored for 28 days
post-CLP. To be consistent with clinical severity of abdomi-
nal sepsis, mice were subjected to a medium-severe CLP with
38% mortality (average of six CLP repetitions). Neither
MitoTEMPO nor SkQ1 exerted a protracted survival ben-
efit. Conversely, SkQ1 treatment exacerbated mortality to
67% (p = 0 03) by day 28 (Figure 1). This negative effect
was consistent in all six CLP repetitions (Supplementary
Figure 3); it was apparent immediately in the acute phase
(i.e., within 1–5 days post-CLP; in four CLP repetitions)
and continued into the chronic phase until the end of the
observation period. MitoTEMPO effect was inconsistent
among individual repetitions (not shown) and did not reach
statistical significance (p = 0 24; Figure 1).

3.2. Application of Mitochondrial ROS Scavengers Did Not
Modulate the Inflammatory Response to Polymicrobial Sepsis.
We examined a comprehensive set of circulating cytokines
that are typically upregulated in both human andmouse sepsis
[54, 55]. In general, CLP induced an increase of all cytokines
measured; the strongest concentration was recorded for
IL-6, MCP-1, CXCL-1, and MIP-1α at 24 h (Figures 2
and 3). None of those post-CLP increases was further sig-
nificantly modified by either SkQ1 or MitoTEMPO.

Following acute sepsis, a strong rearrangement of cell pop-
ulations occurs. We found out that neither SkQ1 nor Mito-
TEMPO affected the CLP-induced lymphopenia (at 24 h:
placebo 1.2 pg/ml versus SkQ1 1.1 pg/ml versus MitoTEMPO
0.9 pg/ml) and neutrophilia (at 24 h: placebo 0.4 pg/ml versus
SkQ1 0.4 pg/ml versus MitoTEMPO 0.3 pg/ml) when com-
pared to the placebo group (Supplementary Figure 5).

3.3. Application of Mitochondrial ROS Scavengers Did Not
Change Organ Function/Injury and Metabolic Parameters.
Functional tissue damages are hallmarks of sepsis
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Figure 6: Bacterial load in the spleen. Number of colony-forming units (CFUs) per ml spleen homogenate. (a) Mice that were
predicted-to-die (P-DIE; n = 7) versus predicted-to-live (P-SUR; n = 11). Prediction of outcome was performed retrospectively based on
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pathogenesis [9]. We followed temporal fluctuations of glu-
cose (GLU), alanine aminotransferase (ALT), lactate dehy-
drogenase (LDH), and urea in septic mice after CLP. In
general, all groups displayed similar trajectories at all time
points (Figure 4). Specifically, ALT, LDH, and urea peaked
in all treatment groups at 24 h (ALT: placebo 111U/l versus
SkQ1 119U/l versus MitoTEMPO 115U/l; LDH: placebo
940U/l versus SkQ1 1097U/l versus MitoTEMPO 773U/l;
urea: placebo 89mg/dl versus SkQ1 97mg/dl versus Mito-
TEMPO 93mg/dl), while blood glucose decreased by

approx. 63% (BL: 128mg/dl versus 24 h: 49mg/dl) in the pla-
cebo group. Hypoglycemia persisted until 72 h post-CLP
(placebo 68mg/dl versus SkQ1 64mg/dl versus MitoTEMPO
76mg/dl), while the other parameters recovered.

3.4. Application of Mitochondrial ROS Scavengers Did Not
Affect NOx Concentration in Plasma. Nitric oxide (NO)
and its metabolized forms nitrite (NO2

−) and nitrate
(NO3

−; both referred to as NOx) play a central role in
inflammation and correlate with severity of sepsis. We
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Figure 8: Comparison of mitophagy and mitochondrial integrity in the liver of placebo-treated control versus SkQ1-treated groups at 24 h
post-CLP. CLP mice received a total of three SkQ1/placebo injections before sacrifice at 24 h. All panels display densitometric analysis of
the Western blot assay as well as representative Western blots. (a) LC3-II-to-LC3-I ratio (normalized to actin), (b) p62 (normalized
to total protein), and (c) cytosolic TOM-20 release (normalized to actin). Total number of CLP mice loaded on three different gels:
SkQ1 n = 16; control (placebo) n = 12. Data as (min–max) box-and-whiskers plots. Dotted lines indicate upper/lower standard
deviation calculated based on eight healthy control mice (no CLP, no treatment) that were analyzed together with the CLP mice.
CM: Coumassie stained gel.
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Figure 9: Schematic illustration of treatment, blood/tissue sampling, and monitoring. The entire study was divided into three experimental
parts that followed the same treatment protocol with specific modifications described below and depicted graphically in the figure. 3-month-
old female mice were subjected to polymicrobial CLP sepsis. Mice were subjected to low-volume repetitive blood sampling (30 μl blood
volume/sampling; time points indicated by a single blood drop) maximally five times: At baseline (BL, immediately before CLP) 6 h, 24 h,
48 h, and 72 h post-CLP. Maximally, five intraperitoneal injections with either SkQ1, MitoTEMPO, or placebo treatment were conducted
at 1 h, 12 h, 24 h, 36 h, and 48 h post-CLP (indicated by syringes). In experiment 1: mice (n = 90) were monitored for 28 days (all five
blood collections and treatment injections performed). In experiment 2: mice (n = 24) were sacrificed at 48 h post-CLP (four blood
collections and treatment injections performed). In experiment 3: mice (n = 28) were sacrificed at 24 h post-CLP (three blood collections
and treatment injections performed). White block arrows indicate sacrifice time point for experiments 2 and 3.
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measured NOx concentration in plasma at BL, 6, 24, 48,
and 72 h post-CLP (Figure 5); there were no significant inter-
group NOx changes. Similar to the organ function parame-
ters, NOx peaked at 24 h post-CLP (approx. 4-fold higher
than baseline).

3.5. SkQ1 Treatment Did Not Impair the Bacterial Clearance
in the Spleen. Because of the consistent survival deterioration
after SkQ1 (but not MitoTEMPO), we only compared the
SkQ1 and placebo groups in experiment 2. First, to verify
the bacterial clearance, we determined colony-forming units
(CFUs) in the spleen homogenates. Mice that were predicted
to die post-CLP had approximately 100-fold more CFUs in
the spleen than mice that were predicted to survive CLP
(Figure 6(a); p = 0 03). However, this effect was not related
to antioxidant treatment (Figure 6(b)).

3.6. SkQ1 Treatment Did Not Change Macrophage or
Granulocyte Counts from Peritoneal Lavages. In experiment
2, to identify potential treatment-related differences in the
abdominal leukocyte populations, we performed peritoneal
lavages at 48 h post-CLP and analyzed cells by FACS. In gen-
eral, the cell counts were similar between both groups
(Figures 7(a) and 7(b)): macrophages (CD11b+/F4/80+)
reached 11% in placebo and 16% in SkQ1, while granulocytes
(Ly6G+) reached 56% in placebo and 45% in SkQ1.

3.7. SkQ1 Treatment Did Not Modify the Mitochondrial
Autophagy. Finally, we investigated mitophagy and integrity
of mitochondria in the liver (as a relatively sensitive organ)
to establish whether SkQ1 exerted a direct detrimental effect
upon this organelle. Western blot analysis of key proteins
involved in autophagy (i.e., LC3B, p62) [56], mitochondrial
membrane integrity (i.e., TOM20; Figures 8(a), 8(b), and
8(c)), and apoptosis (i.e., cytochrome C; Supplementary
Figure 5) was performed. Compared to CLP mice treated
with placebo, SkQ1 failed to reveal any modulation in the
expression of those markers in the liver at 24 h post-CLP.
This implies that the SkQ1-induced exacerbation of CLP
mortality was not caused by direct mitochondrial damage.

4. Discussion

Recently, Sepsis-3 guidelines redefined sepsis as a “life-
threatening organ dysfunction caused by a dysregulated host
response to infection” [1]. ROS production/release is thought
to play a major part in the progression of organ failure and
mitochondrial dysfunction [12, 57]. Therefore, we aimed to
improve the outcome of mice with polymicrobial sepsis by
selectively inhibiting ROS at one of its key formation sites,
the mitochondrion. Surprisingly, none of the tested antioxi-
dants demonstrated any benefits, while SkQ1 markedly
increased CLP mortality.

Best to our knowledge, this is the only study demonstrat-
ing a negative long-term impact of targeted mitochondrial
antioxidant scavenging (i.e., by SkQ1) upon abdominal sepsis
survival. The majority of rodent studies showed benefits of
SkQ1 and/or MitoTEMPO in acute inflammatory conditions
including pyelonephritis [13], gastritis [58], cardiomyopathy
[31], SIRS [59], and sepsis [35]. Similar was true in a rat

model of pneumosepsis [60] and endotoxemia [14]. Antiox-
idant (not mitochondria targeted) treatment did not improve
survival only in three mouse studies, acute pancreatitis [61],
pancreatic cancer [62], and CLP [63] models. While surpris-
ing, our protracted study design (Supplementary Figure 3)
allows postulating that the reduction of survival due to
SkQ1 was not a coincidental observation.

First, we examined two main elements of the systemic
CLP response, inflammation, and organ function, to discern
the deleterious mechanism(s). We repeatedly measured over
twenty relevant parameters in mice enrolled in the survival
study. This ensured maximal synchrony between the end-
outcome effect and detection of a potential mechanism-of-
action. CLP-induced dysregulation of the inflammatory and
organ function system was consistent with data reported by
us [64, 65] and others [66]. Surprisingly, we failed to observe
any additional consistent changes caused by the SkQ1 and/or
MitoTEMPO. This is suggestive of two things. First, the
increased mortality in the SkQ1 mice did not appear to be
caused by an evidently exacerbated early systemic inflamma-
tory response, especially given that the four-day cytokine
trajectories preceded/overlaid with the period of the highest
acute mortality (days 1–3 post-CLP). Second, hepatocyte
damage and/or impaired kidney function as well as dysregu-
lation of carbohydrate metabolism was not a culprit either.
The latter, however, does not exclude potential late derange-
ments occurring in those and other organs (e.g., heart, lungs,
and intestines) and/or systems (e.g., microcirculation, coagu-
lation) that we did not examine. The protracted readout of
the CLP-induced NOx fluctuations in the blood was consis-
tent with the above changes. Similar to other works [67],
the post-CLP peak of circulating nitrate/nitrite occurred in
our study at 24h time point but it was not further modified
by antioxidants.

Next, we tested whether SkQ1 modulated the abdominal
cellular characteristics and/or impeded bacterial clearance.
We performed two-tier retrospective comparison: (1) treat-
ment versus control as well as (2) predicted-to-die versus
predicted-to-live using the body temperature-based predic-
tion of outcome [41]. Such an approach allows more precise
verification of the potential treatment effect upon the lethal
phenotype. Our data show that compared to (predicted-to-
be) survivors, predicted-to-die mice had much more pro-
nounced bacterial load in the spleen. Yet again, the placebo
treatment comparison revealed that SkQ1 neither altered
the abdominal recruitment of phagocytes nor interfered with
the bacterial clearance.

Impaired mitochondrial function was not always
detected in CLP models, particularly in rodents [68]. Yet,
the absence of a visible mitochondrial dysfunction in such
cases was explained by activation of the effective autophagy
process and removal of nonfunctional mitochondria. Thus,
the autophagy appeared to us as a very sensitive sensor of
the potential impairment of mitochondrial function. The
final experiment 3 showed, however, that SkQ1 treatment
was not by itself harmful to mitochondria (in the liver)
given that neither autophagy (i.e., mitophagy) nor mito-
chondrial membrane integrity was altered by SkQ1 at the
administered dose. This is in line with the nontoxicity
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assessment of SkQ1 in liver homogenates of healthy mice
and rats (Supplementary Figure 2).

This leaves us with a negative effect of SkQ1 upon sepsis
survival and insufficient understanding what this effect can
be attributed to. There are several ways to explain the absence
of the expected antioxidant benefits as well as the uncertain
mechanism-of-action behind the worsened mortality. First,
a proper dose fine tuning of the antioxidants appears impor-
tant. For example, at micromolar concentrations, cationic
quinone derivatives have a strong pro- not antioxidant effect
[29]. Thus, it is unlikely that a higher dose would have less-
ened (reversed) the observed adverse SkQ1 effect. We rather
consider inapt treatment timing and/or relatively low-risk-
of-death sepsis CLP cohort as culprits. Specifically, we used
a repeated treatment to cover the first two post-CLP days,
the phase with the most frequent acute sepsis mortality. It
seems now that such a blanket coverage might have been
too aggressive and/or wide ranging, especially in a nonoverly
lethal sepsis environment of our study. A minimal threshold
of mitochondrial ROS (mtROS) is key for maintaining intra-
cellular defense signaling pathways [69, 70] to enable, for
example, a proper response to bacterial invasion [71].
Although we did not see a post-SkQ1 exacerbation of
microbial load in the spleen, a complete blockage of mtROS
(not detrimental to mitochondria themselves) could have
impeded bacterial clearance at other sites. Likewise, blanket
mtROS scavenging could have deregulated transcription of
protective hypoxia inducible factors [72, 73] that we did not
examine. Of note, there is an emerging role of cell-free hemo-
globin in sepsis-induced organ failure [74]. For example, the
recent clinical trial showed that blocking ferryl hemoglobin
with acetaminophen improved sepsis outcome [75]. Thus,
in addition to mtROS, rich amounts of ROS are generated
by different intra/extracellular sources such as NADPH-oxi-
dase, myeloperoxidase, and ferryl hemoglobin. Future studies
need to explain precise site- and cell-specific roles of oxida-
tive stress in sepsis. Of note, recent antioxidant treatment
using N-acetylcystein and butylated hydroxyanisole (unspe-
cific ROS scavengers) improved survival of mice with specific
deletion of the iron sequestering protein ferritin heavy chain
(FTH); restoration of hepatic glucose production was identi-
fied as the key mechanism of this benefit [76]. Given that our
CLP mice did not enter a prolonged (potentially deadly)
hypoglycemia, this beneficial effect would not have applied.

The two recent sepsis studies offer some relevant clues
regarding the antioxidant treatment timing/dosage and
model severity [13, 63]. At first, CLP mice were given a
single-bolus coenzyme Q10 (strong mitochondria-targeted
antioxidant) at 5 h and 20h post-CLP. Only the latter
attenuated organ injury and (insignificantly) improved
survival [58]. The authors also noted that when sham (also
control) mice were treated with coenzyme Q10, their
injury score doubled (versus untreated sham/control) and
a (statistically insignificant) decline in survival occurred
in sham+ coenzyme Q10 mice. This indicates a predilection
for detrimental effects of coenzyme Q10 in a nonlethal
milieu. The second study was performed in rats with acute
pyelonephritis (APN) who benefited from SkQR1 (we repro-
duced their treatment protocol) [13]. There are four major

differences between that study and ours: cumulative dosage
(500 versus 25nmol/kg), species (rat versus mouse), origin
of sepsis (urosepsis versus abdominal), and the infection
severity. We consider the latter two elements as essential.
First, the rat APN model displayed approx. 70% while our
model reached a total 40% mortality by day 28. We believe
that treatment benefits are much more likely to occur in a
lethal versus moderate severity. For example, inhibition of
murine leukotriene B4 synthesis improved CLP survival
in severe sepsis [77], while the same agent worsened sur-
vival by 50% in a sublethal CLP [78]. We recently showed
that only CLP mice predicted-to-die benefited from dexa-
methasone [49], whereas PAI-1 inhibition exacerbated CLP
mortality in mice that were predicted to survive [79]. A
similar response scenario cannot be ruled out in our study
given that on average surviving mice outweighed those
with the lethal CLP phenotype as opposed to the (benefi-
cial) coenzyme Q10 treatment (65% mortality) [63], Mito-
TEMPO mouse experiment (60% mortality), and SkQR1
APN rat study [13]. Likewise, in the recent SIRS study, 48 h
pretreatment with SkQ1 improved mouse survival in a lethal
but not in 50% mortality setup [59].

The negative effect of SkQ1 can be also attributed to the
specificity of CLP; SkQ1 at the identical (pretreatment) dose
was protective in the LPS rat model [50]. CLP only repro-
duces polymicrobial human sepsis of abdominal origin, and
it cannot be reflexively extended to other sepsis types [2].
SkQ1 was never tested in CLP, and it is plausible that its neg-
ative effects may arise only in sepsis originating from this
particular body compartment. Of note, our study monitored
survival for 28 days. Although advised in preclinical sepsis
[2], a protracted followup has never been tested before for
targeted antioxidant treatment in sepsis. Had we used a 7-
day observation, the SkQ1-induced effect would have been
statistically insignificant.

There are several limitations in our study. First, only pla-
cebo versus verum CLP mice were compared and sham con-
trols were not employed. Second, we did not assess the
mitochondria-and/or cell-derived ROS. Third, mitophagy
assessment was limited to a single (i.e., 24 h post-CLP) time
point. Finally, CLP experiments were performed at two dif-
ferent locations (i.e., LBI and ISR) and the potential influence
of macrobiome fluctuations was not verified.

It is also possible that the rodent CLP model is not an
appropriate testing model for antioxidant therapies given
the overall higher resistance of rodents to trauma/infection
[2] and the qualitative difference in ROS release [80] under
infectious and/or endotoxic stimuli (rodents versus humans).
Thus, the sudden ROS release might not be as damaging in
septic rodents as it is in patients. Long-term mouse studies
using pneumosepsis, CASP, and candidiasis models as well
as testing the mitochondria-specific antioxidants in various
sepsis severity protocols will verify whether the negative
effect observed here can be attributed to the CLP model itself,
species used, the magnitude of the sepsis insult, or combina-
tion thereof. Finally, our study can be also considered as
cautionary; it suggests that in certain severe inflammatory
states, mtROS scavenging can be therapeutically inefficient
and/or deleterious.
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A number of xenobiotic-inducible cytochrome P450s (CYPs) are now known to be localized in the mitochondrial compartment,
though their pharmacological or toxicological roles remain unclear. Here, we show that BNF treatment markedly inhibits liver
mitochondrial O2 consumption rate (OCR), ADP-dependent OCR, and also reserve OCR, in wild-type mice but not in Cyp1a1/
1a2(−/−) double knockout mice. BNF treatment markedly affected mitochondrial complex I and complex IV activities and also
attenuated mitochondrial gene expression. Furthermore, under in vitro conditions, BNF treatment induced cellular ROS
production, which was inhibited by mitochondria-targeted antioxidant Mito-CP and CYP inhibitor proadefin, suggesting that
most of the ROS production was intramitochondrial and probably involved the catalytic activity of mitochondrial CYP1
enzymes. Interestingly, our results also show that the AHR antagonist resveratrol, markedly attenuated BNF-induced liver
mitochondrial defects in wild-type mice, confirming the role of AHR and AHR-regulated CYP1 genes in eliciting mitochondrial
dysfunction. These results are consistent with reduced BNF-induced mitochondrial toxicity in Cyp1a1/1a2(−/−) mice and
elevated ROS production in COS cells stably expressing CYP1A1. We propose that increased mitochondrial ROS production
and respiratory dysfunction are part of xenobiotic toxicity. Resveratrol, a chemopreventive agent, renders protection against
BNF-induced toxicity.

1. Introduction

Studies from our laboratory as well as from others have
shown that xenobiotic-inducible CYPs (CYP1A1, 1A2, 1B1,
2E1, 2B1, 2C8, and 3A4/5), as well as the constitutively
expressed CYP2D6, are also targeted to mitochondria where
they actively catalyze substrate oxidation in association with
adrenodoxin (ADX) and adrenodoxin reductase (ADR). In
several cases, these mitochondria-localized CYPs exhibit
altered substrate specificity [1–6]. Recent studies also suggest
that aryl hydrocarbon receptor (AHR), a ligand-activated
basic helix-loop-helix (bHLH) transcription factor [7] is also

localized in the mitochondrial intermembrane space [8],
although its role in mitochondrial gene expression or bio-
genesis remains unclear. AHR ligands in the cytoplasmic
compartment include polycyclic aromatic hydrocarbons
(PAHs) and halogenated aromatic hydrocarbons (including
2,3,7,8-tetrachloro-dibenzo-p-dioxin,TCDD). In addition, a
large number of as-yet-unidentified endogenous compounds
also activate AHR [7, 9, 10].

PAHs induce transcriptional activation of the Cyp1
(CYP1a1, 1a2, and 1b1) gene family in addition to induction
of an array of phase II drug-detoxifying enzymes such as glu-
tathione transferases and glucuronyl transferases [11–14].
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CYP1A1, 1A2, and 1B1 are also major enzymes which
metabolize and eliminate PAHs [15–17] that are components
of cigarette smoke, cooked food, and industrial pollution. All
three CYP1 family members are induced abundantly in the
lung, skin, brain, intestine, and bone marrow cells in
response to exposure to AHR agonists, whereas in the mam-
malian liver only 1A1 and 1A2 are induced [9, 16, 18, 19]. In
a recent study, we showed that BaP treatment induced lung
mitochondrial dysfunction including reduced respiratory
capacity, altered cytochrome c oxidase (CcO) activity, and
decreased mtDNA levels. Transgenic Cyp1a1/1a2 (−/−) dou-
ble knockout and Cyp1b1−/−mice were relatively resistant to
BaP-induced mitochondrial toxicity [20]. Furthermore,
shRNA-mediated knockdown of NADPH-cytochrome P450
oxidoreductase (NPOR) and ADX mRNA suggested that
mitochondrial CYP1A1 and 1B1-dependent metabolism play
a role in BaP-induced lung mitochondrial dysfunction [20].

Previous studies by Senft et al. [21, 22] showed that
TCDD induces ROS production and mitochondrial respira-
tory defects possibly through AHR activation mechanism.
A recent study showed that TCDD induces degradation of
mitochondrial AHR in a manner similar to the nuclear/
cytoplasmic AHR [8]. Studies in our laboratory showed that
TCDD imparts both AHR-dependent and independent
effects on mitochondrial function and nuclear gene expres-
sion [23]. Specifically, we showed that TCDD induces mito-
chondrial dysfunction and retrograde signaling which is
likely due to the direct action of xenobiotic on mitochondrial
inner membrane rather than through AHR activation [23].

We therefore hypothesized that BaP-mediatedmitochon-
drial dysfunction could be attributed to two possible mecha-
nisms: (a) CYP1 monooxygenase activity might directly or
indirectly contribute to oxidative stress affecting mitochon-
drial function, or (b) resulting reactive oxygen species
(ROS) and metabolites could damage mtDNA or mitochon-
drial integrity leading to mitochondrial dysfunction. In this
study, therefore, using transgenic Cyp double (Cyp1a1/1a2)
or triple (Cyp1a1/1a2/1b1) KO mice, in vivo and C6 glioma
cell culture in vitro, we investigated the effects of β-naphtho-
flavone (BNF), a known inducer of CYP1A1/1A2 and an
AHR agonist, whose metabolic products, unlike other PAHs
like BaP, are neither reactive nor toxic. Our results show that
BNF induces oxidative stress and mitochondrial dysfunction
similar to that observed in BaP-treated lung mitochondria [3,
24]. Furthermore, the BNF-induced toxicity is probably due
to CYP1 enzyme-mediated ROS production which is attenu-
ated by resveratrol, a naturally occurring polyphenolic com-
pound, using both in vivo and in vitro model systems. In
addition, we have also demonstrated that mitochondria-
targeted antioxidant, Mito-CP, and CYP inhibitor proadefin
also inhibit BNF-induced mitochondrial dysfunction sug-
gesting the role of oxidative stress and CYP catalytic activity
in BNF-induced toxicity.

2. Materials and Methods

2.1. Experimental Models.We usedWt and Cyp1a1/1a2(−/−)
and Cyp1a1/1a2/1b1(−/−) mice to evaluate the roles of these
CYPs in BNF-induced effects on liver mitochondrial

respiration and electron transport chain complex activities.
To evaluate the generality of BNF-mediated effects on mito-
chondrial function and ROS production, we used C6 glioma,
a neuroglial cell line. COS-7 cell lines stably expressing
full-length CYP1A1 and N-terminal truncated +331A1,
which is preferentially targeted to the mitochondria ([1];
Dasari et al. 2006), were used to evaluate the role of
CYP1A1 catalytic activity in ROS production. Also, use
of these cell lines allowed the facile evaluation of different
pharmacological agents on BNF-mediated effects.

2.2. Reagents and Cell Cultures. β-Naphthoflavone (BNF),
DMSO, catalase, ubiquinol, ADP, sodium succinate, NADH,
cytochrome C, lauryl maltoside, oligomycin, 2,4-dinitrophe-
nol (DNP), rotenone, antimycin, CH223191, proadifen, and
resveratrol were obtained from Sigma Chemical Co. (St
Louis, MO). ROS probes 2′,7′–dichlorofluorescin diacetate
(DCFDA) and Amplex Red reagents were purchased from
Abcam (Cambridge, MA) and Invitrogen, (Carlsbad, CA),
respectively. Rat C6 glioma and COS cells were purchased
from American Type Culture Collection (ATCC) (Manassas,
VA) and grown in DMEM/F12 or MDM2 media obtained
from Invitrogen, (Carlsbad, CA). In all cases, cells were
grown in culture medium supplemented with 10% fetal
bovine serum, 1% penicillin-streptomycin at 5% CO2, and
95% air (v/v), at 37°C in the incubator. In some cases, cells
were also treated for 24–48 hrs with BNF dissolved in
dimethylsulfoxide (DMSO; 25–50μM) in the presence or
absence of resveratrol (10μM), Mito-CP (2μM), AHR inhib-
itor CH223191 (25μM), and CYP inhibitor proadifen (5μM),
whereas the control cells were treated with vehicle alone.

2.3. Animal Studies. Wild type (Wt), Cyp1a1/1a2(−/−)
double KO, and Cyp1a1/1a2/1b1(−/−) triple KO mice were
obtained from the Daniel Nebert’s mouse colony (University
of Cincinnati Medical Center). Male mice aged (6–8 weeks)
were divided into three different groups (n = 4 − 5 each).
Group I (controls) received intraperitoneal (i.p.) corn oil as
vehicle control. Group II animals were treated intraperito-
neal (IP) with BNF alone (50mg/kg body weight) in corn
oil for 7 consecutive days. Group III mice were treated
IP with BNF (50mg/kg body weight) plus resveratrol
(20mg/kg body weight). The dosage and time points for
BNF treatment in vivo were based on previous literature
and our own published studies [25, 26], and the resveratrol
dose was based on [27, 28]. Mice were euthanized by CO2
asphyxiation protocol using a Crainey Tech asphyxiation
chamber in accordance with the American Veterinary
Medical Association (AVMA) and National Institutes of
Health (NIH) approved guidelines. The livers from control
and treated mice were collected and used for preparing sub-
cellular fractions for further studies and extraction of total
RNA or total DNA.

2.4. Preparation of Mitochondrial Extracts. The livers were
perfused and rinsed with phosphate-buffered saline and
homogenized in a motor-driven glass-Teflon homogenizer
in H-medium (70mM sucrose, 220mM mannitol, 2.5mM
Hepes, pH7.4, 2mM EDTA, and complete protease inhibitor
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mixture). Mitochondria and microsomes from freshly
extracted mouse liver were prepared by differential centrifu-
gation and suspended in 20mM K2HPO4 buffer containing
20% glycerol with added leupeptin, pepstatin, antipain, and
PMSF as described previously [29, 30]. Treatment with
protease inhibitor was excluded when mitochondria or
microsomes were used for enzyme assays or respiratory
measurements. Protein concentration of cell fractions was
determined by the method of Lowry et al. [31].

2.5. Measurement of Mitochondrial Electron Transport
Enzyme Activity. Complex I (NADH: ubiquinone oxidore-
ductase) and complex IV (cytochrome c oxidase (CcO))
activities were measured according to the method of Birch-
Machin and Turnbull [32]. Briefly, complex I assay was car-
ried out, by incubating 15μg of freeze-thawed mitochondrial
extract in 1mL of assay medium (25mM potassium phos-
phate, pH7.4, 5mM MgCl2, 2mM NaCN, 2.5mg/ml bovine
serum albumin, 13mM NADH, 65μM ubiquinone, and
2μg/ml antimycin A), and then measuring the decrease in
absorbance at 340 nm due to NADH oxidation using a Cary
1E UV-visible spectrophotometer. Rotenone-sensitive com-
plex I activity was measured by addition of 40μM rotenone.
Complex IV (CcO) activity was measured by incubating 2–
10μg of freeze-thawed mitochondrial extract in 1mL of assay
medium (25mM potassium phosphate, pH7.4, and 0.45mM
dodecylmaltoside). Ferrocytochrome c (15μM) was added,
and reaction rates were measured using a Cary 1E spectro-
photometer. First-order rate constants were calculated based
on regression analysis, using the Cary-Win kinetics software.
The molar extinction coefficient (€) of 21.1 was used for the
conversion of OD units to molar amounts of reduced cyto-
chrome c oxidized as described before [20, 33].

2.6. Measurement of Mitochondrial Respiration. Seahorse
XF24 Extracellular Flux Analyzer (Seahorse Biosciences,
North Billerica, MA, USA) was used to assess mitochon-
drial respiratory function. Freshly isolated mitochondria
(10μg/well) from control and treated mouse livers were
plated onto Seahorse poly-L-lysine plates. Mitochondria
were energized by adding 8mM succinate. Respiration was
sequentially measured in energized mitochondria (basal res-
piration), followed by state 3 (phosphorylating respiration, in
the presence of 5mM ADP), and state 4o (resting respira-
tion) with the addition of 3μg/mL oligomycin, an inhibitor
of mitochondrial ATPase. Uncoupled maximal respiration
(state 3u) was determined by the administration of 150μM
DNP. Finally, for complete inhibition of mitochondrial
respiration, complex III inhibitor antimycin A (4μg/ml)
was added. Results were plotted as percentage value of state
3 respiration of respective control, set as 100%.

2.7. Measurement of ROS Formation. ROS formation was
measured, using DCFDA or Amplex Red as probes, accord-
ing to manufacturer suggested protocols described before
[20, 34]. Briefly, 10–20μg of mouse liver mitochondria from
control and BNF-treated mice were incubated in mitochon-
drial buffer (H-medium) pH7.4 in the presence of 1μg of
sodium dodecylmaltoside and 20μMNADH with or without

2μg/mL catalase followed by 10min incubation at 37°C. For
measuring cellular ROS in untreated and treated MCF-7
and A549 cells, the DCFDA method was used as described
above. ROS formation was measured using the LPS-220B
Photon Technology International Fluorescence Instrument
(Birmingham, NJ). For DCFDA assay, we measured ROS
formation at excitation wavelength 485nm and emission
wavelength 535nm or for the Amplex Red assay at excitation
wavelength 530 nm and emission 590nm, and probes using
MicroWin chameleon multilabel detection platform were
used. Membrane permeable SOD was used as a control to
confirm H2O2 production.

2.8. Quantification of mRNA. Total RNA was isolated from
fresh liver slices or cell pellets using TRIzol reagent (Invitro-
gen) using the manufacturer’s recommended protocol. For
real-time PCR analysis, RNA was digested with turbo DNase
I (Ambion, Inc.), and cDNA was synthesized using 1μg total
RNA as template by using the High-Capacity cDNA Archive
kit (Applied Biosystems, Inc.). Relative mRNA levels of
CYP1A1, CYP1A2, and CYP1B1 were measured by standard
SYBR Green real-time PCRs on an ABI 7300 real-time PCR
machine as described before [29]. Transcript levels were
normalized to the housekeeping gene β-actin (ACTB) as
an internal control and expressed as % change relative to
ACTB mRNA.

2.9. Preparation of COS Cells Stably Expressing CYP1A1
Protein. Full-length and N-terminal truncated +331A1
cDNAs were cloned in BamH1 and XBA-1 sites of pGP Lenti
(Addgene, Cambridge, MA) vector, and fully assembled viral
particles were generated by transfection in 293T cells. To
generate stable lines, COS-7 cells were transduced with Lenti
viral constructs as per the vendor’s protocol. Transduced
cells were selected based on resistance to 2μg/mL puromycin
(Invitrogen, Carlsbad, CA). Fresh puromycin-containing
media was exchanged every other day for ~2 weeks. After
8–10 days, individual colonies were selected and trypsinized
using 0.05% Trypsin EDTA (Thermo Fisher, Waltham,
MA) and transferred to a new six-well plate for another 2–4
days or until the cell density reached 50–70% confluence.
Monoclonal selection was achieved by means of serial
dilution to 2 cells/mL and plated at 100μL DMEM F12
puromycin-containing media per well in a 96-well plate.
Wells contained colonies derived from a single cell were
selected and expanded into a 24-well plate. Protein levels
were measured by immunoblotting with an anti–CYP1A1
antibody (in house generated [2]).

2.10. SDS-PAGE and Immunoblot Analysis. For SDS-PAGE
analysis, mitochondrial protein (50μg) was separated on
12% SDS-polyacrylamide gels. Proteins were then transferred
to nitrocellulose membranes (Bio-Rad) and probed with the
appropriate antibodies. Antibodies specific to CcO I (cat.
number ab14705), CcO IVi1 (cat. number ab110272), CcO
Vb (cat. number ab110263), succinate dehydrogenase com-
plex flavoprotein subunit A (SDHA) (cat. number ab14715),
and voltage-dependent anion channel (VDAC) (cat. number
ab61273) were obtained from Abcam (Cambridge, MA).
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Antibodies for CYP1A2 (cat. number sc-30,085), NADPH-
P450 oxidoreductase (NPOR) (cat. number sc-25,270),
and β-actin (cat. number sc-1616) were purchased from
Santa Cruz Biotechnology, Inc. (Dallas, TX). Blots were
probed with appropriate dilution of primary (concentra-
tion~ 1μg/ml) followed by corresponding secondary anti-
bodies (manufacturer recommended concentration). The
blots were developed using the SuperSignal West Femto
System (Pierce) and imaged on a Bio-Rad VersaDoc Imaging
System or an Odyssey Licor (Licor Biotechnology, Lincoln,
NE). Digital image analysis was performed using Quantity
One Version 4.5 software from Bio-Rad.

The blue native gel electrophoresis protocol (BNGE) for
the separation respiratory complexes was as described before
[35]. Mitochondrial membrane complexes solubilized in 1%
laurylmaltoside were clarified at 100,000×g for 30min and
mixed with 5% Serva blue dye. BNGE was performed on a
native 6–13% polyacrylamide gradient gel starting with a
current of 100V and increasing to a constant current of
250V. Individual complexes were identified based on the size
and reactivity to antibodies [35].

2.11. Statistical Analysis. The means± SEM were calculated
from three to five independent experimental values. Statisti-
cal significance (p values) between control and experimental
or paired experiments were calculated using Student’s t-test.
A p value of ≤0.05 was considered significant.

3. Results

3.1. BNF-Induced Mitochondrial Respiratory Defects and the
Effects of Resveratrol Treatment. We compared the effects of
BNF and resveratrol treatment on respiration profiles of
wild-type mice as well as the double (Cyp1a1/1a2−/−) and
triple knockout (Cyp1a1/1a2/1b1−/−) groups of mice. The
rationale was to see if BNF, a relatively nontoxic AHR ago-
nist, induced respiratory dysfunction in the liver and if the
toxicity was associated with the expression of CYP1A1/
1A2/1B1 proteins. We measured the respiratory parameters
including the baseline OCR, OCR linked to ATP synthesis,
maximal respiration, and the state 3 respiration. Results show
that BNF treatment markedly reduced the maximal respira-
tion (after addition of DNP) as well as the reserve respiration
in Wt mice but had no significant effect in Cyp1a1/1a2−/−

and Cyp1a1/1a2/1b1−/− triple knockout mice (Figures 1(a),
1(b), and 1(c)). These results suggest that BNF induced respi-
ratory impairment in Wt mice that was likely associated with
the expression of CYP1 and/or CYP1A2 proteins.

As shown in Figure 1, the average baseline OCR for wild-
type liver mitochondria seeded at 10μg/well was 230 pmol
O2/min, including nonmitochondrial oxygen consumption,
which was determined after the addition of antimycin, a
potent inhibitor of complex III which channels electrons
from both NADH (complex I) and FADH2 (succinate)
(complex II). The portion of mitochondrial oxygen con-
sumption devoted to ATP synthesis (which is blocked by
oligomycin) was ~70%, while the remaining ~30% fed into
proton leak. Maximal respiratory rate was determined after
addition of DNP, an ionophore which transfers protons

across the membrane independently of ATP synthesis and
reveals the full potential for O2 consumption. The difference
between maximal and baseline OCR is defined as reserve
respiratory capacity. Our results show that the hepatic
mitochondrial oxygen consumption is markedly inhibited
by BNF in wild-type mice (Figure 1(a)); however, no signifi-
cant inhibition was observed in double (Cyp1a1/1a2−/−)
(Figure 1(a)) and triple knockout (Cyp1a1/1a2/1b1−/−)
(Figure 1(c)) groups of mice.

Mitochondria from Wt mice treated with BNF showed
45% reduction in state 3 respiration as compared with
100% for mitochondria from untreated mice. As seen from
Figure 2(a), administration of resveratrol alleviated BNF-
induced reduction in state 3 OCR. The state 3 respiration
was minimally affected in the double (Figure 2(b)) and triple
knockout mice (Figure 2(c)) by BNF treatment, and as
expected, resveratrol had no significant effect on the respira-
tion. Consistent with this, BNF treatment in wild-type mice
resulted in ~50% decrease in ATP-linked OCR which was
restored to 70% after resveratrol treatment (Figure 2(d)).
These results show that BNF treatment affected mitochon-
drial respiratory controls in a CYP1 gene dependent manner,
and the AHR antagonist resveratrol had a protective effect on
BNF-induced respiratory defects.

3.2. Effects of BNF and Resveratrol on Liver Mitochondrial
Electron Transport Complex Activities. We investigated the
effects of BNF on complex I activity, which is a major
contributor of ROS production in the mitochondrial com-
partment, and complex IV activity, which is the terminal
oxidase of the mitochondrial electron transport chain. The
results show that complex I activity was significantly
inhibited (~45%) in the BNF-treated liver mitochondria as
compared with control livers and resveratrol treatment
restored the activity close to the untreated control level
(Figure 3(a)). We also observed steady decrease (~40%) in
CcO activity in the livers of mice treated with BNF as com-
pared with control (Figure 3(b)). Resveratrol treatment
brought both complex I and IV activities close to controls
(Figures 3(a) and 3(b)). Figure 3(c) shows that mitochondrial
ROS production in mouse liver mitochondria, as measured
by Amplex Red increased (~1.7 fold of control) after BNF
treatment. Catalase treatment in both BNF-treated and
untreated liver mitochondria attenuated the ROS production
suggesting that the increased fluorescence signal observed
with BNF treatment was indeed due to increased H2O2 pro-
duction. The BNGE pattern of mitochondrial complexes in
Figure 3(d) shows that the relative band intensities for com-
plex I, III, and IV were significantly lower in mitochondria
from BNF-treated mice (48 h) that was attenuated by
coadministration of resveratrol. These results are consis-
tent with the enzyme activity data presented in
Figures 3(a) and 3(b).

3.3. Effects of BNF and Resveratrol on the Steady State Levels
of CcO Subunits. In previous studies, we found that CcO
complex is an important biomarker for mitochondrial stress,
since the levels of several subunits (I, IVi1, and Vb) were
reduced under various stress conditions [34–36]. To assess
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the nature of BNF-induced changes in CcO complex, we
assessed the levels of CcO subunits from control and
Cyp1a1/1a2(−/−) mice. As shown in Figure 4, regions of the
same blot corresponding to the indicated proteins were
excised and probed with appropriate antibodies including
CcO subunits Vb, IV-i1 and I, and also with antibody against
SDHA. It is seen that subunits Vb (Figure 4(a)), IVi1
(Figure 4(b)), and CcOI (Figure 4(c)) levels were significantly
reduced in Wt mice treated with BNF. Notably, resveratrol
treatment in Wt mice restored the subunit level to near con-
trol level confirming the role of AHR-induced CYP1 genes in
this loss. In contrast, BNF failed to affect the CcO subunit
levels in Cyp1a1/1a2(−/−) mice and also resveratrol had no
effect on these CcO subunits, confirming that BNF-induced

CcO subunit loss requires the expression of CYP1A1 and
1A2 proteins. These results along with the results of
Figures 3(a) and 3(b) suggest that the BNF toxicity targets
complex I and IV of the mitochondrial electron transport
chain. Results also show that resveratrol prevents the loss of
enzyme activity as well as subunits of the CcO complex.

3.4. Effects of BNF and Resveratrol on Cyp1a1/1a2 Gene and
Protein Expression. We tested the ability of resveratrol to
inhibit BNF-mediated induction of CYP1A1 and 1A2 pro-
teins in the liver mitochondria and microsomes by West-
ern blot analysis. As seen from Figure 5(a), BNF induced
high levels of hepatic mitochondrial CYP1A1/1A2 expres-
sion in Wt mice and more robust induction in the
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Figure 1: Effect of BNF and resveratrol treatment on mitochondrial respiration in wild-type, double Cyp1a1/1a2(−/−), and triple
Cyp1a1/1a2/1b1(−/−) knockout mice. Oxygen consumption rate (OCR) in mouse (n = 4) liver mitochondria isolated from wild-type (a),
double knockout Cyp1a1/1a2(−/−) (b), and triple knockout Cyp1a1/1a2/1b1(−/−) mice (c) treated with BNF was monitored through
Seahorse XF-24 Extracellular Flux Analyzer as described in Materials and Methods. Baseline, ATP synthesis, proton leak, and spare
respiratory capacity are presented as means± SEM for at least 4 independent experiments. ∗p < 0 05 versus respective untreated and BNF-
treated groups of mice.
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microsome. In both cases, resveratrol treatment attenuated
BNF-mediated induction of CYP1A1/1A2. The level of
NADPH-P450 oxidoreductase (NPOR) and mitochondria-

specific marker voltage-dependent anion channel (VDAC)
were used as markers for microsome and mitochondria,
respectively. The levels of these markers show that the
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Figure 3: Effects of BNF and resveratrol on mitochondrial function and ROS production in wild-type mouse liver. Complex I activity (a) and
CCo activity (b) were measured in mitochondria isolated from control, BNF-, and resveratrol-treated groups (n = 4 each). ROS formation was
measured in control and BNF-treated mouse liver mitochondria by Amplex Red assay system (c) using MicroWin chameleon multilabel
detection platform at excitation wavelength 530 nm and emission 590 nm as described in materials and methods. (d) Blue Native Gel
resolution of mitochondrial complexes from livers of control (untreated), BNF-treated and BNF plus resveratrol-treated mice. The pattern
was repeated three times using extracts (80 μg each) from three separate mice for each group. Details were as described in Materials and
Methods. Results represent mean± SEM from 4 independent assays. ∗ denotes p < 0 05.
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Figure 2: Quantitation of state 3 mitochondrial respiration in BNF-treated wild-type and knockout mice. State 3 respiration capacity was
measured in mouse liver mitochondria isolated from BNF- and resveratrol-treated wild-type (a), Cyp1a1/1a2(−/−) (b), and triple
Cyp1a1/1a2/1b1(−/−) (c) knockout mice (n = 4 each) along with nontreated control mice as in Figure 1. Changes in % ATP-linked OCR
(d) were measured using XF24 metabolic analyzer. Values are presented as means± SEM of at least 4 independent measurements for each
mouse. ∗p < 0 05 versus respective wild-type control, BNF, and resveratrol treatment.
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subcellular fractions used were devoid of significant cross-
contamination. In agreement with results of the Western
blot (Figure 5(a)), real-time PCR analysis of total liver
RNA also showed that CYP1A1 mRNA was induced by
>100 fold by BNF treatment, which was reduced to near
control level in mice coadministered with resveratrol
(Figure 5(b)). Similarly, CYP 1A2 mRNA was also induced
by about 10-fold by BNF (Figure 5(c)). Coadministration
with resveratrol effectively inhibited (<80%) BNF-mediated
induction of both CYP1A1 and CYP1A2 mRNAs in mouse
liver. As previously reported, resveratrol treatment on its
own did not affect the expression of the CYP1A1 and
CYP1A2 mRNAs [37].

3.5. Effect of BNF on ROS Production and Mitochondrial
Respiratory Complexes in C6 Glioma Cells. To further
investigate the effects of BNF on ROS formation, we used
C6 glioma cells expressing AHR-inducible CYP450s. As

shown in Figures 6(a) and 6(b), ROS formation was signifi-
cantly induced by BNF treatment, while resveratrol, and
CH223191, both AHR antagonists CYP450 inhibitor proadi-
fen, and Mito-CP treatment markedly inhibited BNF-
induced ROS production, confirming the involvement of
AHR-dependent CYP450 catalysis in ROS production.
Mitochondrial respiratory enzyme activities were also
measured in C6 glioma cells. Results show that the com-
plex I enzyme activity was inhibited by about 60%
(Figure 6(b)) while the complex IV (CcO) activity was
inhibited by about 30% in BNF-treated cells (Figure 6(c))
when compared to untreated control.

To elucidate the possible mechanism by which BNF
affects mitochondrial respiratory controls, we measured the
level of mitochondrial gene expression at different times of
BNF treatment from 24 to 72h in C6 glioma cells. The
relative mRNA levels for mitochondrial genome-coded
ATP6, CcOI, cytochrome b, ND1, and ND6 were
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Figure 4: Effects of BNF and resveratrol on CcO subunit levels by immunoblot analysis. Immunoblot analysis of mitochondrial proteins from
wild-type and double Cyp1a1/1a2(−/−) knockout, BNF-, and resveratrol-treated groups (n = 4 each). Mitochondrial proteins (50 μg each)
were resolved by SDS-PAGE on a 12% gel and the regions of blots corresponding to CcOVb, CcOIVi1, CcOI, and SDHA were excised
based on apparent molecular masses and corresponding membrane strips were subjected to immunoblot analysis with anti-CcOVb (a),
anti-CcO IVi1(b), and anti-CcOI (c) antibodies. Membrane strip corresponding to ~78 kDa was probed with antibody to the
mitochondrion-specific marker succinate dehydrogenase (SDHA) as loading controls. The blots were imaged through a Li-Cor Odyssey
Infrared Imaging System, and the band densities were quantified using the Volume analysis software. The values in the bar diagrams
represent mean± SEM of 4 independent experiment from different mice.
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significantly increased (about 2-fold) by 24 h of treatment
(Figure 7(a)), modestly reduced by 48h of treatment
(Figure 7(b)) and markedly reduced by 72h of treatment
(Figure 7(c)). The increase in transcription at early time
period of 24 h probably represents a compensatory response
to drug-induced mitochondrial toxicity representing exten-
sive fission and fusion for repairing mitochondria. Contin-
ued exposure to the drug, however, induces time-dependent
inhibition. These results show that BNF elicits marked
inhibition of mitochondrial DNA transcription past the
48 h treatment time. Taken together, our results show that
increased ROS production and mitochondrial dysfunction
may be associated with induced expression of the AHR-
regulated CYP1A1 and CYP1A2 genes.

3.6. Effects of BNF and CYP450 Inhibitor on ROS Production
in Mitochondria from Treated Livers. Since studies with
hepatic tissue from BNF-treated mice and C6 glioma cell
point to the catalytic activity of CYP1A1 and 1A2 as pos-
sible sources of ROS, we used COS cells stably expressing
CYP1A1 to further ascertain this possibility. Immunoblot
in Figure 8(a) shows the level of expression of full-length
(microsomal) and N-terminal truncated (+33) (mitochon-
drial) CYP1A1 in COS-7 cells. Several previous studies

([1, 2]; Dasari et al. (2010); [38]) showed that N-terminal
truncated CYP1A1 is more predominantly targeted to the
mitochondria. The results of ROS measurements in
Figure 8(b) show that BNF treatment induced ROS produc-
tion in bothWt CYP1A1 expressing and +33-1A1 expressing
cells. Proadifen, an inhibitor of CYP, and also Mito-CP
markedly inhibited ROS production. These results confirm
that the catalytic cycle of CYPs induce ROS production and
much of the ROS produced is of mitochondrial origin.

4. Discussion

The toxic effects of TCDD and PAHs are thought to be medi-
ated via AHR signaling [39]. Structural similarity of BNF, a
flavonoid compound present in edible plants and fruits, with
many PAHs and their respective amines make it a powerful
activator of AHR, which in turn induces CYP1 genes along
with an array of genes involved in inflammatory response
([14, 25, 39–41]). However, the mechanism involved in
PAH toxicity is far from clear, and pharmacological tools
have been routinely utilized to establish a cause-effect
relationship between AHR activation and toxicities. Unlike
the large number of PAHs from industrial sources whose
metabolic products form adducts with DNA and induce
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Figure 5: Effects of BNF and resveratrol treatment on CYP1A1/1A2 mRNA and protein expression levels. Immunoblot analysis of hepatic
mitochondrial and microsome proteins from wild-type control, BNF-, and resveratrol-treated mice (n = 4each) following seven days of
treatment. Proteins (50 μg each) were resolved by SDS-PAGE on a 12% gel and subjected to immunoblot analysis with anti-CYP1A1/1A2
antibodies. Representative blot from one treated and untreated liver each has been presented. As described in Figure 4, all the three blocks
of membranes were derived from the same blot. The blots were also probed with an antibody to the mitochondrion-specific marker
voltage-dependent anion channel (VDAC) as loading controls (a). CYP1A1 (b) and CYP1A2 (c) mRNA levels were measured by real-time
PCR in Wt control, BNF-, and resveratrol-treated mice as described in Materials and Methods. Results represent mean± SEM from 4
independent experiments. ∗ denotes p < 0 05.
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mutations, BNF is not a mutagen because its metabolites are
not highly reactive. Despite its suspected nonmutagenic and
noncarcinogenic properties, reports suggest that BNF may
affect some aspects of early development and cell differentia-
tion [42]. In this study using CYP1a1/1a2−/− (double knock-
out) and CYP1a1/1a2/1b1−/− (triple knockout) mice as well
as cell culture models, we show that BNF induces liver

mitochondrial respiratory defect which is mediated through
activated AHR and metabolic activities of AHR-induced
CYP1A1 and 1A2 enzymes. Our results show that BNF treat-
ment inhibits hepatic mitochondrial OCR by about 30–50%
in wild-type mice. In contrast, in both double KO and triple
KO mice, the BNF-induced inhibition of OCR was only
marginal. Furthermore, the difference between the double
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Figure 7: Effects of BNF on the expression of mitochondrial and nuclear genome-coded respiratory genes in C6 glioma cells. Mitochondrial
genome-coded mRNA levels for ATP 6, CcO I, Cyt b, ND1, and ND6 from BNF-treated C6 glioma cells treated for 24 hours (a), 48 hours (b),
and 72 hours (c) were quantified by real-time PCR with β-actin gene as internal control as described in Materials and Methods. Results
represent mean± SEM of 3 independent experiments. ∗ denotes p < 0 05.
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Figure 6: Effects of BNF on ROS production and mitochondrial respiratory complexes. ROS formation in C6 glioma cells treated with BNF,
resveratrol, proadefin, or CG223191 was measured as described in Materials and Methods (a). Complex I assay was carried out using Cary 1E
UV-visible spectrophotometer by incubating 10μg of freeze-thawed mitochondrial extract in 1ml of assay medium. The assay medium
consisted of 25mM potassium phosphate, pH 7.4, 5mM MgCl2, 2mM NaCN, 2.5mg/ml bovine serum albumin, 13mM NADH, 65μM
ubiquinone, and 2 μg/ml antimycin A. The decrease in absorbance at 340 nm because of NADH oxidation was measured (b). CcO activity
was measured by incubating 10 μg of freeze-thawed mitochondrial extract from control and BNF-treated cells in 1ml of assay medium
(25mM potassium phosphate, pH 7.4, 0.45mM dodecylmaltoside, and 15μM reduced cytochrome c) (c). Results represent mean± SEM of
at least 4 independent experiments. ∗ denotes p < 0 05.
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KO and triple KO was not significant. This is consistent with
several reports showing very low or no detectable CYP1B1
expression in rodent livers. Results also show that state 3
respiration, ATP-coupled respiration, as well as maximum
uncoupled respiration was affected by BNF treatment. The
reduced respiratory capacity is most likely associated with
the inhibition of the activities of respiratory complexes, com-
plex I and complex IV (CcO) (Figure 3). Similar results were
also obtained when C6 glioma cells were tested under in vitro
conditions. Results therefore suggest that inhibition of mito-
chondrial respiratory complexes by BNF may be mainly
responsible for the observed mitochondrial dysfunction.

The induction of CYP1A1 mRNA and resulting enzyme
activity has long been used as a sensitive indicator of AHR
activation in numerous in vitro and in vivo models for
screening a variety of compounds and environmental toxi-
cants [43]. A strong correlation between AHR-binding affin-
ity of the promoter sites, CYP1A1 induction, and dioxin-like
toxicity of structurally related PAHs has been used as a
biomarker for hazard identification and risk assessment of
environmental pollutants, industrial chemicals, and thera-
peutic compounds [43, 44]. The present study also points
to novel aspects of mitochondrial respiratory controls and
electron transfer complexes as possible targets of AHR. In
this study, we show that BNF treatment not only inhibits
respiratory controls but also mitochondrial transcription in
a time-dependent manner. The immediate effects of BNF at
early time point (24 h) is increased transcription which is
probably a compensatory effect of reduced electron transport
chain activity. At 48 and 72 h of treatment, there is a time-
dependent inhibition of mtDNA transcription. With a view
to understand the molecular basis of this inhibition, we also
measured ROS production and mitochondrial function in
C6 glioma cell culture system which expresses CYP 1 genes.

Our results show high level of ROS production accompanied
by reduced mitochondrial complex activities in C6 glioma
cells treated with BNF confirming the in vivo animal study
on KO mice. Using Ahr and CYP specific inhibitors
CH223191 and proadifen, respectively, we also demonstrated
that ROS production was markedly inhibited suggesting the
role of Ahr-dependent CYP activities in BNF-induced ROS
production in the cell system. Some studies suggest that
CH223191 is a more potent Ahr receptor antagonist against
dioxin treatment in comparison to BNF [45]. In our cell sys-
tems, however, we found that resveratrol is equally or more
potent antagonist of AHR based on CYP1A1 gene expression
and ROS production.

We suggest that mitochondrial ROS production is most
likely the cause of reduced respiratory enzyme activities and
inhibition of mtDNA transcription. In this study, our results
imply that CYP1A1 and 1A2 together induce mitochondrial
dysfunction which might be critically important for reported
toxic effects of BNF. A previous study from Nebert’s group
showed that microsomal CYP1A1 plays an important role
in the elimination of BaP from the hepatic tissue for reducing
xenotoxicity [21, 22, 38, 46]. Similarly, a previous study from
our laboratory showed that TCDD induces mitochondrial
dysfunction and retrograde signaling by directly acting on
mitochondrial membrane complexes rather than through
AHR activation [23]. In this respect, the two xenobiotics elicit
mitochondrial toxicity through different mechanisms.

Resveratrol is a naturally occurring polyphenolic com-
pound that occurs in grapes, peanuts, berries, and a number
of plants used in traditional Asian medicine [47, 48]. This
compound displays chemopreventive and several other prop-
erties useful for human health, including cardioprotective
activity and inhibitory activity toward the ageing process.
Several studies have reported that resveratrol inhibits the
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Figure 8: BNF-induced ROS production in COS-7 cells stably expressing CYP1A1 protein. COS-7 cells stably expressing full-length and
N-terminal truncated (+33) CYP1A1 was generated as described in Materials and Methods. (a) Immunoblot shows the level of CYP1A1
expression in the two cell lines expressing full-length and +331A1 proteins. Total cell extracts (50 μg protein each) were resolved on 12%
polyacrylamide SDS gel, and the proteins were transferred to membranes as described in Materials and Methods. The blot was probed
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Mito-CP were added as described in Figure 7. The immunoblot pattern in A is reproducible in multiple runs. The values in (Figure 8(b))
represent mean± SEM of 3 independent experiments. ∗ denotes p < 0 05.
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expression of a number of cytochrome P450 genes, including
CYP1A1, CYP1B1, CYP1A2, CYP2E1, CYP2C8, CYP3A,
and aromatase (CYP19) in cancer cell lines of different tissue
origin in humans and other mammals, and also inhibits the
catalytic activities of several of these CYPs, and it has been
suggested that these inhibitions may underlie some of the
cancer chemopreventive activity of this compound [49–53].
Several studies [27] suggest that low doses of resveratrol
may help alleviate oxidative stress though its precise mecha-
nism of action remains unclear. Using in vitro cell culture
and in vivo mouse KO models, our results showed marked
reversibility of mitochondrial toxicity by resveratrol. Our
results with CYP1a1/1a2−/− double KO mice also show
that the metabolic activities of mitochondrial CYP1A1/
1A2 may be critical factors in inducing mitochondrial ROS
production and associated mitochondrial dysfunction.
Results with stable cells expressing Wt and N-terminal trun-
cated CYP1A1 further support this possibility.
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Testosterone deficiency, as a potential risk factor for aging and aging-related neurodegenerative disorders, might induce
mitochondrial dysfunction and facilitate the declines of the nigrostriatal dopaminergic system by exacerbating the mitochondrial
defects and increasing the oxidative damage. Thus, how testosterone levels influence the mitochondrial function in the
substantia nigra was investigated in the study. The present studies showed that testosterone deficiency impaired the
mitochondrial function in the substantia nigra and induced the oxidative damage to the substantia nigra as well as the deficits in
the nigrostriatal dopaminergic system. Of four mitochondrial respiratory chain complexes, castration of male rats reduced the
activity of mitochondrial complex I and downregulated the expression of ND1 and ND4 of 7 mitochondrial DNA- (mtDNA-)
encoded subunits of complex I in the substantia nigra. Supplements of testosterone propionate to castrated male rats
ameliorated the activity of mitochondrial complex I and upregulated the expression of mitochondrial ND1 and ND4. These
results suggest an important role of testosterone in maintaining the mitochondrial function in the substantia nigra and the
vulnerability of mitochondrial complex I to testosterone deficiency. Mitochondrial ND1 and ND4, as potential testosterone
targets, were implicated in the oxidative damage to the nigrostriatal dopaminergic system.

1. Introduction

Oxidative stress plays a key role in aging and aging-related
neurodegenerative disorders [1–3], such as Parkinson’s dis-
ease (PD). Testosterone deficiency, as a potential risk factor
for neurodegenerative disorders [4], is implicated in oxidative
stress [5–8]. Orchiectomy elevates the susceptibility of brain
tissue to oxidative stress [6, 7]. Oxidative stress-mediated
damage to neurons can be manipulated by testosterone
administration [5–8]. Testosterone supplements reduce the
oxidative damage by increasing antioxidant enzyme levels
[6] and ameliorating the oxidative stress parameters [8, 9]
in brain tissues. In vitro studies reveal that the cerebellar

granule cells from neonatal rats treated with testosterone
are selectively protected against oxidative stress-induced cell
death [5]. Testosterone is involved in the protection of neu-
rons via suppressing oxidative stress.

Normal neuronal activities are critically dependent on
mitochondrial function [10]. Mitochondria, as primary
sources of reactive oxygen species (ROS) and primary targets
of ROS damage [1, 2, 11–13], have been proposed to play an
important role in the pathogenesis of neurodegenerative dis-
orders [1, 2, 14, 15]. The defects of mitochondria, such as the
reduced activity of the mitochondrial respiratory chain and
the overproduced ROS, are detected in the brains of subjects
with aging-related neurodegenerative disorders [16–21].
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Mitochondrial dysfunction induces a progressive disruption
of the redox balance and is implicated in aging or aging-
related neurodegeneration.

In normal aging, the nigrostriatal dopaminergic system
progressively declines [22–25], with a decrease in the number
of dopaminergic neurons [22, 23] and dopamine (DA) con-
tent [24, 25]. Although several factors have been proposed
for the declined dopaminergic system in the aging process,
one of the major contributors is oxidative stress [26–28].
PD, as a common neurodegenerative movement disorder,
pathologically undergoes neurodegenerative loss of dopa-
mine neurons in the substantia nigra [29]. Age-related mito-
chondrial alterations are demonstrated in the human skeletal
muscle beginning at 40~ 50 years of age [30, 31]. Coinciden-
tally, changes in the sexual hormonal state of individuals also
start at this age interval [32], which suggests a relationship
between hormonal levels and mitochondrial status [33].
With advancing age, the reduced levels of testosterone in
aged males [34–37] might facilitate the declines of the nigros-
triatal dopaminergic system by exacerbating the mitochon-
drial defects [15, 38] and increasing the oxidative damage
in the substantia nigra.

Based on the effects of testosterone on oxidative stress-
mediated damage to neurons [5–9], the association of mito-
chondria with oxidative stress [11, 12], and the amelioratory
effects of testosterone on the deficits in the nigrostriatal
dopaminergic system of aged male rats [9, 39, 40], we pre-
sumed that the amelioratory effects of testosterone on the
impaired nigrostriatal dopaminergic system might be real-
ized by regulating the function of mitochondria in a way.
Testosterone deficiency might intervene the mitochondrial
function in the substantia nigra. Therefore, in the present
study, the dopaminergic markers in the nigrostriatal dopami-
nergic system and the parameters related to mitochondria
were analyzed in male rats by manipulating serum testoster-
one levels to testify which of mitochondrial DNA- (mtDNA-)
encoded subunits, as potential testosterone targets, was
implicated in the substantia nigra.

2. Materials and Methods

2.1. Animals. Adult male Sprague–Dawley rats (280–300 g)
were supplied by the Experimental Animal Center of Hebei
Medical University. All of the rats were kept in groups of four
per cage and housed under controlled temperature (22± 1°C)
and humidity conditions with a 12h light-dark cycle (lights
on 06:00 h). Food and water were available ad libitum. The
experimental procedures followed the rules in the “Guide-
lines for the Care and Use of Mammals in Neuroscience
and Behavioral Research” and were approved by the
Committee of Institutional Animal Care and Use of Hebei
Medical University.

2.2. Treatments. For testosterone deficiency, the rats anesthe-
tized with chloral-hydrate (300mg/kg) were gonadectomized
(GDX) by the removal of the testes, epididymis, and epidid-
ymal fat under aseptic conditions, and the incisions were
closed using surgical staples. The sham-operated rats experi-
enced the same surgical treatment except for the bilateral

orchiectomies (sham) [41]. For testosterone replacement,
testosterone propionate (TP) was injected subcutaneously
to GDX rats based on the following experimental schemes.
The GDX rats receiving sesame oil treatment were used as
a control.

2.3. Designs

2.3.1. Experiment 1. Eighty rats were used to determine the
optimal dose of testosterone replacement by detecting the
levels of malondialdehyde (MDA), hydrogen peroxide
(H2O2), reduced glutathione (GSH), and oxidized glutathi-
one (GSSG) in the substantia nigra (SN). They were included
in the following groups: sham (n = 8), GDX (n = 8), or GDX-
TP (n = 64). Eight rats in GDX-TP received 28-day treatment
of TP at 0.5, 0.75, 1.0, 1.25, 1.5, 2.0, 2.5, or 3.0mg/kg.

2.3.2. Experiment 2. Sixty-four rats were used to investigate
the effect of testosterone deficiency and testosterone replace-
ment on the nigrostriatal dopaminergic system. They were
included in the following four groups: sham (n = 16), GDX
(n = 16), GDX-0.5TP (n = 16), or GDX-1.0TP (n = 16). Eight
rats in each group were used for real-time quantitative PCR
(qPCR) and liquid chromatography coupled with tandem
mass spectrometry (LC-MS/MS) assay or for Western blot
detection. The rats in GDX-0.5TP and GDX-1.0TP experi-
enced 28-day treatment of TP at 0.5mg/kg and 1.0mg/kg,
respectively. Two TP doses were chosen based on the results
in the experiment 1.

2.3.3. Experiment 3.One hundred and twenty-eight rats were
used to investigate the effect of testosterone deficiency and
testosterone replacement on mitochondrial function. They
were included in the following four groups: sham (n = 32),
GDX (n = 32), GDX-0.5TP (n = 32), or GDX-1.0TP (n = 32).
Eight rats in each group were used for detection of the mito-
chondrial membrane potential and the activity of mitochon-
drial complexes, qPCR, orWestern blot detection. The rats in
GDX-0.5TP and GDX-1.0TP experienced 28-day treatment
of TP at 0.5mg/kg and 1.0mg/kg, respectively. TP dose was
chosen based on the results in experiment 1.

2.4. Sample Preparation. The rats were sacrificed by decapita-
tion. The tissue block containing the SN (between 3.00mm
and 4.08mm rostral to the interaural axis) or the caudate-
putamen (CPu; between 10.08mm and 8.64mm rostral to
the interaural axis) [42] was dissected on an ice-cold plate,
using a scalpel for ophthalmic surgery and stereomicroscopy.
It was immediately processed for assays of MDA, H2O2,
GSH/GSSG, and mitochondrial membrane potential as
well as the activity of mitochondrial complexes or stored
at −80°C after being frozen in liquid nitrogen until further
qPCR, Western blot, or LC-MS/MS assay based on the
experiment purposes.

2.5. Mitochondrial Membrane Potential. The mitochondrial
membrane potential in the SN was detected using the rhoda-
mine 123 (Rh123) fluorescence method [10]. The pieces con-
taining the SN were grinded with a balanced salt solution and
filtered through a nylon mesh screen. The cells were collected
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and incubated in Rh123 solution (10 μg/mL, Sigma, USA) at
37°C for 30min. After being washed and resuspended in
1mL PBS, the cells were immediately analyzed by flow
cytometry (excitation/emission wavelengths, 488/534 nm).
The mitochondrial membrane potential was assessed by the
change in the intensity of Rh123 fluorescence. Weak fluores-
cent intensity of Rh123 reflects the decreased mitochondrial
membrane potential.

2.6. Biochemical Analysis. For MDA assay, SN tissue block
was homogenized with 10 times (w/v) ice-cold 0.1M phos-
phate buffer (PB) at pH7.4. The homogenate was then cen-
trifuged at 14,000g for 15min at 4°C followed by recovery
of the supernatant. The supernatant of SN homogenates
was used to detect MDA. The levels of MDA were measured
spectrophotometrically according to the protocol of the
detection kits. The detection kit (Code A003-1) was obtained
from the Jiancheng Institute of Biotechnology of China.

For the detection of H2O2 and GSH/GSSG in mitochon-
dria of the SN, the mitochondria were isolated using the
Tissue Mitochondria Isolation Kit (Code C3606, Beyotime
Institute of Biotechnology, China). In brief, SN tissue was
homogenized in ice-cold buffer (10mM HEPES, pH7.5,
including 200mMmannitol, 70mM sucrose, 1.0mM EGTA,
and 2.0mg/mL serum albumin) and centrifuged at 1000g at
4°C for 10min. The supernatant was centrifuged again at
3500g at 4°C for 10min to collect a mitochondrial pellet.
The levels of H2O2, GSH, and GSSG in the mitochondria
were measured spectrophotometrically according to the
protocol of the detection kits (H2O2: Code A064-1, GSH:
Code A006-1, and GSSG: Code A061-2; Jiancheng Institute
of Biotechnology, China).

For the activity of mitochondrial complexes, isolated
mitochondria were detected by spectrophotometric assays
to reveal the complex activity of the mitochondrial electron
transfer chain. The activity of complexes I, II, III, and IV
was measured according to the protocol of the detection kits.
The detection kits for complex I (Code S50007), complex II
(Code S50008), complex III (Code S50009), and complex
IV (Code S50010) were obtained from the Nanjing Jiancheng
Institute of Biotechnology of China.

2.7. LC-MS/MS Assay. CPu tissue block in experiment 2 was
weighed and homogenized in 80% acetonitrile containing
0.1% formic acid (5 μL). The homogenates were centrifuged
at 14,000g for 10min at 4°C. The supernatants were collected
and stored at −80°C. DA, 3,4-dihydroxyphenylacetic acid
(DOPAC), and homovanillic acid (HVA) were determined
by the use of LC-MS/MS. LC separation was performed on
the Agilent 1200 LC system (Agilent, Santa Clara, USA)

using a Synergi Fusion-RP C18 column (50mm× 3.0mm,
4 μm) provided by Phenomenex. MS/MS detection was car-
ried out using the 3200 QTRAP LC-MS/MS System (Applied
Biosystems, Foster City, CA, USA). The multiple-reaction
monitoring mode was used for the quantification. The
principal validation parameters of the LC-MS/MS were set
up as showed in Table 1.

2.8. qPCR Analysis. 2 μg of total RNA from SN tissue block
was subjected to reverse transcription using random primers
to obtain the first-strand cDNA template. qPCR was per-
formed with 0.8 μL cDNA (diluted 1 : 10), 2 μL specific
primers, and 2× GoTaq® Green Master Mix (Promega,
USA) with a final volume of 20 μL. PCR was performed as
follows: an initial cycle at 95°C for 10min, followed by 40
cycles at 95°C for 15 s, 58°C for 20 s, and 60°C for 15 s. Then,
PCR products were analyzed by the melting curve to confirm
the specificity of amplification. Expression of tyrosine
hydroxylase (TH) and dopamine transporter (DAT) genes
as well as mtDNA-encoded complex I genes was analyzed
using GAPDH or β-actin as an internal control. The relative
quantification was calculated using the 2−ΔΔct method. The
sets of primers were as follows—TH: (forward) 5′-GCTTC
TCTGACCAGGTGTATCG-3′ and (reverse) 5′-GCAATC
TCTTCCGCTGTGTAT-3′, DAT: (forward) 5′-ACTCTGTG
AGGCATCTGTGTG-3′ and (reverse) 5′-TGTAACTGGA
GAAGGCAATCAG-3′, GAPDH: (forward) 5′-TGAACG
GGAAGCTCACTG-3′ and (reverse) 5′-GCTTCACCACC
TTCTTGATG-3′, ND1: (forward) 5′-CCTATGAATCCGA
GCATCC-3′ and (reverse) 5′-ATTGCAGGGAAATGTAT
CA-3′, ND2: (forward) 5′-CAACCAACAACAACTCCAAA-
3′ and (reverse) 5′-AAAGCGGTAGGGTAAGGGTA-3′,
ND3: (forward) 5′-AGTTCTGCACGCCTTCCTT-3′ and
(reverse) 5′-ATCCACACAGATGCCTCACA-3′, ND4: (for-
ward) 5′-CCCTACCCTCAACATGATCC-3′ and (reverse)
5′-GGAGCTTCTACGTGGGCTTT-3′, ND4L: (forward) 5′-
TCCACATTAAACTCCAACTCCA-3′ and (reverse) 5′-CG
TAGTCTGTTCCGTAAGTATTTGA-3′, ND5: (forward) 5′-
CCAACCCTACCTTGCTTTCC-3′ and (reverse) 5′-GGC
TCCCGATAATGAGACAA-3′, ND6: (forward) 5′-GTCTC
CGGGTACTCCTCAGT-3′ and (reverse) 5′-GTGGGCTTG
GATTGATTGTT-3′, and β-actin: (forward) 5′-TCATGA
AGTGTGACGTTGACATCCGT-3′ and (reverse) 5′-CCTA
GAAGCATTTGCGGTGCACGATG-3′.

2.9. Western Blot Analysis. The tissue block for Western blot
was homogenized in radioimmunoprecipitation assay
(RIPA) buffer containing 1% Triton X-100, 0.1% SDS, 0.5%
sodium deoxycholate, and protease inhibitors (100 μg/mL
phenylmethanesulfonyl fluoride, 30 μg/mL aprotinin, and

Table 1: Validation parameters of the LC-MS/MS method.

Analyte r LLOQ (ng/g) Recovery (%) Intraprecision (RSD %) Interprecision (RSD %)

DA 0.9969 2.0 94.6± 8.7 10.3 12.4

DOPAC 0.9982 72.0 93.4± 6.6 8.9 7.5

HVA 0.9977 50.0 95.3± 7.4 7.7 11.3

DA: dopamine; DOPAC: 3,4-dihydroxyphenylacetic acid; HVA: homovanillic acid.
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1mM sodium orthovanadate) and then sonicated for 4× 10 s.
After centrifugation at 12,000g for 20min at 4°C, the super-
natant was collected and centrifuged again as above. The final
resulting supernatant was stored at −80°C until use. Samples
from the SN or CPu were diluted in 2× sample buffer (50mM
Tris (pH6.8), 2% SDS, 10% glycerol, 0.1% bromophenol blue,
and 5% β-mercaptoethanol), heated for 5min at 95°C before
SDS-PAGE on a 10% gel, and subsequently transferred to a
PVDF membrane (Millipore). The membrane was incubated
for 2 h with 5% nonfat dry milk in Tris-buffered saline (TBS)
containing 0.05% Tween-20 (TBST). The membrane was
rinsed in three changes of TBST and then incubated over-
night with mouse anti-TH monoclonal antibody (1 : 10,000;
T2928, Sigma), rabbit anti-DAT polyclonal antibody
(1 : 4000; AB2231, Millipore), rabbit anti-ND1 monoclonal
antibody (1 : 2000; ab181848, Abcam), or rabbit anti-ND4
monoclonal antibody (1 : 200; HPA053928, Sigma) at 4°C
according to the experiment purposes. After three washes,
the membrane was incubated for 1 h with IRDye® 800-
conjugated goat anti-mouse second antibody (1 : 3000;
Rockland) or goat anti-rabbit second antibody (1 : 5000;
Rockland). The bands were scanned by an Odyssey infrared
scanner (LI-COR Biosciences). Following stripping, each
PVDF membrane was subsequently immunoblotted with
mouse anti-β-actin monoclonal antibody (Santa Cruz
Biotechnology). The labeling densities for TH, DAT, ND1,
or ND4 were compared with those for β-actin, which were
the endogenous control.

2.10. Testosterone Measurement. Trunk blood was collected
from the rats after decapitation in experiment 1. Serum
samples were prepared by centrifugation at 3000g for
15min at 4°C and stored at −80°C until assay. Testosterone
levels in the serum and in the SN supernatant of experiment
1 were measured by radioimmunoassay using the testoster-
one radioimmunoassay kit (Tianjin Nine Tripods Medical
and Bioengineering Co. Ltd., China) in accordance with the
manufacturer’s protocol.

2.11. Statistical Analysis. All of the data are presented as the
mean± SD. We applied tests of normality (Kolmogorov-
Smirnov test) and homogeneity variance (Levene’s test). If
both normal distribution (P > 0 1) and homogeneity of vari-
ance (P > 0 1) were found, then, parametric testing was per-
formed by one-way analysis of variance (one-way ANOVA)
followed by a Student-Newman-Keuls post hoc test for mul-
tiple comparisons. Otherwise, nonparametric statistics were
done by the Kruskal-Wallis test followed by theMann–Whit-
ney U test for post hoc analysis between groups. The level of
significance was taken as P < 0 05.

3. Results

3.1. Experiment 1. To choose the optimal doses of TP supple-
ments in ameliorating the oxidative damage to the SN of
GDX rats, MDA, mitochondrial H2O2, and mitochondrial
GSH/GSSG were tested in rats by manipulating testosterone
levels. Furthermore, the testosterone levels in serum and
the SN were measured in experimental rats.

3.1.1. MDA. Group differences were found in the level of
MDA (Figure 1; one-way ANOVA, F(9,70) = 10.250,
P < 0 01) among all groups. The post hoc test revealed
that the level of MDA in the SN was significantly higher
in GDX rats than in sham rats (P < 0 01). Supplements
of TP at the dose of 0.75, 1.0, or 1.25mg/kg reduced
MDA in GDX rats to the level of the sham rats. TP sup-
plements at a dose of over 1.5mg/kg to GDX rats
increased the level of MDA compared with the level of
MDA of sham rats (P < 0 01).

3.1.2. H2O2 and GSH/GSSG. There were group differences in
mitochondrial H2O2 (Figure 2(a); Kruskal-Wallis test,
χ2 = 59 609, P < 0 01) and in mitochondrial GSH/GSSG
(Figure 2(b); one-way ANOVA, F(9,70) = 11.340, P < 0 01)
among all groups. The post hoc test showed the increased
mitochondrial H2O2 production as well as the decreased
mitochondrial GSH/GSSG in the SN of GDX rats compared
with sham rats (P < 0 01). Increased mitochondrial H2O2 in
GDX rats was restored to the levels in sham rats via TP sup-
plement to GDX rats at the dose of 0.75, 1.0, or 1.25mg/kg.
The supplements of TP to GDX rats at the dose of 0.75, 1.0,
1.25, or 1.5mg/kg brought the decreased GSH/GSSG to
sham level.

3.1.3. Testosterone Levels. Group differences among sham,
GDX, and GDX-TP rats were found in the testosterone levels
of serum (Figure 3(a); Kruskal-Wallis test, χ2 = 73 342,
P < 0 01) and the SN (Figure 3(b); Kruskal-Wallis test,
χ2 = 74 194, P < 0 01). GDX rats had the lowest serum and
SN testosterone levels, which were hardly detected. Serum
and SN testosterone levels in GDX rats that received the sup-
plements of TP at 0.75, 1.0, or 1.25mg/kg were in the same
levels as those in sham rats. Supplements of TP at a dose of
over 1.5mg/kg to GDX rats resulted in supraphysiological
levels of serum and SN testosterone (P < 0 01).

3.2. Experiment 2. The markers of the nigrostriatal dopami-
nergic system were analyzed to investigate the deficits in
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Figure 1: The level of MDA in the SN was dependent on the doses
of TP supplements to GDX rats. n = 8 per group, expressed as
mean± SD. #P < 0 01 versus sham rats, ∗P < 0 01 versus GDX rats.
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the nigrostriatal dopaminergic system and the effects of TP
supplements on the impaired nigrostriatal dopaminergic
system in GDX rats.

3.2.1. DA and Its Metabolites. There were group differences
in the levels of DA (Figure 4(a); one-way ANOVA,
F(3, 28) = 29.021, P < 0 01), DOPAC (Figure 4(b); one-way
ANOVA, F(3, 28) = 18.676, P < 0 01), and HVA
(Figure 4(c), one-way ANOVA, F(3, 28) = 18.004, P < 0 01)
in the CPu among sham, GDX, GDX-0.5TP, and GDX-
1.0TP rats. The levels of DA, DOPAC, and HVA were
decreased in GDX rats over sham rats by 36.68%, 26.63%,
and 22.62% (P < 0 01), respectively. TP supplements to
GDX rats at 1.0mg/kg reversed them to the levels in sham
rats. Supplements of TP at 0.5mg/kg did not restore them
to sham levels.

3.2.2. TH and DAT. Group differences were found in TH and
DAT at the level of mRNA in the SN (Figure 5(a); TH:

Kruskal-Wallis test, χ2 = 26 208, P < 0 01; Figure 5(b);
DAT: one-way ANOVA, F(3, 28) = 61.358, P < 0 01) and at
the level of protein both in the SN (Figures 5(c) and 5(e);
TH: Kruskal-Wallis test, χ2 = 18 872, P < 0 01; Figures 5(d)
and 5(f); DAT: Kruskal-Wallis test, χ2 = 26 189, P < 0 01)
and in the CPu (Figures 5(c) and 5(e); TH: Kruskal-Wallis
test, χ2 = 26 253, P < 0 01; Figures 5(d) and 5(f); DAT: one-
way ANOVA, F(3, 28) = 174.783, P < 0 01) among sham,
GDX, GDX-0.5TP, and GDX-1.0TP rats. The post hoc test
showed that the TH and DAT mRNAs in the SN were,
respectively, decreased by 39.68% and 36.31% in GDX rats
over sham rats (P < 0 01). A 40.92% and 44.04% reduction
in TH proteins, respectively, in the SN and in the CPu and
a 66.41% and 49.78% decrease in DAT proteins were found
in GDX rats compared with sham rats (P < 0 01). The signif-
icantly reduced TH and DAT at mRNA and protein levels in
GDX rats were restored to the level in sham rats by the sup-
plements of TP at 1.0mg/kg, not at 0.5mg/kg except for the
protein level of TH in the SN.
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3.3. Experiment 3. To determine the effects of testosterone on
mitochondria in the SN, the parameters related to mitochon-
dria were analyzed in male rats by manipulating serum
testosterone levels and the implicated mtDNA-encoded sub-
units were identified in the substantia nigra of GDX rats.

3.3.1. Mitochondrial Membrane Potential. Group differences
of the Rh123 fluorescence intensity in the SN were found
among sham, GDX, GDX-0.5TP, and GDX-1.0TP rats
(Figure 6; one-way ANOVA, F(3,28) = 12.497, P < 0 01).
The value of Rh123 fluorescence intensity was significantly
lower in GDX rats than in sham rats by 19.12% (P < 0 01).
Supplements of TP at 1.0mg/kg, not at 0.5mg/kg, restored
the value of Rh123 fluorescence intensity in the SN of GDX
rats to the level in sham rats.

3.3.2. Mitochondrial Complex Activities. Of the four com-
plexes of the mitochondrial respiratory chain, complex I in
the SN showed a significant group difference among sham,
GDX, GDX-0.5TP, and GDX-1.0TP rats (Figure 7; one-way
ANOVA, F (3, 28) = 16.602, P < 0 01). The activity of com-
plex I in the SN was significantly reduced by 26.77% in
GDX rats compared to sham rats (P < 0 01). Supplements
of TP at 1.0mg/kg, not at 0.5mg/kg, restored the activity of
complex I in the SN of GDX rats to the level in sham rats.
No significant differences were detected in the activity of
complex II, III, or IV among sham, GDX, GDX-0.5TP, and
GDX-1.0TP rats (Table 2).

3.3.3. mtDNA-Encoded Subunits of Complex I. Of the 7
mtDNA-encoded subunits in complex I, both ND1 and
ND4 showed a significant group differences at the level
of mRNA among sham, GDX, GDX-0.5TP, and GDX-
1.0TP rats (Figure 8(a); ND1: one-way ANOVA,
F(3,28) = 14.530, P < 0 01; Figure 8(b); ND4: one-way
ANOVA, F(3,28) = 16.536, P < 0 01). The post hoc test
found a 10.23% and 15.24% reduction, respectively, in
ND1 mRNA and in ND4 mRNA of GDX rats over sham rats
(P < 0 01). Supplements of TP to GDX rats at 1.0mg/kg, not
at 0.5mg/kg, increased ND1 and ND4 mRNAs to the level in
sham rats. No significant differences were detected at the
mRNA level of ND2, ND3, ND4L, ND5, or ND6 among
sham, GDX, and GDX-TP rats (Table 3).

3.3.4. ND1 and ND4. ND1 and ND4 were analyzed at the
protein level based on the findings of mtDNA-encoded
subunit mRNAs of complex I. Group differences of
ND1 and ND4 at the protein level were disclosed in
the SN among sham, GDX, GDX-0.5TP, and GDX-1.0TP
rats (Figures 8(c) and 8(e); ND1: one-way ANOVA,
F(3,28) = 149.744, P < 0 01; Figures 8(d) and 8(f); ND4:
one-way ANOVA, F(3,28) = 175.603, P < 0 01). A 69.85%
and 61.44% reduction, respectively, in ND1 protein and in
ND4 protein was found in GDX rats over sham rats
(P < 0 01). The supplements of TP to GDX rats at 1.0mg/
kg, not at 0.5mg/kg, upregulated ND1 and ND4 to the level
in sham rats.

0

25

50

75

100

D
A

 (n
g/

g)

Sh
am

G
D

X

G
D

X-
0.

5T
P

G
D

X-
1.

0T
P

⁎⁎ ⁎⁎
⁎

(a)

0

500

1000

1500

2000

D
O

PA
C 

(n
g/

g)

Sh
am

G
D

X

G
D

X-
0.

5T
P

G
D

X-
1.

0T
P

⁎⁎ ⁎⁎

⁎⁎

(b)

0

100

200

300

400

500
H

V
A

 (n
g/

g)

Sh
am

G
D

X

G
D

X-
0.

5T
P

G
D

X-
1.

0T
P

⁎⁎ ⁎⁎
⁎

(c)

Figure 4: The effects of TP supplements on DA and its metabolites in the CPu of GDX rats. (a) DA. (b) DOPAC. (c) HVA. n = 8 per group,
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4. Discussion

The present study revealed that the testosterone deficiency
impaired the mitochondrial function of the substantia nigra
and induced the deficits in the nigrostriatal dopaminergic
system. The decreased mitochondrial membrane potential,
the increased oxidative stress in the SN, and the reduced
expression of DA, its metabolites, TH, and DAT in the
nigrostriatal dopaminergic system were found in GDX rats.
Of the four mitochondrial respiratory chain complexes, cas-
tration reduced the activity of mitochondrial complex I in
the SN and induced the declined expression of mitochondrial
ND1 and ND4 of 7 mtDNA-encoded subunits of complex I.
Supplements of TP to GDX rats ameliorated the mito-
chondrial defects, increased the activity of mitochondrial

complex I, and upregulated the expression of mitochondrial
ND1 and ND4. The reduced activity of mitochondrial com-
plex I and the downregulated expression of mitochondrial
ND1 and ND4 in the SN of 28-day testosterone-deprived rats
suggested an important role of testosterone in maintaining
the mitochondrial function of the nigrostriatal dopaminergic
system and the vulnerability of mitochondrial complex I to
testosterone deficiency. Mitochondrial ND1 and ND4, as
potential testosterone targets, were implicated in the oxida-
tive damage to the nigrostriatal dopaminergic system.

There is a controversy about androgens and neuroprotec-
tion in the central nervous system [6, 43–45].Dosing of testos-
terone seems very important in evaluating the results [44]. In
the present study, TP supplements to GDX rats at the doses of
0.75, 1.0, and 1.25mg/kg restoredMDA,mitochondrialH2O2,
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Figure 5: The effects of TP supplements on TH and DAT in GDX rats. (a-b) TH or DATmRNA in the SN was detected by qPCR. (c–f) TH or
DAT protein in the SN and CPu was measured by Western blot. n = 8 per group, expressed as mean± SD. ∗P < 0 01.
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andmitochondrialGSH/GSSG in the SN to sham levels.How-
ever, TP supplements at the dose of 0.5, 1.5, 2.0, 2.5, or 3mg/
kg to GDX rats resulted in infraphysiological or supraphysio-
logical levels of the serum and SN testosterone and induced
the increased MDA and mitochondrial H2O2 in the SN. The
results were consistent with the experiments in which moder-
ate, but not very low or very high, doses of testosterone had
beneficial effects on behavioral measures such as memory
[44], and testosterone at high concentrations induced harmful
activity and initiated the apoptosis process [46]. The detected

testosterone levels in the serum and SN of GDX rats after TP
supplementation at the doses of 0.75, 1.0, and 1.25mg/kgwere
in the same levels as those in sham rats, which indicated that
the administration of TP at doses of 0.75–1.25mg toGDX rats
reached physiological levels of testosterone.

MDA, an important end product of lipid peroxidation,
reflect free radical-mediated cell membrane damage [3, 47].
A marked increase in MDA in the present study suggested
the overproduced free radicals and the occurred oxidative
stress in the SN of GDX rats. One of the main factors
involved in oxidative stress is superoxide anion (O2

−) [48].
Superoxide anion production occurs mainly inside the mito-
chondrion. It can be converted to O2 and H2O2. GSH and
GSSG are redox couples. Glutathione peroxidase catalyzes
the reduction of H2O2 using GSH to produce GSSG and
water [49]. The increased H2O2 and decreased GSH/GSSG
in SN mitochondria further revealed the existed oxidative
stress in GDX rats. The oxidative stress is closely related to
mitochondrial dysfunction [11, 50]. Mitochondrial dysfunc-
tion induces free radical overproduction and increases lipid
peroxidation [38, 51, 52]. Mitochondria are responsible for
generating cellular energy, altering the reduction-oxidation
potential of cells, and regulating cell viability [53, 54]. Their
function can be evaluated by analyzing the parameters of
mitochondria, such as mitochondrial membrane potential
[10, 50]. A decrease in the mitochondrial membrane poten-
tial can compromise cell viability. The increased lipid perox-
idation and mitochondrial H2O2, as well as the decreased
mitochondrial GSH/GSSG and mitochondrial membrane
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potential in the SN of GDX rats, suggested that testosterone
deficiency disturbed the mitochondrial function. Supple-
ments of TP at 1.0mg/kg to GDX rats restored the mitochon-
drial membrane potential as well as the status of oxidative
stress in the SN. However, TP supplements at 0.5mg/kg
could not restore them in the SN of GDX rats. The present

results indicated that the antioxidant role of testosterone
[6, 55] might be realized via testosterone-regulating mito-
chondrial function in some extent.Mitochondrial dysfunction
might underlie the defects of the nigrostriatal dopaminergic
system of GDX rats. Orchiectomy reduced the expression
of DA and its metabolites, as well as that of TH and DAT

Table 2: Effects of TP on the activity of mitochondrial complexes (μmol/min/g pro).

Enzyme Sham GDX GDX-0.5TP GDX-1.0TP

Complex I 32.12± 3.46 23.52± 2.32∗ 27.96± 2.64∗# 32.21± 2.91#△

Complex II 21.96± 3.08 21.45± 2.86 21.69± 2.58 22.87± 3.41
Complex III 32.72± 3.37 31.77± 3.78 31.91± 3.48 33.06± 2.75
Complex IV 15.65± 2.02 14.49± 2.26 14.55± 2.12 16.19± 2.22
∗P < 0 01 versus sham; #P < 0 01 versus GDX group; △P < 0 01 versus GDX-0.5TP group.
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Figure 8: The effects of TP supplements on ND1 and ND4 in the SN of GDX rats. (a-b) ND1 or ND4 mRNA was detected by qPCR.
(c–f) ND1 or ND4 protein was measured by Western blot. n = 8 per group, expressed as mean± SD. ∗P < 0 01.
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in the nigrostriatal dopaminergic system. Supplements of TP
at physiological levels restored the impaired nigrostriatal
dopaminergic system. The restoration by TP supplements
of nigrostriatal dopaminergic activity might be involved in
the amelioration of behavioral deficits in open-field activity
of TP-treated GDX rats. Gonadectomy in male rats decreases
the behavioral parameters of open-field activity, such as
walking, climbing, and total path length [41]. Supplement
of TP improves the decreased behavioral parameters of
open-field activity in GDX rats [41].

As an important indicator of mitochondrial function
[10, 56], mitochondrial membrane potential is created by
the proton gradient across the inner mitochondrial mem-
brane through the proton-extruding system including
complexes I, III, and IV of the respiratory chain [10]. Testos-
terone deficiency might interfere with the mitochondrial
function by affecting the proton-extruding system of the
mitochondrial respiratory chain. So the influence of TP on
complexes I, III, and IV of the respiratory chain in the SN
became our main concern in the studies. Of the three mito-
chondrial respiratory chain complexes in the proton-
extruding system, the activity of complex I was altered due
to testosterone deficiency. The reduced activity of complex
I was found in the SN of GDX rats. The following reasons
might explain the reduced activity of complex I in the SN
of GDX rats. One is nonspecific oxidative damage. The SN
is rich in dopamine. Dopamine itself can be a source of oxi-
dative stress [26], and dopaminergic neurons experience the
detriments in auto-oxidation of dopamine [57, 58]. The
increased oxidative stress induced by testosterone deficiency
might aggravate the oxidative damage of auto-oxidation of
dopamine to mitochondrial complexes in the nigrostriatal
dopaminergic system of GDX rats. Complex I seem more
vulnerable than complexes II, III, and IV to oxidative damage
caused by testosterone deficiency. Another reason might be
that testosterone specifically regulates the subunits of com-
plex I either via androgen receptor [59, 60] or via estrogen
receptor [61, 62] when testosterone is aromatized to estrogen.
Whether estrogen was involved in the regulation of complex I
subunits is necessary to be investigated in following studies by
ovariectomy in female rats. Immunocytochemical [59, 62]
and in situ hybridization [60, 61] studies identify the subpop-
ulations of intracellular gonadal hormone receptor-bearing

neurons in the SN, which suggested that specific subsets of
midbrain dopaminergic neurons might be direct targets of
gonadal hormones. Testosterone deficiency specifically
caused the decreased activity of complex I and resulted in oxi-
dative stress. The duration after orchiectomy in rats was 28
days. 28-day oxidative stress induced by the reduced activity
of complex I in GDX rats might not be enough to affect com-
plexes II, III, and IV. If the duration extended longer, the
activities of complexes II, III, and IV would be affected as
the ROS was accumulated in GDX rats.

Complex I is a major entry point of the mitochondrial
respiratory chain, and its deficiencies constitute an important
step in the cascade of events leading to the death of the dopa-
minergic cells [63]. In 44 subunits of complex I, 7 subunits
(ND1, ND2, ND3, ND4, ND4L, ND5, and ND6) are encoded
by the mtDNA [64]. In the present study, we found that
gonadectomy in male rats resulted in the reduction in ND1
and ND4 of 7 mtDNA-encoded subunits in complex I. Sup-
plements of TP upregulated or restored the expression of
ND1 and ND4 in GDX rats, which was dependent on the
physiological levels of testosterone in serum and the SN fol-
lowing TP supplementation. Considering the deficits in the
nigrostriatal dopaminergic system in GDX rats in the present
study and lower testosterone levels in some PD [65, 66] as
well as the complex I deficiency in the pathogenesis of PD
[16, 18–21], testosterone regulation of both ND1 and ND4
seemed related to the pathogenesis of PD with testosterone
deficiency. Manipulating ND1 and ND4 expressions by TP
would be a potential approach to prevent mesodopaminergic
neurons from further degeneration in testosterone-deficient
PD patients in a way. Aging, as an important risk factor for
neurodegenerative disorders, is associated with a decrease
in protein and mRNA levels of the respiratory chain in mito-
chondria [15, 38]. Whether testosterone supplements might
ameliorate the deficits in mitochondrial protein expression
of the mitochondrial respiratory chain in aging should be tes-
tified in future studies.

There are some problems unresolved in the present
study. We only analyzed MDA, mitochondrial H2O2, and
mitochondrial GSH/GSSG in GDX rats. However, in addi-
tion to ROS, oxidative stress has been shown to be associated
with reactive nitrogen species (RNS). Thus, the parameters
associated with RNS should be measured in GDX rats. More-
over, mitochondrial bioenergetics and ATP production
should be detected to confirm the mitochondrial dysfunc-
tion. Although 7 mtDNA-encoded transcripts in complex I
were mainly analyzed, whether nuclear DNA-encoded com-
plex I mRNAs are also affected in testosterone deficiency is
worthwhile further investigation.

In conclusion, testosterone at the physiological levels is
necessary for the mitochondrial functions in the substantia
nigra. Testosterone deficiency induced themitochondrial dys-
function and reduced the activity of complex I of the four
mitochondrial respiratory chain complexes in the substantia
nigra. The reduced activity of complex I was related to the
downregulated expression of mitochondrial ND1 and ND4
due to testosterone deficiency. Mitochondrial ND1 and
ND4, as potential testosterone targets, were implicated in the
oxidative damage to the nigrostriatal dopaminergic system.

Table 3: Effects of TP on the mRNA levels of mtDNA-encoded
subunits of complex I.

Subunits Sham GDX GDX-0.5TP GDX-1.0TP

ND1 0.78± 0.03 0.71± 0.04∗ 0.74± 0.03∗# 0.78± 0.04##△

ND2 0.85± 0.04 0.84± 0.03 0.82± 0.04 0.86± 0.04
ND3 0.93± 0.04 0.91± 0.03 0.91± 0.05 0.92± 0.03
ND4 0.85± 0.05 0.72± 0.03∗ 0.77± 0.06∗# 0.85± 0.03##△

ND4L 0.90± 0.04 0.89± 0.06 0.86± 0.06 0.91± 0.05
ND5 0.90± 0.05 0.88± 0.05 0.89± 0.05 0.91± 0.05
ND6 0.92± 0.05 0.90± 0.04 0.90± 0.05 0.92± 0.04
∗P < 0 01 versus sham; #P < 0 05 versus GDX; ##P < 0 01 versus GDX;
△P < 0 01 versus GDX-0.5TP group.
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During partial nephrectomy, the avoidance of ischemic renal damage is extremely important as duration of renal artery clamping
(i.e., ischemia) influences postoperative kidney function. Mitochondria (main producer of ATP in the cell) are very sensitive to
ischemia and undergo damage during oxidative stress. Finding of a compound which diminishes ischemic injury to kidney is of
great importance. Caffeic acid phenethyl ester (CAPE), biologically active compound of propolis, might be one of the promising
therapeutic agents against ischemia-caused damage. Despite wide range of biological activities of CAPE, detailed biochemical
mechanisms of its action at the level of mitochondria during ischemia are poorly described and need to be investigated. We
investigated if CAPE (22mg/kg and 34mg/kg, injected intraperitoneally) has protective effects against short (20min) and longer
time (40min) rat kidney ischemia in an in vitro ischemia model. CAPE ameliorates in part ischemia-induced renal
mitochondrial injury, improves oxidative phosphorylation with complex I-dependent substrate glutamate/malate, increases Ca2+

uptake by mitochondria, blocks ischemia-induced caspase-3 activation, and protects kidney cells from ischemia-induced
necrosis. The protective effects on mitochondrial respiration rates were seen after shorter (20min) time of ischemia whereas
reduction of apotosis and necrosis and increase in Ca2+ uptake were revealed after both, shorter and longer time of ischemia.

1. Introduction

Kidney ischemia-reperfusion (I/R) injury is characterized by
restriction of blood supply to an organ followed by restora-
tion of blood flow and reoxygenation. Kidney injury may
occur after infarction and sepsis, during partial nephrectomy
and a surgical procedure, and when kidney tumor is removed
after clamping renal artery [1]. Clamping time (i.e., duration
of ischemia) is thought to be a major factor in determining
postoperative kidney dysfunction. During partial nephrec-
tomy, the avoidance of ischemic renal damage is extremely
important as duration of renal artery clamping influences

postoperative kidney function. It is well described that
mitochondria are very sensitive to ischemia-induced injury
and undergo damage during oxidative stress [2]. Impairment
in Ca2+ homeostasis, formation of reactive oxygen species
(ROS), release of proapoptotic proteins, and loss of ATP syn-
thesis occur during ischemia [3], and all these processes
might lead to cell death in the form of apoptosis or necrosis.
Recently, when more and more partial kidney resections are
performed for bigger kidney tumors, the time of ischemia is
extremely important for postoperative kidney function.
Completion of open partial nephrectomy with 30 minutes
renal artery clamping is generally easily achieved in standard
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T1 stage renal tumor, but longer ischemia time is necessary in
bigger tumors or in tumors of unfavorable localization [4].
This can be achieved using cold ischemia when kidney can
tolerate ischemia up to two hours [5]. However, cooling of
kidney during laparoscopic procedure is technically compli-
cated and so rarely used. Therefore, there is a need of anti-
ischemic agents in situations when longer time of kidney
clamping is necessary. For improving ischemia tolerance,
much attention has focused on new antioxidants or free
radical scavengers with high potency, easy permeability to
cellular compartments, and low toxicity. Caffeic acid phe-
nethyl ester (CAPE) due to high lipophilicity might be
one of the promising therapeutic agents against I/R-caused
damage. Finding of a biologically active compound which
diminishes negative ischemia impact to kidney function
would be a solution in situations when longer time of
kidney clamping is necessary.

CAPE is one of the most active compounds of propolis,
exhibiting wide range of biological properties. CAPE
possesses antioxidant, anti-inflammatory, and anticancer
activity and regulates apoptosis [6, 7]. It has been demon-
strated that CAPE (10 μmol/kg/day for 11 days) prevents
cyclosporine A and lipid peroxidation-mediated nephrotoxi-
city via inhibition of oxidative process [8]. Another study
showed that pretreatment with intraperitoneal CAPE (10
μmol/kg/day) protects kidney from ischemia/reperfusion
injury [9] by partial inhibition of neutrophil sequestration
into the kidney. In contrast, Roso et al. state [10] that CAPE
(10 μmol/kg/day) demonstrated greater functional and ana-
tomic renal injury during ischemia and reperfusion in rats
anesthetized with isoflurane [10] and no beneficial CAPE
effect in the glycerol-induced acute renal failure model [11].
Wei et al. showed that intraperitoneal injections of CAPE
(40mg/kg/day) protected hypoxic ischemia-induced neona-
tal rat brain damage by inhibiting caspase-3 activation,
expression of inducible nitric oxide synthase, and Ca2+-
induced cytochrome c release [12]. Khan et al. observed that
CAPE (1–10mg/kg) protected the brain from ischemia-
reperfusion-induced injury, increased nitric oxide and
glutathione levels, and decreased lipid peroxidation [13].
Parlakpinar et al. indicated that CAPE (50 μmol/kg) had
protective effect against cardiac ischemia-reperfusion-
induced apoptosis and acts in the heart as scavenger of
free radicals [14]. Despite all these controversial data,
detailed biochemical mechanisms at the level of mitochon-
dria during ischemia/reperfusion are poorly described and
need to be investigated.

Thus, the aim of this study was to test our hypothesis if
caffeic acid phenethyl ester (CAPE) may protect kidney
mitochondria from ischemic injury.

2. Materials and Methods

2.1. Animals and Experimental Model. The experimental pro-
cedures used in the present study were performed according
to the permission of the Lithuanian Committee of Good Lab-
oratory Animal Use Practice (number 0228/2012). Adult
male Wistar rats weighing 200–250 g were housed under
standard laboratory conditions and maintained on natural

light and dark cycle and had free access to food and water.
Animals were acclimatized to laboratory conditions before
the experiment. Animals were pretreated with two doses
(22mg/kg and 34mg/kg) of intraperitoneal injections of
CAPE 1.5 h prior induction of ischemia. Then, animals were
sacrificed and the kidneys were removed, washed free of
blood in warm (37°C) 0.9% KCl solution, placed in a humid-
ified chamber maintained at 37°C, and were exposed for
20min, 40min of total (in vitro) ischemia. After that time,
kidney tissue was used for isolation of mitochondria.

2.2. Chemicals. Succinic acid, glutamic acid, cytochrome c
from bovine heart, adenosine-5'-diphosphate sodium salt
(ADP), CAPE, malic acid, KH2PO4, ethylene glycol-bis-
(b-aminoethylether)-N,N,N',N'-tetraacetic acid (EGTA),
ethylenediamine tetraacetic acid (EDTA), Tris, amytal, and
atractyloside were obtained from “Sigma.”Mannitol, sucrose,
KCl, HEPES, and MgCl2 were obtained from “Roth.”

2.3. Preparation of Renal Mitochondria. Kidney tissue was
cut into small pieces and homogenized in the medium con-
taining 250mM sucrose, 10mM Tris-HCl, and 1mM EDTA
(pH7.3). Cytosolic and mitochondrial fractions were sepa-
rated by differential centrifugation (5min at 750×g and
10min at 10,000×g, two times), and pellet was suspended
in an isolation medium.

2.4. Measurement of Mitochondrial Respiration. Mitochon-
drial respiration (oxygen consumption) rate was measured
at 37°C using Clark-type electrode in 1.5ml incubation
medium containing 150mM KCl, 10mM Tris-HCl, 5mM
KH2PO4, and 1mM MgCl2× 6H2O, pH7.2. The mitochon-
drial leak respiration (V0) was recorded in the medium sup-
plemented with mitochondria and respiratory substrates:
complex I dependent (5mM glutamate + 5mM malate) or
complex II dependent (15mM succinate + 2mM amytal)
but without ADP. Glutamate dehydrogenase oxidizes gluta-
mate to α-ketoglutarate, and in this reaction, NAD+ is
reduced to NADH (NADH is a substrate for complex I of
mitochondrial respiratory chain). Oxidation of succinate is
coupled with reduction of FAD to FADH2 (FADH2 is a sub-
strate for complex II of mitochondrial respiratory chain).
Then, excess of ADP (1mM) was added in order to measure
the state 3 respiration rate (V3). After addition of cytochrome
c, respiration rate V3 + cyt c was registered. The increase in
V3 + cyt c represents the damage of mitochondrial outer
membrane and release of cytochrome c. Nonphosphorylat-
ing respiration rate (VATR) was measured in the presence
of excess of atractyloside (0.12mM) in order to inhibit
ATP/ADP translocator and to block ATP synthesis.

2.5. Measurement of Complex I Activity. Mitochondria
immediately after isolation were freeze-thawed four times.
Complex I activity was determined spectrophotometrically
by following the kinetics of NADH oxidation at 340nm, in
the medium containing 10mM KH2PO4 (pH8.0), 1mg/ml
Antimycin A, 0.1mM NADH, 100mM coenzyme Q1,
and 0.05mg/ml fractured mitochondria. Rotenone-sensitive
NADH oxidation rate was recorded in the presence of
10μmol of rotenone. Complex I activity was calculated
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as the difference between NADH oxidation rate without/
with rotenone using the NADH extinction coefficient
6.22M−1 cm−1.

2.6. Measurement of Mitochondrial Calcium Uptake
Capacity. Mitochondrial calcium uptake capacity was mea-
sured fluorimetrically (at 37°C) with Calcium Green-5N
(excitation at 506nm, emission at 535 nm) in medium con-
taining 200mM sucrose, 1mM KH2PO4, 10mM Tris-HCl,
10 μM EGTA, 0.3mM pyruvate plus 0.3mM malate,
pH7.4, and 0.05mg/ml of mitochondrial protein as
described previously [15]. For calibration of the signal,
known amounts of CaCl2 (100 μM) were added. Then, CaCl2
(100 μM) was added in two-minute intervals until opening of
permeability transition pore occurred.

2.7. Measurement of Caspase Activity. Postmitochondrial
supernatant was additionally centrifuged for 30min at
10000×g, and the resulting supernatant was used for
determination of caspase activity. For measurement of
caspase-3-like activity, 1mg/ml of total cytosolic protein
was incubated for 60min in buffer containing 250mM
sucrose, 5mM HEPES, 2mM EGTA (pH7.3 at 37°C),
and 0.1mM acetyl-Asp-Glu-Val-Asp-7-amido-4-methyl-
coumarin (DEVD). The hydrolysis of caspase substrate
was followed fluorimetrically, excitation was set at 380nm,
and emission at 460 nm. Substrate cleaving activity was
completely suppressed by 0.02mM N-acetyl-Asp-Glu-Val-
Asp-aldehyde, a reversible inhibitor of caspase-3.

2.8. Electron Microscopy. The control and ischemic samples
of 1-2× 2-3mm from the kidneys were transferred to the
fixative buffer containing 2.5% glutaraldehyde in 0.1M phos-
phate buffer (pH7.4). The taken samples were stored in

fixative for at least 4 h at room temperature or overnight at
4°C and analyzed as described in [15].

2.9. Statistical Analysis.Data are presented as mean± SEM of
4 separate experiments. The mean for individual experiment
was obtained from at least three repetitive measurements.
Statistical analysis was performed using the software package
SPSS version 16.0 for Windows.

3. Results

3.1. Effect of CAPE on Ischemia-Induced Mitochondrial
Injury. To investigate if CAPE protects mitochondria from
ischemia-induced mitochondrial damage, short time
(20min) and longer time periods (40min) of ischemia were
chosen. As shown in Figure 1(a), ADP-dependent (state 3)
respiration (V3) after 20min of ischemia was decreased by
52% with glutamate/malate and by 44% with succinate,
p < 0 05 (Figure 2(a)). Longer duration (40min) of ischemia
caused even greater (by 62%, Figure 1(b)) decrease of the
state 3 respiration rate with glutamate/malate and succinate
(decreased by 56%, Figure 2(b)). Respiratory control index
(RCI) decreased by 58% and 70% with glutamate/malate as
substrate and by 41% and 54% (p < 0 05) with succinate as
substrate (Figures 3(a) and 3(b)) after 20min and 40min of
ischemia, respectively, in accordance with the decrease in
state 3 respiration rate. Leak respiration rate (i.e., without
addition of ADP) remained unchanged (not shown). After
addition of exogenous cytochrome c during state 3 respira-
tion, respiratory rate (V3 + cyt c) with glutamate +malate
increased by 9% and 12% and with succinate by 32% and
93% (p < 0 05) after 20min and 40min of ischemia, respec-
tively, as compared to the control group (Figures 2(a) and
2(b)), indicating that ischemia induced damage of mitochon-
drial outer membrane, which increased with the duration of
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Figure 1: Effects of ischemia on renal mitochondrial state 3 respiration rate with glutamate/malate as substrates. Mitochondrial respiration
rate was measured as described in Materials andMethods using 6mM glutamate plus 6mMmalate as substrates; V3: state 3 respiration rate in
the presence of 1mM ADP; V3 + cyt c: state 3 respiration rate in the presence of 32 μM cytochrome c. Each column represents the mean
± SEM of 4 independent experiments; ∗p < 0 05 versus control; #p < 0 05 versus ischemia alone.
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ischemia. The effect of cytochrome c (V3 + cyt c/V3 ratio),
showing the stimulation of state 3 respiration rate after addi-
tion of cytochrome c after 20min and 40min of ischemia for
both substrates glutamate/malate (1.09 and 1.12, resp.) and
succinate (1.34 and 1.93, resp.) is shown in Figure 3. It clearly
indicates the ischemia-caused damage of mitochondrial
outer membrane, which was the most evidently observed in
mitochondria respiring on succinate. After pretreatment of
rats with two different doses (22mg/kg and 34mg/kg) of
CAPE before 20min of ischemia, the mitochondrial state 3
respiration (V3) increased by 20% and 19% (p < 0 05),
respectively (Figure 1(a)), and respiratory control index

(RCI) by 33% and 21% (Figure 4(a)) p < 0 05 with gluta-
mate/malate as substrates. However, pretreatment of rats
with the same doses of CAPE before longer time, 40min of
ischemia, had no protective effects on mitochondrial respira-
tion rates. Moreover, CAPE had no protective effects on
succinate oxidation neither after 20min nor 40min of ische-
mia (Figures 2 and 4). There was no protective effect on the
mitochondrial outer membrane after pretreatment with
CAPE, as the state 3 respiration rate in the presence of cyto-
chrome c (V3 + cyt c), Figures 1 and 2, and cytochrome c
effect (V3 + cyt c/V3 ratio, Figure 3) remained similar with
both substrates as compared to ischemia group.
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Figure 2: Effects of ischemia on renal mitochondrial state 3 respiration rate with succinate as substrate. Mitochondrial respiration rate was
measured as described in Materials and Methods using 15mM succinate (+2mM amytal) as substrates. V3: state 3 respiration rate in the
presence of 1mM ADP; V3 + cyt c: state 3 respiration rate in the presence of 32 μM cytochrome c. Each column represents the mean
± SEM of 4 independent experiments; ∗p < 0 05 versus control; #p < 0 05 versus V3 of respective group.
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3.2. Effect of CAPE on Complex I Activity. As our results
showed that mitochondrial respiration rate with glutamate/
malate (complex I-linked substrates) was clearly reduced
after ischemia, in addition, we measured the effects of ische-
mia on mitochondrial complex I activity. Our data revealed
that the reduction of state 3 respiration rate after 20min of
ischemia was associated with the decrease in complex I activ-
ity by 23% (Figure 5(a)). After 40min of ischemia, mitochon-
drial complex I activity was diminished by 54% (p < 0 05,
Figure 5(b)). Pretreatment of animals with two different

doses of CAPE (22mg/kg and 34mg/kg) had protective effect
on mitochondrial respiratory chain. After pretreatment with
CAPE, complex I activity after 20min of ischemia increased
by 18% (22mg/kg CAPE) and by 98%, p < 0 05 (34mg/kg
CAPE, Figure 5(a)). After 40min of ischemia, complex I
activity increased by 77%, p < 0 05 (22mg/kg CAPE), and
by 36%, p < 0 05 (34mg/kg CAPE, Figure 5(b)).

3.3. CAPE Increases Mitochondrial Ca2+ Uptake. It is well
known that mitochondria play a crucial role in intracellular
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Figure 4: Effect of ischemia on mitochondrial respiratory control index (RCI). Measurements were performed in the presence of 5mM
glutamate + 5mM malate or 15mM succinate (+2mM amytal) as substrates. Mitochondrial respiratory control index (RCI), that is, the
ratio between oxygen uptake rates in state 3 and routine respiration rate (RCI =V3/V0). Each column represents the mean± SEM of 4
independent experiments; ∗p < 0 05 versus control; #p < 0 05 versus ischemia alone.
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Ca2+ signaling, taking up and releasing calcium upon differ-
ent cellular conditions such as ischemia, oxidative stress,
etc. Elevation of intramitochondrial calcium concentration
after ischemia can trigger opening of mitochondrial perme-
ability transition pore and cell death.

Fluorimetric Ca2+ measurements were performed in
order to measure Ca2+ uptake by mitochondria after 20 and
40min of ischemia alone or after pretreatment with CAPE.
Our results indicated that in control mitochondria, Ca2+

uptake was 15.99 μmol/minmg protein. Ischemia 20 and
40min reduced accumulation of calcium in mitochondria
by 30% (Figures 6(a) and 6(b)). Pretreatment of rats with
CAPE (22mg/kg) significantly increased the mitochondrial
Ca2+ uptake by 50% after 20min of ischemia and by 41%
after 40min of ischemia (Figures 6(a) and 6(b)) as compared
to ischemia alone. Pretreatment of animals with higher
concentration of CAPE (34mg/kg) had no protective effect
on calcium accumulation in kidney mitochondria after
ischemia.

3.4. CAPE Reduces Caspase Activation. As an indicator for
apoptosis, we measured DEVD-cleaving caspase-3-like pro-
tease activity. After 20min of ischemia, caspase-3-like activ-
ity in cytosolic fraction was increased by 1.15-fold as
compared to control, whereas after pretreatment with CAPE
(22mg/kg and 34mg/kg), caspase-3-like activity was dimin-
ished by 1.52 fold, p < 0 05, and returned to control level
(Figure 7(a)). After 40min of ischemia, caspase-3-like
activity in cytosolic fraction was increased by 1.86-fold as
compared to control. CAPE (22mg/kg and 34mg/kg) dimin-
ished caspase-3-like activity to control level (Figure 7(b)).

3.5. CAPE Reduced Lactate Dehydrogenase (LDH) Activity in
Cytosolic Fraction. As an indicator for necrosis, lactate dehy-
drogenase (LDH) activity was measured in cytosolic fractions

in the control group and after ischemia (with and without
pretreatment with CAPE). LDH activity in cytosolic fraction
of control mitochondria was 27.8± 5.1 IU/mg protein and
decreased by 35% and 56% after 20min and 40min of ische-
mia, respectively (Figures 8(a) and 8(b)). Pretreatment with
CAPE (22mg/kg) had no protective effect after 20min of
ischemia, but improved it after 40min of ischemia
(Figures 8(a) and 8(b)), that is, LDH activity in cytosolic
fraction increased by 74% (to 21.1 IU/mg protein). After
pretreatment with higher dose (34mg/kg) of CAPE, activity
of LDH was restored nearly to control level after both times
of ischemia (Figures 8(a) and 8(b)).

3.6. Kidney ElectronMicroscopy. Electron microscopical find-
ings revealed that CAPE (22mg/kg and 34mg/kg) did not
affect the ultrastructure of control mitochondria—they
showed normal mitochondrial ultrastructure—parallel cris-
tae, uniform matrix, and uninterrupted outer membrane.
Both parts of intermembrane space—intracristal and periph-
eral—are narrow and even (Figures 9(a) and 9(b)). CAPE
pretreatment before 20min of ischemia affected mainly
mitochondrial matrix making it slightly swollen and perfo-
rated by empty patches in some cells. Mitochondria after pre-
treatment with CAPE (22mg/kg) showed less swollen matrix
(Figure 9(c)) comparing with the higher CAPE concentration
(34mg/kg) (Figure 9(d)). Following enlarged matrix cristae
lose their parallel arrangement and rearrange to radial loca-
tion filling almost all volume of mitochondria (Figure 9(d)).
After 40min of ischemia, mitochondria increased in size
due to enlarged amount of matrix; their cristae lost parallel
arrangement. Seldom, mitochondria were seen broken
(Figures 9(e) and 9(f)). However, CAPE (22mg/kg)
preserved continuous matrix with sporadically seen small
patches and only partly lost cristae parallelism
(Figure 9(e)). Higher dose of CAPE (34mg/kg) preserved
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Figure 6: Mitochondrial Ca2+ uptake: effect of ischemia. Ca2+ uptake was measured fluorimetrically (excitation at 506 nm, emission at
535 nm) as described in Materials and Methods. Each column represents the mean± SEM of 4 independent experiments; ∗p < 0 05 versus
control; #p < 0 05 versus ischemia alone.
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ultrastructure of mitochondria; less and swollen matrix with
disintegrated cristae and ruptured outer membrane were
usually observed (Figure 9(f)). Intermembrane space in all
experimental groups was narrow and even.

4. Discussion

Mitochondria play an important role in the pathogenesis of
ischemic kidney injury as they are responsible for more than
90 percent energy production by oxidative phosphorylation
[16]. Therefore, the decrease in mitochondrial function may
lead to renal dysfunction and cell death. The protective

substances against ischemic kidney injury especially when
prolonged time of ischemia during kidney surgery is neces-
sary are of great importance.

In this study, we investigated if CAPE has potential pro-
tective effects against short (20min) and longer time (40min)
ischemia-induced kidney damage in an in vitro rat model of
warm kidney ischemia. We measured mitochondrial func-
tions, mitochondrial calcium uptake, caspase-3 activation,
and lactate dehydrogenase amount. Our novel finding is that
CAPE ameliorates in part ischemia (20min)-induced renal
mitochondrial injury in rats, improves oxidative phosphory-
lation with complex I-dependent substrate glutamate/malate,
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Figure 8: LDH activity in cytosolic fraction after ischemia. LDH activity was measured as described in Materials and Methods. Each column
represents the mean± SEM of 4 independent experiments; ∗p < 0 05 versus control; #p < 0 05 versus ischemia alone.
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Figure 7: Effect of ischemia on caspase-3 activity. The caspase-3 activity was measured as described in Materials and Methods. Each column
represents the mean± SEM of 4 independent experiments; ∗p < 0 05 versus control; #p < 0 05 versus ischemia alone.
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Figure 9: Ultrastructural changes to mitochondria. (a, b) Control. Mitochondria display normal morphology—shape is from round to
elongate depending on the section, cristae are arranged in parallel rows at regular intervals, and the matrix is evenly dense. Note that
normal morphology is characteristic to all mitochondria despite their irregular distribution in renal cells. (c, d) 20min ischemia affected
mitochondria: matrix is enlarged, uneven, and partly interrupted by empty patches; the outer and inner mitochondrial membranes are
close and parallel. In 22mg/kg CAPE group (c), cristae are parallel ranged; however, in CAPE 34mg/kg group (d), irregular orientation of
cristae can be seen. (e, f) 40min ischemia affected mitochondria. (e) Cell with moderately preserved mitochondria in CAPE 22mg/kg
group: matrix is slightly enlarged with seldom empty patches, cristae are irregularly oriented, and the outer membrane is discontinuous.
Note a mitochondrion with fully lost inner structure (∗ ). (f) Mitochondria in CAPE 34mg/kg group possess noticeably swollen matrix
and exclusively peripheral cristae, while the outer membrane is ruptured in many places. N: nucleus; RER: rough endoplasmic
reticulum; Ex: extracellular space. Scale bar: 1 μm.
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increases Ca2+ uptake by mitochondria, partially blocks
ischemia-induced caspase-3 activation, and protects kidney
cells from ischemia-induced necrosis. Thus, a single intraper-
itoneal injection of CAPE (22mg/kg and 34mg/kg) 1.5 hour
before ischemia partially protects mitochondria from injury
caused by ischemia. The protective effects on mitochondrial
respiration rates were seen after shorter (20min) time of
ischemia whereas reduction of apoptosis and necrosis and
increase in Ca2+ uptake were revealed after both, shorter
(20min) and longer (40min) time of ischemia.

The model of 20 and 40min kidney ischemia in vitro was
chosen because, according to our results [15], 20min was the
shortest period of ischemia that induced statistically signifi-
cant changes in renal mitochondrial respiratory functions.
Moreover, our results showed that 40min of kidney ische-
mia induced much more severe mitochondria structural
and metabolic changes. The dose of CAPE (22mg/kg or
34mg/kg) was chosen based on the reported doses (intra-
peritoneal or intravenous) in the literature, ranging
between from 1mg/kg to 40mg/kg [12, 13, 17]. They
showed that CAPE at abovementioned doses ameliorates
oxidative damage caused by ischemia/reperfusion in brain,
or intestine tissue [12, 13, 17]. According to literature
data, CAPE distributes into tissues extensively [18] and
the elimination half-life is ranging between 21.2–26.7min
[18] after intravenous administration.

Ince et al. described cardioprotective effects of CAPE in
short time ischemia (8min)-reperfusion (8min) model of
rats. The protective effects are explained by decreased activity
of xanthine oxidase and direct antioxidant effects [19]. Other
authors [20–24] showed the protective effects of CAPE
against oxidative stress-induced kidney injury. CAPE exerts
antioxidant activity by suppressing lipid peroxidation, scav-
enging ROS, and inhibiting activity of nitric oxide synthase
and xanthine oxidase [25]. It has been shown [26] that CAPE
at concentration of 10 μM inhibited the xanthine/xanthine
oxidase system in human neutrophils and decreased produc-
tion of reactive oxygen species. It is known that CAPE is a
lipophilic compound and may interact with phospholipid
bilayers of membranes, including mitochondria, and in this
waymight protect cell organelles from ROS-induced damage.
Phenethyl group enhanced the radical scavenging capacity of
CAPE as esterification of phenolic acids increases lipophilic-
ity, and they can better incorporate into membranes. The
antiradical activities of CAPE are explained by ortho-
dihydroxyl functionality in the catechol ring [27]. So, we
hypothesize that at least a partial protective effects against
oxidative stress-induced tissue damage may be related to
CAPE action at the mitochondrial level. However, most of
the studies were done by investigating the markers of oxida-
tive stress, and there is a lack of data on mitochondrial status.
There are only a few studies regarding CAPE effects on mito-
chondria. Recently, Kobroob et al. [23] showed that CAPE
restored the decline in mitochondrial membrane potential
in renal mitochondria during oxidative stress caused by cad-
mium and attenuated cadmium-induced swelling of mito-
chondria. Moreover, another study [28] revealed that CAPE
and its related compounds protect mouse brain and liver
mitochondria from damage during in vitro anoxia-

reoxygenation. Thus, our study revealed a partial increase
in mitochondrial oxidative phosphorylation capacity with
NAD-linked substrate glutamate/malate after administra-
tion of CAPE prior induction of short (20min) ischemia.
We also showed that the ischemia-diminished activity of
complex I was also protected after CAPE injection. As
complex II—dependent substrate—succinate oxidation
was not improved by CAPE, we conclude that CAPE has
specific action on complex I.

Feng et al. revealed that the protective effects of CAPE are
due to limiting of mitochondrial membrane lipoperoxida-
tion, membrane fluidity, and protein carbonylation in
anoxia-reoxygenation, which resulted in the maintenance of
mitochondrial function [28]. Our results also revealed the
restoration of mitochondrial functions (a partial increase in
the state 3 respiration rate and in a respiratory control index)
after CAPE pretreatment before 20min of ischemia. How-
ever, pretreatments of rats with CAPE before induction of
severe 40min ischemia had no protective effects on mito-
chondrial respiration rates, but it had positive effects on
reduction of apoptosis, necrosis, and Ca2+ uptake by
mitochondria.

It is well known that mitochondria play a crucial role in
intracellular Ca2+ signaling. Mitochondria can transiently
accumulate large amounts of Ca2+ if cytosolic Ca2+ concen-
tration increases as response to ischemia, stress, or other
pathological conditions. They can locally buffer Ca2+ modu-
lating the activity of Ca2+ channels if there is Ca2+ influx
through the plasma membrane. In mitochondria, Ca2+ at
physiological concentrations can regulate mitochondrial
energy metabolism whereas calcium overload can induce
the release of cytochrome c and activation of apoptotic cell
death [29]. Our results indicated that in kidney mitochon-
dria, ischemia (20 and 40min) induced decreases in oxidative
phosphorylation and subsequent Ca2+ uptake. It is important
to note that mitochondrial Ca2+ uptake after ischemia
(20min and 40min) was clearly improved after administra-
tion of CAPE (22mg/kg). The increased capacity of mito-
chondria to uptake calcium may be due to increase in
oxidative phosphorylation capacity caused by CAPE.

Moreover, we also revealed that increase in
caspase-3 activation during ischemia was blocked by
CAPE (22mg/kg). These results are in line with the observa-
tion of Tan et al. who showed that in heart mitochondria,
CAPE (3mg/kg), injected 60min before ischemia, protects
from calcium-induced caspase-3 activation [30]. Thus,
CAPE, depending on concentration, has a protective effect
from caspase activation. Moreover, our results showed that
not only apoptosis but also necrosis occurs after ischemia:
as LDH changes in cytosolic fraction after both time of
ischemia as compared to control, it shows the signs of
necrosis as well. It is possible that both, apoptosis and
necrosis, occur in ischemic kidney. Our results revealed
that both used concentrations of CAPE-reduced LDH release
and diminished necrosis.

Ultrastructural investigation revealed that CAPE had
protected from ischemia (20min)-induced mitochondrial
damage. Previously, we have demonstrated that ischemia
mainly affects the mitochondrial intermembrane space,
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where intracristal space was found enlarged resulting in bal-
looned cristae as well as enlarged peripheral space followed
by detachment of outer and inner membranes [15]. Applica-
tion of CAPE preserved intermembrane space from edema
after 20min of ischemia, as it was found narrow and uniform
in all experimental groups. No ballooned cristae, with
enlarged intracristal space or detachment of outer and inner
membranes resulting in enlarged peripheral space, were
observed in this study. Though pretreatment with the higher
dose (34mg/kg) of CAPE protected slightly mitochondrial
functions (oxidative phosphorylation, activity of mitochon-
drial complex I, LDH), whereas ultrastructure of mitochon-
dria in some kidney tissue slices showed swollen matrix
with disintegrated cristae and ruptured outer mitochondrial
membrane, thus it seems that higher dose of CAPE did not
protect ultrastructure of mitochondria. The obtained effects
may be associated with the heterogeneity of mitochondria.
Our observations suggest that different renal cell types are
affected by ischemia to a different extent. Thus, it would be
feasible to investigate the protective properties of CAPE in
different renal cell types.

In conclusion, our study revealed partial protection of
mitochondrial function after pretreatment of rats with intra-
peritoneal injection of CAPE. Since CAPE has beneficial,
including antioxidant and anti-inflammatory, effects as well
as partially preserves mitochondrial function, we think that
this compound may have a potential to protect the kidney
from ischemia-induced damage. The mechanisms of protec-
tion are not fully understood yet, but at least, partially, it is
associated with the improvement of mitochondrial status in
the cells. Further studies will be required for the better char-
acterization of the mechanism of CAPE action.
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Rett syndrome (RTT) is a neurodevelopmental disorder with mutations in the MECP2 gene. Mostly girls are affected, and an
apparently normal development is followed by cognitive impairment, motor dysfunction, epilepsy, and irregular breathing.
Various indications suggest mitochondrial dysfunction. In Rett mice, brain ATP levels are reduced, mitochondria are leaking
protons, and respiratory complexes are dysregulated. Furthermore, we found in MeCP2-deficient mouse (Mecp2−/y)
hippocampus an intensified mitochondrial metabolism and ROS generation. We now used emission ratiometric 2-photon
imaging to assess mitochondrial morphology, mass, and membrane potential (ΔΨm) in Mecp2−/y hippocampal astrocytes.
Cultured astrocytes were labeled with the ΔΨm marker JC-1, and semiautomated analyses yielded the number of mitochondria
per cell, their morphology, and ΔΨm. Mecp2−/y astrocytes contained more mitochondria than wild-type (WT) cells and were
more oxidized. Mitochondrial size, ΔΨm, and vulnerability to pharmacological challenge did not differ. The antioxidant Trolox
opposed the oxidative burden and decreased the mitochondrial mass, thereby dampening the differences among WT and
Mecp2−/y astrocytes; mitochondrial size and ΔΨm were not markedly affected. In conclusion, mitochondrial alterations and
redox imbalance in RTT also involve astrocytes. Mitochondria are more numerous in Mecp2−/y than in WT astrocytes. As this
genotypic difference is abolished by Trolox, it seems linked to the oxidative stress in RTT.

1. Introduction

Rett syndrome (RTT) is a postnatal, X-chromosome linked,
progressive neurodevelopmental disorder. The first RTT
cases were reported in 1966 by the Austrian pediatrician
Andreas Rett [1]; the characteristic symptoms include autistic
features, dementia, motor dysfunction, loss of facial expres-
sions, stereotypical hand movements, severe respiratory dis-
turbances, and epilepsy [1–3]. RTT almost exclusively
affects girls, typically at an incidence of 1 : 10,000–15,000
[4]. In boys, it is either lethal or due to severe neonatal
encephalopathy death occurs during the first year [5]. Despite

being a rare disease, RTT—next to Down syndrome—is the
second most common genetic cause of severe cognitive dis-
abilities in girls [4].

The main causes of classical RTT are de novo mutations
of the MECP2 (methyl-CpG-binding protein 2) gene. It is
located on the long arm of the X chromosome (Xq28) [6]
and functions as a transcriptional modulator by either medi-
ating gene silencing [7] or acting as transcriptional activator
[8]. The spontaneous MECP2 mutations underlying RTT
mostly occur in the paternal X chromosome [9, 10]. In the
affected girls, the disease manifests in early childhood and
progresses in four stages: An initial and apparently normal
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development (stage 1) is followed by a fast regression
(stage 2), and then, a plateau or pseudostationary phase
manifests (phase 3), which is concluded by a late motor
deterioration (phase 4) [3, 11]. The life expectancy varies
with clinical severity, and some Rett patients may reach the
age of 70 years [12]. Often, death arises from cardiac/respira-
tory insufficiency, acute infections, or sudden incidents at
night [12, 13].Acausal therapy forRTTis currently not avail-
able. Yet, some symptoms can be partly ameliorated by
pharmacotherapy [14, 15], occupational therapy, and/or
physical therapy [16, 17].

The past years revealed that RTT is closely associated
with mitochondrial alterations, and in view of the multitude
of mitochondrial functions, these defects were proposed to
contribute to disease progression [18, 19]. It was even specu-
lated whether RTT may represent a mitochondrial disease
[20]. Morphological alterations of mitochondria were first
detected in muscle biopsy samples of Rett patients, whose
mitochondria appeared swollen or dumbbell-shaped [21]
and exhibited granular inclusions, vacuolizations, and mem-
branous changes [22, 23]. Post mortem studies on frontal
lobe confirmed structural changes of mitochondria also for
the brain [22].

Detailed follow-up biochemical analyses revealed a
reduced expression of a subunit of cytochrome c oxidase
(complex IV of the respiratory chain) in post mortem frontal
cortex [24], which could impair ATP synthesis. Furthermore,
comparative gene-array analyses on patient lymphomo-
noytes indicated a differential expression of various genes
pivotal to mitochondrial function and/or organization [25].
In mouse models of RTT, symptomatic animals also showed
reduced enzyme activities of respiratory chain complexes II,
III, IV, and ANT1, as well as reduced glutathione levels in
the brain and/or skeletal muscle [26–29]. Furthermore, the
ANT1 gene encoding the mitochondrial adenine nucleotide
translocase is highly upregulated in the Mecp2−/y mouse
brain and Rett patient fibroblasts [30], the latter of which also
show clear signs of metabolic mitochondrial dysregulation,
oxidative stress, and diminished redox-balancing capabilities
[31]. Also, the elevated blood lactate and pyruvate levels
suggest defects in the mitochondrial respiratory chain
and the urea cycle [32]. Obvious consequence of these
mitochondrial changes is a less efficient respiratory chain
and thus limited ATP synthesis. Indeed, magnetic reso-
nance tomography and biochemical assays confirmed
reduced brain ATP levels in male and female Mecp2-
mutant mice [26, 33]. In view of the severe respiratory
disturbances and frequent apneas in Rett patients [34–
36], systemic hypoxia may occur and challenge mitochon-
drial function further. This led to the assumption that the
various mitochondrial abnormalities are causal events in
RTT. They may contribute to the complex symptoms of
RTT and promote disease progression either directly or
indirectly by generating free radicals and provoking redox
imbalance [18, 19, 28, 29, 37–40].

The mostly neuronal alterations in RTT [41–43] origi-
nally suggested a purely neuronal disorder. Only later glial
cells were confirmed to contain MeCP2 and to be affected
by Mecp2 mutations as well [44]. Meanwhile, it is clear that

also glial cells contribute to disease progression by exerting
negative effects on neurons [45, 46]. In MeCP2-deficient
mice, re-expression of MeCP2 specifically in astrocytes
improvedmotor function, respiratory regularity, and anxiety,
and the life-expectancy increased significantly as compared
to mice lacking MeCP2 [45]. Restoring MeCP2 in oligoden-
drocytes was also beneficial, ameliorating motor symptoms
and normalizing body weights [46]. Also, MeCP2-deficient
microglia contribute to disease progression, as its intensified
glutamate release provokes dendritic malformations, micro-
tubule derangement, and damage of postsynaptic gluta-
matergic components [47]. Therefore, we here assessed to
what degree also astrocytes show mitochondrial alterations.
Using advanced optical tools, we took a closer look at the
function and morphology of these organelles in cultured
astrocytes of neonatalMecp2−/y andWTmice and also quan-
tified cellular redox conditions. Our particular focus was on
the hippocampus, as this brain area is metabolically demand-
ing and vulnerable to oxidative stress.

2. Materials and Methods

This study was performed on Mecp2 knockout mice
[B6.129P2(C)-Mecp2tm.1.1Bird, [48]]. To ensure uniform con-
ditions, that is, total MeCP2 deficiency, only male wild-type
(WT) and male Rett mice (Mecp2−/y) were used. Mecp2−/y

mice show a more severe disease progression and develop
earlier symptoms as compared to heterozygous female Rett
mice [48]. All procedures met the German regulations
and were authorized by the Office of Animal Welfare of
the University Medical Center Göttingen.

2.1. Solutions. If not mentioned differently, all compounds
were purchased from Sigma-Aldrich. The artificial cerebro-
spinal fluid (ACSF) contained 130mM NaCl, 3.5mM KCl,
1.25mM NaH2PO4, 24mM NaHCO3, 1.2mM CaCl2,
1.2mM MgSO4, and 10mM dextrose. It was aerated contin-
uously with carbogen gas mixture (95% O2, 5% CO2) to
maintain a stable pH of 7.4 and a proper O2 supply of the
cells during the imaging experiments.

Minimum essential cell culture medium (MEM, Invi-
trogen) was supplemented with 0.2mg/ml NaHCO3,
0.1mg/ml transferrin (Calbiochem/Merck), and 5mg/ml
glucose. For the initial plating of the cells, it furthermore con-
tained 10% FCS (fetal calf serum, Biochrom), 25μg/ml insu-
lin, and 2mM L-glutamine. After the first day in culture, a
slightly different medium was used (growth medium), which
contained 5% FCS, 0.5mM L-glutamine, 20μl/ml B27 50x
supplement (Invitrogen), and 100μg/ml penicillin-
streptomycin (Biochrom).

For most drugs, we first prepared stock solutions. Sodium
cyanide (CN−) was dissolved as 1M aqueous stock and stored
at −20°C; other experimental solutions containing CN− were
prepared from this stock right before use. FCCP (carbonyl-
cyanide-4-(trifluoromethoxy) phenylhydrazone, Tocris Bio-
science) was dissolved as 10mM stock in dimethyl
sulfoxide (DMSO) and stored at 4°C. The mitochondrial
markers JC-1 (5,5′,6,6′-tetrachloro-1,1′,3,3′-tetraethylbenzi-
midazolylcarbocyanine iodide, Thermo Fisher Scientific)
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and MitoTracker Red FM (Thermo Fisher Scientific) were
dissolved in DMSO as 2mg/ml and 1μM stocks,
respectively, and kept frozen. The free-radical scavenger Tro-
lox ((±)-6-hydroxy-2,5,7,8-tetramethylchromane-2-carbox-
ylic acid) was first dissolved in DMSO and then added to
cell culture medium for overnight treatment.

2.2. Preparation of Dissociated Hippocampal Cell Cultures.
Cell cultures of hippocampal neurons and glial cells were
prepared from 2- to 4-day-old mice as described earlier
[49]. In brief, mice were decapitated, the brain was gently
but quickly removed and immersed in ice-cold HBSS
(Hank’s balanced salt solution) containing 20% FCS. Both
hippocampi were then isolated, cut with a scalpel into
smaller pieces, and trypsinated (5mg/ml, 10min, 37°C).
The cells were then dissociated by trituration and centri-
fuged (1500 rpm, 10min, 4°C), and the pellet obtained
was resuspended. Next, this cell suspension was plated
on Matrigel (BD Biosciences)-coated glass cover slips,
which were placed in 4-well culture plates (Nunc). Disso-
ciated cell cultures were incubated at 37°C (5% CO2 atmo-
sphere). After 24h, the medium was replaced with growth
medium, and after another 3 days, growth factors as well
as half of the medium were refreshed again. Experiments
were performed between 3 and 10 days in vitro.

2.3. Multiphoton Imaging of Mitochondrial JC-1 Fluorescence.
To visualize mitochondria and monitor their membrane
potentials (ΔΨm), the membrane potential probe JC-1 was
chosen. JC-1 accumulates in mitochondria depending on
their ΔΨm, and it is ratiometric by emission [50–55]. Cells
were bulk loaded with JC-1 (1 μg/ml, 15min) immediately
before the experiments.

Our 2-photon laser-scanning microscope (TPLSM,
Figure 1) is composed of a Ti : Sa laser system (Mai Tai eHP
DS, Newport-Spectra Physics) and an upright microscope
(BX51WI, Olympus) equipped with a TriM Scope II scan-
head and ImSpector Control Software (LaVision BioTec).
To separate the emitted fluorescence and the laser excitation,
a 670 nm beam splitter (670DCXXR) was combined with an
IR-block filter (HC 680/SP). Fluorescence was detected in
nondescanned mode by highly sensitive photomultiplier
tubes (PMTs; H7421/H7422, Hamamatsu). For emission
ratiometric analyses, JC-1 was excited at 925nm, and the
emission was divided further in its green and red spectral
components by using a 570nm beam splitter (570DCXR)
as well as 525/50 nm (green) and 617/73 nm (red) bandpass
filters [54]. All optical filters were obtained from AHF
Analysentechnik AG (Tübingen, Germany). For optimized
optical resolution and detection efficiency, we chose a 63x
1.0 NA water immersion objective (Plan Apochromat VIS-
IR, Zeiss).

For the experiments, cell culture cover slips were placed
in a submersion-style recording chamber, whichwas perfused
continuously with warm (37°) ACSF at 4ml/min flow rate.
JC-1-labeled cells were allowed to adjust for 15–20min,
and then experiments were started. Imaging of individual
cells was performed using a scanfield size of 80×80μm
(resolution 80nm/pixel) and 1200Hz line-scanning

frequency. To reduce pixel noise, 5-fold line averaging
was applied. All 3-dimensional (3-d) image stacks were
recorded with axial (Z)-increments of 0.25μm.

Before the analysis, each 3-d stack underwent blind
deconvolution (Autodeblur 9.3, AutoQuant Imaging), based
on the objective used (1.0 NA) and the center wavelengths
of the two different emission channels (525 nm and
617 nm). For all further image analyses, Metamorph Offline
7.5 (Molecular Devices) was used. Background subtraction
was not performed during the ratiometric calculations, as in
the case of 2-photon excitation, out-of-focus light is virtually
nonexisting. However, to ensure a sufficient coverage of the
8-bit pseudocolor palette, a scaling factor of 200 was intro-
duced, and the JC-1 ratio was calculated as

RJC‐1 =
Fgreen 530 nm ∗ 200

Fred 590 nm
1

2.4. Excitation Ratiometric Redox Imaging. Cytosolic redox
balance was determined with the excitation ratiometric opti-
cal redox indicator roGFP1 (oxidation-reduction sensitive
green fluorescent protein 1) [56].Within 2-3 days upon trans-
fection (lipofection) with roGFP1 expressing plasmids (see
[57]), cultured astrocytes sufficiently expressed roGFP1. For
excitation-ratiometric analyses, roGFP1 was excited alter-
nately at 395nm (100ms exposure) and 470nm (150ms
exposure) with frame rates of 0.1Hz. The emission was
recorded by a fully computerized CCD-camera imaging sys-
tem (Polychrome II, TILL Photonics) at 525nm, using a 63x
1.0 NA objective (Zeiss W-Plan Apochromat VIS-IR) and
applying 4×4 pixel binning. The roGFP1 fluorescence ratio
F395/F470 was calculated in real time, as described earlier [40,
57–59]. For true quantitation, roGFP1 responses were cali-
brated to saturating doses of H2O2 (5mM, 5min) and DTT
(10mM, 5min), to obtain those ratiometric values represent-
ing complete sensor oxidation/reduction. Based on these
calibrations, the relative degree of roGFP1 oxidation
(OxDroGFP1) and the reduction potential (EroGFP1) was calcu-
lated [57, 58, 60, 61] for WT andMecp2−/y astrocytes.

2.5. MitoTracker-Based Visualization of Mitochondria.Occa-
sionally, we used MitoTracker Red to visualize mitochondria.
Bulk-loaded cell cultures (1μg/mg, 20min, 37°C) were
excited at 550nm, using the abovementioned CCD-camera
imaging system and a 40x 0.8 NA water immersion objective
(Zeiss Achroplan). MitoTracker emission was separated by a
570 nm dichroic mirror and a 590 nm longpass emitter, and
single images were taken at an exposure time of 300ms. Pixel
binning was not applied.

2.6. Statistics. The analyzed neuron/glial cultures were
obtained from 14 male WT and 15 maleMecp2−/ymice. Dur-
ing experiments and data analyses, the genotype was still
blinded; genotyping was performed at a later time-point
from tail biopsies collected during dissection. Data are shown
as mean± standard deviation, n reports the number of astro-
cytes studied. Depending on the type of experiment, signifi-
cance of the differences and drug effects observed were
determined using either paired or unpaired two-tailed
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Figure 1: Two-photon laser-scanning microscope (TPLSM) and its point spread functions. (a) General layout of our TPLSM. Fluorescence
emission was detected in nondescanned mode by photomultiplier tubes (PMTs). For ratiometric JC-1 imaging, green and red components of
JC-1 emission were separated spectrally and detected by the two detection channels. (b) To estimate the spatial resolution, the point spread
function of our TPLSM was determined from the intensity profiles of subresolution (100 nm) beads. Displayed intensity profiles are the
averages of 24 beads, and excitation wavelength was 800 nm. Their full width at half maximum (FWHM) yields a lateral (X,Y) resolution
of 0.4 μm and an axial (Z) resolution of 1.4 μm.
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Student’s t-tests. In the diagrams, genotype-related differ-
ences are indicated by asterisks (∗∗∗p < 0 001, ∗∗p < 0 01,
and ∗p < 0 05), and genotype-matched differences among
recording conditions (drug-induced effects) are marked by
crosshatches (###p < 0 001, ##p < 0 01, and #p < 0 05).

3. Results

JC-1 is present as either monomer or J-aggregate. The
monomers predominate in depolarized mitochondria and
emit green fluorescence (~530 nm). Oligomers (J-aggre-
gates) only form in mitochondria with a ΔΨm<−140mV
and emit red fluorescence (~590 nm) [50–53]. Accord-
ingly, JC-1 is ratiometric by emission, and—as we have
shown earlier [54]—the relative green and red components
of JC-1 fluorescence allow to distinguish mitochondria

with high and low ΔΨm and to detect spontaneous and
evoked ΔΨm changes. For the current analyses, an
updated and further improved version of our TPLSM
[54, 62] was used (Figure 1(a)). Therefore, we first ran ini-
tial tests with standardized fluorescent beads, to determine
the lateral and axial resolution of the upgraded system
(Figure 1(b)).

To analyze mitochondrial structure and function, cell
cultures were bulk loaded with JC-1. Once labeled, astrocytes
could be identified clearly by their large cell size and flatly
grown shape (Figure 2). Individual astrocytes were then
imaged as 3-d image stacks, selecting those cells whose
boundaries could be identified clearly and which were not
overlapping with other cells. Based on the acquired green
and red channels, overlay and ratiometric images were then
calculated offline (Figure 2).

Green monomer Red aggregate

Ratio (red/green)Overlay

10 �휇m

Depolarized HyperpolarizedΔΨm

Figure 2: Sample images of a JC-1-labeled hippocampal astrocyte. Displayed are the individual raw images acquired by the two detection
channels, representing JC-1 monomers and J-aggregates, respectively. The offline computed overlay image confirms the perfect alignment
of the spectrally differing images. The calculated JC-1 ratio (red/green) represents the ΔΨm range of individual mitochondria and their
morphological/functional heterogeneity.
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To identify potential differences in mitochondrial struc-
ture and/or function among WT and Mecp2−/y astrocytes,
these parameters had to be determined for individual mito-
chondria. Therefore, we developed a semiautomated routine
to detect and analyze single particles. First, by blind deconvo-
lution, pixel noise and out-of-focus light were removed,
resulting in an improved contrast. Then, the best focal plane
of the deconvolved stack was identified by visual inspection
and collapsed with its adjacent two upper and two lower
planes into a single plane, before thresholding was performed
to obtain a binary mask discriminating among mitochondria
and background. Spatial filtering then excluded all particles
overlapping with others (ramified particles), lying at the
margin of the image (truncated particles), or lying outside
the size expected for mitochondria (individual bright pixels,
or large aggregates in which individual organelles could not
be discriminated). The resulting particle mask then included
only those mitochondria, which would also be identified

visually as individual particles. For each of these particles,
the morphological characteristics (particle length) and the
functional information (JC-1 ratio) were then extracted from
the ratiometric source image.

In total, 104 WT and 156 Mecp2−/y astrocytes were
imaged and underwent the abovementioned analysis rou-
tines. Furthermore, we determined the size of each cell—by
circling the outer cell boundaries—as well as the total volume
of all JC-1-labeled structures. As total brain size and neuronal
complexity differ among WT and Rett mice [42, 63], we first
assessed potential genotypic differences in the size of the hip-
pocampal astrocytes. With average cell areas of 4702
± 950μm2 (n = 104) and 4774±1097 μm2 (n = 156), respec-
tively, cultured WT and Mecp2−/y astrocytes did not differ
at all (Figures 3(a) and 3(b)). Yet, total mitochondrial mass
was higher in Mecp2−/y (440± 214μm2) than in WT astro-
cytes (348±160 μm2) (Figure 3(c)). This still was the case,
when mitochondrial content was normalized to cell size,
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Figure 3: Increased mitochondrial mass in Mecp2−/y astrocytes. (a) In general appearance, WT and Mecp2−/y astrocytes did not differ
noticeably. Displayed images are overlays of the green and red JC-1 emissions. (b) Astrocytic cell size, determined by circling the outer cell
boundaries, was also indistinguishable. Plotted data are mean± standard deviations, and the number of cells analyzed is included into each
bar. Bar shading is identical for the following panels. (c) The absolute mitochondrial mass was higher in Mecp2−/y astrocytes than in WT
cells (left side), and this difference was still present, when the mitochondrial mass was normalized to cell size (right side). Cell numbers
analyzed are identical to panel B. Genotypic differences are indicated by asterisks (∗∗∗p < 0 001). (d) Using the mitochondria-specific
marker, MitoTracker Red confirmed the increased mitochondrial mass in Mecp2−/y astrocytes. Displayed is the normalized intensity of
astrocytic MitoTracker Red fluorescence as referred to individual cell size (∗∗p < 0 01).
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yielding an average mitochondrial density of 0.094± 0.044/
μm2 for Mecp2−/y astrocytes (n = 156) and 0.076± 0.032/
μm2 for WT astrocytes (n = 104, Figure 3(c)).

To validate this finding, we ran control experiments with
the established mitochondrial marker MitoTracker Red [53,
64]. Images of individual astrocytes were acquired with a
CCD-camera system, and the cellular intensity of Mito-
Tracker Red fluorescence was normalized to the size of the
respective cell. Again, the more intense fluorescence detected
in Mecp2−/y (0.057 ±0.046; n = 116) than in WT astrocytes
(0.043± 0.028; n = 118) indicated a higher mitochondrial
content for Mecp2−/y astrocytes (Figure 3(d)).

To take a closer look at the genotypic difference in mito-
chondrial mass, we performed single particle analyses on JC-
1-labeled mitochondria. A total of 9769 mitochondria in WT

and 21,424 mitochondria in Mecp2−/y astrocytes were classi-
fied, and more individual mitochondria could be detected in
Mecp2−/y (136.5 ± 81.5/cell, n = 156) than in WT astrocytes
(93.1 ± 6.0/cell, n = 104) (Figure 4(a)). Comparing the mor-
phological characteristics, that is, the length of individual
mitochondria, did however not reveal any genotypic differ-
ences. On average, mitochondria measured 2.34μm in WT
and 3.32 μm in Mecp2−/y astrocytes (Figure 4(b)). Analyzing
the average degree of polarization, assessed as JC-1 ratio,
did not reveal any differences either, as indicated by the
cumulative distribution function of their ΔΨm
(Figure 4(c)). In addition, correlation analysis confirmed that
the size of a given mitochondrion does not correlate with its
ΔΨm (WT correlation coefficient 0.0895; Mecp2−/y correla-
tion coefficient 0.103).
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Figure 4: Functional parameters of individual mitochondria. (a) In line with the increased total mitochondrial mass in Mecp2−/y astrocytes,
also more individual organelles could be detected in these cells as compared to WT (∗∗∗p < 0 001). (b) Genotypic differences in the length of
the individual mitochondria were not found. The histogram-type distribution represents the entity of all individual mitochondrial particles
detected by the automated analyses in WT (9769 mitochondria) and Mecp2−/y astrocytes (21,424 mitochondria). (c) The degree of
polarization did not differ either among the genotypes. Plotted is the cumulative distribution function of the ΔΨm of individual
mitochondria of WT and Mecp2−/y astrocytes. It is based on the distribution of all recorded JC-1 ratios and indicates on the ordinate the
probability that a WT or Mecp2−/y mitochondrion has a given ΔΨm (or less).
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3.1. Modulation of Mitochondrial Parameters by Radical
Scavenger Treatment. Lowered vitamin E levels were found
in the blood plasma of Rett patients [65]. Also, we previously
confirmed that the vitamin E derivative Trolox improves
cellular redox balance as well as synaptic function of the
Mecp2−/y hippocampus in vitro [40, 66], and it ameliorates
some RTT symptoms when applied systemically to
Mecp2−/y mice [67]. Therefore, we assessed potential
Trolox-mediated effects on mitochondrial function by
incubating cell cultures overnight with this free-radical
scavenger (100μM, 12–14h).

Interestingly, Trolox significantly decreased the number
of mitochondrial particles inMecp2−/y astrocytes and showed
a corresponding trend (p = 0 076) in WT astrocytes
(Figure 5(a)). As a result, the genotypic differences in mito-
chondrial density among WT and Mecp2−/y astrocytes were

abolished (Figure 5(a)). Part of this effect can also be achieved
by the solvent DMSO itself, which also mediates antioxidant
capacity by scavenging hydroxyl radicals [68]. Furthermore,
in both genotypes, the size of individual mitochondria was
slightly smaller in Trolox-incubated than in untreated con-
trol cells (Figure 5(b)). Significant effects of Trolox on the
ΔΨm of WT or Mecp2−/y astrocytes were not found, but in
WT astrocytes, a trend (p = 0 093) towards increased (more
negative) ΔΨm became apparent (Figure 5(c)).

3.2. Cytosolic Redox Balance. To confirm the assumption that
the differences in mitochondrial mass are closely associated
with differences in redox balance among WT and Mecp2−/y

astrocytes, we quantified cellular redox conditions by using
the genetically encoded redox sensor roGFP1 (Figure 6(a)).
Expressing roGFP1 in the cytosol reported for steady-state
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Figure 5: Free-radical scavenger treatment abolishes the differences in mitochondrial mass between WT and Mecp2−/y astrocytes. (a)
Overnight Trolox treatment decreased (or tended to decrease) mitochondrial mass. As a result, the genotypic difference seen under
control conditions among WT and Mecp2−/y astrocytes was no longer detectable. The solvent DMSO itself also tended to decrease the
mitochondrial content of Mecp2−/y astrocytes, but not to the degree seen with Trolox. Bar shading and the number of cells analyzed apply
also to the following two panels. Genotpye-related differences are indicated by asterisks (∗∗∗p < 0 001) and drug-induced genotype-
matched differences by crosshatches (###p < 0 001). (b) Trolox slightly but significantly decreased the length of individual mitochondria to
an equal degree in WT and Mecp2−/y astrocytes. (#p < 0 05, ##p < 0 01). (c) Significant changes in ΔΨm could not be observed in response
to Trolox treatment. In WT astrocytes, a trend towards increased ΔΨm became obvious though.
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resting conditions a fluorescence ratio of 0.92 ±0.05 (n = 32)
in WT astrocytes, whereas the fluorescence ratio inMecp2−/y

astrocytes was slightly higher, that is, more oxidized (1.06
±0.17, n = 29; Figure 6(b)). This also is evident from the rela-
tive degrees of roGFP1 oxidation (WT 40.4 ± 9.8%; Mecp2−/y

59.7 ± 19.5%) as well as the corresponding reduction poten-
tials (Figure 6(c)). To verify that Trolox (100μM) improved
cellular redox balance, we also quantified cytosolic redox

conditions after overnight treatment with this free-radical
scavenger. Indeed in WT cells, the relative degree of roGFP1
oxidation slightly decreased to 36.0 ± 7.7% (n = 19), whereas
it decreased more intensely in Mecp2−/y astrocytes to 46.7
± 9.9% (n = 18). As a result of this treatment, the genotypic
differences in roGFP1 ratio, relative roGFP1 oxidation level,
and reduction potential became less pronounced as compared
to the untreated astrocytes (Figures 6(b) and 6(c)).
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Figure 6: Optical redox imagingwith the genetically encoded roGFP1 sensor confirmsmore oxidized conditions inMecp2−/y astrocytes. (a) CCD
camera image of aMecp2−/y astrocyte expressing cytosolic roGFP1. (b) Under control conditions, fluorescence ratios were higher (more oxidized)
in the cytosol of Mecp2−/y than of WT astrocytes. Trolox induced a shift towards more reducing conditions especially in Mecp2−/y

astrocytes (∗∗∗p < 0 001, #p < 0 05). (c) Calculating the relative degree of roGFP1 oxidation (OxDroGFP1) and the corresponding reduction
potentials (EroGFP1) confirms the more oxidized conditions inMecp2−/y astrocytes as well as the antioxidant effect mediated by Trolox (###p < 0 001).
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3.3. Effects of Mitochondrial Stressors. Previously, we found
that the hippocampus of adultMecp2−/y mice shows an exag-
gerated hypoxia susceptibility [69] and also in neonatal hippo-
campal organotypic slice cultures, we detected exaggerated
redox responses to O2 shortage [40]. Therefore, we also

assessed the effects of mitochondrial stress, by exposing cul-
tured astrocytes to the mitochondrial uncoupler FCCP or by
blocking mitochondrial respiration by CN− (Figure 7). To
assess the effects of these compounds, each astrocyte was
recorded before and after drug treatment, and all drug-
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Figure 7: WT andMecp2−/y astrocytes show similar vulnerabilities to mitochondrial compromise. (a) CN− treatment (100 μm, 5min) evoked
a clear decrease in JC-1 ratio, which is evident as the green shift of the dual color emission and indicates a marked mitochondrial
depolarization; displayed is a WT astrocyte. (b) Significant changes in mitochondrial content (mitochondria/cell) were not evoked by
FCCP or CN− treatment. (c) The length of individual mitochondria was affected only very moderately (##p < 0 01, ###p < 0 001). (d) As
expected, both treatments evoked a clear mitochondrial depolarization. Significant genotypic differences were not observed in response to
chemically induced hypoxia (CN−) or mitochondrial uncoupling (FCCP).
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induced changes were referred (normalized) to pretreatment
control conditions.

Treatment with either FCCP (1 μM, 5min) or CN−

(100 μM, 5min) markedly decreased the JC-1 fluorescence
ratio, indicating a pronounced mitochondrial depolarization
(Figures 7(a) and 7(d)). A typical response of mitochondria
exposed to such stress is the so-called thread-grain transition,
that is, a disruption of longer mitochondrial filaments and a
rounding of the individual particles [70–72]. Also here, this
was elicited by FCCP in some astrocytes, and it resulted in
a markedly increased variability of mitochondrial counts
(Figure 7(b)) as well as in a moderately reduced length of
the individual mitochondria (Figure 7(c)). As expected, the
extent of the FCCP-induced mitochondrial depolarization
was identical in WT and Mecp2−/y cells (Figure 7(d)); this
compound acts as protonophore and completely collapses
ΔΨm. Also CN− treatment elicited a pronounced mitochon-
drial depolarization in both genotypes, which tended to be
slightly more intense in Mecp2−/y than in WT astrocytes
(Figure 7(d)). Nevertheless, obvious genotypic differences in
mitochondrial vulnerability to these pharmacological insults
were not detected.

4. Discussion

Due to the various alterations of mitochondrial structure and
function, which are associated with RTT, mitochondrial
dysfunction has been proposed to contribute to disease pro-
gression (see [18–20, 28, 29]). Earlier, we found in the hippo-
campal slices of neonatalMecp2−/y mice an increased ratio of
FAD/NADH autofluorescence, which indicates an intensified
mitochondrial metabolism [40]. This difference was present
in st. pyramidale, which is largely dominated by pyramidal
cell somata, but also in st. radiatum, a mixed layer containing
neurons and glia. Hence, glial cells may show mitochondrial
alterations as well. Therefore, we now conducted optical
analyses in WT and Mecp2−/y glia to characterize further
the spectrum of mitochondrial alterations in RTT. Due to
their pivotal roles in extracellular ion homeostasis [73],
transmitter uptake [74], and blood-brain barrier formation
[75], we focused on astrocytes.

The earliest analyses of mitochondria in RTT took
advantage of electron microscopy to assess changes in the
mitochondrial ultrastructure [20, 22, 76], but this approach
lacks functional information. Later, biochemical and molecu-
lar biological assays were performed to identify altered
enzyme activities and protein levels [23, 25, 29, 77]. Such
assays are usually based on full brain or large tissue sam-
ples and yield valuable functional insights, but they do not
provide single cell resolution. Our 2-photon microscopy
study ensured both, functional information as well as sub-
cellular resolution.

Using this technological advantage in combination with
the developed semiautomated analysis-routines, we con-
firmed that mitochondria are more numerous in Mecp2−/y

hippocampal astrocytes. Since the individual mitochondria
did not differ in their size and since genotypic differences in
cell dimensions were not found, this points out to an
increased total mitochondrial mass in Mecp2−/y astrocytes.

One may argue now that the higher number of individual
mitochondria identified in cultured Mecp2−/y astrocytes
could arise from a less dense mitochondrial packaging,
which facilitated a successful single-particle detection in
these cells. Yet, the total mitochondrial content determined
in parallel and labeling with the mitochondria-specific
marker MitoTracker Red also confirm an increased mito-
chondrial mass in Mecp2−/y astrocytes. It therefore seems
that the increased mitochondrial content constitutes a cell-
endogenous response to compensate for the mitochondria-
related deficits and their limited metabolic/respiratory
capacity in RTT [26, 27, 31, 40]. Interestingly, an increased
mitochondrial mass was also reported for Mecp2−/y microglia
of the juvenile mouse brain [78]. In contrast, Mecp2-null
mouse skin fibroblasts (cultured in regular medium) and
stem-cell derivedMecp2-mutant neurons do not differ in their
mitochondrial contents [79, 80].

Obvious differences in the size or ΔΨm of individual
mitochondria could not be detected among WT and
Mecp2−/y astrocytes. This suggests that the immediate func-
tional impact of the mitochondrial alterations in RTT is
rather subtle, which is also indicated by the fact that—in con-
trast to other mitochondriopathies—a marked degree of neu-
rodegeneration is not evident in RTT [41].

Earlier studies have convincingly linked RTT to cellular
redox changes and oxidative stress [37, 40, 81]. The con-
ducted redox analyses now confirm for the first time that
the oxidative burden in RTT also applies to astrocytes. As
we verified earlier, the free-radical scavenger Trolox
improved the cellular redox balance in organotypic hippo-
campal slices [40], dampened neuronal hyperexcitability in
adult hippocampal slices of symptomatic Mecp2−/y mice,
and also improved the hypoxia tolerance as well as certain
types of synaptic plasticity [66, 67]. In these studies, any
adverse impact of Trolox on mitochondrial function could
be ruled out, and also here, an overnight incubation of astro-
cytes with Trolox did not affect mitochondrial shape or
ΔΨm. However, Trolox incubation clearly improved cyto-
solic redox balance in WT and even more so in Mecp2−/y

astrocytes, thereby dampening the genotypic differences
and opposing the oxidative stress inMecp2−/y cells. As Trolox
also slightly reduced the number of mitochondria per cell
and thereby eliminated the genotypic differences seen in
untreated astrocytes, it can therefore be concluded that the
redox imbalance in RTT is one of the factors that underlies
the increased mitochondrial mass in Mecp2−/y astrocytes.

Furthermore, we assessed potentially different responses
of WT and Mecp2−/y astrocytes to different mitochondria-
directed drugs. FCCP evokedmarkedmitochondrial depolar-
izations in both genotypes by abolishing the proton gradient
across the inner mitochondrial membrane. In addition, it
slightly reduced the size of mitochondria in WT astrocytes.
As structural changes, or even mitochondrial fragmentation,
are quite commonly induced by FCCP [70, 82]; this explains
the decreased mitochondrial length and increased number of
individual mitochondria detected in some of the WT and
Mecp2−/y astrocytes upon mitochondrial uncoupling. The
inhibition of respiratory complex IV by CN− also mark-
edly depolarized mitochondria; the trend towards a more

11Oxidative Medicine and Cellular Longevity



intense depolarization of Mecp2−/y astrocytes may reflect
the increased hypoxia susceptibility we found earlier in
the hippocampal and brainstem slices of Mecp2−/y mice
[69, 83–85]. Furthermore, mitochondria of Mecp2−/y astro-
cytes became slightly smaller upon CN− treatment. Changes
in mitochondrial content were, however, not detectable in
any genotype. Therefore, as pronounced genotype-related
changes were not detected for mitochondrial size, mito-
chondrial content, and ΔΨm, it has to be assumed that
mitochondria in WT and Mecp2−/y astrocytes do not
noticeably differ in their vulnerabilities to uncoupling
and chemical hypoxia. In view of the earlier detected
increased hypoxia susceptibility of hippocampal and brain-
stem networks of MeCP2-deficient mice [69, 85], this is an
important finding. Yet, it also has to be considered that
the pharmacological challenges applied in the present
study were quite intense.

Our 2-photon analyses were based on the emission ratio-
metric ΔΨm indicator JC-1. We developed and thoroughly
tested this JC-1-based emission ratiometric 2-photon imag-
ing approach earlier [54], and it allows not only to visualize
individual mitochondria but also to compare their ΔΨm
and quantify any ΔΨm changes. JC-1 clearly differs from
other dyes, as it is the only emission ratiometric indicator
detecting ΔΨm changes with sufficient sensitivity. Often
criticized is that JC-1 reacts more slowly than other mito-
chondrial markers, which do not form aggregates. Hence,
the true kinetics of fast ΔΨm changes might be underesti-
mated [54, 86]. However, as we did not aim to resolve tempo-
rally any ΔΨm changes, but rather compared steady-state
conditions or drug treatment endpoints, this should be of
no concern. A true drawback of JC-1 is, however, that com-
parative ΔΨm analyses in more intact preparations are
hardly possible, as the excessive background fluorescence of
interstitial JC-1 monomers prevents a meaningful JC-1 stain-
ing in, for example, acute or organotypic tissue slices.

Nevertheless, JC-1 and its derivatives are the only
ratiometric mitochondrial ΔΨm indicators, and as such,
their fluorescence response is not affected by the extent
of dye uptake and/or differences in cellular mitochondrial
content. All of these apply, however, to other nonratio-
metric ΔΨm indicators (e.g., rhodamine 123 or TMRM),
and it may markedly complicate data analyses, especially
when these compounds are used in low-resolution
approaches, such as flow-cytometry and cuvette-based
spectrophotometric assays. Only recently, an improved
variant of JC-1, termed JC-10, became available. It func-
tions just as JC-1 but offers higher water solubility and
an improved dynamic response range (see http://www
.enzolifesciences.com/fileadmin/reports/Datasheet-ENZ-52305
.pdf). Thus, it may prove more advantageous also for future
emission-ratiometric 2-photon imaging applications of ΔΨm
alterations in individual mitochondria or ΔΨm differences
among various cell types and/or genotypes.

5. Conclusions

Focusing on astrocytes, we performed functional optical
analyses on the subcellular level, to extend earlier findings

on mitochondrial alterations and redox imbalance in
RTT. As the entire study is based on dissociated cell cul-
tures, it can only reflect the neonatal developmental stage.
Nevertheless, an increased mitochondrial mass and more
oxidized cytosolic redox conditions were already detectable
in Mecp2−/y hippocampal astrocytes of presymptomatic
mice. This genotypic difference in mitochondrial mass
was obvious for absolute mitochondrial content, its nor-
malization to cell size, and MitoTracker labeling. This
confirms that also astrocytes undergo clear alterations
already during the neonatal and presymptomatic stages
of RTT, which further supports the hypothesis that mito-
chondrial alterations and the associated oxidative burden
drive the progression of this neurodevelopmental disorder.
Trolox did not mediate any adverse effects on mitochon-
dria, which is certainly of interest for free-radical scaven-
ger- and antioxidant-based pharmacotreatment concepts
in RTT. More importantly, this free-radical scavenger suc-
cessfully abolished the genotypic differences in mitochon-
drial content among WT and Mecp2−/y astrocytes and
improved cytosolic redox balance especially in Mecp2−/y

astrocytes. This identifies cellular redox imbalance as one
of the mechanisms underlying the increased mitochondrial
mass in Mecp2−/y astrocytes.
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Metformin is widely prescribed as a first-choice antihyperglycemic drug for treatment of type 2 diabetes mellitus, and recent
epidemiological studies showed its utility also in cancer therapy. Although it is in use since the 1970s, its molecular target, either
for antihyperglycemic or antineoplastic action, remains elusive. However, the body of the research on metformin effect oscillates
around mitochondrial metabolism, including the function of oxidative phosphorylation (OXPHOS) apparatus. In this study, we
focused on direct inhibitory mechanism of biguanides (metformin and phenformin) on OXPHOS complexes and its functional
impact, using the model of isolated brown adipose tissue mitochondria. We demonstrate that biguanides nonspecifically target
the activities of all respiratory chain dehydrogenases (mitochondrial NADH, succinate, and glycerophosphate dehydrogenases),
but only at very high concentrations (10−2–10−1M) that highly exceed cellular concentrations observed during the treatment. In
addition, these concentrations of biguanides also trigger burst of reactive oxygen species production which, in combination with
pleiotropic OXPHOS inhibition, can be toxic for the organism. We conclude that the beneficial effect of biguanides should
probably be associated with subtler mechanism, different from the generalized inhibition of the respiratory chain.

1. Introduction

Metformin (dimethyl biguanide) is the most widely used
frontline drug for treatment of type II diabetes mellitus
[1, 2]. At the whole-body level, it effectively decreases
blood glucose and insulin levels during hyperglycemia [3].
Several possible mechanisms of its action have been sug-
gested, including inhibition of adenylate cyclase [4], interfer-
ence with mitochondrial dynamics [5], alterations in gut
microbiota composition [6], or inhibition of mitochondrial
respiratory chain [7, 8]. Some of the proposed mechanisms
oscillate around AMP-activated protein kinase (AMPK)
activation, which in itself was also suggested as a direct target
for biguanides [5, 9]. However, precise molecular mechanism
of its action remains questionable [10, 11].

Metformin utility was also explored in the model of heart
failure where epidemiologic evidence suggests its protective
effect [12, 13]. Nevertheless, at the molecular level, a direct

effect on mitochondria is observed in some cases [14], but
not in others [15].

In addition to its antihyperglycemic effect, a broad range
of epidemiologic studies showed that chronic metformin
treatment is associated with a reduced risk of cancer
[16–18]. As well as in the case of diabetes, the explicit
mechanism of its antineoplastic action is not yet clear
[11]. Metformin was proposed to act either indirectly by
decreasing levels of insulin [19] or directly by suppression
of mitochondrial-dependent biosynthetic pathways [20, 21].
One of the most studied possible molecular targets for bigua-
nides action is their inhibitory action on respiratory chain
complex I (NADH dehydrogenase, NDH), first described in
liver tissue [8, 22]. Since then, it was confirmed for various
tissues and cellular models and crucially also for cancer
cells [11, 23, 24]. Hypothetical model proposes that
NDH inhibition leads to decreased respiration and conse-
quently to activation of AMPK, the key player in cellular
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energy homeostasis [25]. The exact site of biguanide bind-
ing to NDH is ambiguous; it was found to influence reac-
tivity of its flavin cofactor, but it also inhibits ubiquinone
reduction in a noncompetitive manner [23]. In addition
to NDH, metformin was shown to inhibit other enzymes
of the mitochondrial oxidative phosphorylation apparatus,
including mitochondrial glycerophosphate dehydrogenase
(mGPDH) and ATP synthase [7, 10, 23]. Interestingly, the
viability of cancer cells lacking mitochondrial DNA (rho0
cells) is also affected by the drug, making its putative action
on respiratory chain complexes rather questionable [26].

Respiratory chain is also a predominant source of
reactive oxygen species (ROS), and targeting individual
complexes may modulate ROS production and thus influ-
ence various pathological processes and/or signaling in dif-
ferent metabolic pathways [27]. Using specific substrates
and inhibitors of respiratory chain enzymes, it is possible to
localize the site of ROS generation or conversely the binding
site of the inhibitor. In isolated mitochondria, the electron
leak occurs mainly under the conditions of high NAD(P)H
pool reduction [28, 29] or high ubiquinone pool reduction
(high proton motive force) [29–31]. Essentially, all of the
dehydrogenases in the respiratory chain were under certain
conditions demonstrated to allow electron leak and ROS
production. Flavin site of complex I (IF) was identified as a
site of superoxide production using NADH-linked substrates
[32, 33]. Under the conditions of high flux from succinate
oxidation and high proton motive force, the electrons can
backflow to NDH and escape at the level of Q site (IQ)
towards the molecular oxygen [30, 31]. SDH itself was shown
to produce significant amounts of ROS, especially when
succinate levels are low (submillimolar). Under these condi-
tions, flavin site (IIF) is not fully occupied by the substrate
and is more accessible to oxygen allowing superoxide gener-
ation [34]. Mitochondrial mGPDHwas also shown to act as a
potent ROS producer [35] even in mitochondria from tissues
with low amount of the enzyme [36]. ROS production from
mGPDH can reach the levels of ROS from complex III
when inhibited with antimycin A (the most potent source
of ROS in mitochondria) [37]. Since mGPDH-dependent
ROS production increases linearly with increasing GP con-
centration, the most plausible site of electron leak is the Q
site or the semiquinone formed here [27].

Given the conflicting reports regarding the molecular
target of biguanides in mitochondria, in this study, we
addressed the direct impact of biguanides metformin and
phenformin on NDH, SDH, and mGPDH, mitochondrial
glycerophosphate dehydrogenases, which feed electrons into
respiratory chain and were proposed to be a target of these
drugs. We used mitochondria isolated from brown adipose
tissue (BAT), which are advantageous for such study as
they contain comparable amounts of these dehydrogenases.
Furthermore, uncoupling protein 1 (UCP1) dissipates mito-
chondrial membrane potential (Δψm) in the isolated BAT
mitochondria so that the cationic biguanides are much less
concentrated in mitochondrial matrix, and therefore, the
determined concentrations of these drugs are very close
to the actual ones required for inhibition. We compared
the effects of biguanides on dehydrogenases with their

typical inhibitors (rotenone, atpenin A5, and iGP-1) using
activity assays, mitochondrial oxygen consumption, and
ROS production.

2. Materials and Methods

2.1. Isolation of Mitochondria from Brown Adipose Tissue.
We used interscapular brown adipose tissue (BAT) of four-
week-old Wistar rats kept at 22°C under 12h/12 h light/dark
cycle on a standard diet and water supply ad libitum. All
animal works were approved by the institutional ethics
committee and were in accordance with the EU Directive
2010/63/EU for animal experiments. Mitochondria were
isolated in STE medium (250mM sucrose, 10mM Tris–
HCl, 1mM EDTA, pH7.4) and supplemented with BSA
(10mg/mL) by differential centrifugation [38]. Quality of
isolation was routinely checked by oxygraph, and fresh
mitochondria were used for measurements of oxygen con-
sumption and hydrogen peroxide production. Subsequently,
frozen-thawed mitochondria were used for determination
of enzymatic activities; as in such preparations, the integ-
rity of mitochondrial membrane is disrupted and NADH
has therefore access to the oxidation site of NDH. Also,
freezing/thawing ensures that the membrane potential is
not maintained.

2.2. Enzyme Activity Assays. Activities of mitochondrial
dehydrogenases were determined spectrophotometrically
as NADH oxidoreductases (NDH, monitored at 340nm,
ε340 = 6.22mM−1·cm−1) or CoQ1 oxidoreductases (SDH and
mGPDH, monitored at 275 nm, ε275 = 13.6mM−1·cm−1).
The assay medium contained 50mM KCl, 20mM Tris–
HCl, 1mM EDTA, 1mg/mL BSA, 2mM KCN, pH7.4, and
50 μM CoQ1. The reaction was started by adding 100μM
NADH, 25mM glycerophosphate (GP), or 25mM succinate,
respectively, and after 5–10 minutes, changes of absorbance
were monitored at 30°C. Enzyme activities were expressed
as pmol/s/mg protein.

2.3. Determination of Mitochondrial Membrane Potential.
The changes in mitochondrial membrane potential (Δψm)
were measured with TPP+-selective electrode as described
in [39, 40]. Isolated BAT mitochondria (0.4mg/mL) were
resuspended in KCl medium and subsequently supplemented
with 10mM GP, 0.3% BSA, 1mM GDP, and 1μM carbonyl
cyanide-p-trifluoromethoxyphenylhydrazone (FCCP). The
electrode was calibrated by stepwise addition of TPP+

(1–6μM) before each measurement, and Δψm changes
were plotted as pTPP, that is, the negative common loga-
rithm of TPP+ concentration.

2.4. Fluorometric Detection of Hydrogen Peroxide Production.
Hydrogen peroxide production was determined fluorometri-
cally by measuring oxidation of Amplex UltraRed (Thermo
Fisher) essentially as before [27]. Fluorescence of the Amplex
UltraRed oxidation product was measured at 37°C using
Tecan Infinite M200 multiwell fluorometer. Excitation/
emission wavelengths were 544nm (bandwidth 15 nm)/
590 nm (bandwidth 30 nm). The assay was performed with
10μg of mitochondrial protein in KCl-based medium
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(120mM KCl, 3mM HEPES, 5mM KH2PO4, 3mM MgSO4,
1mM EGTA, 3mg/mL BSA, pH7.2) supplemented either
with 10mM pyruvate plus 2mM malate, 10mM succinate,
or 10mM GP. Amplex UltraRed was used at the final con-
centration of 50μM with horseradish peroxidase (HRP) at
1U/mL. Fluorescence signal from the well containing all
substrates and inhibitors, but not mitochondria, was sub-
tracted as a background for every experimental condition
used. Background, caused mostly by autoxidation of the dye
or nonenzymatic effect of inhibitors on apparent ROS pro-
duction, varied between conditions from 0 to 1 pmol/s/mg
and was uniform across respective titration points. Signal
was calibrated using H2O2 at the final concentration of
0–5μM, and H2O2 stock concentration was routinely
checked by measuring its absorption at 240 nm.

2.5. Western Blotting. BAT and liver homogenates were
denatured at 65°C for 15min in a sample lysis buffer (2%
(v/v) 2-mercaptoethanol, 4% (w/v) SDS, 50mM Tris–HCl,
pH7.0, 10% (v/v) glycerol, and 0.017% (w/v) Coomassie
Brilliant Blue R-250), and Tricine SDS-PAGE [41] was
performed on 10% (w/v) polyacrylamide slab gels at room
temperature. The gels were blotted onto a PVDF membrane
(Immobilon P, Merck Millipore) by semidry electrotransfer
at 0.8mA/cm2 for 1 h. Membranes were blocked in 5% nonfat
dried milk dissolved in TBS (150mM NaCl, 10mM Tris–
HCl, pH7.5) for 1 h at room temperature and incubated
for 2 h with the following primary antibodies: antibody
to NADH dehydrogenase (NDUFA9 subunit of complex
I)—Abcam ab14713, succinate dehydrogenase complex
(subunit A (SDHA) of complex II)—Abcam ab14715, Core2
subunit of complex III—Abcam ab14745, actin—Millipore
MAB1501, rabbit polyclonal antibody to porin (1 : 1000)
was a kind gift from Professor Vito de Pinto (Dipartimento
di Scienze Chimiche, Catania, Italy), and rabbit polyclonal
antibody to mGPDH was custom prepared [42]. Membranes
were then incubated for 1 h with corresponding secondary
fluorescent antibodies, IRDye 680- or 800-conjugated
donkey anti-mouse IgG (Thermo Fischer) or donkey anti-
rabbit IgG (LI-COR Biosciences), respectively. The fluores-
cence was detected using ODYSSEY infra-red imaging
system (LI-COR Biosciences), and the signal was quantified
using Aida 3.21 Image Analyzer software (RayTest).

2.6. Polarographic Detection of Oxygen Consumption.
Oxygen consumption was measured at 30°C as described
before [35] using Oxygraph-2k (Oroboros, Austria). Mea-
surements were performed in 2mL of KCl medium (80mM
KCl, 10mM Tris–HCl, 3mM MgCl2, 1mM EDTA, 5mM
K-Pi, pH7.4) using 15–60μg protein/mL of freshly isolated
mitochondria. For measurements, 10mM pyruvate plus
2mM malate, 10mM succinate, or 10mM GP, respectively,
were used. The oxygen consumption was expressed in pmol
oxygen/s/mg protein.

3. Results and Discussion

The direct mechanistic knowledge on how biguanides
(metformin, phenformin) influence mitochondrial function

is not yet clear. While their inhibitory effect on NADH
dehydrogenase (complex I, NDH) received most attention
[8, 23, 24], it was also reported that biguanides can inhibit
other dehydrogenases in the mitochondrial respiratory chain,
namely, succinate dehydrogenase (SDH) [10] and mitochon-
drial glycerophosphate dehydrogenase (mGPDH) [7]. As
those dehydrogenases substantially differ in their architec-
ture of substrate sites, coenzyme Q (CoQ), binding sites
and pathways of the electron transfer from substrate to
CoQ, such as lack of selectivity, is rather surprising. There-
fore, we focused on the action of biguanides on NDH,
SDH, and mGPDH and compared it with canonical specific
inhibitors of ubiquinone binding site of complex I (rotenone)
[31], ubiquinone site of SDH (atpenin A5) [43], and the
novel specific inhibitor of mGPDH (iGP-1) [44].

As a model, we chose isolated mitochondria from brown
adipose tissue (BAT), as they have several advantages for
such study. First, compared to the liver, where the inhibitory
action of biguanides on mGPDH was originally described
[7], they contain near equimolar levels of all three dehydro-
genases studied. This can be documented both at the level
of protein quantity (Figure 1(a)) and enzyme activity
(NDH, SDH, and mGPDH, Figure 1(b)). The differences in
response between dehydrogenases in BAT cannot therefore
be ascribed to the varying content of enzymes studied. It is
well established [36] and also obvious from Figure 1(b) that
mGPDH activity in the liver is particularly low, and this
can render the accurate measurement of inhibitory effects
on GQR quite difficult. Another advantage of BAT mito-
chondria is the presence of UCP1 protein [45] which under
native conditions allows the flow of protons back to the
matrix (Figure 1(c)) and thus effectively discharges the mito-
chondrial membrane potential to the same level as prototypic
uncoupler FCCP as can be seen by direct Δψm determination
on TPP+-selective electrode (Figure 1(d)). This means that
studied ROS production is independent of OXPHOS cou-
pling. On the other hand, mitochondria can easily be coupled
by the inhibitory action of guanosine diphosphate (GDP) on
the UCP1 and contribution of electron backflow can then be
established. Finally, lack of coupling together with physiolog-
ically low levels of mitochondrial FoF1 ATP synthase makes
the action of biguanides on mitochondrial dehydrogenases
rather independent of ATP synthase activity. This is quite
important as FoF1 ATP synthase was also shown to be
inhibited by biguanides [23] and thus may blur the picture
in other model systems.

3.1. Effect of Biguanides on Enzymatic Activities. As a first
step, we estimated direct impact of metformin on activity of
each complex measured as individual dehydrogenase activity
(substrate : coenzyme Q) in frozen-thawed mitochondria or
in the context of electron transport chain in intact mitochon-
dria measured as oxygen consumption using respective sub-
strates (Figure 2). Metformin inhibited all enzymes studied,
but only at very high concentrations (IC50 varied from 80
to 180mM, Figures 2(a), 2(b), and 2(c)). Out of those activi-
ties, NDH was the most sensitive to the inhibitory action of
metformin (Figure 2(a)). Similarly, at the same concentra-
tions, metformin also inhibited respiration with pyruvate
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and malate used as substrates for NDH (Figure 2(d)), succi-
nate for SDH (Figure 2(e)), and glycerophosphate (GP) for
mGPDH (Figure 2(f)). Another biguanide, phenformin,
behaved analogously to metformin, but its inhibitory effect
was more efficient; the IC50 varied between 10 and 25mM
for both isolated enzyme activities and respiration of all
three dehydrogenases (Figure 3). Because of the limited
permeability of the biguanides, we waited to reach plateau
(approximately 5min) before proceeding to the next addi-
tion. It is to be stressed that IC50 values of observed inhibitory
effects in uncoupled mitochondria (oxygraphy) were the
same or slightly higher than corresponding IC50 values in
frozen-thawed mitochondria (spectrophotometry), thus
conferring comparable concentration of biguanides on both
sides of the inner mitochondrial membrane. Determined
IC50 in our case is rather high in comparison with that previ-
ously reported [7, 33]. This can be most likely attributed to
the uncoupled state of BAT mitochondria which prevents
accumulation of biguanides in mitochondria (see below).

Subsequently, we focused on the action of canonical
inhibitors on individual complexes. As expected, rotenone
completely inhibited complex I enzyme activity as well as

pyruvate plus malate-supported oxygen consumption at
500 nM. Similarly, complete inhibition of SDH by atpenin
A5 using succinate as a substrate was achieved at even lower
concentrations (20 nM) and activity of mGPDH was abol-
ished at 50μMof iGP-1. Interestingly, we also observed some
nonspecific actions of iGP-1 on SDH (Figures 4(b) and 4(d)),
but the IC50 was significantly higher (~80μM) than that in
the case of mGPDH (Figures 4(a) and 4(c)).

Given the extremely high IC50 we identified for phenfor-
min and metformin, it is to be questioned whether their
effects on respiratory chain enzymes are pharmacologically
relevant and can affect mitochondrial function in tumors.
As already mentioned, isolated BAT mitochondria with
inherently low levels of mitochondrial membrane potential
represent a model free of the effect of metformin partitioning
due to its charge. Biguanides carry a positive charge, which
means that they do accumulate in cells and mitochondria
in dependence on membrane potential across both cellular
and mitochondrial membranes. Thus, the concentration
could be 100 to 300 times higher inside energized mitochon-
dria (compared to concentration in cytosol) with the
difference in mitochondrial membrane potential between
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Figure 1: Characterization of brown adipose tissue (BAT) mitochondria. (a) SDS-PAGE and Western blot analysis of mitochondrial
respiratory chain complexes in BAT and liver homogenates by polyclonal antibodies against mGPDH and VDAC and monoclonal
antibodies against representative subunits of NDH (subunit NDUFA9), SDH (subunit SDHA), complex III (subunit UCQRC2), and
actin. Two protein concentrations were loaded as indicated, representative image of three biological replicates. (b) Enzyme activities
of mitochondrial dehydrogenases in mitochondria isolated from the BAT and liver. Activities were determined as rates of CoQ1
reduction using respective substrates. Results are means± SEM from three independent measurements. (c) Representative quality
control curve of O2 consumption and (d) representative trace of Δψm measurement in isolated BAT mitochondria. The following
compounds were added: 10mM glycerophosphate (GP), 0.3% BSA, 1mM GDP, 1mM ADP, 1μM oligomycin (oligo), and 1μM carbonyl
cyanide-p-trifluoromethoxyphenylhydrazone (FCCP).
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120 and 150mV [23]. Since the reported values for metfor-
min concentration inside tumors are in 1–10μM range
[21], the actual concentration in respiring mitochondria
could reach mM values, which is likely not sufficient for the
inhibitory action on mitochondrial oxidative phosphoryla-
tion. Indeed, in this regard, it is important to note that two
recent reports demonstrated higher tumor antiproliferative
efficiency for mitochondrially targeted (through positive

charge of conjugated TPP moiety) analogs of metformin
[46, 47]. However, metformin and its conjugated analogs
accumulate in the mitochondrial matrix, where they can act
on enzyme complexes facing this compartment, namely,
NDH and SDH. The effect on mGPDH is more questionable,
since this enzyme is located on the outer face of the inner
membrane, facing the mitochondrial intermembrane space
and does not span to the matrix [48]. One of the reports
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Figure 2: Respiratory chain dehydrogenase sensitivity to metformin titration. Specific enzyme activities (a, b, c) or oxygen consumption
(d, e, f) of BAT mitochondria was titrated with 0–200mM metformin using 100μM NADH (a) or 10mM pyruvate plus 2mM malate
(d), 10mM succinate (b, e), and 25mM (c) or 10mM glycerophosphate (f). Individual points represent means± SEM of at least three
independent measurements.
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using mitochondrially targeted metformin analogs [46]
reported also higher potency of that compound on GP-
dependent respiration, which would be in line with rather
generalized nonspecific mode of action for example through
the influencing of mitochondrial membrane properties.

3.2. Reactive Oxygen Species Production. Action of pharma-
cologically active compounds on suppression of cancer cell

proliferation may not only be achieved by decreased flow of
electrons through respiratory chain and associated impair-
ment of aerobic ATP production. Another successful anti-
proliferative strategy may be to increase in reactive oxygen
species (ROS) production and subsequent induction of
apoptosis [49, 50]. It was also proposed for biguanides that
their primary antiproliferative effect is manifested through
increase in ROS production [21, 23], which also holds true
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Figure 3: Respiratory chain dehydrogenases sensitivity to phenformin titration. Specific enzyme activities (a, b, c) or oxygen consumption
(d, e, f) of BAT mitochondria was titrated with 0–60mM phenformin using 100 μM NADH (a) or 10mM pyruvate plus 2mM malate (d),
10mM succinate (b, e), and 25mM (c) or 10mM glycerophosphate (f). Individual points represent means± SEM of at least three
independent measurements.
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for the mitochondria-targeted analogs [51]. In this case, the
mitochondrial ROS also interfered with redox signaling
events. Mitochondrial respiratory chain contains numerous
sites which may leak electrons to molecular oxygen and pro-
duce superoxide [27, 34, 35, 52–55]. The major superoxide-
producing sites in mitochondrial respiratory chain were
proposed to be NDH [53, 56], complex III [53, 57], mGPDH
[27, 35], and, under certain circumstances, also SDH [34].

To distinguish sites in mitochondrial respiratory chain,
where biguanides may induce electron leak, we followed the
rates of ROS production (detected as H2O2 upon conversion
by superoxide dismutase) in fresh mitochondria from BAT,
where the respiratory chain is not reduced due to uncoupling
by UCP1. First, using the established inhibitors of individual
dehydrogenases and their respective substrates, we estab-
lished ROS production pattern characteristic for each site in
BAT mitochondria (Figure 5). As expected, also in BAT
mitochondria, rotenone increased the rate of H2O2 produc-
tion with NADH-linked substrates (pyruvate and malate),
indicative of ROS production from IF site (Figure 5(a)).

Using high concentrations of succinate (10mM), very
low levels of ROS were produced in uncoupled state, which
is in agreement with the previously published data [29] and
this leak occurs at the Q site of SDH (Figure 5(b)). After
GDP coupling, ROS were produced by the electron backflow
at the IQ site of NDH (Figure 5(b)). Low levels of succinate

led to pronounced increase in ROS production from flavin
of SDH (inhibition of the Q site by atpenin A5, Figure 5(c)).

GP-dependent ROS production was quite high even
when respiratory chain was not reduced and did not increase
further after GDP addition, again in agreement with previ-
ously reported data [37, 58], and it was inhibited by mGPDH
inhibitor iGP-1 (Figure 5(d)).

Compared to typical inhibitors, both metformin and
phenformin induced dose-dependent increase in ROS pro-
duction, but it seemed rather indiscriminative, as its pattern
was highly similar for all substrates tested (Figures 5(e) and
5(f)). It suggests that these compounds do not bind directly
to either flavin or ubiquinone-binding site of either of the
dehydrogenases studied and that biguanides can affect mito-
chondria by different mechanisms, for example, they can
influence membrane phospholipid environment.

4. Conclusions

Our data demonstrate that the inhibitory effect of biguanides
on OXPHOS enzymes is rather pleiotropic including the
previously reported inhibition of NADH and mGPDH
dehydrogenases. Drug sensitivity of respiratory chain com-
plexes in brown adipose tissue was comparable, with IC50
higher than 80mM in case of metformin or ranging from
20 to 30mM in case of the more potent phenformin.
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Figure 4: Comparison of iGP-1 effect on respiratory chain dehydrogenases mGPDH and SDH. Specific enzyme activities (a, b) or oxygen
consumption (c, d) of BAT mitochondria was titrated with 0–100 μM iGP-1 using 25mM (a) or 10mM glycerophosphate (c) and 10mM
succinate (b, d). Individual points represent means± SEM of at least three independent measurements.

7Oxidative Medicine and Cellular Longevity



2.5
P + M

2.0

1.5

H
2O

2 (
pm

ol
/s

/m
g)

1.0

0.5

0.0
0 ROT

(a)

Saturating SUC
20

15

10

5

0
0 AA5 GDP GDP

ROT

H
2O

2 (
pm

ol
/s

/m
g)

(b)

5

4

3

2

1

0
0 AA5

H
2O

2 (
pm

ol
/s

/m
g)

Physiological SUC

(c)

16

12

8

4

0
0 GDP iGP

H
2O

2 (
pm

ol
/s

/m
g)

GP

(d)

0 50 100 150 200
0

2
4
6
8

10

MF (mM)

H
2O

2 (
pm

ol
/s

/m
g)

H
2O

2 (
pm

ol
/s

/m
g)

H
2O

2 (
pm

ol
/s

/m
g)

0

2

4

6

8

0

5

10

15

0

5

10

15

20
Physiological SUCP + M Saturating SUC GP

M
et

fo
rm

in
H

2O
2 (

pm
ol

/s
/m

g)

0 50 100 150 200
MF (mM)

0 50 100 150 200
MF (mM)

0 50 100 150 200
MF (mM)

(e)

H
2O

2 (
pm

ol
/s

/m
g)

H
2O

2 (
pm

ol
/s

/m
g)

H
2O

2 (
pm

ol
/s

/m
g)

H
2O

2 (
pm

ol
/s

/m
g)

0 20 40 60
0
1
2
3
4
5

PF (mM)

0

5

10

15

20

0

10

20

30

0
10
20
30
40
50

Ph
en

fo
rm

in

0 20 40 60
PF (mM)

0 20 40 60
PF (mM)

0 20 40 60
PF (mM)

(f)

Figure 5: Effect of biguanides on reactive oxygen species (ROS) production compared to typical inhibitors. The rate of H2O2 generation
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Moreover, these biguanide concentrations induce nonspe-
cific increase of mitochondrial reactive oxygen species pro-
duction. Our data suggest that biguanides do not bind to
any specific sites on respiratory chain dehydrogenases and
require high concentrations to be effective. Under these
conditions, their effect on dehydrogenases remains therapeu-
tically questionable. Indeed, phenformin use had to be
discontinued due to induction of lactic acidosis in treated
patients. As summarized in Figure 6, we propose that phar-
macologically relevant concentrations of biguanides confer
their antineoplastic effect through yet unidentified target in
mitochondrial metabolism, different from the inhibition of
individual dehydrogenases.
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Streptozotocin is a pancreatic beta-cell-specific cytotoxin and is widely used to induce experimental type 1 diabetes in rodent
models. The precise molecular mechanism of STZ cytotoxicity is however not clear. Studies have suggested that STZ is
preferably absorbed by insulin-secreting β-cells and induces cytotoxicity by producing reactive oxygen species/reactive nitrogen
species (ROS/RNS). In the present study, we have investigated the mechanism of cytotoxicity of STZ in insulin-secreting
pancreatic cancer cells (Rin-5F) at different doses and time intervals. Cell viability, apoptosis, oxidative stress, and mitochondrial
bioenergetics were studied. Our results showed that STZ induces alterations in glutathione homeostasis and inhibited the
activities of the respiratory enzymes, resulting in inhibition of ATP synthesis. Apoptosis was observed in a dose- and time-
dependent manner. Western blot analysis has also confirmed altered expression of oxidative stress markers (e.g., NOS and
Nrf2), cell signaling kinases, apoptotic protein-like caspase-3, PARP, and mitochondrial specific proteins. These results
suggest that STZ-induced cytotoxicity in pancreatic cells is mediated by an increase in oxidative stress, alterations in
cellular metabolism, and mitochondrial dysfunction. This study may be significant in better understanding the mechanism
of STZ-induced β-cell toxicity/resistance and the etiology of type 1 diabetes induction.

1. Introduction

Streptozotocin (STZ), [N-(methylnitrosocarbamoyl)-α-D-
glucosamine], is a broad spectrum antibiotic derived from
the bacterium Streptomyces achromogenes [1]. It is a DNA
alkylating agent and is often used as an antibacterial as well
as anticancer agent [2, 3]. However, it is not a preferred drug
for the treatment of cancers. This is due to genotoxic effects
which lead to drug resistance [4]. STZ is known to be a pan-
creatic beta-cell-specific cytotoxin and is therefore being
widely used to induce experimental type 1 diabetes in rodent
models [5, 6].

STZ is a glucose analogue that is selectively accumulated
in pancreatic beta-cells via a GLUT 2 glucose transporter
in the plasma membrane [7, 8]. STZ toxicity in beta-cells
is dependent on GLUT 2 expression. Hosokawa and his col-
leagues revealed that in transgenic mice, GLUT 2-expressing

beta-cells are sensitive to the toxic effects of STZ whereas
GLUT 1-expressing islets are completely resistant [9]. After
entering the beta-cells via the GLUT 2 transporter, it causes
DNA damage due to the DNA alkylating activity of its methyl
nitrosourea moiety [10, 11], which, in turn, results in DNA
fragmentation [12]. Subsequently, the fragmented DNA acti-
vates poly (ADP-ribose) synthetase to repair DNA. Poly
ADP-ribosylation leads to the depletion of cellular NAD+
and ATP [12, 13]. The decreased ATP synthesis is demon-
strated by dephosphorylation which provides more sub-
strates for xanthine oxidase, resulting in the formation of
hydrogen peroxide and hydroxyl radicals [14, 15] causing
oxidative stress. Furthermore, the presence of N-methyl-N-
nitrosourea side chain has the ability to release nitric oxide
[16, 17] that inhibits aconitase activity, resulting in mito-
chondrial dysfunction. STZ is diabetogenic due to its targeted
GLUT 2-dependent action in the pancreatic β-cells. The

Hindawi
Oxidative Medicine and Cellular Longevity
Volume 2017, Article ID 7054272, 15 pages
https://doi.org/10.1155/2017/7054272

https://doi.org/10.1155/2017/7054272


exact mechanism of cytotoxicity is still not clear. However,
both apoptotic and necrotic cell deaths of β-cells have been
reported. The cytotoxicity of STZ is presumed to be mediated
by reactive oxygen species (ROS), reactive nitric oxide spe-
cies (NO/RNS), and induction of inflammatory responses
[16, 17]. Using both in vitro cell culture and in vivo diabetic
rodent models for STZ-induced toxicity, we have demon-
strated that STZ induces cellular oxidative stress and mito-
chondrial respiratory dysfunction [18–20].

In the present study, we have further investigated the
mechanism of STZ cytotoxicity on insulin-secreting Rin-5F
cells. Our results demonstrate that the effects of STZ are dose
and time dependent, causing oxidative stress-associated
alterations in GSH redox metabolism and mitochondrial
respiratory dysfunction leading to increased apoptosis in
Rin-5F cells. We have also identified some of the key apopto-
tic and oxidative stress molecular markers which exhibit
altered expression in STZ-treated Rin-5F cells. In addition,
we have also demonstrated that STZ treatment has
induced the activities of CYP1A2 and CYP1A1 suggesting
their potential role in STZ metabolism. These results may
be significant in understanding the mechanism of STZ-
induced β-cell cytotoxicity/apoptosis and the ability of
pancreatic cells to metabolize other xenobiotics in oxidative
stress conditions.

2. Materials and Methods

2.1. Materials. Streptozotocin (STZ), reduced and oxidized
glutathione (GSH/GSSG), 1-chloro 2,4-dinitrobenzene
(CDNB), cumene hydroperoxide, glutathione reductase, 3-
(4,5-dimethylthiazol-2-yl)-2,5-diphenyltetrazolium bromide
(MTT), NADH, NADPH, cytochrome c, coenzyme Q2,
sodium succinate, antimycin A, dodecyl maltoside, resorufin,
7-ethoxyresorufin, methoxyresorufin, Hoechst 33342, and
ATP bioluminescent somatic cell assay kits were purchased
from Sigma-Aldrich (St. Louis, MO, USA). 2′,7′-Dichloro-
fluorescein diacetate (DCFDA) was procured frommolecular
probes (Eugene, OR, USA). Kits for nitric oxide and caspase-
3 and caspase-9 assays were purchased from R&D Systems
Inc., MN, USA, and that for lipid peroxidation (LPO) from
Oxis International Inc. (CA, USA). Kits for GSH/GSSG assay
were procured from Promega Corp. (Madison, WI, USA).
Apoptosis detection kits for flow cytometry were purchased
from BD Pharmingen (BD Biosciences, San Jose, USA).
Rin-5F cells were obtained from American Type Culture
Collection (Manassas, VA, USA). Polyclonal antibodies
against beta-actin, caspase-3, PARP, NOS-2, Nrf2, GLUT
2, Bax, Bcl-2, Akt, and p-Akt were purchased from Santa
Cruz Biotechnology Inc. (Santa Cruz, CA, USA). Reagents
for cell culture, SDS-PAGE, and Western blot analyses were
purchased from Gibco BRL (Grand Island, NY, USA) and
Bio-Rad Laboratories (Richmond, CA, USA).

2.2. Cell Culture and Treatment. Rin-5F cells were grown in
poly-L-lysine-coated 75 cm2

flasks (~2.0–2.5× 106 cells/mL)
in RPMI1640 medium supplemented with 1% nonessential
amino acids, 2mM glutamine, and 10% heat-inactivated fetal
bovine serum in a humidified incubator in the presence of

5%–95% CO2 air at 37°C. Cells were treated with different
concentrations of STZ (0–10mM) dissolved in citrate buffer,
pH4.4, and diluted in RPMI1640 to appropriate concentra-
tions just before use for different time intervals (24 h–48 h).
Control cells were treated with vehicle alone. Concentrations
and time points for STZ treatment in this study were based
on MTT cytotoxicity tests and previously published reports
[18, 21]. After the desired time of treatment, cells were
harvested, washed with PBS (pH7.4), and homogenized
in H-medium buffer (70mM sucrose, 220mM mannitol,
2.5mM HEPES, 2mM EDTA, and 0.1mM phenylmethyl-
sulfonylfluoride, pH7.4) at 4°C. Mitochondrial and post-
mitochondrial fractions were then isolated by differential
centrifugation. Cellular fractionation to prepare mitochon-
dria fractions was performed by centrifugation, and the
purity of the isolated fractions for cross contaminations
was checked as described previously [20]. Protein concen-
tration was determined by the Bradford method [22].

2.3. MTT Cell Viability Test. Mitochondrial dehydrogenase-
based cell viability test in 96-well plates (~2× 104 cells/well)
was assayed by MTT conversion to formazan after treat-
ment with different concentrations (0–10mM) of STZ for
different time intervals (24 h–48h). The viable cells were
quantitated using an ELISA reader (Anthos Laboratories,
Salzburg, Germany) at 550nm after subtracting the appro-
priate control value.

2.4. Measurement of Reactive Oxygen Species (ROS), NO, and
LPO. Intracellular production of reactive oxygen species was
measured using the cell permeable probe, DCFDA. Briefly,
STZ-treated and control cells (~1× 105 cells/mL) were grown
on cover slips and incubated with 5μMDCFDA for 30min at
37°C. Cells were washed twice with PBS, and fluorescence
was immediately visualized using the Olympus fluorescence
microscope. DCFDA-based ROS assay was also performed
and measured fluorimetrically as described before [18].

For NO assay, Rin-5F cells (2× 105 cells/well) were
cultured in petri plates for 24 h prior to STZ treatments.
NO production was determined by measuring the concentra-
tion of total nitrite in the culture supernatants using Griess
reagent (R&D Systems Inc.).

LPO in the cell extracts of STZ-treated and control
Rin-5F cells was measured using the LPO-586 kit according
to the manufacturer’s recommended protocol and the con-
centration of MDA calculated from the standard curve.

2.5. Apoptosis Measurement after STZ Treatments

2.5.1. Nuclear Staining with Hoechst33342. Apoptosis
measurement was performed by Hoechst dye staining of
fragmented nuclei. Cover slips with adherent cells were
treated with STZ, and cells were fixed with 3.7% formalde-
hyde and stained with Hoechst33342 (10μg/mL) for 20min
at room temperature. The cover slips were washed, mounted
on glass slides, and analyzed by fluorescence microscopy.
Cells with signs of apoptosis showed fragmented nuclei.

2.5.2. Flow Cytometry. The apoptosis assay using flow cytom-
etry was performed according to the vendor’s protocol (BD
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Pharmingen, BD Biosciences, San Jose, USA) as described
before [23]. Briefly, treated and control untreated cells were
trypsinized, washed in PBS, and resuspended (1× 106 cells/
mL) in binding buffer (10mM HEPES, pH7.4, 140mM
NaCl, 2.5mM CaCl2). A fraction (100μL/1× 105 cells) of
the cell suspension was incubated with 5μL annexin V
conjugated to FITC and 5μL propidium iodide (PI) for
15min at 25°C in the dark. 400μL of binding buffer was
added to the suspension, and apoptosis was measured imme-
diately using a Becton Dickinson FACScan analyzer. The
apoptotic cells were estimated by the percentage of cells that
were stained positive for annexin V-FITC while remaining
impermeable to PI (AV+/PI−). This method was also able
to distinguish viable cells (AV−/PI−) and cells undergoing
necrosis (AV+/PI+).

2.5.3. Assay of Caspase Activities. Caspase-3 and caspase-9
activities were measured in the cell lysate using detection kits
as per the vendor’s protocol. The assay is based on spectro-
photometric detection of the chromophore p-nitroanilide
(pNA) after cleavage from the labeled substrates, DEVD-
pNA, and LEHD-pNA to measure the activities of caspase-
3 and caspase-9, respectively. The pNA light emission was
then quantified using a microtiter plate reader at 405nm.

2.6. SDS-PAGE and Western Blot Analysis. Proteins from cell
extracts (30μg) from control and STZ-treated cells were sep-
arated electrophoretically on 12% SDS-PAGE [24] and trans-
ferred on to nitrocellulose paper by Western blotting [25].
Transferred proteins were probed with primary antibodies
against caspase-3, PARP, Akt, p-Akt, NOS-2, Nrf2, Bax,
Bcl-2, and GLUT 2. Immunoreactive bands were visualized
using the appropriate conjugated secondary antibodies.
Equal loading of protein was confirmed using beta-actin as
the loading control. After the development of the blots, the
bands were visualized and further densitometric analysis
was performed using the Typhoon FLA 9500 system (GE
Healthcare, Uppsala, Sweden) and expressed as relative ratios
normalized against actin or other proteins as appropriate.

2.7. Measurement of CYP 450-Dependent Enzyme Activities.
CYP1A1 and CYP1A2 activities in the microsomal fraction
from treated and untreated control cells were measured spec-
trofluorometrically using 7-ethoxyresorufin and methoxyre-
sorufin, respectively, as substrates [26, 27] by standard
methods as described before [28–30].

2.8. Measurement of GSH Metabolism. Rin-5Fcells were
treated with different doses of STZ for different time intervals
as mentioned above. GSH/GGSG ratios and activities of
GSH-Px and glutathione S-transferase (GST) were measured
in the STZ-treated and STZ-untreated control cell extracts.
GSH/GGSG ratios were measured using the GSH/GGSG-
Glo kit as per the vendor’s protocol. Briefly, STZ-treated
and STZ-untreated control cells were lysed with either total
or oxidized glutathione reagent. For the oxidized glutathione
measurement, the total GSH was blocked using NEM reagent
and the oxidized glutathione was reduced. The total reduced
glutathione then converts a specific probe, luciferin-NT to
luciferin in the presence of a GST enzyme coupled to firefly

luciferase. The luciferin formed gives a luminescent signal,
which is proportional to the amount of GSH. The total gluta-
thione and oxidized glutathione are then measured from the
standard curve, and the GSH/GSSG ratios calculated. GST
activity using CDNB [31] and GSH-Px activity using cumene
hydroperoxide [32] as substrates were measured by standard
protocols as described before [33–36].

2.9. Measurement of Activities of Mitochondrial Respiratory
Enzyme Complexes and ATP Content. Cell extracts (5μg pro-
tein) from STZ-treated and STZ-untreated control Rin-5F
cells were suspended in 1.0mL of 20mM KPi buffer,
pH7.4, in the presence of the detergent, lauryl maltoside
(0.2%). NADH ubiquinone oxidoreductase (complex I),
succinate-cytochrome c reductase (complex II/III), and cyto-
chrome c oxidase (complex IV) were measured using the sub-
strates coenzyme Q2, succinate-cytochrome c, and reduced
cytochrome c, respectively, by the methods of Birch-Machin
and Turnbull [37] as described before [35, 36]. The ATP con-
tent in control and STZ-treated cells was determined using
the ATP bioluminescent cell assay kit according to the man-
ufacturer’s suggestion (Sigma-Aldrich, St Louis, MO), and
samples were read using the TD-20/20 luminometer (Turner
Designs, Sunnyvale, CA).

2.10. Statistical Analysis. Values shown are expressed as
mean± SEM of three individual experiments. Statistical
significance of the data was assessed using SPSS software
(version 23) by analysis of variance followed by Dunnett’s
post hoc analysis. P values ≤ 0.05 were considered statisti-
cally significant.

3. Results

3.1. Effect of STZ on Rin-5F Cell Morphology and Viability. A
decrease in mitochondrial dehydrogenase-based cell survival
was observed only with higher concentrations of STZ after 2–
12 h (Figure 1(a)). Significant alterations in cell viability were
observed even at low concentration after 24–48 h treatments.
The maximum inhibition (60–70%) was observed in cells
treated with 10mM STZ for 24 h and 48h. Since significant
alterations in cell viability were observed at 24h and 48 h,
with minimal toxicity using 1mM STZ and maximal toxicity
using 10mM STZ, these two time points and concentrations
were used in our further studies to elucidate the mechanism
of STZ toxicity.

Figure 1(b) shows the morphology of control untreated
Rin-5F cells as well as cells treated with different doses of
STZ at different time intervals. As seen in the figure, after
STZ treatment, the normal flattened cells tend to round off,
losing their normal morphology. When the cells were treated
with 10mM STZ for 48 h, the rounded cells started detaching
from the plate, indicating increased cell death.

3.2. Effect of STZ on Oxidative Stress. Increased ROS pro-
duction in Rin-5F cells treated with different doses of STZ
at different time intervals was captured microscopically using
the probe, DCFDA, which measures the overall ROS produc-
tion. Maximum fluorescence was observed with 10mM STZ
at 24 h and 48 h (Figure 2(a)). A time- and dose-dependent
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increase in intracellular ROS production was also measured
fluorometrically as shown in Figure 2(b). Significant
increases in ROS production were observed, with a marked
increase (2-fold and 3-fold) observed with 10mM STZ at
24 h and 48 h, respectively.

NO production was significantly increased (25–40%) in
Rin-5F cells treated with 10mM STZ for 24 or 48 h
(Figure 3(a)) whereas a marginal increase was observed with
1mM STZ treatment after 48 h.

In parallel to ROS production, LPO was significantly
increased in a dose- and time-dependent manner after
treatment with STZ (Figure 3(b)). Treatment with 10mM
STZ for 48h had markedly increased the production of
malondialdehyde (MDA). These results clearly indicate the
increased oxidative stress in Rin-5Fcells treated with STZ.

3.3. Effects of STZ on Cell Survival and Apoptosis. STZ
induced time- and dose-dependent apoptosis in Rin-5F cells
as detected by an increase in nuclear condensation was
observed by Hoechst staining (Figure 4).

Figure 5(a) shows a significant increase in the percentage
of cells undergoing early/late apoptosis by increasing the
time and dose of STZ treatment. Treatment of Rin-5F cells
with 1mM STZ for 24 h caused 12% of cells to go into late
apoptosis, which further increased to 22% at 10mM STZ.
Moreover, increasing the time of STZ treatment caused a
further increase in the late apoptotic cells (almost 20% to
36% at 1mM and 10mM, respectively). The histogram in
Figure 5(a) represents the percentage of total apoptotic cells
after treatment with STZ at different concentrations and time
intervals. This increase in apoptosis was also confirmed by
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Figure 1: MTT cell viability assay and morphology of cells after STZ treatment. Rin-5F cells (~2× 104) were grown in 96-well plates for 24 h
and treated with different concentrations (0–10mM) of STZ for different time intervals. The formazan crystals formed, following the
reduction of MTT by metabolically active (viable) cells, were solubilized in acidified isopropanol and quantitated using the ELISA reader
at 550 nm (a). Results are expressed as mean± SEM for three experiments. Asterisks indicate significant difference (∗p ≤ 0 05, ∗∗p ≤ 0 005)
relative to the untreated control cells. The morphological integrity of the STZ-treated and STZ-untreated control cells was also checked
and photographed (20x) under a light microscope (b).
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Figure 2: ROS production in STZ-induced cells. Intracellular production of reactive oxygen species was measured in control untreated and
STZ-treated Rin-5F cells with different concentrations (0–10mM) for different time intervals, using the cell permeable probe, DCFDA. Cells
(~1× 105 cells/mL) were grown on cover slips and incubated with 5μM DCFDA for 30min at 37°C. Cells were washed twice with PBS, and
fluorescence was immediately visualized using an Olympus fluorescence microscope. Representative slides from untreated control and STZ-
treated cells from three experiments are shown (a). Original magnification ×200. Production of reactive oxygen species was also measured
fluorimetrically in control untreated and STZ-treated cells (b). Results are expressed as mean± SEM of three experiments. Asterisks
indicate significant difference (∗p ≤ 0 05, ∗∗p ≤ 0 005) relative to the untreated control cells.
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Figure 3: NO production and lipid peroxidation in STZ-induced cells. NO production was determined by measuring the concentration of
total nitrite in the culture supernatants (a) with Griess reagent (R&D Systems Inc.). Lipid peroxidation (LPO) in the control and STZ-
treated cells was measured as total amount of malondialdehyde (b) as per the vendor’s protocol (Oxis Research Inc.). Results are expressed
as mean± SEM of three experiments. Asterisks indicate significant difference (∗p ≤ 0 05, ∗∗p ≤ 0 005) relative to the untreated control cells.
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increased activities of caspase isoenzymes (3 and 9)
(Figure 5(b)). The activity of intrinsic apoptotic enzyme
caspase-9 significantly increased with increasing time and
dose of STZ treatment. However, the activities of terminal
apoptotic enzyme caspase-3 showed significant increase after
treatment with 10mM STZ at 24h and 48 h.

3.4. Effect of STZ on the Expression of Apoptotic Marker
Proteins. Figure 6(a) shows alterations in the expression
of oxidative stress marker proteins, NOS-2 and Nrf2. In
increased phosphorylation of the cell signaling kinase,
Akt was observed at high doses of STZ. A mild increase
in GLUT 2 expression was observed suggesting increased
STZ/glucose uptake through this mechanism. Figure 6(b)
shows a marked cleavage of apoptotic marker protein, cas-
pase-3, as well as PARP and alterations in the expression of
intrinsic mitochondrial-specific proteins like Bcl-2 and Bax
which were also observed at high doses. All of these results
confirm the increased oxidative stress observed in these cells
after STZ treatment.

3.5. Effects of STZ on CYP 450 Activities. Isoenzyme-specific
substrates were used to measure the microsomal activities
of CYP1A1 and CYP1A2 in Rin-5F cells treated with
STZ at different doses and time intervals. CYP1A1 activity
showed significant increase with 10mM STZ at 24 h and
48 h (Figure 7(a)) while no significant increase of enzyme
activity was observed with 1mM STZ. CYP1A2 activity,
on the other hand, increased significantly (2-3 fold) at all
doses and time points (Figure 7(b)). These results may
suggest the involvement of CYP1A family of isoenzymes
in STZ metabolism.

3.6. Effects of STZ on the GSH/GSSG Ratio and GSH
Metabolism. Dose- and time-dependent decrease (60–70%)
in the ratio of cellularly reduced GSH and oxidized GSSG

was observed after STZ treatment (Figure 8(a)). However, a
slight recovery in the GSH/GSSG ratio after 48 h of treatment
with lower dose of STZ suggests some delay in recycling of
oxidized GSSG.

GSH-conjugating enzyme, GST, was however signifi-
cantly increased (almost 2 fold) at high doses of STZ
(Figure 8(b)). On the other hand, a marginal increase
was observed with 1mM STZ at 48h. A marked increase
(about 6–8 fold) in GSH-Px activity was also observed when
cells were treated with 10mM STZ both at 24 h and 48 h
(Figure 8(c)). Though statistically not significant, a mar-
ginal increase in enzyme activity was also observed in cells
treated with 1mM STZ for 24 h. These results may suggest
an increased cellular GSH conjugation and detoxification
mechanism as an adaptation towards STZ metabolism
and toxicity.

3.7. Effects of STZ onMitochondrial Respiratory Function and
ATP Production. Figure 9 shows the effects of STZ treatment
on mitochondrial respiratory enzymes and bioenergetics.
Both 1mM and 10mM STZ caused a significant inhibition
(40–50%) in NADH ubiquinone oxidoreductase (complex
I) enzyme activity after 24 h and 48h (Figure 9(a)). The activ-
ity of succinate-cytochrome c reductase (complex II/III) was
also significantly inhibited (40–65%) after 24 h and 48 h, with
both 1mM and 10mM STZ (Figure 9(b)). On the other hand,
the activity of the terminal respiratory enzyme complex IV
was markedly inhibited (6–8 fold) by increasing the dose
and time of STZ treatment (Figure 9(c)). Consistent to the
reduction in mitochondrial respiratory activity, ATP levels
were also markedly decreased by increasing the dose and
the time of STZ treatment (Figure 9(d)).

3.8. The Mechanism of STZ-Induced Cytotoxicity in Rin-5F
Cells. Figure 10 shows a schematic model depicting the
mechanisms of STZ-induced cytotoxicity in Rin-5F cells.

48 h

24 h

Control 10 mM STZ1 mM STZ

50 �휇m

Figure 4: STZ-induced DNA fragmentation. Staining of fragmented nuclei of STZ-treated and STZ-untreated cells was performed by using
Hoechst33342 dye. Cover slips with adherent cells were treated with STZ, fixed with 3.7% formaldehyde, and stained with Hoechst33342
(10 μg/mL) for 20min at room temperature. The cover slips were washed, mounted on glass slides, and analyzed by fluorescence
microscopy. Cells with signs of apoptosis showed fragmented nuclei. Representative slides from three experiments are shown. Original
magnification ×200.
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Figure 5: STZ-induced apoptosis. Apoptosis was measured in Rin-5F cells treated with different doses of STZ at different time intervals by
flow cytometry using FACSDiva software. Representative dot plots are shown, and percentage of apoptotic cells is represented as a histogram
(a). Activity of caspases was measured in cells (b) treated with different doses of STZ at different time intervals colorimetrically using the
respective substrates as described in the vendor’s protocol (R&D Systems Inc.). Results are expressed as mean± SEM of three experiments.
Asterisks indicate significant difference (∗p ≤ 0 05, ∗∗p ≤ 0 001) relative to the untreated control cells.
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Figure 6: Expression of apoptotic protein markers. Total extracts (30 μg protein) from control and Rin-5F cells treated with different doses of
STZ at different time intervals were separated on 12% SDS-PAGE and transferred on to nitrocellulose paper by Western blotting. NOS-2
Nrf2, Akt, p-Akt, and GLUT 2 (a) and caspase-3, PARP, Bax, and Bcl-2 proteins (b) were detected using specific antibodies against these
proteins. Beta-actin was used as a loading control. The quantitation of proteins bands is expressed as relative ratios normalized
against actin or other proteins as appropriate. The figures are representative of three experiments. Asterisks indicate significant
difference (∗p < 0 05, ∗∗p < 0 005) relative to the untreated control cells.
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STZ competes with glucose to enter the cells via GLUT 2
receptors, causing Akt phosphorylation, which in turn,
causes further translocation of the GLUT 2 receptors. STZ-
induced cytotoxicity increased ROS/NOS production, LPO,
and DNA damage and decreased the GSH/GSSG ratio.
Moreover, STZ induced mitochondrial dysfunction through
inhibition of the activities of the mitochondrial respiratory
enzymes, complex I, complex II/III, and complex IV, and
decreased ATP production. STZ treatment induced apopto-
sis by both caspase-dependent pathway through the activa-
tion of caspase-3 and caspase-9 and caspase-independent
pathway by DNA fragmentation and PARP activation.

4. Discussion

Pancreatic β-cell cytotoxicity has been observed even at
therapeutic doses (up to 15mM) of STZ when used as an

antineoplastic drug for different types of cancer, and this level
of STZ induces apoptosis in pancreatic β-cells [10, 15, 38, 39].
Recent studies have shown that STZ is also toxic to neuroen-
docrine cells of the gut [40] as well as other GLUT 2-
expressing organs such as the kidneys, liver, and brain [41].
It has been reported that single intracerebroventricular STZ
injection chronically decreases glucose uptake and produces
effects that resemble features of Alzheimer’s disease [41].
Since the cellular uptake of STZ competes with glucose
uptake and is considered to be dependent upon the specific
expression of selective Glut transporters [9, 42], the differen-
tial cytotoxicity by STZ in different cellular systems may be
associated with the selective uptake of STZ, its metabolic acti-
vation, and detoxification in specific cell types as well as on
the redox homeostasis and mitochondrial bioenergetics in
these cells [14, 43]. We have previously demonstrated that
STZ induces oxidative stress and mitochondrial respiratory
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Figure 7: STZ-induced alterations in CYP activities. CYP 1A1 and CYP 1A2 activities were measured in Rin-5F cells treated with different
doses of STZ at different time intervals using the respective substrates as described in the Materials and Methods. Results are expressed as
mean± SEM of three experiments. Asterisks indicate significant difference (∗p ≤ 0 05, ∗∗p ≤ 0 001) relative to the untreated control cells.
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dysfunction not only in the pancreas but also in the liver,
kidney, and other organs [20, 44]. We have also shown that
offspring born to STZ-treated diabetic mother rats also exhib-
ited oxidative stress-associated complications in different
organs [19]. We have previously reported STZ-induced apo-
ptotic cell death, oxidative stress, andmitochondrial dysfunc-
tion in HepG2 cells [18]. Oxidative/nitrosative stress and
alterations in mitochondrial function and NF-kB-dependent
apoptosis were also reported when HepG2 cells were treated
with STZ [18]. Our present study has been further extended
to elucidate the mechanism of STZ-induced oxidative stress,
alterations in respiratory function, and identification of apo-
ptotic markers in Rin-5F cells treated at different doses and
time points. The selection of time points and doses of STZ
was based on the alterations in cell viability and morphology
(as shown in Figures 1(a) and 1(b)) and also based on our pre-
vious studies on HepG2 cells where treatment at lower doses
for short time periods had minimum effects on cell viability
[18]. Our present results on STZ-treated Rin-5F cells have
clearly indicated the increase in ROS/RNS production,
increased lipid peroxidation, increased expression of oxida-
tive stress marker protein NOS-2, inhibition in GSH synthe-
sis, and alteration in GSH metabolism by GST and GSH–
Px. Increased activities of GST and GSH-Px suggest that
STZ-induced oxidative stress triggers the activation of

antioxidant defensive mechanism to protect the beta-cell
death. We also observed marked activation of CYP1A2 activ-
ity and moderate activation of CYP1A1 activity in STZ-
treated Rin-5F cells, probably suggesting the metabolism of
STZ by the arylhydrocarbon receptor- (Ahr-) activated
CYP1 enzymes. We have previously reported increased
expression of CYP isoenzymes in STZ-treated type 1 and type
2 diabetic models [19, 36, 45, 46]. However, decreased expres-
sion of the antioxidant responsive protein, Nrf2, was
observed after STZ treatment, which decreased drastically
after 48 h. Pancreatic cells contain very low levels of antioxi-
dant enzymes; thus, these cells are particularly sensitive to
oxidative stress [47]. Nrf2 is considered a master regulator
of the antioxidant response, and decreased expression of
Nrf2 by STZ has been shown by various researchers
[48, 49]. The reason for this loss of Nrf2 expression in pan-
creatic cells could be due to the STZ-induced increased intra-
cellular ROS and oxidized-to-reduced GSH ratio which has
been reported in this study as well as by other researchers.
Glutathione transferase (GST) is a detoxifying enzyme that
plays a protective role against oxidative stress. The induction
of this family of enzymes is thought to be an adaptive
response to chemical toxicity and oxidative stress within
cells. In addition to Nrf2, GST induction is under the regula-
tion of the “AhR gene battery” as well as other transcription
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Figure 8: STZ-induced alterations in GSH metabolism. Rin-5F cells were treated with different doses of STZ for different time intervals.
GSH/GSSG ratio (a), GST (b), and GSH-Px (c) were measured. Results are expressed as mean± SEM of three experiments. Asterisks indicate
significant difference (∗p ≤ 0 05, ∗∗p ≤ 0 005) relative to the untreated control cells.
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factors which are activated during chemical detoxification
and oxidative stress with increased ROS production. Reports
also suggest that the induction of AhR-regulated enzymes,
CYP1A1 and 1A2, by xenobiotics also induces various forms
of GSTs for their metabolic detoxifications [50–52]. Our
present study also demonstrates that the activities of both
CYP1A1/1A2 and GST enzymes have been activated after
STZ treatment in Rin-5F cells, suggesting the involvement
of AhR-dependent activation of CYP1A1/1A2 and GSTs. It
has been shown that Nrf2 protein upregulates the antiapop-
totic protein, Bcl-2, along with a battery of other cytoprotec-
tive proteins and enzymes and prevents cellular apoptosis
[53]. In our study, we observed a dose-dependent decrease
in Bcl-2 expression with a concomitant increase in proapop-
totic protein, Bax, and increased cleavage of caspase-3. This
could be due to the reduced expression of Nrf2 protein. A
dose-dependent increase in PARP cleavage was also
observed, which supported our observation on fragmenta-
tion of DNA at high doses.

Like HepG2 cells [18], the STZ-treated Rin-5F cells also
exhibited mitochondrial dysfunction followed by apoptosis.
Activities of mitochondrial respiratory enzymes complex I,
complex II/III, and complex IV were significantly inhibited,
though the inhibition of complex IV was more pronounced

than those of the other complexes, as some recovery in the
enzyme activity was seen when cells were treated with
1mM STZ for 48h. As expected under these conditions,
ATP level was also reduced in STZ-treated cells in a dose-
and time-dependent manner. Increased oxidative stress and
mitochondrial dysfunction resulted in increased apoptosis
in STZ-treated Rin-5F cells. More apoptotic cell death was
observed with high concentration of STZ (10mM) for longer
duration (48 h) compared to 1mM STZ for 24 h (Figures 4
and 5). DNA fragmentation and activation of caspase-3 and
caspase-9 confirmed the increased apoptosis after STZ treat-
ment. Thus, the decrease in mitochondrial ATP synthesis
and inhibition of respiratory enzymes, increased ROS/RNS
production, lipid peroxidation and DNA fragmentation,
and increased apoptosis have further confirmed and sup-
ported our previous studies as well as numerous other reports
on the mechanism of STZ-induced cytotoxicity, in various
in vivo and in vitro models, particularly in insulin-secreting
pancreatic Rin-5F cells [14, 18, 19, 54–56]. Furthermore,
our present study has also identified the increased expression
of molecular oxidative stress and apoptotic marker such as
NOS-2, as well as cleavage of caspase-3 and PARP in STZ-
treated Rin-5F cells. In addition, our study also showed that
STZ increases the phosphorylation of prosurvival protein,
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Figure 9: STZ-induced alterations in mitochondrial enzyme activity. Rin-5F cells were treated with different doses of STZ for different time
intervals. Respiratory complex I (a) complex II/II (b), and complex IV (c) were measured using their respective substrates as described in the
Materials and Methods. ATP content (d) was measured using the ATP bioluminescent somatic cell assay kit. Results are expressed as mean
± SEM of three experiments. Asterisks indicate significant difference (∗p ≤ 0 05, ∗∗p ≤ 0 001) relative to the untreated control cells.
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Akt, suggesting a role in altering insulin signaling and GLUT
expression. It is possible that STZ stimulates Akt phosphory-
lation in Rin-5F cells to increase GLUT 2 transport to the
membrane for the transport of STZ itself and to protect the
cells from further oxidative/metabolic insult. Some studies
have reported a corelation between Akt phosphorylation
and GLUT 2 expression and translocation. Their reports
suggest that expression and membrane translocation of
GLUT 2 are substantially reduced in Akt knockout mice
[57]. Our study has also confirmed increased GLUT 2 expres-
sion with increased Akt phosphorylation at high doses of
STZ treatment.

Our results also support the observation reported that
STZ induces cell resistance in β-cells towards its own toxicity.
One explanation for this could be that, in addition to the
other mechanisms as reported, the STZ-treated cell might
be activating the prosurvival signals (e.g., Akt, as observed
in this study) and increasing GLUT 2 levels, thus modulating
glucose metabolism and uptake. Another reason could be the
increased GST/GSH-Px-dependent detoxification processes
in β-cells in order to defend cells from the deleterious effects

of STZ and ROS [58, 59]. The altered expression of redox-
sensitive protein, Nrf2, could also be a line of defense to pro-
tect the cells from the cytotoxic effects of STZ. A recent study
has shown that cellular GST acts as a reservoir for NO and
thus scavenges NO and detoxifies ROS [60] via GSH conju-
gation. This along with the increased GST/GSH-Px-depen-
dent efflux/detoxification of STZ could render increased
resistance to the cells against ROS/NO cytotoxicity.

5. Conclusion

In summary, here we provide additional evidence and
have confirmed that the mechanism of STZ-induced cyto-
toxicity and apoptosis in Rin-5F cells is mediated by
increased oxidative/nitrosative stress, mitochondrial dys-
function, and alterations in cell signaling. In addition,
our results also suggest that STZ-treated Rin-5F cells also
induces some cellular protection pathways as indicated
by altered cell signaling and detoxification mechanisms
which might be associated with the development of
cellular resistance towards STZ. These results may be
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significant in better understanding the etiological mecha-
nisms involved in STZ-induced toxicity/resistance in pan-
creatic as well as in other cellular systems.
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electrophoresis.
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Vertebrate respiratory chain complex III consists of eleven subunits. Mutations in five subunits either mitochondrial (MT-CYB) or
nuclear (CYC1, UQCRC2, UQCRB, and UQCRQ) encoded have been reported. Defects in five further factors for assembly
(TTC19, UQCC2, and UQCC3) or iron-sulphur cluster loading (BCS1L and LYRM7) cause complex III deficiency. Here, we
report a second patient with UQCC2 deficiency. This girl was born prematurely; pregnancy was complicated by intrauterine
growth retardation and oligohydramnios. She presented with respiratory distress syndrome, developed epileptic seizures
progressing to status epilepticus, and died at day 33. She had profound lactic acidosis and elevated urinary pyruvate. Exome
sequencing revealed two homozygous missense variants in UQCC2, leading to a severe reduction of UQCC2 protein. Deficiency
of complexes I and III was found enzymatically and on the protein level. A review of the literature on genetically distinct
complex III defects revealed that, except TTC19 deficiency, the biochemical pattern was very often a combined respiratory chain
deficiency. Besides complex III, typically, complex I was decreased, in some cases complex IV. In accordance with previous
observations, the presence of assembled complex III is required for the stability or assembly of complexes I and IV, which might
be related to respirasome/supercomplex formation.
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1. Introduction

Vertebrate complex III (coenzyme Q:cytochrome c oxidore-
ductase) consists of 11 subunits. Mutations in five subunits
(MT-CYB, CYC1, UQCRC2, UQCRB, and UQCRQ), three
factors for protein complex assembly (TTC19, UQCC2, and
UQCC3), and two factors (BCS1L and LYRM7) involved in
loading of the [2Fe-2S] iron sulphur cofactor on the Rieske
protein of complex III were described [1–10]. MT-CYB is a
mitochondrial gene-encoding cytochrome b. Complex III
transports electrons from ubiquinol to cytochrome c. Cyto-
chrome c1, cytochrome b, and the Rieske protein represent
the redox center. The heme group from cytochrome c1 is
located in the intermembrane space, where it accepts
electrons from the Rieske protein. Complex III is associated
with complexes I and IV to form the respirasome. UQCC2
is required for complex III assembly. The protein can affect
insulin secretion, mitochondrial ATP production, and
myogenesis via modulation of the respiratory chain activity
[11]. UQCC2 interacts with UQCC1 to mediate cytochrome
b expression and subsequent complex III assembly [7].
UQCC1 and 2 might specifically bind to newly synthesized
cytochrome b at the nucleotide where they are stabilized
[7, 12]. UQCC2 is mainly expressed in the brain, kidney,
heart, and skeletal muscle [12].

The majority of complex I is found bound with a complex
III dimer and complex IV (CI, CIII2, and CIV) termed
respirasome or with a complex III dimer alone (CI, CIII2).
In addition, CIII dimers can form a complex with CIV (CIII2-
CIV) independent of complex I. Very recently, the structure of
respiratory chain supercomplexes revealed several interaction
sites between complexes III, I, and IV. In total, nine interaction
sites between supercomplexes were described [13].

All complex III deficiencies show an autosomal recessive
mode of inheritance with the exception of cytochrome b
defects that either show maternal inheritance or occur spon-
taneously, since this subunit is encoded by the mitochondrial
genome (mtDNA). Heterogeneous clinical phenotypes have
been described in relation to respiratory chain complex
III deficiency.

Here, we report on a second patient with mutations in
the complex III assembly factor UQCC2 who showed
pronounced deficiency of complexes I and III. Further-
more, we give an overview on the biochemical findings
in patients with mutations in distinct complex III subunits
or assembly factors.

2. Material and Methods

2.1. Ethics. The study was performed according to the
Austrian Gene Technology Act. Experiments were conducted
in accordance with the Helsinki Declaration of 1975 (revised
1983) and the guidelines of the Salzburg State Ethics
Research Committee (ethical agreement: AZ 209-11-E1/
823-2006), being no clinical drug trial or epidemiological
investigation. All clinical data and samples were obtained
with written informed consent of the patients’ parents. The
ethical committee of the Technische Universität München
approved the exome sequencing studies.

2.2. Exome Sequencing. Exome sequencing was performed
from peripheral-blood DNA samples as reported previously
[14]. In brief, coding regions were enriched using a SureSelect
Human All Exon V5 kit (Agilent) followed by sequencing as
100 base-pairs paired-end runs on an Illumina HiSeq2500.
Reads were aligned to the human reference genome (UCSC
Genome Browser build hg19) using Burrows-Wheeler
Aligner (v.0.7.5a) [15]. Single-nucleotide variants and
small insertions and deletions (indels) were detected with
SAMtools (version 0.1.19) [16].

Confirmation was performed by Sanger sequencing using
the following forward 5′-CTCCCGCTCCACTCCTAAG-3′
and reverse 5′-GTCCTTTCCTCCCCTCGTC-3′primers.

2.3. Enzyme Activity of the OXPHOS Complexes. Spectro-
photometric measurement of OXPHOS enzyme and citrate
synthase activity was performed as previously described
[17, 18]. Muscle tissue (20–100mg) was homogenized in
extraction buffer (250mM sucrose, 40mM KCl, 2mM
EGTA, 20mM Tris-HCl, pH 7.6). The postnuclear super-
natant (600×g homogenate) containing the mitochondrial
fraction was used for measurement of enzyme activities
and Western blot analysis.

2.4. Western Blot Analysis on SDS-PAGE. 600g homogenates
were separated on acrylamide/bisacrylamide gels and
transferred to nitrocellulose membranes. Immunological
detection of proteins was carried out as described previously
[17]. The following primary antibodies were used: polyclonal
rabbit anti-UQCC2 (Proteintech, 1 : 1000, overnight 4°C),
monoclonal mouse anti-NDUFS4 (Abcam, 1 : 1000, 1 h RT),
monoclonal mouse anti-UQCRC2 (Abcam, 1 : 1500, 1h RT),
polyclonal rabbit anti-COX2 (Abcam, 1 : 1000, overnight
4°C), monoclonal mouse anti-porin 31HL (Abcam, 1 : 1000,
1 h RT), and polyclonal rabbit anti-GAPDH (Trevigen,
1 : 5000, 1 h RT). GAPDH was used as a loading control.

2.5. Blue Native-PAGE (Lauryl Maltoside Solubilization). For
blue-native gel electrophoresis, 600×g supernatants of mus-
cle tissue or isolated mitochondria from fibroblasts were
used. Solubilized mitochondrial membranes were prepared
from isolated fibroblast mitochondria as described previously
[19]. Briefly, fibroblast mitochondria or 600g supernatants
were sedimented by centrifugation at 13,000g for 15min.
Samples were solubilized with 1.5% lauryl maltoside for
15min and centrifuged for 20min at 13,000g. Samples were
loaded on a 5% to 13% polyacrylamide gradient gel and
separated electrophoretically. For immunoblot analysis,
preparations were separated by BN-PAGE (5–13%) and blot-
ted onto polyvinylidene difluoride membrane (Hybond-P,
GE Healthcare) using a CAPS buffer (10mmol/l 3-cyclohex-
ylamino-1-propane sulfonic acid pH 11, 10% methanol). The
membrane was washed in 100% methanol for 2min and
blocked for 30min at room temperature in 1% blocking solu-
tion (Roche) dissolved in TBS-T. The primary antibodies,
diluted in 1% blocking solution-TBS-T, were added 1h at
room temperature. The following primary antibody dilutions
were used: complex I subunit NDUFS4 monoclonal antibody
(1 : 1000; Abcam), complex III subunit core 2 monoclonal
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antibody (1 : 1500; Abcam), and complex V subunit αmono-
clonal antibody (1 : 1000; Abcam). After extensive washing,
blots were incubated for 1 h at RT with secondary mouse
antibody (1 : 100; DAKO polymer Envision Staining Kit).
Detection was carried out with Lumi-LightPLUS POD
substrate (Roche).

2.6. Blue Native-PAGE (Digitonin Solubilization). Gel
electrophoresis was performed as previously described [20].
The blotting procedure is described in Section 2.5. The
following primary antibody dilutions were used: complex
I subunit NDUFS4 monoclonal antibody (1 : 1000; Abcam),
complex V subunit αmonoclonal antibody (1 : 1000; Abcam),
complex III subunit Core 2 monoclonal antibody (1 : 1500;
Abcam), complex IV subunit 2 polyclonal antibody
(1 : 1000; Abcam), and complex II subunit SDHA monoclonal
antibody (1 : 30,000; Abcam). The PVDF membrane was
incubated with COX2 and NDUFS4 antibodies overnight at
4°C. Incubation with all other primary antibodies was
performed for 1h at RT.

2.7. Immunofluorescence Staining. Fibroblasts were grown on
chamber slides. Cells were allowed to attach for 24 hours. At
the next day, the medium was removed, and chamber slides
were twice washed with PBS pH 7.4 and fixated in formalin
overnight at 4°C. After washing cells three times 3min with
PBS-T (pH 7.5; 0.05% Tween-20), heat-induced epitope
retrieval was done in 1mM EDTA, 0.01% Tween-20, pH 8
at 95°C for 45min. The solution was allowed to cool down
to room temperature and chamber slides were washed with
PBS-T. The chamber slides were incubated 1 h at RT with
primary antibodies against rabbit-polyclonal porin 31HL
(1 : 400), mouse-monoclonal NDUFS4 (1 : 100), and mouse-
monoclonal UQCRC2 (1 : 400). 1st antibodies were diluted
in DAKO antibody diluent with background-reducing com-
ponents. After washing with PBS-T, cells were incubated
1 h at RT in dark with secondary antibodies (Alexa Fluor
594 donkey anti-rabbit antibody, 1 : 500 and Alexa Fluor
488 donkey anti-mouse IgG (H+L), 1 : 1000). After washing
the chamber slides with PBS-T, they were incubated with
DAPI diluted 1 : 2000 in PBS-T for 10min. Chamber slides
were mounted in fluorescence mounting media from DAKO.

3. Results

3.1. Clinical Report. The girl is the first child of healthy
consanguineous Turkish parents (first-degree cousins).
Pregnancy was complicated by intrauterine growth restric-
tion (IUGR), oligohydramnios, and breech presentation.
She was born at 32 weeks of gestation by Caesarean section,
body weight: 1430 g (<25th centile), body length: 42 cm
(3rd centile), and head circumference: 30.7 cm (10th centile).
APGAR scores were 8/9/9 after 1/5/10 minutes, and umbili-
cal artery pH was 7.34.

She suffered from respiratory distress syndrome (IRDS)
grades III-IV and required CPAP-ventilation followed by
endotracheal intubation and mechanical ventilation at the
age of three hours. Within the first 4 days of life, she required
4 times surfactant (Curosurf©) replacement therapy. At day

14, she presented with pulmonary haemorrhage and the first
epileptic seizures which progressed into a status epilepticus.
Despite total parenteral nutrition (oral feedings caused
recurrent vomiting), weight gain remained poor. She had
no obvious dysmorphic features, physical examination was
unremarkable, and neurological examination was influenced
by sedation and analgesia during continuous mechanical
ventilation, but showed a generally low muscle tone.
Ophthalmological investigation was normal, a hearing test
was not performed, and echocardiography and ECG revealed
normal results. The EEG showed low-voltage activity. Repet-
itive cranial ultrasound examinations showed periventricular
echodensities, a noncalcifying vasculopathy in the basal gan-
glia region, and signs of general hypoxemic encephalopathy.
She died due to respiratory failure on day 33.

3.2. Laboratory Findings. A profound and recurrent lactic
acidosis (max. 20mmol/l, ref. <2.4mmol/l) was evident
starting at the age of 4 hours and lasting until her death.
Extended newborn screening was unremarkable. Blood
counts, C-reactive protein, interleukin-6, procalcitonin, and
liver enzymes were repetitively within normal limits, creatinine
(1.49mg/dl) was slightly elevated (ref. 0.90–1.40mg/dl), urea
was normal (39mg/dl), and coagulation analysis was within
normal limits. High pyruvate excretion was noted. The
karyotyping (46 XX) was unremarkable. SNP analysis con-
firmed consanguinity of the patients’ parents and revealed
a large homozygosity-by-descent (HBD) region of about
54Mb including almost the entire p-arm of chromosome
6; this area contains 690 genes, including UQCC2 as
potential disease-causing gene.

3.3. Exome Sequencing. Sequencing revealed two homozygous
missense mutations c.[23G>C;28C>T];[23G>C;28C>T] and
p.[Arg8Pro;Leu10Phe];[Arg8Pro;Leu10Phe] in the ubiquinol-
cytochrome c reductase complex assembly factor 2, encoded
by UQCC2, GenBank accession NM_032340.3 (Figure 1).
Both mutations affect phylogenetically conserved amino acids
and were predicted to be of pathogenic relevance by all
used prediction programs (Polyphen-2, SIFT, Provean,
MutationTaster, CADD; Supplemental Table 1 available
online at https://doi.org/10.1155/2017/7202589). Both vari-
ants seem to be very rare since they are neither found in
1000 Genome nor in the ExAC databases. These variants
were confirmed by the Sanger sequencing; the mother is a
heterozygous carrier (Figure 1(b)).

3.4. Enzymatic Measurements. Spectrophotometric mea-
surement revealed a combined reduction of complex III
(111mUnits/mg protein; normal range: 230–486) and com-
plex I (9mUnits/mg protein; normal range: 30–84) in the
muscle (Table 1). No reduction of respiratory chain enzymes
was obvious in patient fibroblasts (Table 1) suggesting some
tissue specificity of the UQCC2 defect.

3.5. Western Blot Analysis. Almost complete loss of UQCC2
protein was present in the muscle and fibroblasts of the
affected individual (Figure 2(a)). A severe reduction of com-
plex III and complex I in the muscle and fibroblasts was also
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confirmed by the immunoblot analyzed (Figures 2(a) and
2(b)). Complex IV was not affected (Figure 2(b)).

3.6. Immunofluorescence Staining. A reduction of protein
amount of both complex III and complex I was present
in patient fibroblasts as found by immunohistochemical
staining (Figure 2(c)).

3.7. Blue-Native Gel Electrophoresis. A decreased amount of
assembled complexes III and I was present in the muscle

(Figure 3(a)). In fibroblasts, complex III was decreased as
well, whereas normal amounts of complex I were detected
(Figure 3(d)). Loss of complex III and supercomplexes con-
taining complex III was observed in digitonin solubilized
muscle of the UQCC2 patient as shown by Western blot
analysis with an AB raised against the core 2 subunit of com-
plex III and staining with Serva Blue G (Figure 3(g)). A
reduction was also present in a patient with a pathogenic
NDUFS4 mutation. No significant reduction was present in
the muscle of a patient carrying a pathogenic SURF1

Patient P F

Homo_sapiens MAASRYRRFLKLCEEWPVDETKRGRDLGAYLRQRVAQAFREGE 43

Mus_musculus MAALRYRRFLKLCEEWPVDETKRGRDLGAYLRQRVAQAFREGE 43

Danio_rerio MSATRYRRFLKLCEEWPKDESKKGRDLGTFLRQRVASAFREGE 43

Xenopus_laevis MASLRYRRFLKLCEEWPVDETRVGRDLGAYIRQRVAQSFREGE 43

Aplysia_californica MASTRYRNFLRLCEKWPVDPSRGTRDLGLLIRKRVGEAFSKGD 43

Drosophila_ananassae -MSALYQRFLKVLEKWPADKSKAGRDLGEQIRKQVTKLTSLKG 42

Trichoplax_adhaerens MSAKLLRKFNQIMQQWPIDKTKPGRDLAVVLRDRIGQDLQNDK 43

Nematostella_vectensis LAPKLFQRFLQVCEQWPVDKSRVGRDLGAHIKENFGAHLKENK 50

. :⁎⁎⁎: :⁎::: .⁎ : : ⁎⁎ . : . . .

(a)

Patient

Mother

Patient

Mother

Forward Reverse

Arg Tyr Arg Arg Phe
PhePro
Leu Lys Leu

(b)

Figure 1: Conservation of affected amino acid residues and enzymatic activities of respiratory chain complexes in the muscle and fibroblasts.
(a) Phylogenetic conservation of UQCC2. The two homozygous missense mutation affect highly conserved amino acid residues: c.[23G>C;
28C>T]; [23G>C; 28C>T], (p.[Arg8Pro; Leu10Phe]; [Arg8Pro; Leu10Phe]), and reference sequence GenBank NM_032340.3. (b) UQCC2-
sequencing chromatograms of the patient and mother.

Table 1: Enzymatic activity of the OXPHOS complexes in muscle and fibroblasts.

Muscle Fibroblasts
Mean M1 M2 Control range Patient Control range

Citrate synthase 140 140 139 (166–311) 210 (225–459)

Complex I 9 10 8 (30–84) 20 (18–53)

Complex I + III 30 30 30 (27–58) 152 (73–220)

Complex II 38 40 36 (53–102) 74 (64–124)

Complex II + III 34 31 36 (41–84) 125 (79–219)

Complex III 111 108 115 (230–486) 555 (208–648)

Complex IV 233 229 237 (205–739) 380 (175–403)

Complex V 79 72 85 (78–178) 92 (43–190)

Values are given in mUnits/mg protein. M1 and M2: values of two measurements.
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mutation. To further underline the findings, theWestern blot
was also analyzed with antibodies against NDUFS4 and
COX2. A reduction of complex I containing supercomplexes
was observed in muscle homogenates of the UQCC2-
deficient patient and also in patients with loss of function
mutations in either NDUFS4 or SURF1 (Figure 3(g)) shown
with an antibody against NDUFS4. No signal was present at
the size of the supercomplexes for COX2 in the muscle of all
patients compared to healthy controls. Normal amounts of
monomeric complex IV were present in UQCC2 and
NDUFS4 muscle, whereas a severe reduction was found in
the SURF1 patient. No differences were present regarding
complexes V and II between patients and controls.

4. Discussion

Here, we report on a second patient with mutations in
UQCC2, an assembly factor of complex III. The clinical phe-
notype in our patient is difficult to interpret as many findings

seem to be related to the prematurity (IRDS with respiratory
problems and periventricular echodensities on brain ultra-
sound). However, as she was born at a gestational age of 32
weeks, the clinical course was clearly more severe than
expected usually for preterm infants at this week of gestation:
key features represented the recurrent neonatal seizures and
severe lactic acidosis. These findings might indicate that the
severe course of the disease was due to the underlying mito-
chondrial disorder. Further speculation about a distinctive
clinical pattern is impossible due to mechanical ventilation
throughout her life and the influence of sedation and analge-
sia. Interestingly, clinical information on the first reported
patient was also limited [7]. It might be worth mentioning
that IUGR was found in our patient and also in the other
UQCC2 patient, while this has not been reported for other
complex III-related genetic disorders.

In general, the clinical course in relation with respiratory
chain complex III deficiency is heterogenous [21]. Given the
small number of patients reported, it might be even broader

UQCC2

C1 C1C2 C2P P C3 C3C4 C4P P

Muscle Fibroblasts

VDAC1

Core 2

NDUFS4

VDAC1

C5 C6 P P
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(a)

C7 C8 P
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(b)
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Control Patient

A B

C D

(c)

Figure 2: SDS Western blot analysis of muscle and immunofluorescence staining of the OXPHOS complexes of fibroblasts. (a) SDS Western
blot analysis of UQCC2, Core 2, NDUFS4, and VDAC1 of muscle 600 g supernatant and isolated fibroblast mitochondria. Two different
amounts of mitochondrial proteins were loaded of controls and patient muscle/fibroblasts. (b) SDS Western blot analysis of the OXPHOS
complexes of muscle 600 g supernatant of the OXPHOS complexes. (c) Immunofluorescence staining of complexes III and I in fibroblasts.
(A, B) Staining of complex III and porin. (C, D) Staining of complex I and porin. (A, C) Control. (B, D) Patient. Magnification 20x.
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Figure 3: Blue native (BN) gel electrophoresis of muscle and fibroblasts. (a) BN-PAGE of the muscle with lauryl maltoside solubilization.
(b, c) Densitometric analysis of BN-PAGE from the muscle. (d) BN-PAGE of fibroblasts. (e, f) Densitometric analysis of BN-PAGE
from fibroblasts. (g) BN-PAGE of the muscle with a digitonin solubilization. The membrane was incubated with antibodies targeted
against NDUFS4, Core 2, COX2, ATP5A1, and SDHA. C1–C10 are normal controls. In addition, muscle homogenates from patients
with loss of function mutations in either SURF1 (NM_003172.3) c.11_30del20 (p.Val4Alafs∗49) or NDUFS4 (NM_002495.2)
c.466_469dupAAGT (p.Ser157∗) were used as disease controls.
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(Table 2). Based on clinical presentation, it is impossible to
distinguish between subunits or assembly factor defects.

A distinctive and comparable clinical pattern was
reported in six patients from five families. These individuals
with mutations in UQCRB, UQCRC2, and CYC1 presented
with neonatal or early infancy onset, recurrent metabolic
crises with elevated lactate and hypoglycaemia, from which
they completely and quickly recovered with intravenous
glucose. All but one showed a normal development and
intellect [2, 6, 22]. A more variable clinical picture is seen
with BCS1L mutations including lactic acidosis, renal and
liver involvement, encephalopathy, hearing loss, and sei-
zures [23]. A cohort of seven patients with LYRM7 muta-
tions were found to have a consistent magnetic resonance
imaging pattern of progressive signal abnormalities with
multifocal small cavitations in the periventricular and deep
cerebral white matter [24] while another LYRM7 patient
was reported with liver involvement [10]. Patients with
TTC19 mutations are described as having an already
delayed development which progresses via extrapyramidal
movement disorder to a minimal residual state. One big
Bedouin kindred with 25 affected individuals carrying
homozygous mutations in UQCRQ has been described
with a developmental delay progressing toward an extra-
pyramidal movement disorder, the oldest affected patients
of this kindred were in their thirties [1].

Genetically, these two UQCC2 patients are distinct in
terms of homozygous missense mutation in our case, while
the other patient had a splice-site mutation affecting position
−3 of the splice acceptor (c.214-3C>G), which might allow
the formation of a small amount of wild-type protein and
possibly explain the milder clinical outcome.

Biochemically, our patient presented with a severe reduc-
tion of complexes I and III of the respiratory chain in the
muscle tissue. In fibroblasts, the activity of complex III was
normal. This might be due to higher reserve capacity in less
energy-dependent fibroblast or may be due to differences in
posttranscriptional regulation as observed for complexes I
and IV [25–28]. Combined deficiency of complex I and III
deficiency is consistent with the previous reported patient
with UQCC2 mutations who also showed reduced complex
I on the level of enzymatic activity and BN-PAGE in addition
to complex III deficiency. Furthermore, lack of complex III
dimer and minimal complex III bound in supercomplexes
in digitonin-solubilized fibroblasts of the UQCC2-deficient
patient was described [7]. In agreement, we also show that
in the muscle tissue of our UQCC2 patient, the formation
of respiratory chain supercomplexes is diminished.
Wanschers et al. reported a case with UQCC3 mutations.
Also, in this protein assembly factor disorder, combined
reduction of the activity of complexes III and I was found
in the muscle. In addition, diminished levels of assembled
complexes III and I were present in patient fibroblasts [8].
No mutations in UQCC1 have been described so far. Both
patients showed reduction of complex I and in one case
complex IV activity.

In 2004, Acín-Pérez et al. observed that complex III is
required to maintain complex I in mitochondria in a study
with rodent cells and mutations of the cytochrome b gene,

which is encoded on the mitochondrial DNA [29]. Com-
bined deficiency of complex I and complex III was reported
for some patients withMT-CYBmutations. In line with these
findings, we and others identified homoplasmic loss of func-
tion mutations in MT-CYB with severe complex I and
complex III deficiency in renal oncocytoma, a human
tumor characterised by loss of complex I or combined
deficiency of complex I and other respiratory chain
enzymes [3, 30, 31]. Simultaneously, Schägger et al. also
reported that primary complex III assembly deficiencies
present as combined complex III/I defects also shown for
cytochrome b gene mutations [32].

In Caenorhabditis elegans, it was shown that complex
III is important for supercomplex assembly. Furthermore,
it was proven that complex III uniquely affects complex
I, either by decreasing the amount of complex I or the I-III-
IV supercomplex. Amutation in isp-1 (ortholog of the Rieske
protein) can reduce the amount of fully assembled complex I.
Mutations in ctb-1 (cytochrome b ortholog) can cause a
reduction in complex I activity without affecting the complex
I assembly [33].

Most of the nine so far described defects of nuclear-
encoded complex III subunits or assembly factors have been
published after the initial and important observation in 2004.
Remarkably, in most of these papers, reduction of complex I
and in some cases complex IV was found in addition to
complex III deficiency (Table 3):

(1) Haut et al. described a boy with isolated complex III
deficiency caused by a mutation in UQCRB.
However, a moderate reduction of complex I activity
was present in the patients’ liver [22].

(2) Barel et al. described a patient with UQCRQ
mutation with complex III deficiency, a variable
decrease of complex I activity in skeletal muscle
biopsies [1].

(3) Miyake et al. described a patient with a mutation in
UQCRC2. The activity of complex I was increased
threefold in the skeletal muscle. However, the authors
showed impaired supercomplex formation in patient
fibroblasts affecting complexes I and IV [6]. Very
recently, Gaignard et al. also reported a patient with
a reduced complex III and I activity in fibroblasts.
In addition, the native complexes I and III were both
reduced. Neither complex IV activity nor complex IV
assembly was diminished [34].

(4) Gaignard et al. reported that loss of cytochrome c1
encoded by CYC1 causes an isolated complex III
deficiency in two children. However, a reduced
complex I activity was shown for the liver. In addi-
tion, the authors described secondary reduction of
assembly-dependent subunits of complexes I and
IV [2]. A reduction of supercomplexes was present
as shown by BN-PAGE. Taken together, these
results indicate that CYC1 mutations might cause
a defect in respirasome assembly and a combined
OXPHOS deficiency.

7Oxidative Medicine and Cellular Longevity



T
a
bl
e
2:
C
lin

ic
al
fe
at
ur
es

of
co
m
pl
ex

II
I
de
fi
ci
en
ci
es
.

C
om

pl
ex

II
I
su
bu

ni
ts

C
om

pl
ex

II
I
as
se
m
bl
y
fa
ct
or
s

G
en
e

M
T
-C
Y
B

C
Y
C
1

U
Q
C
R
B

U
Q
C
R
C
2

U
Q
C
R
Q

U
Q
C
C
2

U
Q
C
C
2

U
Q
C
C
3

T
T
C
19

LY
R
M
7

B
C
S1
L

M
IM

ac
ce
ss
io
n

51
60
20

61
54
53

61
51
58

61
51
60

61
51
59

61
58
24

61
58
24

61
60
97

61
51
57

61
58
38

12
40
00

N
um

be
r
of

pa
ti
en
ts

>5
0

1
1

4
25
,1

ki
nd

re
d

1
1,
th
is
st
ud

y
1

C
a.
15

9
>3

0

O
ns
et

C
hi
ld
ho

od
,

ad
ul
th
oo
d

In
fa
nc
y,
ea
rl
y

ch
ild

ho
od

La
te

in
fa
nc
y

N
eo
na
ta
l

Fi
rs
t
m
on

th
s

of
lif
e

In
tr
au
te
ri
ne

In
tr
au
te
ri
ne

B
ir
th

La
te
in
fa
nc
y,

ad
ul
th
oo
d

In
fa
nc
y,

14
ye
ar
s

Fi
rs
t
ye
ar
s,

in
fa
nc
y

In
tr
au
te
ri
ne

gr
ow

th
re
ta
rd
at
io
n

Y
es

Y
es

H
ea
ri
ng

im
pa
ir
m
en
t

Y
es

n.
a.

N
o

Y
es

H
yp
ot
on

ia
Y
es

Y
es

Y
es

Y
es

Y
es

Y
es

Se
iz
ur
es

Y
es

Y
es

N
o

Y
es

A
bn

or
m
al
E
E
G

Y
es

Y
es

M
et
ab
ol
ic
cr
is
is

Y
es

Y
es

Y
es

La
ct
ic
ac
id
os
is

Y
es

Y
es

Y
es

Y
es

Y
es

Y
es

Y
es

Y
es

Y
es

Y
es

In
cr
ea
se
d
C
SF

la
ct
at
e

Y
es

Y
es

H
yp
og
ly
ca
em

ia
Y
es

Y
es

Y
es

Y
es

D
ev
el
op

m
en
ta
l

di
sa
bi
lit
y

N
o

N
o

N
o

N
o

n.
a.

Y
es

Y
es

Y
es

Y
es

In
te
lle
ct
ua
ld

is
ab
ili
ty

N
o

N
o

Y
es

(1
)/

no
(1
)

Y
es

n.
a.

Y
es

Y
es

Y
es

O
th
er

fe
at
ur
es

In
on

e
hy
pe
ra
m
m
on

em
ic

liv
er

fa
ilu

re

E
xt
ra
py
ra
m
id
al

m
ov
em

en
t

di
so
rd
er
,

su
rv
iv
al
in
to

th
ir
ti
es

R
en
al
tu
bu

la
r

ac
id
os
is
,n

o
in
fo
rm

at
io
n

af
te
r
9
ye
ar
s

of
ag
e

St
at
us

ep
ile
pt
ic
us
,

di
ed

at
33

da
ys

of
lif
e

M
us
cu
la
r

w
ea
kn

es
s

La
te
r
re
gr
es
si
on

w
it
h
sp
as
ti
ci
ty

an
d
m
ov
em

en
t

di
so
rd
er

le
ad
in
g

to
m
in
im

al
re
si
du

al
st
at
e

D
et
er
io
ra
ti
on

af
te
r

m
et
ab
ol
ic
cr
is
es
,

sp
ec
ifi
c
M
R
I
pa
tt
er
n

(m
ul
ti
fo
ca
lc
av
it
at
in
g

le
uk

oe
nc
ep
ha
lo
pa
th
y)

H
ep
at
op

at
hy
,

re
na
l

in
vo
lv
em

en
t,

of
te
n
ea
rl
y

de
at
h

8 Oxidative Medicine and Cellular Longevity



T
a
bl
e
3:
R
es
ul
ts
of

en
zy
m
at
ic
in
ve
st
ig
at
io
ns

an
d
B
N
-P
A
G
E
el
ec
tr
op

ho
re
si
s
of

pa
ti
en
ts
w
it
h
co
m
pl
ex

II
I
de
fi
ci
en
ci
es
.

R
ed
uc
ti
on

of
en
zy
m
es

[t
is
su
e]

M
T
-C

Y
B

C
Y
C
1

U
Q
C
R
B

U
Q
C
R
C
2

U
Q
C
R
Q

U
Q
C
C
2

U
Q
C
C
2

U
Q
C
C
3

T
T
C
19

LY
R
M
7

B
C
S1
L

C
om

pl
ex

II
I

[m
us
cl
e]

Y
es

3§
/3

n.
a.

1§
/1

3/
3

(2
2
=
n.
a.
)

1/
1

1/
1

1/
1

M
os
t

6/
9
(3

=
n.
a.
)

R
ed
uc
ed

C
om

pl
ex

II
I

[fi
br
ob
la
st
s]

Y
es

2/
2

1/
1

2/
2
(2

=
n.
a.
)

n.
a.

1/
1

0/
1

1/
1

So
m
e

1/
9
(8

=
n.
a.
)

R
ed
uc
ed

C
om

pl
ex

II
I

[l
iv
er
]

1/
1
(1

=
n.
a.
)

1/
1

n.
a.

n.
a.

n.
a.

n.
a.

n.
a.

n.
a.

1/
9
(8

=
n.
a.
)

V
ar
ia
bl
e

C
om

pl
ex

I
[m

us
cl
e]

Y
es

1§
/2

(1
=
n.
a.
)

n.
a.

1§
/1

3/
3

(2
2
=
n.
a.
)

1/
1

1/
1

1/
1

N
or
m
al

1/
9
(8

=
n.
a.
)

V
ar
ia
be

C
om

pl
ex

I
[fi
br
ob
la
st
s]

n.
a.

n.
a.

1/
2
(2

=
n.
a.
)

n.
a.

1/
1

0/
1

0/
1

N
or
m
al

n.
a.

V
ar
ia
bl
e

C
om

pl
ex

I
[l
iv
er
]

1/
1
(1

=
n.
a.
)

1/
1

n.
a.

n.
a.

n.
a.

n.
a.

n.
a.

n.
a.

n.
a.

V
ar
ia
bl
e

C
om

pl
ex

I
[B
N
-P
A
G
E
]

fi
br
ob
la
st
s

M
us
cl
e

1/
2

n.
a.

2/
2
(2

=
n.
a.
)

n.
a.

1/
1

0/
1

1/
1

N
or
m
al

0/
1
(8

=
n.
a.
)

V
ar
ia
bl
e

C
om

pl
ex

IV
[m

us
cl
e]

1§
/3

n.
a.

1§
/1

2/
3

(2
2
=
n.
a.
)

1/
1

R
ed
uc
ed

0/
1

N
or
m
al

n.
a.

V
ar
ia
bl
e

C
om

pl
ex

IV
[fi
br
ob
la
st
s]

0/
1
(1

=
n.
a.
)

1/
1

0/
2
(2

=
n.
a.
)

n.
a.

1/
1

0/
1

0/
1

N
or
m
al

n.
a.

V
ar
ia
bl
e

C
om

pl
ex

IV
[l
iv
er
]

0/
1
(1

=
n.
a.
)

0/
1

n.
a.

n.
a.

n.
a.

n.
a.

n.
a.

n.
a.

n.
a.

C
om

pl
ex

IV
[B
N
-P
A
G
E
]

fi
br
ob
la
st
s

0/
2

n.
a.

1/
2
(2

=
n.
a.
)

n.
a.

N
or
m
al

n.
a.

0/
1

N
or
m
al

0/
1
(8

=
n.
a.
)

V
ar
ia
bl
e

Li
te
ra
tu
re

G
as
pa
rr
e
et
al
.[
3]

Z
im

m
er
m
an
n
et
al
.[
9]

B
la
ke
ly
et
al
.[
39
]

G
ai
gn
ar
d
et
al
.[
34
],

§o
ne

pa
ti
en
t
fr
om

T
uc
ke
r
et
al
.[
7]
,

no
va
lu
es

pr
ov
id
ed

H
au
t

et
al
.

[2
2]

G
ai
gn
ar
d
et
al
.[
34
],

G
as
pa
rr
e
et
al
.[
3]
,

§o
ne

pa
ti
en
t
fr
om

T
uc
ke
r
et
al
.[
7]
,

no
va
lu
es

pr
ov
id
ed

B
ar
el

et
al
.[
1]

T
uc
ke
r

et
al
.[
7]

T
hi
s

st
ud

y
W
an
sc
he
rs

et
al
.[
8]

K
oc
h
et
al
.

[5
],

A
rd
is
so
ne

et
al
.

In
ve
rn
iz
zi
et
al
.[
4]

D
al
la
bo

na
et
al
.[
24
]

K
re
m
er

et
al
.[
10
]

M
or
an

et
al
.[
23
]

9Oxidative Medicine and Cellular Longevity



(5) As reported here and in the paper of Tucker et al.
[7], UQCC2 deficiency causes combined complex I
and complex III deficiency. A reduction of supercom-
plexes was present in both cases.

(6) As already mentioned above, UQCC3 deficiency
causes combined complex III and complex I
deficiency [8].

(7) Combined deficiencies of complex III, complex I,
and/or complex IV were also reported for patients
with mutations in BCS1L, especially in patients with
severe clinical symptoms [23]. In addition, BCS1L
defects manifest in a highly tissue-specific pattern.

(8) Two other complex III assembly factors are known
LYRM7 and TTC19 although they seem to be
involved in different aspects of assembly. LYRM7
plays a role in iron sulphur cluster biogenesis. How-
ever, besides severe complex III deficiency, minor
reduction of complex I or complex IV in patient
muscle was reported [4, 10]. The function of TTC19
is still a matter of debate although most patients show
an isolated complex III deficiency. However, we
reported on a TTC19 patient even without any signs
of complex III changes [5].

Indeed, isolated complex III deficiency might be the
exception rather than the rule. Since the presence of
assembled complex III seems to be crucial for respirasome
assembly and maybe for the stability or assembly of com-
plexes I and IV. Complex III dimers are mainly found in
three different complexes, one supercomplex termed respira-
some (CI, CIII2, and CIV), one with complex I (CI, CIII2), or
one with complex IV (CIII2, CIV). The supercomplexes
interact at nine sites [13]. COX7a2L was the first factor
designated as a supercomplex assembly factor. However, it
is still debated if COX7a2L also influences respirasome
assembly [35, 36]. In addition, HIGD1a was reported to
promote supercomplex formation [37].

Therefore, UQCC2 deficiency, like most other disorders
of complex III subunits and most assembly factors, has to
be considered as disorders of respirasome assembly rather
than isolated complex III defects. This finding is of diagnostic
relevance since a combined reduction of complexes III and I
is likely an indication for mutations in complex III-related
genes. Since isolated complex III is not determined in all
laboratories [38], those defects might be misdiagnosed as
either complex I or complex IV deficiency. This wrong
categorisation might result in selection of inappropriate
panels for genetic workup.
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Chronic inflammation is a hallmark of cancer cachexia in both patients and preclinical models. Cachexia is prevalent in roughly
80% of cancer patients and accounts for up to 20% of all cancer-related deaths. Proinflammatory cytokines IL-6, TNF-α, and
TGF-β have been widely examined for their regulation of cancer cachexia. An established characteristic of cachectic skeletal
muscle is a disrupted capacity for oxidative metabolism, which is thought to contribute to cancer patient fatigue, diminished
metabolic function, and muscle mass loss. This review’s primary objective is to highlight emerging evidence linking cancer-
induced inflammation to the dysfunctional regulation of mitochondrial dynamics, mitophagy, and biogenesis in cachectic
muscle. The potential for either muscle inactivity or exercise to alter mitochondrial dysfunction during cancer cachexia will also
be discussed.

1. Introduction

Pathological inflammation, a hallmark of numerous chronic
diseases, can lead to fatal comorbidities, including cachexia
[1–4]. Cachexia is characterized by unintentional body
weight loss secondary to an underlying disease [1, 3] and is
prevalent in ~60–80% of cancer patients. Cancer patients
exhibiting cachexia have increased fatigue, decreased func-
tional independence, reduced life quality, and decreased
survival [5–10]. Although no treatments are currently
approved for cancer cachexia, improving the mechanistic
understanding of skeletal muscle mass loss and more recently
skeletal muscle metabolic function is thought to be central to
the etiology of cancer cachexia and the successful develop-
ment of therapeutic interventions.

Skeletal muscle mass and metabolism have established
roles for maintaining health in obesity, ageing, and chronic
disease [11–13]. Related to health, skeletal muscle serves as
an amino acid reservoir for the body and a primary site of
insulin-stimulated glucose transport [11, 14]. However,

skeletal muscle relies heavily on lipids as a fuel source during
rest and low-intensity activities and contributes to over 20%
of whole body fatty acid metabolism [14]. This oxidative
metabolism dependence underscores the muscle mitochon-
dria’s critical role in metabolic homeostasis [14, 15]. The
analysis of muscle oxidative metabolism involves the quanti-
fication of mitochondria content, respiratory capacity, and
the efficiency of the Krebs cycle and electron transport chain
(ETC) [16, 17]. This line of inquiry has significantly
advanced our mechanistic understanding of aging, disease,
and physical inactivity’s effects on muscle metabolism.

Dysfunctional muscle oxidative metabolism occurs with
many disease conditions [12, 13, 18–21] and can involve
mitochondrial dynamics, mitophagy, and biogenesis regula-
tion [18, 22]. Each of these dysfunctions is being actively
investigated for their role in the pathogenesis of cancer
cachexia [12, 13, 23]. Skeletal muscle mitochondrial dysfunc-
tion has been reported with cachexia in cancer patients and
preclinical models [12, 15, 24–27] and is consistent with
functional changes involving increased muscle fatigability
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and overall weakness [5, 6, 8, 9, 28]. Accelerated catabolism
and suppressed anabolism in wasting muscle has been linked
to mitochondrial dysfunction [12, 25, 26]. The primary
objective of this literature review is to highlight evidence link-
ing cancer-induced inflammation to the regulation of muscle
mitochondrial dynamics, mitophagy, and biogenesis. We will
stress research areas that warrant further investigation to
establish if they are a consequence of cachexia or a cause of
the pathology. The examination of inflammatory mediators
of cancer cachexia will be delimited to interleukin 6 (IL-6),
tumor necrosis factor α (TNF-α), and transforming growth
factor β (TGF-β) superfamilies’ role. Evidence for these cyto-
kines in the overall regulation of cachexia progression and
muscle mass loss has been extensively reviewed elsewhere
[29–38] and will only be briefly described here. We will also
discuss the potential for either muscle inactivity or exercise
to alter the regulation of dysfunctionalmitochondrial dynam-
ics, mitophagy, and biogenesis during cancer cachexia.

2. Overview of Inflammation as a Driver of
Cancer Cachexia

2.1. Overview. Increased systemic inflammation is an
established driver of cachexia development in numerous
chronic diseases, including cancer [3]. Several cytokines
have been implicated as the mediators of chronic inflam-
mation for cachexia progression in both human and
preclinical animal models [1, 29, 39]. Cytokines can regu-
late intracellular signaling that induces muscle wasting in
response to various stimuli. IL-6, TNF-α, and TGF-β are
cytokines that have been mechanistically linked to skeletal
muscle wasting and disrupted metabolic homeostasis dur-
ing cancer cachexia [29–38].

2.2. Interleukin-6. The IL-6 cytokine family has been widely
investigated in skeletal muscle remodeling due to exercise,
aging, and disease [29, 40–43]. IL-6 is a pleiotropic cytokine
implicated as a critical regulator of inflammation-induced
skeletal muscle and fat wasting during cancer cachexia [35].
Elevated circulating IL-6 can be observed in cachectic cancer
patients and preclinical models alike and is strongly corre-
lated to body weight and muscle mass loss [44–46]. IL-6
signals through the ubiquitously expressed glycoprotein 130
(gp130) receptor to activate downstream intracellular signal-
ing pathways [42, 47, 48]. While IL-6 can activate numerous
cellular signaling pathways, the phosphorylation of immedi-
ate downstream target signal transducer and activator of
transcription 3 (STAT3) has been most widely examined
with cachexia-induced muscle mass loss [41, 49, 50]. STAT3
activation by IL-6 causes the disruption of skeletal muscle
proteostasis through both anabolic and catabolic signaling
[51]. STAT3 inhibition can attenuate body weight and mus-
cle mass loss in tumor-bearing mice [52, 53]. This review will
discuss the implications for IL-6-induced STAT3 signaling in
the regulation of cachexia-induced mitochondrial dysfunc-
tion (Figure 1).

2.3. Tumor Necrosis Factor α. TNF-α’s role in muscle wasting
during cachexia has been well studied [1, 34, 54–56]. TNF-α,

released from activated macrophages, can activate skeletal
muscle nuclear factor κB (NF-κB) transcription factor and
promote protein degradation through the transcription of
ubiquitin proteasome E3 ligases, MurF1, and Atrogin1
[34, 38]. Muscle MurF1 and Atrogin1 expression are preva-
lent in cancer patients and preclinical cachexia models and
promote skeletal muscle protein degradation [57]. TNF-α
can also promote body weight loss through the loss of adi-
pose tissue by stimulating lipolysis and inhibiting lipogenesis
[34]. However, TNF-α also promotes anorexia [58, 59].
Cancer-induced TNF-α levels increase corticotrophin-
releasing hormone (CRH), which reduces appetite and food
intake [33, 34, 60]. However, TNF-α overexpression in mice
lacking tumors induced weight loss, which was not different
than pair-fed controls [61]. This portion of the review will
focus on TNF-α’s induction of NF-κB to disrupt mitochon-
drial homeostasis (Figure 1).

2.4. Transforming Growth Factor β. TGF-β cytokine super
family consists of 34 proteins that regulate a myriad of cellu-
lar functions. Several family members have been found to
promote cancer-induced skeletal muscle wasting [30, 62].
TGF-β1, Activin A, TNF like weak inducer of apoptosis
(TWEAK), and myostatin are TGF-β super family members
that bind to either type I or type II activin receptors in skele-
tal muscle and activate Smad (SMA, mothers against deca-
pentaplegic) signaling [1, 30, 56, 63–66]. Smad regulation
of skeletal muscle wasting is still an area of active inquiry, but
evidence suggests a role for forkhead box O3- (FOXO3-)
dependent protein degradation as well as protein synthesis
suppression through protein kinase B (Akt) [30, 38]. Activin
A administration can induce the cachectic phenotype in
nontumor-bearing mice through Smad2/3 activation, which
increases atrophy and fibrotic gene transcription [67].
While TGF-β signaling’s role in cachexia continues to be
elucidated, this review will discuss evidence for the TGF-β
superfamily to regulate skeletal muscle mitochondria func-
tion (Figure 1).

3. Mitochondrial Dysfunction in Cachectic
Muscle and Inflammatory Mediators

3.1. Overview. Cachexia can be defined as a complex meta-
bolic syndrome, and thus skeletal muscle mitochondria have
become an intriguing focus for determining the underpin-
nings of cancer-induced muscle catabolism [3]. To this end,
the maintenance of mitochondrial content and capacity for
ATP production in cachectic muscle have become active
areas of inquiry. While numerous studies have reported
mitochondrial content loss with wasting, there remains a
need to better define mitochondrial function and the regula-
tors of this process in cachectic muscle. Mitochondrial
function is classically defined as the capacity for ATP
production through oxidative phosphorylation and beta-
oxidation [24, 68, 69]. Disruptions to the ETC decrease mito-
chondrial respiration and the ability to produce ATP. While
relatively few published studies have directly examined mus-
cle mitochondrial respiration with cancer cachexia, cachectic
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skeletal muscle exhibits decreased cytochrome c oxidase
enzymatic activity and oxygen consumption [70, 71].

Inflammatory signaling has been linked to cancer-
induced mitochondrial dysfunction in skeletal muscle [12].
Specifically, activation of either NF-κB, STAT3, or Smad3
signaling has been associated with cancer-induced muscle
mitochondria dysfunction in tumor-bearing mice. In vivo
and in vitro analysis of Lewis lung carcinoma-driven
cachexia demonstrated decreased muscle ATP synthesis rates
and decreased mitochondrial electron flow with associative
increases in TNF-α [68, 72]. Furthermore, inhibiting NF-κB
signaling improved diaphragm mitochondrial respiration in
mice bearing P07 lung-derived tumors [70]. The IL-6 signal-
ing pathway has also been linked to muscle mitochondrial
function with cachexia [12]. STAT3 accumulation in isolated
liver and heart mitochondria negatively regulates mitochon-
drial respiration and ATP production through binding to
Complex I in the inner mitochondrial membrane and
interacting with retinoid-interferon-induced mortality
(GRIM) 19 [73]. Reduced enzyme activity in isolated skeletal
muscle mitochondria is demonstrated in mice with elevated
Smad 3 signaling [71]. Currently, our understanding of mus-
cle mitochondrial respiration during cancer cachexia is
extremely limited due to the dearth of published studies
and the heterogeneity of the preclinical cancer cachexia

models used in these investigations. However, further mech-
anistic inquiries into both the drivers of mitochondrial dys-
function and the ramifications of this dysfunction for
muscle wasting and functional decline are warranted.

Mitochondrial dysfunction has been tightly associated
with excess production of reactive oxygen species (ROS)
[72]. While ROS generation is involved in muscle cellular sig-
naling that supports cell homeostasis [72], chronically
elevated ROS can initiate DNA damage, protein oxidation,
and apoptosis [70, 74, 75]. To this end, substantial evidence
points to increased ROS production in cachectic skeletal
muscle [76–78]. The role for ROS to promote skeletal muscle
dysfunction and atrophy is well established and has been
reviewed extensively [79–85]. Although elevated ROS has
been identified in wasting skeletal muscle, it has not yet been
determined if ROS initiates muscle catabolism in cancer
cachexia or is a consequence of the wasting process [82].

3.2. Mitochondrial Dynamics. Understanding skeletal muscle
mitochondrial dynamics during cancer cachexia has become
an extremely active area of investigation. While initial studies
focused on describing changes to mitochondrial dynamics in
cachectic muscle, recent research has begun to elucidate the
drivers of disrupted mitochondrial dynamics in cachectic
muscle and the ramifications this disruption has on muscle
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synthesis. The figure was made with Servier Medical Art (http://www.servier.com/Powerpoint-image-bank).

3Oxidative Medicine and Cellular Longevity

http://www.servier.com/Powerpoint-image-bank


mass loss and metabolic dysfunction [12, 13, 25]. The inter-
connected muscle mitochondrial network undergoes tightly
regulated processes related to fusion and fission, which
are coordinated to influence mitochondrial homeostasis
[13, 86, 87]. The fusion of mitochondria induces extension
of the mitochondrial network thought to increase energy
efficiency and increase ATP production [20]. Conversely,
the process of fission involves the fragmentation of mito-
chondria and segregates damaged areas of the mitochon-
drial network that may be dysfunctional, allowing for
their removal [86–90]. Mitochondrial dysfunction can
result from the disrupted coordination of fission and
fusion processes; several preclinical models of cancer
cachexia and cancer patients have demonstrated altered
indices of mitochondrial fission and fusion [91–93].

Mitochondrial dynamics’ processes have been exten-
sively studied and characterized both in vivo and in vitro
and have been previously reviewed [13, 90, 94, 95]. The
fusion process is regulated by mitofusin 1 and 2 (MFN-
1, MFN-2) and optic atrophy protein 1 (OPA1) [88, 95].
While these proteins are similar in structure, their func-
tions are thought to be nonredundant. MFN-1 regulates
GTP tethering whereas MFN-2 regulates the assembly of
the fusion complexes [12, 13]. OPA-1 is expressed as sev-
eral different isoforms and is necessary for the regulation
of fusion GTP tethering in conjunction with MFN-1
[87]. The loss of mitochondrial fusion has detrimental
effects in skeletal muscle shown by genetic knockout of
MFN-1 and 2 resulting in muscle atrophy and reduced
mitochondrial DNA (mtDNA) [96].

Circulating IL-6 and muscle STAT3 signaling have been
linked to suppressed MFN-1 expression in cachectic muscle.
Systemic IL-6 overexpression in ApcMin/+ suppressed MFN-
1 expression, but was rescued by administration of an IL-6
receptor antibody [92]. Additionally, IL-6 administration to
cultured myotubes increased STAT3 activation and sup-
pressed MFN-2 in a dose-dependent manner [92]. Similarly,
TNF-αwas able to decreasemyotubeMFN-2 expression asso-
ciated with elevated ROS and reduced ATP production [97].

Mitochondrial fission is necessary for skeletal muscle
mitochondria maintenance and quality [13, 86, 89, 90, 98].
Mitochondrial fission machinery is controlled by the GTPase
cytosolic dynamin-related protein 1 (DRP-1) which can
translocate to the outer mitochondrial membrane and
develop active fission sites [13, 86, 87]. DRP-1 can be regu-
lated by phosphorylation and sumoylation by small
ubiquitin-related modifiers (SUMOs) [13]. Fission protein 1
(FIS-1) is proposed to be required for mitochondrial division
as it serves to recruit DRP-1 to the outer mitochondrial
membrane [87]. Accelerated fission results in proapoptotic
signals that lead to mitochondria isolation from the network
and reduces its ATP efficiency [90]. Interestingly, accelerated
mitochondrial fission is associated with AMPK activation,
which can stimulate mitochondrial biogenesis in healthy
muscle [86, 99]. However, while accelerated fission is often
regarded as a sign of mitochondrial dysfunction in inflam-
matory diseases [12, 77, 89, 92], failure to undergo fission
will result in mitochondrial dysfunction and muscle atro-
phy [86, 89, 92] (Figure 2).

Although evidence suggests an important role, the direct
effects of inflammation on mitochondrial fission continue to
be established. Systemic IL-6 overexpression in ApcMin/+

mice had elevated FIS-1 protein levels prior to the onset of
cachexia [92]. Interestingly, IL-6-induced muscle FIS-1
expression is not selective to muscle phenotype as it occurs
equally in both highly oxidative and highly glycolytic fibers
[77, 92]. While a direct link between TNF-α and skeletal
muscle mitochondrial fission is not well established, the
TNF-α induction of ROS provides intriguing rationale. Inter-
estingly, overexpression of FIS-1 in healthy animals has been
demonstrated to be proapoptotic and is tightly associated
with accelerated production of ROS [86]. However, it is not
well understood if elevated ROS production is causal or con-
sequence of disrupted mitochondrial dynamics in cachectic
muscle [100].

3.3. Mitophagy.Hyperactivation of cellular degradation path-
ways has become an established target of chronic inflamma-
tory conditions [101, 102]. Autophagy in cachectic muscle
has become widely investigated for the regulation of skeletal
muscle mass loss and disrupted metabolism [38, 103, 104].
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Figure 2: Mitochondrial dysfunction in skeletal muscle negatively
regulates muscle mass. Elevated IL-6, TNF-α, and TGF-β during
cancer cachexia disrupt mitochondrial homeostasis leading to
dysfunction mitochondria. Dysfunctional mitochondria release
aberrant amounts of reactive oxygen species (ROS) and decrease
ATP production. This leads to chronic activation of AMPK to
negatively regulate protein synthesis causing decreased muscle
mass. The figure was made with Servier Medical Art (http://www.
servier.com/Powerpoint-image-bank).
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Autophagy is a highly conserved cellular process that con-
tributes to the lysosomal degradation of proteins and organ-
elles (including mitochondria) that are either dysfunctional,
damaged, long lived, or misfolded [88, 105]. The process of
autophagy consists of a small portion of the cytoplasm that
includes organelles or proteins being sequestered by a phago-
phore to form an autophagosome. This autophagosome will
then fuse with the lysosome to become an autolysosome
which then degrades the cellular cargo contained within it.
These processes require a family of proteins known as
autophagy-related genes (Atgs) which are important in the
signaling and regulation of autophagy [106–111]. Autophagy
can be both a nonselective process (e.g., starvation) and a
highly selective process that degrades specific organelles such
as mitochondria which has been termed mitophagy [12, 106,
107]. The selectivity of this process can be determined by spe-
cific proteins, p62 and BCL2 interacting protein 3 (Bnip3),
which have cargo-binding domains and LC3-interacting
domains which are responsible for recruitment and binding
of autophagosome proteins [13, 90, 112]. The autophagic
removal of damaged and dysfunctional mitochondria, mito-
phagy, is critical for maintaining a healthy network of mito-
chondria. Failure of these processes can lead to an
accumulation of damaged mitochondria which can nega-
tively regulate metabolism and mass [13, 110, 113].

Increased lysosomal protease activity, indicative of accel-
erated autophagy flux, has been reported in cachectic muscle
from tumor-bearing mice [113, 114]. Interestingly, circulat-
ing branched chain amino acids are elevated in cancer
patients prior to weight loss, suggesting accelerated autoph-
agy is an early event in cachexia development [115]. Tumor
growth is associated with a reduced nutrient availability,
and it has been suggested that tumor-derived factors can
accelerate mitophagy [116]. Accelerated mitophagy has the
potential to contribute to skeletal muscle mitochondrial dys-
function [92, 117, 118]. Skeletal muscle from cancer patients
and preclinical models of cancer cachexia (ApcMin/+, C26,
and LLC) have demonstrated accelerated mitophagy indices
[92, 101, 104, 119–121]. Muscle mitophagy can occur
through an AMPK, FOXO, and mTORC1 signaling axis,
which are established regulators of both muscle metabolism
and mass; the cachectic environment also disrupts this sig-
naling axis [110, 121, 122] (Figure 2). Tumor necrosis recep-
tor factor 6 (TRAF6) is a potent inducer of mitophagy, and
TRAF6 deletion can prevent cancer-induced muscle mass
in tumor-bearing mice [123]. Interestingly, both Activin A
and TWEAK have identified roles in the modulation of
LC3, potentially indicating disrupted mitophagy [56, 67].
Recently, tumor-derived factors released into circulation
were shown to induce mitophagy in skeletal muscle through
IL-6-dependent signaling [124]. The autophagy inducing
bioactivity of serum collected from gastrointestinal and lung
cancer patients was significantly correlated to weight loss, but
was normalized with the administration of an IL-6 receptor
antibody [124]. Together, current evidence suggests that dur-
ing cancer cachexia, tumor-secreted IL-6 has an important
role in mitophagy regulation. Further, work is warranted to
determine if disrupted mitophagy regulation is a viable ther-
apeutic target for cancer-induced muscle wasting or if

mitophagy is being induced in cachectic muscle to correct
other metabolic dysfunctions.

3.4. Mitochondrial Biogenesis.Muscle adaptation to increased
and decreased use provides a clear demonstration that
healthy skeletal muscle fiber’s mitochondria content is plastic
and reflects the fiber’s energy requirements [13, 125–127].
However, chronic inflammation can create an environment
that disrupts this regulation to incite the loss of muscle oxida-
tive metabolic capacity [128–131]. Mitochondrial biogenesis
is a critical process for maintaining the necessary mitochon-
dria content to meet energy demands [13, 125, 127, 132]. The
peroxisome-proliferator gamma-activated receptor (PGC-1)
has been extensively examined as a critical regulator of mus-
cle mitochondrial biogenesis. There are several PGC-1 iso-
forms, and each has significant but independent roles in
oxidative metabolism. PGC-1α4 regulates muscle protein
synthesis through IGF-1 and myostatin signaling cascades
[133, 134]. PGC-1β can regulate myosin heavy-chain iso-
form expression, and increased expression induces an oxida-
tive muscle phenotype [135]. PGC-1α can induce nuclear
response factors (NRF-1, NRF-2) and mitochondrial tran-
scription factor A (Tfam) transcription, which regulate mito-
chondrial biogenesis [125–127, 136]. Moreover, PGC-1α loss
results in reduced muscle mitochondrial content and ATP
production [137–139].

Increased PGC-1α expression is protective against
muscle atrophy in aging, decreased use, and inflammatory
cytokine administration. However, the limited number of
investigations in preclinical cancer cachexia models is equiv-
ocal [140–143]. While suppressed PGC-1α expression is con-
sistently reported in cachectic skeletal muscle [77, 92, 144],
overexpression was not sufficient to prevent Lewis lung carci-
noma- (LLC-) induced muscle wasting [145]. Interestingly,
PGC-1α overexpression could stimulate mitochondrial bio-
genesis in the cachectic muscle, indicating that the pathways
to induce mitochondrial biogenesis were functional in the
cachectic environment. Regulators of PGC-1α activity are
also major determinants of muscle metabolic capacity in both
healthy and cachectic muscle [146]. AMPK, an energy stress
sensor, regulates muscle oxidative metabolism through PGC-
1α-regulated biogenesis and ULK-dependent mitophagy
[147–149]. In healthy muscle, activated AMPK can stimulate
mitochondrial biogenesis and has been demonstrated as
therapeutic in type II diabetes [149, 150]. Muscle AMPK is
chronically activated in some preclinical cancer cachexia
models, however, fails to induce mitochondrial biogenesis.
Interestingly, chronic AMPK activation in cachectic muscle
may have a role in the suppression of muscle protein synthe-
sis [151]. Circulating IL-6 has been associated with muscle
AMPK activation in the cachectic ApcMin/+mouse. IL-6 over-
expression in tumor-bearing mice can activate AMPK and
reduce PGC-1α expression, whereas IL-6 receptor antibody
administration attenuates cancer-induced AMPK activation
[151]. Although in vivo evidence for the direct effects of IL-
6 signaling on cachectic muscle AMPK activation is lacking,
IL-6 administration to skeletal muscle myotubes can directly
activate AMPK [151]. Further research is needed to
understand the disrupted feedback caused by the cachectic
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environment that uncouples AMPK signaling from mito-
chondrial biogenesis.

Activin A and myostatin have the potential to also dis-
rupt mitochondrial biogenesis. Ge et al. demonstrated that
the lack of Smad3 signaling resulted in decreased NRF and
Tfam activation [152]. However, Smad3 activation via the
TGF-β super family in cachectic skeletal muscle remains to
be determined. Interestingly, both Activin A and TWEAK
were able to disrupt mitochondrial biogenesis by reducing
PGC1-α [67, 153]. Further research is needed to establish if
this mitochondrial biogenesis suppression is a therapeutic
target for either preventing muscle mass loss or improving
metabolic health during cancer cachexia.

4. Exercise Countermeasures to Cancer-Induced
Mitochondrial Dysfunction

The capacity to regenerate from injury and adapt to altered
use are defining features of skeletal muscle that also provide
optimism for therapeutic interventions for cachectic muscle.
Exercise has shown to be beneficial in diabetes, COPD, and
CHF and continues to show beneficial results in cancer
patients as well [154, 155]. Activity level can dramatically
impact skeletal muscle mass and metabolism [88, 156].
Increased muscle activity can also induce a more oxidative
muscle phenotype by increasing mitochondria content and
function [95, 157–159]. Increased muscle use can positively
impact muscle mass, and the extent of this change is

dependent on the exercise type, intensity, duration, and fre-
quency [5, 160]. The metabolic plasticity of muscle is rein-
forced by the dramatic alterations that occur to skeletal
muscle after an acute bout of exercise [88, 156, 157]. Increas-
ing the muscle metabolic demand with exercise can stimulate
mitochondrial biogenesis to increase mitochondrial content
and function [138, 139, 161]. Cachectic muscle from
tumor-bearing mice subjected to an acute bout of low fre-
quency electrical stimulation maintains the capacity to acti-
vate genes responsible for mitochondrial biogenesis, PGC-
1α, NRF-1, and Tfam [144]. However, cachectic muscle had
deficits in the acute activation of protein expression after a
single bout of stimulated concentric contractions, which
could be rescued by systemic inhibition of inflammatory sig-
naling [144].

Decreased muscle use, either by unloading or extreme
sedentary behavior, can induce a shift to a more glycolytic
phenotype, coinciding with decreased mitochondrial content
and function and muscle atrophy [155]. Cancer patients
commonly suffer from excessive fatigue prior to and during
treatments [5, 6, 162]. This fatigue is accompanied by a dra-
matic decrease in physical activity and the ability to perform
activities of daily living (ADLs) [5, 163–165]. Preclinical
cancer models also have shown that cachectic mice undergo
limited volitional activity [166, 167]. However, minimizing
sedentary time and using alternative muscle contraction
methods may serve as a first line of action to attenuate
cachexia-induced decrements in muscle mitochondria
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Figure 3: Increased muscle use improves skeletal muscle mitochondrial homeostasis in healthy and cachectic conditions. Sedentary behavior
or muscle disuse is associated with decreased mitochondrial biogenesis, improper balance of mitochondrial dynamics, dysregulation of
autophagy, and mitochondrial dysfunction. Increasing muscle use by reducing sedentary behavior or exercise will increase mitochondrial
biogenesis, regulate mitochondrial dynamics, improve autophagic flux, and improve mitochondrial function and ATP efficiency. Overall
increased muscle use will lead to skeletal muscle mitochondrial and metabolic homeostasis. The figure was made with Servier Medical Art
(http://www.servier.com/Powerpoint-image-bank).
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[168–171] (Figure 3). IL-6 overexpression in tumor-bearing
mice was not able to induce muscle mass loss and meta-
bolic changes when they were regularly exercised on a
treadmill [172]. It is interesting to speculate if disuse alters
the muscle sensitivity to the cachectic environment, caus-
ing a more rapid decline in muscle metabolic function
and mass. Conversely, research is needed to determine if
muscle contraction or exercise serves to desensitize the
muscle to the cachectic environment.

Exercise also regulates mitochondrial dynamics, increas-
ing both fission and fusion. This is thought to aid in mito-
chondrial turnover and improve efficiency (Figure 3).
Similarly, autophagy flux increases after an acute bout of
exercise. IL-6 overexpression in exercising tumor-bearing
mice was resistant to muscle mass loss and metabolic changes
[172]. Cachectic muscle in tumor-bearing mice also retains
the capacity to respond to repeated bouts of stimulated
eccentric contractions. Cachectic muscle in ApcMin/+ mice
undergoing 7 bouts of eccentric contractions increased mus-
cle succinate dehydrogenase activity and decreased AMPK
signaling [173]. Exercise training is implicated as a potential
therapeutic to either prevent or reverse muscle wasting. It is
evident from preclinical studies that cachectic muscle main-
tains the ability to robustly respond to an acute bout of
exercise or contraction. Further work is needed to determine
if repeated bouts of exercise can confer the metabolic
health benefits of exercise after the development of cancer
cachexia [139, 174].

Physical activity and contraction has been established as
a potent regulator of mitophagy and may possess the poten-
tial to correct or attenuate dysfunction mitophagy processes
in cachectic muscle [88, 105, 175–179]. In C26 tumor-
implanted mice, voluntary wheel running attenuated
cachexia-induced p62 and LC3 II/I accumulation indicating
improved mitophagy [179]. Additionally, AMPK activation
via AICAR suppressed p62 accumulation through promotion
of mitophagy and accelerating the turnover of p62 accumula-
tion in cachectic muscle [179]. While there is growing evi-
dence for mitophagic processes in the regulation of cancer
cachexia, additional studies are warranted to establish a
direct role for inflammation in the regulation of these pro-
cesses and to clearly examine mitophagy flux in vivo. Addi-
tionally, the role of exercise and/or muscle contraction in
the regulation of mitophagy in diseased or chronically
inflamed muscle may prove to be a powerful therapeutic for
the restoration of mitophagic balance in cachectic muscle.
Clearly, further research is warranted to examine the com-
plex interaction between cancer-induced inflammation, mus-
cle contraction, and muscle disuse for maintenance or
improvement of cachectic muscle oxidative metabolism.

5. Conclusions

Disrupted mitochondrial homeostasis contributes to the loss
of functional capacity in cancer patients and can negatively
impact the quality of life and survival. Skeletal muscle mito-
chondria not only regulate oxidative metabolism but also
proteostasis and muscle mass maintenance. The role of mito-
chondria in skeletal muscle wasting during cancer cachexia

has emerged as novel investigative target in cachexia studies.
There is a clear relationship between inflammation and
mitochondrial dysfunction related to dynamics, mitophagy,
and biogenesis. While the alterations to mitochondrial
dynamics during cachexia appear evident, a more mechanis-
tic approach is necessary to understand regulatory mecha-
nisms and functional outcomes. A growing body of
research suggests an important therapeutic strategy involving
the reduction of muscle disuse and increasing muscle con-
tractile activity for the maintenance of skeletal muscle
metabolic health, even in the presence of a cachectic environ-
ment. To this end, analysis of functional and metabolic
outcomes, muscle strength, and fatigability are necessary to
understand the totality of the cachectic condition.
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We conducted quantitative cellular respiration analysis on samples taken from human breast cancer (HBC) and human colorectal
cancer (HCC) patients. Respiratory capacity is not lost as a result of tumor formation and even though, functionally, complex I in
HCC was found to be suppressed, it was not evident on the protein level. Additionally, metabolic control analysis was used to
quantify the role of components of mitochondrial interactosome. The main rate-controlling steps in HBC are complex IV and
adenine nucleotide transporter, but in HCC, complexes I and III. Our kinetic measurements confirmed previous studies that
respiratory chain complexes I and III in HBC and HCC can be assembled into supercomplexes with a possible partial addition
from the complex IV pool. Therefore, the kinetic method can be a useful addition in studying supercomplexes in cell lines or
human samples. In addition, when results from culture cells were compared to those from clinical samples, clear differences
were present, but we also detected two different types of mitochondria within clinical HBC samples, possibly linked to two-
compartment metabolism. Taken together, our data show that mitochondrial respiration and regulation of mitochondrial
membrane permeability have substantial differences between these two cancer types when compared to each other to their
adjacent healthy tissue or to respective cell cultures.

1. Introduction

The field of cellular bioenergetics is gaining increased atten-
tion and studies performed during the last years have shown
that targeting cancer cell energy metabolism may be a new
and promising area for selective tumor treatment [1]. The
literature describing changes in energy metabolism and
mitochondrial function during carcinogenesis is, unfortu-
nately, full of contradictions. Majority of previous studies
about the bioenergetics of malignant tumors were performed
in vitro on different cell models with the conclusion that
cancer cells have increased glucose uptake and, due to mito-
chondrial damage, it is not metabolized via oxidative phos-
phorylation (OXPHOS) [2–4]. It is clear that for many

tumors, glycolysis is the main energy provider, but in others,
OXPHOS is still crucial for survival and progression and
produces necessary ATP [1, 5, 6]. Recently, a new concept
for tumor metabolism was proposed—metabolic coupling
between mitochondria in cancer cells and catabolism in stro-
mal cells—which promotes tumor growth and development
of metastases. In other words, tumor cells induce reprogram-
ming in surrounding nontumor cells so that the latter acquire
the Warburg phenotype [7] and start producing and export-
ing the necessary fuels for the anabolic cancer cells (“reverse
Warburg”). The cancer cells will then metabolize these fuels
via their tricarboxylic acid cycle and OXPHOS [8–10].
Complex interplay between developing cancer cells and host
physiology, possibly mediated by “waves” of gene expression
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in the tumor [11, 12], can only develop in vivo and therefore
in vitro studies cannot give conclusive information about the
functional activity and capacity of OXPHOS in human sam-
ples. In vitro models ignore many factors arising from the
tumor microenvironment (TME), which can and will exert
significant effects in vivo. TME consists of nonmalignant
cells, soluble growth factors, signaling molecules, and extra-
cellular matrix that support tumor progression [13], but high
heterogeneity within cancers cell population on top of it con-
tributes to even further complexity in clinical samples [14].
At the same time, the metabolic profiles of tumor cells that
are grown in culture have significant variations primarily
due to the culture conditions, such as concentrations of
glucose, glutamine, and/or fetal serum. Cells grown in
glucose-free medium display relatively high rates of oxygen
consumption, but cultivation in high-glucose medium
increases their glycolytic capacity together with reduced
respiratory flux [15–19].

In addition to intercellular differences, there are also
intracellular rearrangements resulting from tumor forma-
tion. The functional units within cells are often macromolec-
ular complexes rather than single species [20]. In case of
OXPHOS, it has been shown that complexes of the respira-
tory chain can form assemblies—supercomplexes—that lead
to kinetic and possibly homeostatic advantages [21]. There-
fore, pure genome or transcriptome data are not sufficient
for describing the final in situ modifications and the final out-
comes of a pathway or cellular processes are defined by actual
activities of their separate proteins—or their assemblies—to-
gether with the respective regulatory mechanisms. More spe-
cifically, previous studies have shown that in cardiac and
yeast cells, a large protein supercomplex is centrally posi-
tioned in regulation of mitochondrial respiration and mito-
chondrial energy fluxes. The supercomplex consists of ATP
synthasome, mitochondrial creatine kinase (MtCK) or hexo-
kinase (HK), voltage-dependent anion channel (VDAC), and
some regulatory proteins expectedly coordinate the selective
permeability of it. This complex is known as mitochondrial
interactosome (MI) [22], and it is located in the contact sites
of outer and inner mitochondrial membranes. This unit also
includes supercomplexes formed by the respiratory chain
[23, 24]. Changes in the content of ATP synthasome and
respiratory chain supercomplexes in pathological conditions
are still poorly studied. Inhibiting key respiratory enzymes or
avoiding restructuring of mitochondrial supercomplexes in
tumors has potential to disrupt disease progression without
affecting normal cells, thus, providing a powerful new
approach for developing novel therapeutic targets. Specifi-
cally, Rohlenova et al. recently demonstrated that breast can-
cer cells expressing HER2 oncogene develop specific RC
supercomplexes which make complex I in these susceptible
to treatment with chemically altered tamoxifen called Mito-
Tam [25]. MitoTam is taken to a phase I clinical study [25],
and there are other clinical studies undergoing that target
OXPHOS in different cancer types (e.g., trial numbers
NCT01957735 and NCT02650804). Therefore, despite the
assumed glycolytic nature of human tumors, inhibition of
oxidative respiration is proving to be a viable therapeutic
strategy and further studies are needed to define differences

between cancer types but also individual patients in regard
to such treatment.

We have previously shown on clinical samples that both
human breast cancer (HBC) and human colorectal cancer
(HCC) are not purely glycolytic, but these tumors have sus-
tained OXPHOS as a substantial provider of ATP [26–28].
Here, we extend our studies by comparing bioenergetics of
HBC and HCC using kinetic methods.

2. Materials and Methods

2.1. Chemicals. All chemicals were purchased from Sigma-
Aldrich (USA) and were of the highest purity available
(>98%).

2.2. Clinical Materials. The tissue samples were provided by
the Oncology and Haematology Clinic at the North Estonia
Medical Centre (Tallinn). All the samples were analyzed
immediately after surgery. Only primary tumors were exam-
ined and information from respective pathology reports was
provided by the North Estonia Medical Centre for all the
analyzed samples. Informed consent was obtained from
all the patients and coded identity protection was applied.
All investigations were approved by the Tallinn Medical
Research Ethics Committee and were in accordance with
the Helsinki Declaration and Convention of the Council
of Europe on Human Rights and Biomedicine. The entire
group consisted of 34 patients with breast cancer and 55
with colorectal cancer.

2.3. Cell Cultures. MDA-MB-231 and MCF-7 cells were
grown as adherent monolayers in low glucose (1.0 g/L)
Dulbecco’s modified Eagle’s medium (DMEM) with stable
L-glutamine and sodium pyruvate (from Capricorn Scientific
GmbH) supplemented with 10% heat-inactivated fetal
bovine serum, 10μg/mL human recombinant Zn insulin,
and antibiotics: penicillin (100U/mL), streptomycin
(100μg/mL), and gentamicin at a final concentration of
50μg/mL. Cells were grown at 37°C in a humidified incu-
bator containing 5% CO2 in air and were subcultured at
2-3-day intervals.

2.4. Mitochondrial Respiration in Saponin-Permeabilized
Tissue Samples. Numerous studies have demonstrated that
isolated mitochondria behave differently from mitochondria
in situ [29–32]. We therefore have investigated respiratory
activity of tumor and control tissues in situ using the skinned
sample technique [26, 28, 29, 33]. This method allows analy-
sis of the function of mitochondria in cells in their natural
environment and leaves links between cytoskeletal structures
and mitochondrial outer membranes intact [34–37]. Cyto-
chrome c test was used to confirm integrity of the mitochon-
drial outer membrane (MOM) [22, 26, 28, 33]; mitochondrial
inner membrane quality was checked using a carboxyatracty-
loside (CAT) test as the last procedure in every experiment
[22, 26, 28, 33]. Rates of O2 consumption were assayed at
25°C using Oxygraph-2k high-resolution respirometer (Oro-
boros Instruments, Innsbruck, Austria) loaded with pre-
equilibrated respiration buffer medium B [26]. Activity of
the respiratory chain was measured by substrate-inhibitor
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titration as described earlier [26, 38]. The solubility of oxygen
at 25°C was taken as 240 nM/mL [39]. The solubility of oxy-
gen is much lower at 37 than at 25°C, but also, the skinned
samples from malignant clinical material are more stable
at 25°C. All rates of respiration (V) are expressed in nM
O2/min per mg dry tissue weight for solid tumors and in
nM O2/min per million cells for cell cultures.

2.5. Metabolic Control Analysis. Metabolic control analysis
(MCA) is a method for studying regulatory mechanisms in
complex metabolic systems [40–42]. Flux control coefficient
(FCC) is defined as the ratio of fractional change in a system
variable to fractional change in a biochemical activity that
caused the change in the given system [42]. FCC or CJ

vi is
the extent to which an enzyme in a pathway controls the flux
(J); it corresponds to the percentage decrease in flux caused
by a 1% decrease in the activity (vi) of that enzyme [41, 43]:

CJ
vi =

dJ/dvi
J/vi

= dlnJ
dlnvi

1

This method shows how the control is shared between
the enzymes and the transporters of the pathway and enables
to identify the steps that could be modified to achieve suc-
cessful alteration of the flux or metabolite concentration in
the pathway. But it also permits the identification of system
components that are crucial in the regulation of energy
transfer and regulatory networks [40–42, 44–46].

MCA has previously been applied in our lab to human
breast and colorectal cancer skinned samples to determine
the FCCs for respiratory chain complexes. The flux was mea-
sured as the rate of O2 consumption in permeabilized tissues
derived from HCC patients when all components of the
OXPHOS system were titrated with specific irreversible or
pseudoirreversible inhibitors to stepwise decrease selected
respiratory chain complex activities according to a previously
published method [26, 27, 47, 48].

2.6. Western Blot Analysis of the Level of Mitochondrial RC
Complexes Expression. Postoperative human tissue samples
(70–100mg) were crushed in liquid nitrogen and homoge-
nized in 20 volumes of RIPA lysis buffer (50mM Tris-HCl
pH8.0, 150mMNaCl, 2mM EDTA, 0.5% sodium deoxycho-
late, 0.1% SDS, 0.1% Triton X-100, and complete protease
inhibitor cocktail (Roche)) by Retsch Mixer Mill at 25Hz
for 2min. After homogenization, samples were incubated
for 30min on ice and centrifuged at 12,000 rpm for 20min
at 4°C. The proteins in the supernatants were precipitated
using acetone/TCA to remove nonprotein contaminants.
Briefly, supernatants were mixed with 8 volumes of ice-cold
acetone and 1 volume of 100% TCA, kept at −20°C for 1 h
and then pelleted at 11500 rpm for 15min at 4°C. The pellets
were washed twice with acetone and resuspended in 1x
Laemmli sample buffer.

Proteins were separated by polyacrylamide gel electro-
phoresis, transferred to a polyvinylidene difluoride (PVDF)
membrane, and subjected to immunoblotting with the total
OXPHOS antibody cocktail (ab110411). Then, the mem-
branes were incubated with corresponding horseradish

peroxidase-conjugated secondary antibody and visualized
using an enhanced chemiluminescence system (ECL; Pierce,
Thermo Fisher Scientific). After chemiluminescence reac-
tion, the PVDF membranes were stained with Coomassie
brilliant blue R250 to measure the total protein amount.
The complexes I–V signal intensities were calculated by
ImageJ software and normalized to total protein intensities.

Expression levels of complex I in HCC and normal
tissues were additionally estimated using anti-NDUFA9
antibody that corresponds to NADH dehydrogenase 1α sub-
complex 9 (SAB1100073). The samples were incubated and
visualized as described above. Levels of NDUFA9 encoding
protein were normalized to total protein content.

2.7. Citrate Synthase Activity. Activity of citrate synthase in
tissue homogenates was measured as described by Srere
[49]. Reactions were performed in 96-well plates containing
100mM Tris-HCl pH8.1, 0.3mM AcCoA, 0.5mM oxaloace-
tate, and 0.1mM DTNB using FLUOstar Omega plate reader
spectrophotometer (BMG Labtech).

2.8. Data Analysis. Data in the text, tables, and figures are
presented as mean± standard error (SEM). Results were ana-
lyzed by the Student t-test; p values <0.05 were considered
statistically significant.

3. Results and Discussion

3.1. Respiratory Chain Analysis and Presence of
Supercomplexes. Suppression of mitochondrial electron
transport chain function is widespread in cancer, and this is
closely connected to apoptosis resistance [50–54]. However,
studies are often conducted on cell cultures and therefore lit-
tle is known about respiratory chain (RC) function in clinical
human breast and colorectal carcinomas in situ. To reveal
possible disturbances, we conducted comparative quantita-
tive analysis on the respiration rates for different RC com-
plexes in permeabilized HBC and HCC and their adjacent
normal tissue samples. Data for healthy breast tissue has been
left out from most of the following calculations due to
very low ADP-dependent oxygen consumption in this tis-
sue type as it is not sufficient to assess inhibitory effects of
antimycin A or rotenone or compare these results to other
studied samples.

Multiple substrate-inhibitor titration protocol was used
for measuring respiratory capacities of different respiratory
chain segments (Table 1) [30, 55]. All respiration rates
corresponding to the activities of different RC complexes
are increased in both investigated human cancers when com-
pared to their adjacent normal tissue. The mean value of
basal respiration (state 2, Vo) in skinned HCC samples is
higher than that in normal tissue and depends on the used
respiratory substrates. Specifically, in the presence of gluta-
mate and malate, HCC and its control tissue fibers exhibit
lower state 2 respiration rates than in the presence of
glutamate, malate, and succinate; similar dependence was
observed for the breast cancer samples (Figure 1). One possi-
ble reason for this difference can be succinate-dependent
proton leak in tumor tissue [56–58]. Addition of 2mM
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MgADP for studying complex I-based state 3 (in the pres-
ence of glutamate and malate without succinate) increased
mitochondrial respiration rates in all tissue samples and
following addition of complex I-specific inhibitor (rotenone)
inhibited the respiration back to the initial state 2 levels
(Table 1). Similarly, the function of complex II was quan-
tified upon ADP-stimulated respiration in the presence of
rotenone and succinate; at these conditions, the complex
I activity is inhibited and apparent respiration rate origi-
nates from complex II. Complex III in both HBC and
HCC was confirmed to be fully functional as an addition
of antimycin A inhibited the electron flow from complex
III to mitochondrial complex IV (COX) (Table 1). The
activation of mitochondrial complex IV (addition of
5mM ascorbate and 1mM tetramethyl-p-phenylenedia-
mine) resulted in a remarkable increase in the rate of O2
consumption in all examined samples, both cancerous
and normal, but the increase was nearly two times higher
in cancer tissue.

Complex I deficiency is the hallmark of multiple mito-
chondrial diseases and is generally considered to be an
intrinsic property of some cancers [58–63]. Indeed, our
experiments confirm that development of HCC results in
reducedVGlut/VSucc ratio which indicates relative suppression
of the complex I-dependent respiration [58]. Similar results
have previously been described for gastric and ovarian cancer
tissues but also in some cancer cell cultures [58, 63–66]. Defi-
ciency of complex I in some tumors might be an early event
causing an increase inmitochondrial biogenesis in an attempt
to compensate for the reduction in OXPHOS function [63].
Computer modeling predicts that the mechanisms of this
compensation can use multiple pathways like β-oxidation of
fatty acids, mitochondrial folate metabolism, and others
[67]. Our results showed that this suppression is pronounced
on the functional level in HCC (Figure 2(a)), but to identify
the changes on the protein expression level, we analyzed the
RC complexes with total OXPHOS antibody cocktail
(Figure 3). Based on this type of approach, the suppression
of RC complex I was found to be absent if the results were
normalized to total protein. The suppression of complex
I in HCC was additionally studied by Western blot
analysis with antibodies against only one complex I subu-
nit—NDUFA9 (see Supplementary Fig 1 available online
at https://doi.org/10.1155/2017/1372640). This result, how-
ever, confirmed the suppression of complex I. As seen
from those experiments, analysis of RC, using the semi-
quantitative WB method, can be strongly dependent on
experimental conditions: against what complex I subunit
the antibodies were used and which normalization
conditions are applied. Additionally, complex II in colon
samples did not indicate possible suppression in that alter-
native pathway as differences in VSucc/VCOX ratios were
not significant (Figure 2(b)) [68].

In contrast to HCC, mitochondrial respiration in HBC
samples is not accompanied with suppression of complex I-
dependent respiration (Figures 2(a) and 2(b)). Altogether,
the relative complex I deficiency on the functional level in
our oxygen consumption measurements is characteristic for
HCC but not for HBC tissue.

Remarkable numbers of studies have shown that RC
complexes can form protein assemblies (supercomplexes).
These supramolecular structures provide kinetic advantage
such as substrate channeling, increased efficiency in electron
transport, prevention of destabilization, and degradation of
respiratory enzyme complexes [21] and means to regulate

Table 1: Characterization of respiratory parameters of
permeabilized tissue samples derived from patients with breast or
colorectal cancer.

Parameters
HBC patients, n = 7 [26] HCC patients, n = 7

[28]
Tumor Control Tumor Control

Vo 0.294± 0.024 0.004± 0.007 1.06± 0.14 0.82± 0.15
VADP 0.71± 0.06 0.055± 0.004 2.02± 0.21 1.39± 0.21
Vrot 0.34± 0.04 0.070± 0.015 0.91± 0.11 0.85± 0.14
VSucc 0.74± 0.10 0.076± 0.008 2.22± 0.26 1.33± 0.18
VANM 0.38± 0.04 0.071± 0.018 1.04± 0.09 0.69± 0.07
VCOX 2.36± 0.33 1.23± 0.18 6.59± 0.71 3.84± 0.58
Note: here, each data point is the mean ± SEM of respiratory values. Vo: basal
respiration without ADP or ATP; VADP: ADP-stimulated respiration (final
concentration 2mM) in the presence of 5 mM glutamate and 2mM malate
(indicating the function of the respiratory chain complex I); Vrot: rates of
respiration after addition of 50 μM rotenone (an inhibitor of complex I);
VSucc: ADP-stimulated respiration in the presence of rotenone and 10mM
succinate (to estimate the function of complex II); VANM: rates of
respiration after addition 10 μM antimycin-A (an inhibitor of complex III);
VCOX: rates of O2 consumption in the presence of complex IV substrates
(5 mM ascorbate jointly with 1mM tetramethyl-p-phenylenediamine).
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Figure 1: Assessment of state 2 respiration rates of the
permeabilized HCC, HBC, and normal adjacent tissue samples in
the presence of different combinations of respiratory substrates
(5mM glutamate, 2mM malate, and 10mM succinate). Bars are
SEM, n = 8 for colon samples, and n = 12 for breast tissue
samples, ∗p < 0 05.
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ROS levels in the cell (most of the mitochondrial ROS origi-
nates from complexes I and III) [69] and hence, homeostasis.
The RC complex I is considered to be the most important
component in these assemblies, and it is a member of almost
all known respirasomes [70–74]. In previous studies, com-
plexes I, III, and IV were found to be assembled into super-
complexes in different configurations, but complex II was
not confirmed to be a component of these RC supercom-
plexes and was assumed to move freely in the mitochondrial
inner membrane [70, 75, 76]. Relative deficiency of the RC
complex I on the functional level (as shown above) may be
a result of changes in supercomplex composition as a part
of malignant transformation.

In addition to RC supercomplexes, along with respira-
somes, one more molecular transmembrane protein
supercomplex (which is known as ATP synthasome; [77])

was identified as the component of the OXPHOS system.
The ATP synthasome complex consists of ATP synthase,
inorganic phosphate carrier, and adenine nucleotide translo-
cator (ANT) [48]. The current model of mitochondrial inter-
actosome (MI) considers the ATP synthasome and RC
complexes together with voltage-dependent anion channel
(VDAC) and mitochondrial creatine kinase (MtCK) as
components of intracellular energetic units [22]. Even
though MI is proven in striated muscles, the functional
role of it, together with MtCK, in malignant samples
remains controversial [78], but it indicates that both ATP
synthasome and RC complexes can form even more complex
functional structures.

In addition to steady-state proteome studies, kinetic
testing of metabolic fluxes using MCA can provide prelimi-
nary information about supramolecular organization in the
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Figure 2: (a) Oxygraphic analysis of the functioning of complex I in skinned tissues from patients with HBC or HCC; here, VGlut/VSucc is the
ratio of ADP-stimulated respiration rate in the presence of 5mM glutamate and 2mM malate (activity of complex I) to ADP-stimulated
respiration rate in the presence of 50 μM rotenone and 10mM succinate (activity of complex II). (b) VSucc/VCOX is the ratio of complex II
respiration rate to complex IV respiration rate. Data shown as mean± SEM; n = 7 for colon [28] and breast tissue samples [26], ∗p < 0 05.
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energy transfer system and enables to quantify the flux
exerted by the different RC and the ATP synthasome com-
plexes [27, 28, 79]. MCA can discriminate between two pre-
vailing models: the former model, based on the assumption
that each enzyme can be rate controlling to a different extent,

and a subsequent model, where whole metabolic pathway can
behave as a single channel and inhibition of any of its compo-
nents would give the same flux control [80]. Bianchi et al.
proposed that both complexes I and III are highly rate con-
trolling in NADH oxidation, suggesting the existence of
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Figure 4: FCCs for ATP synthasome and RC complexes as determined by MCA. Two ways of electron transfer were examined: NADH-
dependent and succinate-dependent electron transfers, and respective sums of FCCs are calculated as the last bars. Data for HBC is
published before in [26], except for complex II with atpenin A5. Isolated mucosal tissue was used for colon control.
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functional association between these two complexes [80]. To
confirm the formation of supercomplexes in HCC- and
HBC-skinned samples using MCA, we investigated the flux
control coefficients (FCCs) for the complexes involved in aer-
obic NADH oxidation (I, III, and IV), in succinate oxidation
(II, III, and IV), and for components of the ATP synthasome.
For this purpose, cancerous and normal tissue samples were
titrated with increasing concentrations of specific inhibitors
against all of the ATP synthasome and RC complexes.
Figure 4 summarizes the data analyzed in three different
ways: by a graphical model [40, 41, 81], according to Small
[82], and the Gellerich model [44]. The obtained FCC values
did not depend on which exact method was used for calcula-
tions. The main problem in these calculations is high hetero-
geneity of the clinical material, which from the one hand
originates from cancer molecular subtypes (e.g., Lumianal
A/B, HER2 or triple negative in HBC; unknown subtypes in
HCC) but on the other hand originates from heterogeneity
of tumor cells within each tumor [14] or irregular stromal
burden. Therefore, the obtained coefficient values do not
only depend on which patients were included to the study,
but the results may also depend on which particular tumor
region was used from each patient sample. This can be con-
sidered as an inevitable part in analyzing clinical samples.

Previous work has shown that the main respiratory rate-
controlling steps in HBC cells are complex IV (FCC=0.74)
and adenine nucleotide transporter (ANT, FCC=1.02) [26].
Similar control distribution was not observed within HCC
ATP synthasome complex as FCCs for ANT were found to
be significantly lower when HCC was compared to the results
of healthy colon mucosa (FCC=0.284 for HCC and
FCC=0.970 for healthy colon). These results show that
ANT exerts high flux control in healthy colon tissue (and in
HBC), but ANT seems to lose its limiting role in HCC.
Ramsay et al. believe that hexokinase-voltage-dependent
anion channel-ANT complex, which spans across the outer
and inner mitochondrial membranes, is critical in cancer
cells as this complex is the link between glycolysis, oxidative
phosphorylation, and mitochondrial-mediated apoptosis
[83]. Therefore, the difference between HBC and HCC, in
regard to ANT-exerted flux control, indicates to distinct dif-
ference in energy metabolism between these two tumor types

(Table 2; Figure 4). In addition, HBC is showing equal FCCs
for ATP synthase and inorganic phosphate transporter (Pi)
in ATP synthasome, but this phenomenon is not characteris-
tic neither for healthy colon mucosa nor for colorectal
cancer. These alterations could be related to mitochondrial
permeability transition pore (mtPTP) and apoptosis.
Bernardi et al. studied the key regulatory features of the
mtPTP [84–87], and the same group of authors has pointed
to the fact that ANT can modulate the mtPTP, possibly
through its effects on the surface potential, but it is not a
mandatory component of this channel.

FCCs within the RC system in HBC do not differ signifi-
cantly and the flux control is distributed almost uniformly
throughout the different complexes (Table 2, Figure 4). Such
condition is an indication of possible presence of protein
supercomplexes (approximately equal values of FCCs for
RC complexes I and III—0.46 versus 0.54, resp.). On the
other hand, the flux distribution for normal colon tissue,
when compared to HCC, showed slight difference for that
for complex IV (FCC 0.50 versus 0.31), but flux control coef-
ficients with close values were calculated for complex I (FCC
0.45 versus 0.56) and complex III (FCC 0.66 versus 0.68).
Similarity in FCCs for complex I and complex III for both
HCC and healthy colon tissue enables to propose that in
healthy conditions, complex III is attached to complex I (pos-
sibly together with multiple copies of complex IV), but
during carcinogenesis, the supercomplex assembly changes
and even though complex I and complex III seem to stay
linked, the participation of complex IV in this assembly
becomes uncertain. Functional assembly of complexes I and
III together with their rate-limiting roles will lead to sum of
FCCs being greater than 1 [73] (see below).

Role of complex IV is multifaceted as three popula-
tions of it have previously been suggested: population
assembled with complex I and complex III, population
assembled with complex III alone and a non-interacting
population [74]. Several data show that the absence of
functional supercomplex assembly factor I (SCAF1) may
be involved in distribution of complex IV [74, 75, 88].
As outlined in the review article by Enrìquez, total cell res-
piration (glucose, pyruvate, and glutamine as substrates)
was significantly higher in cells lacking functional SCAF1

Table 2: FCCs for different components in mitochondrial Interactosome and ranges of the concentrations of inhibitors.

MI component Inhibitor Range of inhibitor concentration
FCC

HCC Control colon tissue (mucosa) HBC

Complex I Rotenone 1–100 nM 0.56 0.45 0.46∗

Complex II Atpenin A5 0.1–6μM 0.12 0.13 0.28

Complex III Antimycin 1–200 nM 0.68 0.66 0.54∗

Complex IV Na cyanide 0.1–40μM 0.31 0.50 0.74∗

ANT Carboxyatractyloside 1–200 nM 0.28 0.97 1.02∗

ATP synthase Oligomycin 1–600 nM 0.25 0.24 0.61∗

Pi transporter Mersalyl 1–200 μM 0.43 0.53 0.60∗

Sum 1, 3–7 Total (NADH) 2.08 2.82 3.36

Sum 2–7 Total (succinate) 2.07 3.03 3.78

Note: ∗from [26].
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[74]. High total cell respiration was registered also for
both cancer types described in this paper, but presence
or absence of functional SCAF1 was not investigated.

The sums of the determined FCCs within cancerous and
healthy sample groups were calculated to be in the range
from 2.07 to 3.78. In theory, sum of FCCs in a linear system
is 1 [5, 40, 42–44, 89, 90], but the value of it can increase if
the system includes enzyme–enzyme interactions, direct
channeling, and/or recycling within multienzyme complexes
(i.e., system becomes nonlinear) [79, 80, 91, 92]. The higher
sum of FCCs from our tests is not a result of diffusion
restrictions because the concentration ranges for all of the
inhibitors in various samples were similar and did not
depend on the nature of the samples [26, 28, 47, 48].

The organization of RC complexes in the mitochondrial
inner membrane has been an object of intense debate and it
is not studied systematically in human normal or cancerous
tissues. Given the known theoretical framework, our results
confirm the plasticity model and agree with the data from
Bianchi et al. [80], but the distribution of complex IV
remains unclear—both random distribution and association
into I-III-IV supercomplex can be possible. Large FCC for
complex II is not characteristic neither for HBC, for HCC,
nor for healthy colon tissue, and therefore, our kinetic studies
confirmed previous findings that this complex is not a part of
RC supercomplexes.

The question about the changes in the composition and
stoichiometry of protein supercomplexes, which result from
carcinogenesis, needs further studies, and in addition, as
mitochondria have other additional roles in cellular metabo-
lism, it can be presumed that changes in RC are also affecting
cataplerotic processes sprouting from the mitochondria, but
such link has not yet been studied yet.

3.2. ADP-Regulated Mitochondrial Respiration in HBC and
HCC Fibers. Table 3 summarizes ADP-regulated mitochon-
drial respiration parameters determined for skinned tissue
samples taken from both patient groups. Differences in the
rates of maximal ADP-activated respiration (Vmax) in colon
tissue samples are corresponding to the differences in the
content of mitochondria in these cells (the amount of mito-
chondria in HCC is 50% higher than that in healthy control
tissue [28] (supplementary Table 1)). Our previous experi-
ments have shown that HBC tissue, too, contains an
increased number of mitochondria in comparison to its adja-
cent normal tissue [27, 93] (supplementary Table 1). As indi-
cated above, ADP-dependent respiration in healthy human
breast tissue is absent. Breast samples contain lot of fat tissue,
but low Vmax values were evident even if clearly lobular/duc-
tal structures were separated and tested. Low respiratory
capacity can also be indicating to lowered metabolic activity
in normal ductal/lobular tissue in older women (average
age of HBC patients in this study was 63.4 years). In contrast
to normal breast tissue, the colon control tissue samples have
significantly higher respiration rates (Table 3). Specifically,
respiratory capacity is higher in apparent mucosal/submuco-
sal section of the normal colon tissue samples compared to
that of the underlying smooth muscle part as we manually

separated and tested these two layers in a selection of colon
tissue samples (Figure 5(b)).

HBC arises from tissue with almost absent ADP-related
respiration, but once formed, the mechanism of energy con-
version seems to acquire a more complicated form and it can
be associated with both increased mitochondrial biogenesis
and interplay between cancer and stromal cells [26]. HBC
can be classified into four clinically distinct and significant
molecular subtypes: luminal-A, luminal-B, HER2 expressing,
and triple negative. Clinically, luminal-A is considered the
least and triple negative as the most aggressive subtype.
Therefore, we expected to see clear differences when respira-
tory parameters of those two extreme subtypes were mea-
sured. Initially, respiration rates were analyzed in Luminal-
A type MCF7 and triple negative MDA-MB-231 cell lines.
When compared, respiration rates in presence of glutamate
or pyruvate clearly showed that oxygen consumption in
luminal-A subtype cells is remarkably higher (Figure 5(b)).
But in contrast, the exact opposite was registered for the same
parameters in clinical samples (Figure 5(a)) as the highest
respiratory rates were registered for the most aggressive triple
negative subtype. From the one hand, this contradicting
result shows that cell cultures are not directly comparable
to respective clinical counterparts and can lead to misguiding
expectations. On the other hand, it proves that the role of
OXPHOS becomes increasingly important in clinical sam-
ples as aggressiveness of the tumor increases, but it is not evi-
dent in the respective culture cells. In the present case, it is
not a result of increased glucose availability in the growth
medium, which could lead the cells to acquire glycolytic phe-
notype and explain the difference with clinical samples,
because low-glucose media was used.

For HCC, which is without distinct clinical subtypes, we
compared disease stage to average Vmax value for that stage
(Figure 6(a)). Even though increase in Vmax in initial stages
can be calculated in comparison to control sample, the
decrease in Vmax for stages IIIC and IVB does not fit this
increase in dependence. The disease stage at diagnosis itself
is not a valid marker of aggressiveness and therefore such
plotting can be debated. Therefore, we gathered initial longi-
tudinal data on patient progression in our HCC cohort and
confirmed that 7 out of 32 eligible patients had died (median

Table 3: Apparent Km (appKm) and maximal rate of respiration
(Vmax) values for ADP-dependent respiration calculated for HBC,
HCC and their adjacent healthy tissue samples.

Tissues appKm, μM± SEM Vmax± SEM
Human breast cancer tissue 114.8± 13.6∗ 1.09± 0.04∗
Healthy adjacent breast control
tissue

— 0.02± 0.01∗

Human colorectal cancer tissue 93.6± 7.7∗∗ 2.41± 0.32
Healthy adjacent colon control
tissue

256∗∗ ± 34 0.71± 0.23

Note: ∗from [26] and ∗∗ [38];Vmax values are presented as nMO2/min/mgdry
tissue weight without proton leak rates. These Km and Vmax values for ADP
were determined from corresponding titration curves by fitting experimental
data to non-linear regression equation according to a Michaelis–Menten
model. 35 patients used for analysis of HBC and 35 for HCC.
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follow-up time 47.3± 4.9months). Vmax values in patients
that succumbed to the disease were significantly higher than
that in the currently not progressed group (Figure 6(b)). As
was shown for HBC above, higher respiratory capacity was
registered for the most aggressive triple negative subgroup.
Therefore, it can be argued based on similarity that higher
tumor respiratory parameters in the dead HCC patients were
indicating to more aggressive disease. In addition, lower than
expected respiratory rate in some triple negative tumors can
therefore indicate that given patient, when compared to the
average in the triple negative subgroup, has less aggressive
disease than could be expected. To confirm this in larger
cohorts and relate aggressiveness in HCC and HBC to Vmax
value, additional longitudinal studies are necessary.

We next measured apparent Michaelis–Menten con-
stants (Km) for ADP to characterize the affinity of mitochon-
dria for exogenous ADP (i.e., permeability of mitochondrial
outer membrane). Corresponding Km values for perme-
abilized tumor and nontumorous tissues were determined
from titration experiments using exogenously added ADP.
The obtained data were plotted as rates of O2 consumption
versus ADP concentration and apparent Km values were cal-
culated from these plots by nonlinear regression equation.
Healthy colon tissue displayed low affinity for ADP
(Km=256± 3μM), whereas that in HCC is significantly
higher (Km=93.6± 7.7μM) [38]. The Km (ADP) value for
HBC tissue samples (Km=114.8± 13.6μM) was similar to
that for HCC [26].
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Figure 6: (a) Dependence of maximal rate of mitochondrial respiration (Vmax) compared with the HCC at different stages. Stage I was
calculated as the mean of 13 patients, IIA, IIB - 13 patients, IIIB-4 patients, IIIC-3 patients and IVB-1 patient. Control colon tissue is
obtained from 34 patients. Maximal respiration rate Vmax is compared with that in control tissue. Bars are SEM; ∗∗p < 0 005. (b) Vmax in
HCC patients based on disease state in follow-up setting. Seven patients out of 32 are confirmed to have succumbed to HCC (Vmax = 3.19
± 0.34); 25 patients out of 32 stay in remission (Vmax = 1.70± 0.17), ∗∗∗p < 0 001.
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According to the classical studies by Chance and
Williams [94, 95] and the data of many other investigators
[29, 30, 37], the apparent Km value for ADP for isolated mito-
chondria is low, about 15μM, but the observed apparent Km
values in our study for permeabilized clinical HBC and HCC
samples were 6–8 times higher than this value (Table 3). Our
previous studies have shown that sensitivity of the mitochon-
drial respiration for exogenous ADP for permeabilized NB
HL-1 cells is also high as the apparent Km equaled to 25
± 4μM and was similar to that of isolated heart mitochondria
[34, 96]. The similar low apparent Km values were also
registered for undifferentiated and differentiated neuro-
blastoma culture cells, where the corresponding Km for
ADP were measured as 20.3± 1.4μM and 19.4± 3.2μM,
respectively [97]. The registered difference between cul-
ture cells and clinical samples, despite the used prepara-
tion method, again indicates to differences present in
these two sample groups.

We treated permeabilized samples with incremental con-
centrations of ADP and the measured O2 consumption rates
(normalized to Vmax) were analyzed against respective ADP
concentration values as double reciprocal Lineweaver–Burk
plots (Figures 7(a) and 7(b)) [29]. Figure 7(a) shows the
results of the Lineweaver–Burk treatment of the experimen-
tal data linked with ADP-regulated mitochondrial respira-
tion in skinned fibers of HCC, healthy colon, and HBC.
Corresponding Vmax and Km values were calculated from
the linearization approach. Saks and colleagues have previ-
ously shown that the presence of biphasic respiration regula-
tion on the graph curve indicates the existence of two
populations of mitochondria with different affinities for
ADP [29]. Our results indicated such differences in colon

control and HBC samples. Specifically, monophasic regula-
tion of mitochondrial respiration is apparent in HCC tissue,
but in healthy colon tissue, two populations of mitochondria
with very different properties were found (Figure 7(a)). One
population of mitochondria is characterized with lower Km
(42± 14μM), whereas the apparent Km (ADP) value for the
second mitochondrial population is nearly seven times
higher (288± 67μM). We thereafter again separated mucosal
and smooth muscle parts from the colon samples before
additional Km measurements to characterize their isolated
contributions. Apparent Km value for mucosal part was mea-
sured to be 74.7± 4.3μM and the same value for colon
smooth muscle tissues was found to be 362± 60μM
(Figure 7(b)). Therefore, results after separation explain the
results from the initial experiment where the entire colon
wall was analyzed and two separate groups of mitochondria
were discovered. Additionally, we could also distinguish
two differently regulated types of mitochondria in HBC sam-
ples: one with apparent Km value for MgADP of 20.4
± 6.2μM, but the same for the second mitochondrial
population was nearly ten times higher, 158.5± 9.9μM
(Figure 4(a)). The phenomenon shown in Figure 7(a) can
be associated, on the one hand, simply with elevated stromal
content (in such case, similar results should have been also
registered for HCC), but on the other hand, with possible
two-compartment tumor metabolism in HBC, what states
that tumor cells function as metabolic parasites and
extract energy from supporting host cells such as fibro-
blasts [98–103]. In such case, the stromal part of the HBC
samples can be characterized with glycolytic metabolism
representing the low Km value due to high levels of autoph-
agy, mitophagy, glycolysis, and lipolysis, while cancer cells
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have high mitochondrial mass, OXPHOS, and β-oxidation
activity, which is represented by the mitochondrial popula-
tion with the high Km (ADP) values. From the given com-
parison between HBC and HCC, the two subpopulations
of mitochondria are specific only to HBC samples (con-
firmed in 32 cases out of the total 34) but not to HCC
samples, and it indicates that tumor formation leads to
distinct changes, which is related to the tissue type the
tumor originates from.

Altogether, these results indicate the remarkable differ-
ences in the regulation of mitochondrial outer membrane
(MOM) permeability between cultured tumor cells and clin-
ical material (including between different tumor types and
even between patients). Even further, the results can be con-
tradictory as registered for respiration parameters. It can be
estimated, based on the results from our lab, that low Km
value for ADP can be a common characteristic for can-
cer cells grown in culture, but in in vivo tumor samples,
the regulation of MOM permeability is more compli-
cated and probably related to interplay between energy
transfer pathways and changes in the phosphorylation
state of VDAC channels [32, 104–107] and also with
modulation of cytoskeleton or membrane potential as a
result of tumor formation.

4. Concluding Remarks

To understand the energy metabolism of tumors, it is neces-
sary to detect bioenergetic fingerprints of each individual

tumor type. Our results confirmed that respiratory capacity
is preserved in both HBC and HCC as these both demon-
strated substantial rates of oxidative phosphorylation, which
contradicts with earlier widespread understanding that the
metabolism of human breast and colorectal carcinomas is
prevalently glycolytic. Studies on cell lines up to now have
led to many lifesaving technologies and treatments in
humans, but the scientific level might be nearing the end of
readily transferrable results between the cell model and
human physiology. Our results indicated that apparent gly-
colytic nature of some breast cancer types could be expected
based on cell cultures, but this presumption was in sharp
conflict when culture cell results were compared with these
from respective clinical samples. In addition, when compared
to their healthy adjacent tissue, both clinical cancer types
showed increased respiratory capacity. Despite the increased
respiratory capacity in HCC, relative deficiency of complex I
was registered for it on the functional level Western blot
analysis was not sufficient to confirm this deficiency on the
protein level as two different antibody approaches gave con-
flicting results, but this result proves the necessity to measure
pathways also on the functional level whenever possible to
compare the function to steady-state markers like presence
or abundance of certain enzymes. Our experiments indicate
that the respiratory chain and ATP synthasome can form
macromolecular assemblies (supercomplexes) with reorga-
nized composition and/or stoichiometry while the changes
are specific for different tumor types. This is in good agree-
ment with recent studies from other laboratories [25] and
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the current work shows that equal results can be obtained
using kinetic methods, but additional studies are warranted
to include results from protein level studies using the blue
native gel electrophoresis (BNGE) technique. Our Km
measurements confirmed that two populations of mito-
chondria registered in healthy colon tissue can be categorized
as different layers of the colon wall, but in HBC, the sub-
groups can be linked to two-compartment metabolism where
tumor acts as a metabolic parasite on normal stromal cells.
Mitochondria of HCC are homogenous in terms of regula-
tion of the mitochondrial outer membrane permeability
and MCA (Figure 8).

Mitochondria are not only the centers of cellular energy
conversion but are also the important part in biosynthetic
metabolism and apoptosis. Therefore, direct detection of
profound changes in the ATP synthasome components and
in the architecture of the respiratory chain complexes, as
shown in the current work, can support development of
new predictive models or therapies.
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ANT: Adenine nucleotide translocator
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Additional Points

Highlights. (1) Relative complex I functional deficiency is
characteristic for HCC but not for HBC. (2) HBC respiratory
capacity severely higher than in adjacent normal breast
tissue. (3) Complexes I and III expectedly assembled in both
tumorous and normal tissues. (4) Km for ADP shows distinct
differences between cell cultures and clinical samples. (5)
Two distinct mitochondrial populations present in HBC
but not in HCC.
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Oxidative stress is widely recognized as an important factor in the delayed wound healing in diabetes. However, the role of
mitochondrial reactive oxygen species in this process is unknown. It was assumed that mitochondrial reactive oxygen species are
involved in many wound-healing processes in both diabetic humans and animals. We have applied the mitochondria-targeted
antioxidant 10-(6′-plastoquinonyl)decyltriphenylphosphonium (SkQ1) to explore the role of mitochondrial reactive oxygen
species in the wound healing of genetically diabetic mice. Healing of full-thickness excisional dermal wounds in diabetic
C57BL/KsJ-db−/db− mice was significantly enhanced after long-term (12 weeks) administration of SkQ1. SkQ1 accelerated
wound closure and stimulated epithelization, granulation tissue formation, and vascularization. On the 7th day after wounding,
SkQ1 treatment increased the number of α-smooth muscle actin-positive cells (myofibroblasts), reduced the number of
neutrophils, and increased macrophage infiltration. SkQ1 lowered lipid peroxidation level but did not change the level of the
circulatory IL-6 and TNF. SkQ1 pretreatment also stimulated cell migration in a scratch-wound assay in vitro under
hyperglycemic condition. Thus, a mitochondria-targeted antioxidant normalized both inflammatory and regenerative phases of
wound healing in diabetic mice. Our results pointed to nearly all the major steps of wound healing as the target of excessive
mitochondrial reactive oxygen species production in type II diabetes.

1. Introduction

Impaired wound healing and chronic wounds are a significant
source of complications of diabetes mellitus. Wound healing
is a complex sequence of cellular and molecular processes
consisting of inflammation, formation of the granulation
tissue (including myofibroblast accumulation, extracellular
matrix synthesis, and angiogenesis), reepithelialization, and
tissue remodeling. The impact of diabetes is widespread and
pleiotropic, affecting the majority of cells and mechanisms
involved in the repair process. These in particular include
prolonged and exacerbated inflammatory stage, inadequate

expression of growth factors at the site of injury, impaired
angiogenesis, dysfunction of fibroblasts and epidermal cells,
and impaired ability of bone marrow progenitor cells to
migrate to the lesion [1].

Oxidative stress is now recognized as a key participant in
the development of many diabetic complications. Excessive
generation of reactive oxygen species (ROS) in diabetes is
largely due to acute rises in serum glucose and accumulation
of advanced glycation end products (AGEs) [2]. A delicate
balance between the positive role of ROS and their deleteri-
ous effects is important for proper wound healing. Oxidative
stress in diabetes may be involved in nearly all of the above-
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mentioned pathologies related to impaired wound healing
[1, 3, 4].

It was hypothesized that the damaging effects of hyper-
glycemia are activated by mitochondrial ROS (mtROS)
overproduction [5, 6]. However, a recently proposed mito-
chondrial hormesis theory challenged this point of view [7].
Probably, mtROS are also the key players in the development
of insulin resistance [8] thus participating in a vicious cycle of
diabetes progression.

Plastoquinone derivatives covalently conjugated with
lipophilic cations (SkQ) are one of the most intensively stud-
ied groups of mitochondria-targeted antioxidants [9]. It was
shown that SkQ1 treatment of obese mice kept on a high-
fat, high-sucrose diet normalized H2O2 and protein carbonyl
levels in muscles [10]. At the same time, SkQ1 did not affect
weight gain, triacylglycerol, glucose, and insulin level in
plasma and did not protect insulin signaling in the skeletal
muscle. Interestingly, SkQ1 prevents high-fat diet-induced
increases in mitochondrial biogenesis probably mediated by
activation of Ca2+/calmodulin-dependent protein kinase
CaMKII [10, 11].

In our recent study, we have found that long-term (8
months) oral administration of SkQ1 dramatically improves
impaired dermal wound healing in aging mice [12]. In the
present study, we have investigated whether SkQ1 could
affect wound healing in the mice model of type II diabetes.

2. Materials and Methods

2.1. Animals and Antioxidant Treatment. Male mutant
homozygousC57BL/KsJ-db−/db− (db/db)micewere obtained
from theCenter of Biomedical Technologies, RAMS,Moscow.
The experimental group of animals (n = 12) received
250nmol/kg of body weight per day of SkQ1 (synthesized
at Institute of Mitoengineering, Lomonosov Moscow State
University) per os for 12 weeks starting from the 9th week
of life. The daily dose of SkQ1 was chosen according to our
earlier studies [9]. The control group of db/db mice (n = 9)
and heterozygous C57BL/KsJ-db+/db− (db/+) mice (n = 5)
was treated with a vehicle (20% glycerol). Heterozygous
mice had normal phenotype and did not display any dia-
betic features.

2.2. Ethical Approval. All animal care and experimental
procedures complied with Guide for the Care and Use of
Laboratory Animals, Eighth edition (2011).

2.3. Blood Glucose, Glycated Hemoglobin, and Body Mass
Analysis. During administration of the SkQ1, body mass
and blood glucose levels were measured every two-three
weeks. In the final week of treatment, the level of glycated
hemoglobin (HbA1c) was also analyzed. For all measure-
ments, blood was collected from the tail vein (5μl) after 12
hours of starvation. Blood glucose and glycated hemoglobin
were measured with an Accu-Check Perfoma Nano (Roche
Diagnostics, France) and NycoCard Reader II (Axis-Shiel,
Norway), respectively.

2.4. Wounding Protocol and Wound Closure Analysis.
Animals were anesthetized using zoletil (50mg per 1 kg of

body weight). Hair on the dorsal side of mice was shaved
and the skin was cleaned with 70% ethanol. Full-thickness
excisional skin wound 0.7 cm in diameter was created surgi-
cally in the interscapular area. No dressing was placed on
the wounds.

For macroscopic examination, digital photos of the
wound area were made once a day. The wound surface area
was measured at the photographs using ImageJ software.

2.5. Blood Cytokine Level and Liver TBARS Measurement.
At the 7th day of healing, animals were euthanized by
decapitation, blood was collected, and the serum concentra-
tions of IL-6 and tumor necrosis factor (TNF) were deter-
mined with enzyme-linked immunosorbent assay (ELISA)
kits (eBioscience, USA) according to manufacturer’s proto-
cols. Liver samples were excised, and thiobarbituric acid
reactive substance (TBARS) content was measured by the
method of Mihara and Uchiyama [13].

2.6. Histological and Immunohistochemical Studies. After
euthanasia, wounds with surrounding tissues were excised
and fixed with 10% phosphate-buffered (pH=7.4) formalin.
The samples were transversely cut exactly through the center
of the wound, dehydrated, and paraffin-embedded according
to the routine protocols. Cross sections (5μm thick) were
stained with hematoxylin and eosin (H&E) and Mallory’s
trichrome stain. For immunostaining, sections were treated
with 3% H2O2 for 10min and then with 10% nonimmune
goat serum before incubation with rabbit polyclonal antibod-
ies against α-smooth muscle actin (α-SMA) and CD31
(Abcam, UK) or rat monoclonal antibodies against f4/80
(Serotec, UK). Goat anti-rabbit and anti-rat IgG biotinylated
antibodies (Vector, USA) were applied and stained with
avidin-peroxidase conjugate and diaminobenzidine (Vector,
USA). Before CD31 staining, heat-mediated antigen retrieval
with Vector Antigen Unmasking Solution (Vector, USA) at
98°C for 40min was applied additionally.

Samples were analyzed with a DM 5000B microscope
equipped with a DFC 320 digital camera (Leica, Germany).

2.7. Morphometric Analysis. The granulation tissue area and
epithelization of wound were analyzed on the H&E-stained
sections. Epithelization was calculated as the ratio of the
wound surface covered by regenerating epidermis to the total
wound surface. Vessel density was calculated as the ratio of
the summarized blood vessel area revealed with CD31 immu-
nostaining to the granulation tissue area. Neutrophils were
counted on H&E-stained sections and macrophages were
detected as f4/80-positive cells after immunostaining. Histo-
morphometric analysis was performed on digital micropho-
tographs by ImageJ software.

Myofibroblasts areal densitywasmeasured after immuno-
staining as the ratio of α-SMA-positive cytoplasm to the total
area of granulation tissue. A method of color subtractive-
computer-assisted image analysis [14] was applied.

2.8. In Vitro Studies of Fibroblast Motility. Human subcuta-
neous fibroblasts HSF (Russian Cell Culture Collection, Insti-
tute of Medical Genetics, Russian Academy of Sciences) were
grown in Dulbecco’s modified Eagle’s medium (DMEM)
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(Gibco, USA) supplemented with 10% fetal calf serum
(Hyclone, USA) at 37°C in a humidified atmosphere contain-
ing 5% CO2. Cells were incubated with 20nM SkQ1 for 3
days and transferred to the fresh medium with 25mM glu-
cose (control), 50mM glucose (hyperglycemia), or 50mM
mannitol (osmotic control) with 20 nM SkQ1. After 24
hours, the cells were scratched with the rile pipette tip. Cell
motility was analyzed in a scratch-wound assay as described
earlier [12]. The images were taken with an Axiovert micro-
scope (Carl Zeiss, Germany) equipped with an Axiocam
camera (Carl Zeiss), and “wound” areas were analyzed using
ImageJ software.

2.9. Statistical Analysis. Statistical analysis was done with
STATISTICA 7.0 software. The data were expressed as
mean± SEM or mean± SD (see figure legend). Mann–
Whitney U test or Kruskal-Wallis H test (one-way ANOVA
on ranks) followed by Dunn’s test for multiple comparisons
were conducted, and significance was set at level P < 0 05.

3. Results

Comparative analysis of the wound healing in db/db versus
db/+ mice has shown a dramatic delay in wound area
contraction (Figure 1) and granulation tissue formation
(Figures 2(a) and 2(b)). However, epithelization of the
wounds was not impaired (Figure 2(c)). These observations
are in a perfect agreement with the studies pointed to db/db
mice as a good experimental model of type II diabetes-
impaired wound healing [15, 16]. Oral administration of
250nmol/kg SkQ1 resulted in a significant reduction of
wound area in db/db mice on the 6th and 7th days, so on
the 7th day, the wound size was the same as in db/++ mice
(Figure 1(b)). Administration of SkQ1 also strongly
increased the amount of granulation tissue in diabetic ani-
mals (Figures 2(a) and 2(b)). Moreover, new-formed connec-
tive tissue of SkQ1-treated db/db mice consisted of more

mature and regularly oriented bundles of collagen fibers com-
pared to the granulation tissue of control animals (Figures 2(a)
and 2(b) andFigure 3(a)). SkQ1 induced the dramatic increase
in content of α-SMA-positive fibroblast-like cells referred to
as myofibroblasts (Figures 3(b) and 3(d)). These cells play
an important role in the formation and maturation of the
granulation tissue due to increased formation of extracellular
matrix molecules (including collagen) and growth factors.
Furthermore, myofibroblasts can directly participate in
mechanical wound closure due to their contractility.

Treatment with SkQ1 significantly stimulated epitheliza-
tion of the wounds in diabetic animals (Figure 2(c)) though it
was not compromised in db/db mice in line with earlier
observations [16].

Diabetes mellitus is often accompanied by macro- and
microvascular complications leading to local tissue hypoxia
and chronic wound formation. Vascularization of the
wounds was delayed in db/db mice (Figure 3(c)). Treatment
with SkQ1 significantly increased vessel density in granula-
tion tissue (Figures 3(c) and 3(e)). This effect probably con-
tributes to the acceleration of tissue regeneration.

Persistence of neutrophil infiltration and a delay in accu-
mulation of macrophages were observed in the wounds of
db/db mice (Figure 4), indicating the delay in the resolution
of an inflammatory phase of wound healing. Administration
of SkQ1 decreased the number of neutrophils in the granu-
lation tissue of db/dbmice to the level observed in their non-
diabetic db/++ littermates (Figures 4(a) and 4(c)) and
significantly increased macrophage content (Figures 4(b)
and 4(d)). The effect of SkQ1 on the neutrophil and macro-
phage infiltration was not related to the changes of inflam-
matory status in db/db mice. We have detected significant
elevation in the level of proinflammatory cytokines TNF
and IL-6 in plasma of diabetic mice with strong individual
variations of these parameters. Treatment with SkQ1 did
not change the level of these cytokines (Figure 5(e)). We sug-
gest that SkQ1 accelerated the resolution of an inflammation
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Figure 1: SkQ1 accelerates wound closure in diabetic mice. Full-thickness excisional skin wounds were created surgically in the interscapular
area on the back of nondiabetic (db/++, n = 5), diabetic (db/db, n = 9), and diabetic mice receiving SkQ1 (250 nmol/kg of body mass per day)
during 12 weeks (n = 12). (a) Representative images of the wounds, (b) dynamics of the wound closure. Data are presented as mean± SEM;
∗P < 0 05 for SkQ1-treated versus untreated diabetic mice. ‡P < 0 05 for the untreated diabetic mice versus nondiabetic mice.
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phase of wound healing by local inhibition of inflammatory
activation of endothelial cells and by improvement of
immune cells functioning in the regenerating tissues, rather
than by a systemic anti-inflammatory effect.

SkQ1 affected neither serum glucose level nor weight gain
in diabetic mice (Figures 5(a) and 5(b)). The level of glycated
HbA1c reflecting sustained hyperglycemia was also not
affected (Figure 5(c)). At the same time, SkQ1 significantly
decreased the level of lipid peroxidation end products (mea-
sured as TBARS) in the liver of db/db mice confirming high
antioxidant efficiency of this compound (Figure 5(d)).

We have shown earlier that SkQ1 initiated myofibroblast
differentiation and actin cytoskeleton rearrangements in
fibroblasts in vitro [17]. These changes were accompanied
by the increased migration of fibroblasts into the scratched
“wound” made in a cell monolayer [18]. Migration of fibro-
blasts was strongly inhibited by high-glucose (50mM)
medium and SkQ1 pretreatment prevented this inhibition
(Figure 6). These data indicate that fibroblasts could be
directly affected by excessive mtROS production caused by
hyperglycemia both in vivo and in vitro.

4. Discussion

Our study demonstrated that mitochondria-targeted antiox-
idant SkQ1 did not affect weight gain and hyperglycemia in

diabetic db/db mice but suppressed oxidative stress and
improved healing of full-thickness excisional skin wounds.
These data are in agreement with the results of earlier stud-
ies on SkQ1 [10] and on related mitochondria-targeted
antioxidant 10-(6′-ubiquinonyl)decyltriphenylphosphonium
(MitoQ) [19] that only slightly inhibited development of
hyperglycemia and insulin resistance but strongly protected
against various complications in animal models of diabetes.
These data indicate that excessive mtROS production is
crucial for hyperglycemia-induced damage in various tis-
sues being less important for insulin resistance.

Compromised wound healing in diabetes obviously has
complex pleiotropic etiology [1], and our results pointed to
the major steps of wound healing as the targets of excessive
mtROS. Recruitment of neutrophils to the wound is impor-
tant for controlling microbial invasion, but neutrophil persis-
tence results in the delayed resolution of an inflammatory
phase and impairment of diabetic wound healing [20]. In
neutropenic db/db mice, wound closure was improved due
to accelerated reepithelialization [21]. The similar effect of
SkQ1 on acute wound healing or aseptic inflammation was
observed earlier in healthy animals [18].

ROS may enhance insulin action [22, 23] and insulin
secretion [24, 25]. On the other hand, chronic oxidative
stress is a central mechanism for glucose toxicity in pancre-
atic islet beta cells in diabetes [26], and ROS levels are an
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Figure 2: SkQ1 promotes granulation tissue formation and epithelization of the wounds in diabetic mice. (a) Representative images of the
H&E-stained transverse sections of the wounds at the 7th day of healing. (b) Granulation tissue formation and (c) epithelization of the
wounds. Data are presented as mean± SEM; ∗P < 0 05 for SkQ1-treated versus untreated diabetic mice. ‡P < 0 05 for the untreated
diabetic mice versus nondiabetic mice.
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important trigger for insulin resistance in numerous settings
[8]. Thus, theoretically antioxidant treatment could affect
the diabetes progression. However, both in our work and
in the previous paper, SkQ1 had antioxidant activities but
had no effect on the diabetic features [10]. Noteworthy,

SkQ1 mostly affected cellular content in the wounds thus
implying its potential to be used in the form of topical appli-
cation. In our previous work, we have observed some stimu-
latory effect of topical SkQ1 application on the wound
healing in young rats [18].
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Figure 3: Effect of SkQ1 on the maturation of granulation tissue in diabetic mice. Representative images of the (a) Mallory’s trichrome-
stained and (b) ɑ-SMA- and (c) CD-31-immunostained granulation tissue at the 7th day of wound healing. (d) Percentage of the area
containing α-SMA-positive cytoplasm (areal density). (e) Percentage of the area containing microvessels (vessel density). Data are
presented as mean± SEM; ∗P < 0 05 for SkQ1-treated versus untreated diabetic mice. ‡P < 0 05 for the untreated diabetic mice versus
nondiabetic mice.
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It was previously shown that SkQ1 attenuates expression
of adhesion molecules ICAM1, VCAM, and E-selectin in
endothelial cell culture treated with TNF as well in aorta of
aging mice [27] via inhibition of NF-κB signaling. SkQ1 also
prevented TNF-induced decomposition of VE-cadherin-
containing contacts, following an increase in the permeability
of endothelial cell monolayer [12]. SkQ1 also inhibited apo-
ptosis of endothelial cells induced by high doses of TNF
[28]. SkQ1 did not influence the elevated level of proinflam-
matory cytokines in the blood of diabetic (this study) or aged
mice [27], so we suggest that its anti-inflammatory action in
the skin wounds of diabetic mice may be at least partially
mediated by prevention of endothelial cell activation, follow-
ing excessive neutrophil infiltration.

Treatment with SkQ1 improved the resolution of an
inflammatory phase of wound healing, simultaneously
decreasing content of neutrophils and increasing content of
macrophages (Figure 4). Macrophages are actively involved
in the resolution of inflammation by efficient dead cell clear-
ance (efferocytosis) followed by a transition from pro- to

anti-inflammatory prohealing phenotype. A significant delay
in macrophage infiltration is typical for diabetic mice [29]. It
is followed by increased apoptotic cell burden and a pro-
longed inflammatory phase [30]. The persistence of the pro-
inflammatory macrophages in the diabetic wounds is
mediated by the sustained NLRP3 inflammasome activity
[31]. NLRP3 inflammasome activation is dependent on the
mtROS production [32], and mitochondria-targeted ROS
scavenger MitoQ decreases NLRP3-dependent IL-1 beta
and IL-18 production in human macrophage-like cell line
THP-1 [33]. It seems reasonable to suggest the similar mech-
anism for SkQ1 during diabetic wound healing. Currently,
targeting of the inflammasome is considered a clinically effi-
cacious strategy in restoring insulin action in humans with
type 2 diabetes.

Our results indicated that SkQ1 stimulated growth and
maturation of granulation tissue in dermal wounds of dia-
betic mice (Figure 2). Earlier, it was shown that scavenging
of mtROS by SkQ1 in the subcutaneous fibroblast culture
stimulated metalloprotease-dependent activation of latent
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Figure 4: Effect of SkQ1 on the leukocyte composition of granulation tissue in diabetic mice. Representative images of the (a) H&E-stained
and (b) f4/80-immunostained granulation tissue at the 7th day of wound healing. (c) Neutrophil and (d) macrophage (F4/80-positive cells)
infiltration of the granulation tissue. Data are presented as mean± SEM; ∗P < 0 05 for SkQ1-treated versus untreated diabetic mice. ‡P < 0 05
for the untreated diabetic mice versus nondiabetic mice.
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TGFβ1 and downstream SMAD-dependent expression of
EDA isoform of fibronectin and α-SMA, the major markers
of myofibroblasts [17]. The myofibroblasts produce various
growth factors (including TGFβ1), collagen, and other
ECM components and participate in wound contraction
due to their contractility.

We have shown earlier that SkQ1 activated the Rho/
ROCK/LIMK pathway leading to stabilization of actin
filaments and accelerated fibroblast migration into the
“wound” in the cell monolayer in vitro [17, 18]. Hypergly-
cemia inhibited fibroblast migration in vitro and SkQ1
prevented this effect (Figure 6). It was suggested that inhi-
bition of fibroblast motility resulted from impaired cell
polarity, protrusion destabilization, and inhibition of adhe-
sion maturation at least in part due to oxidative stress that
stimulated Rac1 activity [34]. Our data indicated that
hyperglycemia-induced Rac1 activation could be mediated
by mtROS either directly or via stimulation of RhoA that
balanced Rac1-dependent cytoskeleton rearrangements.
The effect of SkQ1 on fibroblast motility at high glucose
could be important for stimulation of their migration to the
wound area from the surrounding tissues and for granulation
tissue formation.

Another potential source of myofibroblasts is multipo-
tent mesenchymal stromal cells (MSC) from the bone
marrow [35]. Diabetes is accompanied by the bone mar-
row dysfunction due to neuropathy and microangiopathy
leading to the niche dysfunction [36]. p66shc protein is
known to stimulate mtROS production. Its knockout par-
tially rescued the defective progenitor cell mobilization
from the bone marrow in two different mice models of
diabetes [37], so the damaging role of mtROS could be
suggested [38]. In agreement with this suggestion, we have
found earlier that SkQ1 strongly promoted accumulation
of MSC progeny fibroblast colony-forming units (CFU-F).
CFU-F content was doubled after SkQ1 treatment in the
bone marrow of mice [39]. This source of myofibroblasts
may also be important for granulation tissue formation in
diabetic mice.

Earlier, we have shown that SkQ1 stimulated active
TGFβ1 secretion by fibroblasts [17]. TGFβ1 is known for
decades as an important regulator of wound healing deficient
in diabetic wounds [40]. TGFβ1 also promotes macrophage
differentiation into alternatively activated (or M2) macro-
phages capable of active efferocytosis [41], and this effect
could be implicated in the resolution of inflammation in
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Figure 5: Effect of SkQ1 on the metabolic parameters and circulatory cytokine levels of diabetic mice. Dynamics of (a) body mass and (b)
blood glucose level during the antioxidant administration. (c) Glycated hemoglobin level at the 11th week of treatment. Data are presented
as mean± SEM. (d) Liver TBARS level and (e) serum cytokine concentration at the 7th day of wound healing. Data are presented as mean
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addition to the effects of mtROS scavenging on neutrophil
infiltration and inflammasome inhibition (see above).
Moreover, growth medium conditioned with SkQ1-treated
fibroblasts stimulated endothelial cell migration and tubu-
lar structure formation in vitro in a matrigel angiogenesis
assay [12]. Stimulation was at least partially mediated by
TGFβ1 since the inhibitor of its receptor TGFβ1R1 sup-
pressed the effect [12]. Increased secretion of TGFβ1
(and probably some other growth factors) by fibroblasts
could be responsible for improvement of angiogenesis in
diabetic wounds (Figure 3).

The other target of SkQ1 treatment could be endothelial
progenitor cells (EPCs), a key cell type involved in angiogen-
esis. It was found that the number of circulating EPCs and
ex vivo functions of EPCs were impaired in diabetic patients
due to oxidative stress [3]. MtROS produced in a p66shc-
dependent manner in the bone marrow were shown to deter-
mine defective EPC mobilization in diabetic mice [37].
Moreover, transplantation of diabetic EPCs after MnSOD
gene therapy restored their ability to mediate angiogenesis
and wound repair [42], indicating the key role of mtROS in
EPC dysfunction.

We have previously shown that long-term (8 months)
administration of SkQ1 prevented age-dependent impair-
ment of dermal wound healing in mice [12]. In the present
study, SkQ1 treatment improved the same components of a
wound healing process in genetically diabetic mice. These
findings are in line with numerous studies demonstrating
therapeutic action of mitochondria-targeted antioxidants
against various age-related disorders [9, 12, 43, 44] and sup-
port the key role of mtROS in pathogenesis of many compli-
cations inherent to both aging and diabetes.

5. Conclusions

The mitochondria-targeted antioxidant SkQ1 enhances
dermal wound healing in diabetic mice accompanied by
improved resolution of inflammation, increased myofibro-
blast content, and vascularization of granulation tissue.
These results imply that nearly all major stages of diabetic
wound healing are hindered by excessive mitochondrial
reactive oxygen species production.
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Switching of cellular energy production from oxidative phosphorylation (OXPHOS) by mitochondria to aerobic glycolysis occurs
in many types of tumors. However, the significance of this switching for the development of gastric carcinoma and what connection
it may have to Helicobacter pylori infection of the gut, a primary cause of gastric cancer, are poorly understood. Therefore, we
investigated the expression of OXPHOS complexes in two types of human gastric carcinomas (“intestinal” and “diffuse”),
bacterial gastritis with and without metaplasia, and chemically induced gastritis by using immunohistochemistry. Furthermore,
we analyzed the effect of HP infection on several key mitochondrial proteins. Complex I expression was significantly reduced in
intestinal type (but not diffuse) gastric carcinomas compared to adjacent control tissue, and the reduction was independent of
HP infection. Significantly, higher complex I and complex II expression was present in large tumors. Furthermore, higher
complex II and complex III protein levels were also obvious in grade 3 versus grade 2. No differences of OXPHOS complexes
and markers of mitochondrial biogenesis were found between bacterially caused and chemically induced gastritis. Thus,
intestinal gastric carcinomas, but not precancerous stages, are frequently characterized by loss of complex I, and this
pathophysiology occurs independently of HP infection.

1. Introduction

Histologically, twomain types of gastric cancers (GCs) can be
distinguished according to the Laurén classification [1, 2].
The intestinal type of GC progresses through a well-
characterized process of morphological changes: normal
mucosa, chronic gastritis, atrophic gastritis, intestinal meta-
plasia, and cancer. The relative frequencies are approxi-
mately 54% for the intestinal type and 32% for the diffuse
type, with the remaining 15% of CGs being indeterminate

[3]. The prognostic relevance of the Laurén classification is
still a matter of debate as some studies found no correlation
with patient outcome [4]. Intestinal type GC is most preva-
lent in older men, whereas the diffuse type is more prevalent
in young women [5]. Intestinal type was reported to be asso-
ciated with intestinal metaplasia of the gastric mucosa and
presence of Helicobacter pylori (HP) [6].

Most human tumors are characterized by a shift from
oxidative phosphorylation (OXPHOS) to aerobic glycolysis
called the Warburg effect [7–13]. At least two of the five
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OXPHOS complexes act as tumor suppressors, namely, com-
plex I in oncocytic tumors and complex II in both pheochro-
mocytomas and paragangliomas [11, 14–17]. In addition,
several mutations affecting mitochondrial complex I genes
have been described in gastric cancers and other neoplasms,
suggesting that mitochondrial energy metabolism may play
a critical role in tumor development [18–22]. During the last
decade, our understanding of cancer energy metabolism
changed fundamentally. It is now known that tumor cells
can use glucose and glutamine, the latter is the preferred sub-
strate for OXPHOS. In addition, it is proposed that many
cancer types use respiration and glycolysis for energy pro-
duction [23]. Other models of cancer metabolism like the
“reverse Warburg effect” and the “lactate shuttle hypothesis”
have emerged reflecting the heterogeneity and flexibility of
tumor energy metabolism [24–27].

The most common cause of GC is infection by HP, which
is classified as a type 1 (definite) carcinogen for GC by the
World Health Organization [28]. The two major virulence
factors of HP are vacuolating cytotoxin A (VacA) and
cytotoxin-associated gene A (CagA). VacA is excreted into
the extracellular space, where it can bind and enter host cells
and form channels in the inner mitochondrial membrane,
leading to depolarization of mitochondrial membrane poten-
tial, disruption of mitochondrial function, and ultimately cell
death [29–33]. Infection of AGS (adenocarcinoma gastric cell
line) cells with HP leads to mtDNA instability and a decrease
in mtDNA copy number [34, 35]. The amount and activity of
complex I decreased after infection with HP [36]. VacA can
induce the recruitment of dynamin-related protein-1 (DRP-
1) to induce mitochondrial network fragmentation [32].
Finally, VacA can induce (acute exposure) or repress (pro-
longed exposure) autophagy, events which also can poten-
tially influence mitochondrial energy metabolism [37].
Intracellular VacA is significantly associated with the devel-
opment of progressive atrophic gastritis and intestinal meta-
plasia [38]. We hypothesized that a large number of gastric
carcinomas similar to other solid tumors are characterized
by the Warburg effect. Furthermore, we propose that HP
infection has an influence on mitochondrial energy
metabolism.

The aim of the present study was to elucidate changes in
aerobic mitochondrial energy metabolism in GC and gastritis
and evaluate the pathophysiologic significance of HP infec-
tion on expression of subunits of the OXPHOS complexes.
Immunohistochemical staining was used, because it is
impossible to get a sufficient amount of frozen tissue for
functional evaluation of the OXPHOS enzymes especially in
diffuse gastric carcinomas and gastritis. Diffuse GCs grow
in relatively small cell clusters interspersed by a large number
of normal cells. Intestinal gastric carcinomas also are hetero-
geneous with regard to tissue composition. In addition, het-
erogeneity is also present within a single intestinal GC.
Furthermore, a tumor cell content of over 80% is needed to
generate reliable functional data on the OXPHOS enzyme
activity. Immunohistochemical staining of homogenous tis-
sue samples correlates well with enzymatic analysis as the
OXPHOS system is mainly regulated via protein amount
[7, 10, 11]. Therefore, immunohistochemical staining of

heterogeneous samples represents the method of choice since
it excellently reflects the in vivo situation.

2. Materials and Methods

2.1. Ethics. Human tumors were obtained from the Depart-
ment of Pathology, Paracelsus Medical University, Salzburg.
The study was performed according to the Austrian Gene
Technology Act. Experiments were conducted in accordance
with the Helsinki Declaration of 1975 (revised 1983) and the
guidelines of the Salzburg State Ethics Research Committee
(ethical agreement: AZ 209-11-E1/823-2006), being no clini-
cal drug trial or epidemiological investigation. All patients
signed an informed consent document concerning the surgi-
cal intervention. Furthermore, the study did not extend to
examination of individual case records. Patient anonymity
was ensured at all times. Patient characteristics are given in
Supplementary Table 2 available online at https://doi.org/
10.1155/2017/1320241.

2.2. Samples. Formalin fixed paraffin-embedded (FFPE) tis-
sue from intestinal (n = 20) and diffuse-type (n = 20) gastric
carcinomas, bacterial gastritis (n = 5), bacterial gastritis with
metaplasia (n = 5), and chemical (C) gastritis (n = 5) was
obtained by the Institute of Pathology Salzburg. Since it is a
matter of debate which classification of gastric carcinomas
should be used, we added in addition to the Laurén classifica-
tion also the WHO classification 2010 in Supplementary
Tables 2 and 3. All gastric specimens were routinely stained
with H&E to obtain the basic morphology of acute or chronic
inflammation, fibrosis, and intestinal metaplasia. The pres-
ence of metaplasia was confirmed by a periodic acid-Schiff
procedure/Alcian blue stain. Additionally, Giemsa staining
was performed to visualize H. pylori. Based on these detailed
histological evaluation patterns, the human gastric biopsies
were categorized as chemical gastropathies caused by
NSAIDs (nonsteroidal anti-inflammatory drugs) and/or
alkaline reflux (in short chemical gastritis) as well as H.
pylori-associated chronic gastritis with and without intestinal
metaplasia (in short, bacterial gastritis).

2.3. Immunohistochemical Staining and Analysis of FFPE
Tissues. For immunohistochemistry, the following antibodies
were used: complex I subunit NDUFS4 (mouse monoclonal,
1 : 1000; Abcam, Cambridge, UK), complex II subunit 70 kDa
Fp (mouse monoclonal, 1 : 2000; MitoSciences, Eugene, Ore-
gon), complex III subunit Core 2 (mouse monoclonal,
1 : 1500; MitoSciences), complex IV subunit I (mouse mono-
clonal, 1 : 1000; MitoSciences), complex V subunit alpha
(mouse monoclonal, 1 : 2000; MitoSciences), porin 31HL
(mouse monoclonal, 1 : 3000; MitoSciences), and VacA anti-
body (rabbit polyclonal, 1 : 1000) [39]. All antibodies were
diluted in Dako antibody diluent with background reducing
components (Dako, Glostrup, Denmark). Immunohisto-
chemistry was performed as described previously [40]. For
antigen retrieval, the sections were immersed for 45min in
1mM EDTA, 0.05% Tween-20, pH8, at 95°C. Tissue sections
were incubated for 30min with the above-mentioned pri-
mary antibodies. The staining intensities of the tumor and
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control tissues were determined by two examiners on a
stereomicroscope. Staining intensities were rated using a
scoring system ranging from 0 to 3, with 0 indicating no
staining, 1 mild, 2 moderate, and 3 strong staining. The
intensities were multiplied by the percentage of positive cells,
resulting in score values.

The specificity of the antibodies was previously shown
by Western blot analysis: ([9]; Figure 3), ([8], Figure 2);
NDUFS4 ([9]; Figure 3), ([8], Figure 2); SDHA ([9];
Figure 3), ([8], Figure 2); UQCRC2 ([9]; Figure 3), ([8],
Figure 2); MT-CO1 ([41], Figure 2); ATP5A ([9]; Figure 3),
([42]; Figure 3).

2.4. Immunofluorescence Staining of Gastritis. Cells grown on
chamber slides were fixed overnight in neutral-buffered for-
malin. For antigen retrieval, the sections were immersed for
45min in 1mM EDTA, 0.05% Tween-20, pH8, at 95°C. Tis-
sue sections were incubated for 1 h with the above-
mentioned primary antibodies. Slides were incubated with a
mixture of donkey anti-mouse AlexaFluor488 (1 : 500; Fisher
Scientific) and donkey anti-rabbit AlexaFluor594 (1 : 1000;
Fisher Scientific) in PBS-T for 1 h. Nuclei were stained with
DAPI for 10min. Slides were mounted with fluorescence
mounting medium (DAKO) and sealed with a nail polish.
For immunofluorescence staining, the same antibodies as
for immunohistochemical staining were used with the fol-
lowing dilution: porin (rabbit polyclonal; 1 : 400, Abcam),
NDUFS4 (1 : 100), SDHA (1 : 400), UQCRC2 (1 : 400), MT-
CO1 (1 : 100), ATP5A (1 : 400), TFAM (1 : 100), and VacA
(1 : 100).

2.5. Determination of mtDNA Mutations. Three 5μm-thick
tissue sections were microdissected to separate normal tissue
and tumor tissue. The microdissected regions were used for
isolation of DNA. mtDNA copy number and mitochondrial
common deletions were determined by quantitative PCR as
previously described [43].

In addition, the genes of mitochondrially encoded sub-
units of complex I and tRNAs were sequenced in samples
that showed the most severe loss of complexes I and IV.
Primer sequences are given in Supplementary Table 1 that
were previously published [8]. Sequencing was performed
with a GenomeLab™ DTCS Quick Start Kit (Beckman Coul-
ter, Fullerton, CA) on a CEQ™ 2000 DNA Analysis System
(Beckman Coulter). The CEQ 8000 Genetic Analysis System
(Beckman Coulter) was used for analysis of the sequencing
data. These sequences were compared with the complete
Homo sapiens mitochondrial genome (GenBank accession
number: J01415.1).

2.6. Statistical Analysis. Patient characteristics and clinical
data were analyzed with the χ2 test and Student’s t-test. For
multiple comparisons of intestinal and diffuse-type GC and
control tissue, one-way ANOVA and Bonferroni correction
were used. For analysis of clinical parameters and OXPHOS
enzyme expression, t-test or ANOVA and Bonferroni post
hoc test were used. For analysis of gastritis, the nonparamet-
ric Kruskal-Wallis test was used. For comparison of mtDNA

copy number in intestinal GC with and without HP history, a
t-test was used.

3. Results

3.1. Expression of OXPHOS Complexes and Porin Differs
between Intestinal and Diffuse-Type Gastric Carcinomas. To
investigate potential alterations of mitochondrial metabolism
in GC, we carried out immunohistochemical staining of the
mitochondrial outer membrane protein porin (a marker of
mitochondrial mass) as well as all five OXPHOS complexes
in tumor samples from 40 patients and compared the stain-
ing intensities with those of adjacent normal mucosal colum-
nar epithelial tissues (Figures 1–3; Supplementary Figure 1;
Supplementary Tables 4 and 5). We observed significantly
higher porin expression in diffuse-type GC compared to
adjacent normal tissue (Figures 2(a) and 2(d) and
Figure 3(a)). We also detected a trend toward higher porin
levels in intestinal GC compared to adjacent normal tissue
in 15 of 19 cases examined (Figures 1(a) and 1(d) and
Figure 3(a)). Comparison of the seven cases with OXPHOS
deficiencies (six complex I and complex IV) revealed that
porin, the marker for the mitochondrial mass, is higher in
the OXPHOS-deficient cases (mean score value 230) com-
pared to OXPHOS competent cases (mean score value 183).

Complex I staining was significantly reduced in 16 of 20
(80%) intestinal type GCs compared to normal adjacent con-
trol tissue (Figures 1(b) and 1(e) and Figure 3(b)). Moreover,
although we observed complex I-negative cells in all 20 intes-
tinal GCs, connected large foci of complex I-negative tumor
cells were evident in 30% of the cases (35–65% of the tumor
cells were negative for complex I in the latter tumors). These
cases were also used for microdissection to elucidate the
underlying genetic causes (see below).

Overall, complex II showed a trend toward reduced levels
in intestinal GCs, as a minor reduction of complex II was
present in 16 of 20 (80%) cases compared to adjacent control
tissue (Supplementary Figure 1). One case with reduced com-
plex I expression had higher complex II expression (case
M17), and one case with unchanged complex I expression
had a reduced complex II expression (case M16) compared
to normal tissue. In 18 of 20 cases (90%), a combined reduc-
tion (n = 15) or upregulation (n = 3) of complexes I and II
was evident. Complex V expression was greatly reduced (by
about 50%) in only a single case (case M4); no major differ-
ences in complex V were detected in any of the other cases
(Supplementary Figure 1). Alterations of complex III and
IV were quite heterogeneous, as complex III and complex
IV were both higher in 8/20, equal in 3/20, or both lower in
9/20 intestinal GCs.

In the diffuse-type GCs, we detected a trend toward lower
expression levels of complex I compared to adjacent control
tissue (Figure 1(b)). However, complex I deficiency was rare
and found only in a subset of carcinoma cells. Complex III,
complex IV, and complex V levels were all significantly
higher in diffuse-type GCs compared to normal tissue
(Figures 3(d), 3(e), and 3(f); Supplementary Figure 2).

The normal epithelium surrounding intestinal and
diffuse-type GCs differed significantly with respect to
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complexes II and III expression (Figures 3(c) and 3(d);
Supplementary Figure 2). This can be explained by the
anatomic localization of the biopsy site, since diffuse-type
GCs are not associated with the antrum [44], whereas
HP-associated intestinal GCs are often found in the
antrum [45]. Regional differences in OXPHOS enzyme
expression might be present between the fundus, cardia,
and antrum.

Of the 20 intestinal GCs, ten had a former histochemical-
proven HP infection and we compared them to the ten cases
without it. All gastric specimens were routinely stained with

H&E to obtain the basic morphology of acute or chronic
inflammation, fibrosis, and intestinal metaplasia. The pres-
ence of metaplasia was confirmed by a periodic acid-Schiff
procedure/Alcian blue stain. Gastric specimens were classi-
fied as HP-positive or HP-negative based on the results of
the Giemsa stain [46]. We detected significantly lower levels
of porin (Figure 4(a)) and complex III (Figure 4(d)) in intes-
tinal GC cases with a history of HP infection. Furthermore,
the other complexes also showed a trend toward lower levels
in the HP-infected cases. mtDNA copy number was signifi-
cantly higher in tumors with versus tumors without a history
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Figure 1: Expression of the OXPHOS complexes and porin in intestinal GC (case M5). Immunohistochemical staining of (a–c); (g–i) normal
gastric mucosa and (d–f); (j–l) intestinal gastric carcinoma for (a), (d) porin, (b), (e) complex I, (c), (f) complex II, (g), (j) complex III, (h), (k)
complex IV, (i), and (l) complex V. Magnification 20x.
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of HP infection. The expression levels of porin and the
OXPHOS complexes from normal tissue adjacent to cancer-
ous tissue did not differ between HP-infected and nonin-
fected samples.

3.2. Differences in OXPHOS Complex and Porin Expression
Related to Clinical Data. Tumors were categorized in low-
size (<5 cm) and high-size (>5 cm) tumors by themean tumor
size (5 cm). A significantly higher complex I (p = 0 005) and

complex II (p = 0 011) expression was present in high-size
tumors. Furthermore, a higher expression of complex II
was found in grade 3 versus grade 2 (p = 0 018) and T4 versus
T1 (p = 0 013). Significantly lower complex III protein levels
were found in tumors localized in the prepyloric antrum
compared to the cardia (p = 0 049). Significantly higher
complex III expression was also found in UICC (Union
Internationale Contre le Cancer) III compared to UICC II
tumors (Supplementary Table 3).
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Figure 2: Expression of the OXPHOS complexes and porin in diffuse-type GC (case M39). Immunohistochemical staining of (a–c); (g–i)
normal gastric mucosa and (d–f); (j–l) diffuse-type gastric carcinoma for (a), (d) porin, (b), (e) complex I, (c), (f) complex II, (g), (j) complex
III, (h), (k) complex IV, (i), and (l) complex V. Parietal cells show strong staining for the OXPHOS complexes (g–i). Magnification 20x.
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3.3. mtDNA Mutations Are Rare in Intestinal Carcinomas.
To investigate if the complex I-negative foci of intestinal
GCs are caused by mtDNA mutation, we obtained complex
I-negative tissue by microdissection and sequenced selected

mtDNA regions, including genes encoding subunits of com-
plex I and tRNAs, from six intestinal GC cases. Only one of
the six GCs (case M5; histology shown in Figure 1(e))
harbored a somatic pathogenic mutation, a frame shift
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Figure 3: Score values of immunohistochemical staining of the OXPHOS complexes and porin in intestinal and diffuse-type GCs. (a) Porin.
(b) Complex I. (c) Complex II. (d) Complex III. (e) Complex IV. (f) Complex V. Tumors were compared to corresponding adjacent control
tissue. Corresponding epithelium was used for comparison with intestinal carcinoma I and diffuse-type carcinomas (d). For statistical
analysis, a one-way ANOVA with a Bonferroni correction to compare multiple groups was used. ∗p < 0 05; ∗∗p < 0 01; ∗∗∗p < 0 001.
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(10952_10953insC) in a poly cytosine stretch of the complex
I subunit ND4 (Figure 5). This insertion causes a frameshift
and creates a stop codon~ 150 bp downstream, which results
in a truncated ND4 protein. The samemutation has also been
reported in thyroid oncocytomas [40].

3.4. Analysis of Reported Mutations in Nuclear-Encoded
Complex I Subunits. The Cancer Genome Project database
COSMIC was used to check the frequency of potentially
pathogenic nuclear-encoded complex I subunits in diffuse
and intestinal gastric carcinomas. The pathogenicity of the
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Figure 4: Comparison of score values of immunohistochemical staining of the OXPHOS complexes and porin in intestinal GCs with and
without HP history. (a) Porin. (b) Complex I. (c) Complex II. (d) Complex III. (e) Complex IV. (f) Complex V. (g) mtDNA copy number.
For statistical analysis, a t-test was used. ∗p < 0 05; ∗∗p < 0 01.
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mutations was analyzed with MutationTaster. In total, 8
potentially pathogenic mutations were identified in 85 ana-
lyzed intestinal adenocarcinomas. Mutations included 2
frame shift mutations, one stop mutation and five missense
mutations. In 9.4% of the adenocarcinomas, mutations were
identified. This could only partially explain the high fre-
quency of complex I deficiency as found in our study that
was 35%. However, since the tumors often show a partial
complex I loss restricted to some areas, it is possible that
mutations cannot be detected.

Potentially pathogenic mutations were found in 3.8%
(3/78) diffuse carcinomas, including one stop mutation and
two missense mutations. The following 37 nuclear complex
I genes were checked for mutations: NDUFA1, 2, 3, 5,
6–13; NDUFAB1; NDUFB1–11; NDUFC1–2; NDUFS1–8;
NDUFV1–3. In summary, a 2.5-fold higher frequency of
nuclear complex I mutations in intestinal carcinomas com-
pared to diffuse carcinomas was found.

3.5. VacA Positivity Does Not Correlate with OXPHOS
Alterations. As indicated in the literature, the major HP
virulence factor VacA seems to affect mitochondrial biol-
ogy. To investigate if HP infection, which is a known
risk factor for the development of intestinal GC, influ-
ences mitochondrial biology in gastric cells, we immuno-
histochemically analyzed biopsies from type B gastritis
with and without metaplasia, type C gastritis, and GC
patients for the presence of the major virulence factor
VacA by immunohistochemical staining. We also exam-
ined the expression of complex I, mitochondrial tran-
scription factor A (TFAM), and porin as markers for
mitochondrial biogenesis.

VacA was never detected in type C gastritis. We detected
VacA mainly in gastric glands (Figures 6(f) and 6(g)) and the
gastric lumen (Figure 6(a)), consistent with its localization in
previous studies [38, 47]. Chief cells never showed positivity
for VacA, and intracellular VacA was rarely detected in epi-
thelial cells. Interestingly, we observed localization of VacA
to human gut parietal cells in biopsies of patients with HP
gastritis (Figures 6(b), 6(c), 6(d), 6(f), and 6(g) and
Figure 7). HP is able to repopulate the extracellular gut envi-
ronment after complete elimination of extracellular bacteria
with gentamicin [48, 49], suggesting that HP may be

sheltered for long periods within some host cell population,
like parietal cells.

Parietal cells are mitochondria-rich whereas chief cells
only show weak porin expression (Figures 6(b) and 6(f) and
Figures 2(g), 2(h), and 2(i)).

We found no correlation between VacA positivity and
TFAM or porin staining intensity in gastritis (Figures 6 and
Figure 7). The chemical (n = 5), bacterial (n = 5), and bacte-
rial gastritis cases with metaplasia (n = 5) did not differ in
terms of expression of TFAM, porin, and the OXPHOS
complexes (Figure 7). In general, expression of all mitochon-
drial markers was significantly lower in chief cells than in
epithelial and parietal cells (Figure 7), as expected.

4. Discussion

About one third (30%) of the 20 intestinal GCs we examined
exhibited focal complex I deficiency, with 35–65% of the tumor
cells negative for complex I. It was reported that gastric cancers
are composed of different tumor cell clones [50, 51]. However,
few OXPHOS-deficient tumors might be overseen by immu-
nohistochemical analysis, since it is proposed that mutations
just affecting the enzymatic activity and not protein levels
exist, but this might be the exception not the rule.

In only one of these six cases, the complex I deficiency
could be explained by a pathogenic mtDNA mutation. The
relatively low percentage of mitochondrial DNA mutations
in our sample cohort (5%) points to a limited significance;
Habano et al. also reported potentially pathogenic mitochon-
drial complex I mutations in 2/34 (6%) of their analyzed
intestinal carcinomas [19]. As most of the complex I subunits
are encoded by nuclear genes, mutations in the latter are
likely responsible for the isolated loss of complex I in most
cases of intestinal GC. In summary, a 2.5-fold higher fre-
quency of nuclear complex I mutations in intestinal carcino-
mas compared to diffused carcinomas was found by analysis
of data from the Cancer Genome Project suggesting that
indeed nuclear mutations might contribute to the observed
complex I loss in a high percentage of intestinal carcinomas.
The phenomenon that complex I is most frequently affected
has several reasons. First, complex I is the biggest OXPHOS
complex composed of 45 (44 +1) subunits. Therefore, more
mutations might be found in complex I since 44 genes
encode complex I subunits but only 4 genes encode for

6C

(a)

7C

(b)

Figure 5: Sequence analysis of complex I coding mtDNA genes in an intestinal GC (case M5). (a) Sequence analysis showing the
normal sequence for the poly C stretch of the ND4 gene from normal corresponding tissue. (b) Sequence analysis showing an
insertion of cytosine in the poly cytosine stretch of the ND4 gene in the tumor tissue. The mutation appears to be heteroplasmic,
but the tissue of case M5 was heterogeneous and contaminated with nontumor cells. In addition, complex IV was reduced in M5
(Figures 1(h) and 1(k)).
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complex II subunits. In addition, mitochondrial DNA is spe-
cifically prone to damage. Complex II is encoded by nuclear
genes. Second, complex I is linked to several other important
metabolic pathways and apoptosis. Mitochondrial fatty acid
biosynthetic pathway and lipoylation important especially
for the pyruvate dehydrogenase are linked to the acyl carrier

protein (ACP; NDUFAB1) [52]. Defects of complex I have
pleiotropic effects leading to more global changes and repro-
gramming of cancer metabolism. Furthermore, the complex I
subunit NDUFS1 can be cleaved by caspase 3 and granzyme
A to induce apoptosis [53, 54]. Therefore, lack of complex I
might represent a growth advantage for tumor cells.
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Figure 6: Localization of VacA in gastritis. (a) Triple immunofluorescence staining (complex I/VacA/DAPI) of case BGM-4 revealed strong
HP colonization of the gastric lumen (10x magnification). (b) Triple immunofluorescence staining (porin/VacA/DAPI) of case BG-3 revealed
selective staining of mitochondria-rich parietal cells. No differences in porin expression between the infected and noninfected parietal cells
were detected. Parietal cells (white arrow) and mucous-secreting cells (yellow arrow) (63x magnification). (c) Triple immunofluorescence
staining (TFAM/VacA/DAPI) of case BG-3 showed intracellular staining of VacA in parietal cells. (d) Z-stack of triple
immunofluorescence staining (TFAM/VacA/DAPI) of case BG-1 revealed cytoplasmic localization of VacA (63x magnification). (e)
Intraglandular VacA in case BG-1 (TFAM/VacA/DAPI); (20x magnification). (f) Triple immunofluorescence staining (Porin/VacA/DAPI)
of case BG-3. (g) Figure f without the green channel to better visualize the intraglandular (white arrow) and intraparietal (yellow arrow)
localization of VacA.
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Figure 7: No differences of the OXPHOS complex, porin, and TFAM expression between chemical, bacterial, and bacterial gastritis with
metaplasia. (a–c) TFAM expression in bacterial gastritis (BG), bacterial gastritis with metaplasia (BGM), and chemical gastritis (CG). (d–f)
Porin expression. (g–i) Complex I expression. (j–l) Complex II expression. (m–o) Complex IV expression. (a), (d), (g), (j), and (m) epithelial
cells; (b), (e), (h), (k), and (n) parietal cells; (c), (f), (i), (l), and (o) chief cells. For statistical analysis, a nonparametric Kruskal-Wallis test
was used. Note that in some figures, no SEM is indicated because the staining intensity was the same for all samples. For all groups n = 5.

10 Oxidative Medicine and Cellular Longevity



In the 20 cases of diffuse-type GC that we examined,
complex I deficiency was rare. Therefore, complex I defi-
ciency might be of importance for the pathogenesis of intes-
tinal GC only. However, as we found no complex I-negative
cells in type B gastritis with or without metaplasia or in type
C gastritis, loss of complex I does not appear to be an early
event in GC tumor development. Moreover, HP-infected
cells (parietal cells, mucous-secreting cells, and metaplasia)
showed no signs of OXPHOS dysregulation.

In complex I-deficient tumors, compensatory mecha-
nisms are found which indicate that a partial rescue of mito-
chondrial respiration can be achieved by an increase of
mitochondrial biogenesis, especially complex II [55]. Since
complex II is able to feed electrons into the respiratory chain,
it is thought that residual respiration can be sustained via
complex II in complex I-deficient tumor cells. However,
complex II is not able to transport protons across the mito-
chondrial membrane.

Comparison of the seven cases with OXPHOS deficien-
cies revealed that porin, the marker for the mitochondrial
mass, is higher in the OXPHOS-deficient cases compared to
OXPHOS competent cases.

Also other proteins feed electrons into the respiratory
chain like the mitochondrial sulfide:quinone oxidoreductase
(SQRDL), the electron transfer flavoprotein-ubiquinone
oxidoreductase (ETFDH), the glycerol-3-phosphate dehy-
drogenase (GPD2), and the sulfite oxidase (SUOX) that
potentially contribute to residual respiration in complex I-
negative tumors [56–59]. However, evidence that mito-
chondrial respiration is crucial for tumor cells comes from
therapeutic studies, which, for example, show that inhibi-
tion of complex I and glucose restriction is lethal for cancer
cells [60].

Karita et al. reported VacA localization in mucous neck,
chief, and parietal cells of HP-infected patients [38]. How-
ever, to our knowledge, ours is the first study to show VacA
positivity exclusively in parietal cells. We detected intracellu-
lar localization of this major pathogenicity factor of HP in
parietal cells but found no positivity in chief cells. In addi-
tion, we noted obvious VacA/HP positivity in the lumen of
gastric glands and the gastric lumen. VacA can permeabilize
the apical membrane of isolated rat parietal cells, inducing
hypochloridia [61]. The selective localization in parietal cells
has potential therapeutic implications, because HP might
avoid drug therapy by localizing in deep layers of the mucosa
[38, 62, 63]. HP can repopulate the extracellular gut environ-
ment after complete elimination of extracellular bacteria with
gentamicin [49, 64].

Importantly, in our study, intestinal GCs in patients with
a history of HP infection had a lower mitochondrial mass
compared to cases with no prior HP infection, as indicated
by porin expression. Since the OXPHOS complexes showed
a trend (complex III significantly reduced) toward lower
levels in cases with an HP-positive history, HP might there-
fore affect mitochondrial function only in intestinal GC cells,
since we found no alterations of mitochondrial parameters in
any of the gastritis cases. We speculate that some mitochon-
drial alterations reported in the literature might be associated
with induction of apoptosis and not HP infection per se as

previously reported [36]. We suppose that results have to
be interpreted with regard to acute or chronic infection. It
is highly doubtful that the high MOIs (100–400) which are
usually used for cell culture experiments would be reached
during infection in vivo [65, 66]. Previous studies supposed
that MOIs between 1 and 10 are found in the stomach [65,
66]. Low MOIs (1–10) inhibit apoptosis whereas high MOIs
(>75) induce apoptosis in splenocytes [67].

Previous studies reported that infection with low MOI
(=10) did not induce mtDNA destabilization [35]. We sug-
gest that studies that used a very high MOI are of limited bio-
logical significance, because most of the reported changes in
mitochondrial energy metabolism might be attributable to
apoptotic changes. Furthermore, based on molecular genetic
analysis, mainly, mutations in the highly variable D-loop
region of mtDNA were found, alterations unlikely to cause
severe mitochondrial dysfunction [34, 68].

However, the biological significance seems to be limited,
as we found no associations between infection and parame-
ters of mitochondrial energy metabolism in gastritis. Our
data indicate that the alterations of energy metabolism found
in a large percentage of GCs might occur independently of
bacterial infection.

Although HP can influence mitochondrial physiology
in vitro, there are no signs of impact on the OXPHOS system
in gastritis and cancer. A high percentage of intestinal gastric
carcinomas exhibits complex I deficiency, independent of HP
history. Complex I deficiency might have therapeutic impli-
cations since tumors with mitochondrial defects and high
glycolytic activity can potentially be inhibited in growth via
a low-carbohydrate, high-fat (ketogenic) diet.

Evidence suggests that HP can overcome eradication
therapy and repopulate the gastric lumen from deep layers
of the mucosa. IntracellularHelicobacter pylori VacA positiv-
ity is found exclusively in parietal cells that might be used as a
niche. Testing for HP positivity especially VacA in deep
layers might be important for evaluation of the effectiveness
of eradication therapy.

In addition, correlations between OXPHOS complex
expression and parameters of tumor malignancy were pres-
ent. A significantly higher complex I and complex II expres-
sion was present in large tumors. Tumor size is an
independent prognostic factor for a 5-year survival rate in
advanced gastric cancer [69, 70]. The mean tumor size in
the study by Wang et al. was 4.9 cm who analyzed 430 indi-
viduals. In our study, the mean size was 5 cm. Furthermore,
a higher expression of complex II was found in grade 3 versus
grade 2 and T4 versus T1 gastric carcinomas. The higher
complex II levels found in high grade tumors might reflect
the degree of OXPHOS deficiency. A highly dysfunctional
respiratory chain might lead to a stronger compensatory
upregulation of complex II to sustain a residual OXPHOS.
Significantly, higher complex III expression was also found
in UICC III compared to UICC II tumors. Significantly lower
complex III protein levels were found in tumors localized in
the prepyloric antrum compared to the cardia (p = 0 049).
This is consistent with the previous results. Patients with
tumors of the antrum show a better survival than individuals
with tumors of the antrum [71]. The more malignant tumors
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therefore again show a higher OXPHOS enzyme expression.
However, it has to be mentioned that the increased expres-
sion of OXPHOS complexes might be due to a compensatory
effect. Patients with a lack of complex I frequently show an
increase of the other respiratory chain complexes. A high
expression of complex II does not exclude complex I defi-
ciency; rather, it could be suggestive of a respiratory chain
defect. However, in case of our study, no compensatory
upregulation of complex II was present in the 35% of the
intestinal carcinomas with complex I deficiency. Complex
II and complex III were higher in the tumors without com-
plex I deficiency. An increase in complex II might cause an
increase in respiration, since complex II can feed electrons
into the transport chain. A singular upregulation of complex
III should not be sufficient to enhance OXPHOS. In addition,
the mitochondrial mass was equal in both groups suggesting
no compensatory mechanism. In summary, gastric carcino-
mas exhibit a high percentage of OXPHOS enzyme defects
and an association of a high expression of several OXPHOS
enzymes and malignancy.
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The central role of energy metabolism in cellular activities is becoming widely recognized. However, there are many gaps
in our knowledge of the mechanisms by which mitochondria evaluate their status and call upon the nucleus to make
adjustments. Recently, a protein family consisting of twin CX9C proteins has been shown to play a role in human
pathophysiology. We focus here on two family members, the isoforms CHCHD2 (renamed MNRR1) and CHCHD10.
The better studied isoform, MNRR1, has the unusual property of functioning in both the mitochondria and the
nucleus and of having a different function in each. In the mitochondria, it functions by binding to cytochrome c
oxidase (COX), which stimulates respiration. Its binding to COX is promoted by tyrosine-99 phosphorylation, carried
out by ABL2 kinase (ARG). In the nucleus, MNRR1 binds to a novel promoter element in COX4I2 and itself,
increasing transcription at 4% oxygen. We discuss mutations in both MNRR1 and CHCHD10 found in a number of
chronic, mostly neurodegenerative, diseases. Finally, we propose a model of a graded response to hypoxic and oxidative
stresses, mediated under different oxygen tensions by CHCHD10, MNRR1, and HIF1, which operate at intermediate
and very low oxygen concentrations, respectively.

1. Introduction

The coiled-coil-helix-coiled-coil-helix domain- (CHCHD-)
containing proteins are small, nuclear-encoded proteins
that are characterized by four cysteine residues organized
in twin cysteine motifs, where the cysteines are separated
by nine amino acids (twin CX9C proteins). They were
initially thought to localize only to the intermembrane
space (IMS) of the mitochondria, into which at least
some have been shown to be imported via the Mia40/
Erv1 relay system, although some of them have since
been found in the nucleus [1–3]. This review will focus
on two members of the twin CX9C protein family, the
isoforms CHCHD2/MNRR1 and CHCHD10, that are
turning out to have surprisingly far ranging effects on
mitochondrial function.

The twin CX9C family is characterized by the CHCH
domain [4], which contains a helix-turn-helix fold, where
each helix contains the CX9C motif [5–7]. The structure of
the CHCH domain was resolved by protein-folding studies
for Cox17, which is another CHCH protein [5, 6]. These
cysteine-containing motifs help to stabilize twin alpha helices
by forming disulfide bonds between the cysteine residues [8].
Although each protein in the family contains the above
elements, they are unique in other aspects including their
size, other structural elements, and their functions (see [9]
for review).

The discovery of the Mia40 (CHCHD4)/Erv1 import
pathway in the mitochondrial intermembrane space (IMS)
heightened interest in the CHCHD-containing protein
family [10–13]. Unlike matrix or inner-membrane-bound
proteins, proteins that use the Mia40 pathway do not require
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amitochondrial-targeting sequence (MTS) precursor. Import
via Mia40 works through a disulfide relay system wherein
Mia40 is anchored to the inner mitochondrial membrane,
facing into the IMS. In this system, CX9C proteins are
brought into the IMS from the cytosol via the translocase
of the outer membrane (TOM) in a reduced, unfolded
state. The oxidized cysteine residues of Mia40 then form
disulfide bridges with the cysteine residues of the incom-
ing twin CX9C protein. After further modification to the
disulfide bridges, the imported CX9C protein is released
into the IMS and Mia40 is reoxidized by Erv1 [13]. It is inter-
esting to note that some CHCHD-containing proteins are
predicted to have an MTS; these include CHCHD1,
CHCHD2, and CHCHD10 [9]. Such observations suggest
that these proteins can use the translocase of the inner-
membrane (TIM)/TOM import as an alternative route or
that they may be able to also localize to the mitochondrial
matrix (or the inner mitochondrial membrane). A third
possibility is that these presequences are not functional
since MNRR1/CHCHD2 has been shown to localize to
the mitochondria even after the removal of its MTS (Aras
and Grossman, unpublished data).

CX9C proteins were initially well characterized in Sac-
charomyces cerevisiae. The systematic analysis of the full
complement of the CX9C protein family by Longen and
others [8] revealed that 13 of the 14 putative family
members identified were highly conserved from yeast to
mammals. A genome-wide analysis of CX9C proteins in
eukaryotes [14] expanded information on this protein
family. Twin CX9C proteins were found to be conserved
across the organisms included in the study, except for
three obligate intercellular parasites that contain mito-
somes. The evolutionary conservation across organisms
containing true mitochondria suggested that these CX9C
proteins are important in mitochondrial function and,
indeed, members of this family operate as subunits in
complexes I and IV of the electron transport chain
(ETC), as cytochrome c oxidase (COX) assembly factors,
and they participate in mitochondrial protein import,
structure, and function. Some of the proteins also cluster
into groups of unknown functions [14]. In this review,
we will focus on two of these proteins that have very
recently been associated with neurodegenerative diseases,
MNRR1/CHCHD2 and CHCHD10. CHCHD2 was
recently renamed as Mitochondrial Nuclear Retrograde
Regulator 1, MNRR1 [3], which will be used from here on.

MNRR1 and CHCHD10 have a common ancestor in
yeast, Mix17p (formerly known as Mic17p). Both mamma-
lian proteins are 42% conserved with Mix17p. On a screen
of deletion mutants for all twin CX9C proteins in yeast to
identify their role, the deletion of Mix17 decreased oxygen
consumption to ~50% of WT [8]. Mix17 was originally
characterized by Huh et al. to be located in the nucleus
[15]. Gabriel et al. [16] considered the possibility that
the presence of the GFP tag used in the Huh study inter-
fered with the localization of the protein and hence char-
acterized the localization of endogenous Mix17. Besides
the nucleus, they found that Mix17 is localized to the mito-
chondrial IMS and is imported via the Mia40 pathway

[16]. Mix17 appeared to be a stress sensitive protein whose
levels increase in response to treatment with chemicals
that induce DNA replication stress [17]. The same study
also characterized changes in protein localization in
response to the stress. However, this study used GFP-
tagged proteins and hence raises the possibility that
stress-induced Mix17 localization changes could not be
detected. The alignment of human MNRR1, CHCHD10,
and yeast Mix17 (Figure 1) shows a highly conserved
region in the hydrophobic central domain of the protein.
The identification of several disease-associated mutations
in this region and the in silico prediction of a
membrane-binding function for this domain [18] suggest
that this highly conserved region is necessary for the role
of both proteins in a key process for mitochondrial func-
tion that can be activated in response to different condi-
tions. An example of a protein-specific change is the Tyr
residue present only in MNRR1, which lies just outside
of this region. The residue contains a predicted site for
tyrosine phosphorylation (http://www.cbs.dtu.dk/services/
NetPhos/) and is discussed in the next section. The known
functions and properties of MNRR1 and CHCHD10 are
compared in Table 1.

2. MNRR1 Function

Although MNRR1 was originally picked up in a screening
study designed to identify new genes that affect oxidative
phosphorylation [19], recent evidence shows that MNRR1
is a biorganellar protein found in both the mitochondria
and the nucleus. Interestingly, it appears to have a different
function in each compartment: in the mitochondria, it binds
to COX and in the nucleus it functions in the transcriptional
regulation of genes that contain a highly conserved promoter
motif termed the oxygen-responsive element (ORE) [3]. Loss
and gain of function experiments have shown that MNRR1
also regulates mitochondrial membrane potential, produc-
tion of reactive oxygen species (ROS) levels, and cellular
redox state [3].

2.1. Mitochondrial Function. Regulation of respiration in the
mitochondria by MNRR1 has been shown to require its
binding to COX [3, 20]. Depletion of MNRR1 results in
pleiotropic effects that include an about 50% reduction in
cellular oxygen consumption, two-fold-increased ROS levels,
2-fold slower growth [3], and a fragmented mitochondrial
phenotype as is associated with stress [21–23]. The binding
of MNRR1 to COX is promoted by its phosphorylation at
Tyr-99, a reaction that is carried out by ABL2/ARG kinase
[20]. ABL2/ARG is a nonreceptor tyrosine kinase that was
previously found or predicted to be in the cytosol and
nucleus (http://compartments.jensenlab.org/) [24] and now
also the mitochondria [20], where MNRR1 is currently the
only known mitochondrial target.

2.2. Nuclear Function. In the nucleus, MNRR1 is the activator
protein in the triad consisting of itself, RBPJκ, and CXXC5,
identified on a yeast one-hybrid screen of proteins that
specifically interact with the conserved ORE [25]. We have
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previously shown in reporter assays that MNRR1 activates
the promoters for COX subunit 4 isoform 2 (COX4I2), as
well as itself [3]. Mutation of this element reduces the trans-
activation potential of the reporter [26]. The current model
for the role of MNRR1 in the nucleus is that, under low
oxygen tension, it displaces the inhibitory factors from the
docking protein RBPJκ to facilitate transactivation.

Depletion of MNRR1 has also been shown to reduce
cellular growth rate [3]. MNRR1 knockdown studies in

cells have shown a reduction in levels of Atg7, a protein
required for the fusion of the vacuolar membrane during
autophagy and some subunits of mitochondrial complex
I [3], consistent with the effect of MNRR1 reduction in
other systems [19].

MNRR1 has been identified as a negative regulator of the
mitochondrial apoptotic pathway. A study by Liu et al. [27]
revealed that MNRR1 binds to the antiapoptotic protein
Bcl-xL under normal physiological conditions and inhibits

Table 1: Comparison of various identified functions, effects, and properties of MNRR1 and CHCHD10.

MNRR1 CHCHD10

Protein length 151 142

CHCH domain 114–144 102–132

Interactions identified using mass
spectrometry (BioGRID database)

97 total unique interactors (common
interactors for both: C1QBP, NDUFS3,
NDUFA8, COX5A, COX6A1, COX6C,

ATP5H, ECH1, USMG5)

42 total unique interactors (common
interactors for both: C1QBP, NDUFS3,
NDUFA8, COX5A, COX6A1, COX6C,

ATP5H, ECH1, USMG5)

Expression (Human Protein Atlas)
Expressed in all tissues at medium to

high levels
Muscle, heart, liver (high), brain (medium),

and low levels for other tissues

Mitochondrial function
Regulation of COX activity, ROS
production [3], apoptosis [27]

Regulation of COX activity and ATP
production [67], cristae morphology

[68, 69]

Nuclear function
Transcriptional activator for COX4I2

and itself [3]
Not known to be localized to nucleus

Hypoxia sensitivity Upregulated at 4% oxygen [25] Unknown

Posttranslational regulation
Phosphorylated at Y99 by Abl2 kinase

which activates mitochondrial function [20]
Unknown

Disease association
(altered protein/transcript levels)

Huntington’s disease [57], hepatocellular
carcinoma [66], nonsmall cell lung
carcinoma [28], lissencephaly [60]

Gastric cancer [91]

Mutation in protein associated
with disease

Parkinson’s disease [47]

Mitochondrial myopathy, amyotrophic
lateral sclerosis, Alzheimer’s disease, frontotemporal
dementia, cerebellar ataxia, spinal muscular atrophy,
Charcot-Marie-Tooth disease type 2A, motor neuron

disease (specific references and mutations
summarized in Table 2)

Functionally characterized mutations Q112H [20], 300+5G>A [47] S59L and P34S [68, 69], R15L/G58R [71]

MNRR1
CHCHD10 
Mix17 

MNRR1
CHCHD10 
Mix17 

MNRR1
CHCHD10 
Mix17 

⁎⁎ ⁎⁎ ⁎ ⁎ ⁎ ⁎ ⁎ ⁎⁎ ⁎⁎

⁎ ⁎ ⁎ ⁎⁎ ⁎⁎⁎⁎ ⁎⁎⁎⁎ ⁎⁎⁎ ⁎⁎⁎⁎ ⁎ ⁎ ⁎⁎⁎⁎⁎
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.

.
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. . . . . .

.

Figure 1: Alignment of human CHCHD10, human MNRR1, and yeast Mix17. Identical residues (∗) and similar residues (.) are indicated.
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the accumulation of the proapoptotic protein Bax in the
mitochondria. However, under stress conditions, mitochon-
drial levels of MNRR1 are reduced followed by increased Bax
and Bak oligomerization, leading to apoptosis. Currently,
there is a paucity in the understanding of how the interaction
between MNRR1 and Bcl-xL regulates inhibition of Bax
activation. The authors hypothesized that, in addition to
being a key player in regulating apoptosis in mitochondria,
MNRR1 may have an additional role in the cytoplasm
or nucleus.

Cell migration is another function that has been linked to
MNRR1 [28, 29]. Overexpression of MNRR1 promotes cell
migration in a cell culture-based migration assay, whereas
reduced motility is observed upon knockdown of the endog-
enous protein [29]. Interestingly, analysis of the functional
domain revealed that neither the CHCH motif alone nor
replacement of a predicted Ser-45 phosphorylation site could
exert cell migration-stimulating activity. MNRR1 was shown
to interact with HABP1, suppressing migration, whereas
MNRR1 was proposed to stimulate cell migration by acti-
vating Akt phosphorylation, which in turn leads to RhoA
activation, increased Jnk phosphorylation, and ultimately
focal adhesion and actin polymerization [29]. Thus, the
activities of MNRR1 and HABP1 were proposed to balance
cell migration.

MNRR1 has been shown to prime pluripotent stem cells
to differentiate towards a neuroectodermal lineage [64].
MNRR1 was identified as a new marker whose expression
significantly varies between human-embryonic stem cells
(hESC) and human-induced pluripotent stem cells (hiPSC).
MNRR1 directly interacts with SMAD4 and segregates it to
the mitochondria, resulting in decreased levels of SMAD4
in the nucleus, where it acts as a transcription factor for many
of genes of the TGFβ signaling pathway. This in turn leads to
a reduction in TGFβ and an increased differentiation toward
neuroectodermal lineages. SMAD4 has been known to associ-
ate with COX subunit II in the mitochondria to regulate

apoptotic response. hiPSC have a reduced level of MNRR1
andhave a higher expressionof nuclear SMAD4and increased
TGFβ activity, whereas the pluripotent stem cells have a
higher MNRR1 expression. These observations suggest that
a direct inverse relationship exists between MNRR1 and the
activity of the TGFβ pathway in pluripotent stem cells.

3. CHCHD10

In the recent years, high-throughput mass spectrometry
analysis has revealed several interacting partners for
both MNRR1 and CHCHD10. Unsurprisingly, MNRR1
and CHCHD10 have several common interactors, mostly
associated with mitochondrial function such as ETC pro-
teins NDUFS3, NDUFA8 (complex I), COX5A, COX6A1,
COX6C (complex IV), and ATP5H (complex V). Other,
less intuitive ones include Enoyl-CoA hydratase 1 (ECH1),
which is associated with fatty acid metabolism, and comple-
ment C1q binding protein (C1QBP), associated with
immune function. Both ECH1 and C1QBP are localized to
multiple compartments including mitochondria and may
play a role in interorganellar communication in conjunction
with MNRR1 and CHCHD10. The interaction of MNRR1
and C1QBP has been studied in the context of nonsmall cell
lung carcinoma and the network has been predicted to affect
cell proliferation, migration, and respiration in cancer cells
[28]. An interesting common interactor is USMG5 (upregu-
lated during skeletal muscle growth), also known as DAPIT
(diabetes-associated protein in insulin-sensitive tissues).
DAPIT is also involved in maintaining ATP synthase (com-
plex V) subunit levels in mitochondria [30]. Although there
are no studies linking MNRR1 with diabetes, a CHCHD10
mutation (G66V) was identified in one family to be associ-
ated with adult onset type 2 diabetes [31]. However, as the
authors note, additional studies beyond a single family will
be needed to confirm an actual disease association.

Table 2: Mutations identified in CHCHD10 associated with neurodegenerative disorders and mitochondrial myopathy.

Mutation Disease Reference

Pro12→Ser∗ ALS [76]

Arg15→Leu ALS, motor neuron disease [72, 75, 79, 81]

His22→Tyr Behavioural variant FTD [92]

Pro23→Thr/Ser/Leu FTLD (T), behavioural variant FTD (S), semantic dementia (L) [75] (T); [76] (S); [92] (L)

Pro34→Ser FTD-ALS, ALS [73, 74, 76]

Ala35→Asp FTLD, Alzheimer’s disease [75, 93]

G58→Arg (in cis with Arg15→Ser) Mitochondrial myopathy [71]

Ser59→Leu FTD-ALS, cerebellar ataxia [68, 73]

Gly66→Val ALS, LOSMoN/SMAJ, motor neuron disease, CMT2A [79–82]

Pro80→Leu ALS [75, 83, 76]

Gln82→X Atypical FTD with Parkinsonism [76]

Tyr92→Cys∗∗ ALS [9]

Pro96→Thr∗ ALS [76, 94]

Gln102→His∗∗ ALS [9]

Gln108→X∗ Atypical FTD and Parkinson’s disease [84]
∗Found outside exon 2. ∗∗Incorrectly assigned mutations in canonical CHCHD10.
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Both CHCHD10 and MNRR1 have been linked to a
number of diseases. For MNRR1, there is a greater number
of diseases associated with altered protein levels, whereas in
the case of CHCHD10, a number of mutations were associ-
ated with disease, particularly neurodegenerative diseases,
as well as one case of mitochondrial myopathy (Table 2). This
observation, along with the tissue-specific differences in level,
may signify that both proteins, though highly similar, are
necessary under different conditions. One such condition is
the presence of different oxygen levels throughout the body
and it is possible that both proteins work together in order
to fine-tune mitochondrial function.

4. Hypoxic Regulation by MNRR1

Oxygen is critical to cellular physiology. Once absorbed by
the lungs, it diffuses into the blood, bound to hemoglobin
in the red cells. Delivery of oxygen to the tissues via the
circulating blood is finely regulated depending on their
metabolic requirements. The partial pressure of oxygen
(pO2) is widely used to indicate the amount of oxygen
in a particular tissue. In a clinical setting, the units for
the pO2 are mm Hg and in an experimental setting, the
units are percent O2. Under physiological conditions, the
pO2 in human tissues ranges widely between and within
mammalian tissues (reviewed in [32]) but is well below
those used in standard cell culture experiments. For exam-
ple, relatively low in vivo oxygen levels were found in the
bone marrow of mice, ranging from 11.7 to 31.7mm Hg
(1.5–4.2% O2) with an average value of 20.4mm Hg
(2.7% O2) [33]. Intermediate levels of 5% O2 (37.8mm Hg)
were reported to be optimal for myogenic commitment of
muscle stem cells [34], while higher average levels ranging
from 29.7 to 61.8mm Hg (3.9–8.2% O2) were reported in
the mouse brain [35]. In sharp contrast, for the oxygen
tension in a standard experimental cell culture setting, the
pO2 is ~20%. Generally, in the experimental cell culture
setting, a reduction in the levels of oxygen from the ~20%
standard is termed hypoxia. Obviously, ~20% oxygen is
hyperoxic in comparison to in vivo oxygen tensions, and
great caution should be taken when extrapolating conclu-
sions derived from cell culture work to the in vivo situation.

With a reduction in the available oxygen, a cell activates
multiple signaling pathways in an attempt to maintain
homeostasis. The most widely studied hypoxic regulators
are the HIFs (hypoxia-inducible factors). Two distinct fac-
tors, HIF1α and HIF2α, have received the most attention.
In cell culture models, HIFs are stabilized at an oxygen
tension of 1-2% or lower [26, 36–38]. However, a study by
Holmquist-Mengelbier et al. has shown HIF2α stabilization
at a moderate level of hypoxia (5% O2) in a neuroblastoma
cell line [39], an effect observed only when the cells are main-
tained under chronic hypoxia (72 h). HIFs, once stabilized,
translocate to the nucleus to bind the hypoxia-responsive
elements (RCGTG) in the promoters of genes they will acti-
vate. An additional family member, HIF3α, has come to light
in recent years. HIF3α has multiple spliced variants, with
HIF3α2 being induced under hypoxia. The most intriguing

part is that HIF3α functions as an inhibitory factor for HIF
signaling [40].

In addition to being a transcription factor under hypoxic
conditions, HIF1α was shown in a breast cancer model to be
instrumental in activating γ-secretase by interacting with and
repositioning the catalytic subunit [41]. Several groups have
shown HIF-independent pathways to play a key role in the
regulation of hypoxia-responsive genes. HMG1.2 has been
shown to be one such gene in Caenorhabditis elegans that
binds promoter DNA at low oxygen tensions. In addition,
mammalian transcriptional regulators such as c-Myc [42],
ATF-4 [43], and NF-κB [44] have also been shown to
function in hypoxia in a HIF-independent manner. Other
signaling pathways, such as mTOR [45], are also regulated
under hypoxia in a HIF-independent manner. Thus, how
does a cell respond to oxygen tensions that are low but not
sufficiently so to stabilize HIFs?

We have previously shown MNRR1 to be a biorganellar
regulator. In addition to its localization and function in the
mitochondria, this protein is also localized to the nucleus,
where it binds a conserved 13 bp DNA sequence, the ORE,
along with RBPJκ. MNRR1 activates the ORE by displacing
the inhibitory factor CXXC5 that is bound to RBPJκ. This
ORE is also independent of the HIFs and is maximally active
in a cell culture system at 4% oxygen, in marked contrast to a
reporter with HIF-binding elements that is maximally active
at oxygen tensions of ≤1% [26]. Although 4% oxygen in an
experimental system is hypoxic, considering the oxygen
tension in the human body, it could be that MNRR1 is the
basal transcriptional factor for genes harboring the ORE in
organs that have an oxygen tension of ~4% (Figure 2).

Every cell in the body is exposed to an oxygen tension
that may vary from cell to cell or organ to organ. A regulatory
system is required to cope with differential oxygen tensions,
to induce a transcriptional program that would lead the cell

Physiological Cell culture
in vivo

0% 4% 13% 20%

Transcription of
HIF target genes

Transcription of other 
O2-regulated genes

Transcription of ORE-containing
genes such as COX4I2

O2 concentration

HIF1 ???

Pathophysiological range

MNRR1

Figure 2: Model for transcriptional response to decreasing
oxygen levels. The model proposes that, as tissue oxygen levels
decrease from the artificial 20% level typically used for tissue
culture, different transcriptional programs come into play to try
to achieve homeostasis.
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towards normalcy, that is, to achieve its normal homeostatic
state. It is logical to hypothesize that cells induce a distinct
regulatory signature at a very specific oxygen tension. We
propose, based on the available literature, that MNRR1 under
moderate hypoxia, and HIFs under severe hypoxia, carry out
these functions. Identification of the factors that play a key
role at distinct oxygen tensions, specifically other CHCH
domain-containing proteins, and their mechanism of regula-
tion will undoubtedly be of considerable importance in
understanding signaling pathways involving the mitochon-
dria of a cell under hypoxic stress.

5. MNRR1 and Disease

MNRR1 has been associated with a number of diseases,
most commonly Parkinson’s (PD) and Lewy body diseases
[46–48]. The association with PD is difficult to pin down,
however. First, the associations found are quite rare: although
a number of studies have identified nonsynonymous amino
acid changes that have a higher frequency in patients with
PD than in controls, the absolute population frequency is
<<1%. Furthermore, some studies have not found the
reported amino acid changes or have not found them at a
higher level in patient than in control populations [49–55].
Second, few studies have involved extended families that
allow tracking the segregation of putative mutations among
affected and unaffected members. Lastly, the disease associa-
tions have been based on allele frequencies and lack a
mechanistic basis for their pathological action.

Funayama et al. carried out a large study with Japanese
populations [47]. They identified a missense mutation in
MNRR1 (T61I) in a family by next-generation sequencing,
then obtained samples from an additional 340 patients with
autosomal dominant (AD) PD, 517 patients with sporadic
PD, and 559 controls. Three MNRR1 mutations in four of
341 index cases from independent families with ADPD were
detected: T61I, R145Q, and a splice site mutation. Of these,
the T61I mutation is notable because it was not present in
control populations and because it cosegregated in a Japanese
family with ADPD. These studies are important in that
they show segregation with Parkinson’s disease in a family
as assessed by Sanger sequencing.

Lewy body diseases (LBD), a form of dementia that
includes PD, were also targeted for a study of MNRR1
sequence variants [48]. More than 1600 patients from the
US, Ireland, and Poland had PD, 610 had a non-PD LBD,
and altogether 1432 were controls. The T61I variant, how-
ever, was not found in this study, and other coding region
variants were found a maximum of 3 times among the pooled
2237 patients compared to 0 or 1 time among the various
control groups.

The rarity of MNRR1 variants among PD patients in
all the studies taken together, along with the presence of
most variants also in nonsymptomatic controls, raises the
question of whether MNRR1 is indeed a risk factor for
PD. It will require mechanistic—including animal—studies
to address this question.

MNRR1 has been examined for association with other
genetic diseases. One study sought associations with multiple

system atrophy (MSA) and amyotrophic lateral sclerosis
(ALS) in Han Chinese patients, based on previous detection
of common genetic factors [56]. All four exons of MNRR1
were sequenced after PCR amplification in 89 MSA patients,
424 sporadic ALS patients, and 594 controls. No exonic
variant was detected in the MSA patients; four were detected
in 6 ALS patients, including P2L and S85R present in PD
patients; however, P2L was present at about an equal fre-
quency in controls without neurological disease and S85R
was present in 1 patient and 0 controls. Thus, genetic variants
of MNRR1 did not appear important in MSA or ALS in
this population.

The neurological connection to MNRR1 was further
explored in several other conditions, one of which was
Huntington’s disease (HD). Human pluripotent stem cell
(hPSC) lines were generated containing the mutant hunting-
tin (HTT) gene to explore early developmental changes in
gene expression [57]. Both human-embryonic stem cells
(hESCs) and differentiated neural stem cells (NSCs) were
examined. One of the three genes whose expression differed
significantly from wild-type cells in both hESCs and NSCs
was MNRR1, for which also corresponding protein level
differences were confirmed. Dysregulation of MNRR1 was
previously observed in blood cells from HD patients [58].
In both cell types, MNRR1 increased with differentiation
but more so in HTT mutant cells. Since HTT interacts with
both mitochondrial metabolism via an effect on PGC-1α
activation and production [59] and cell migration [29], a role
in neuronal differentiation is not surprising although the
precise nature of that role has yet to be clarified.

MNRR1 was further connected to neurological develop-
ment when it was shown to be downregulated in iPS cells
derived from patients with lissencephaly, a congenital brain
malformation caused by defects in neuronal migration [60].
The iPS cells were generated from two patients; one con-
tained a chromosome 17 microdeletion that includes LIS1,
a known microcephaly gene [61]. The other contained a
missense mutation in TUBA1A, another gene associated with
cortical migration disorders [62]. Since both genes are associ-
ated with iPS cells generated from both patients and MNRR1
has been shown to be relevant to cell migration [29],
Shimojima et al. examined the expression of MNRR1 in
patient and control iPS cells undergoing neural differentia-
tion [60]. Control cells increased MNRR1 expression at 8
and 16 days whereas cells from both patients started with
a lower level of expression and only marginally increased
it with time. The association noted above between MNRR1
and huntingtin, of MNRR1 and cell migration [29], and of
huntingtin with microtubules [63], suggests that MNRR1
could be involved in neuronal migration. Furthermore,
MNRR1 has also been suggested to prime the differentia-
tion potential of human iPS cells to neuroectodermal
lineages [64] and to inhibit apoptosis [27], an important
component of normal brain development [65]. Taken
together, there is ample reason to connect MNRR1 with
cortical development but clearly this area is in need of
further investigation.

Finally, MNRR1 has been connected to tumorigenesis.
One report shows that it is coamplified with the epidermal
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growth factor receptor (EGFR) in nonsmall cell lung carci-
noma (NSCLC) [28]. Protein levels of MNRR1 and EGFR
protein are upregulated in NSCLC tumor-derived xenografts
as compared to those of the normal lung. Experiments on
proteome changes in NSCLC cells uponMNRR1 knockdown
suggest that MNRR1 gene copy number and protein levels
are linked with EGFR as a driver in NSCLC. Moreover, the
MNRR1 knockdown in NSCLC cells alleviates cell prolifera-
tion, migration, and mitochondrial respiration. Examination
of protein-protein interactions of MNRR1 revealed two
interactome hub proteins, C1QBP/HABP1, a mitochondrial
protein, and YBX1, an oncogenic transcription factor. The
nature of these linkages will need to be better defined.

MNRR1 has also been connected to liver carcinogenesis
(HCC) via the effect of hepatitis C virus nonstructural
protein 2 (NS2) on upregulating the expression of MNRR1
[66]. MNRR1 was highly stained in a biopsy of liver cancer
but not in the adjacent normal tissue. Furthermore, in exam-
ining histological biomarkers for HCC, MNRR1 was found
highly expressed in >95% of samples. Whether altering its
expression level can alter markers of tumorigenesis awaits
further studies. Furthermore, it was revealed that c-AMP
response element binding protein (CREBP) plays an impor-
tant role in the transcriptional activation of MNRR1. Owing
to the complexity of MNRR1 function, it is likely to be
controlled at many levels. The mechanisms that control the
expression of MNRR1 are yet to be clearly understood.

6. CHCHD10 and Disease

The CHCHD10 isoform is a 142 amino acid protein.
CHCHD10 was originally picked up in a screen using the
guilt by association approach to be highly enriched in the
heart and skeletal muscle [67]. This study also confirmed that
CHCHD10 is a mitochondrial protein, and a transient
knockdown in HeLa cells decreased both COX activity and
ATP levels to ~50% of wild-type cells. Within the mitochon-
dria, CHCHD10 localizes to the intermembrane space [68]
and interacts with the members of the mitochondrial contact
site and cristae organizing system (MICOS) complex, whose
stability may also require CHCHD3 and CHCHD6 [69].

CHCHD10 has been linked to a number of neurodegen-
erative disorders in the past few years. The first study
identified and characterized a mutation, S59L, to be associ-
ated with a frontotemporal dementia- (FTD-) amyotrophic
lateral sclerosis (ALS) phenotype [68]. Since then, several
mutations in CHCHD10 have been associated with neurode-
generative disorders such as ALS and one was linked to a
mitochondrial myopathy. Table 2 summarizes the mutations
identified so far; their clinical implications have been well
summarized in a recent review [70]. Although over 10 differ-
ent mutations have been discovered, few of them have been
analyzed in detail and causally associated with the pheno-
types seen. Three have been tested thus far in cell culture
model systems to elucidate the effects of these mutations,
S59L, P34S [68, 69], and R15S/G58R [71]. Bannwarth et al.
identified the S59L mutation in a family of French origin.
They also determined the effects of this mutation in skin
fibroblasts obtained from two patients and found that the

mitochondria were decreased in length, had altered cristae
morphology, and showed defects in MICOS assembly and
nucleoid formation [68, 69]. The same group also function-
ally characterized the S59L mutation along with another,
P34S. Overexpression of both these CHCHD10 mutants led
to altered cristae morphology. The only other CHCHD10
mutation assessed in a cell culture system is the double-
mutation R15S in cis with G58R, identified in a family of
Puerto Rican origin [71]. The authors investigated its effects
in cells overexpressing this mutant protein and found that
it led to a loss of mitochondrial networks, forming smaller,
more punctate mitochondria. In comparing this double
mutant with individual R15S or G58R mutants, they found
that the G58Rmutant is sufficient to cause the altered pheno-
type. Hence, they concluded that the R15S mutation may not
be pathogenic and the effects seen may be only due to the
G58R mutation.

Since the original discovery of mutations in CHCHD10
linked to ALS, many screens were conducted across dif-
ferent populations to detect other harmful mutations in
CHCHD10. Despite the seemingly large number of muta-
tions identified, all the variants may not necessarily contrib-
ute to disease. There have been cases where the same
mutation is found in both the disease patients and in control
groups, leading to speculation whether the mutation is path-
ogenic, a risk factor, or a benign polymorphism. For exam-
ple, the P34S mutation is associated with ALS and FTD by
several studies [72–74], but the same mutation has been
identified in healthy control individuals and hence is con-
sidered nonpathogenic [75–78]. One shortcoming may be
that some of the ALS studies did not consider a sufficient
number of control individuals [9, 78]. However, another
problem with the interpretation of the data is the age of
disease onset, which for neurodegenerative disorders is
often relatively late. Therefore, individuals classed as con-
trols may actually be ones where the disease has not
manifested yet, leading to a premature classification of
the mutation as nonpathogenic. As a result, it seems essential
to ensure age-matched control and affected populations as
well as to estimate from follow-up studies the proportion
of controls who change status after initial data collection.
Lastly, there is at least one case where the identified
mutation is incorrect due to improper annotation of the
gene [9]. The canonical CHCHD10 protein sequence
(UniProtKB) has 4 cysteines at positions 102, 112, 122,
and 132 which are connected by 2 disulfide linkages to
form the CHCH domain. Any mutation in one of these
critical cysteines is likely to lead to protein misfolding.
One study has identified a mutation of Glu-102 to His
whereas, in the canonical protein, position 102 is a cyste-
ine and part of the twin CX9C motif [16]. The same group
also found a mutation at Tyr-92 whereas the original res-
idue in the CHCHD10 sequence is alanine. The template
sequence that was analyzed for identifying mutations is a
149-amino acid sequence expressed from a splice variant
(ENST00000401675.7) for which the protein status is
unreviewed on UniProtKB (B5MBW9).

Despite the presence of such confounding data, some
mutations such as G66V have been identified exclusively in
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patient populations. The G66V mutation has been associated
with a diverse spectrum of disorders including ALS [79, 80]
and motor neuron disease [81, 82]. In one study, it was seen
that, even within a single family where all the affected indi-
viduals carried the G66V variant, many different phenotypes
were displayed ranging from CMT2-type axonal neuropathy
to spinal muscular atrophy that presented as an ALS-like
disease [31]. Another mutation, P80L, is almost exclusively
present in patients with ALS [75, 76, 83]. The P80L mutation
recently was seen in one control subject, but the authors state
that this subject was 57 years of age at the time of the study
and may develop symptoms at a later age. They concluded
that the P80L mutation might be a pathogenic one with
reduced penetrance [84]. What is suggested by this data is
that (1) the association with disease is not always clear and
(2) different mutations may have different penetrance in
different individuals. Some of these issues will be clarified
by the study of CHCHD10 function in the cell both under
physiological and pathological conditions.

7. Other Genes That Harbor the ORE in Their
Promoters

The oxygen-responsive element (ORE) is a 13 bp sequence
originally identified in the promoter of COX4I2, one of the
subunit isoforms of COX. The transcription of genes from
the ORE is regulated by 3 proteins, RBPJκ, CXXC5, and
MNRR1 [25]. Genes containing the ORE are a target for
transcriptional activation by MNRR1, which includes
MNRR1 itself [3]. A systematic in silico analysis of human
genes containing the ORE identified 28 genes containing
the ORE derived from COX4I2 or MNRR1 upstream of the
first exon. These are listed in Table 3. Many of the genes
in the list are yet to be characterized (LOC105370119,
RBBP8NL, KIAA1614, ADPRHL1, NOL9, C18ORF8, C2CD2,
and RNF150), or are microRNA genes (MIR36481, and
MIR661), long noncoding RNA genes (LINC00403), or
pseudogenes (EEF1DP3), and hence cannot be classified into
any major category for cell function.

The genes on the list whose function has been charac-
terized to some extent have interesting implications. The
target list includes genes that control mitochondrial func-
tion such as SDHAF1 (succinate dehydrogenase assembly
factor 1), a complex II assembly factor, and FBP1 (fructose
bisphosphatase 1), an enzyme that regulates gluconeogene-
sis (Lamont 2006). Other target genes encode proteins
such as MADCAM1 (mucosal vascular addressin cell adhe-
sion molecule 1), MARCKSL1 (macrophage myristoylated

alanine-rich C kinase substrate-like 1), and CDH4
(cadherin 4), which are associated with cell adhesion and
migration, a process known to be regulated by MNRR1
[29] and LACTB (lactamase beta), which forms filaments
in the mitochondrial IMS and is part of a network of
genes that were validated to have a casual association
with obesity traits [85]. Another putative MNRR1 target gene
is USP28 (ubiquitin-specific peptidase 28), which encodes a
deubiquitinating enzyme that contributes to DNA damage-
induced activation of apoptosis [86], another key pathway
with which MNRR1 is associated [27].

Other ORE-harboring genes include some that may affect
neuronal and CNS function but require further characteriza-
tion. WWC1 plays a role in Hippo/SWH signaling [87] and
variants of this protein have been associated with memory
performance and lipid binding [88]. CNPY4 is a transcrip-
tional inhibitor that modulates FGF signaling in the
midbrain-hindbrain region in the zebrafish model system
[89]. ADRA2A is a protein belonging to the GPCR family
and is involved in the regulation of neurotransmitter release
from adrenergic neurons in the CNS [90].

8. Conclusion

CHCHD10 and MNRR1 are both important proteins that
regulate cell growth and metabolism. The functional studies
regarding MNRR1’s role as biorganellar regulator of oxida-
tive phosphorylation [3], and the characterization of a
posttranslational modification [20], provide clues to identify
the role of this protein in cellular function and pathways
that can be targeted in order to regulate its levels under
hypoxic stress conditions. Similar studies are necessary
for CHCHD10. Since hypoxia is associated with so large
a proportion of diseases, it is not surprising that disease-
associated variants are coming to light. One important
corollary that can be drawn from the high similarity
between the two proteins and the fact that both have a
common ancestor is that both proteins would be part of
a similar process [14]. It would be tempting to speculate
that during the course of evolution, when the ancestral
gene was duplicated, both copies underwent distinct changes,
giving rise to two separate genes, perhaps in order to respond
to different conditions but to regulate one critical proces-
s—oxidative phosphorylation—that is vital for cell survival.
Hence, basic mechanistic studies in the case of CHCHD10,
and further studies for MNRR1, would provide a platform
for identifying the effects of both these proteins individually
and as part of a system of regulation in response to different

Table 3: List of genes containing the oxygen-responsive element (ORE) identified using Geneious (www.geneious.com). ORE sequences for
MNRR1/CHCHD2 and COX4I2 in the table were used as reference sequences and searched against the human genome (GRCH38/hg38).
Matches of 83.5% or above within 1000 bp 5′ to the start of translation were listed.

ORE Genes containing ORE up to 1000 bp upstream of the gene

MNRR1 (5′‐TGTCCCACGTCCGGA-3′) LOC105370119, MIR661, MNRR1, ST18, MADCAM1, RBBP8NL

COX4I2 (5′‐TTCCCACGCTGGGG-3′)
ADPRHL1, ADRA2A, C18orf8, C2CD2, CASZ1, CDH4, CNPY4, COX4I2, EEF1DP3, ESYT1,
FBP1, KIAA1614, LACTB, LINC00403, MAP2K5, MARCKSL1, MIR36481, NOL9, RNF150,

SDHAF1, USP28, WWC1
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stress conditions including but not limited to hypoxia
(Figure 3).

An interesting possibility is that each of the CHCH
domain-containing proteins is responsive at distinct exper-
imental oxygen tensions. If true, this would provide a
mechanism, together with the HIF system, to adapt and
fine-tune cellular responses to the wide range of oxygen
concentrations found under physiological and pathological
conditions. Furthermore, one can ask whether oxygen ten-
sion is the sole regulator for CHCH domain-containing
proteins or whether there are other conditions that affect
their function, as for example shown for MNRR1 tyrosine
phosphorylation. Finally, it will be critical to further identify
and characterize the mutations associated with these proteins
so that they could be exploited clinically in diagnosis as well
as treatment.
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Mitochondria preserve very complex and distinctively unique machinery to maintain and express the content of mitochondrial
DNA (mtDNA). Similar to chromosomes, mtDNA is packaged into discrete mtDNA-protein complexes referred to as a
nucleoid. In addition to its role as a mtDNA shield, over 50 nucleoid-associated proteins play roles in mtDNA maintenance and
gene expression through either temporary or permanent association with mtDNA or other nucleoid-associated proteins. The
number of mtDNA(s) contained within a single nucleoid is a fundamental question but remains a somewhat controversial issue.
Disturbance in nucleoid components and mutations in mtDNA were identified as significant in various diseases, including
carcinogenesis. Significant interest in the nucleoid structure and its regulation has been stimulated in relation to mitochondrial
diseases, which encompass diseases in multicellular organisms and are associated with accumulation of numerous
mutations in mtDNA. In this review, mitochondrial nucleoid structure, nucleoid-associated proteins, and their regulatory
roles in mitochondrial metabolism are briefly addressed to provide an overview of the emerging research field involving
mitochondrial biology.

1. Introduction

Normal cellular physiology is critically dependent upon
energy in eukaryotic cells, making mitochondria indispens-
able organelles for energy production in the form of adeno-
sine triphosphate (ATP) via the electron-transport chain
and oxidative phosphorylation system (OXPHOS). Addi-
tionally, numerous biological functions, including ATP
transport, heat production, metal homeostasis, and stress sig-
naling and defense responses, involve mitochondria [1–5].
Stationary (or immobilized) mitochondria serve as calcium
buffers to avoid harmful intracellular calcium overload.
Depending on cellular demand, their composition is highly
variable from tissue to tissue to enable fulfillment of special-
ized functions, with accumulation at regions of high-energy
demand [4, 6]. The position of mitochondria within the cell
is determined largely by the cytoskeleton, which comprises

a highly dynamic network of actin filaments, microtubules,
and intermediate filaments [7, 8]. Mitochondrial movement,
which appears to be influenced by intermediate filament pro-
teins, is highly coordinated with changes in organelle shape
in order to produce mitochondria with sizes compatible with
their movement [9]. Therefore, the correct distribution of
mitochondria is achieved by directed movement and docking
and anchoring mechanisms [8]. Unlike other subcellular
organelles, such as Golgi, lysosomes, and endosomes, mito-
chondria individually encapsulate their own genome,
referred to as mitochondrial DNA (mtDNA). The size range
of mtDNAs found in multicellular animals is relatively
narrow (~16.5 kb; Figure 1), with some exceptions varying
from 14kb in the nematode to 42 kb in the scallop [10]. How-
ever, the mitochondrial genome of higher plants is much
larger than that in multicellular animals, ranging from
200 kb to 2400 kb [6, 10]. Many aspects of mtDNA differ
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from those of nuclear DNA, including its non-Mendelian
genetics and the polyploid nature of the genome within a
single cell [11, 12].

Mitochondria preserve very complex and unique
machinery to maintain and express the content of mtDNA.
For example, mtDNA replication occurs independent of the
cell cycle and irrespective of the replication of genes in the
nucleus [13]. Mutations originating from chromosomal
DNA cannot completely explain mitochondrial diseases
manifested in cardiomyopathies [14, 15], neurodegenerative
diseases, aging [16–18], and cancer. Mitochondrial genomes
are not naked but rather packaged into chromosome-like
organellar nuclei, termed nucleoids, that exhibit a discrete
macromolecular assembly that dictates mtDNA-protein
interactions related to mitochondrial genetics [19]. In
eukaryotic cells, thousands of mtDNA molecules are orga-
nized into several hundred nucleoids [1, 13, 19–24], which
function as units of mtDNA propagation for mtDNA replica-
tion, segregation, and gene expression [25–28]. As an orga-
nizing body of mtDNA, nucleoids work as a platform for
the subtle and controlled regulation of mitochondrial
genomes and their efficient integration into cellular signaling
[26, 29]. Naked mtDNA in the mitochondrial matrix would
preclude efficient mtDNA maintenance, resulting in
increased accumulation of mutations and the inevitable

faulty segregation of mtDNA. Numerous cellular metabolic
processes are connected to dynamic regulation associated
with mitochondrial nucleoids in order to control the stabili-
zation, maintenance, distribution, and inheritance of the
mitochondrial genome [30, 31]. In this review, we addressed
the putative mitochondrial nucleoid structure, proteins
involved in nucleoid formation, and their regulatory roles
in mitochondrial metabolism. Although in-depth mechanis-
tic findings regarding mtDNA nucleoids have been exten-
sively revealed in model organisms, such as Saccharomyces
cerevisiae [32], this review will be limited to findings from
human and mammalian systems.

2. Mitochondrial Structure and Shape

Mitochondrial morphology, suggested as ovoid or rod-
shaped, is not static, and mitochondria have no fixed size
but vary in appearance of the cristae and structure, which
can be branched, curved, or elongated and rod-like and frag-
mented into multiple smaller mitochondria depending on
cell type [33–35]. Even within individual cells, mitochondrial
structure varies. For example, mitochondria in skeletal
muscle are ovoid structures, with two possible populations:
one positioned close to the sarcolemma and the other
embedded among the myofibrils [33]. In unstressed or
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Figure 1: Human mtDNA. Human mtDNA is circular, with 16,569 bps that encode seven of the 43 subunits of complex I, one of the 11
subunits of complex III (CYTB), three of the 13 subunits of complex IV (COXI, COXII, and COXIII), and two of the 16 subunits of
complex V (ATP synthase 6 and ATP synthase 8). It also encodes two ribosomal RNAs and 22 transfer RNAs. ATP, adenosine
triphosphate; COX, cyclooxygenase; CYTB, cytochrome B; mtDNA, mitochondrial DNA.
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intact nondividing cells, mitochondria exist not as a sepa-
rate, individual mitochondrion, which is routinely seen in
isolated mitochondria as a fractional artifact, but rather
as a highly connected reticular network. This reticular net-
work of mitochondria is influenced by fission and fusion
executed by mitochondria-shaping proteins called mitody-
namins [34]. Fission can be initiated through the response
of mitodynamins to mitochondrial energetics, oxidative
stress, hypoxia, or mtDNA damage [34]. When a daughter
mitochondrion depolarizes following a fission event and is
unable to fuse to the reticular network, this solitary mito-
chondrion will be removed by mitophagy [36]. Structurally,
mitochondria exhibit a double-membrane arrangement,
which separates the organelle into four distinct compart-
ments (Figure 2): the outer membrane, the intermembrane
space, the inner membrane, and the matrix [33, 37]. The
outer membrane separates mitochondria from the cytoplasm
and surrounds the inner membrane, which separates the
intermembrane space from the protein-dense central matrix.
Unlike the outer membrane, the inner membrane constitutes
a tight diffusion barrier against all ions and molecules and is
differentiated into the inner boundary membrane and the
cristae, which is the site of mtDNA replication, transcription,
protein biosynthesis, and numerous enzymatic reactions.
The two regions are continuous at cristae junctions, with
cristae extending into the matrix and acting as the primary
sites of mitochondrial energy conversion by ATP synthase
located in cristae membranes [37]. Mitochondria do not float
freely in the cytosol but are positioned in the cytosol with the
aid of intermediate filaments and likely through molecular
linkages, networks, and bidirectional signaling between

xellular components and intermediate filaments [7, 8]. Mito-
chondrial dynamics are responsible for intracellular distribu-
tion and reactions based on functional requirements that are
maintained through fission, fusion, growth, and structural
reorganization, followed by turnover and rearrangements of
mitochondrial proteins and DNA [33, 38–40]. Nucleoid foci
containing mtDNA are attached to the cytoskeleton [7] and
organize the translation machinery on both sides of the mito-
chondrial membranes [7]. In view of the organization of gen-
eral mitochondrial functions (Figure 2), many processes are
organized in higher-ordered assemblies, including the respi-
ratory chain supercomplexes [41], endoplasmic reticulum-
(ER-) mitochondria complexes [42, 43] involved in organelle
biogenesis and inheritance, mitochondrial-contact sites and
cristae-organizing-system complexes [44] responsible for
the organization of mitochondrial ultrastructure and biogen-
esis, and mitochondrial membrane supercomplexes that
mediate protein trafficking [45, 46]. The detailed description
of these complexes is under investigation and is beyond the
scope of this review.

3. Mitochondrial DNA

Human mtDNA consists of circular, double-stranded
16,569 bp DNA with a contour length of ~5μm [47], thus
requiring mtDNA to be highly packaged to fit into a
~100nm (in diameter) nucleoid [37]. A mitochondrion
contains at least 800 to 1500 proteins of varying relative
abundance between tissues [48]; however, mtDNA contains
only 37 genes [49, 50] encoding 13 proteins of the mitochon-
drial respiratory chain, two ribosomal RNAs (12S and 16S),
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Figure 2: Spatial organization (localization) of mitochondrion and mitochondrial nucleoids. The contour length of circular mtDNA
(~16.5 kb) is ~5 μm [47] and requires tight packaging into nucleoids to fit into the tubules of the mitochondrial network comprised of
cylinders ~250 nm to ~400 nm in diameter. Nucleoids are organized in higher-ordered assemblies, including respiratory chain
supercomplexes [31] and ER-mitochondria complexes (red circle). ER, endoplasmic reticulum; mtDNA, mitochondrial DNA.
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and 22 transfer RNAs (Figure 1). The remaining protein sub-
units that comprise the OXPHOS, together with those
required for mtDNA maintenance, are encoded by nuclear
DNA, synthesized by cytoplasmic ribosomes, and are specif-
ically targeted and sorted into their correct locations within
the mitochondrion. Unlike nuclear DNA, mtDNA is charac-
terized by high gene density and the absence of introns [51].
With the exception of a ~1 kb noncoding regulatory fragment
(D-loop), mtDNA is entirely transcribed as large polycistrons
from both strands [51]. Technically, mtDNA in the nucleoid
can be localized in fixed cells in two ways: immunolabeling
using an anti-DNA antibody or cell growth for one genera-
tion in bromodeoxyuridine (BrdU) to uniformly label the
DNA to enable detection using an anti-BrdU antibody [7].
Additionally, mtDNA can be stained with 4′,6-diamidino-2-
phenylindole, ethidium bromide, or PicoGreen dye [52].
Despite mtDNA being essential for normal physiological
functions, the genome is vulnerable to oxidative stress [53].
When isolated rat cardiomyocytes were treated with 50μM
H2O2, the amount of intact 16 kbp mtDNA decreased by
50% over 10min, resulting in oxidative stress and leading
to mitochondrial dysfunction due to the decline in the activ-
ities of complexes I, III, and IV, all of which contain mtDNA-
encoded subunits [54]. mtDNA constantly undergoes muta-
tion, with clonal expansion or loss of either point mutations
or deletions [12], and mutations of mtDNA, both point
mutations and deletions, cause a host of tissue-specific [15]
and systemic diseases [12, 55]. The polyploid nature of the
mitochondrial genome (up to several thousand copies per
cell) gives rise to the important features of homoplasmy,
heteroplasmy [56–59], and clonal expansion of mtDNA,
even in the same mitochondrion, with random mitochon-
drial segregations capable of occurring in mitochondria
within the same cell [11, 12]. Based on the presence of hetero-
plasmy and clonal segregation, mtDNA status, regardless of
harbored mutations, may not be an important factor in the
construction and maintenance of nucleoid organization,
given that nucleoid-containing mutated mtDNA can segre-
gate in the cell. Although additional study is required to
understand the behavior of nucleoid-containing mutated
mtDNA and its propagation, why and how mitochondria
(or cells) tolerate this aberrant condition remain an inter-
esting question.

4. Mitochondrial Nucleoid Structure and
Dynamics

The term nucleoid was first used in 1937 by Piekarski to
describe the envelope-lacking structure of the bacterial chro-
mosome as being distinct from that of eukaryotes [60]. Sim-
ilar DNA-containing structures were later discovered in
mitochondria and plastids [61]. Nucleoids do not contain
membranes capable of separating the nucleoid compartment
from the matrix [27]. The mitochondrial nucleoid is com-
posed of mtDNA and numerous nucleoid-associated
proteins (Figure 2) that form a macromolecular structure
capable of providing submitochondrial organization of
mtDNA [29, 62]. Efficient maintenance of mtDNA in dis-
crete, segregated units located at intervals throughout the

mitochondrial network is concerted through the control of
nucleoid structure [32].

The organization of the nucleoid is a very fundamental
question in mitochondrial biology. The crucial structural
difference between nuclear chromatin and mitochondrial
nucleoid is that mtDNA is not associated with histones in
the form of nucleosomes [20, 63]. Nucleoids are roughly
spherical, with a diameter of ~100nm and with each contain-
ing more than one copy of mtDNA [37]. In view of their size,
nucleoids must fit into the ~10μm tubules of the mitochon-
drial tubular network, which can be approximated by infinite
cylinders of ~250nm to ~400 nm diameter [64, 65]. In
human cells, the multilayer model of mitochondrial nucleoid
organization [66], which describes separation into the inner
core region where DNA and proteins (DNA-packaging pro-
teins and proteins involved in replication and transcription)
are concentrated and the outer peripheral region containing
proteins temporarily recruited to execute special functions
in the nucleoid, was suggested based on the tightly bound
mtDNA [35, 61]. mtDNA replication and transcription
occur in the core region through the activity of mitochon-
drial transcription factor A (TFAM), mitochondrial RNA
polymerase (POLRMT), mitochondrial single-stranded
DNA-binding protein (mtSSB), mitochondrial polymerase
γ (POLG), and Twinkle helicase, with subsequent RNA pro-
cessing and translation occurring in the outer region (periph-
eral region) [22, 61, 67]. In the peripheral region of nucleoids,
numerous putative proteins were also identified [61]; how-
ever, less is known concerning nucleoid states during
mtDNA replication and/or transcription. As shown in
Figure 3, mtDNA can be compactly packaged by the binding
of mitochondrial transcription factor A (TFAM). The D-loop
region of mtDNA, which constitutes a regulatory site for
mtDNA replication and transcription, is anchored to the
inner mitochondrial membrane (Figures 2 and 3) likely
through a multiprotein complex [41, 42, 44] and serves as a
central hub for forming nucleoids. As depicted in Figure 4,
POLG, ATPase family AAA-domain-containing protein 3
(ATAD3), and the mitochondrial AAA proteases Lon pepti-
dase 1 (LONP1) and mtSSB, including TFAM, are believed
to be nucleoid-associated proteins that might interact with
the D-loop region of mtDNA [22, 62, 68]. These mtDNA-
binding proteins are involved in interactions between
mtDNA and the mitochondrial inner membrane, ribo-
some, and other supercomplexes to facilitate transport of
proteins or molecules [45, 69–71]. Mutations in the D-
loop region might result in altered binding affinities for
the nuclear proteins involved in mtDNA replication and
transcription, resulting in severe depletion of mtDNA con-
tent due to replication failure and disruption of nucleoid
structure [12, 32, 72–75].

5. Nucleoid Structure and Dynamics

Nucleoid structure may vary between tissue types and
according to age [76]. Nucleoids are tethered directly or indi-
rectly via the mitochondrial membrane to kinesin andmicro-
tubules in the surrounding cytoplasm [7]. Additionally,
nucleoids are composed of thin filaments that protrude
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outward and serve as anchors to the membrane [21]. Move-
ment of nucleoids located in the protein-dense matrix
compartment is limited due to their attachment to the mito-
chondrial inner membrane (Figure 5), which precludes free
diffusion through the matrix compartment [7]. A subset of
nucleoids can be observed in close proximity to microtu-
bules, which are used to transport mitochondria over long
distances and suggest important roles for the cytoskeleton
in nucleoid movement, division, and/or sorting [63]. Nucle-
oids containing nascent mtDNA localize to mitochondrial
tips, with these products of division preferentially distributed
within cells as compared with nonreplicative nucleoids [70].
In addition, nucleoids actively engaged in mtDNA synthesis
in mammalian cells are spatially and temporally linked to a
small subset of ER-mitochondria contacts destined for mito-
chondrial division [37].

During mtDNA transcription or replication, numerous
nucleoid-associated proteins are recruited, indicating that

the mitochondrial nucleoid is dynamic and not a single dis-
crete entity [7, 77]. The kinetics of replication and transcrip-
tion (monitored by immunolabeling after incorporation of
BrdU or bromouridine) suggest that each mtDNA replicates
independently of others and that newly made RNA remains
(resident half-life: ~43min) long after it has been made [7].
During transcription or replication, nucleoids should be
relaxed to facilitate attachment of transcription factors;
therefore, the size of such active nucleoids might be larger
than that of quiescent nucleoids due to the surrounding shell
of proteins associated with the replication and transcription
machinery [64]. Unlike a single nucleoid, nucleoid clusters
will be formed and mostly contain nucleoids surrounding
newly replicated mtDNA; however, the nucleoid popula-
tion not in replication mode remains outside of these
clusters [78]. It was suggested that mitochondrial nucle-
oids can be reversibly clustered with the aid of TFAM
upon mtDNA stress and that this nucleoid clustering
might be beneficial for newly replicated mtDNA against
intercalators, such as the mtDNA-depletion agent ethi-
dium bromide or anticancer drugs [78].

Within the mitochondrion, nucleoids show an asymmet-
ric intracellular distribution determined by mitochondrial
division, fusion, and motility events [70], suggesting that
the nucleoid-transmission process is DNA-independent
and reliant upon protein-protein interactions [63]. At divi-
sion sites, mtDNA replication occurs upstream of mitochon-
drial constriction and assembly of the division machinery. In
the absence of mtDNA leading to defects in respiratory activ-
ity and energy production, nucleoid integrity is lost due to
the absence of protein-DNA and additional protein-protein
interactions, and the mitochondrial reticulum is compro-
mised due to the reduced cristal-membrane content [79].
However, nucleoid proteins are capable of binding to their
proper sites on the inner mitochondrial membrane and are
sorted normally in the absence of mtDNA, given the near-
uniform distribution of mtSSB in mtDNA-depleted rho-
zero cells [80]. The maintenance or selective degradation of
mitochondrial nucleoids free of mtDNA remains unknown.

In mammalian cells, mtDNA exhibits a closed, circular
form; however, upon strand breakage or partial deletion, this
circular structure is linearized. This linearized and unsealed
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form of mtDNA renders maintenance of intact nucleoid
structure difficult due to hindered spatial organization
between the mtDNA and nucleoid-constituting proteins.
Eventually, nucleoids encapsulating linearized mtDNA
may collapse or be degraded by mitochondrial proteases
or nucleases. This was reported following application of
mitochondria-targeted obligate heterodimeric zinc finger
nucleases capable of specifically eliminating pathogenic
human mtDNA, thereby altering the ratio of desired hap-
lotypes [81]. Additionally, the presence of deletion muta-
tions in mtDNA present in human mitochondrial
diseases [12, 15] suggests that mtDNA size is not a critical
factor in nucleoid formation and maintenance; however,
additional studies are needed to determine whether the
state of mtDNA in either circular or linear form is impor-
tant in nucleoid construction and maintenance.

Mitochondria are too large and filamentous to achieve
spatial uniformity by free diffusion [82]; therefore, mito-
chondrial nucleoids use active control to ensure their segre-
gation in proportion to the cytoplasmic volume and
spacing in semiregular arrays, unlike allocations of chromo-
somes during cell division [83, 84]. Mitochondrial fission
and fusion machinery operate on the two lipid bilayers that
surround mitochondria to ensure the efficient distribution
of mtDNA throughout the cell and simultaneously protect
the nucleoid from fission events at the nucleoid itself [7]. It

is likely that the processes of mitochondrial fission, which
appears uncoupled to mtDNA replication in nucleoids
and occurs adjacent to mtDNA [7, 25] and mtDNA-
nucleoid organization, are coordinated to maintain mito-
chondrial function [83]. During the fission process,
nucleoid-partitioning errors are suppressed by controls at
two levels: mitochondrial volume is actively distributed
throughout a cell and nucleoids are spaced in semiregular
arrays within mitochondria. The fusion process is coordi-
nated by mitofusin proteins and optic atrophy 1 (OPA1),
guanosine triphosphatases located at the outer mitochondrial
membrane [9, 33]. OPA1 generates a peptide, including the
exon-4b domain associated with the inner membrane and
crucial for mtDNA maintenance that directly interacts with
nucleoids and allows their distribution within the mitochon-
drial network to promote mitochondrial genome replication
[85, 86]. It remains unclear what nucleoid-associated factors
are intricately connected to the fission and fusion machinery
to ensure nucleoid propagation. From an elegant experiment
using fluorescent-protein constructs and fusion-protein
expression in HepG2 cells, it was speculated that nucleoid
redistribution could occur following fission and its subse-
quent reintegration into the mitochondrial network [65].
However, due to the highly dynamic state of mitochondria
and the existing hurdles in visualizing mitochondrial
nucleoids in intact cells [65], our understating of nucleoid
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distribution within the mitochondrial network upon
network-morphological changes remains limited. Apart
from nucleoid redistribution in the cell, it remains unclear
whether the nucleoid fission/reintegration process is
involved in compensating for or selectively segregating
nucleoids containing mutated mtDNA.

6. mtDNA Content in the Mitochondrial
Nucleoid

In mitochondrial genetics, the number of mtDNA(s) con-
tained within a single nucleoid is a fundamental question that
remains somewhat controversial. Strong discrepancies in
mtDNA number present in a single nucleoid might be asso-
ciated with methodological differences, different cell types,
or the unveiled complex behaviors of a nucleoid [22, 87].
According to stimulated emission-depletion microscopy or
photoactivated light microscopy [22], mammalian cells
might contain an average of 1.45 mtDNA molecules per
nucleoid (ranging from ~2.4 to ~7.8 per nucleoid). However,
a recent study of mitochondrial nucleoids from mouse
embryonic fibroblasts reported that a single nucleoid could
contain more than two mtDNAmolecules based on the char-
acteristics of TFAM-mediated mtDNA packaging indicating
a spherical shape [87]. These different points regarding
mtDNA-molecule population within a single nucleoid high-
light the continued importance of understanding nucleoid
ultrastructure, but questions concerning control of individual
mtDNA transcription and replication nucleoids remain
unsolved. Interestingly, mtDNA does not mix between two
different nucleoids, despite their proximity in space and time
within the mitochondrial network, but rather, mitochondrial
nucleoids are tightly regulated by their genetic content rather
than the free exchange of mtDNAs [88]. However, heterol-
ogous mtDNAs within maximal diffusible distance of
mtDNA transcripts in the same mitochondrion can trans-
complement to restore mitochondrial function, a result
that provides a basis for future research in mitochondrial
therapeutics [32, 83].

7. Mitochondrial Nucleoid-Associating Proteins

In the previous section, the characteristics of mitochondrial
nucleoids were briefly addressed (Figures 1–5). Principally,
nucleoid-associated proteins can be defined as any protein
that either temporarily or permanently associates directly
with mtDNA or with other nucleoid proteins and plays roles
in mtDNA maintenance [28]. To better understand the
biological functions and regulation of mitochondrial nucle-
oids, identification of proteins involved in nucleoid forma-
tion is necessary [89]. Except for conserved TFAM and
mtSSB [19, 53], there is no consensus regarding nucleoid
composition due to differences in cell types or tissues used
for preparations, the various biochemical approaches used
for examination based on noncovalent protein-DNA and
protein-protein interactions [90], formaldehyde cross-
linking [91] or proximity-based biotinylation techniques
[43], the low abundance of proteins within mitochondrial
nucleoids, and the limited characterization of proteins

related to mtDNA maintenance and gene expression [89].
Additionally, it is difficult to use genetic methods to study
these associations, because all of the proteins identified are
likely required to maintain mitochondrial function [67].

Nucleoids from most organisms contain ≥50 proteins,
many of which have not been characterized with respect to
nucleoid function [22, 28, 66, 67, 92–94]. Generally, proteins
involved in mtDNA packaging or covering exhibit low
molecular weight and function as multimers (Table 1).
Nucleoid-associated proteins from various organisms can
be classified into at least four groups: (1) proteins with known
functions in DNA transactions and packaging, (2) proteins
participating in protein quality control, (3) bifunctional met-
abolic enzymes with various activities, and (4) cytoskeletal
components [63]. Some examples of these nucleoid-
associated proteins are presented in Table 1 and Figure 5.
Among those identified as nucleoid-associated proteins,
many exhibit identifiable activities unrelated directly to
mtDNA maintenance, suggesting that their bifunctionality
might involve participation in both mitochondrial metabo-
lism and mtDNA maintenance [32, 89, 95]. Interestingly,
mutations in proteins associated with the mitochondrial
nucleoid might cause either the loss of mtDNA content from
the cell or generation of mtDNA mutations [32, 96].

7.1. Mitochondrial TFAM. TFAM is a nuclear-DNA-encoded
24-kDa protein containing two high-mobility group-
(HMG-) box domains and able to bend, wrap, and unwind
DNA through modes involving sliding, collisions, and
patch formation [29, 89, 90, 97–101]. TFAMs cover
mtDNA with a footprint of between 10 bp and 30 bp
(Figure 3) and mediate the tight compaction of relaxed
mtDNA [62]. In addition to a role as a master transcription
factor, TFAM plays an equally important role in promoter
selection, initiation of genome replication, and the regulation
of mtDNA copy number [98]. TFAM concentration can
increase mtDNA content through its preferential binding at
the light-strand promoter (LSP) in the D-loop and TFAM-
mediated stabilization of mtDNA, perhaps by reducing the
rate of DNA turnover [98]. The molecular ratio of TFAM rel-
ative to mtDNA is ~900 : 1 in human mitochondria [102],
with this amount of TFAM sufficient to coat 16.6 kbp circular
human mtDNA [96]. Theoretically, mtDNA density, TFAM/
mtDNA stoichiometry, or TFAM density within a single
nucleoid may differ under various physiological (mtDNA
transcription or replication) or pathological conditions [64],
thereby implying the presence of mechanisms that select only
a subset of mtDNA molecules for replication, with others
remaining in a silent state [101]. A recent finding suggested
that human TFAM plays an important role in the equal dis-
tribution and symmetric segregation of mtDNA in cultured
cells [66]. For example, enlarged mtDNA nucleoids have
been observed in both TFAM-knockdown HeLa cells and
TFAM-overexpressing mice [103]. The process of uncoating
mtDNA has not been elucidated but likely involves the selec-
tive and processive dissociation of TFAM [104]. In view of
TFAM turnover [7], LONP1 determines the proteolytic deg-
radation of TFAM and constitutes an additional step in con-
trolling mtDNA content (Figure 3). Apart from regulating
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TFAM expression and turnover, posttranslationmodification
of TFAM by glycosylation, phosphorylation, acetylation, or
ubiquitination might constitute alternative control points of
TFAM activity, given that these modifications can influence
DNA-binding activity, protein-protein interactions, homodi-
merization, or cooperative-binding characteristics [98]. For
example, TFAM can be phosphorylated within its HMG1
domain by cyclic adenosine monophosphate-dependent
protein kinase in mitochondria, thereby impairing its ability
to bind DNA and activate transcription [104]. By contrast,
in the cytosol, TFAM phosphorylation might alter its degra-
dation by the proteasome or its association with mitochon-
drial protein-translocation machinery [104].

7.2. Mitochondrial Transcription and Replication Machinery.
The minimal proteins required for mtDNA transcription
(e.g., POLRMT and mitochondrial transcription factor B
(mtTFB)) and replication (POLG and POLG2) are embedded
in the core region of nucleoids through their mtDNA-
binding capabilities [13, 43, 62]. Due to the high degree of
compaction in mtDNA, mitochondrial topoisomerase 1,
found in the core region of mitochondrial nucleoids, is
required during replication to ease torsional strain resulting
from replication progression [62]. Additionally, POLRMT
and mtTFB, located in the core region of nucleoids, are nec-
essary for mitochondrial transcription [13, 62].

7.3. mtSSB. mtSSB is a 16-kDa protein that forms a tetramer
and binds ssDNA with high affinity in a sequence-
independent manner, thereby aiding DNA replication,
recombination, and repair processes [64, 105]. Similar to
TFAM, mtSSB is a major nucleoid-associated protein also
involved in mtDNA/nucleoid distribution within the mito-
chondrial network [106]. Additionally, mtSSB influences
mitochondrial biogenesis [105, 106], and its downregulation
leads to increases in morphological alterations, such as
fragmentation or elongation, of mitochondria [107].

7.4. Twinkle Helicase. Twinkle helicase is a nucleoid-
associated protein found in the core region [66] and the only
known mitochondrial helicase involved in unwinding
mtDNA during the replication process, synthesis of the
nascent D-loop strand, and completion of mtDNA replica-
tion [108, 109]. Decreases in Twinkle helicase concentra-
tion result in mtDNA depletion, whereas overexpression
leads to increases in mtDNA copy number [109]. Many
disease-causing mutations, including autosomal dominant
progressive external opthalmoplegia, have been mapped
to the Twinkle helicase gene, with mutation resulting in
defects in OXPHOS and the onset of neuromuscular
symptoms [109]. Twinkle helicase might also promote
nucleoid attachment to membrane structures highly
enriched in cholesterol, thereby providing a replication
platform at ER-mitochondrial junctions [71].

7.5. Mitochondrial ATPase AAA-Domain-Containing
Proteins (AAA). Several ATP-dependent proteases, including
LONP1, ATP-dependent Clp protease ATP-binding subunit
ClpX-like protein, and m-AAA protease, localize to the mito-
chondrial matrix [96] and are associated with the peripheral

region of nucleoids [61, 96, 110]. Among these, LONP1 is a
quality control enzyme that degrades oxidatively modified
and misfolded proteins and also binds to specific regions of
the mitochondrial genome, including ssDNA in both the
LSP region and RNA produced from the LSP region [98].
Additionally, LONP1 might recognize oxidized TFAM or
degrade unbound TFAM; alternatively, LONP1 can also
remove TFAM from oxidatively modified DNA, to which
TFAM binds with higher efficiency than it does unmodified
DNA [98]. Although the triggers for LONP1-mediated
TFAM degradation remain unclear, mitochondrial stress
might activate LONP1 activity to initiate TFAM degrada-
tion and activate transcription in quiescent mtDNAs
[98]. Interestingly, LONP1 expression decreases with age
or exposure to chronic stress, possibly resulting in accu-
mulation of oxidized proteins and disturbance of the
nucleoid dynamics [111].

7.6. ATAD3. ATAD3A and the less abundant ATAD3B are
protein paralogs that form heterohexamers or homohexa-
mers with ATAD3A and extend from the inner membrane
into the outer mitochondrial membrane [66, 112]. ATAD3
was discovered as an important membrane-bound mito-
chondrial ATPase [112]. Although ATAD3 appeared to be
bound to the D-loop of mtDNA in nucleoid [75], subsequent
experiments indicated that ATAD3 made direct contact with
mtDNA but is among the nucleoid-associated proteins
involved in connections between mitochondrial nucleoids
and mitochondrial ribosomes [66, 93]. ATAD3 associates
with ER-mitochondrial junctions and holds together Twin-
kle helicase-containing mammalian nucleoids attached to
membrane structures highly enriched in cholesterol [71].
Therefore, ATAD3 also plays an important role in nucle-
oid positioning in human mitochondria, with altered
ATAD3 expression disturbing mtDNA maintenance and
replication [77].

7.7. Prohibitin. Prohibitin proteins (PHB1 and PHB2) are
membrane-anchored molecular chaperones and protein
stabilizers [67, 103]. In addition to pleiotropic functions,
including apoptosis, in mitochondria, PHB1 is required for
the organization and stability of mitochondrial nucleoids
either through a TFAM-dependent or through a TFAM-
independent pathway, in which it regulates nucleoid organi-
zation directly or through undefined nucleoid factors [113].
Several reports supported the notion that PHBs are impor-
tant in mtDNA copy number regulation [103, 113].

7.8. Other Putative Nucleoid-Associated Proteins. A group of
heat-shock proteins (HSPs) are associated with nucleoids in
both yeast and human cells [63]. HSP60 functions both in
mitochondrial protein import and as a nucleoid protein
required for nucleoid division [63]. The components of
detergent-resistant mtDNA nucleoids include adenine
nucleotide translocator (ANT), the E2 subunits of two
large dehydrogenase complexes, pyruvate dehydrogenase,
and branched-chain keto acid dehydrogenase without
association with other subunits [67].
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8. Links between Mitochondrial Nucleoid
Composition and Metabolic Control

Mitochondrial nucleoids undergo remodeling, such as transi-
tion of its structure or recruitment of other proteins that
influence nucleoid-related activities in response to metabolic
cues in yeast [114, 115]. There is less concrete evidence of
yeast-like nucleoid remodeling in mammalian systems; how-
ever, nucleoid remodeling might be possible according to
metabolic demand [5, 32], because access to mtDNA for
transcription, translation, and replication is highly coordi-
nated by various factors inside and outside of the nucleoid
compartment. Moreover, nucleoid-associated proteins are
directly involved in not only mtDNA maintenance and
propagation but also metabolic activities not directly linked
to mtDNA stability [62]. Additionally, retrograde signaling
from the mitochondria to the nucleus can be promoted
through interactions between mtDNA and nucleoid-
associated factors [2, 7]. It is unclear whether nucleoid-
associated proteins can directly regulate mitochondrial gene
expression or bioenergetics.

9. Pathological Changes Associated with
Mitochondrial Nucleoids

Mitochondrial morphology is coupled to function, as a loss in
mitochondrial bioenergetic capacity results in an inability to
maintain a highly ordered structure [62]. The shaping, main-
tenance, and dissociation of nucleoids in a mitochondrion is
undertaken by numerous proteins that communicate with
one another and the nucleoid in order to determine cellular
demands dependent upon physiological conditions. The gen-
eral principles of nucleoid organization and its pathological
implications remain unclear; however, significant interest in
the role of nucleoids and their impact on mitochondria-
related diseases has focused on their association with the
accumulation of numerous mtDNA mutations [27]. Muta-
tions in mtDNA and/or aberrant nucleoid organization
might be a causal factor in etiologies of various diseases,
including cancers [15, 106]. In addition to mutations or dam-
age to nucleoid-associated proteins, aberrant interactions
between or dysfunction of nucleoid-interacting proteins
causes pathological conditions due to failed mtDNA main-
tenance. For example, ANT1 interacts with mtDNA [67],
and its mutation causes a genetic disorder leading to
multiple mtDNA deletions and autosomal dominant pro-
gressive external opthalmoplegia [116]. Additionally, the
subunits of complex I and the E2 subunits of ATP
synthase and 2-oxo-acid dehydrogenase have been identi-
fied in nucleoids and are involved in mitochondrial diseases
and aging [67]. Under physiological or various cellular stress
conditions, p53 can maintain nuclear genome stability
through the repair of damaged DNA and the integration of
cell-death-signaling pathways with DNA-damage check-
points [117]. Recently, an additional role for p53 as guardian
of the mitochondrial genome was suggested [118].
Mitochondria-translocated p53 can interact with TFAM
and POLG located in the core region of nucleoids and
involved in mtDNAmaintenance [119]. It was suggested that

the expression of dynamin-related protein 1 and OPA1
involved in mitochondrial dynamics is regulated by p53
[118]. Interestingly, human mtDNA also contains a putative
p53-binding sequence [120], suggesting that p53 functions
involve both the nuclear and mitochondrial subcellular com-
partments and are responsible for maintaining mtDNA
integrity through its activities in both regions (Figure 5). It
remains unclear whether p53 directly affects the structure
and dynamics of mitochondrial nucleoids.

Oxidative damage can disturb the regulation of nucle-
oid dynamics. For example, oxidized mtDNA is degraded
by lysosomes; however, oxidized mitochondrial nucleoids
are not degraded via the lysosomal pathway in neutrophils
in human lupus, resulting in activation of type I interferon
production [121]. Oxidative stress may deteriorate the
dynamics of nucleoids due to their resulting structural
modifications and the breakdown of redox control, result-
ing in mitochondrial dysfunction. However, more exten-
sive work is needed to clarify the mechanisms associated
with oxidative-stress-mediated disruption and/or dysfunc-
tion of mitochondrial nucleoids. The clustering of multiple
mtDNA genomes into a single nucleoid complex might
promote the progressive age-related accumulation of dele-
tions and point mutations in mtDNA in many somatic
tissues and particularly in postmitotic cells. By contrast,
oocytes appear to have the ability to select against deleterious
mutations in mtDNA, at least in mice [17]. Therefore, the
processes by which nucleoids are actively chosen for mtDNA
replication and distribution within mitochondrial networks
are not clearly understood and remain as highly relevant
issues associated with understanding the basis of human
metabolic diseases, aging, and neurodegenerative disorders
caused by mtDNA mutations, as well as those in nuclear
genes, that affect mtDNA maintenance [70].

10. Concluding Remarks and Perspectives

In mitochondrial biology and its role in human diseases,
nucleoids remain an unexplored feature. Their role as entities
that organize mtDNA by forming complexes with accessory
proteins, as well as regulators of gene expression, greatly
influences the phenotypic expression of mtDNA defects
[17]. In this review, we addressed the newly emerging field
of nucleoid research, including investigations of its structure
and dynamic regulation. Nucleoid-associated proteins func-
tion as building blocks of nucleoids, which are intimately
involved in mitochondrial genetics and the fine tuning of
metabolic demands (Figure 5). To understand the complex
behavior of nucleoids, it will be necessary to examine the
specific interactions between different nucleoid-associated
proteins and mtDNA to definitively elucidate their roles in
nucleoid organization. In addition to posttranslational
modifications of nucleoid-associated proteins, oxidative
changes that occur in nucleoid-associated proteins and
their impact on mtDNA likely influence nucleoid dynam-
ics and function and might be necessary to understand
the real functional role of nucleoid and mitochondria. Fur-
thermore, the assembly and dynamic control of nucleoid
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structure involving mtDNA also remains unclear and
should be the subject of future investigation.

Collectively, mtDNA is preserved in a highly ordered
manner by nucleoids. Mitochondrial nucleoids act not as
simple shields or parcels for mtDNA but constitute a switch
for controlling mitochondrial metabolism in response to
cellular demands. New findings associated with mitochon-
dria should be interpreted in conjunction with nucleoid
dynamics to fully understand its overall physiological and
pathophysiological role.
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The ability of novel mitochondrial uncoupler prodrug of 2,4-dinitrophenol (DNP), MP201, to prevent neuronal damage and
preserve visual function in an experimental autoimmune encephalomyelitis (EAE) model of optic neuritis was evaluated. Optic
nerve inflammation, demyelination, and axonal loss are prominent features of optic neuritis, an inflammatory optic neuropathy
often associated with the central nervous system demyelinating disease multiple sclerosis. Currently, optic neuritis is frequently
treated with high-dose corticosteroids, but treatment fails to prevent permanent neuronal damage and associated vision changes
that occur as optic neuritis resolves, thus suggesting that additional therapies are required. MP201 administered orally, once per
day, attenuated visual dysfunction, preserved retinal ganglion cells (RGCs), and reduced RGC axonal loss and demyelination in
the optic nerves of EAE mice, with limited effects on inflammation. The prominent mild mitochondrial uncoupling properties
of MP201, with slow elimination of DNP, may contribute to the neuroprotective effect by modulating the entire mitochondria’s
physiology directly. Results suggest that MP201 is a potential novel treatment for optic neuritis.

1. Introduction

Optic neuritis is an inflammatory demyelinating disease of
the optic nerve often associated with multiple sclerosis
(MS) [1]. Optic neuritis may lead to complete or partial loss
of vision in one or both eyes [2]. In 15%–20% of people who
eventually develop MS, optic neuritis is their first symptom
[3]. Current therapies used for optic neuritis, intravenous
corticosteroids, show no benefit on final visual recovery, with
up to 60% of patients failing to return to normal visual func-
tion, even though steroids have an effect in hastening acute
visual recovery, decreasing inflammation, and reducing pain
on eye movement associated with optic neuritis [1, 4].

In addition to inflammation and demyelination, optic
neuritis is characterized by significant retinal ganglion cell
(RGC) loss in the retina and axonal damage along the
optic nerve, features that correspond to permanent visual
loss [5, 6] that corticosteroids fail to prevent. Indeed, cor-
ticosteroids also show limited effect in preventing RGC

axonal damage [7, 8]. Therefore, new therapies for the
treatment of optic neuritis that specifically prevent RGC
loss and preserve visual function are needed.

Mitochondrial dysfunction plays an important role in the
neurodegeneration of optic neuritis andMS [9, 10]. Excessive
reactive oxygen species (ROS) accumulation in the optic
nerve is attributed to disease progression. Our studies have
demonstrated compounds that modulate mitochondrial
activity directly or indirectly attenuate ROS levels and disease
progression by improved cellular function, improved bio-
markers, and reduction in oxidative stress [11–14].

Mitochondrial uncoupling is the process in which pro-
tons (H+) generated indirectly via glycolysis of glucose and
beta-oxidation of lipids, by generating NADH and FADH2
to be used in the electron transport system to generate a
membrane potential by pumping protons out of the mito-
chondrial matrix, do not return through the ATPase channel
to generate ATP once the membrane potential has been
established [15]. This can happen from a naturally occurring
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phenomena coined “proton leak” in which ~25% of the
body’s potentially useful energy is dissipated as heat or via
small molecule drugs called protonophores, ionophores, or
uncouplers [16–18]. Protons leaking across the mitochon-
drial membrane are proposed as protective mechanism to
minimize ROS generation during oxidative phosphorylation
to slow aging [19]. Mitochondrial uncoupling also exists in
hibernating animals and nonhibernating mammals such as
humans [20, 21], but in low quantities [15, 22], in a special-
ized tissue called brown adipose tissue in which a protein
channel called uncoupling protein 1 is highly expressed. In
this case, protons travel into the mitochondria to generate
heat [23]. There are other related uncoupling proteins
(UCPs), which do not generate heat but are related to stress
[24, 25]. Neurons express at least three UCP isoforms includ-
ing the widely expressed UCP2 and the neuron specific UCP4
and UCP5, which play important roles in adaptive responses
of neurons to oxidative stress. Mitochondrial uncoupling has
been exhibited as a neuroprotective strategy in studies in
which activity or overexpression of UCP2 exhibited
improved functional recovery in models of epilepsy, ische-
mic stroke, Alzheimer’s disease, and NMDA-induced
retinal excitotoxicity [26–29]. Recent studies also have
shown that pharmacological agents that induce mild
mitochondrial uncoupling have tremendous therapeutic
potential in a range of acute and chronic neurodegenera-
tive conditions [25, 30–36].

MP201 is a prodrug of the mitochondrial uncoupler 2,4-
dinitrophenol (DNP) that harnesses the power of the mito-
chondria by increasing energy expenditure that results in
strengthening cellular survival [25], similar to the positive
effects seen with fasting and exercise [37]. A recent study
showed that mitochondrial uncoupling achieved by overex-
pression of UCP2 protected RGCs from glutamate excito-
toxicity [29]. Thus, we hypothesized that MP201 may have
similar neuroprotective properties that suppress RGC loss
in optic neuritis and improve visual outcomes. The potential
ability of MP201 to suppress optic neuritis and prevent RGC
loss was examined in EAE mice.

2. Methods

2.1. Experimental Animals. Six-week old female C57/Bl6
mice were purchased from the Jackson Laboratory (Bar
Harbor, ME, USA). Mice were housed at the University of
Pennsylvania in accordance with university and National
Institutes of Health guidelines. All procedures were approved
by the Institutional Animal Care and Use Committee at the
University of Pennsylvania.

2.2. Induction and Scoring of EAE. EAE was induced in
C57/Bl6 mice according to a previously published protocol
[11, 13, 38]. Briefly, 8-week old female mice were anesthe-
tized with isoflurane and were given a total of 200μg of
myelin oligodendrocyte glycoprotein (MOG) peptide
(MOG35–55; Genscript, Piscataway, NJ, USA) emulsified in
Complete Freund’s Adjuvant (Difco, Detroit, MI, USA) con-
taining 2.5mg/ml Mycobacterium tuberculosis (Difco),
administered via subcutaneous injections at two sites on the

back. Control, sham-immunized mice were injected with an
equal volume of phosphate buffered saline (PBS) and Com-
plete Freund’s Adjuvant. All animals received 200ng pertus-
sis toxin (List Biological, Campbell, CA, USA) in 0.1ml PBS
at 0 h and 48 h postimmunization, administered by intraper-
itoneal injection. EAE was scored using a previously
published 5-point scale: no disease = 0; partial tail paraly-
sis = 0.5; tail paralysis or waddling gait = 1.0; partial tail
paralysis and waddling gait = 1.5; tail paralysis and wad-
dling gait = 2.0; partial limb paralysis = 2.5; paralysis of
one limb=3.0; paralysis of one limb and partial paralysis
of another = 3.5; paralysis of two limbs =4.0; moribund
state = 4.5; and death=5.0 [11, 13, 38].

2.3. MP201 Treatment. MP201 (Mitochon Pharmaceuticals,
Inc., Blue Bell, PA, USA) was dissolved in 1% DMSO, 40%
polyethylene glycol 400 (PEG400), and 59% water and then
diluted in PBS. EAE mice were treated by oral gavage
(~300μL or 10ml/kg) once daily with 16 or 80mg/kg
MP201 as indicated, starting from day 15 postimmunization
until sacrifice (day 42). MP201 is a prodrug of DNP with
~10x lower exposure to DNP at the same doses. Prior studies
have shown that the therapeutic window between 0.5, 1, and
5mg/kg of DNP is neuroprotective [25]. To dose at equiva-
lent exposures of 1 and 5mg/kg of DNP with MP201, there
is a factor of 10x, plus the extra molecular weight (1.6x) of
the prodrug, thus 16 and 80mpk provide equivalent
exposures. Control, non-EAE mice, and sham-treated
EAE mice were treated with an equal volume (~300μL
or 10ml/kg) of PBS.

2.4. Measurement of Optokinetic Responses (OKR). Optoki-
netic responses (OKR) were used to assess visual function
in control and EAE mice treated with or without MP201.
OKR were measured as the highest spatial frequency at which
mice track a 100% contrast grating projected at varying spa-
tial frequencies using OptoMetry software and apparatus
(Cerebral Mechanics Inc., Medicine Hat, AB, Canada), as in
prior studies [11, 38]. Data are reported as cyc/deg.

2.5. Quantification of Retinal Ganglion Cell Survival. RGCs
were immunolabeled in flat-mounted retinas and counted
as described previously [11, 38]. Briefly, retinas isolated from
mice following sacrifice at day 42 were prepared as flattened
whole mounts. Retinas were then permeabilized in 0.5%
Triton X-100 in PBS by freezing for 15min at −70°C followed
by washing in PBS containing 0.5% Triton X-100. Specimens
were then incubated overnight at 4°C with goat-anti-Brn3a
antibody (RGC marker) (Santa Cruz Biotechnology, Dallas,
TX, USA) diluted 1 : 100 in PBS containing 2% bovine serum
albumin and 2% Triton X-100 (blocking buffer). The retinas
were washed three times in PBS, incubated for 2 hours at
room temperature with Alexa Fluor 488-conjugated anti-
goat secondary antibody (Thermo Fisher Scientific,
Waltham, MA, USA), diluted 1 : 500 in blocking buffer,
washed in PBS 3 to 4 times, and mounted vitreous side up on
slides in fluorescent anti-fading solution. RGCs were photo-
graphed at 40x magnification in 12 standard fields: 1/6, 3/6,
and5/6of the retinal radius fromthecenterof the retina ineach
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quadrant, and counted by a masked investigator using image
analysis software (Image-Pro Plus 5.0;Media Cybernetics, Sil-
ver Spring, MD).

2.6. Quantification of RGC Axon Staining. Neurofilament
staining in optic nerve sections was done to quantify the area
of intact RGC axons using a previously published protocol
[11, 38]. Briefly, optic nerves were isolated following sacrifice
after 42 days, fixed in 4% paraformaldehyde, and embedded
in paraffin. 5μm longitudinal paraffin sections of the optic
nerve were deparaffinized, rehydrated, and then perme-
abilized with 0.5% tween-20 in PBS. Blocking reagent (Vector
Laboratories, Burlingame, CA, USA) was used to reduce non-
specific binding. Specimens were then incubated in rabbit
anti-neurofilament antibody 1 : 100 (Abcam, Cambridge,
MA, USA) at 4°C overnight and then washed three times
with PBS and incubated with anti-rabbit secondary antibody
(Vectastain Elite ABC Rabbit kit) for 30min at 37°C. Avidin/
Biotin Complex detection was performed using the Vectas-
tain Elite ABC kit and DAB (diaminobenzidine) substrate
kit (Vector Laboratories) according to the manufacturer’s
instructions. Photographs of three fields/nerve (one each at
the distal, central, and proximal regions of the longitudinal
optic nerve section) at 20x magnification were taken by a
blinded investigator. Neurofilament staining was quantified
by calculating the optical density using ImageJ software
(http://nih.gov).

2.7. Quantification of Demyelination in the Optic Nerve.
Luxol fast blue (LFB) staining was used to evaluate demy-
elination in the optic nerves. Optic nerve sections were
stained with LFB as in prior studies [11, 38], and the
entire length of each optic nerve section was examined by
light microscopy by a blinded investigator. Demyelination
in optic nerves was quantified on a 0–3 point relative scale:
0 =no demyelination; 1 = scattered foci of demyelination;
2 =prominent foci of demyelination; and 3= large (confluent)
areas of demyelination.

2.8. Quantification of Inflammation in the Optic Nerve.
Hematoxylin and Eosin (H&E) staining was used to evaluate
inflammation in the optic nerves. Optic nerve sections were
stained with H&E as in prior studies [11, 38], and the entire
length of each optic nerve section was examined by light
microscopy by a blinded investigator. Presence of inflamma-
tory cell infiltration in the optic nerves was assessed accord-
ing to a 0–4 point scale: 0 =no infiltration; 1 =mild cellular
infiltration of the optic nerve or optic nerve sheath; 2 =mod-
erate infiltration; 3 = severe infiltration; and 4=massive
infiltration.

2.9. Statistics. Data are expressed as means± SEM. Differ-
ences in OKR across time were compared by ANOVA of
repeated measures using GraphPad Prism 5.0 (GraphPad
Software, San Diego, CA, USA). Differences in RGC num-
bers, RGC axon staining, inflammation, and demyelination
were compared using one-way ANOVA followed by
Student-Newman-Keuls test using GraphPad Prism 5.0.
Differences were considered statistically significant at
p < 0 05. For all experiments, each eye was used as an

independent data point similar to prior studies [11–14],
based on previous studies showing that optic neuritis can
occur bilaterally, or unilaterally in either eye, and thus can
occur as an independent event.

3. Results

3.1. MP201 Treatment Preserves Visual Function. Eight-week
old female C57BL/6J mice were immunized with MOG35–55
peptide to induce EAE, or sham-immunized with PBS as
controls. Mice were sham-treated with PBS, or treated with
16 or 80mg/kg MP201, daily by oral gavage beginning after
onset of optic neuritis on day 15 postimmunization. OKR
was measured every week until sacrifice at day 42. By day
42 postimmunization, OKR responses were significantly
decreased in the eyes of PBS-treated EAE mice as compared
to both control mice and EAE mice treated with either 16
or 80mg/kg MP201 (Figure 1). EAE mice that received
80mg/kg MP201 daily showed an initial vision loss at week
3 that reversed and improved significantly at later time
points. EAE mice that received 16mg/kg MP201 daily
showed a significant improvement in OKR scores at all time
points compared to PBS-treated EAE mice (p < 0 01).

3.2. MP201 Treatment Reduces RGC Loss in the Retina. Pre-
vious studies demonstrate that MOG-induced EAE mice
develop significant RGC loss 30 to 40 days postimmunization
and that this model can be used to evaluate the neuroprotec-
tive potential of therapies to prevent RGC loss [11, 13, 38].
To examine potential neuroprotective effects of MP201,
PBS- andMP201-treatedmicewere sacrificed 42 days postim-
munization, and RGCs were counted in isolated retinas. RGC
numbers in eyes from PBS-treated EAEmice showed a signif-
icant decrease (p < 0 01) compared to control mice (Figure 2).
Daily treatment on days 15–42 postimmunization with either
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Figure 1: MP201 preserves RGC function. Visual function,
measured by OKR responses, shows significant (∗∗p < 0 01)
decreases in eyes of EAE mice (N = 10 eyes) compared to control
mouse eyes (N = 10) by 6 weeks after induction of EAE. Daily oral
treatment of 16mg/kg MP201 (N = 10) from days 15 to 42
postimmunization leads to significantly (@@p < 0 01 versus EAE)
improved OKR responses in EAE mice. Mice receiving 80mg/kg
MP201 daily (N = 10) show initial vision loss by week 3 that then
reverses with improved OKR score in subsequent weeks.
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16mg/kg MP201 (p < 0 001) or 80mg/kg MP201 (p < 0 05)
led to a significant attenuation of RGC loss compared to
PBS-treated EAE mice.

3.3. MP201 Treatment Reduces RGC Axonal Loss in Optic
Nerve. Neurofilament staining was used to quantify axon
density in PBS- and MP201-treated EAE mice as in prior
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Figure 2: MP201 treatment attenuates RGC loss. Neuroprotective effects of MP201 were evaluated by counting RGCs immunolabelled with
Brn3a antibody in 12 standardized fields, three from each quadrant of the retina. (a) RGC loss in eyes of EAE mice (∗∗p < 0 01 versus control,
N = 10 eyes) is reduced by 16mg/kgMP201 treatment from days 15 to 42 (@@@p < 0 001 versus EAE,N = 10). 80mg/kgMP201 also induces
a significant (@p < 0 05 versus EAE,N = 10) improvement in RGC numbers. (b) Representative images show RGCs in one field of retina from
each group (original magnification ×20).
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studies [11, 38]. Significant (p < 0 001) reduction in axonal
staining occurred in optic nerves from PBS-treated EAEmice
as compared to optic nerves from control mice (Figure 3),
similar to prior studies [11, 38]. Treatment with 16mg/kg
of MP201 showed a significant (p < 0 001) attenuation of
optic nerve axonal loss compared to PBS-treated EAE
mice, and treatment with 80mg/kg also resulted in a sig-
nificant (p < 0 01) reduction in axonal loss.

3.4. MP201 Treatment Reduces Demyelination in Optic
Nerve. Inflammatory demyelination of RGC axons leading
to poor nerve conduction is believed to be a prominent path-
ophysiology of optic neuritis [39]. To examine whether
MP201 can block demyelination, optic nerves from control,
PBS-treated EAE, andMP201-treated EAEmice were stained
with LFB and evaluated for demyelination. PBS-treated
EAE mice showed a significant increase in demyelination
score compared to control mice (p < 0 01) (Figure 4), consis-
tent with previous studies [11, 38]. Daily treatment with
16mg/kg (p < 0 01) and 80mg/kg (p < 0 05) resulted in a
significant suppression in the degree of demyelination in
EAE optic nerves.

3.5. MP201 Treatment Does Not Affect Optic Nerve
Inflammation. Optic nerves of EAE mice treated with PBS

or with MP201 were stained with H&E to evaluate inflamma-
tion. Significant (p < 0 001) inflammatory cell infiltration
was detected in optic nerves from PBS-treated EAE mice as
compared to control mouse optic nerves that demonstrated
normal histology without inflammation (Figure 5). Optic
nerves of EAE mice treated daily with both 16mg/kg and
80mg/kg MP201 also showed significant inflammatory cell
infiltration compared to control mouse optic nerves, with
no statistical difference compared to optic nerves from
PBS-treated EAE mice.

4. Discussion

Results indicate that oral administration of MP201 provides
significant neuroprotective benefits in an experimental
model of optic neuritis. MP201 treatment led to a significant
reduction in the loss of RGCs and their axons and attenuated
demyelination along optic nerves. In addition to these struc-
tural effects, MP201 also helped preserve OKR responses.
OKR is an objective means of detecting visual activity in
mouse [40]. The optokinetic system plays an essential role
in stabilizing the visual image on the retina by producing
compensatory eye movement in the direction of visual
motion and can be used as a marker of RGC function [41].
Previous studies have shown that OKR responses decrease
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Figure 4: MP201 treatment attenuates demyelination in optic nerves during EAE. To examine whether MP201 treatment prevents
demyelination, optic nerves were isolated from mice 42 days postimmunization and were stained with LFB. (a) LFB-stained optic
nerve longitudinal sections were examined by a blinded investigator, and demyelination was quantified on a 0–3 point scale. Optic
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in EAEmice and some treatments that prevent RGC loss pre-
serve OKR responses [11, 38], consistent with the current
results. Thus, MP201 promotes improvement in both struc-
tural and functional outcomes in experimental optic neuritis.

Mitochondrial oxidative stress and loss of mitochondrial
membrane potential are classically believed to be major
mediators of many neurodegenerative diseases [42, 43], and
accumulating evidence suggests that oxidative stress plays a
major role specifically in the pathogenesis of MS and optic
neuritis [44, 45]. Indeed, various treatment strategies that
reduce oxidative stress show promising neuroprotective
effects in models of optic neuritis and other optic neuropa-
thies. Previous studies have shown that increasing mitochon-
drial defenses against accumulating superoxide protect RGCs
and their axons [46]. In addition, viral-mediated gene
delivery of antioxidant genes MnSOD (manganese superox-
ide dismutase) and catalase are effective in suppressing not
only myelin loss in the optic nerve but also mitochondrial
vacuolization, optic nerve head swelling, and dissolution of
cristae in optic nerve axons [46, 47]. Our previous studies
show significant RGC neuroprotective effects mediated by

compounds that activate SIRT1 (Sirtuin 1, silent mating type
information regulation 2 homolog) in both EAE- and mouse
hepatitis virus-induced optic neuritis [11, 13, 14, 48] and
similar neuroprotective effects of SIRT1 overexpression in a
traumatic optic nerve injury model [49]. While these studies
show SIRT1 activation significantly attenuates RGC damage
by reducing oxidative stress via deacetylation of PGC1α (per-
oxisome proliferator-activated receptor gamma coactivator
1-alpha) and subsequent increase in mitochondrial biogene-
sis, effects on visual function are only transient. Thus,
previous studies show that mitochondrial biogenesis and
reduction of oxidative stress are important targets for neuro-
protective therapies in optic neuritis, but the significant
improvement in visual function following MP201 treatment
in the current studies suggests that this mitochondrial
uncoupling therapy provides stronger neuroprotective effects
than other antioxidant treatment strategies.

Mild mitochondrial uncoupling is proposed to be one of
the central mechanisms through which oxidant production is
controlled in mitochondria [50, 51]. Overexpression of UCPs
in neuronal cells results in better preservation of cellular ATP
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Figure 5: MP201 treatment does not suppress inflammation in optic nerves during EAE. To examine whether MP201 treatment prevents
inflammation, optic nerves were isolated from mice 42 days postimmunization and stained with H&E to examine levels of cellular
infiltration. (a) H&E-stained optic nerve longitudinal sections were examined by a blinded investigator, and inflammation was quantified
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levels and lower oxidative stress with normal mitochondrial
morphology in vitro [52, 53]. UCPs promote neuroprotective
effects by diminishing oxidative stress in models of Parkin-
son disease [54], focal cerebral ischemia [30] seizures [26,
55], and brain trauma [30, 56], and UCP2 itself exerts protec-
tive effects in EAE [57]. In addition to UCPs, pharmacologi-
cal agents that induce mitochondrial uncoupling are effective
therapeutic tools for preventing neurodegeneration in a wide
range of neurodegenerative diseases [30–33]. The compound
used in present study, MP201, is a prodrug of DNP, the most
widely studied and consistently effective mitochondrial
uncoupling agent in experimental models of neurodegenera-
tion [25, 32, 58, 59]. MP201 has a linker on the hydroxyl
group that caps the oxygen, but once it crosses into portal
vein, enzymes cleave the linker and the oxygen group gets
protonated to the active form of DNP [60]. DNP can prevent
calcium accumulation and related ROS generation to pro-
mote neuroprotective effects [32, 36, 61] and stimulates
cAMP (cyclic adenosine monophosphate) production, tau
expression (nonphosphorylated), and neurite outgrowth in
cultured neuronal cells at low concentrations [62]. Low doses
of DNP ameliorate learning and memory deficits in a mouse
model of Alzheimer’s disease [25] and protect neurons
against dysfunction and degeneration in experimental
models of ischemic stroke [58], traumatic brain injury [32],
Huntington disease [36], and peripheral nerve injury [59].
DNP at low doses appears to provide a benefit in models of
known and unknown genetic causes, including epilepsy
[25]. Collectively, data suggest that DNP may be a broad
spectrum treatment for a host of indications associated
with mitochondrial dysfunction, without necessarily mito-
chondrial mutations. Interestingly, a recent study shows
that enhanced mitochondrial uncoupling by overexpres-
sion of UCP2 decreases apoptosis in RGCs and protects
against the toxic effects of glutamate agonists by regulating
ROS production [29]. Overall, previous studies support the
concept that the mitochondrial uncoupling property of
DNP likely contributes to its neuroprotective actions.
Therefore, preservation of RGCs and improved visual
function mediated by MP201 in the current studies may
be related to its mitochondrial uncoupling properties after
conversion to DNP.

DNP was used as a medication in the 1930’s for weight
loss, but a host of adverse side effects prompted a ban on its
use as a prescription drug [63–65]. For our present study,
we used MP201, a prodrug of DNP that may reduce the risk
of overdose and abuse of DNP, and we used MP201 doses
that generate DNP at doses ~10 to 50 times lower than the
dose used in the past for weight loss [25], suggesting that this
hormetic-like therapy may be much better tolerated than
past treatment with DNP directly. Other potential beneficial
features of MP201 are its ability to suppress the Cmax of
DNP 10-fold, triple its elimination time, and apparent ability
to improve its pharmacology, perhaps due to its trickle-like
systemic delivery [60]. The potential safety of DNP at lower
doses distributed over time is supported by recent studies
showing no evidence of toxic effects during chronic adminis-
tration of controlled-release of DNP [66]. Previous literature
supports this idea, as chronic low dose treatment of DNP in

drinking water (mimicking controlled release) increased lon-
gevity with low levels of oxidative proteins and DNA damage
in mice [67]. One eye-related potential side effect of DNP is
cataracts, which were reported in some patients treated
with high doses of DNP [68], but the result was not rep-
licated in follow-up experiments [69]. Given that the
significant neuroprotective effects found in the current
studies were induced by essentially a sustained release pro-
drug formulation of DNP requiring much lower doses
than those found to be toxic in the past, this novel pro-
drug therapy warrants further investigation as a potential
neuroprotective therapy.

Interestingly, the higher dose of MP201, 80mg/kg, exam-
ined here did not lead to improved neuroprotective effects as
compared to the lower dose, 16mg/kg. This may suggest that
effects of MP201 reach a homeostatic or hormetic level at low
doses that lessens at higher doses. This is consistent with pre-
vious studies that found low sustained levels of DNP admin-
istration ameliorate neurological disease processes and
improve functional outcomes, without reducing body weight
as seen at much higher doses [25, 58, 61, 70].

5. Conclusion

The current data demonstrate potential neuroprotective
effects of MP201, a prodrug of the mitochondrial uncoupling
agent DNP, in experimental optic neuritis. MP201 represents
a promising new potential therapy for use in optic neuritis
and other optic neuropathies which warrants further
investigation.
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Mitochondria are characterized by its pivotal roles in managing energy production, reactive oxygen species, and calcium, whose
aging-related structural and functional deteriorations are observed in aging muscle. Although it is still unclear how aging alters
mitochondrial quality and quantity in skeletal muscle, dysregulation of mitochondrial biogenesis and dynamic controls has been
suggested as key players for that. In this paper, we summarize current understandings on how aging regulates muscle
mitochondrial biogenesis, while focusing on transcriptional regulations including PGC-1α, AMPK, p53, mtDNA, and Tfam.
Further, we review current findings on the muscle mitochondrial dynamic systems in aging muscle: fusion/fission, autophagy/
mitophagy, and protein import. Next, we also discuss how endurance and resistance exercises impact on the mitochondrial
quality controls in aging muscle, suggesting possible effective exercise strategies to improve/maintain mitochondrial health.

1. Introduction

Skeletal muscle accounts for approximately 40% of total body
mass, and it plays an indispensable role in locomotion and
metabolism. Skeletal muscle undergoes a gradual loss of fat-
free mass, size, and function in the aging process, called
sarcopenia [1]. The etiology of sarcopenia is complex and
involves the interplay of various factors such as oxidative
stress, physical inactivity, imbalanced protein homeostasis,
apoptosis, inflammation, malnutrition, and/or mitochon-
drial dysregulation [2–5]. Mitochondria play an essential role
in the aging-related muscle deterioration because of their
importance in the production of energy and reactive oxygen
species (ROS) [6], apoptotic signaling, and calcium (Ca2+)
handling [7]. Thus, the natural aging process, along with
coincident inactivity, progressively impairs mitochondrial
integrity which might be a leading factor for sarcopenia.

The underlying mechanisms of aging-associated mito-
chondrial dysregulation in skeletal muscle remain incom-
pletely understood. Morphologically, aging muscles appear
to have either fragmented, round-shaped mitochondrial

networks [8] or unusually enlarged mitochondrial fragments
[9, 10]. For example, subsarcolemmal (SS) and intermyofibril-
lar (IMF)mitochondrial fractions in the skeletal muscle of old
rats tend to be thinner and smaller, respectively [8]. In
contrast, other findings have shown that aging muscle mito-
chondria appear as an elongated, “giant” network [9, 10]. To
betterunderstand these inconsistentfindings in themitochon-
drial structure of aging muscle, it becomes important to
investigate the mechanisms involved in mitochondrial turn-
over, the balance between organelle biogenesis, dynamics,
and degradation, which may also help delineate the underly-
ing causes of aging-related dysregulation of mitochondria in
skeletal muscle.

Exercise and physical activity have been suggested as
effective tools for either improving the quality of aging mus-
cle or delaying the onset of sarcopenia, yet the underlying
mechanisms in the exercise-inducible adaptations are still
obscure. A growing number of studies have sought to define
mitochondrial adaptations in aging skeletal muscle follow-
ing various exercise regimens. While mitochondrial biogen-
esis has been relatively well investigated, research interests
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have more recently been directed to other mitochondrial
dynamic mechanisms (fusion/fission; autophagy/mitophagy)
in aging muscle.

This review summarizes current findings on the aging-
related mitochondrial adaptations in skeletal muscle, with a
specific focus on mitochondrial biogenesis and dynamic con-
trols. In addition, this paper also outlines current research
findings on the effects of exercise on mitochondrial quality
control in aging skeletal muscle.

2. Mitochondrial Biogenesis and Aging

The synthesis of new mitochondria, termed mitochondrial
biogenesis, promotes the expansion of an existing mitochon-
drial network. This process is constantly ongoing within
skeletal muscle in order to maintain mitochondrial content
and function in response to various stimuli including
exercise, as well as other cellular stressors. Aging is known to
be a leading factor for the reductions inmitochondrial compo-
nents andcapacity [11–13]. Furthermore, aged skeletalmuscle

has a reduced ability to synthesizemitochondria in response to
biogenesis-inducing factors [14, 15]. Thus, an understanding
of the regulation ofmitochondrial biogenesis in healthy skele-
tal muscle, and the changes associated with advanced aging, is
important in developing an intervention to prevent the
progression of sarcopenia (Figure 1).

2.1. PGC-1α as a Regulator of Mitochondrial Biogenesis.
Mitochondrial biogenesis requires the coordination of the
nuclear and mitochondrial genomes, as 99% of approxi-
mately 1150 mitochondrial proteins are nuclear-encoded
[16], whereas only 13 proteins, along with 2 rRNAs and 22
tRNAs, are mitochondrially encoded [17, 18]. Peroxisome
proliferator-activated receptor (PPAR) gamma coactivator
1α (PGC-1α) is a master regulator of this process [19, 20],
and it plays a significant role in muscular phenotypic changes
and aerobic performance. Studies utilizing overexpression
[19, 21, 22] and deletion [23–25] of PGC-1α have shown that
it is critical in determining the oxidative phenotype and
mitochondrial content in skeletal muscle. Functionally,
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Figure 1: Aging is associated with reductions in mitochondrial biogenesis. Initial signaling through (1) AMPK and (2) SIRT1 is reduced with
aging, thereby reducing (3) PGC-1α coactivation and (4) p53 activation of (5) NUGEMP expression, leading to a decrease in (6) PGC-1α
protein and (7) mitochondrial targeted proteins. However, aging is associated with increased (8) TFAM and (9) p53 which has the
capacity to enhance (10) mtDNA replication. Depending on age, this mtDNA may contain elevated mutations and may not promote
efficient biogenesis in skeletal muscle.
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PGC-1α coactivates various transcription factors, such as
nuclear respiratory factors 1 and 2 (NRF-1/2), PPARγ, and
estrogen-related receptors (ERR), all of which are important
in activating the expression of nuclear genes encoding mito-
chondrial proteins (NUGEMPs) [26–29]. A critical PGC-1α-
regulated NUGEMP is a mitochondrial DNA-specific tran-
scription factor, transcription factor A of the mitochondria
(Tfam), which serves to coordinate the nuclear and mito-
chondrial genomes in the regulation of mitochondrial
biogenesis [30]. Furthermore, PGC-1α coactivates its own
gene expression by positive feedback, thus inadvertently
acting to increase its protein content as well [31, 32].

Various splice variants of PGC-1α have been identified
within skeletal muscle. For example, the full-length isoforms,
PGC-1α1–3, are associated with mitochondrial biogenesis
and oxidative phosphorylation [33], and the truncated vari-
ants, NT-PGC-1α, are produced by alternative 3′ splicing of
PGC-1α mRNA at exon1a. These truncated variants are
expressed in a similar ratio to that of PGC-1α in skeletal mus-
cle [34]. In contrast, a truncated splice variant of PGC-1α,
termed NT-PGC-1α-b or PGC-1α4, is involved in muscle
hypertrophy [35, 36]. Although several studies have indi-
cated that these truncated variants are upregulated by cold
exposure in brown adipose tissue [37] and are differen-
tially regulated by various exercise intensities in skeletal
muscle [38], the underlying mechanisms of actions of
these variants within skeletal muscle are not well understood,
and even less studied in the context of aging. A variety of
studies have indicated that PGC-1α is responsive to stimuli
such as Ca2+ [31, 39–41], ROS [42], nitric oxide [43], thyroid
hormone [44, 45], and increased energy imbalances such
as nutrient deprivation [25, 46, 47] and exercise [44, 48].
Thus, alterations in signaling from these sources can lead
to changes in mitochondrial content within skeletal mus-
cle, which are also linked with aging-associated alterations
in PGC-1α expression.

Considering the importance of PGC-1α in maintaining
skeletal muscle mitochondrial content through organelle bio-
genesis, aging-associatedmodifications in the expression and/
or activation of PGC-1α are a timely and highly relevant
research area. Although contradictory findings were observed
in human studies [11, 49, 50], aging is associatedwith a decline
in PGC-1α expression in the skeletal muscle of rodents [51].
The age-related reductions in PGC-1α have the potential to
reduce the transcriptional drive for mitochondrial biogenesis,
partially explaining the decreased skeletal muscle mitochon-
drial content associated with age. Further, knockdown of
PGC-1α expression in mice intensifies the decline in
mitochondrial gene expression and function in aging skeletal
muscle [52].

PGC-1α is also important for preventing or delaying the
onset of muscle atrophy by suppressing atrophy-related gene
expression, through the inhibition of Forkhead box O3a
(FoxO3a), a potent transcriptional inducer of muscle atro-
phy. For example, PGC-1α overexpression in adult rodents
suppressed FoxO3a activity, promoted muscle mass mainte-
nance [53], and similarly prevented starvation-associated
protein degradation and atrophy in myotubes [54]. Together,
this may explain the contribution of age-related PGC-1α

deficits to the phenotypic loss of muscle size, which thus
suggests the therapeutic potential of this protein in the pre-
vention of sarcopenia.

2.2. AMPK and NAD+. Various regulatory networks
converge to activate PGC-1α and promote mitochondrial
biogenesis. In response to a reduced cellular energy status,
energy-sensing networks associated with AMP-activated
protein kinase (AMPK) and silent mating type information
regulation 2 homolog 1 (SIRT1) are activated via AMP and
nicotinamide adenine dinucleotide (NAD+), respectively.
These proteins converge at PGC-1α to promote organelle
biogenesis [55, 56]. AMPK is an energy-sensitive kinase that
is activated by low energy status, as signified by an increase in
the AMP :ATP ratio [57–59], and it also phosphorylates
PGC-1α on threonine-177 and serine-538 [44, 60–62]. SIRT1
is an NAD+-dependent deacetylase that acts on PGC-1α in
response to an increase in NAD+, which is also indicative of
a reduction in cellular energy [32, 46, 63, 64]. AMPK and
SIRT1 are functionally interdependent, as AMPK can
increase NAD+ and subsequently activate SIRT1 within
muscle, and vice versa [55, 57, 65]. Moreover, AMPK may
function as a switch between PGC-1α-dependent and PGC-
1α-independent mitochondrial biogenesis pathways which
are promoted by SIRT1 [66]. Nevertheless, the phosphory-
lation and subsequent deacetylation of PGC-1α by AMPK
and SIRT1 activate PGC-1α and promote mitochondrial
biogenesis. Using exercise, caloric restriction, and/or phar-
macological activation models, it has been shown that both
AMPK and SIRT1 promote an oxidative phenotype within
skeletal muscle, along with increased mitochondrial content
[44, 46, 56, 58, 64, 65, 67–71].

Most reports on aged skeletal muscle show blunted
AMPK activation in response to exercise and AICAR treat-
ment [14, 70], with no apparent change in AMPK expression
[72]. These findings may partially explain the age-associated
declines in mitochondrial biogenesis since diminished
AMPK activation may downregulate PGC-1α. It may further
indicate a mechanism whereby reductions in AMPK activity
in aging muscle may reduce its ability to increase NAD+

levels and activate SIRT1. This evidence suggests that target-
ing AMPK activation within skeletal muscle may promote
mitochondrial biogenesis and thus healthier skeletal muscle
with age.

Reductions in NAD+ are evident within aged skeletal
muscle due to an increase in its breakdown, without reduc-
tions in SIRT1 protein [66, 73, 74], suggesting that this
signaling pattern toward mitochondrial biogenesis may be
hindered with aging. Using a knockdown model for cell-
specific nicotinamide mononucleotide (NMN) adenylyl-
transferase (NMNAT) which regulates NAD+ levels within
skeletal muscle, it was found that reductions in nuclear
NAD+ are partially responsible for the deficits in oxidative
phosphorylation (OXPHOS) and mitochondrial biogenesis
[66], which may help to explain the reductions in mitochon-
drial content with age. In the same study, aging mice treated
with the NAD+ precursor, NMN, restored skeletal muscle
NAD+, as well as increased mitochondrial function and
OXPHOS gene expression [66]. In addition, nicotinamide
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ribose treatment was also shown to increase NAD+ and to
prevent age-related muscle stem cell senescence, along with
an improvement in mitochondrial and muscle health with
age [75]. These data support the idea that age-related deficits
in NAD+ are partially responsible for the age-associated
reduction in mitochondrial biogenesis and suggest a possible
target for the replenishment in aging muscle.

2.3. Mitochondrial DNA. A unique characteristic of the mito-
chondrion is that it possesses its own mitochondrial DNA
(mtDNA), a circular molecule of approximately 16.6 kb in
size. mtDNA exists as a result of the mitochondrial evolu-
tionary upbringing as a prokaryote, maintaining a symbiotic
relationship with eukaryotic cells [76, 77]. Within each
organelle, there are multiple maternally inherited copies of
mtDNA, which are heteroplasmic due to the variant nature
of mtDNA copies within the cell [78].

Mitochondrial gene transcription is initiated by the
nuclear-encodedmitochondrialRNApolymerase (POLRMT)
[79], with the aid of mitochondrial transcription factors B1
and B2 (TFB1/2) and Tfam [80, 81]. Since the synthesis of
new mitochondria depends upon the coordination of the
nuclear and mitochondrial genomes, the integrity of mtDNA
and the machinery involved in its replication and gene
transcription are crucial in maintaining a healthy pool of
mitochondria and efficient biogenesis.

Within the skeletal muscle of humans, primates, and
rodents, aging has long been associated with an accumulation
of large-scale mtDNA deletions and mutations, which ulti-
mately contribute to sarcopenia and age-related myopathies
[3, 82–88]. This is likely because mtDNA is more readily
exposed to damaging free radical species due to its close
proximity to the electron transport chain (ETC), along with
the lack of protective proteins that nuclear DNA possess
[89]. Further, replicative damage to mtDNA leads to elevated
ROS production [90, 91], which is seen in aged skeletal
muscle [83], suggesting that aging is likely to lead to an
impairment in mtDNA replication. Taken together, mtDNA
damage likely ultimately reduces the quality and quantity of
mitochondrial biogenesis in aging muscle.

Aging skeletal muscle has also been associated with
declines in mtDNA copy number. For example, aged rats
(27 months old) were shown to have 20–40% less mtDNA
in skeletal muscle compared to young rats (6 months old),
corresponding to reductions in mitochondrial transcripts in
less oxidative muscle fibers [92]. However, it is unclear
whether aging-related reductions in mtDNA copy number
occur in humans, since inconsistent results have been
reported, whereby no changes [93] and even increase in
mtDNA have been observed [94]. Furthermore, elimination
of mtDNA in cells altered nuclear gene expression and
reduced mitochondrial proliferation [95], indicating that
mtDNA is required for organelle biogenesis and nuclear
coordination. These findings provide the opportunity to for-
mulate two potential theoretical frameworks. If mtDNA
reductions are evident in aged skeletal muscle, it may limit
the potential for mitochondrial biogenesis, as alluded to
above. On the other hand, if mtDNA is accumulating within
aged skeletal muscle, it could be indicative of a compensatory

mechanism in response to reduced respiratory chain func-
tion. This elevated level of mtDNA could contain mutations,
thus resulting in further overall respiratory chain defects.

2.4. Transcription Factor p53. As a tumor suppressor, the
transcription factor p53 promotes the expression of various
genes involved in cellular defense systems such as apoptosis
and cell cycle arrest in response to DNA damage [96, 97].
More recently, p53 has been identified as a regulator of mito-
chondrial integrity, content, and function as well as organelle
biogenesis [98–103]. In particular, p53 can be colocalized
within cytoplasm, nucleus, and mitochondria, whereby it
facilitates both nuclear and mitochondrial gene expression
[101, 104–106]. Mitochondrial p53 interacts with and stabi-
lizes mtDNA [102], and mtDNA expression is dependent,
in part, on the presence of p53 in skeletal muscle [107].
Indeed, the value of p53 to the mitochondrial genome
became more evident following a study showing that an
exercise-induced upregulation of p53 lessens mtDNA dam-
age in the skeletal muscle of a mtDNA mutator mouse model
of aging, compared to the mutator mouse model with skeletal
muscle-specific knockdown of p53 [108].

Reductions in muscle mitochondrial content and com-
plex assembly in p53 knockout (KO) mice further implicate
p53 as an important factor for the maintenance of mitochon-
drial aerobic capacity [100, 109]. Within the nuclear genome,
p53 supports mitochondrial biogenesis by upregulating the
expression of genes indicative of oxidative phenotypes, such
as Tfam and NRF-1, as well as the ETC assembly protein
synthesis of cytochrome c oxidase (COX) 2 [23, 103, 105,
107, 110].Moreover, PGC-1α has a p53 binding site in its pro-
moter region [61, 111] so that p53 could potentially increase
PGC-1α transcription, inducing downstream NUGEMP
expression [112], further suggesting a role for p53 in the regu-
lation of mitochondrial biogenesis. Within the mitochondrial
genome, p53 induces the transcription of 16S rRNA and
COX subunit I [101, 105]. Thus, the reductions in mito-
chondrial content in p53-KO animals are likely due to
decreased p53-induced gene expression important to mito-
chondrial biogenesis.

Aging is associated with increases in skeletal muscle p53
protein, suggesting that p53 may promote a proapoptotic
environment in aged muscle [113–116]. This increase is
clearly insufficient to maintain mitochondrial content at
levels similar to those observed in the muscle of young ani-
mals. p53 receives a regulatory input from AMPK, whereby
AMPK phosphorylates and activates p53 [117–119]. Thus,
the age-related deficiency in AMPK activation in rodent skel-
etal muscle (see above) potentially suppresses p53 activation
and signaling for mitochondrial biogenesis. Contrary to
AMPK, SIRT1 normally deacetylates and inactivates p53,
whereby it is liberated from its stimulating effect on biogen-
esis [120, 121]. However, aging is associated with reductions
in SIRT1 activity, which may promote the proapoptotic func-
tions of p53 rather than biogenesis. Importantly, the aging-
related reductions in PGC-1α may also reduce p53 because
of its coactivity with PGC-1α [112]. It was recently revealed
that aging is also correlated with reduced s-nitrosylation of
p53, a modification that enhances p53 binding to the PGC-
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1α promoter and promotes its associated antioxidant
response [122], further suggesting a reduced ability of p53
to promote biogenesis through its cooperative action with
PGC-1α. However, more research is necessary to character-
ize the role of p53 in aged skeletal muscle and to determine
if there is a therapeutic potential in targeting p53.

2.5. Mitochondrial Transcription Factor A (Tfam). Regulation
of mtDNA transcription and replication is mediated by
factors such as POLRMT, mitochondrial TFB1M/TFB2M,
and Tfam [80, 123], all of which are nuclear gene products.
The transcription of Tfam, TFB1M, and TFB2M is activated
by NRF-1 and NRF-2, which are, in turn, coactivated by
PGC-1α, thus connecting the nuclear and mitochondrial
genomes in mitochondrial biogenesis [30, 124].

Tfam is crucial for the regulation of mtDNA, and whole-
body loss of its function is associatedwith embryonic lethality,
whereas partial loss leads to reductions inmtDNAcontent and
tissue-wide respiratory deficits [125, 126]. Categorically, Tfam
has the high-mobility group box domains, which have the
ability to induce a U-turn-like conformation of mtDNA
[127–129]. Once this is completed, TFB2M and POLRMT
are recruited to the H and L promoters of mtDNA allowing
for gene transcription. Furthermore, Tfam packages and
compacts mtDNA into nucleoid-like structures [130, 131],
protecting this genome against ROS-induced mutations.

Tfam levels are positively correlated with mtDNA con-
tent [132, 133]. Within developing skeletal muscle, the
increase in Tfam mRNA is associated with elevations in
mitochondrial content and localization [134]. Mitochondrial
biogenesis is associated with an elevated abundance in Tfam
transcripts, aswell as itsmitochondrial localization [135–140],
whereas muscle-specific depletion of Tfam serves to reduce
mtDNA abundance [141]. Together, these data indicate an
essential role forTfam inpromotingmtDNAreplication, tran-
scription, and its subsequent effects on elevating the synthesis
of mitochondria.

Several studies suggest that Tfam is elevated in aged skel-
etal muscle, although reductions in mitochondrial content
are evident. This was shown to be the case in the skeletal
muscle of both aged rats [88] and humans [142]. In humans,
these increases were correlated with increases in NRF-1
mRNA and protein bound to nuclear DNA [142]. Altogether,
these data suggest that aging may lead to a compensatory
increase in Tfam, probably to maintain or increase mito-
chondrial content and respiratory function. Nevertheless, it
may also further promote the production of mutated
mtDNA, leading to mitochondrial dysfunction.

3. Mitochondrial Dynamics and Aging

In addition to organelle biogenesis discussed in the previous
sections, mitochondrial quality is finely adjusted by reshap-
ing mitochondrial structures that are primarily controlled
by fusion/fission, as well as autophagy/mitophagy. The fol-
lowing sections summarize our current understanding in
these mitochondrial regulatory systems in skeletal muscle
in the context of aging, as well as the mechanisms by which

proteins are imported into the mitochondria, allowing for
the expansion of the mitochondrial reticulum.

3.1. Fusion and Fission.Mitochondria are dynamic organelles
that are continuously undergoing the processes of fusion and
fission. Mitochondrial fusion is the expansion of the mito-
chondrial network that is accomplished by mitofusin 1
(Mfn1) and mitofusin 2 (Mfn2) in the outer mitochondrial
membrane [143], as well as by optic atrophy 1 (OPA1) in
the inner mitochondrial membrane [144]. These mitochon-
drial fusion proteins contain GTPase functional domains,
which, when activated, lead to an expanded, elongated mito-
chondrial network. Mitochondrial fission is the process that
opposes fusion, whereby the mitochondrial network can be
divided, resulting in small, fragmented, and globular mito-
chondria. Fission is also governed by GTPase proteins such
as dynamin-related protein (Drp1) and fission 1 protein
(Fis1) [145, 146]. Healthy mitochondrial dynamics are regu-
lated through the maintenance of a balance between these
opposing processes, which is fundamental for sustaining
mitochondrial quality and function in skeletal muscle. How-
ever, aging muscle appears to have an imbalance between the
fusion and fission processes, thus disposing mitochondria
toward undergoing either fusion or fission.

Several studies have revealed that aging skeletal muscle
mitochondria may preferentially undergo fission, resulting in
smaller and fragmented mitochondrial structures [8, 147].
For example, in a study comparing young (5 months) and
old (35 months) Fisher 344 Brown Norway (BN) rats, aging
skeletal muscles were observed to have elevated protein levels
of Fis1 and Drp1, as well as downregulated Mfn2 levels,
compared to their young counterparts [8]. Notably, a
remarkable reduction in Mfn2 protein levels was also found
in the skeletal muscle of old mice, and the age-related
decline was shown to be progressive throughout aging
[148]. This Mfn2 deficiency in aging muscle is also linked
to mitochondrial dysfunction, along with diminished oxida-
tive capacity [148], and this can contribute to muscle atrophy
and weakness. Thus, the absence of Mfn2 may play a signifi-
cant role in contributing to mitochondrial fragmentation and
associated sarcopenia in aging muscle.

Contradictory results have been also reported that skele-
tal muscle may be more dependent on mitochondrial fusion
in response to aging. Using a two-dimensional microscopic
analysis, Leduc-Gaudet et al. showed more elongated SS
mitochondria in the skeletal muscle of old mice, as well as
more branched IMF mitochondria, as compared to those of
young mice [9]. In this study, although no significant differ-
ence in fusion and fission proteins was found, the ratio of
Mfn2 to Drp1 appeared to increase, indicating an elevation
in the fusion index in the aging muscle [9]. It may be that
mitochondrial fusion is more active than fission in the
early-aging skeletal muscle of mice (~15months old), as indi-
cated by significantly increased Mfn1 and Mfn2 protein
levels in the skeletal muscle, as well as decreased Fis1 protein
levels [149]. In addition, other studies have revealed that both
fusion and fission proteins are not changed [150] or are all
upregulated [151] in the skeletal muscle of old animals. These
inconsistent results in the process of mitochondrial dynamics
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may be due to differences in age, species, and/or muscle types
of animals. Taken together, it is still unclear how aged skeletal
muscle regulates fusion and fission to meet the aging-related
alterations in mitochondrial structure and capacity.

3.2. Autophagy/Mitophagy. Autophagy is a “self-eating”
system by which damaged organelles and cellular byproducts
are degraded in the lysosome to help maintain cellular
homeostasis. Autophagic substrates are nonselectively
encapsulated by a double-membrane structure, an autopha-
gosome, wherein they are conjugated and ubiquitinated by
both the lipidated, active form of microtubule-associated
protein 1A/1B-light chain 3 II (LC3-II) and p62. The autop-
hagosome is then fused with a lysosome, whereupon an auto-
lysosome is formed. The engulfed substrates are subsequently
degraded by a variety of pH-dependent lysosomal proteases.
Mitophagy is a mitochondria-specific form of autophagy.
Damaged and/or dysfunctional mitochondria, characterized
by a loss of mitochondrial membrane potential, recruit
PTEN-induced kinase 1 (PINK1), which in turn activates
parkin and leads to the ubiquitination of the outer membrane
proteins. This mitochondria-ubiquitinated complex is encap-
sulated by autophagosome and then is degraded in the
lysosome. Mitophagy has been identified to be crucial in
maintaining healthy mitochondria in various tissues and
disease states through the deletion of malfunctioning mito-
chondrial segments within the network.

The literature is replete with statements that the autoph-
agy system is dysregulated with age [152–154], including
within aged skeletal muscle [155, 156]; however, variations
and contradictory findings are present in the literature
[149, 155–157]. For instance, an increased accumulation of
the autophagy markers p62 and LC3-II was observed in both
slow (soleus) and fast (tibialis anterior) skeletal muscles of
aged Fisher 344 BN rats [155], which may be indicative of
diminished autophagic degradation in aging muscle, because
LC3-II is degraded during autophagy. Others have shown
that basal autophagic regulation in skeletal muscle may be
not alteredwith aging [150, 158]. For example, muscle protein
abundance of key autophagymarkers such as Beclin-1, ULK1,
and p62, as well as the protein ratio of LC3-II to LC3-I, is not
different between young and older subjects [150, 158]. Mean-
while, the LC3 ratio (II to I) was observed to be lower in the
skeletal muscle of middle-aged animals [159], suggesting that
autophagy may be differentially regulated with age. Impor-
tantly, many of these observations are based on data in which
autophagy (or mitophagy) flux has been not assessed. Colchi-
cine, an inhibitor of autophagosome transport, is an effective
chemical for estimating “autophagic flux.” Using colchicine,
Baehr et al. provided some information to suggest that autoph-
agy flux is impaired in the skeletalmuscle of old animals [155].
However, much more research is required to clarify the
contradictory findings in the literatures.

Recent studies have also sought to understand the effects
of aging on mitophagy in skeletal muscle [160], even though
the number of studies is limited. In Drosophila, Rana et al.
have suggested the necessity of parkin not only for prolong-
ing lifespan but also for sustaining mitochondrial quality
and function in aging flight muscles [160]. They further

suggest a notable link between parkin and mitochondrial
fusion, as parkin overexpression appears to downregulate
aging-related increases in Mfn abundance, thus accelerating
the degradation of polyubiquitinated proteins and relieving
mitochondrial proteotoxicity [160]. In contrast, a recent study
by Sebastian et al. showed that the aging-associated Mfn2
deficiency may contribute to a decrease in mitophagic flux, as
suggested by an increased accumulation of LC3-II and parkin
on the mitochondria [148]. This aging-associated decline
in muscle mitophagy seems to be compensated by increas-
ing other signaling pathways including hypoxia-inducible
factor 1-alpha (HIF1α) and BCL2/adenovirus E1B 19 kDa
protein-interacting protein 3 (BNIP3) in a ROS-dependent
manner [148].

AMPK is a key player in autophagy and mitophagy
during starvation and aging [149, 161], and its activation in
skeletal muscle appears to be diminished by aging [14, 149].
Bujak et al. showed that AMPK is important in maintaining
mitochondrial integrity and mitophagic capacity in aging
skeletal muscle [161]. In response to muscle-specific AMPK
deletion, both SS and IMF mitochondrial sizes were shown
to be increased in comparison to those of age-matched
wild-type mice, along with a significant decline in mtDNA
copy numbers [161]. In this animal model, remarkable accu-
mulations of p62 and parkin proteins were also observed,
thus indicating a link between AMPK and mitophagy in
aging muscle [161]. In addition, Fritzen et al. also revealed
data that following AMPK knockdown, the ratio of LC3-II
to LC3-I was increased in the skeletal muscle of old mice as
compared to that of age-matched animals [157]. AMPK has
also been observed to regulate transcription factor EB
(TFEB), a master regulator of lysosomal biogenesis. In mouse
liver, AMPK is activated in response to starvation, which
leads to the upregulation of autophagy and lysosomal genes
via the interaction between TFEB and its coactivator,
arginine methyltransferase 1 (CARM1) [162]. Whether this
occurs in skeletal muscle is not known and further investiga-
tion is warranted.

Autophagy that is achieved via the direct transport of
substrates into the lysosome is termed chaperone-mediated
autophagy (CMA). This process requires carrier proteins
such as heat shock cognate 70 (HSC70) to deliver the
substrates to lysosomal-associated membrane protein 2A
(LAMP2A), whereupon the substrates are translocated into
the lysosomal lumen for degradation. In the context of the
lysosomal system itself, aging may downregulate lysosomal
activities, as LAMP2A [163] and HSC70 protein levels
[164] are all reduced in the liver of old rats. To our knowl-
edge, very few studies have been done to understand CMA
in aging muscle, and a single study showed that HSC70 pro-
tein abundance appears to be elevated in the skeletal muscle
of old (30 months) mice than in young (12 months) animals
[165]. Moreover, the skeletal muscle of old Fisher 344 BN rats
appeared to be characterized by lipofuscin accumulation
within the lysosomal lumen [166], suggesting that defects in
lysosomal function exist in aging muscle. It was also reported
that LAMP2 mRNA levels are decreased in the aging
plantaris of Fisher 344 BN rats as compared to those in young
animals [167], which is supported by data revealing that the
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activity of the lysosomal protease cathepsin L was also lower
in aging skeletal muscle, regardless of muscle type [155].
Thus, dysregulation of the lysosomal system may play a lim-
iting role in aging muscle autophagic regulation. However,
more detailed studies are needed to clarify the underlying
mechanisms of CMA and other lysosomal activities in aging
skeletal muscle.

3.3. Protein Import. Mitochondrial biogenesis is dependent
on protein components encoded by both mitochondrial and
nuclear DNA (mtDNA and nDNA, resp.). Only thirteen pro-
teins are encoded by mtDNA, while the remainder (~1100)
are dependent on the transcription of nDNA. Proteins that
are encoded by nDNA are transported from the cytosol to
the mitochondrial membrane import machineries, named
the translocases of the outer/inner membrane (TOM/TIM).
Through these complexes, the proteins are moved into mito-
chondrial matrix by the mitochondrial heat shock protein 70
(mHSP70) and are subsequently posttranslationally modified
by mitochondrial processing peptidase (MPP). This impor-
tant machinery contributes importantly to the management
of mitochondrial quality and the correct stoichiometry of
ETC components in skeletal muscle mitochondria.

Although it was shown that TOM proteins (e.g., TOM22)
are not changed in the aging skeletal muscle of humans [147]
and rodents [149], studies using mitochondrial fractions
have suggested that the aging process may lead to the upreg-
ulation of TOM protein levels in skeletal muscle [168]. For

example, key protein markers for TOM complex such as
TOM40 and TOM22 were increased in the muscle mito-
chondrial fraction of old rats, as compared to those in young
animals [168]. Moreover, it was also shown that TOM22
levels are increased in the skeletal muscle of functionally
inactive old subjects [147]. Taken together, it seems likely
that the mitochondrial protein import system is activated in
order to compensate for age-related mitochondrial dysfunc-
tions in skeletal muscle.

4. Exercise, Mitochondrial Adaptations, and
Aging

Exercise has been relatively well accepted as an effective
strategy for delaying either the onset or the progression of
sarcopenia; however, its effects on mitochondrial biogenesis
and turnover have been less studied in aging skeletal muscle.
In the following sections, we outline studies focusing on the
effects of exercise on mitochondrial quality control in aging
skeletal muscle (Figure 2).

4.1. Exercise and Mitochondrial Biogenesis. As compared to
young, healthy skeletal muscle, fewer studies have been
accomplished to delineate the effects of exercise on
mitochondrial quality controls in aging skeletal muscle.
Endurance exercise training or chronic contractile activity
(CCA) successfully leads to mitochondrial adaptations in
aging skeletal muscle, to a lesser extent than which is

Fusion

Fission

Protein import

Autophagy/mitophagy

Lysosome

TOM

p62
LC3II

Autophagosome

TIM

PGC‒1�훼

TFEB
?

Mitochondrial biogenesis

Endurance exercise

Figure 2: Exercise and mitochondrial dynamics in aging muscle. Endurance exercise training increases mitochondrial biogenesis in aging
muscle, although its extent may be lessened compared to young muscle. In addition, chronic exercise leads to a global upregulation of
protein markers for mitochondrial dynamic controls: fusion/fission, autophagy/mitophagy, and protein import. Since the lysosomal
system has been suggested as a key player for governing mitochondrial quality control, the role of TFEB, a master regulator of lysosomal
biogenesis, appears to be important and its relationship with PGC-1α may be also considerable for the exercise-inducible upregulation of
mitochondrial turnovers. However, more studies are needed to clarify the effects of endurance training exercise on the mitochondrial
turnover systems in aging muscle.
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observed in young muscle [51, 151, 169]. Following endur-
ance training, aging skeletal muscle does exhibit increases
in the gene and protein abundances of PGC-1α, accompa-
nied by increases in mtDNA, mitochondrial mass, ETC
components, and mitochondrial transcriptional regulators
such as Tfam [151, 169]. These training-inducible mitochon-
drial adaptations are regulated by various signaling path-
ways. Several studies have reported that endurance training
activates AMPK, p38 mitogen-activated protein kinase
(MAPK), and SIRT1 in the skeletal muscle of old rodents
and humans, all of which are activators of PGC-1α and thus
of mitochondrial biogenesis [151, 169]. Nonetheless, some
findings have suggested that the decline in mitochondrial
markers was not prevented in the skeletal muscles of animals
at advanced age (i.e., 34~36-month-old Fisher 344 BN rats)
in response to endurance training [14, 170]. Also, it was
reported that mitochondrial biogenesis following 12 weeks
of cycling exercise training was attained in the skeletal muscle
of old women without an increase in PGC-1α protein [171],
suggesting possible alternative signaling pathways to lead to
exercise-induced mitochondrial biogenesis in aging muscle,
as compared to young muscle [172].

Research trials employing lifelong physical activity also
suggest an important role of chronic muscle activity in the
maintenance and improvement in mitochondrial integrity
and aerobic performance that are attenuated with aging
[173, 174]. Higher mitochondrial volume density following
lifelong exercise is observed, and it is highly correlated with
aerobic capacity (VO2max) in the skeletal muscle of healthy
individuals over 60 years old [175].

Resistance exercise for aging individuals has been well
defined as an effective regimen for lessening aging-associated
muscle atrophy and weakness [176, 177]. However, only few
studies have sought to investigate the underlying mechanism
by which resistance exercise alters mitochondrial abundance
and function inaging skeletalmuscle.Acute resistance exercise
with leg extensions was shown to significantly increase the
mRNA levels of both total PGC-1α and PGC-1α4, as well
as Tfam, in the muscle of aged men [178]. While Flack
et al. [179] observed no changes in mitochondrial markers
in the skeletal muscle of individuals over 60 years old follow-
ing 12 weeks of resistance exercise, other studies have shown
that 6 months of resistance training partially reversed the
aging-related dysregulation of genes for mitochondrial
function [176]. Furthermore, a mixed type of chronic
exercise (voluntary resistance wheel exercise training) was
found to have a significant effect on increasing muscle
aerobic capacity in aging muscle, as well as muscle mass
and size [158], indicating the therapeutic potential of using
a mixed training type to prevent the atrophy and reduction
in mitochondria that is associated with age.

4.2. Exercise and Mitochondrial Turnover

4.2.1. Fusion/Fission and Exercise. Recent studies have sought
to understand the effects of exercise on mitochondrial
dynamics in aging skeletal muscle. While mixed results have
been found in young skeletal muscle [180, 181], several stud-
ies have shown parallel changes in both fusion and fission

proteins in aging skeletal muscle following chronic physical
activity or endurance exercise training [151, 182, 183]. For
example, 6 weeks of treadmill exercise upregulated both
Fis1 and Mfn1 protein abundances in the skeletal muscle of
old animals [151]. Furthermore, lifelong physically active
older women demonstrated elevated levels of both Mfn2
and Drp1 mRNA in their skeletal muscle as compared to
age-matched inactive women [184]. Hence, chronic muscle
activity seems to control mitochondrial dynamics in aging
skeletal muscle through the coregulation of both fusion and
fission processes.

4.2.2. Autophagy/Mitophagy and Exercise. Although contra-
dictory findings have been observed [185, 186], acute aerobic
exercise is likely to increase the autophagic responses in
skeletalmuscle [187]. For example, a bout of treadmill exercise
elevated muscle and mitochondrial autophagic flux in young
skeletal muscle, wherein LC3-II and p62 fluxes were upregu-
lated immediately after exercise, as well as during recovery
[187]. Interestingly, this acute exercise-related increase in
muscle autophagic and mitophagic flux appeared to be
diminished in the absence of PGC-1α, which suggests the
importance of PGC-1α on the exercise-inducible muscle
remodeling [187]. This is also supported by a study by
Vainshtein et al. [188], wherein denervation-induced
upregulation of the mitophagy system was lessened in
the skeletal muscle of PGC-1α-KO mice. Future work will
be required to determine whether PGC-1α plays a key role
inactivity-dependent changes in autophagy/mitophagy in
aging skeletal muscle.

Several studies have sought to understand endurance
training effects on the cellular systems in aging muscle. For
instance, it has been claimed that endurance exercise training
may upregulate the autophagy process in the skeletal muscle
of old animals [158, 189, 190]. However, these interpreta-
tions have been derived from measurements of the ratio of
LC3-II to LC3-I without changes in p62 protein accumula-
tion [158], which is a limitation as they did not measure
autophagy flux. Nonetheless, in response to endurance train-
ing, these aging muscles were shown to have increased
expression of autophagic markers such as autophagy-
related protein 7 (ATG7) and Beclin-1 that are all significant
players in the formation of the autophagosome. The CMA
protein LAMP2A also followed the same pattern [185]. Fur-
ther, physically active elderly individuals have increased
mRNA levels of autophagy markers such as Beclin-1,
ATG7, and p62 [173, 184], and they also had increased mito-
phagy markers including BNIP3 and parkin in the muscle
[173, 184]. Indeed, in a recent study (in Press), we observed
that muscle autophagy may be concomitantly altered along
with mitochondrial adaptations over the course of chronic
muscle activity. In addition, lysosomal proteins appear to
adapt prior to mitochondrial changes. Therefore, it is possi-
ble that endurance exercise training or chronic muscle activ-
ity may lead to a mitochondrial remodeling in the skeletal
muscle of aged individuals, but more studies are warranted
to clearly understand endurance exercise training effects on
the autophagy/mitophagy systems.
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Autophagic responses following resistance exercise are
shown to be different from the endurance exercise-induced
changes discussed above. For example, it has been reported
that in response to a bout of resistance exercise, the protein
ratio of LC3-II to LC3-I was decreased in the muscle of old
individuals compared to that in the young group [191, 192],
while p62 protein accumulated [178]. As in the acute
responses, resistance training appears to accelerate autophagic
degradation (flux) in aging skeletal muscle. For example,
6 weeks of ladder climbing exercise training was shown to
downregulate the ratio of LC3-II to LC3-I and p62 protein
abundance in the muscle of old rats [193]. In this study, other
autophagy protein markers including Beclin-1, ATG7, and
cathepsin L were all upregulated in the aging muscle [193],
collectively suggesting that resistance exercise may accelerate
autophagy with age.

4.2.3. Protein Import and Exercise. As in other aging studies,
there have been few studies examining the effects of exercise
or chronic activity on the mitochondrial protein import sys-
tem in aging muscle. Using a CCAmodel, Ljubicic and Hood
[14] observed an attenuated change in protein import
systems (TIM17, TIM23, and mtHSP70) in aging skeletal
muscle following 7 days of CCA, whereas the same markers
were significantly elevated by CCA in young muscle. In addi-
tion, Joseph and colleagues have shown that the increase in
protein import with CCA is correspondingly reduced in aged
muscle [168]. Thus, while the import process is not affected
with age basally, the adaptive potential in response to exercise
appears to be reduced.

5. Conclusion

Mitochondrial quality control in aging skeletal muscle is
regulated via mitochondrial biogenesis and mitochondrial
turnover; however, the regulation of these processes seems
to be less sensitive to the effects of exercise compared to that
in young, healthy muscle. Regulation of mitochondrial
quality in skeletal muscle can be also accomplished by other
cellular systems including ubiquitin proteasomal degrada-
tion, lysosomal regulation, and apoptosis. In particular, the
lysosomal system has been recently suggested as a key player
for regulating autophagy/mitophagy, as well as mitochon-
drial energy balance [194]. Indeed, a key component of
lysosomal biogenesis, the transcription factor TFEB, appears
to determine exercise capacity [194], and we have suggested a
coordinated function between TFEB and PGC-1α during
both denervation- [188] and CCA- (in Press) induced skele-
tal muscle remodeling, suggesting an importance of main-
taining a balance between mitochondrial biogenesis and
lysosomal system for the muscle quality control. Therefore,
it will be interesting for future studies to examine aging-
related alterations in the lysosomal system in skeletal muscle,
as well as to study how endurance and/or resistance exercise
regulates lysosomal capacity in aging muscle. These findings
will suggest a possible pharmaceutical target for improving
aging-related mitochondrial dysregulation in skeletal muscle.

It is evident that maintaining healthy mitochondrial
quality is essential for defeating aging-related muscle

dysfunction and weakness. To better understand the regula-
tion of mitochondrial quality control in aging muscle, more
studies are warranted to reveal the underlying mechanisms
behind the effects of exercise on the mitochondrial biogenesis
and turnover. Hopefully, the results will suggest the most
effective exercise strategies for attaining optimal mitochon-
drial quality in aging skeletal muscle.
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Tfam: Transcription factor A of the

mitochondria
TFEB: Transcription factor EB
TIM: Translocase of the inner mitochondrial
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Autism spectrum disorder (ASD), the fastest growing developmental disability in the United States, represents a group of
neurodevelopmental disorders characterized by impaired social interaction and communication as well as restricted and
repetitive behavior. The underlying cause of autism is unknown and therapy is currently limited to targeting behavioral
abnormalities. Emerging studies suggest a link between mitochondrial dysfunction and ASD. Here, we review the evidence
demonstrating this potential connection. We focus specifically on biochemical links, genetic-based associations, non-energy
related mechanisms, and novel therapeutic strategies.

1. Introduction

Autism spectrum disorder (ASD) describes a group of neuro-
developmental disorders characterized by impaired social
interaction and communication aswell as restricted and repet-
itive behavior [1]. The diagnostic criteria have recently been
modified in the Diagnostic and Statistical Manual of Mental
Disorders (DSMV) and require each of the following for diag-
nosis: persistent deficits in social and emotional reciprocity,
impairments innonverbal communication, and abnormalities
in establishing relationships with peers [1]. Secondarily, to be
diagnosed with autism, patients must display at least two of
the following: stereotypical and repetitive motor or verbal
behavior, excessiveor repetitive adherence to routines andpat-
terns of behavior, highly restricted and overlyfixated interests,
or exaggerated or hyporeactive responses to sensory input [1].
Finally, symptoms must manifest early in childhood and
impair day-to-day functioning [1].

ASD is the fastest growing developmental disability in the
United States and approximately 1 in 68 children carry the
diagnosis [2, 3]. Males are affected 4 to 5 times more com-
monly than females and the prevalence has increased 10 to
17% each year over the last several years [2, 3]. There is

currently no cure for autism and medical therapy is limited
to targeting behavioral symptoms [4]. Although the underly-
ing cause of autism is unknown, the most promising hypoth-
eses suggest genetic predisposition, epigenetic modifications,
nutritional influences, and exposure to environmental toxins
at critical periods during development [5, 6]. A growing body
of clinical, genetic, and biochemical evidence now suggests
that ASD, or at least a subset of ASDs, may also be linked
to impaired mitochondrial function [7].

Mitochondria are organelles primarily responsible for
aerobic energy production in vertebrate eukaryotic cells [8].
In addition, they also play an important role in calcium
homeostasis and signaling, regulation of apoptosis, and reac-
tive oxygen species (ROS) formation [9]. Because the central
nervous system (CNS) accounts for 20% of the body’s meta-
bolic demand and developing neurons depend on oxidative
phosphorylation for critical developmental processes, the
immature brain is uniquely vulnerable to defects in bioener-
getic capacity [8, 10, 11]. Thus, it is not surprising that
emerging studies suggest that mitochondrial impairments
may contribute to or cause a variety of neurodevelopmental
disorders [10]. Here, we review the evidence demonstrating
a potential connection between mitochondrial dysfunction
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and autism. We focus specifically on biochemical links,
genetic-based associations, non-energy related mechanisms,
and novel therapeutic strategies.

2. The Biochemical Link betweenMitochondrial
Dysfunction and Autism

In 1985, Coleman and Blass observed elevated levels of lac-
tate in the plasma of four patients with autism, suggesting a
defect in oxidative phosphorylation [12]. However, it was
not until 1998 that the concept of autism as a mitochondrial
disease was first proposed [13]. This hypothesis was based on
finding lactic acidosis, elevated urine levels of Krebs cycle
metabolites, plasma carnitine deficiency, and decreased brain
glucose utilization and adenosine triphosphate (ATP) levels
in autistic patients [13]. Over the last 30 years, numerous
reports have corroborated the notion of bioenergetic defi-
ciency in children with ASD by detecting a variety of abnor-
mal biomarkers in the brain, plasma, cerebral spinal fluid
(CSF), urine, fibroblasts, skeletal muscle, and buccal mucosa
[7, 11, 14]. In this section, we present the evidence of a poten-
tial biochemical link between impaired mitochondrial
function and ASD.

2.1. Indirect and Direct Evidence from Non-CNS Tissue.
Defects in oxidative phosphorylation are known to result in
lactic acidemia, abnormal lactate: pyruvate ratios, accumula-
tion of alanine, and increased acyl-carnitine levels in the
plasma and urine [7]. A number of investigators have identi-
fied such indirect evidence of mitochondrial dysfunction in a
variety of peripheral tissues and samples obtained from autis-
tic children [14]. For example, in a study of 60 autistic
patients aged 2 to 40 years of age, 8.3% of them demonstrated
biochemical markers of abnormal aerobic respiration [7].
These included elevated plasma lactate and alanine levels
and the presence of organic acids in the urine such as 3-
methyl-glutaconic acid, citric acid cycle intermediates, and
dicarboxylic acids [7]. In other work, 20% of children with
ASD had elevated plasma lactate levels along with increase
lactate: pyruvate ratios [15]. Further evidence included
reduced total and free serum carnitine levels, decreased pyru-
vate, and increased alanine and ammonia in a cohort of
patients with a diagnosis of ASD [16]. In a retrospective
review of the medical records from 25 children with autism,
76% had elevated blood lactate, 53% had increase pyruvate
levels, 20% demonstrated an increase lactate: pyruvate ratio
in fibroblasts, and 42% displayed abnormal urine organic
acid analysis [17].

As far as direct evidence of abnormal electron transport
chain (ETC) function in peripheral tissues, Graf et al.
reported pathologically increased complex I activity in mito-
chondria isolated from a skeletal muscle biopsy of a patient
with autism [18]. On the other hand, defects in complex I,
III, IV, and V were identified in skeletal muscle mitochondria
obtained from a cohort of autistic children who also exhib-
ited hypotonia, epilepsy, and developmental delay [19]. In
other work, two children diagnosed with autism and a chro-
mosome 15q11-q13 inverted duplication demonstrated
decreased skeletal muscle complex III activity [20]. Further

evidence of impaired ETC activity was described in another
case series of patients with ASD [21]. These patients exhib-
ited impairments in skeletal muscle complexes I, II, II + III,
and IV [21]. In the retrospective chart review of 25 autistic
children described above, quadriceps muscle, skin fibroblasts,
and liver biopsy samples revealed a complex I defect in 64%
of patients, a complex II impairment in 8%, a complex III
defect in 20% of patients, and depressed complex IV function
in 4% of children [17]. In other work, Shoffner and colleagues
found deficits in skeletal muscle mitochondria complexes I, I
+ III, I + III + IV, and V in 28 children co-diagnosed with
ASD and mitochondrial disease [22]. In addition, impaired
activity of complex I, complex III, and/or complex IV was
also described in leukocytes or buccal mucosa obtained from
autistic patients in a study published in 2010 [23, 24]. Since
then, a number of other publications have corroborated these
findings in children with ASD [25–28]. Although, a few
studies have demonstrated increased activity of certain ETC
complexes, the majority have identified depressed function
in autism [14]. As a whole, complex I appears to most
frequently affected, followed in descending order by complex
IV, complex III, complex V, and complex II [14].

2.2. Direct Evidence from Brain Tissue. In work that evaluated
postmortem brain samples, investigators found decreased
steady-state levels of complexes III and V in the cerebellum,
complex I in the frontal cortex, and complexes II, III and V
in the temporal cortex in the autistic developing brain versus
that of age-matched controls [29]. In addition, markers of
oxidative stress were significantly increased in the cerebellum
and temporal cortex of children with ASD [29]. Of note, no
differences in ETC complex protein expression were detected
between groups in the parietal and occipital cortices and no
changes were observed in adults with autism. The results sug-
gested mitochondrial impairment in the brains of autistic
childrenwhowere between the ages of 4 and 10 years, defining
a potential window of vulnerability [29].

In follow up work, the investigators demonstrated more
than 30% reduction in the activities of complexes I and V,
and pyruvate dehydrogenase in the frontal cortex of the post-
mortem autistic brain [30]. Such defects in complexes I or V
activity were identified in 43% of autistic specimens while
complex III impairment was found in 29% of autistic brains
[30]. Furthermore, 29% of autistic brain samples displayed
a combination of abnormal activities involving multiple
complexes while 14% demonstrated deficits in all ETC com-
plexes [30]. The authors also identified increased mitochon-
drial gene copy number [30]. Taken together, the findings
provided direct evidence for mitochondrial dysfunction in
the developing autistic brain.

In corroborative work, Brodmann area 21 within the
lateral temporal lobe of the ASD brain was assessed in post-
mortem samples [31]. This region of the brain is responsible
for auditory processing, language, and social perception and
has been implicated in the manifestation of the autistic
phenotype [31]. Similar to the prior studies, the researchers
identified decreased protein levels of complexes I, III, IV,
and V in the autistic brain and impaired complex I and IV
activities [31]. They also found reduced levels of superoxide
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dismutase (SOD) and enhanced oxidative DNA damage [31].
Also, consistent with prior work, much of the mitochondrial
abnormalities were identified in younger children (under 10
years of age) indicating vulnerability in the developing
autistic brain [31].

Thesefindingswere confirmed in yet another postmortem
analysis [32]. In this work, investigators reported reduced
protein expression of various subunits of complex I, III, IV
and V in the motor cortex, thalamus, and cingulate gyrus of
the autistic brain compared to controls [32]. Specifically,
ATP5A1 (complex V), ATP5G3 (complex V), and NDUFA5
(complex I) were consistently decreased in all brain regions
examined. In other work, protein expression of 84 genes
important for mitochondrial homeostasis was also evaluated
in the postmortem ASD brain [33]. Researchers found
decreased expression of many different genes such as MTX2
(import receptor for mitochondrial pre-proteins), NEFL
(regulates mitochondrial morphology, fusion, and motility)
and SLC25A27 (mitochondrial uncoupling protein 4) [33].
These gene products are responsible for a wide range of
mitochondrial functions and the findings suggest a possible
mechanistic role for impaired mitochondria in autism
beyond oxidative phosphorylation.

Neuroradiographic imaging has been helpful in identify-
ing metabolic abnormalities in the brain in patients with
autism [34]. For example, proton magnetic resonance
spectroscopy (1H–MRS), a non-invasive imaging modality,
permits in vivo quantification of specific markers of brain
metabolism such as creatine, phosphocreatine, choline,
myo-inositol, lactate and N-acetyl aspartate (NAA) [34]. In
addition, phosphorous-31 magnetic resonance spectroscopy
(31P–MRS), a different, but related technique, enables non-
invasive measurement of high-energy phosphates such as
adenosine triphosphate (ATP), adenosine diphosphate
(ADP), phosphocreatine, and inorganic phosphate within
the brain [35]. Such neuroradiographic assessments have
identified consistent decreases in brain levels of NAA, crea-
tine, phosphocreatine, choline and myo-inositol in children
affected by ASD compared to healthy controls [34, 36–42].
Variable levels of thesemetabolicmarkers havebeendescribed
in different brain regions in adults with ASD [34, 43]. Results
from non-invasive measurement of lactate have been less
consistent and likely relate to challenges in detecting lactate
by these techniques [34, 41]. It should also be noted that inter-
pretation ofMRSdata has limitations andmay be complicated
by inconsistencies in methodology and variability in the
phenotype of subjects examined [34]. As a whole, however,
the data from non-invasive imaging suggests metabolic
dysfunction in the autistic brain.

3. The Genetic Link between Mitochondrial
Dysfunction and Autism

Eachmitochondrion hasmultiple copies of themitochondrial
genome (mtDNA)within its matrix [44]. mtDNA encodes for
13 essential subunits of the ETC enzymes (complexes I, III, IV,
and V), 22 transfer RNAs (tRNAs), and 2 types of ribosomal
RNA (rRNA) [44, 45]. The remaining ETC complex subunits
are encoded by nuclear deoxyribonucleic acid (nDNA)

[44, 45]. In addition, mitochondria contain a variety of
non-ETC enzymes, membrane proteins, and other molecu-
lar components that are necessary for maintaining homeo-
stasis and mitochondrial function [44, 45]. These proteins
and enzymes are also encoded by nDNA [44, 45]. Therefore,
genetic mutations in either mtDNA or nDNA have the
potential to cause mitochondrial dysfunction [44]. It is esti-
mated that 1 in 2000 children born in the United States will
develop a genetic-based mitochondrial disease [46]. Of these,
15% result from a mutation in mtDNA while 85% manifest
from mutations in nDNA [9].

Defects in mitochondrial function are classified as pri-
mary or secondary in nature [7, 9]. Primary mitochondrial
defects arise as a direct consequence of gene mutations that
impair aerobic ATP synthesis, while secondary mitochon-
drial dysfunction is characterized by deficits in oxidative
phosphorylation that result indirectly from other genetic or
metabolic derangements [7, 9]. Because of the high preva-
lence of ASD, it would be expected that a proportion of
patients with an inherited mitochondrial cytopathy also carry
a diagnosis of autism [7]. If there was no link between mito-
chondrial disease and autism, it would be expected that ~1 in
2000 children with ASD would also carry a diagnosis of
mitochondrial cytopathy [7]. However, the co-existence of
mitochondrial disease in cohorts with ASD is higher than
the general population, suggesting a role for mitochondrial
dysfunction in autism (Figure 1) [7]. In this section, we
review the mitochondrial disease-related genetic abnormali-
ties that have been identified in autistic children.

3.1. Mitochondrial DNA Abnormalities. Defects in mtDNA
have been demonstrated in children in which ASD and mito-
chondrial disease co-exist [7, 14]. Although many of these
mtDNA mutations and mitochondrial diseases are well
known and have been thoroughly classified, some are poorly
understood and have yet to be characterized. For example,
mutations of mtDNA were identified in a unique cohort of
children that suffered from hypotonia, epilepsy, autism, and
developmental delay (HEADD) [19]. Although this group
of patients could not be placed into a previously described
category of mitochondrial disease, they displayed autistic fea-
tures and ~50% harbored large-scale mtDNA deletions [19].
A limitation of such observations, in general, is that conclu-
sions regarding cause and effect cannot be made. Thus, with
many of these reports, only an association between mtDNA
mutation and autism can be inferred. However, some studies
suggest a functional contribution of mitochondrial disease to
the autistic phenotype [22]. For example, in a retrospective
analysis of 28 patients co-diagnosed with ASD and mito-
chondrial disease, autistic regression occurred with fever in
71% of those who regressed versus regression without fever
in 29% [22].

One of the best described mitochondrial diseases, mito-
chondrial encephalomyopathy, lactic acidosis, and stroke-
like episodes (MELAS), is also known to co-exist with autism.
MELAS results commonly from the A3243G mtDNA muta-
tion and this genetic defect has been shown to be associated
with autism [21, 47]. In 1999, Sue et al. published a report
of three children with the MELAS A3243G mutation and
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infantile encephalopathy [47]. One of these children went on
to develop autistic features later in life [14]. Subsequently,
Pons et al. analyzed 5 autistic children who had a family
history of mitochondrial disease [21]. Two of these patients
harbored the A3243G mutation while, in two others, the
A3243G mutation was identified in maternal samples [21].
The fifth child in this study was found to have mtDNA
depletion syndrome [21].

Another early report connecting a mtDNA mutation
with ASD was published in 2000 [18]. In this work, Graf
et al. reported on two siblings who carried a point mutation
(G8362A) in the mitochondrial tRNA for lysine [18]. The 6
year-old sister was diagnosed with Leigh syndrome after
developing ataxia and myoclonus at 15 months of age [18].
She was dysarthric, had a moderate intellectual disability,
and demonstrated a complex IV defect in her skeletal muscle
[18]. Her younger brother was diagnosed with ASD following
a regression of developmental milestones between 1.5 to 2
years of age [18]. He carried the same mtDNA mutation as
his sister, yet at a lower level of heteroplasmy [18]. By 3.5
years of age, he was hyperactive, lacked verbal communica-
tion, and exhibited self-injurious behavior [18]. Unlike his
sister, his skeletal muscle biopsy demonstrated hyperactivity
of complex I [18].

In another study, the records of 25 patients with a pri-
mary diagnosis of ASD were reviewed [17]. Twenty-one of
these children met criteria for definitive mitochondrial dis-
ease and four met criteria for probable mitochondrial disease
[17]. Whole mitochondrial genome sequencing was per-
formed in 11 patients and 16 underwent selected mitochon-
drial mutation analysis [17]. They identified mtDNA
mutations in 7 of these cases [17]. Three mutations occurred
in highly conserved regions of the mitochondrial genome,

known to encode for the mitochondrial tRNAleu and the
ND1 and ND4 subunits of complex I [17]. These mutations
were interpreted as likely having functional sequelae given
prior characterization of the tRNAleu mutation, that the
patient with the ND1 variant demonstrated reduced muscle
complex I activity and an increased fibroblast lactate: pyruvate
ratio, and that a missense mutation of ND4 had previously
been reported in a patient with Leigh syndrome [17, 48, 49].
The four remaining mutations were of unclear functional
significance [17].

In 2010, Giulivi and colleagues analyzed mtDNA from
the leukocytes of 10 children, aged 2 to 5 years, who were
diagnosed with ASD [23]. This was a subanalysis of the
Childhood Autism Risk from Genes and Environment
(CHARGE) study [23]. Five children with autism had an
increased mtDNA copy number compared to controls and
2 of the 10 autistic children had mutations in the cytochrome
b gene segment which was associated with over replication
[23]. In another subset of patients from the CHARGE study,
Napoli and colleagues compared 67 autistic children with 46
controls [50]. The investigators assessed for mtDNA muta-
tions of CYTB, the gene that encodes cytochrome b andND4,
the gene that encodes theND4 subunit of complex I [50]. They
found that children with autism had a significantly higher
incidence ofmutation of these two genes compared to controls
[50]. Fifteen percent of patients with ASD harbored an ND4
deletion while 21% had a mutation of CYTB compared to 7%
and 9% of healthy children, respectively [50].

Recently, whole exome sequencing from 903 ASD
proband-mother-sibling trios demonstrated that autistic chil-
drenwere 53%more likely to have heteroplasmicmutations in
non-polymorphic sites (regionsmore likely to produce delete-
rious effects in oxidative phosphorylation) than unaffected
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Figure 1: Relationship between mitochondrial disease, ASD, and autism. Mitochondrial disease in most children with ASD is of the non-
classical variety. Up to 5% of children with autism have classical mitochondrial disease while 10–20% of patients with classic
mitochondrial disease demonstrate ASD features. The co-existence of ASD with mitochondrial disease is higher than the prevalence of
either ASD or mitochondrial disease in the general population, suggesting a link between mitochondrial dysfunction and autism.
Reprinted from [9].
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siblings [51]. Autistic individuals also had 1.5 times as many
non-synonymous mutations and 2.2 times as many predicted
pathogenic mutations than non-autistic siblings [51]. These
findings were in contrast to an earlier report in which whole
mitochondrial genome sequencing of ~400 autistic children
failed to identify evidence of an association between mito-
chondrial mutations and autism using the proband’s father
as a control [52].

3.2. Nuclear DNA Gene Defects. As discussed above, defects
in nuclear expression of mitochondrial proteins can impair
oxidative phosphorylation and mitochondrial homeostasis.
In fact, the majority of inherited mitochondrial diseases
occur due to mutations in nDNA [9]. Thus, if mitochondrial
disease and dysfunction cause autism, there should be evi-
dence of an association between nDNA mutations and
ASD. In 2003, Filipek et al. reported two cases of children
diagnosed with autism who also had chromosome 15q11-
q13 inverted duplication [20]. Both children exhibited mito-
chondrial dysfunction with decreased complex III activity
and marked mitochondrial hyperproliferation in skeletal
muscle [20]. Although the mechanism of a 15q11-q13 defect
is unknown, it is possible that the gene product is involved in
complex III regulation [20].

In work that investigated a link between potential candi-
date genes in the 2q24-q33 region and autism, Ramoz and
colleagues identified two single nucleotide polymorphisms
(SNPs) (rs2056202 and rs2292813) in the SLC25A12
gene [53]. The SLC25A12 gene is associated with neurite
development, encodes the calcium-dependent mitochondrial
aspartate/glutamate carrier (AGC1) that is known be func-
tionally important in metabolically active neurons, and has
been shown to be upregulated in the autistic prefrontal cortex
[14, 54]. Ramoz and colleagues found that 48% of autistic
patients harbored these SNPs in the SLC25A12 gene [53].
Although these findings have been corroborated by other
investigators, it should be noted that some studies have
demonstrated discrepant results [55–58].

Candidate genes formitochondrial proteins thatmay con-
tribute to the autistic phenotype have also been explored in
other regions of nDNA. For example, Marui et al. evaluated
the 7q32 region and studied a cohort of 235 Japanese patients
[59]. The investigators identified two SNPs (rs12666974 and
rs23779262) in theNDUFA5 gene which were associated with
ASD. NDUFA5 encodes NADH–ubiquinone oxidoreductase
1 alpha subcomplex 5, an accessory subunit of complex I of
the ETC [60]. Thus, such mutations could have consequences
for complex I activity. In other research, a 1Mb deletion was
identified in the 5q14.3 region in a 12 year-old child with
autism, mitochondrial disease, cognitive impairment, and
dysmorphic features [24]. Buccal mucosa obtained from the
patient demonstrated severely decreased complex IV activity
and mildly reduced complex I activity [24]. The authors sug-
gested that the gene product likely regulates expression or
assembly of subunits of complexes I and IV [24].

In a recent meta-analysis, Rossingol and Frye attempted
to determine the prevalence of genetic abnormalities in autis-
tic children with mitochondrial disease [11]. They identified
18 publications that described a total of 112 children

diagnosed with both ASD and mitochondrial disease [11].
Symptoms and signs attributable to classic mitochondrial
disease in these children were similar to the general popula-
tion with mitochondrial disease, however, were significantly
higher than thegeneral autisticpopulation [11].This indicated
that the cohort in which ASD and mitochondrial disease co-
exist represented a distinct subgroup of children [11]. Impor-
tantly, they found that only 21% of patients in this cohort
had mutations in mtDNA or nDNA or chromosomal abnor-
malities [11]. Thus, the majority was not directly associated
with known genetic abnormalities, suggesting a role for
secondary mitochondrial dysfunction [11]. So, although
genetic mutations have been described in children with
autism andmitochondrial disease, the role of such abnormal-
ities in theASDphenotype, whether causative or associative, is
not fully known.

4. Limitations of the Presented Studies

Although the literature suggests potential biochemical and
genetic links between impaired mitochondrial function and
ASD, there are limitations that should be noted. First, it is
not possible to determine if mitochondrial dysfunction
causes ASD or results from autism or other associated pro-
cesses. A major confounding factor is the presence of comor-
bidities in this patient population [61]. Epilepsy, cerebral
palsy, and non-mitochondrial genetic syndromes, for exam-
ple, can secondarily affect mitochondrial function [61]. Thus,
interpretation of mitochondrial-based research in autistic
subjects can be challenging in the context of such comorbid
states. Next, studies of patients with ASD are prone to selec-
tion bias and many of the investigations fail to report the lack
of an association between mitochondrial impairment and
autism [61]. In addition, small sample sizes limit interpreta-
tion and the generalizability of many of these studies [61].

When considering measures of metabolism, biological
tissue and sample preservation and handling are critical
factors necessary for proper data interpretation [61]. For
example, false positive values can result from imperfect tech-
nique and methodology [61]. Unfortunately, many of the
published studies did not adequately detail exactly how sam-
ples were handled or processed [61]. Another limitation is
the use of lymphocytes, fibroblasts, skeletal muscle, or buccal
mucosa as surrogates for brain tissue in order to detect mito-
chondrial defects [61]. Defects in such peripheral samples do
not necessarily indicate CNS disease. In addition, analyzing
lymphocytes may be specifically problematic given that chil-
dren with ASD can have altered immunological function and
mitochondria within inflammatory cells may be indirectly
affected [61]. However, despite these limitations, there is gen-
eral agreement in the research community that the evidence
suggests an association between mitochondrial disease and
autism [61].

5. Alternative Mechanisms of ASD Pathogenesis

In addition to producing aerobic energy, mitochondria also
regulate calcium signaling, mediate apoptosis, and generate
ROS [9]. Such processes are important for normal brain
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development. Thus, mitochondrial dysfunction has the
potential to affect the immature brain via non-energetic
pathways. It has been hypothesized that ASD may manifest
from oxidative stress, immune dysfunction, or defects in cal-
cium homeostasis [7, 14, 62]. Therefore, in this section we
will summarize the evidence that supports these alternative
mitochondria-related mechanisms of ASD.

5.1. Oxidative Stress and Abnormal Redox Regulation. The
mitochondrion is a major source of ROS produced within
the cell [63–65]. Superoxide, the principal free radical formed
within mitochondria, is generated by complexes I and III as a
by-product of oxidative phosphorylation [66, 67]. Low levels
of ROS are known to be required for physiological signaling
and homeostasis and play a critical role in processes such as
the regulation of vascular tone, erythropoietin production,
and programmed cell death [66]. However, when generated
pathologically, ROS can irreversibly damage DNA, cellular
proteins, and membrane lipids [66]. Such oxidative stress
has been implicated in a variety of neurodegenerative disease
states [68].

To counterbalance ROS toxicity and to provide cytopro-
tection, cells are equipped with a variety of antioxidants such
as glutathione (GSH), SOD, glutathione peroxidase, catalase,
ascorbic acid, α-tocopherol, and β-carotene [66]. In addition,
mitochondria contain their own antioxidant enzymes such as
manganese-dependent superoxide dismutase (MnSOD) in
the mitochondrial matrix and copper-zinc superoxide dis-
mutase (CuZnSOD) in the intermembrane space [69, 70].
Thus, endogenous antioxidants are important to enable
the cell to strike a balance between superoxide formation
and aerobic energy production in order to prevent oxida-
tive stress and cellular damage. Excess ROS formation
and oxidant injury can result from impaired ETC activity,
defects in antioxidant content and function, or their combi-
nation [71]. Furthermore, free radicals can target and alter
respiratory chain integrity, leading to further superoxide
production [71, 72]. Thus, mitochondrial dysfunction can
cause oxidative stress and result from it as well.

A number of studies have found that individuals with
ASD display hallmarks of increased oxidative stress or
abnormalities in redox regulation, supporting the notion of
a mechanistic role for ROS in the manifestation of the autis-
tic phenotype [7, 14, 62]. Such evidence of increased oxida-
tive damage to DNA, proteins and lipids has been identified
in blood, urine, and post-mortem brain samples from autis-
tic individuals [62]. For example, markers of impaired
capacity for methylation and enhanced oxidative stress, such
as lower S-adenosylmethionine-to-S-adenosylhomocysteine
ratios and lower redox ratios of reduced glutathione-to-
oxidized glutathione (GSH/GSSG), have been found in the
plasma of children with ASD [73, 74]. With regard to
biomarkers in urine, elevated levels of the lipid peroxidation
biomarker, 8-isoprostane-F2α, have been detected in autistic
children [75]. Further investigation corroborating these
results found increased urinary levels of isoprostane F2α-VI,
2,3-dinor-thromboxane B2 (a marker of platelet activation),
and 6-keto-prostaglandin F1α (a marker of endothelial activa-
tion) in 26 children with ASD [76]. In another study, plasma

levels of malondialdehyde (a marker of fatty acid peroxida-
tion) were found to be significantly increased in children with
ASD and were associated with a concomitant decline in levels
of α-tocopherol and GSH [77]. Decreased levels of other anti-
oxidant enzymes, such as erythrocyte SOD, erythrocyte and
plasma glutathione peroxidase, serum transferrin, and serum
ceruloplasmin have also been described in autism [78, 79].
Importantly, a correlation between such reduced levels and
loss of language skills has been established in children with
ASD [79].

Post-mortem analyses have more directly demonstrated
abnormalities in enzymes involved in redox homeostasis
and have identified evidence of oxidative damage to proteins,
lipids, and DNA within the autistic brain [31, 62, 78, 80].
For instance, decreased MnSOD activity and increased 8-
hydroxy-2′-deoxyguanosine, a marker of oxidatively modi-
fied DNA, were identified in Brodmann area 21 within the
temporal lobe of autistic subjects [31]. Gu et al. found
decreased activity of glutathione peroxidase, glutathione-S-
transferase, and glutamate cysteine ligase in the ASD cere-
bellum [80]. In addition, investigators have demonstrated
decreased levels of reduced GSH, increased levels of GSSG,
and lower GSH/GSSG ratios in the cerebellum, temporal lobe,
and Brodmann area 22 of individuals with ASD [81, 82].
Evidence of lipid peroxidation has been reported in different
language areas of the brain, the cerebellum, hippocampus,
and temporal cortex of autistic patients while increased
levels of 3-nitrotyrosine, a marker of protein oxidation,
have been identified in the cerebellum, orbitofrontal cortex,
Wernicke’s area, cerebellar vermis, pons, and Brodmann
area 22 [29, 83–87].

Thus, autism appears to be associated with a pro-oxidant
state. Although mitochondrial dysfunction could certainly
cause oxidative stress, the etiology of ASD-related oxidant
injury and mechanisms of reduced anti-oxidant defense sys-
tems remains unclear. Furthermore, it is unknown if brain-
specific oxidative stress is important for the manifestation
of symptoms in autism or if generalized redox imbalance is
a contributor to the disease phenotype. These are obvious
questions for future investigation.

5.2. Immune Dysfunction and Inflammation. The inflamma-
tory response and resolution of inflammation are necessary
processes for maintaining cellular and tissue homeostasis
[88]. In contrast, however, an impaired immune system
along with pathological or persistent inflammation can result
in disease. In the brain, unchecked neuroinflammation and
failure of its resolution can lead to neuropathology and neu-
rodegeneration [88]. Evidence of both inflammation and
immune system dysregulation has been identified in the
autistic brain and in CSF obtained from subjects with ASD,
suggesting a mechanistic role [62].

In 1977, Stubbs and Crawford evaluated the host cellular
immune system in 12 children diagnosed with autism [89].
They reported decreased response to phytohemagglutinin
in lymphocytes obtain from affected children, suggesting
impaired defense mechanisms in autism [89]. More recent
work has demonstrated decreases in circulating CD4+ T
cells, natural killer cell activity, and Th1/Th2 helper cell
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ratios in subjects with ASD as well as abnormal accumulation
of T lymphocytes in tissues such as the gastrointestinal tract
[90–93]. On the other hand, elevated levels of pro-
inflammatory cytokines have been identified in postmortem
brain tissue, CSF, plasma, and even amniotic fluid of ASD
patients [94–101]. Importantly, multiple postmortem studies
and one in vivo evaluation that employed positron emission
tomography (PET) imaging demonstrated marked neuroin-
flammation in multiple brain regions in individuals with
ASD as evidenced by increased activation of microglia and
astroglia [99, 102, 103].

Mitochondria are known to play a role in innate and
adaptive immune responses, inflammation, and signaling in
response to infection [14, 104]. However, it is unknown
how mitochondrial dysfunction affects the immune system
or the inflammatory response in autism. Furthermore, it is
unknown if such mitochondrial impairments cause autism-
associated neuroinflammation and if such inflammation
within the developing brain contributes to the ASD pheno-
type. These are questions that will need to be answered with
future investigation.

5.3. Abnormal Calcium Homeostasis. Calcium is a ubiquitous
second messenger, involved in a variety of cell signaling path-
ways [105–107]. Because of its central importance to cellular
viability, calcium has the potential to adversely affect a wide
range of cellular processes when its homeostasis is disrupted.
Since calcium is not metabolized, activation and termination
of intracellular calcium signaling relies on tight regulation of
local calcium concentrations [105–107]. Mitochondria are
known to play a vital role in calcium handling within the cell
[108]. For example, in response to elevations in cytosolic cal-
cium, mitochondria serve as high-capacity sinks and increase
calcium uptake in order to buffer cytosolic levels [108, 109].
This process is carried out by a number of mitochondrial
calcium transporters [109].

Oxidative phosphorylation is sensitive to calcium and
accumulation within mitochondria is known to stimulate
aerobic ATP production by the ETC [108, 109]. Mitochon-
drial calcium overload, however, can collapse the electro-
chemical proton gradient, leading to bioenergetic failure
and necrotic cell death [108]. Calcium is also known to play
a role in mitochondria-mediated apoptotic cell death by
inducing opening of the permeability transition pore and
increasing ROS following binding to cardiolipin on the inner
mitochondrial membrane [105, 110]. Thus, defects in
calcium homeostasis can result inmitochondrial dysfunction,
oxidative stress, and cytotoxicity.

Neurotransmitter-mediated calcium signaling is impor-
tant for the recruitment and accumulation of mitochondria
to postsynaptic regions, a process that is critical for neuronal
calcium buffering and synapse strength [111]. Calcium
signaling is important for neurotransmitter release from pre-
synaptic neurons as well as signaling in postsynaptic neurons
in response to neurotransmitters such glutamate and γ-ami-
nobutyric acid (GABA) [111, 112]. Glutamate receptors are
ligand-gated calcium channels while GABA receptors trigger
calcium influx via voltage-gated calcium channels [112].
Calcium transients evoked byGABA, principally an excitatory

neurotransmitter during neurodevelopment, are necessary for
the critical processes of brain development [112]. Thus,
aberrant calcium homeostasis could interfere with prolifera-
tion, migration, dendritic arborization, Purkinje cell develop-
ment, synapse formation and maintenance, and cell death
[111, 112]. Furthermore, defects in calcium signaling could
be further compounded by mitochondrial dysfunction and
can result in decreased neurotransmitter signaling, especially
in neurons that have high firing rates of firing [112, 113].
This could explain the relative increase in excitatory-to-
inhibitory neuron ratio observed in patients with ASD [114].

Finally, calcium is impacted by ATP-mediated neuronal
purinergic signaling [111]. Perisynaptic ATP binds to astro-
cyte receptors, leading to calcium release from mitochondria,
depolarization of the mitochondrial membrane potential,
and generation of ROS [111]. In addition, extracellular ATP
binds to microglial purinergic receptors, resulting in an
increase in intracellular calcium, activation of microglia,
neuroinflammation, and cell death [9, 111]. Thus, aber-
rancies in calcium signaling could account for oxidative
stress and neuroinflammation observed in ASD.

Abnormalities in the expression of a number of genes
involved in calcium signaling or homeostasis have been asso-
ciated with autism [14, 112, 115]. These include ATP13A4,
ATP2B2, CACNA1C, CACNA1F, CNCNA1H, KCNMA1,
IL1RAPL1, NCS1, CAPS2, and SLC25A12 [14, 112, 115].
The calcium-dependent mitochondrial aspartate/glutamate
carrier, AGC1, and the gene that encodes it (SLC25A12) are
of particular interest because they link defects in calcium reg-
ulation with mitochondrial dysfunction [115]. For example,
expression of SLC25A12 was found to be decreased in the
motor cortex and cingulate gyrus and increased in the pre-
frontal cortex of autistic individuals [54]. Other work identi-
fied elevated neocortical calcium levels as the cause of
increased AGC1 activity in the ASD brain [116]. Impor-
tantly, the authors also identified as association between
abnormal calcium signaling in autism with pathologically
increased cytochrome oxidase activity and oxidative stress
[116]. Thus, increased AGC1 transport activity may result
in mitochondrial dysfunction and ROS formation. Because
defects in calcium homeostasis can cause or result from dis-
turbances in mitochondrial function, it is possible that
impaired calcium signaling plays a role in the connection
between mitochondrial dysfunction and autism.

6. Treatment of ASD

There is currently no cure for autism because the underlying
cause of ASD is unknown. Therefore, medical management
has been limited to therapies that address the behavioral
symptoms [1]. Intensive behavioral intervention, imple-
mented early in life, remains the widely accepted standard
of care for children with autism [117, 118]. However, the
accumulating evidence of metabolic abnormalities associated
with ASD provides insight into potential mechanisms of
disease and has elucidated novel candidate targets for thera-
peutic intervention [117, 119]. Here we review the different
experimental approaches that target mitochondrial dysfunc-
tion and oxidative stress in autism and have been trialed in an

7Oxidative Medicine and Cellular Longevity



effort to restore mitochondrial homeostasis and improve the
clinical manifestations of ASD.

6.1. Targeting Mitochondrial Dysfunction and Oxidative
Stress. Dietary supplements, like those typically used for the
treatment of mitochondrial diseases, have been used to treat
children with ASD [117, 119]. Such supplements include
L-carnitine, coenzyme Q10, ubiquinol, B vitamin-containing
multivitamins, ascorbic acid, α-tocopherol, and N-acetyl-L-
cysteine [117, 119]. Treatment with L-carnitine, an essential
nutrient important for the fatty acid transport across the
mitochondrial membrane, was shown to improve core and
associated ASD symptoms in a number of controlled trials
[119–121]. In one of these investigations, serum carnitine
levels were found to correlate with cognitive and behavioral
scores [121].

In other work, supplementation with antioxidants such
as N-acetyl-L-cysteine (a precursor to glutathione), coen-
zyme Q10, ubiquinol, ascorbic acid, α-tocopherol, methylco-
balamin, and carnosine also improved behavioral symptoms
associated with autism [122–129]. In a randomized double-
blind placebo controlled trial, a formulation of multivita-
mins combined with mineral supplements (containing
multiplemitochondrial cofactors, vitamins, and antioxidants)
improved plasma or erythrocyte levels of methylation, gluta-
thione, oxidative stress, sulfation, ATP, nicotinamide adenine
dinucleotide (NADH), and nicotinamide adenine dinucleo-
tide phosphate (NADPH) and improved overall behavior,
hyperactivity, tantrums, and receptive language in children
and adults with ASD [126, 127]. Trials involving other antiox-
idants such as the phytochemical sulforaphane and the flavo-
noid luteolin also improved ASD symptoms, however no
metrics of oxidative stress were examined [130, 131].

6.2. Other Metabolic Targets. Folic acid is important for redox
metabolism, methylation, and mitochondrial homeostasis
[132, 133]. Disruption of folate receptor α activity occurs in
autism due to autoantibodies and mitochondrial dysfunction
and results in CNS folate deficiency [134]. Severe reductions
in cerebral folate levels can lead to neurodevelopmental
regression and the autism phenotype [119]. Importantly, tar-
geted treatment with folinic acid has been shown to partially
or completely improve communication, social interaction,
attention, and stereotypical ASD behavior in patients with
autoantibodies to folate receptor α [135–137]. Thus, target-
ing various causes and effects of mitochondrial dysfunction
in autism may rescue behavior and minimize the clinical
manifestations of ASD.

7. Conclusion

The literature reviewed here suggests a link between abnor-
malities in mitochondrial homeostasis and ASD and pro-
vides biochemical and genetic evidence to support a role for
mitochondrial dysfunction in the pathogenesis of the autism
phenotype. Mechanistically, the connection may involve
defects in bioenergetic capacity as well as non-energy related
pathways. However, it is not clear if mitochondrial impair-
ments cause ASD or if they are merely associated with the

disease process. Positive patient behavioral responses to con-
ventional mitochondrial disease therapies are promising,
however, further investigation is necessary. Future work
should focus on determining howmitochondrial dysfunction
causes the autistic phenotype as well as how defects in mito-
chondrial homeostasis predispose individuals to ASD via
interaction with environmental toxins, dietary factors, and
epigenetic modifications during critical periods of develop-
ment. Establishing a causative relationship between mito-
chondrial dysfunction and ASD and elucidating the exact
mechanisms will permit the development of more precisely
targeted therapies in the future. Ultimately, with improved
knowledge and innovation, we may one day be able to
prevent or cure autism.

Conflicts of Interest

The authors declare that there is no conflict of interest
regarding the publication of this article.

Acknowledgments

This paper is supported by NIH/NIGMS R01GM103842-01
(Richard J. Levy) and NIH/NIEHS P30 ES009089 (Richard
J. Levy).

References

[1] Association, A.P,Diagnostic and Statistical Manual of Mental
Disorders: DSM-5, pp. 50–59, American Psychiatric Associa-
tion, Washington, DC, 2013.

[2] Autism and Developmental Disabilities Monitoring Network
Surveillance Year 2008 Principal Investigators; Centers for
Disease Control and Prevention, “Prevalence of autism spec-
trum disorders–autism and developmental Disabilities mon-
itoring network, 14 sites, United States, 2008,”Morbidity and
Mortality Weekly Report. Surveillance Summaries (Washing-
ton, D.C.: 2002), vol. 61, no. 3, pp. 1–19, 2012.

[3] S. J. Blumberg, M. D. Bramlett, M. D. Kogan, L. A. Schieve,
J. R. Jones, and M. C. Lu, “Changes in prevalence of parent-
reported autism spectrum disorder in school-aged U.S.
children: 2007 to 2011-2012,” National Health Statistics
Reports, vol. 65, no. 65, pp. 1–11, 2013.

[4] L. K. Wink, M. H. Plawecki, C. A. Erickson, K. A. Stigler, and
C. J. McDougle, “Emerging drugs for the treatment of symp-
toms associated with autism spectrum disorders,” Expert
Opinion on Emerging Drugs, vol. 15, no. 3, pp. 481–494, 2010.

[5] S. A. Currenti, “Understanding and determining the etiology
of autism,” Cellular and Molecular Neurobiology, vol. 30,
no. 2, pp. 161–171, 2010.

[6] D. H. Geschwind and P. Levitt, “Autism spectrum disorders:
developmental disconnection syndromes,” Current Opinion
in Neurobiology, vol. 17, no. 1, pp. 103–111, 2007.

[7] R. H. Haas, “Autism and mitochondrial disease,” Develop-
mental Disabilities Research Reviews, vol. 16, no. 2, pp. 144–
153, 2010.

[8] D. Voet, J. G. Voet, and C. W. Pratt, Fundamentals of
Biochemistry, p. 931, Wiley, New York, 1999.

[9] R. K. Naviaux, “Mitochondria and autism Spectrum
disorders,” inTheNeuroscience of Autism SpectrumDisorders,
pp. 179–193, Academic Press, Elsevier, Waltham, MA, 2013.

8 Oxidative Medicine and Cellular Longevity



[10] D.Valenti, L. de Bari, B.De Filippis, A.Henrion-Caude, andR.
A. Vacca, “Mitochondrial dysfunction as a central actor in
intellectual disability-related diseases: an overview of down
syndrome, autism, fragile X andRett syndrome,”Neuroscience
and Biobehavioral Reviews, vol. 46, Part 2, pp. 202–217, 2014.

[11] D. A. Rossignol and R. E. Frye, “Mitochondrial dysfunction
in autism spectrum disorders: a systematic review and
meta-analysis,” Molecular Psychiatry, vol. 17, no. 3,
pp. 290–314, 2012.

[12] M. Coleman and J. P. Blass, “Autism and lactic acidosis,”
Journal of Autism and Developmental Disorders, vol. 15,
no. 1, pp. 1–8, 1985.

[13] J. Lombard, “Autism: a mitochondrial disorder?” Medical
Hypotheses, vol. 50, no. 6, pp. 497–500, 1998.

[14] A. Legido, R. Jethva, and M. J. Goldenthal, “Mitochondrial
dysfunction in autism,” Seminars in Pediatric Neurology,
vol. 20, no. 3, pp. 163–175, 2013.

[15] G. Oliveira, L. Diogo, M. Grazina et al., “Mitochondrial dys-
function in autism spectrum disorders: a population-based
study,” Developmental Medicine and Child Neurology,
vol. 47, no. 3, pp. 185–189, 2005.

[16] P. A. Filipek, J. Juranek, M. T. Nguyen, C. Cummings, and
J. J. Gargus, “Relative carnitine deficiency in autism,” Journal
of Autism and Developmental Disorders, vol. 34, no. 6,
pp. 615–623, 2004.

[17] J. R. Weissman, R. I. Kelley, M. L. Bauman et al., “Mitochon-
drial disease in autism spectrum disorder patients: a cohort
analysis,” PloS One, vol. 3, no. 11, article e3815, 2008.

[18] W. D. Graf, J. Marin-Garcia, H. G. Gao et al., “Autism asso-
ciated with the mitochondrial DNA G8363A transfer
RNA(Lys) mutation,” Journal of Child Neurology, vol. 15,
no. 6, pp. 357–361, 2000.

[19] J. J. Fillano, M. J. Goldenthal, C. H. Rhodes, and J. Marín-
García, “Mitochondrial dysfunction in patients with hypoto-
nia, epilepsy, autism, and developmental delay: HEADD
syndrome,” Journal of Child Neurology, vol. 17, no. 6,
pp. 435–439, 2002.

[20] P. A. Filipek, J. Juranek, M. Smith et al., “Mitochondrial dys-
function in autistic patients with 15q inverted duplication,”
Annals of Neurology, vol. 53, no. 6, pp. 801–804, 2003.

[21] R. Pons, A. L. Andreu, N. Checcarelli et al., “Mitochondrial
DNA abnormalities and autistic spectrum disorders,” The
Journal of Pediatrics, vol. 144, no. 1, pp. 81–85, 2004.

[22] J. Shoffner, L. Hyams, G. N. Langley et al., “Fever plus mito-
chondrial disease could be risk factors for autistic regression,”
Journal of Child Neurology, vol. 25, no. 4, pp. 429–434, 2010.

[23] C. Giulivi, Y. F. Zhang, A. Omanska-Klusek et al., “Mito-
chondrial dysfunction in autism,” Jama, vol. 304, no. 21,
pp. 2389–2396, 2010.

[24] H. Ezugha, M. Goldenthal, I. Valencia, C. E. Anderson, A.
Legido, and H. Marks, “5q14.3 deletion manifesting as mito-
chondrial disease and autism: case report,” Journal of Child
Neurology, vol. 25, no. 10, pp. 1232–1235, 2010.

[25] J. Guevara-Campos, L. González-Guevara, P. Briones et al.,
“Autism associated to a deficiency of complexes III and IV
of the mitochondrial respiratory chain,” Investigacion Clin-
ica, vol. 51, no. 3, pp. 423–431, 2010.

[26] J. Guevara-Campos, L. González-Guevara, and O. Cauli,
“Autism and intellectual disability associated with mitochon-
drial disease and hyperlactacidemia,” International Journal of
Molecular Sciences, vol. 16, no. 2, pp. 3870–3884, 2015.

[27] J. Guevara-Campos, L. González-Guevara, C. Puig-Alcaraz,
and O. Cauli, “Autism spectrum disorders associated to a
deficiency of the enzymes of the mitochondrial respiratory
chain,” Metabolic Brain Disease, vol. 28, no. 4, pp. 605–612,
2013.

[28] M. J. Goldenthal, S. Damle, S. Sheth et al., “Mitochondrial
enzyme dysfunction in autism spectrum disorders; a novel
biomarker revealed from buccal swab analysis,” Biomarkers
in Medicine, vol. 9, no. 10, pp. 957–965, 2015.

[29] A. Chauhan, F. Gu, M. M. Essa et al., “Brain region-specific
deficit in mitochondrial electron transport chain complexes
in children with autism,” Journal of Neurochemistry,
vol. 117, no. 2, pp. 209–220, 2011.

[30] F. Gu, V. Chauhan, K. Kaur et al., “Alterations in mitochon-
drial DNA copy number and the activities of electron trans-
port chain complexes and pyruvate dehydrogenase in the
frontal cortex from subjects with autism,” Translational Psy-
chiatry, vol. 3, no. 2, article e299, 2013.

[31] G. Tang, P. Gutierrez Rios, S. H. Kuo et al., “Mitochondrial
abnormalities in temporal lobe of autistic brain,” Neurobiol-
ogy of Disease, vol. 54, pp. 349–361, 2013.

[32] A. Anitha, K. Nakamura, I. Thanseem et al., “Downregula-
tion of the expression of mitochondrial electron transport
complex genes in autism brains,” Brain Pathology (Zurich,
Switzerland), vol. 23, no. 3, pp. 294–302, 2013.

[33] A. Anitha, K. Nakamura, I. Thanseem et al., “Brain region-
specific altered expression and association of mitochondria-
related genes in autism,” Molecular Autism, vol. 3, no. 1,
p. 12, 2012.

[34] T. C. Ford and D. P. Crewther, “A comprehensive review of
the (1)H-MRS metabolite Spectrum in autism Spectrum dis-
order,” Frontiers in Molecular Neuroscience, vol. 9, p. 14,
2016.

[35] N. J. Minshew, G. Goldstein, S. M. Dombrowski, K. Pancha-
lingam, and J. W. Pettegrew, “A preliminary 31P MRS study
of autism: evidence for undersynthesis and increased degra-
dation of brain membranes,” Biological Psychiatry, vol. 33,
no. 11-12, pp. 762–773, 1993.

[36] N. M. Corrigan, D. W. Shaw, A. M. Estes et al., “Atypical
developmental patterns of brain chemistry in children with
autism spectrum disorder,” JAMA Psychiatry, vol. 70, no. 9,
pp. 964–974, 2013.

[37] S. D. Friedman, D.W. Shaw, A. A. Artru et al., “Regional brain
chemical alterations in young children with autism spectrum
disorder,”Neurology, vol. 60, no. 1, pp. 100–107, 2003.

[38] J. G. Levitt, J. O'Neill, R. E. Blanton et al., “Proton magnetic
resonance spectroscopic imaging of the brain in childhood
autism,” Biological Psychiatry, vol. 54, no. 12, pp. 1355–
1366, 2003.

[39] A. Y. Hardan, N. J. Minshew, N. M. Melhem et al., “An MRI
and proton spectroscopy study of the thalamus in children
with autism,” Psychiatry Research, vol. 163, no. 2, pp. 97–
105, 2008.

[40] T. J. DeVito, D. J. Drost, R. W. Neufeld et al., “Evidence for
cortical dysfunction in autism: a proton magnetic resonance
spectroscopic imaging study,” Biological Psychiatry, vol. 61,
no. 4, pp. 465–473, 2007.

[41] D. C. Chugani, B. S. Sundram, M. Behen, M. L. Lee, and G. J.
Moore, “Evidence of altered energy metabolism in autistic
children,” Progress in Neuro-Psychopharmacology & Biologi-
cal Psychiatry, vol. 23, no. 4, pp. 635–641, 1999.

9Oxidative Medicine and Cellular Longevity



[42] A.Goji,H. Ito,K.Mori et al., “Assessment of anterior cingulate
cortex (ACC) and left cerebellarmetabolism inAsperger's syn-
dromewith protonmagnetic resonance spectroscopy (MRS),”
PloS One, vol. 12, no. 1, article e0169288, 2017.

[43] Y. Aoki, K. Kasai, and H. Yamasue, “Age-related change in
brain metabolite abnormalities in autism: a meta-analysis of
proton magnetic resonance spectroscopy studies,” Transla-
tional Psychiatry, vol. 2, no. 1, article e69, 2012.

[44] R. W. Taylor and D. M. Turnbull, “Mitochondrial DNA
mutations in human disease,” Nature Reviews. Genetics,
vol. 6, no. 5, pp. 389–402, 2005.

[45] D. C. Wallace and D. Chalkia, “Mitochondrial DNA genetics
and the heteroplasmy conundrum in evolution and disease,”
Cold Spring Harbor Perspectives in Biology, vol. 5, no. 11,
p. a021220, 2013.

[46] R. K. Naviaux, “Developing a systematic approach to the
diagnosis and classification of mitochondrial disease,” Mito-
chondrion, vol. 4, no. 5-6, pp. 351–361, 2004.

[47] C. M. Sue, C. Bruno, A. L. Andreu et al., “Infantile encepha-
lopathy associated with the MELAS A3243G mutation,” The
Journal of Pediatrics, vol. 134, no. 6, pp. 696–700, 1999.

[48] L. Levinger, R. Giegé, and C. Florentz, “Pathology-related
substitutions in human mitochondrial tRNA(Ile) reduce pre-
cursor 3′ end processing efficiency in vitro,” Nucleic Acids
Research, vol. 31, no. 7, pp. 1904–1912, 2003.

[49] A. Vanniarajan, G. P. Rajshekher, M. B. Joshi, A. G. Reddy, L.
Singh, and K. Thangaraj, “Novel mitochondrial mutation in
the ND4 gene associated with Leigh syndrome,” Acta Neuro-
logica Scandinavica, vol. 114, no. 5, pp. 350–353, 2006.

[50] E. Napoli, S. Wong, and C. Giulivi, “Evidence of reactive oxy-
gen species-mediated damage to mitochondrial DNA in chil-
dren with typical autism,” Molecular Autism, vol. 4, no. 1,
p. 2, 2013.

[51] Y. Wang, M. Picard, and Z. Gu, “Genetic evidence for ele-
vated pathogenicity of mitochondrial DNA Heteroplasmy
in autism Spectrum disorder,” PLoS Genetics, vol. 12,
no. 10, article e1006391, 2016.

[52] A. Hadjixenofontos, M. A. Schmidt, P. L. Whitehead et al.,
“Evaluating mitochondrial DNA variation in autism spec-
trum disorders,” Annals of Human Genetics, vol. 77, no. 1,
pp. 9–21, 2013.

[53] N. Ramoz, J. G. Reichert, C. J. Smith et al., “Linkage and asso-
ciation of the mitochondrial aspartate/glutamate carrier
SLC25A12 gene with autism,” The American Journal of
Psychiatry, vol. 161, no. 4, pp. 662–669, 2004.

[54] A. M. Lepagnol-Bestel, G. Maussion, B. Boda et al.,
“SLC25A12 expression is associated with neurite outgrowth
and is upregulated in the prefrontal cortex of autistic sub-
jects,”Molecular Psychiatry, vol. 13, no. 4, pp. 385–397, 2008.

[55] R. Segurado, J. Conroy, E. Meally, M. Fitzgerald, M. Gill, and
L. Gallagher, “Confirmation of association between autism
and the mitochondrial aspartate/glutamate carrier SLC25A12
gene on chromosome 2q31,” The American Journal of Psychi-
atry, vol. 162, no. 11, pp. 2182–2184, 2005.

[56] J. M. Silverman, J. D. Buxbaum, N. Ramoz et al., “Autism-
related routines and rituals associated with a mitochondrial
aspartate/glutamate carrier SLC25A12 polymorphism,”
American Journal of Medical Genetics. Part B, Neuropsychiat-
ric Genetics, vol. 147, no. 3, pp. 408–410, 2008.

[57] C. Correia, A. M. Coutinho, L. Diogo et al., “Brief report: high
frequency of biochemical markers for mitochondrial

dysfunction in autism: no association with the mitochondrial
aspartate/glutamate carrier SLC25A12 gene,” Journal of
Autism and Developmental Disorders, vol. 36, no. 8,
pp. 1137–1140, 2006.

[58] W. H. Chien, Y. Y. Wu, S. S. Gau et al., “Association study of
the SLC25A12 gene and autism in Han Chinese in Taiwan,”
Progress in Neuro-Psychopharmacology & Biological Psychia-
try, vol. 34, no. 1, pp. 189–192, 2010.

[59] T. Marui, I. Funatogawa, S. Koishi et al., “The NADH-
ubiquinone oxidoreductase 1 alpha subcomplex 5 (NDUFA5)
gene variants are associated with autism,” Acta Psychiatrica
Scandinavica, vol. 123, no. 2, pp. 118–124, 2011.

[60] K. Tensing, I. Pata, I. Wittig, M. Wehnert, and A. Metspalu,
“Genomic organization of the human complex I 13-kDa sub-
unit gene NDUFA5,” Cytogenetics and Cell Genetics, vol. 84,
no. 1-2, pp. 125–127, 1999.

[61] R. E. Frye and D. A. Rossignol, “Mitochondrial dysfunction
can connect the diverse medical symptoms associated with
autism spectrum disorders,” Pediatric Research, vol. 69,
no. 5 Part 2, pp. 41R–47R, 2011.

[62] D. A. Rossignol and R. E. Frye, “Evidence linking oxidative
stress, mitochondrial dysfunction, and inflammation in the
brain of individuals with autism,” Frontiers in Physiology,
vol. 5, p. 150, 2014.

[63] J. F. Turrens, “Mitochondrial formation of reactive oxygen
species,” The Journal of Physiology, vol. 552, no. Part 2,
pp. 335–344, 2003.

[64] R. S. Balaban, S. Nemoto, and T. Finkel, “Mitochondria, oxi-
dants, and aging,” Cell, vol. 120, no. 4, pp. 483–495, 2005.

[65] V. Adam-Vizi and C. Chinopoulos, “Bioenergetics and the
formation of mitochondrial reactive oxygen species,” Trends
in Pharmacological Sciences, vol. 27, no. 12, pp. 639–645,
2006.

[66] W. Dröge, “Free radicals in the physiological control of cell
function,” Physiological Reviews, vol. 82, no. 1, pp. 47–95,
2002.

[67] M. P. Murphy, “How mitochondria produce reactive oxygen
species,” Biochemical Journal, vol. 417, no. 1, pp. 1–13, 2009.

[68] X. Chen, C. Guo, and J. Kong, “Oxidative stress in neurode-
generative diseases,” Neural Regeneration Research, vol. 7,
no. 5, pp. 376–385, 2012.

[69] R. A. Weisiger and I. Fridovich, “Mitochondrial superoxide
simutase. Site of synthesis and intramitochondrial localiza-
tion,” The Journal of Biological Chemistry, vol. 248, no. 13,
pp. 4793–4796, 1973.

[70] V. C. Culotta, M. Yang, and T. V. O'Halloran, “Activation of
superoxide dismutases: putting the metal to the pedal,” Bio-
chimica et Biophysica Acta, vol. 1763, no. 7, pp. 747–758,
2006.

[71] D. B. Zorov, M. Juhaszova, and S. J. Sollott, “Mitochondrial
reactive oxygen species (ROS) and ROS-induced ROS
release,” Physiological Reviews, vol. 94, no. 3, pp. 909–950,
2014.

[72] C. Guo, L. Sun, X. Chen, and D. Zhang, “Oxidative stress,
mitochondrial damage and neurodegenerative diseases,”
Neural Regeneration Research, vol. 8, no. 21, pp. 2003–2014,
2013.

[73] S. Melnyk, G. J. Fuchs, E. Schulz et al., “Metabolic imbalance
associated with methylation dysregulation and oxidative
damage in children with autism,” Journal of Autism and
Developmental Disorders, vol. 42, no. 3, pp. 367–377, 2012.

10 Oxidative Medicine and Cellular Longevity



[74] S. J. James, P. Cutler, S. Melnyk et al., “Metabolic biomarkers
of increased oxidative stress and impaired methylation capac-
ity in children with autism,” The American Journal of Clinical
Nutrition, vol. 80, no. 6, pp. 1611–1617, 2004.

[75] X. Ming, T. P. Stein, M. Brimacombe, W. G. Johnson, G. H.
Lambert, and G. C. Wagner, “Increased excretion of a lipid
peroxidation biomarker in autism,” Prostaglandins, Leukotri-
enes, and Essential Fatty Acids, vol. 73, no. 5, pp. 379–384,
2005.

[76] Y. Yao, W. J. Walsh, M. G. WR, and D. Praticò, “Altered vas-
cular phenotype in autism: correlation with oxidative stress,”
Archives of Neurology, vol. 63, no. 8, pp. 1161–1164, 2006.

[77] Y. Al-Gadani, A. El-Ansary, O. Attas, and L. Al-Ayadhi,
“Metabolic biomarkers related to oxidative stress and antiox-
idant status in Saudi autistic children,” Clinical Biochemistry,
vol. 42, no. 10-11, pp. 1032–1040, 2009.

[78] O. Yorbik, A. Sayal, C. Akay, D. I. Akbiyik, and T. Sohmen,
“Investigation of antioxidant enzymes in children with autis-
tic disorder,” Prostaglandins, Leukotrienes, and Essential
Fatty Acids, vol. 67, no. 5, pp. 341–343, 2002.

[79] A. Chauhan and V. Chauhan, “Oxidative stress in autism,”
Pathophysiology, vol. 13, no. 3, pp. 171–181, 2006.

[80] F. Gu, V. Chauhan, and A. Chauhan, “Impaired synthesis and
antioxidant defense of glutathione in the cerebellum of autis-
tic subjects: alterations in the activities and protein expres-
sion of glutathione-related enzymes,” Free Radical Biology
& Medicine, vol. 65, pp. 488–496, 2013.

[81] A. Chauhan, T. Audhya, and V. Chauhan, “Brain region-
specific glutathione redox imbalance in autism,” Neurochem-
ical Research, vol. 37, no. 8, pp. 1681–1689, 2012.

[82] S. Rose, S. Melnyk, T. A. Trusty et al., “Intracellular and extra-
cellular redox status and free radical generation in primary
immune cells from children with autism,” Autism Research
and Treatment, vol. 2012, Article ID 986519, p. 10, 2012.

[83] E. Lopez-Hurtado and J. J. Prieto, “A microscopic study of
language-related cortex in autism,” American Journal of Bio-
chemistry and Biotechnology, vol. 4, no. 2, pp. 130–145, 2008.

[84] T. A. Evans, S. L. Siedlak, L. Lu et al., “The autistic phenotype
exhibits a remarkably localized modification of brain protein
by products of free radical-induced lipid oxidation,” Ameri-
can Journal of Biochemistry and Biotechnology, vol. 4, no. 2,
pp. 61–72, 2008.

[85] E. M. Sajdel-Sulkowska, B. Lipinski, H. Windom, T. Audhya,
and W. McGinnis, “Oxidative stress in autism: elevated
cerebellar 3-nitrotyrosine levels,” American Journal of
Biochemistry and Biotechnology, vol. 4, no. 2, pp. 73–84, 2008.

[86] E. M. Sajdel-Sulkowska, M. Xu, W. McGinnis, and N.
Koibuchi, “Brain region-specific changes in oxidative stress
and neurotrophin levels in autism spectrum disorders
(ASD),” Cerebellum (London, England), vol. 10, no. 1, pp. 43–
48, 2011.

[87] S. Rose, S. Melnyk, O. Pavliv et al., “Evidence of oxidative
damage and inflammation associated with low glutathione
redox status in the autism brain,” Translational Psychiatry,
vol. 2, no. 7, article e134, 2012.

[88] W. W. Chen, X. Zhang, and W. J. Huang, “Role of neuroin-
flammation in neurodegenerative diseases (review),”Molecu-
lar Medicine Reports, vol. 13, no. 4, pp. 3391–3396, 2016.

[89] E. G. Stubbs and M. L. Crawford, “Depressed lymphocyte
responsiveness in autistic children,” Journal of Autism and
Childhood Schizophrenia, vol. 7, no. 1, pp. 49–55, 1977.

[90] R. P. Warren, A. Foster, and N. C. Margaretten, “Reduced
natural killer cell activity in autism,” Journal of the American
Academy of Child and Adolescent Psychiatry, vol. 26, no. 3,
pp. 333–335, 1987.

[91] R. P. Warren, N. C. Margaretten, N. C. Pace, and A. Foster,
“Immune abnormalities in patients with autism,” Journal of
Autism and Developmental Disorders, vol. 16, no. 2, pp. 189–
197, 1986.

[92] C. Onore, M. Careaga, and P. Ashwood, “The role of immune
dysfunction in the pathophysiology of autism,” Brain, Behav-
ior, and Immunity, vol. 26, no. 3, pp. 383–392, 2012.

[93] G. Bjorklund, K. Saad, S. Chirumbolo et al., “Immune
dysfunction and neuroinflammation in autism spectrum
disorder,” Acta Neurobiologiae Experimentalis, vol. 76,
no. 4, pp. 257–268, 2016.

[94] M. Malik, A. M. Sheikh, G. Wen, W. Spivack, W. T. Brown,
and X. Li, “Expression of inflammatory cytokines, Bcl2 and
cathepsin D are altered in lymphoblasts of autistic subjects,”
Immunobiology, vol. 216, no. 1-2, pp. 80–85, 2011.

[95] M. W. Abdallah, N. Larsen, J. Grove et al., “Amniotic fluid
inflammatory cytokines: potential markers of immunologic
dysfunction in autism spectrum disorders,” The World
Journal of Biological Psychiatry, vol. 14, no. 7, pp. 528–
538, 2013.

[96] M. G. Chez, T. Dowling, P. B. Patel, P. Khanna, and M.
Kominsky, “Elevation of tumor necrosis factor-alpha in cere-
brospinal fluid of autistic children,” Pediatric Neurology,
vol. 36, no. 6, pp. 361–365, 2007.

[97] X. Li, A. Chauhan, A. M. Sheikh et al., “Elevated immune
response in the brain of autistic patients,” Journal of Neu-
roimmunology, vol. 207, no. 1-2, pp. 111–116, 2009.

[98] H. Wei, H. Zou, A. M. Sheikh et al., “IL-6 is increased in the
cerebellum of autistic brain and alters neural cell adhesion,
migration and synaptic formation,” Journal of Neuroinflam-
mation, vol. 8, no. 1, p. 52, 2011.

[99] D. L. Vargas, C. Nascimbene, C. Krishnan, A. W. Zimmer-
man, and C. A. Pardo, “Neuroglial activation and neuroin-
flammation in the brain of patients with autism,” Annals of
Neurology, vol. 57, no. 1, pp. 67–81, 2005.

[100] L. Y. Al-ayadhi and G. A. Mostafa, “Increased serum
osteopontin levels in autistic children: relation to the disease
severity,” Brain, Behavior, and Immunity, vol. 25, no. 7,
pp. 1393–1398, 2011.

[101] L. Y. Al-Ayadhi and G. A. Mostafa, “Elevated serum levels of
macrophage-derived chemokine and thymus and activation-
regulated chemokine in autistic children,” Journal of Neuro-
inflammation, vol. 10, no. 1, p. 72, 2013.

[102] K. Suzuki, G. Sugihara, Y. Ouchi et al., “Microglial activation
in young adults with autism spectrum disorder,” JAMA
Psychiatry, vol. 70, no. 1, pp. 49–58, 2013.

[103] J. T. Morgan, G. Chana, C. A. Pardo et al., “Microglial activa-
tion and increased microglial density observed in the dorso-
lateral prefrontal cortex in autism,” Biological Psychiatry,
vol. 68, no. 4, pp. 368–376, 2010.

[104] M. Monlun, C. Hyernard, P. Blanco, L. Lartigue, and B.
Faustin, “Mitochondria as molecular platforms integrating
multiple innate immune Signalings,” Journal of Molecular
Biology, vol. 429, no. 1, pp. 1–13, 2017.

[105] M. Brini, T. Calì, D. Ottolini, and E. Carafoli, “Intracellular
calcium homeostasis and signaling,” Metal Ions in Life
Sciences, vol. 12, pp. 119–168, 2013.

11Oxidative Medicine and Cellular Longevity



[106] D. E. Clapham, “Calcium signaling,” Cell, vol. 80, no. 2,
pp. 259–268, 1995.

[107] T. Pozzan, R. Rizzuto, P. Volpe, and J. Meldolesi, “Molecular
and cellular physiology of intracellular calcium stores,”
Physiological Reviews, vol. 74, no. 3, pp. 595–636, 1994.

[108] F. Celsi, P. Pizzo, M. Brini et al., “Mitochondria, calcium and
cell death: a deadly triad in neurodegeneration,” Biochimica
et Biophysica Acta, vol. 1787, no. 5, pp. 335–344, 2009.

[109] M. V. Ivannikov and G. T. Macleod, “Mitochondrial free
ca(2)(+) levels and their effects on energy metabolism in
drosophila motor nerve terminals,” Biophysical Journal,
vol. 104, no. 11, pp. 2353–2361, 2013.

[110] S. Orrenius, B. Zhivotovsky, and P. Nicotera, “Regulation of
cell death: the calcium-apoptosis link,” Nature Reviews.
Molecular Cell Biology, vol. 4, no. 7, pp. 552–565, 2003.

[111] D. Lindberg, D. Shan, J. Ayers-Ringler et al., “Purinergic
signaling and energy homeostasis in psychiatric disorders,”
CurrentMolecularMedicine, vol. 15, no. 3, pp. 275–295, 2015.

[112] J. F. Krey and R. E. Dolmetsch, “Molecular mechanisms of
autism: a possible role for Ca2+ signaling,” Current Opinion
in Neurobiology, vol. 17, no. 1, pp. 112–119, 2007.

[113] M. P. Anderson, B. S. Hooker, and M. R. Herbert, “Bridging
from cells to cognition in autism pathophysiology: biological
pathways to defective brain function and plasticity,”American
Journal of Biochemistry and Biotechnology, vol. 4, no. 2,
pp. 167–176, 2008.

[114] J. L. Rubenstein and M. M. Merzenich, “Model of autism:
increased ratio of excitation/inhibition in key neural systems,”
Genes, Brain, and Behavior, vol. 2, no. 5, pp. 255–267, 2003.

[115] V. Napolioni, A. M. Persico, V. Porcelli, and L. Palmieri, “The
mitochondrial aspartate/glutamate carrier AGC1 and calcium
homeostasis: physiological links and abnormalities in autism,”
Molecular Neurobiology, vol. 44, no. 1, pp. 83–92, 2011.

[116] L. Palmieri, V. Papaleo, V. Porcelli et al., “Altered calcium
homeostasis in autism-spectrum disorders: evidence from
biochemical and genetic studies of the mitochondrial aspar-
tate/glutamate carrier AGC1,” Molecular Psychiatry, vol. 15,
no. 1, pp. 38–52, 2010.

[117] R. E. Frye and D. A. Rossignol, “Treatments for biomedical
abnormalities associated with autism spectrum disorder,”
Frontiers in Pediatrics, vol. 2, p. 66, 2014.

[118] B. Reichow, E. E. Barton, B. A. Boyd, and K. Hume, “Early
intensive behavioral intervention (EIBI) for young children
with autism spectrum disorders (ASD),” The Cochrane Data-
base of Systematic Reviews, vol. 10, no. CD009260, 2012.

[119] R. E. Frye and D. A. Rossignol, “Identification and treatment
of pathophysiological comorbidities of autism Spectrum dis-
order to achieve optimal outcomes,” Clinical Medicine
Insights. Pediatrics, vol. 10, pp. 43–56, 2016.

[120] D. A. Geier, J. K. Kern, G. Davis et al., “A prospective double-
blind, randomized clinical trial of levocarnitine to treat
autism spectrum disorders,” Medical Science Monitor,
vol. 17, no. 6, pp. PI15–PI23, 2011.

[121] S. F. Fahmy, M. H. El-hamamsy, O. K. Zaki, and O. A. Badary,
“L-carnitine supplementation improves the behavioral
symptoms in autistic children,” Research in Autism Spectrum
Disorders, vol. 7, no. 1, pp. 159–166, 2013.

[122] A. Y. Hardan, L. K. Fung, R. A. Libove et al., “A randomized
controlled pilot trial of oral N-acetylcysteine in children with
autism,” Biological Psychiatry, vol. 71, no. 11, pp. 956–961,
2012.

[123] A. Ghanizadeh and E. Moghimi-Sarani, “A randomized
double blind placebo controlled clinical trial of N-
acetylcysteine added to risperidone for treating autistic disor-
ders,” BMC Psychiatry, vol. 13, no. 1, p. 196, 2013.

[124] M. G. Chez, C. P. Buchanan, M. C. Aimonovitch et al.,
“Double-blind, placebo-controlled study of L-carnosine sup-
plementation in children with autistic spectrum disorders,”
Journal of Child Neurology, vol. 17, no. 11, pp. 833–837, 2002.

[125] M. C. Dolske, J. Spollen, S. McKay, E. Lancashire, and L.
Tolbert, “A preliminary trial of ascorbic acid as supplemental
therapy for autism,” Progress in Neuro-Psychopharmacology
& Biological Psychiatry, vol. 17, no. 5, pp. 765–774, 1993.

[126] J. B. Adams, T. Audhya, S. McDonough-Means et al., “Effect
of a vitamin/mineral supplement on children and adults with
autism,” BMC Pediatrics, vol. 11, no. 1, p. 111, 2011.

[127] J. B. Adams and C. Holloway, “Pilot study of a moderate dose
multivitamin/mineral supplement for children with autistic
spectrum disorder,” Journal of Alternative and Complemen-
tary Medicine (New York, N.Y.), vol. 10, no. 6, pp. 1033–
1039, 2004.

[128] R. E. Frye, S. Melnyk, G. Fuchs et al., “Effectiveness of methyl-
cobalamin and folinic acid treatment on adaptive behavior in
children with autistic disorder is related to glutathione redox
status,” Autism Res Treat, vol. 2013, Article ID 609705, p. 9,
2013.

[129] S. J. James, S. Melnyk, G. Fuchs et al., “Efficacy of methylco-
balamin and folinic acid treatment on glutathione redox sta-
tus in children with autism,” The American Journal of Clinical
Nutrition, vol. 89, no. 1, pp. 425–430, 2009.

[130] K. Singh, S. L. Connors, E. A. Macklin et al., “Sulforaphane
treatment of autism spectrum disorder (ASD),” Proceedings
of the National Academy of Sciences of the United States of
America, vol. 111, no. 43, pp. 15550–15555, 2014.

[131] A. Taliou, E. Zintzaras, L. Lykouras, and K. Francis, “An
open-label pilot study of a formulation containing the anti-
inflammatory flavonoid luteolin and its effects on behavior
in children with autism spectrum disorders,” Clinical Thera-
peutics, vol. 35, no. 5, pp. 592–602, 2013.

[132] R. Obeid, A. McCaddon, and W. Herrmann, “The role of
hyperhomocysteinemia and B-vitamin deficiency in neuro-
logical and psychiatric diseases,” Clinical Chemistry and Lab-
oratory Medicine, vol. 45, no. 12, pp. 1590–1606, 2007.

[133] A. Desai, J. M. Sequeira, and E. V. Quadros, “The metabolic
basis for developmental disorders due to defective folate
transport,” Biochimie, vol. 126, pp. 31–42, 2016.

[134] R. E. Frye, J. M. Sequeira, E. V. Quadros, S. J. James, and D. A.
Rossignol, “Cerebral folate receptor autoantibodies in autism
spectrum disorder,” Molecular Psychiatry, vol. 18, no. 3,
pp. 369–381, 2013.

[135] P. Moretti, T. Sahoo, K. Hyland et al., “Cerebral folate
deficiency with developmental delay, autism, and response
to folinic acid,” Neurology, vol. 64, no. 6, pp. 1088–1090,
2005.

[136] V. T. Ramaekers, N. Blau, J. M. Sequeira, M. C. Nassogne, and
E. V. Quadros, “Folate receptor autoimmunity and cerebral
folate deficiency in low-functioning autism with neurological
deficits,” Neuropediatrics, vol. 38, no. 6, pp. 276–281, 2007.

[137] V. T. Ramaekers, S. P. Rothenberg, J. M. Sequeira et al.,
“Autoantibodies to folate receptors in the cerebral folate defi-
ciency syndrome,” The New England Journal of Medicine,
vol. 352, no. 19, pp. 1985–1991, 2005.

12 Oxidative Medicine and Cellular Longevity



Review Article
Mitophagy Transcriptome: Mechanistic Insights into
Polyphenol-Mediated Mitophagy

Sijie Tan and Esther Wong

School of Biological Sciences, Nanyang Technological University, Singapore

Correspondence should be addressed to Esther Wong; estherwong@ntu.edu.sg

Received 19 March 2017; Accepted 26 April 2017; Published 25 May 2017

Academic Editor: Moh H. Malek

Copyright © 2017 Sijie Tan and Esther Wong. This is an open access article distributed under the Creative Commons Attribution
License, which permits unrestricted use, distribution, and reproduction in anymedium, provided the original work is properly cited.

Mitochondria are important bioenergetic and signalling hubs critical for myriad cellular functions and homeostasis. Dysfunction in
mitochondria is a central theme in aging and diseases. Mitophagy, a process whereby damaged mitochondria are selectively
removed by autophagy, plays a key homeostatic role in mitochondrial quality control. Upregulation of mitophagy has shown to
mitigate superfluous mitochondrial accumulation and toxicity to safeguard mitochondrial fitness. Hence, mitophagy is a viable
target to promote longevity and prevent age-related pathologies. Current challenge in modulating mitophagy for cellular
protection involves identification of physiological ways to activate the pathway. Till date, mitochondrial stress and toxins remain
the most potent inducers of mitophagy. Polyphenols have recently been demonstrated to protect mitochondrial health by
facilitating mitophagy, thus suggesting the exciting prospect of augmenting mitophagy through dietary intake. In this review, we
will first discuss the different surveillance mechanisms responsible for the removal of damaged mitochondrial components,
followed by highlighting the transcriptional regulatory mechanisms of mitophagy. Finally, we will review the functional
connection between polyphenols and mitophagy and provide insight into the underlying mechanisms that potentially govern
polyphenol-induced mitophagy.

1. Introduction

Mitochondria are energy-generating organelles that syn-
thesize adenosine triphosphate (ATP) to support various
cellular activities. Numerous recent studies further advocate
an expanded role of the organelle in regulating plethora
signalling pathways for cellular survival and homeostasis
[1–3]. Mitochondria are also the principal sites of reactive
oxygen species (ROS) production inside the cells. Cytosolic
ROS need to be tightly regulated to prevent cellular redox
imbalance that contributes to the cumulative oxidative dam-
age of macromolecules observed in aging and diseases [4].
Mitochondrial health is a key determinant to the level of
ROS produced by the mitochondria. Compromised mito-
chondrial fitness diminishes cellular bioenergetics, disrupts
signalling events, and heightens ROS production [5]. The
pivotal roles of mitochondria in various cellular processes
highlight the importance of maintaining healthy mitochon-
drial populations to ensure cellular functions and survival.

Mitophagy plays an instrumental role in influencing
mitochondrial health and quality control by eliminating
damaged mitochondria in the lysosomes [6–8]. Defects in
mitophagy result in accumulation of dysfunctional mito-
chondria seen in aging and age-related disorders [9–11].
Conversely, upregulation of mitophagy successfully amelio-
rates mitochondrial dysfunction and cell toxicity in diseases
like diabetes mellitus (DM) and Parkinson’s disease [12, 13].
Most significantly, enhanced mitophagy activity extends life-
span and healthspan in Caenorhabditis elegans (C. elegans)
and mouse models [14–17]. Currently, mitophagy activity is
mainly known to be induced by mitochondrial stress while
knowledge of physiological ways to regulate mitophagy lacks
behind. A few recent studies indicate that the master tran-
scriptional factors that regulate the expression of autophagy
and lysosomal genes can be specifically induced bymitochon-
drial stress to orchestrate expansion of autophagy-lysosomal
fitness to perform mitophagy [18–22]. These transcription
factors include forkhead transcription factor (FOXO) and
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transcription factor EB (TFEB) [18–23], which serve as
potential therapeutic targets for modulating mitophagy.

Modulation of dietary intake via the consumption of
polyphenol-enriched functional food has been widely
researched as a health-promoting measure associated with
longevity [24]. Multiple lines of evidence suggest that the
beneficial effects of polyphenols, in part, can be attributed
to its ability to upregulate mitophagy [25, 26]. Notably,
recent studies support a role of polyphenols in influencing
the transcriptional regulation of autophagy via the FOXO
and TFEB signalling axes to upregulate mitophagy [27–30].
These studies demonstrate that polyphenols modulate
mitophagy transcriptome as part of its protective mecha-
nisms to counteract mitochondrial stress [31–33], further
strengthening the attractiveness of polyphenols as a therapy
for mitochondrial-related pathologies and aging.

In this review, we look at the different surveillance mech-
anisms involve in the removal of damaged mitochondrial
contents, with specific focus on the transcriptional regulation
of mitophagy in response to mitochondrial stress. We will
also review the functional connection between polyphenols
and mitophagy. Based on these reported findings, we propose
a mechanistic model by which the intracellular environment
senses the administration of polyphenols, to transcriptionally
upregulate autophagy and mitophagy genes expression to
enhance mitophagy for cellular protection.

2. Mitochondrial Quality Control: Different
Types of Mitophagy

Besides generating ATP via oxidative phosphorylation to fuel
all energy-consuming processes, mitochondria also partici-
pate in myriad cellular processes such as ion homeostasis,
oxygen sensing, apoptosis, and specification of cell fate in
adult and cancer stem cells [2, 3, 34, 35]. Mitochondria are
also the prime sites of endogenous ROS production. Mito-
chondrial health determines the levels of mitochondrial
ROS produced. While low amounts of ROS generated by
redox competent mitochondria serve important signalling
functions, excessive ROS production by dysfunctional
mitochondria causes oxidative stress and damage [3, 4].
Safeguarding mitochondrial functions and integrity is, thus,
of utmost importance to cell survival.

Mitochondrial homeostasis is complex, and its regulation
includes several aspects: mitochondrial dynamics, biogenesis,
and the timely removal of worn-out portions [36–41].
Mitochondria undergo continuous fission and fusion events
that allow the organelle to alter its shape and size. Such
plasticity permits quick adaptation of mitochondrial func-
tions in response to intracellular and extracellular cues [2].
Mitochondrial fission and fusion are also involved in mito-
chondrial biogenesis and clearance, and the interplay of these
processes ensures constant mitochondrial renewal [2].
Deregulation of these processes underlies mitochondrial-
related disorders, highlighting the therapeutic prospect of
treating human diseases by manipulating mitochondrial
biology [42].

Recent insights into mitochondrial quality control via
organelle turnover revolutionized our understanding of

how a cell vigorously protects itself from dysfunctional mito-
chondria through multiple defense mechanisms [6–8]. Cells
can eliminate different types of damaged mitochondrial
contents to cope with varying degrees of mitochondrial
stress. During mild mitochondrial stress, such as when mito-
chondrial proteostasis is perturbed by deranged expression,
impaired import, misfolding, or aggregation of mitochon-
drial proteins, mitochondrial unfolded protein response
(UPRmt) serves as the first line of mitochondrial quality con-
trol [36–38]. UPRmt resolves proteotoxicity in mitochondria
by activating a transcriptional response to promote folding,
limit import, reduce translation, and enhance degradation
of deleterious mitochondrial proteins [36–38]. Mild oxida-
tive stress that inhibits the respiratory chain without caus-
ing mitochondrial membrane depolarization leads to the
selective incorporation of oxidized mitochondrial proteins
into mitochondrial-derived vesicles (MDVs). These MDVs
are then delivered to the lysosomes for degradation [43].
This form of mitochondrial component self-eating is inde-
pendent of autophagy. Instead, the MDVs are engulfed by
multivesicular bodies that will subsequently fuse with the
lysosomes [8].

In the event of severe oxidative stress leading to global
mitochondrial damage due to mitochondrial depolarization,
sequestration of individual damaged mitochondria into
autophagosomes is activated for targeted disposal via the
autophagy-lysosomal pathway [6–8]. This form of selective
removal of dysfunctional mitochondria by autophagy is
known as mitophagy (mitochondria + autophagy), which
eliminates damaged mitochondria while preserving the
integrity of the remaining healthy mitochondria [44]. Hence,
mitophagy represents an important quality control pathway
to monitor mitochondrial health and homeostasis [6–8].
Besides degradation of damaged mitochondria in cell auton-
omous manner, recent studies have reported the discovery of
a transcellular mitophagy phenomenon in the mice optic
nerve head [45, 46]. Unlike classical mitophagy, damaged
mitochondria in the retinal ganglion cells are delivered to
the neighbouring astrocytes for degradation by mitophagy
(Figure 1). The transcellular mitochondrial transfer is facili-
tated by the release of mitochondria-filled axonal vesicles
from the retinal ganglion cells into the extracellular spaces
for uptake by the astrocytes. Distinct membrane-enclosed
evulsions containing mitochondria were seen in astrocytes
proximal to the ganglion axonal projections [45]. Whether
this type of mitophagy occurs in other neuronal cell types
remains to be elucidated [46]. Nonetheless, the varied sophis-
ticated measures put in place by the cell to maintain mito-
chondrial quality control highlight the significance of timely
and accurate destruction of toxic mitochondrial portions.
Mitophagy is currently the best characterized form of mito-
chondrial quality control. Research into the discovery and
understanding of the components and mechanisms of UPRmt

andMDVs, although intriguing, are still in its infancy. Hence,
in this review, we will focus on mitophagy with regard to
polyphenol modulation of mitochondrial quality control.

Mitophagy declines with age, and the impairment in
mitochondrial clearance is associated with several human
pathologies. This includes age-associated disorders such as
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cancer, metabolic syndrome, and neurodegeneration [9, 47–
49]. On the other hand, upregulation of mitophagy mitigates
disease progression and protects against diseases. This has
been demonstrated in DM. Accumulation of advanced glyca-
tion end products (AGEs) due to chronic hyperglycaemia
induces glycoxidative stress in DM, leading to massive mito-
chondrial dysfunction. Mitophagy is important in protecting
cells from mitochondrial toxicity in DM condition [12].

Indeed, mitophagy induction in diabetic platelets protects it
against oxidative stress-induced mitochondrial damage and
apoptosis, thereby reducing thrombotic injuries in DM [50].
Mitophagy therefore displays therapeutic potential for treat-
ing human diseases. Elucidation of the mechanisms govern-
ing mitophagy holds a promise for the development of
novel pharmacological interventions to delay aging and to
prevent age-related pathologies. Current challenges in
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Figure 1: Different mechanisms of mitophagy. (a) Autophagy cascade showing initiation of autophagosome membrane formation from
endoplasmic reticulum (omegasome), elongation of the early autophagosome membrane (phagophore), engulfment of mitochondria into
the matured autophagosome to form mitophagosome, and final fusion with lysosome for degradation. (b) Mitophagy can occur
intracellularly (autonomous) or via a transcellular process where damaged mitochondria are exported to neighbouring cell for degradation
by mitophagy. (c) (i) The most well-studied mitophagy pathway is mediated by PINK1 and Parkin. Under mitochondrial stress, PINK1 is
stabilized on the outer mitochondrial membrane (OMM) where it associates with the TOM complex. Subsequently, PINK1 undergoes
dimerization and autophosphorylation to promote recruitment of Parkin to the OMM for its activation. Under physiological conditions,
Parkin adopts a closed confirmation and is kept inactive due to the association between its UBL and RING1 domain. Mitochondrial
membrane depolarization causes PINK1 to phosphorylate Parkin at Ser65 which perturbs the UBL-RING1 association. PINK1 mediates a
second phosphorylation event on the ubiquitin (Ub) molecule at Ser65 to fully activate the E3 ligase activity of Parkin through
phosphorylated UbSer65 binding. Activated Parkin ubiquitinates OMM proteins via K27 or K63-linked polyubiquitination to serve as
recognition tags to recruit cargo adaptor proteins like p62, NBR1, and optineurin for selective targeting of mitochondria into the
autophagosome. OMM proteins can also directly bind phosphorylated UbSer65 to recruit cargo adaptors. (ii) OMM proteins such as
BNIP3, NIX, FUNDC1, and AMBRA1 also possess the LIR motif and can interact directly with LC3 to facilitate selective targeting of the
mitochondria to the autophagosome. (iii) Lipid moieties on the OMM can alternatively bind LC3 independent of cargo adaptor proteins.
For example, phospholipid cardiolipin has shown to translocate from the inner mitochondrial membrane to the OMM to recruit LC3.
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modulating mitophagy for cellular protection include delin-
eating the different variants of mitophagy and identification
of more physiological ways to activate mitophagy or individ-
ual mitophagy variants. Ironically, mitochondrial toxins
such as CCCP, a strong mitochondrial uncoupler, remain
the most effective inducer of mitophagy but with accom-
panying grave mitochondrial damage. There is a clear
need to search for drugs or natural compounds that acti-
vate mitophagy without incurring such undesirable side
effects. Here, we will review the current understandings
on natural polyphenolic modulators of mitophagy and
their associated benefits and mechanisms.

2.1. Formation of Mitophagosome: When Mitochondria
Meet Autophagy. Autophagy is a catabolic process where
unwanted or damaged intracellular constituents are engulfed
in autophagosomes for delivery to lysosomes for degradation
(Figure 1). The degradation pathway consists of four stages:
(1) initiation, (2) elongation of the autophagosomal mem-
brane, (3) maturation of the autophagosome, and (4) fusion
of the autophagosome with the lysosome [51]. A set of
conserved proteins encoded by the autophagy-related (atg)
genes control the different stages of the autophagy cascade.
In yeast, more than 30 atg genes have been characterized thus
far and the mammalian orthologs have also been subse-
quently identified [52]. The strong evolutionary conservation
of the atg genes across lower and higher eukaryotes high-
lights the critical role of autophagy in the maintenance of
cellular homeostasis and survival.

Under physiological conditions, basal autophagy is
important for constitutive turnover of proteins and organelles
for quality control critical to sustain cellular activities. The
functional importance of basal autophagy is highlighted in
several studies. For example, brain-specific ablation of the
autophagy pathway via Atg5 and Atg7 knockouts in mice
caused an accumulation of ubiquitinated protein inclusions
accompanied by neurodegenerative deficits [53, 54]. Liver-
specific inhibition of autophagy led to the development of
multiple liver tumors [55], and systemic inhibition of autoph-
agy in mice resulted in neonatal lethality [56]. These studies
highlight the importance of basal autophagy as a protective
mechanism to prevent accumulation of damaged or redun-
dant cellular constituents and, consequently, the develop-
ment of diseases in healthy organisms.

In addition to basal autophagy, autophagy can be upreg-
ulated as an adaptive response to cope with cellular stress as
seen in the case for mitophagy. Stress-inducible autophagy is
now increasingly recognized for its selectivity, wherein
specific substrates damaged by a particular stressor are tar-
geted for lysosomal degradation while the remaining cellular
milieu is preserved [57]. In mitophagy, the selective recogni-
tion and precise loading of dysfunctional mitochondria into
the autophagosomes to form mitophagosomes underlies the
targeted removal of damaged mitochondria (Figure 1). The
selectivity of mitophagosomes is facilitated by specialized
autophagy receptors known as cargo adaptor proteins. These
adaptors contain a microtubule light chain 3- (LC3-)
interacting region (LIR) motif that binds LC3 in the
autophagosomal membrane, thereby linking the substrate

to the autophagosome. Till date, several cargo adaptors
have been identified for mitophagy and this underscores the
different mechanisms of mitophagosome formation which
we briefly discuss below.

Prior to mitophagy induction, mitochondria undergo
fission (or fragmentation) to sieve out the damaged mito-
chondria from the healthy mitochondrial network for
efficient targeting of the former for degradation [58]. The
mitochondrial dynamics is regulated by members of the
guanosine-5′-triphosphate (GTP)ase family: (1) dynamin-1-
like protein (Drp1), which is a fission-promoting protein
and (2) mitofusins 1 and 2, which are fusion-promoting
proteins. Drp1 mediates fission by forming a multimeric
complex around the mitochondria tubule to induce mem-
brane scission and mitochondria excision [59]. Conversely,
mitofusins mediate fusion via dimerization with the adjacent
mitofusins on the neighbouring mitochondria to promote
membrane tethering between mitochondria [60]. Induction
of mitophagy promotes ubiquitination and degradation
of mitofusins to favour mitochondrial fragmentation for
efficient autophagy targeting [61].

2.2. Different Facets of Mitophagosome Formation

2.2.1. PINK1-Parkin-Mediated Mitophagy. The most
well-studied mitophagy pathway is mediated by PTEN-
induced putative kinase 1 (PINK1) and E3 ligase Parkin
(Figure 1(c), (i)). Under physiological conditions, PINK1 is
kept inactive in the mitochondrial matrix via cleavage by
mitochondrial processing peptidase (MPP) and presenilin-
associated rhomboid-like (PARL) protease [62–64]. On the
other hand, mitochondrial stress induced by membrane
depolarization stabilizes and activates PINK1 on the outer
mitochondrial membrane, where it promotes recruitment
and activation of Parkin [65, 66].

PINK1-mediated activation of Parkin is orchestrated by
an interplay between phosphorylation and ubiquitination.
Under physiological conditions, Parkin adopts a closed con-
firmation and is kept inactive due to the association between
the N-terminal ubiquitin-like (UBL) and the RING1 domain
(Figure 1(c), (i)). Mitochondrial membrane depolarization
induces Parkin phosphorylation at Ser65 by PINK1, pro-
moting a conformational change and partially relieving the
autoinhibition on Parkin [67, 68]. A second phosphorylation
event, which involves phosphorylation of the ubiquitin mol-
ecule also at Ser65 by PINK1, is an important event for full
activation of Parkin. The phosphorylated ubiquitin binds to
the UBL domain of Parkin to fully activate the E3 ligase
activity [69, 70]. Activated Parkin polyubiquitinates the outer
mitochondrial membrane proteins, where the ubiquitination
serves as recognition tag for cargo adaptor proteins to initiate
mitophagy. In addition, the PINK1-Parkin complex can also
directly interact with Beclin-1 in the class III phosphoinosi-
tide 3-kinase (PI3K) complex, or indirectly with the PI3K
complex via AMBRA1, to initiate autophagosomemembrane
biogenesis around the damaged organelle [71, 72].

2.2.2. Other Mitochondrial Membrane Proteins and Lipid-
Mediated Mitophagy. Apart from the PINK1-Parkin
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mechanism, mitophagy can alternatively be initiated by other
proteins and lipids on the outer mitochondrial membrane
(Figure 1(c), (ii, iii)). BCL2/adenovirus E1B 19 kDa protein-
interacting protein 3 (BNIP3), NIP3-like protein X (NIX),
and FUN14 domain containing 1 (FUNDC1) are outer
mitochondrial membrane proteins that harbour the LIR
motif. The outer mitochondrial membrane can, therefore,
also directly interact with the autophagosome during
mitophagy. Additionally, AMBRA1 participates in both
Parkin-dependent and independent mitophagy [73]. In
Parkin-independentmitophagy, AMBRA1 binds LC3 directly
through its LIR motif. Lipid moieties on mitochondrial
proteins similarly can interact with the autophagosome. For
example, the inner mitochondrial membrane phospholipid
cardiolipin translocates to the outer mitochondrial mem-
brane under mitochondrial stress to interact with LC3
[74, 75]. Ceramide, a sphingolipid on the mitochondrial
membrane, has also been shown to interact with LC3 [76].

3. Transcriptional Regulation of Mitophagy

Studies have begun to show that transcriptional mechanisms
play a pivotal role in modulating autophagy. These tran-
scription factors are often activated in response to lowered
nutrient or energy status in order to upregulate expression
of autophagy and lysosomal genes to expedite the recycling
and generation of amino acids, lipids, and ATP from
degraded cellular components. FOXO and more recently,
TFEB, are transcription factors that have been intensively
studied and established to upregulate autophagy and lyso-
somal biogenesis under starvation conditions [19, 23, 77, 78].
Activation of FOXO and TFEB transcriptional activities
has been linked to beneficial autophagy associated with
lifespan extensions in model organisms [79, 80]. Transcrip-
tional upregulation of autophagic flux induced by starvation
also enhances protein-organelle quality control where mito-
chondria may be degraded as part of the autophagic cargoes.
It remains unclear whether selection factors are involved in
mitochondrial degradation by starvation-induced autophagy
[8]. Importantly, recent studies have revealed that FOXO
and TFEB specifically response to mitochondrial stress to
induce mitophagy by upregulating autophagy and several
mitophagy genes. Many lines of emerging evidence suggest
that stress-induced transcriptional upregulation ofmitophagy
has its own unique signalling signature (discussed below)
(Figure 2(a)). Thus, targeting these mitophagy-specific
transcriptional signalling pathways serves as an avenue for
preferentially inducing mitophagy. The global effects of tran-
scriptional regulation may offer an overarching advantage
over interventions aimed at augmenting the formation of
specific types of mitophagosomes (Figure 1). Furthermore,
these transcription regulators also coregulate mitochondrial
biogenesis in addition to mitochondrial turnover, hence
allowing coordinated enhancement of mitochondrial prolif-
eration and degradation to better triage mitochondrial
homeostasis [19, 40, 41].

3.1. FOXO3a Signalling. FOXO is a family of transcription
factors characterized by a conserved DNA-binding domain

termed the “forkhead box.” In human, the FOXO family
contains four members, namely, FOXO1, FOXO3/3a,
FOXO4, and FOXO6 [27]. All 4 FOXO members are
expressed in skeletal muscle cells and are implicated in
transcriptional activation of genes involved in protein degra-
dation (proteasome and autophagy), glycolysis, lipophagy
(selective autophagic degradation of lipid droplets), and
mitochondrial respiration for skeletal muscle homeostasis
[81]. FOXO is activated by AMP-activated protein kinase
(AMPK) and nicotinamide adenine dinucleotide- (NAD+-)
dependent deacetylase sirtuin-1 (SIRT1) signalling path-
ways to upregulate autophagy in response to nutrient
and energy cues. Low ATP levels activate AMPK to directly
induce FOXO nuclear localization and autophagy upregula-
tion [82, 83]. In contrast, a low nutrient supply increases
the level of NAD+ leading to SIRT1 activation. Activated
SIRT1 thereafter deacetylates FOXO to promote its nuclear
translocation and transcription activity [84]. Amongst the 4
members, FOXO3 is most frequently associated with autoph-
agy induction. FOXO3 controls the expression of genes
involved in autophagosome biogenesis [81, 85–87].

Two recent studies delineate a role of FOXO3a in
modulating mitophagy. In the first study, mitochondrial pro-
teotoxic stress activates UPRmt and elevates sirtuin-3 (SIRT3)
expression (Figure 2(a)). SIRT3 is another member of the
sirtuin family that is localized to the mitochondria and
plays predominant roles in mitochondrial processes. A
study found that increased SIRT3 levels lead to FOXO3a
deacetylation and activation [88]. Active FOXO3a induces
the transcription of genes involved in mitophagy, including
lc3, atg9, and bnip3l/nix [88]. Notably, the study observed
that only the fragmented mitochondria were engulfed by
autophagosomes whereas the remaining mitochondrial
network was unaffected [88]. This observation is consistent
with the notion of mitophagy, where only the damaged mito-
chondria are targeted for autophagic clearance. It was also
observed that Parkin expression levels remained unchanged,
suggesting that SIRT3-FOXO3a-mediated mitophagy is
independent of Parkin [88]. It appears that the Parkin-
independent mitophagy induced by SIRT3-FOXO3a is a
peculiar response to mitochondrial UPR. In contrast, another
study reported that SIRT3-FOXO3a signalling upregulated
Parkin expression to mediate enhanced mitophagy to protect
against diabetic cardiomyopathy in mice [89]. This shows
that SIRT3-FOXO3a activation can induce different mito-
phagy mechanisms, possibly determined by the type of
mitochondrial stress.

3.2. TFEB Signalling. TFEB is the first member of the micro-
phthalmia family of basic helix-loop-helix-leucine-zipper
(bHLH-Zip) transcription factors (MiTF) identified to be a
master regulator of autophagy-lysosomal genes [90]. TFEB
binds to the coordinated lysosomal expression and regulation
(CLEAR) motif, a 10-base E-box-like palindromic sequence
found in the promoters of autophagy and lysosomal genes,
to activate their transcription [91]. Thus far, TFEB is mainly
activated by cellular stressors such as starvation and ROS
production [20, 92]. ROS regulation of TFEB activity serves
as an important route for cells to detect mitochondrial
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malfunction in order to upregulate transcription of
autophagy-lysosomal genes to enhance mitophagy and sup-
press oxidative stress [20].

In TFEB-induced autophagy, the lysosome acts as a
signalling hub that senses changes in amino acid levels in
the lysosomal lumen or intracellular ROS levels to regulate
TFEB activity. Lysosome regulates TFEB phosphorylation
and activation status through 3 signalling cascades: (1) mam-
malian target of rapamycin complex 1 (mTORC1), (2) extra-
cellular signal-regulated kinase 2 (ERK2), and (3) lysosomal
Ca2+-activated calcineurin [93–95]. For nutrient regulation
of TFEB, high level of amino acids in the lysosomal lumen
induces conformational changes in vacuolar-typeH+-ATPase
proton pump (v-ATPase) to stabilize Ragulator complex at
the lysosomal surface to recruit and activate mTORC1.
Active lysosomal mTORC1 in turn recruits and phosphory-
lates TFEB at Ser142 and Ser211 to sequester TFEB in the
cytosol and render it inactive [93–95]. In addition to
mTORC1, Ragulator also promotes translocation of ERK2
towards the lysosome vicinity under amino acid-rich condi-
tions to promote TFEB Ser142 phosphorylation [96]. This
mechanism provides another regulatory route to inhibit
TFEB activity. Conversely, under amino acid deprivation,

Ragulator and mTORC1 are not recruited to the lysosomal
surface, which relieves TFEB suppression. Nutrient regula-
tion of TFEB activity is also governed by dephosphorylation
of TFEB. Recently, it has been shown that the lysosome
responds to starvation by facilitating Ca2+ release from the
lysosomal lumen through the lysosomal Ca2+ channel muco-
lipin 1 (Figure 2(a)). The localized lysosomal Ca2+ release
activates calcineurin, a phosphatase that dephosphorylates
TFEB to promote TFEB nuclear shuffling and transcription
activity [97].

Besides being an effector of the lysosomal nutrient sens-
ing pathway to adapt cell metabolism, TFEB also responds
to other cellular stressors to orchestrate plethora homeostatic
responses [92]. A recent example is TFEB activation by
mitochondrial stress to upregulate autophagy-lysosomal
transcriptome for specific removal of dysfunctional mito-
chondria (Figure 2(a)). The first evidence demonstrating
TFEB as a transcriptional regulator of mitophagy came from
the observation that mitochondrial depolarizing agents,
oligomycin and antimycin A, induced TFEB dephosphory-
lation and nuclear translocation [98]. Unlike starvation,
mTORC1 inactivation is dispensable in TFEB activation
by mitochondrial stress, which instead is dependent on
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Figure 2: Regulation of FOXO3a and TFEB transcriptional control of mitophagy by polyphenols. (a) Mitochondrial stress activates
mitochondrial unfolded protein responses (UPRMT) to upregulate expression of SIRT3. SIRT3 deacetylates transcription factor FOXO3a
to promote its nuclear translocation. Resveratrol, betulin, and quercetin potentially influence FOXO3a activation via SIRT3 dependent or
independent pathways. Mitochondrial stress also generates reactive oxygen species (ROS) to activate the lysosomal Ca2+ signalling and
calcineurin to dephosphorylate TFEB and promote its nuclear translocation. Curcumin activates TFEB via mTORC1 inhibition. Urolithin
A (UA) may modulate mitophagy transcriptome via regulating FOXO3a or TFEB activity. Once in the nucleus, FOXO3a and TFEB
initiate transcription of autophagy-lysosomal and mitophagy genes to facilitate mitochondrial clearance. (b) Classification of polyphenols.
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Parkin activity [98]. E3 ligase Parkin promotes TFEB-induced
mitophagy by degrading Parkin interacting substrate
(PARIS), a transcriptional repressor of proliferator-activated
receptor-gamma coactivator-1α (PGC-1α) [99]. PGC-1α has
recently shown to regulate TFEB expression in addition to
mitochondrial biogenesis and energy metabolism. Parkin
therefore relieves PARIS inhibition on PGC-1α to drive
PGC-1α-mediated TFEB expression for mitophagy [99].
Perturbation of Parkin activity in Q311X Parkin mutant and
sporadic Parkinson’s disease mouse models led to an increase
in PARIS levels that coincided with disrupted PGC-1α-TFEB
signalling [13]. Disruption of Parkin intricate control of
PARIS level resulted in mitochondrial impairment and
degeneration of dopaminergic neuronal cells in these mouse
models, which were successfully reversed via upregulation of
PGC-1α-TFEB signalling [13]. In turn, TFEB reciprocally
regulates PGC-1α expression to enhance compensatory
mitochondrial biogenesis to replenish the mitochondrial pool
removed bymitophagy [18]. Therefore, TFEB not only senses
the need for increasing autophagy-lysosomal activity in order
to degrade damaged mitochondria, but also coordinates
the replacement of mitochondria through PGC-1α-medi-
ated synthesis of new mitochondria. TFEB hence acts as
an integrative node linking mitochondrial quality control
by mitophagy to mitochondrial biogenesis to maintain
mitochondrial homeostasis.

The question of how the lysosome senses mitochondrial
dysfunction to activate TFEB signalling independent of
mTORC1 remained elusive until the recent identification
of a ROS-lysosome-TFEB signalling mechanism [20]. In
this study, ROS production caused by CCCP-induced
mitochondrial stress increases Ca2+ efflux from lysosome
via mucolipin 1 (Figure 2(a)). Addition of reducing or
antioxidant reagents prevented activation of mucolipin 1,
demonstrating that ROS induces lysosomal Ca2+ release.
The localized Ca2+ surge in the cytosol activates calcineurin-
dependent dephosphorylation of TFEB to release TFEB for
nuclear shuffling and upregulates autophagosome and
lysosome biogenesis to increase the cellular capacity for
mitophagy. This study hence demonstrates that ROS may
function as protective signalling molecules to upregulate
adaptive cellular responses to combat oxidative stress.

4. Polyphenols and Mitophagy

Traditionally characterized as secondary metabolites for
protection against ROS insults in plants [100], polyphenols
are now intensively studied for their health-promoting
properties [25]. Indeed, polyphenol-enriched diet can protect
against neurodegeneration to favour healthy aging [25].
Mitochondria are a major cellular target of polyphenols.
Many polyphenols demonstrate positive effects on mito-
chondrial biogenesis, integrity, and respiratory capacity
[101]. For example, resveratrol has been shown to ameliorate
mitochondrial bioenergetics and biogenic impairments in
neuronal progenitor cells of the Down syndromemice model.
Resveratrol mitigates by activating mitochondrial biogenesis
via PGC-1α-SIRT1-AMPK signalling and restoring mito-
chondrial oxidative phosphorylation capabilities [102].

Low doses of resveratrol also protect against respiration
dysfunction induced by mitochondrial mutations in patient-
derived fibroblast cells [103]. In another example, rosmarinic
acid was reported to attenuate insulin resistance in rat skeletal
muscle via enhancing mitochondrial proliferation through
increasing mitochondrial synthesis factors such as PGC-1α,
SIRT1, and transcription factor A mitochondria (TFAM)
[104]. Epicatechin, another polyphenol highly enriched in
cocoa, was similarly shown to increase the expression of key
mitochondrial respiratory and biogenesis factors, including
PGC-1α, TFAM, and SIRT1, to improve mitochondrial
respiratory function in skeletal muscle and myocardial cells
[105–113]. Alma, a plant found in traditional Indian medi-
cine, protects against oxidative stress in skeletal muscle cells
by upregulating mitochondrial biogenesis and respiration
via AMPK activation [114].

While many studies have looked at the influence of
polyphenols on mitochondrial synthesis and functions, few
have explored the effects of these natural compounds on
mitophagy. Although polyphenols have been reported to
induce autophagy [25], degradation of mitochondria in these
cases is often a consequence of global autophagy upregu-
lation for energy production rather than due to selective
mitochondrial clearance. It is only recently that evidence
supporting a role of polyphenols in specific transcrip-
tional regulation of mitophagy has been reported. Based
on these findings, we propose a mechanistic model on how
the general classes of polyphenols (Figure 2(b)) could
transcriptionally induce mitophagy to protect against
mitochondrial stress.

4.1. Polyphenols Enhance FOXO3a Activation to Mediate
Mitophagy. Recently, stilbenes (resveratrol) and flavonols
(quercetin) have been shown to alter mitophagy tran-
scriptome via FOXO3a signalling to potentiate Parkin-
PINK1 mitophagy in cardiac and hepatic cells. These natural
compounds upregulate mitophagy, in part, by enhancing the
gene expressions of Parkin and PINK1 under myocardial
infarction and liver injury (see below).

Resveratrol, a trans-3,4′,5-trihydroxystilbene enriched in
grapes and berries, along with its modified form Longevinex,
was shown to induce mitophagy to attenuate myocardial
infarction in rats subjected to ischemic reperfusion (I/R)
injury [27]. In the study, resveratrol and its mimetic induced
the acetylation of SIRT3 to activate the downstream effector
FOXO3a. Enhanced PINK1 and Parkin localization to the
mitochondria were observed in the injured cardiac cells
[27]. It is unknown whether FOXO3a activation exerts a
direct effect on the transcriptional upregulation of these
mitophagy factors. However, PINK1 has been shown to be
a downstream target of FOXO3a [115], thus suggesting the
possibility that resveratrol and Longevinex may induce
PINK1 expression via FOXO3a activation to subsequently
facilitate Parkin recruitment to the mitochondria in the
infarction area. Enhanced mitochondrial fission was also
observed in the infarction area, which was postulated to
mediate efficient mitophagy of the fragmented mitochondria
[27]. Indeed, the interdependence between mitochondrial
fission and Parkin-mediated mitophagy to maintain
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mitochondria quality has been reported in the hearts of mice
undergoing cardiac ischemia [116]. Disruption of mito-
chondrial fission through Drp1 ablation results in failure
to separate the damaged mitochondria from the healthy
network leading to perturbed mitophagy and mitochon-
drial homeostasis [116]. Taken together, resveratrol and
Longevinex potentiate mitophagy in cardiac cells by pro-
moting efficient PINK1-Parkin-mediated mitophagy via
influencing two factors: (1) enhancing mitochondrial frag-
mentation and (2) potentially inducing expression of PINK1
in a FOXO3a-dependent manner.

Similar to resveratrol, quercetin was also reported to
activate FOXO3a-mediated mitophagy. Quercetin is a
flavonoid found enriched in many fruits, vegetables, and
grains and has earlier been shown to alleviate mitochondrial
oxidative stress via its antioxidant properties in ethanol-
induced dyslipidemia [117]. In a recent study, the phenolic
compound was shown to protect against mitochondrial
damage in ethanol-induced liver injury through activation
of mitophagy [28]. Ethanol feeding led to mitochondrial
impairment in the mouse liver, characterized by degenerative
changes in mitochondrial ultrastructure and membrane
potential and fluidity. In addition, repression of Parkin
expression and accumulation of partially sequestered
mitochondria by the autophagosome were also observed,
suggesting inefficient mitophagy during ethanol exposure.
Administration of quercetin attenuated the pathological
mitochondrial changes and restored mitophagy by activating
FOXO3a, unlike resveratrol, in an AMPK- and ERK2-
dependent pathway. This was accompanied by reversion of
Parkin transcriptional inhibition, enhanced lysosome biogen-
esis, and fusionwithmitophagosomes [28]. Another polyphe-
nol, betulin, was also reported to alleviate ethanol-induced
alcoholic liver injury via the SIRT1-AMPK signalling pathway
to enhance lipophagy [118]. Whether betulin can concomi-
tantly upregulate mitophagy to attenuate mitochondrial oxi-
dative stress under alcohol-induced hepatotoxicity remains
to be elucidated. Its potential to activate AMPK, however,
suggests that betulin may similarly be able to activate
FOXO3a-dependent mitophagy for hepatic protection.

The role of AMPK signalling as an interface for
mitophagy was also observed in anthocyanin delphinidin-3-
glucoside- (D3G-) mediated cytoprotection against oxidized
low-density lipoprotein (oxLDL) toxicity during vascular
endothelial cell injury [106]. D3G-mediated AMPK activa-
tion increases NAD+ levels to enhance SIRT1 activity which
in turn upregulate mitophagy to prevent mitochondria
dysfunction in oxLDL injured endothelial cells [119]. The
mechanisms underlying D3G-driven SIRT1-mediated mito-
phagy currently remain unclear. It is possible that FOXO3a
may underscore the link between SIRT1 activation and
enhanced mitophagy for D3G effects. Alternatively, SIRT1
may directly mediate deacetylation and activation of key
autophagic proteins such as Atg5, Atg7, and Atg8 to induce
autophagy for mitochondrial removal [120].

4.2. Polyphenols and TFEB Signalling in Mitophagy. Since
TFEB is regulated by mTORC1 activity, polyphenols that
inhibit mTORC1 may be a viable activator of TFEB.

However, it remains mostly unknown whether polyphenols
that inhibit mTORC1 also influence TFEB signalling and
mitophagy. Curcumin, a diferuloylmethane and component
of the turmeric plant, is currently the only polyphenol
reported to regulate TFEB activity by inhibiting the AKT-
mTORC1 signalling pathway [30]. A curcumin analog C1
that possesses better cellular uptake and a longer half-life
has been shown to induce TFEB signalling in vitro and
in vivo via distinct TFEB activation mechanisms. Unlike cur-
cumin, TFEB activation by C1 is independent of mTORC1
and dephosphorylation events. Instead, C1 binds directly
to TFEB at the N-terminal to alter the conformation of
TFEB in order to expose its nuclear localization signal to
facilitate nuclear translocation [121]. However, whether
mitophagy activation is a downstream effector of curcumin-
induced TFEB activation has yet to be addressed and
warrants future investigation.

Melanoidin extract from aged vinegar and pomegranate
extract (PE) have recently been shown to mediate mito-
phagy in injury-induced hepatocytes and cardiomyocytes
by increasing Beclin-1 levels [29]. Beclin-1 is a component
of the class III PI3K complex important for autophago-
some membrane biogenesis [122] and is recently shown
to influence mitophagy in cardiac I/R injury via novel reg-
ulation of mTORC1 [123]. A role of Beclin-1 in regulating
autophagic mitochondrial clearance is further affirmed by
another study showing that calpain-2-mediated degradation
of Beclin-1 impaired mitophagy in rat hepatocytes [124].
Taken together, the Beclin-1-mTORC1 signalling axis
potentially represents a novel signalling route to activate
mitophagy and may underscore melanoid-mediated mito-
phagy. However, it remains unclear if TFEB participates in
Beclin-1-mTORC1-regulated mitophagy.

Urolithin A (UA), another metabolite derived from PE,
has recently shown to induce mitophagy in C. elegans and
rodents [15]. UA is one of the hydrolysed end products of
ellagitannins found highly enriched in PE. UA supplementa-
tion prolongs lifespan in C. elegans and consistently increases
healthspan in aged worms and mice by preventing age-
related muscle deterioration. In C. elegans, exposure to UA
increased the expression of autophagy (bec-1, sqst-1, and
vps-34) and mitophagy (pink1, dct-1, and skn-1) genes that
contributed to mitophagy induction. A reduced expression
of mitochondrial fusion factors was also observed that
aligned with an increase in mitochondrial fragmentation
observed in UA-treated cells and tissues. This alteration in
mitochondrial dynamics potentially favours efficient autoph-
agic targeting of the fragmented mitochondria to enhance
mitophagy flux. The mechanism underlying UA-induced
transcriptional upregulation of mitophagy was not explored
in the study. It will be interesting to explore if UA potentiates
mitophagy via influencing FOXO3 and TFEB, the two major
transcriptional activators of mitophagy.

4.3. The Hormetic Effect: Polyphenols as Pro-Oxidants to
Activate Lysosomal Ca2+ Signalling for Mitophagy? ROS are
widely accepted to be damaging molecules. However, emerg-
ing evidence suggests ROS also serve important functional
roles by acting as signalling molecules to regulate important
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physiological processes [125, 126]. In the concept of “horm-
esis,” low doses of ROS stress may be protective by activating
stress response pathways that promote longevity [127, 128].
Hormesis describes the upregulation of pre-emptive adaptive
responses to enhance the readiness of the cells to counteract
the onset of more aggressive cellular stress thereby increasing
cell resilience [129]. Mitophagy is also subjected to ROS
regulation via mitochondrial ROS-mediated lysosome Ca2+

signalling pathway. Low level mitochondrial ROS therefore
may facilitate mitochondrial hormesis by priming mitophagy
on standby to attenuate oxidative stress through efficient
removal of dysfunctional mitochondria to protect mitochon-
drial and cellular redox homeostasis.

Interestingly, polyphenols also elicit hormetic effects via
its pro-oxidant properties when administered at regulated
doses. The pro-oxidant effects often involve interactions of
polyphenols with transition metal ions [130]. An example is
curcumin which exhibits a pro-oxidant property at very low
doses (≤1μM) in the presence of Cu(II) but operates
primarily as an autophagy inducer when present in the range
of 5–10μM, wherein it mediates the protective effects of
autophagy [131]. How do pro-oxidant effects mediated by
polyphenols benefit cells? It is tempting to postulate that a
plausible mechanism underlying hormetic effects of polyphe-
nol pro-oxidant properties is the induction of mitophagy via
ROS-lysosomal Ca2+ signalling. In this model, we propose
that low levels of ROS generated by polyphenols when
administered in an acute or nonlethal dose may stimulate
lysosome-Ca2+ signalling to activate TFEB to increase tran-
scription of autophagy-lysosomal and mitophagy genes
(Figure 2(a)). Under physiological conditions, expression of
these genes may increase autophagy-lysosomal fitness to
prime the mitochondria for efficient transit to mitophagy in
the event of mitochondrial stress.

5. Concluding Thoughts

In recent years, transcriptional modulation of autophagy has
become a focus of attention owing to the identification of
TFEB. TFEB activation has also been recently shown to reg-
ulate mitophagy. The identification of ROS-lysosome-Ca2+

signalling to activate TFEB presents an exciting interface
for crosstalk betweenmitochondria and the lysosome tomod-
ulate mitochondria quality control. Interestingly, impairment
in the activity of one organelle affects the other. For exam-
ple, in Pompe disease, a lysosomal storage disorder, the
impaired lysosome function is associated with perturbed
mitochondrial membrane potential and Ca2+ homeostasis
[132]. Mitochondrial dysfunction similarly leads to accu-
mulation of damaged lysosomes in mouse fibroblast cells
deficient in mitophagy factors [133]. For the latter, accumu-
lation of ROS is the cause for lysosomal impairment, which
further highlights the importance of lysosome as a ROS
sensing hub to upregulate mitophagy (via TFEB) to remove
damaged mitochondria and restore lysosome integrity.

Most studies thus far have only examined the role of
polyphenols in general autophagy modulation. Very few
polyphenols have been identified to specifically regulate
mitophagy, and even lesser is known about polyphenols that

regulate mitophagy via transcriptional control. Nonetheless,
the identification of several phenolic compounds that could
influence mitochondrial clearance via FOXO3a and TFEB
signalling highlights the potential of dietary intake as an
avenue for mitophagy upregulation in humans. It will be
exciting to explore the prospect of augmenting mitophagy
through polyphenol consumption as a therapeutic approach
towards mitochondria-related diseases.
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Cytochrome c oxidase (COX) is the terminal enzyme of the electron transport chain and catalyzes the transfer of electrons from
cytochrome c to oxygen. COX consists of 14 subunits, three and eleven encoded, respectively, by the mitochondrial and nuclear
DNA. Tissue- and condition-specific isoforms have only been reported for COX but not for the other oxidative phosphorylation
complexes, suggesting a fundamental requirement to fine-tune and regulate the essentially irreversible reaction catalyzed by
COX. This article briefly discusses the assembly of COX in mammals and then reviews the functions of the six nuclear-encoded
COX subunits that are expressed as isoforms in specialized tissues including those of the liver, heart and skeletal muscle, lung,
and testes: COX IV-1, COX IV-2, NDUFA4, NDUFA4L2, COX VIaL, COX VIaH, COX VIb-1, COX VIb-2, COX VIIaH, COX
VIIaL, COX VIIaR, COX VIIIH/L, and COX VIII-3. We propose a model in which the isoforms mediate the interconnected
regulation of COX by (1) adjusting basal enzyme activity to mitochondrial capacity of a given tissue; (2) allosteric regulation to
adjust energy production to need; (3) altering proton pumping efficiency under certain conditions, contributing to
thermogenesis; (4) providing a platform for tissue-specific signaling; (5) stabilizing the COX dimer; and (6) modulating
supercomplex formation.

1. Introduction

Mammalian mitochondria are remarkable cellular organ-
elles, possessing a unique, conserved genome distinct from
the nuclear genome, as well as providing the means for
energy generation theorized as a principle requirement for
the advent of multicellular organisms [1]. The evolution of
the electron transport chain (ETC) together with ATP
synthase—a series of large multisubunit protein complexes
responsible for oxidative phosphorylation (OxPhos)—was
pivotal in this development, increasing the amount of ade-
nine triphosphate (ATP) generated from the oxidation of
glucose by ~15-fold compared to fermentative processes
[2]. The ETC consists of three proton pumps, NADH

dehydrogenase (complex I), bc1-complex (complex III),
and cytochrome c oxidase (COX; complex IV). In addi-
tion, the ETC contains succinate dehydrogenase (complex
II), which feeds electrons from succinate into the ETC
but does not pump protons, and the small electron car-
riers cytochrome c and ubiquinone.

In addition to their essential function in aerobic energy
metabolism, mitochondria have been found to have vital
functions in apoptosis [3–7], aging [8–10], and numerous
diseases ranging from cancer [11] to diseases involving
ischemia/reperfusion injury [12] to inflammation [13, 14]
and sepsis [15–17]. Within the context of the cell itself,
mitochondria perform multiple functions beyond the scope
of oxidative phosphorylation, including calcium modulation
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and sequestration [18–20] as well as production of reactive
oxygen species (ROS). ROS have been implicated in
numerous pathways as an essential signal [14, 21–23]
and further as an important regulator of mitochondrial
proteins, including COX biogenesis and assembly [24].
Cellular production of ROS can be directly modulated by
uncoupling the electron transport function from OxPhos
or by attenuating mitochondrial electron flow through
the addition of respiratory inhibitors [25, 26]. It is impor-
tant to note that despite directly interacting with dioxygen,
COX itself is not known to generate ROS—this function is
specifically linked to the NADH dehydrogenase and bc1
complexes of the ETC [27–29]. Given the inherently danger-
ous nature of ROS and their ability to modify nonspecific tar-
gets, defense mechanisms exist to attenuate their destructive
potential. Superoxide dismutase and catalase exist to degrade
ROS products into less reactive forms, while glutathione,
thioredoxin, and other thiols exist to act as buffering agents
[30–32]. Together, these systems represent a vital component
of a balanced system that must be tightly regulated.

Mitochondria themselves are thought to have evolved
from symbiosis (known as the serial endosymbiotic theory,
or SET) between early eukaryotic cells and aerobic bacteria
in an event that occurred over a billion years ago [33, 34].
Often referred to as bacteria-size organelles (2–4μm),
mitochondria vary not only in their number per cell but
in their localization, size, shape, and features, adapting
their function to the needs of the cell at hand. For example,
while it has been estimated that hepatocytes in mammals
contain roughly 800 mitochondria per cell, mammalian
oocytes are estimated to contain over 100,000 [35]. Nearly
200,000 copies of the mitochondrial genome can be found
per oocyte on average, with content affecting fertilization
capacity [36].

Mitochondria possess two membranes: the inner mito-
chondrial membrane (IMM) that forms the cristae and the
outer mitochondrial membrane (OMM). Central to the
organelle are also the aqueous compartments, the mitochon-
drial matrix, and the intermembrane space. Tight regulation
of ion flow between these distinct pockets is essential for the
ETC’s core functions. In animals, the mitochondrial genome
is comparatively small, averaging about 16,500 base pairs and
equaling 16,569 base pairs in humans [37]. It is devoid of
introns, with the exception in select lower animals such as
sea anemones [38]. In comparison, the mitochondrial
genome of plants has evolved in a remarkably opposite direc-
tion, amassing much larger sizes in the range of 15 kbp to
2.4Mbp and containing numerous processing elements,
including introns [39]. It is apparent that despite divergent
evolutionary tracks, mitochondria are essential to support
increased energy demand under certain conditions such as
exercise, and controlled regulation is critically needed for
multicellular life to exist.

The ETC utilizes electrons derived from food molecules
that enter the chain at complexes I and II. Both complexes
transfer the electrons to ubiquinone from their substrates
NADH and FADH2, respectively. These electrons are subse-
quently transferred to complex III, where they are used to
reduce two molecules of cytochrome c. Cytochrome c will

then shuttle these electrons to COX, which terminates the
chain by transferring the electrons to dioxygen, generating
water. COX is similar to complexes I and III in that electron
transport is coupled to the pumping of protons from the
mitochondrial matrix to the intermembrane space, contrib-
uting to the formation of the electrochemical gradient, of
which the mitochondrial membrane potential (ΔΨm) consti-
tutes the major part in animals. This force drives ATP syn-
thase in its synthesis of ATP from ADP and inorganic
phosphate [40]. Acting as a rotary motor, ATP synthase uses
the combined proton motive force generated from the other
complexes to generate rotational and eventually chemical
energy by changing conformation to combine a phosphate
molecule with ADP to form ATP [41].

Until recently, characterization of the ETC has largely
been based around a random-collision model, where individ-
ual components and substrates interact as a function of con-
centration and chance [42, 43]. There has been a growing
trend towards studying the ETC as a solid-state system, a
phenomenon known as supercomplexes. With the exception
of succinate dehydrogenase (complex II) and ATP synthase,
the remaining components of the ETC have been shown to
associate with one another with varying stoichiometries of
complexes I, III, and IV [44–47]. Evidence for the formation
and stabilization of supercomplexes has largely been based
around the isolation of complexes using two-dimensional
blue native gel electrophoresis (2D-BN-PAGE) [48, 49].
Recently, new factors have been identified to be important
for the formation and modulation of supercomplexes,
including isozymes and assembly factors of COX [50–52].

2. Composition of Cytochrome c Oxidase

COX is the terminal enzyme of the mitochondrial respiratory
chain. Mammalian COX from bovine heart was crystalized as
a 13-subunit, homodimeric enzyme [53]. However, it con-
tains at least one more less tightly bound subunit in stoichio-
metric amounts, NDUFA4 [54], which was initially thought
to be a subunit of complex I. COX is one of only four mito-
chondrial complexes that are encoded by both the nuclear
and mitochondrial genomes and that are all components of
the OxPhos process (i.e., complexes I, III, IV, and V but not
complex II, which is encoded entirely by nuclear DNA). Bige-
nomic enzymes are unique in that their regulation requires
tight coordination between the nuclear and mitochondrial
genomes. For the sake of clarity and consistency, in this
review, the nomenclature assigned to each of the subunits
by Kadenbach et al. will be used [55]. Of these subunits, the
three largest subunits (COX I, II, and III) are encoded by
the mitochondrial DNA; the remaining 11 subunits (COX
IV, Va, Vb, VIa, VIb, VIc, VIIa, VIIb, VIIc, VIII, and
NDUFA4) are encoded by the nuclear genome and play crit-
ical roles in energy metabolism and regulation. With the
exception of subunits Va and Vb, which are bound to the
matrix side, and subunit VIb, which faces solely the inter-
membrane space, each of the remaining subunits contains a
hydrophobic transmembrane region. Through the contribu-
tion of four electrons transferred via cytochrome c and four
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protons channeled from the mitochondrial matrix, it is capa-
ble of reducing dioxygen to water.

Of the mitochondrial-encoded subunits, subunits I and II
carry out the catalytic reaction. They are the largest and third
largest subunits of the holoenzyme, respectively. Subunits I
and III are highly hydrophobic in nature and contain mul-
tiple transmembrane domains, which suggests a rationale
for being encoded in the mitochondria, thereof avoiding
complicated protein import from the cytosol and possible
aggregation. In contrast, the relatively smaller and more
hydrophilic nature of the nuclear-encoded subunits allows
for posttranslational localization to the mitochondria. Cata-
lytic subunits I and II contain prosthetic metal groups. Sub-
unit I contains both a low-spin heme a redox center and a
high-spin CuB-heme a3 binuclear center, while subunit II
contains a CuA redox center formed by two copper ions. Of
these redox sites, the CuA site is responsible for the initial step
of the catalytic cycle by accepting the electrons transferred
from cytochrome c, which then reduces the heme a site in
COX I. These electrons are then subsequently transferred to
the CuB-heme a3 site, where molecular oxygen binds and is
reduced to water [56]. Molecular inhibitors such as CO,
NO, cyanide, or azide bind to the CuB-heme a3 center,
preventing the binding of oxygen and stopping the enzyme’s
catalytic action.

The movement of protons is accomplished through two
proton uptake pathways, known as the D and K channels
[57–59], named after the conserved residues located at the
matrix side and the opening of the proton channels. These
two channels deliver protons required for the water forma-
tion reaction as well as the pumping of protons. The D and
K channels are well understood and demarcate the lower half
of the proton network from the matrix up to the heme groups
located near the middle of the membrane including the oxy-
gen binding site. However, the proton exit pathways and the
precise proton pumping mechanism remain unknown
despite a wealth of proposed models [58, 60–62]. A third
channel, referred to as the H channel, was proposed based
on the bovine COX structure and mutational analyses
[63–65]. However, mutational studies with the correspond-
ing amino acids in bacterial COX from Paracoccus denitrifi-
cans questioned the presence of this pathway at least in the
bacterial enzyme [66].

3. Allosteric and Posttranslational Regulation of
Cytochrome c Oxidase

As expected of an enzyme with critical functions in mem-
brane potential homeostasis and control of electron flux,
COX is tightly controlled through multiple regulatory pro-
cesses including allosteric regulation and posttranslational
modifications. Although it is not a focus of the current article,
a few select examples will be briefly discussed.

In the presence of ADP, the binding affinity for cyto-
chrome c to COX is increased by fivefold as compared to that
of ATP, indicating that enzyme activity is modulated alloste-
rically by the ATP/ADP ratio [67–69]. Unsurprisingly, COX
is also regulated through phosphorylation of serine/threo-
nine and tyrosine residues [70]. To date, detection of

in vivo phosphorylation sites through mass spectrometry
has yielded 18 different targets [71], though the specific func-
tions of most remain unknown. One such modification that
has been characterized is the inhibitory phosphorylation of
tyrosine 304 of COX I, in a cAMP-dependent manner [72].
This modification was later shown to be also stimulated by
TNFα in the liver through an inflammatory cascade, result-
ing in diminished COX function and ATP levels [14]. This
phosphorylation was then proposed to be an underlying
mechanism of disease conditions as seen in acute inflamma-
tion or sepsis, in which oxygen utilization is impaired despite
oxygen availability, a phenomenon called cytopathic hyp-
oxia. Serine 441 on the same subunit was suggested to act
as a functional toggle for the allosteric inhibition of COX
by ATP through phosphorylation, but subsequent mass spec-
trometry analysis was unable to detect this modification [73].
Furthermore, on subunit IV-1, serine 58 was suggested
through targeted mutational analysis as capable of perform-
ing this function, and protein kinase A (PKA) was proposed
to phosphorylate this site and enable ATP to inhibit the
enzyme allosterically [74]. However, experimental evidence
that this site can be phosphorylated, for example, through
mass spectrometry, still has to be provided. It should also
be noted that this cAMP-dependent phosphorylation takes
place on the matrix side of COX and is distinct from
the indirect cAMP-dependent phosphorylation on tyrosine
304 [72], which occurs in the mitochondrial intermembrane
space and cannot be mediated by PKA since it does not target
tyrosine residues. See [4, 71] for comprehensive reviews of
this literature.

As a side glance, COX can also be externally regulated
through application of near-infrared light (IRL). COX con-
tains two copper centers that are involved in enzyme catalysis
and have been shown to function as the photoacceptors for
IRL [75, 76] because Cu2+ broadly absorbs IRL in the range
of 700–1000 nm as can be seen in the COX spectrum [77].
IRL was proposed to activate COX leading to health benefits
in several studies including improving cognitive function in
humans, increasing cell survival in cultured neurons
in vitro after poisoning of COX with inhibitor potassium
cyanide, and improving wound healing, just to name a few
[78–82]. Modulation of COX activity in conditions of mito-
chondrial dysfunction seems to be an interesting area worth
exploring for clinical applications, in particular because of
the noninvasive nature of the treatment.

4. Synthesis and Assembly of Cytochrome c
Oxidase

The assembly of COX is a complex, tightly-regulated process
with a large number of auxiliary components. To date, over
30 gene products have been identified that are solely involved
in the biogenesis of the holoenzyme [83]. These products
include a variety of participants, ranging from translocases,
translational activators, and molecular chaperones to metal-
lochaperones and enzymes involved in the biosynthesis of
heme A [84]. The earliest points of translation and assembly
have best been studied in the yeast Saccharomyces cerevisiae,
where the translational activators Mss51 and Pet309 are

3Oxidative Medicine and Cellular Longevity



responsible for the early regulation of COX I transcription
and translation [85–90]. In mammals, however, mitochon-
drial mRNAs contain minimal 5′-UTR regions for transla-
tional activators to bind to, indicating that regulation of
COX I translation may be controlled through an alternative
pathway [91]. The gene TACO1 has been hypothesized to
fulfill this role, as patients with mutations in the gene suffer
from a progressive form of Leigh syndrome alongside
reduced translation of COX I [92]. In mice, a TACO1 mis-
sense mutation was linked with reduced COX I translation,
deficit in total COX levels, and late-onset mitochondrial dys-
function contributing to visual deficit and motor impairment
[93]. In general, much of what is known of mammalian COX
assembly is gleaned from investigation of mitochondrial dis-
eases and the enzymatic deficiencies presented [94–96]. The
majority of reported COX-associated disease has been attrib-
uted to mutations in assembly factors and early chaperones
[97]. However, the nuclear-encoded subunits, particularly
those with tissue- or condition-specific isoform expression,
have also emerged as disease-causing or likely disease-
causing candidate genes in COX deficiencies (see Table 1).
The fact that mutations in the nuclear-encoded subunits of
COX are very rare highlights the subunits’ importance for
COX function, regulation, and stability.

Assembly of COX is a highly regulated process which
integrates cytosolic and matrix protein synthesis of nuclear-
and mitochondrial-encoded subunits (Figure 1). Even the
first step, synthesis of COX subunit I, is controlled, via inter-
action of COX I mRNA containing ribosomes with COX
assembly factors to synchronize with the influx of nuclear-
encoded subunits [98]. COX assembly begins with the trans-
location of COX I to the membrane, followed closely by the
association of subunits IV and Va [99]. The twin-CX9C inter-
membrane protein CMC1 stabilizes COX I, in tandem with
the COA3-COX14 early intermediate, prior to the incorpora-
tion of any other COX subunits. CMC1-knockout cells
showed a 30% reduced basal respiratory rate, accumulation
of COX assembly intermediates, and very low to undetectable

levels of COX in I + III2 + IVn supercomplexes [100]. Transla-
tion of COX I mRNA is completed through integration of the
critical heme Amoiety. Biosynthesis and insertion of heme A
into COX I require the assembly factors COX10 and COX15,
which are involved in maturation of the protoheme through
several stages, as shown from multiple studies of yeast mito-
chondria [101–103]. These assembly factors have been impli-
cated in COX assembly in mammals primarily through
studies linking their defect to mitochondrial disease, specifi-
cally Leigh syndrome and cardiomyopathies [104–108]. The
assembly protein SURF1 has been a subject of investigation
for its known role in early COX biogenesis, as complexes
lacking the protein stall in assembly with partial holoenzyme
products containing only subunits I, IV, and Va in humans
[109]. Mutations in the SURF1 gene in humans cause Leigh
Syndrome [110], a severe neurodegenerative condition with
early lethality due to COX deficiency. In stark contrast, mice
that are null for Surf1 live longer than control mice despite
lower COX activity [111]. The knockout of SURF1 has also
been linked to increased oxidative stress and induction of
the mitochondrial unfolded protein response [112, 113]. Fur-
thermore, despite increased reactive oxygen species (ROS)
production, Surf1-knockout mice have shown increases in
glucose metabolism, memory, and blood flow in the brain
[114]. Analysis of mouse fibroblasts with a homozygous
Surf1 knockout showed only marginal differences in assem-
bly products compared to that of wild-type mouse fibro-
blasts, indicating that SURF1 may vary in its importance in
assembly in a species-specific manner [115, 116]. Since Surf1
knockout in mice results in a much milder phenotype to that
seen in patients with point mutations, an alternative interpre-
tation would be that the mutant protein products may still
interact and bind to COX assembly intermediates. This could
result in assembly pausing and accumulation of dysfunc-
tional COX intermediates, further enhancing mitochondrial
dysfunction. Indirect evidence of such a scenario was seen
in three cell lines from Leigh syndrome patients, which
showed a higher running band in a Western blot with a

Table 1: Nuclear-encoded cytochrome c oxidase subunit isoform mutations1.

Gene ID Type of mutation Disease phenotypes reported

COX4I2 Human homozygous missense mutation in 4 patients
Exocrine pancreatic insufficiency;

dyserythropoietic anemia; calvarial hyperostosis [163]

COX4I2 Mouse homozygous knockout
Reduced airway activity; airway

hyporeactivity; lung pathologies [151]

COX6A1
5 bp deletion in a splicing element of intron

2 in two consanguineous families
Charcot-Marie-Tooth disease [204]

COX6B1 Identical homozygous missense mutation in two patients Infantile encephalomyopathy [181]

COX6B1 Homozygous missense mutation in one patient Hydrocephalus and cardiomyopathy [182]

COX7B

One patient heterozygous for a 1 bp deletion leading
to a frameshift in exon 3; one patient heterozygous

for a splice site mutation;
one patient with a missense mutation in exon 2

X-linked microphthalmia with linear
skin lesions [205]

NDUFA4 Homozygous splice site mutation in four siblings Leigh syndrome-like [167]

COX8
Homozygous splice site mutation causing

frame shift in one patient
Leigh syndrome leukodystrophy and

severe epilepsy [202]
1Note that additional heterozygous mutations have been identified in individual patients with COX deficiency in COX4I2, COX5a, and COX6a2 but have not
been functionally confirmed as disease causing [164].
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COX subunit IV antibody [117]. Since denaturing conditions
were used in this experiment, it is conceivable that COX sub-
unit IV forms a covalent intermediate with SURF1 (or
another protein acting in concert with SURF1), but mutation
or truncation of SURF1 prevents the release of COX subunit
IV. Such COX subunit IV-SURF1 intermediates would not
be possible in the knockout, possibly explaining the mild
phenotype. Future work should further characterize the
COX subunit IV containing covalent intermediates with the
potential of revealing the molecular mechanism of SURF1’s
chaperone function.

The human analog of the yeast protein COA3, known as
CCDC56 or hCOA3, has been shown to stabilize subunit I
in the process of assembly and is critical for proper COX
function [118]. Another study identified the mitochondrial
chaperone MITRAC7 in the early assembly of COX [119].
The authors concluded that it associates with a COX I/COX
IV/COX VIc intermediate to stabilize it before progressing
to the next stage of assembly (Figure 1). Knockouts of
MITRAC7 show increased COX I turnover and reduced
biogenesis, whereas overexpression leads to accumulation
of the early intermediate and concurrent reduction in com-
plete COX assembly.

Assembly continues with association of the
mitochondrial-encoded COX subunit II into a transient
intermediate [120]. Continued assembly requires incorpo-
ration of copper into the catalytic core before the mature
holoenzyme can be established. This is accomplished
through action of the metallochaperones SCO1 and SCO2;
both have independent functions in incorporating copper
into the CuA site of COX II [121–123]. The COX assembly
factor COX20, also known as FAM36A, is an integral part
of this process—COX20 stabilizes COX II in the process of
copper insertion, and its absence results in inefficient incor-
poration into assembly intermediates [124]. Mutation of this

gene results in ataxia and muscle hypotonia as a consequence
of COX deficiency [125]. After insertion of heme a and
copper, the COX I/COX II/COX IV/COX Va intermediate
associates with COX3 and subsequently incorporates the
remaining nuclear subunits in a relatively swift manner.
Very little is known about the exact order of incorpora-
tion, though hypotheses may be drawn from the physical
relationship of the individual subunits. It has been shown
that the immature enzyme incorporates subunits Vb, VIc,
and VIIa or VIIb, VIIc, and VIII, before subsequent incor-
poration of VIa, VIb, and whichever of VIIa or VIIb that
remains [94, 126]. In addition, the time point of the incor-
poration of NDUFA4 remains unknown. After full assem-
bly of the 14 subunits into a monomer, the holoenzyme
stabilizes as a functional dimer [53, 127].

Although many of the unique interactions surrounding
COX assembly are still unclear, the molecular mechanisms
responsible for degradation or replacement of the individual
subunits remain even more obscure. Regulation of COX sub-
unit transcription at the mRNA level has been explored in the
context of temperature fluctuations in goldfish. It was con-
cluded that individual subunits are universally controlled at
the transcription level, but degradation rates may differ and
be responsible for differential transcript levels in cold accli-
mation [128]. Recently, the mitochondrial ATPase lactation
elevated 1 (LACE1) was investigated for its role in degrada-
tion of COX, based on sequence homology with the yeast
ATPase Afg1, which serves a similar role [129, 130]. It was
found that LACE1 directly interacts with subunits IV and
Va and is responsible for proteolysis of excess subunits IV,
Va, and VIa [131].

The hypothesis that the function of COX may be con-
trolled by tissue-specific isoform expression was first pro-
posed by the Kadenbach group [132] and later confirmed
by many others. Small differences in molecular weights of
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subunits harvested from multiple mammalian species and
tissues led to the suggestion that there may be different iso-
forms present. Given the distinct energy demand and
response to external regulators such as hormones and second
messengers in highly specialized organs such as the heart,
kidney, liver, skeletal muscle, lung, testes, and brain, it is
not surprising that divergent isoforms have evolved to
accommodate these conditions. It is surprising, however, that
in mammals, only COX and its partner cytochrome c have
tissue-specific and developmentally regulated isoforms,
whereas none have been reported for the other OxPhos com-
plexes. An explanation for the requirement of a fine-tuned
regulation in COX may be as follows: it was suggested that
the reaction catalyzed COX and cytochrome c is the rate-
limiting step of the ETC in intact cells and tissues under
physiological conditions [133–137]. The free energy released
in this reaction (ΔGo’=100 kJ/mol) is about twice as high
compared to that in complexes I and III [138]. This makes
it an essentially irreversible reaction, which may explain
why the terminal step of the ETC is a particularly important
target for regulation. Thus, one central purpose of this article
is to highlight the regulatory features of tissue-specific iso-
form expression of COX subunits in mammalian systems.
The intent is to present this topic from two perspectives:
the regulatory elements that control expression on a genetic
level for the induction of isoforms triggered by certain condi-
tions such as hypoxia and the effect of isoform expression
and regulatory function within the context of the COX holo-
enzyme itself. Investigating the nature of these features
within their given tissue context including tissue-specific
energy requirements will allow elucidation of potential
hypotheses for their existence, summarized in Figure 3, and
connect tissue-specific isoform expression with varying
properties of COX.

5. Isoforms of Cytochrome c Oxidase Subunits

Given the critical role of COX in regulating oxygen con-
sumption and ATP production, it is of no surprise that
isoform expression is regulated through multiple mecha-
nisms. It can be broadly sorted into two overlapping catego-
ries: hypoxia-induced and development-induced. The first
category comprises isoforms that are differentially expressed
through oxygen tension, including subunit IV-2 and the
newly identified subunit NDUFA4. These subunits carry a
ubiquitously expressed isoform alongside an isoform prefer-
entially induced under hypoxic conditions and expressed
only in certain tissues. It is important to note that in addition
to regulation via oxygen, COX subunit IV-2 is also develop-
mentally induced as discussed below. The second class of
COX isoform pairs can be described as development-
specific isoforms, including isoforms of subunits VIa, VIb,
VIIa, and VIII. A subset of these, subunits VIa, VIIa, and
VIII, contain a “liver-type” (L) and “heart-type” (H) isoform.
During maturation, in particular after birth, the liver-type
isoforms are switched to heart-type in the heart and skeletal
muscle. Finally, subunit VIb has a somatic- and testes-
specific isoform. Note that roman numbers are used to
refer to the protein whereas standard numerals and italics

are used to refer to the gene with all capital letters referring to
the human gene.

5.1. Oxygen-Regulated Isoforms

5.1.1. Subunit IV. The largest of the nuclear-encoded sub-
units, COX subunit IV, is located adjacent to the catalytic
subunits, containing numerous contact sites with subunits I
and II [53] (Figure 2). This pivotal location allows the sub-
unit to play a major role in regulation of overall COX activity.
As discussed below, COX IV has been shown to contain a
conserved ATP binding pocket on the matrix side, allowing
for allosteric inhibition of COX activity at high ATP/ADP
ratios [74, 139, 140]. In S. cerevisiae, the corresponding
COX subunit (subunit V in yeast nomenclature) is expressed
as two isoforms, COX Va and COX Vb, which are expressed
in varying amounts dependent on the oxygen concentration.
COX Va is preferentially expressed in normoxic conditions,
while COXVb is induced under hypoxia, allowing for control
of enzyme function dependent on oxygen concentration
[141–143]. The hypoxic isoform Vb has a higher turnover
rate and intramolecular electron transfer rate than isoform
Va contained in yeast COX [144]. It was proposed that mam-
malian COX IV serves a similar purpose to that of yeast COX
V, with differential expression of two isoforms in response to
local oxygen conditions [140, 145].

The principal isoform, mammalian COX IV-1, is ubiqui-
tously expressed in all tissues in vertebrates. It has been
shown to be a required component for COX biogenesis, coor-
dinating the assembly of the holoenzyme alongside the
mitochondrial-encoded subunit I [126]. This subunit has
been shown to be responsible for modulating COX activity
through allosteric regulation—ATP and ADP are capable of
binding to COX through subunit IV, resulting in fine-tuned
control of respiration [67, 69, 139]. This ATP-mediated
inhibitory effect was proposed to require phosphorylation
of the subunit by PKA [146, 147].

Analogous to yeast COX, there is a second isoform of
COX subunit IV in animals, which is expressed differentially
in response to changes in oxygen concentration. Interest-
ingly, the COX IV-1/IV-2 isoform pair found in mammals
today arose by a gene duplication event about 320 million
years ago [140], earlier in evolution compared to that of
the origin of the other isoform pairs and at a time when
atmospheric oxygen concentrations fluctuated dramatically
[148], suggesting a possible adaptation to varying oxygen
levels. The second isoform, named COX isoform IV-2
(COX4-2 or COX4I2 for the gene), was first discovered in
tuna fish and found to share 56% sequence homology with
COX4-1 at the protein level [149]. Following these studies,
COX4-2 was identified and characterized as a component of
COX expressed in mammals including humans [140]. The
precursor peptides of COX4-1 and COX4-2 are similar in
length with 169 and 171 amino acids, respectively. The two
isoforms share only 44% nucleotide homology averaged
across mammalian species, while COX4-2 itself shows high
sequence homology of 78% between the species analyzed
[140]. Quantitative PCR performed on rat tissues revealed
that COX4-2 is primarily lung-specific, showing similar
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expression levels compared to the ubiquitous COX4-1 iso-
form, followed by expression in the placenta [150] and minor
expression in the heart (~8%) and brain (~4%) [140]. Similar
results have been found in mice, showing virtually no expres-
sion in liver or pancreatic tissue [151]. COX4-2 is also devel-
opmentally regulated and strongly induced after birth in
human lung [140], as discussed for other COX isoforms in
the next section.

One interesting feature of COX IV-2 is that it contains
three unique cysteine residues, one within the transmem-
brane region and two on the matrix side, near the proposed
ATP binding site for allosteric regulation [140]. The ubiqui-
tous COX IV-1 contains no cysteine residues. This suggests
that COX4-2 may incorporate redox signaling as part of its
function, given that the twin cysteines on the matrix side
are close enough to potentially form a disulfide bond. In
addition, the internal cysteine residue may interact with
other proteins or be modified posttranslationally in response
to redox changes within the membrane.

The biochemical and physiological effects of incorpo-
rating COX IV-2 in the COX holoenzyme have begun to
be characterized, providing necessary insight into the func-
tional features of this isoform. Isolated COX from cow
lung, containing COX IV-2, was shown to have about
twofold increased activity compared to liver COX, which
does not contain COX IV-2 [151]. In order to study the
effects of COX IV-2 in vivo, a mouse model containing
a knockout of Cox4-2, created by deletion of exons 2
and 3, was established [151]. It was demonstrated that
COX activity was similarly modulated by knocking out
Cox4-2, as lung COX from the wild-type mice showed
twofold increased activity compared to that from the knock-
outs. In addition, ATP levels were reduced by 29% in the
knockout mice versus the controls, suggesting that COX

activity modulates cellular energy levels by acting as a bottle-
neck for ETC flux. The physiological consequences of Cox4-2
expression, or lack thereof, have been demonstrated with
varying levels of severity. The knockout mouse model was
studied through a detailed functional screen with a focus on
lung function, and it was discovered that lack of Cox4-2 has
significant ramifications. Cox4-2-knockout mice showed
reduced airway responsiveness, with 60% reduced Penh
and 58% reduced airway resistance when challenged with
methacholine [151]. This finding in the knockouts of
decreased ability for the airways to constrict—a process
that requires energy—may be explained by decreased
energy levels found in the lungs of the knockout mice.
Furthermore, the mice showed a consistent, chronically
deteriorating lung pathology and presented with lung
inflammation, fibrosis, the recruitment of macrophages,
and the development of Charcot-Leyden crystals, which are
hypothesized to be formed from the products of eosinophil
breakdown [152, 153].

Given the profound effect of isoform expression on the
activity of COX, it is likely that expression of COX4-2 pre-
sents an intricate and complex story of transcriptional regu-
lation. We showed previously that COX4-2 is regulated by a
novel oxygen responsive element (ORE) located in the prox-
imal promoter of the gene. Using reporter gene analyses,
expression of COX4-2 was shown to be maximal at 4% O2
with an about threefold induction compared to normoxia
[154]. The highly conserved 13 bp ORE was later shown via
a yeast one-hybrid screen to interact with transcription fac-
tors MNRR1, RBPJ, and CXXC5 in a complex manner to reg-
ulate the expression of COX4-2 [155]. Of the three factors,
the protein MNRR1 (mitochondria nuclear retrograde regu-
lator 1), also known as CHCHD2, has some novel features. It
has been found to function as a biorganellar signaling
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Figure 2: Structure of cytochrome c oxidase. Crystallographic data of cow heart COX [53] were processed with the program Swiss-
PDBViewer 4.1. COX subunits that have isoforms are highlighted in color: IV, blue; VIa, purple; VIb, red; VIIa, cyan; and VIII, yellow.
Left monomer: electron flow from cytochrome c to CuA, heme a, heme a3/CuB and molecular oxygen and concomitant proton pumping
are schematically shown. Note that COX subunit NDUFA4, which is less tightly bound to COX and lost during purification, is not shown.
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molecule to communicate between the mitochondria and the
nucleus. It directly binds to and modulates COX activity
when localized to the mitochondria, and it has been shown
to be present in the nucleus, where it functions as a transcrip-
tional regulator of COX4-2 [156]. In this model, RBPJ and
MNNR1 work in tandem to activate transcription of COX4-
2, while CXXC5 functions as a repressor, allowing up- or
downregulation of gene expression depending on signals or
stresses, such as a change in the oxygen concentration. Inter-
estingly, analysis of HEK293 cells exposed to 4% oxygen
showed a significant increase in MMNR1 protein levels, sup-
porting the idea that MMNR1 and COX4-2 share regulatory
features under hypoxic stress [155]. In fact, theMNRR1 pro-
moter contains its own ORE and its expression is thus under
autoregulatory transcriptional control. Oxygen regulation of
COX4-2 is a unique phenomenon for mammals, as nonmam-
malian species including several fish and reptiles do not show
any changes in transcription levels in response to oxygen
concentration [157].

COX4-2 was also proposed to be regulated through the
HIF-1 at very low oxygen concentrations [158]. Here, 1%
oxygen was sufficient to induce and stabilize HIF-1 and in
turn upregulate expression of a COX4-2 reporter gene. In
addition, the mitochondrial protease LON was induced,
which is proposed to be required for the degradation of
COX IV-1 and insertion of COX IV-2. It is not fully clear
whether or not 1% oxygen is physiologically relevant in
regard to the lung, given the much higher exposure to oxygen
taking place in this organ, but it may well be encountered
during pathological conditions such as chronic obstructive
pulmonary disease. However, the role of HIF-1 in regulating
COX4-2 remains controversial, since a recent study, using
HIF-1 wild-type and knockout mouse embryonic fibroblasts,
concluded that the oxygen-dependent regulation of COX4-2
is not mediated by HIF-1 [159].

In addition to expression in the lung, COX4-2 has also
been detected at lower levels and studied in other tissues
and tissue models. Under toxic conditions applying complex
II inhibitor 3-nitropropionic acid [160] or anoxic conditions
[161], COX4-2 was shown to be upregulated in cortical astro-
cytes about threefold, confirming that the gene responds to
stress and oxygen concentration. However, it remains to be
shown what the basal ratio of the two isoforms is in COX
of astrocytes and, consequently, if an induction of COX4-2
can result in a significant change in the composition of the
COX protein pool towards an enzyme pool containing more
COX IV-2. In addition, COX4-2 expression was found to be
negatively correlated with cancer aggressiveness in gliomas,
while those expressing only COX4-1 were found to be more
aggressive and capable of cell growth [162]. Finally, mutation
of COX4-2 in humans has also been linked to pancreatic
pathology, as an E138K mutation was identified as the driver
of exocrine pancreatic insufficiency, dyserythropoietic ane-
mia, and calvarial hyperostosis in a clinical investigation of
four patients [163]. As COX4-2 is predominantly expressed
in the lung and has not otherwise been reported as a pancre-
atic gene, this data may suggest that deficiency of certain
organs or cell types where COX4-2 is expressed may result
in diseases of other organs, potentially during development.

Alternatively, COX4-2 may be expressed in a minor pancre-
atic cell type. Another heterozygous missense mutation was
reported in a patient with COX deficiency but not function-
ally confirmed [164].

5.1.2. NDUFA4. The latest subunit to become a recognized
stoichiometric component of COX is NADH dehydroge-
nase (ubiquinone) 1 alpha subcomplex 4, also known as
NDUFA4. This nuclear-encoded transmembrane protein
was originally described as one of the 45 subunits of com-
plex I [165]. However, recent advances in gene expression
analysis have shown that expression patterns of NDUFA4
diverge from those of other nuclear-encoded complex I
subunits, potentially highlighting its role in other complexes
[166]. In support of this concept, Balsa and colleagues
recently presented data showing that the subunit is instead
a functional and stoichiometric component of COX [54].
This was done by using the mild detergent digitonin to
solubilize the mitochondrial membrane, allowing isolation
of intact COX while preserving protein-protein interactions
with high integrity. As a component of complex IV,
NDUFA4 could prove to be a useful target in discerning the
genetic nature underlying diseases caused by mitochondrial
energy deficit, such as Leigh syndrome and similar COX
deficits. Pitceathly and colleagues recently provided this
link by examining a consanguineous family afflicted with
isolated COX deficiency [167]. It was found that rather
than mutations in traditionally associated COX subunits,
the family was affected by homozygous donor splice site
mutations in NDUFA4, resulting in protein loss-of-func-
tion, with the further suggestion that families suffering
from unexplained COX deficiency should be screened for
NDUFA4 mutations.

There is an isoform of NDUFA4 known as NDUFA4L2,
whose functions have only been studied in the context of
NADH dehydrogenase up to this point. Under hypoxic
conditions, NDUFA4L2 transcription has been found to be
upregulated through HIF-1α stabilization, where it was the
only gene categorized as a component of complex I to
be responsive [168]. Expression of NDUFA4L2 was found
to reduce oxygen consumption by 42% under hypoxic
conditions in HeLa cells, compared to 27% reduction
when NDUFA4L2 expression was silenced by 80%. Tran-
sient overexpression under normoxic conditions was found
to have a similar effect, reducing oxygen consumption by
20%. Silencing of NDUFA4L2 was also found to increase
ROS production as measured by H2-DCFDA and Mito-
SOX, as well as to increase the mitochondrial membrane
potential. Interestingly, under hypoxic conditions, complex
I activity was reduced by 20% in NDUFA4L2 knockdowns
while complex IV activity was not affected. Given that
NDUFA4 was only recently established as a component of
complex IV, this may indicate that NDUFA4 and its alterna-
tive isoform instead play a role in supercomplex formation or
association and may attenuate complex I activity through
some unknown interaction in hypoxic conditions. A further
study on both the ubiquitous and the hypoxia-induced iso-
forms is necessary to establish the specifics of this potentially
critical regulatory relationship.
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Although the specific functions of NDUFA4L2 remain
elusive, its clinical significance has recently been underscored
in a number of studies relating to several types of cancer.
NDUFA4L2 expression has been shown to be highly induced
in clear-cell renal cell carcinoma, whereas normal kidney
shows no significant expression [169]. In addition, expres-
sion levels were positively correlated with stage, with increas-
ing expression in later-stage renal cancer. Cell culture models
knocking down NDUFA4L2 showed impaired proliferation
and colony-forming capacity. Additionally, metabolic path-
ways were shifted away from the pentose phosphate pathway,
with downregulation of key enzymes involved and upregula-
tion of TCA cycle pathway members, indicating a shift
towards glycolytic growth. A separate study associated an
increase in NDUFA4L2 expression with poor prognosis in
patients with colorectal cancer [170]. Overexpression of
NDUFA4L2 was found in 84% of colorectal cancer tissue
samples, compared to about 25% of adjacent normal tissue.
Kaplan-Meier statistical analyses for overall survival and
tumor-free survival both showed reduced survival rates in
patients with NDUFA4L2 overexpression versus those with
low or undetectable expression. Similarly, using human
hepatocellular carcinoma cell lines, NDUFA4L2 was found
to be dramatically overexpressed when exposed to hypoxia,
as a result of HIF-1α induction [171]. A comparison of 100
cases of human hepatocellular carcinoma revealed that 71%
showed overexpression of NDUFA4L2 and had a lower 5-
year overall survival rate as compared to controls. Knock-
down of NDUFA4L2 suppressed proliferation of tumors in
a mouse model and increased ROS production as measured
by H2-DCFDA fluorescence. Notably, suppression of HIF-
1α through the pharmacological inhibitor digoxin resulted
in suppressed tumor proliferation without affecting mouse
bodyweight, indicating that targeting HIF-1α may be a valu-
able therapeutic tool in cells overexpressing NDUFA4L2.

5.2. Developmentally Switched Tissue-Specific Isoforms. COX
subunits VIa, VIIa, and VIII have multiple tissue-specific
isoforms expressed in mammals. During heart and skeletal
muscle development, there is an isoform class switch from
the liver (nonmuscle form) to the muscle isoform. The
liver-type isoforms are thought to be ubiquitously expressed,
while the heart-type subunits (VIaH, VIIaH, and VIIIH)
are expressed in the heart and skeletal muscle [172]. In rats,
an increase in COX VIaH and VIIIH and a concurrent
decrease in liver-type isoforms were observed shortly after
birth [173, 174]. All these isoforms are products of separate
genes located on different chromosomes rather than prod-
ucts of alternative splicing of the same gene.

5.2.1. Subunit VIa. The gene duplication event that gave rise
to nowadays mammalian subunit VIa isoform pair occurred
about 240 million years ago [175]. The protein looks some-
what like an S-shaped hook, connects the COX monomers
in the membrane region of the enzyme [53], and therefore
stabilizes the COX dimer (Figure 2).

The liver isoform of subunit VIa was indirectly concluded
to modulate proton pumping efficiency of COX (i.e., the
proton to electron stoichiometry). COX purified from cow

kidney tissue, a tissue that similarly to that of the liver
expresses the liver-type isoforms and reconstituted into
vesicles, showed a 50% reduction in the proton to electron
stoichiometry in the presence of the fatty acid palmitate
whereas other fatty acids showed no effect [176]. The authors
proposed that such an uncoupling mechanism could contrib-
ute to thermogenesis in warm-blooded animals.

The heart enzyme, containing COXVIaH, did not show a
change of the proton to electron stoichiometry in the pres-
ence of palmitate. However, this isoform binds to allosteric
regulator ADP on the matrix side of the enzyme, increasing
enzyme activity, an effect that could be prevented in the pres-
ence of a COX VIaH-specific antibody [177]. In the presence
of very high ATP/ADP ratios, COX VIaH mediates a 50%
decrease in the proton to electron stoichiometry [178].
Similar to the effect of palmitate on COX VIaL, the authors
proposed that ATP-mediated uncoupling contributes to
thermogenesis during periods of physical inactivity with high
ATP/ADP ratios in muscle, such as during sleep.

In 2002, the first COX subunit isoform-knockout model
was introduced, in which the gene encoding isoform VIaH
was deleted in mice [179]. A surprising finding was that
despite reduced COX activity, myocardial ATP levels were
similar to those of controls under basal conditions. However,
since the mice developed cardiomyopathy over time, it is
clear that COX VIaH is required for proper COX function
and likely more so under increased performance condi-
tions, such as strenuous exercise, which have not been
studied yet.

5.2.2. Subunit VIb. COX subunit VIb occurs as a somatic-
(COX VIb1) and testes-specific isoform (COX VIb2). This
subunit is unique among the nuclear-encoded subunits of
COX in that it is solely located on the mitochondrial inter-
membrane space side of the holoenzyme, connecting the
COX monomers [53] (Figure 2). This subunit can be sepa-
rated from the core enzyme through treatment with the
detergent dodecylmaltoside, resulting in twofold increased
enzyme activity [180]. These kinetic alterations suggest that
subunit VIb downregulates COX activity and that removal
of this subunit may monomerize the holoenzyme. Accord-
ingly, it has been proposed that COX VIb may be responsible
for the cooperative activity of the two COX monomers once
assembled into the dimer. Mutations in COX VIb1 have been
implicated in disease phenotypes associated with COX defi-
ciency. A missense mutation in a conserved arginine residue,
R19H, resulted in severe infantile encephalomyopathy [181].
A second study found that alteration of the same residue to a
cysteine, R19C, resulted in encephalomyopathy, hydroceph-
alus, and hypertrophic cardiomyopathy [182].

More recently, a second isoform of the subunit, COX
VIb2, was discovered in human, mouse, rat, and bull [183].
Interestingly, the COX6b2 gene was found to be exclusively
expressed in the testis; in mouse and rat, it is the only
transcript present, while in humans and bulls, both isoforms
are present. In rodents, a testis-specific isoform of cyto-
chrome c is also present [184]. This suggests that there may
be unique energy demands of spermatozoa that are addressed
through isoform expression of ETC components. Given the
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function of COX VIb1 to downregulate COX activity,
equipping the enzyme with a subunit isoform in sperm
may provide a unique target for cell signaling during
sperm activation, to activate OxPhos when energy is needed
for movement.

5.2.3. Subunit VIIa. Subunit VIIa (Figure 2) has three iso-
forms. Similar to subunit VIa, there is a liver-type and
heart-/skeletal muscle-type isoform (note that nomenclature
of the heart-/muscle-type isoform genes for subunits 6a and
7a is reversed, i.e., COX6a1 and COX7a2 are the liver-type
genes and COX6a2 and COX7a1 are the heart-type genes).

The expression of COX7a1 was determined by Northern
blot to be present strongest in adult mouse heart and skeletal
muscle, with minor hybridization present in adult kidney and
lung tissue [173]. For COX7a2, expression was detected in all
adult and fetal tissues, which included those of the heart and
skeletal muscle. The fact that the liver-type mRNAs are pres-
ent but not (humans) or not highly (rodents) translated in
the heart and skeletal muscle can be explained by posttran-
scriptional regulation. In tissues that express the liver-type
isoform proteins, translation is assisted by the presence of
auxiliary proteins, which bind to the 3′-untranslated regions
of the mRNAs [185, 186].

Similar to the knockout approach of the heart-type iso-
form of subunit VIa, we later generated a whole-body mouse
knockout of Cox7a1 [187]. The knockouts were normal in
appearance with morphologically normal mitochondria.
However, their heart mitochondria showed a 15% reduction
in COX levels, a 32% reduction in COX activity, and a 29%
reduced respiratory control ratio, which is a measure of mito-
chondrial coupling. The heart size was increased significantly
and the heart weight was 15–20% higher compared to that of
controls. In addition, as demonstrated by echocardiography,
the hearts of the knockout mice showed reduced systolic and
diastolic function.

Analysis of the skeletal muscle in the Cox7aH knockouts
also revealed dysfunction with over 60% reduced resting
COX-specific activity and ATP levels in both glycolytic and
oxidative skeletal muscle types [188]. Knockout mice had
no difference in quadriceps muscle mass, but soleus, a highly
aerobic muscle, was significantly smaller. Incremental
treadmill exercise tests showed that the wild-type mice
were able to run about 38% longer than their Cox7aH-
knockout counterparts. This was correlated with a 47%
decrease in distance and a 47% decrease in workload as
compared to that of the wild-type mice. The capillary indices
present in the wild-type quadriceps muscle were also found
to be significantly higher, in addition to a significant differ-
ence in the fiber cross-sectional area and perimeter between
the two groups of mice, suggesting that mitochondrial dys-
function in turn causes deterioration of the vascular system
feeding them.

Surprisingly, Cox7aH was among the most highly
upregulated genes in brown fat of mice after cold exposure,
but Cox7aH-knockout mice exposed to cold were similar in
skin temperature, UCP1 production, and other physiological
parameters as the controls, demonstrating that nonshiver-
ing thermogenesis is not dependent on Cox7aH [189].

The pronounced upregulation after cold exposure thus
remains puzzling.

A third isoform of subunit VIIa has been under investiga-
tion recently for its potential role in supercomplex formation
and regulation. The gene COX7aR, also known as COX7a2L
or SIG81, was first identified from a silica-induced gene
library [190]. Similar to the ubiquitous liver isoform,
COX7AR is expressed in all tissue types, with higher expres-
sion levels in those of the kidney and liver. Functional studies
remained elusive until recently, when it was proposed that
COX7AR was a critical component of supercomplex forma-
tion and should be renamed to supercomplex assembly factor
I, or SCAFI [191]. Respiratory complexes were screened for
proteins that appeared solely in supercomplexes versus free
complexes. In the same study, a mutation in the Cox7aR gene
was discovered in a screen of immortalized mouse fibroblasts
resulting in a truncation of the protein from 113 to 111
amino acids, which conferred a defect in supercomplex for-
mation. The authors showed that when Cox7aR is silenced
or otherwise defective, COX does not participate in super-
complex formation. These results suggest that modulation
of COX isoforms may play a critical role in the formation
and dispersion of supercomplexes (Figure 3), allowing tight
modulation of the electron transport chain through substrate
channeling and availability. However, the effect of the trun-
cation remains controversial since two other studies showed
that truncated COX VIIaR found in C57BL/6 mice is pheno-
typically identical to that in nontruncated littermates and as
part of supercomplexes [192, 193]. These studies concluded
that mice bearing the shortened form of the subunit have
normal biogenesis, no related respiratory defects, and normal
levels of complex IV-associated supercomplexes, although
differences in levels of different supercomplex subtypes were
observed. In support of the hypothesis that COX VIIaR is
required for supercomplex assembly, however, another
recent publication showed that the long form of COX7AR
was required for interaction of complexes III and IV [194].
Here, it was shown that the individual supercomplexes
employ different isoforms to achieve different stoichiome-
tries. Association of complexes III and IV requires
COX7AR, while complex IV dimers instead utilize COX
VIIaL. Another study recently showed that COX VIIaR
binds primarily to free complex III and secondarily to
COX, where it participates in assembly of the complex III2
+ IV supercomplex [195]. Recently, the structure of the I
+ III2 + IV supercomplex from pig heart was solved at 4Å
resolution [196], in which COX interacts with both com-
plexes I and III. The position of subunit VIIa appears to be
a key in bridging COX with complexes I and III. COX VIIa
is close to NDUFB8 of complex I and subunits UQCRC1,
UQCRC11, and UQCRB of complex III. However, the reso-
lution of the data set does not allow unambiguous assign-
ment of COX VIIaH or COX VIIa2R (Dr. Yang personal
communication), leaving this an open question. There are
some discrepancies in the above studies regarding supercom-
plex composition. Likely, other regulatory mechanisms are in
place that contribute to the regulation and stabilization of
supercomplexes such as posttranslational modifications,
which may explain some of the discrepancies between the
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above studies. In addition, small but potentially important
experimental differences such as precise detergent concentra-
tions and gel running conditions, including temperature and
voltage, may affect supercomplex separation and stability.

Finally, a recent study showed that COX7aR is a gene
that is stress-induced and that its expression also correlates
with cancer aggressiveness where it contributes to cancer
proliferation and invasion [197]. This suggests that cancer
metabolism may be modulated at the level of mitochondrial
supercomplexes.

5.2.4. Subunit VIII. The smallest nuclear-encoded subunit is
COX VIII (Figure 2), which has three known isoforms in
rodents and two in humans. Gene structures and sequence
similarities indicate that all three are a result of gene duplica-
tions [183]. The primarily expressed liver-type isoform, COX
VIIIL (also known as COX VIII2), is expressed ubiquitously
in humans [198, 199]. While rodents and most other mam-
mals have a heart-type isoform, COX VIIIH (also known as
COX VIII1), with an expression pattern similar to that of
COX VIaH and VIIaH in the heart and skeletal muscle, the
gene became a pseudogene in the stem of the catarrhines
and is thus no longer active in humans [200]. Interestingly,

COX VIIIH was also found to be expressed in brown adipose
tissue of rats [201].

One important function of COX subunit VIII is to stabi-
lize the supercomplex consisting of complexes I + III2 + IV,
where it is involved in contacts with subunits NDUFB3,
NDUFB7, and NDUFB8 of complex I [196].

The important role of subunit VIII for COX function and
stability was further suggested by a recently published clinical
study [202]. Here, a female patient with Leigh syndrome-like
symptoms who died at age 12 was identified with a homozy-
gous G to C transversion in intron 1 of the ubiquitous COX8
gene. This mutation disrupts the regular AG acceptor splice
site at the end of intron 1, resulting in aberrant splicing, lead-
ing to a 49 nucleotide deletion and frameshift of exon 2 and
thus a nonfunctional protein. As a consequence, only 10%
COX activity was retained in the skeletal muscle and fibro-
blasts of the patient, which could be restored by expression
of wild-type COX8.

The presence of a third isoform of COX VIII (also known
as COX VIIIC or COX VIII3) was shown in several mamma-
lian species (human, lemur, mouse, and rat) [183]. Phyloge-
netic analysis based on nucleotide sequence showed high
levels of divergence within COX8-3, and the protein also
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Figure 3: Proposed functions of cytochrome c oxidase subunit isoforms. Top left, going clockwise: several COX subunits were proposed to
bind to allosteric effector molecules such as ADP and/or ATP, with the most conclusive evidence pointing to COX subunit IV isoforms
binding to ADP and ATP at the matrix side, adjusting enzyme activity to energetic demand. COX isoforms also inversely adjust basal
enzyme activity to mitochondrial capacity of a tissue, with the activity of COX following the order heart-type < liver-type < lung-type.
Due to sequence differences, isoforms may be targeted by signaling molecules such as kinases in a tissue-specific manner. COX subunit
VIaL but not VIaH was proposed to bind to the fatty acid palmitate, reducing the stoichiometry of pumped protons per transferred
electron, and a similar effect was mediated by VIaH at very high ATP/ADP ratios, which was proposed to contribute to thermogenesis.
Finally, COX subunits are key players both in stabilizing the COX dimer (subunits Vb, VIa, and VIb) as seen in the crystal structure of
dimeric COX and in supercomplex formation (subunits VIIa, VIIc, and VIII). In both cases, two of the three subunits mediating the
contacts have isoforms.
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had higher amino acid replacement rates compared to the
other two isoforms. Of a small number of tissues analyzed
to date, COX8-3 was detected at the highest levels in tissues
of the testes followed by those of the pancreas and pla-
centa [202]. Its functional role is currently unknown.

6. Conclusions

In this review, we highlight the variation in COX subunit
expression in mammals and how tissue-specific and
environment-specific conditions necessitate the tight regula-
tion of enzyme activity through differential expression
(Figure 3). While decades of research have shaped a thorough
understanding of the function and importance of COX, the
specific function of many of the nuclear-encoded subunits,
as well as their isoforms, remains unclear. Of the 11
nuclear-encoded subunits of COX, six possess tissue- and
condition-specific isoforms. We propose that one reason for
tissue-specific isoform expression is related to the different
capacities of tissues for mitochondria. For example, heart-/
skeletal muscle-type COX isoforms of subunits VIa, VIIa,
and VIII are expressed in tissues with a high aerobic capacity.
Heart and skeletal muscle tissues contain a high density of
mitochondria, whereas other tissues including those of the
liver and brain, which express the liver-type isoforms, have
other specialized functions, which are not compatible with
a high mitochondrial load. Because tissues such as those of
the liver and brain still fully depend on aerobic energy pro-
duction, they are equipped with an enzyme containing the
liver-type isoforms, which has a higher basal activity [203].
Lung tissue has even fewer mitochondria than that of the
liver and expresses the liver-type isoforms of subunits VIa,
VIIa, and VIII, together with a lung-specific isoform COX
IV-2, leading to yet another increase in basal activity [154].
Therefore, basal activity increases from heart-type over
liver-type to lung-type COX, suggesting that one important
role of tissue-specific isoforms is to compensate for lack of
room for mitochondria in tissues such as those of the liver
and lung compared to those of the heart and skeletal muscle.
Of the COX isoforms, some additional functional protein
data is primarily only available for the isoforms of subunits
IV, VIa, VIb, and VIIa—data on the direct enzymatic effects
of isoforms of subunits VIII and NDUFA4 has not yet been
published. We propose that another functional role of iso-
forms may be to serve as a platform for tissue-specific signal-
ing and/or allosteric regulation, since amino acid sequence
differences between the isoforms may, for example, affect
kinase recognition or allosteric effector molecules such as
ATP and ADP (Figure 3). In addition, of the three subunits
that constitute the primary contact interface with complexes
I and III in the supercomplex, that is, VIIaL, VIIc, and VIII,
two of these—VIIaL and VIII—are expressed in a tissue-
specific manner. This raises the exciting possibility that
changes in supercomplex composition, stability, and func-
tionality, including altered metabolic flux, can take place in
a tissue-specific manner, adding another layer of regulation
to a fundamental bioenergetic process that is most crucial
for multicellular organisms. Finally, the emergence of clinical
data pointing to individual COX subunits as drivers of

critical biological functions and causes of human disease, as
well as of individual subunits being potential biomarkers
and participants in processes such as oncogenesis, highlights
the necessity of continued diligence in their study.
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Studies have reported the importance of mitochondria in sperm functionality. However, for some species, the glycolytic pathway
appears to be as important as oxidative phosphorylation in ATP synthesis and sperm kinetics. These mechanisms have not been
fully elucidated for bovine spermatozoa. Therefore, the aim of this study was to evaluate the role of mitochondria and the
glycolytic pathway in ATP synthesis, sperm movement patterns, and oxidative homeostasis of epididymal spermatozoa in
bovine specimens. We observed that mitochondrial uncoupling with protonophores significantly reduced ATP levels. However,
these levels were reestablished after stimulation of the glycolytic pathway. We verified the same pattern of results for sperm
kinetic variables and the production of reactive oxygen species (ROS). Thus, we suggest that, after its appropriate stimulation,
the glycolytic pathway is capable of maintaining ATP levels, sperm kinetic patterns, and oxidative balance of bovine epididymal
spermatozoa submitted to mitochondrial uncoupling.

1. Introduction

Studies have shown the importance of mitochondria in
sperm functionality, as they are considered the main source
of ATP for cellular homeostasis and motility [1, 2]. However,
the role of mitochondria in sperm metabolism has been a
matter of debate. Mukai and Okuno [3] verified that ATP
levels and flagellar beating remained constant when the mito-
chondria of mouse sperm was uncoupled concurrently with
glycolysis stimulation. However, by inhibiting glycolysis
and stimulating oxidative phosphorylation, authors observed
that flagellar beating and ATP levels were quickly reduced.
These results indicate that glycolysis plays an important role
in murine sperm energy production.

In a similar study, Nascimento et al. [4] performed
inhibitory and stimulatory treatments for both oxidative

phosphorylation and glycolysis in human sperm. Authors
concluded that oxidative phosphorylation, despite contribut-
ing to ATP production, is not sufficient to sustain sperm
motility, confirming that the glycolytic pathway is the
primary energy source for human sperm. Additionally,
ATP produced by oxidative phosphorylation in the sperm
midpiece is not efficiently released into the distal portions
of the tail, indicating that glycolysis plays a key role in the fla-
gellar beat of such sperm regions [5–7].

Davila et al. [8] demonstrated that equine spermatozoa
require oxidative phosphorylation as glycolytic pathway to
maintain motility. Complementary in ram, Losano et al. [9]
demonstrated that mitochondrial depolarization did not
affect total motility; however, sperm kinetic patterns were
altered. On the other hand, they found that glycolytic
pathway inhibition impaired total motility and sperm move-
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ment patterns. For both species, glycolytic pathway seems to
be as important as oxidative phosphorylation for sperm
physiology. However, the role of these pathways on bovine
sperm functionality has not been fully elucidated. This infor-
mation is extremely important for the understanding of bull
sperm physiology. In addition, studies evaluating the energy
metabolism of bovine sperm may contribute to the under-
standing of possible causes for the reduction in sperm quality
and fertilization failures related to these metabolic pathways
and then improve existent biotechnology’s, such as artificial
insemination which can impact in higher fertility rates.

Sperm collected directly from the epididymis seem to be
the ideal cellular model to study energy metabolism. This is
due to the many glycolysis, citric acid cycle, and oxidative
phosphorylation stimulants contained in the seminal plasma
derived from the accessory glands [10–12]. The fact that
epididymal spermatozoa have not been stimulated with these
substances provides a better in vitro manipulation of these
cells, allowing the stimulation and inhibition of these
pathways to evaluate the role of each metabolic pathway on
sperm functionality.

Therefore, the aim of this study was to evaluate the role of
mitochondria and glycolysis in ATP production, generation
of reactive oxygen species (ROS), and kinetic patterns of
epididymal bovine sperm by means of mitochondrial uncou-
pling and glycolytic pathway stimulation.

2. Material and Methods

The present experiment was conducted according to ethical
guidelines for animal experiments and approved by the Bio-
ethics Committee of the School of Veterinary Medicine and
Animal Science at the University of São Paulo (protocol
number 7978040914).

In this study, we submitted bovine epididymal sperma-
tozoa to treatment with the oxidative phosphorylation
uncoupler carbonyl cyanide 4-(trifluoromethoxy)phenylhy-
drazone (FCCP) to significantly reduce mitochondrial ATP
synthesis and stimulated the glycolytic pathway by glucose
addition. However, in order to verify the optimal
concentrations of the uncoupler, FCCP, we performed a
dose-response curve in experiment 1. Thus, the selected
concentrations were used in the subsequent experiments.
The aim of these experiments was to evaluate the contri-
bution of mitochondria to ATP synthesis (experiment 2),
patterns of sperm kinetics (experiment 3), and oxidative
homeostasis (experiment 4) of bovine epididymal sperm
and verify if stimulation of the glycolytic pathway would
be able to maintain these sperm parameters that are
probably suppressed by mitochondrial uncoupling.

2.1. Sample Collection. Epididymal sperm samples were
collected and then dissecting the epididymis cauda with a
scalpel blade, according to previous protocol [13]. To limit
blood contamination, dissection was performed carefully.
The flowing epididymal fluid was collected with an automatic
pipette. Then, samples were used in each respective
experiment proposed.

2.2. Experiment 1—Concentration-Response Curve of
Mitochondrial Uncoupler, FCCP. To evaluate the effect of
mitochondrial uncoupling by FCCP, spermatozoa from 3
bovine epididymides (n = 3) were collected and diluted to a
concentration of 100 million spermatozoa per mL in modi-
fied TALP. Despite a minimum number of epididymis
used, we evaluated the mitochondria of each spermato-
zoon singly, as experimental unit. Thus, we used 15 to
26 cells per FCCP concentration. Thereafter, the spermatozoa
were incubated in a perfusion chamber with mitochondrial
fluorophore tetramethylrhodamine-ethyl-ester perchlorate
at 500nM (ThermoFisher® Scientific, 0.5μL of TMRE in
1mL of medium) for 5 minutes at 37°C. For the sperma-
tozoa to remain attached during perfusion with FCCP,
coverslips of the perfusion chamber were treated with
polylysine.

After incubation, the amount of TMRE fluorescence cap-
tured by each sperm mitochondrion was recorded by the
software LAS AF Lite (Leica® Microsystems, Germany) at
an emission of 500nm and excitation of 600nm by a fluores-
cence microscope (Leica Microsystems, Germany). Thirty
seconds of mitochondrial basal fluorescence was recorded,
and then perfusions were performed with increasing FCCP
concentrations (Tocris Bioscience®, MN, USA; 0.3, 1, 3, 10,
30, 60, and 100μM) by means of an electrovalve controller.
Stimulation performed with FCCP at 30 seconds was
recorded, and the percentage of mitochondrial depolariza-
tion was calculated based on the difference between the basal
fluorescence and the amount of fluorescence retained in the
mitochondria of each spermatozoon after 30 seconds of
FCCP stimulation.

The lower FCCP concentrations of the dose-response
curve (0.3, 1, and 3μM) and the concentration insufficient
for the promotion of mitochondrial depolarization (0.1μM,
concentration under the curve) were selected to be used in
the subsequent experiments.We selected these concentrations
inorder to significantly reduce themitochondrialATPsynthe-
sis without promoting disruption in this organelle.

2.3. Experiment 2—Effect of Mitochondrial Uncoupling and
Glycolysis Stimulation onATPLevels. In this experiment, sper-
matozoa from 6 bovine epididymides (n = 6) were collected
and diluted to a concentration of 100 million spermatozoa
per mL in modified TALP medium. Each sample was divided
into ten aliquots, which were submitted to a 5× 2 factorial
design wherein one of the factors was the addition of glucose
(5mM) and the other factor was the treatmentwith increasing
concentrations of FCCP (0.1, 0.3, 1, and 3μM). After a
15-minute incubation, the treatments were subjected to
measurements of ATP levels by means of a luminescence
technique. For this procedure, 50μL aliquots in duplicate
from each treatment containing 100000 spermatozoa
were added to 50μL of CellTiter-Glo® Luminescent Cell
Viability Assay kit (Promega®, USA) and incubated for
30 minutes at 37°C according to the manufacturer’s recom-
mendations. Immediately after this procedure, ATP levels
were measured in a luminescence apparatus (ThermoFisher
Scientific, MA, USA) in duplicate. The results obtained,
expressed in arbitrary light units (AUL), were interpolated
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on a standard curve containing different concentrations of
ATP (10, 100, 1000, 5000, and 10000nM) and were then
expressed in nM ATP.

2.4. Experiment 3—Effect of Mitochondrial Uncoupling and
Glycolysis Stimulation on Sperm Kinetic Patterns. To evaluate
the effect of mitochondrial uncoupling and glycolysis
stimulation on sperm kinetic patterns, spermatozoa from 7
bovine epididymides (n = 7) were collected and diluted to a
concentration of 100 million spermatozoa per mL in
modified TALP medium. Each sample was divided into ten
aliquots, which were submitted to a 5× 2 factorial design
wherein one of the factors was the addition of glucose
(5mM) and the other was the treatment with increasing
concentrations of FCCP (0.1, 0.3, 1, and 3μM). After 5
minutes of incubation, the sperm samples were subjected to
computerized analysis of sperm kinetics (ISASPBOS,
Proiser®, Valencia, Spain). The following variables were con-
sidered: motility (%), progressive motility (%), VAP (average
path velocity, μm/s), VSL (straight-line velocity, μm/s), VCL
(curvilinear velocity, μm/s), ALH (amplitude of lateral head
displacement, μm), BCF (beat cross-frequency, Hz), STR
(straightness, %), and LIN (linearity, %). In addition to these
parameters, the sperm were also divided into four groups
based on velocity: rapid (VAP> 50μm/s; %), medium
(30μm/s<VAP< 50μm/s; %), slow (VAP< 30μm/s or
VSL< 15μm/s; %), and static (%) [14].

2.5. Experiment 4—Effect of Mitochondrial Uncoupling and
Glycolysis Stimulation on Reactive Oxygen Species
Production. To evaluate the effect of mitochondrial
uncoupling and glycolysis stimulation on reactive oxygen
species production, spermatozoa from 6 bovine epididymi-
des (n = 6) were collected and diluted to a concentration of
100 million spermatozoa per mL in modified TALP. Each
sample was divided into ten aliquots, which were submitted
to a 4× 2 factorial design wherein one of the factors was the
addition of glucose (5mM) and the other was the treatment
with increasing concentrations of FCCP (0.1, 0.3, 1, and
3μM). These treatments were incubated for 30 minutes at
37°C and subjected to the detection of reactive oxygen spe-
cies. To perform this technique, 100000 sperm were incu-
bated in modified TALP solution containing 10μM (final
concentration) of the fluorescent probe CM-H2DCFDA
for 30 minutes (triplicate samples). After incubation was
performed, the ROS were detected using a fluorometer
(Fluostar microplate reader Omega, Labtec-BMG, Germany)
at excitation 492–495nm and emission 517–527nm. The
fluorescence intensity results obtained were interpolated
on a standard curve containing different concentrations
of hydrogen peroxide (H2O2: 3, 10, 30, 60, 100, 200, and
300μM) and were then expressed in μL of O2 generated.
Data were normalized relative to the control group
(untreated samples).

2.6. Statistical Analysis. The concentration-response curve
for FCCP (experiment 1) was performed by nonlinear regres-
sion using the software GraphPad Prism 6. Data relating to
the measurement of ATP levels and computerized analysis

of sperm kinetics (experiments 2 and 3, resp.) were
analyzed using the SAS System for Windows (SAS Institute
Inc., Cary, NC, USA). Thus, the interaction between FCCP
and glucose factors was determined by PROC GLM. Differ-
ences between treatments were assessed using parametric
(Student’s t-test for each factor separately or LSD test for
the combination of factors) and nonparametric tests
(Wilcoxon) in accordance with the normality of the residuals
(Gaussian distribution) and homogeneity of the variances.
To analyze the effect of FCCP in the presence or absence of
glucose in the ROS production, data normalized to the
control group were compared by ANOVA variance analysis
(LSD test) using the SAS System for Windows program
(SAS Institute Inc., Cary, NC, USA). The level of significance
to reject the H0 (null hypothesis) was 5%; that is, the
significance level was 0.05. Significant differences between
classificatory variables (treatments) and a specific response
variable were considered.

3. Results

3.1. Experiment 1—Concentration-Response Curve of
MitochondrialUncouplerFCCP.By using a nonlinear regres-
sion, we found that the concentration-response curve is
square root = 0 7 and EC50=4.67× 10−5μM. We observed
a high percentage of depolarization with FCCP concentra-
tions of 30μM, 60μM, and 100μM (Figure 1). Thus, in
order to select points where there is a reduction in ATP
without promoting disruption in the organelle, we selected
3μM, 1μM, 0.3μM, and 0.1μM for the concentrations
used in the subsequent experiments (concentration under
the curve—Figure 1).

3.2. Experiment 2—Effect of Mitochondrial Uncoupling and
Glycolysis Stimulation on ATP Levels. There were significant
effects of FCCP, glucose, and FCCP-by-glucose interaction
in the ATP (P < 0 0001; Table 1) analysis. Then, it was pos-
sible to compare the effects of the addition of glucose in
the FCCP sample (Figure 2). We observed a lower ATP
production in the FCCP group at concentrations of
0.3μM (180.3± 31.9 nM), 1μM (220.2± 40.4 nM), and
3μM (272.3± 70.4 nM) than at 0μM (control—448.6
± 63.7 nM) and 0.1μM (422.4± 41.5 nM—Figure 2).
However, in the group treated with FCCP supplemented
with glucose, the concentrations were similar between the
groups treated with 0.1μM (610.8± 57.8 nM), 0.3μM
(606.2± 64.2 nM), 1μM (670.9± 61.9 nM), and 3μM
(696.1± 68.5 nM) FCCP and the group treated with glu-
cose without FCCP (577.2± 70.4 nM) (Figure 2).

3.3. Experiment 3—Effect of Mitochondrial Uncoupling and
Glycolysis Stimulation on Sperm Kinetics Patterns. There were
significant effects of FCCP, glucose, and FCCP-by-glucose
interaction (P < 0 05) on all CASA parameters (Table 1).

We observed a decrease in the total motility between
samples without FCCP (control) and with glucose
(Figure 3(a)); however, it was possible to note an increase
in motility in the groups treated with 0.3μM, 0.1μM, 1μM,
and 3μM FCCP supplemented with glucose (Figure 3(a)).
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This same effect was detected for progressive motility
(Figure 3(b)), VAP, VSL, VCL, and rapid sperm velocity
(see Supplementary Material available online at https://
doi.org/10.1155/2017/1682393).

Next, we examined the effects of the addition of glucose
in the FCCP samples (Figure 3 and Supplementary Material).
In the BCF analysis, we observed an increase in the groups
with 1μM and 3μM of FCCP supplemented with glucose
but a decrease in the glucose group (Supplementary
Material). Furthermore, we observed an increase in the slow
sperm velocity in the samples supplemented with glucose in
the groups treated with 1μM and 3μM of FCCP and glucose

alone but a decrease in the group treated with 0.3μM FCCP
(Supplementary Material).

With FCCP treatment, the control and 0.1μM groups
had higher values of total sperm motility, VAP, and VSL
than the 0.3μM group, which was superior to the 1μM
and 3μM samples (Figure 3 and Supplementary Material).
However, in the ALH, BCF, straightness, linearity, and
wobble analyses, the control, 0.1μM, and 3μM groups
had higher rates than the 1μM and 3μM groups
(Supplementary Material). In the VCL and percentage of
medium sperm velocity, we observed that the 3μM and
1μM groups had lower values than the 0.3μM group,
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Figure 1: Dose-response curve of FCCP concentrations (0.3, 1, 3, 10, 30, 60, and 100μM) in sperm of bovine epididymal samples. Superscript
numerals indicate the FCCP concentration used and their respective images. Mitochondrial depolarization of bovine spermatozoa at FCCP
concentration of 0μM (I), 10 μM (II), 30μM (III), and 60μM (IV). Arrows indicate mitochondria labeled with the TMRE fluorescent probe at
different percentages of mitochondrial depolarization. 400x magnification.

Table 1: Probability values for the FCCP (0, 0.1, 0.3, 1, and 3μM), glucose, and their interaction on computer-assisted sperm analysis
(CASA).

FCCP Glucose FCCP× glucose
Total sperm motility (%) <0.0001 0.0003 <0.0001
Sperm progressive motility (%) <0.0001 0.0005 <0.0001
Percentage of rapid sperm (%) 0.0006 0.0077 <0.0001
Percentage of medium sperm (%) 0.0087 0.0033 <0.0001
Percentage of slow sperm (%) 0.3993 0.0361 0.0045

Amplitude of lateral head displacement (ALH—μm) 0.0009 0.0119 0.0095

Average path velocity (VAP—μm/s) <0.0001 0.0002 <0.0001
Straight line velocity (VSL—μm/s) <0.0001 0.0002 <0.0001
Curvilinear velocity (VCL—μm/s) 0.0002 0.0038 0.0002

Beat cross-frequency (BCF—Hz) <0.0001 0.0020 <0.0001
Sperm straightness (STR—%) 0.0002 0.0020 <0.0001
Sperm linearity (LIN—%) <0.0001 0.0003 <0.0001
Wobble (WOB—%) <0.0001 0.0003 <0.001
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which was similar to the 0.1μM group but lower than the
control (Supplementary Material). In progressive motility
(PM), the control group had the highest rates (Figure 3).
However, we observed lower rates of PM in the 3μM and
1μM groups than in the 0.3μM group, which was inferior
to the 0.1μM group (Figure 3). In the medium sperm veloc-
ity, the control group was superior to the 1μM and 3μM
groups (Supplementary Material). On the other hand, in
the slow sperm velocity, the control and 1μM groups had
lower rates than the 0.1μM and 0.3μM groups (Supplemen-
tary Material).

When we compared the results between the concentra-
tions of FCCP supplemented with glucose, we highlighted
the higher values of progressive motility, straightness, and
rapid sperm velocity in the groups treated with 3μM and
0.3μM of FCCP, which were superior to the glucose group
(Figure 3 and Supplementary Material). In the total
motility analysis, the 3μM group was superior to the glu-
cose group (Figure 3). However, in the VCL, the 0.3μM
group had higher values than the 1μM group
(Supplementary Material). The glucose group was lower
than the 0.3μM, 1μM and 3μM groups in the BCF
parameter (Supplementary Material). However, in the slow
sperm velocity, the 1μM group was higher than the
0.3μM group (Supplementary Material). The remaining
CASA variables did not show any difference between the
groups (Supplementary Material).

3.4. Experiment 4—Effect of Mitochondrial Uncoupling and
Glycolysis Stimulation on Reactive Oxygen Species Production.
In the production of the reactive oxygen species, we high-
light in Figure 4 the higher ROS generated by sperm
treated with 3μM of FCCP supplemented with glucose
(332.9± 34.58μL) than that with FCCP concentrations of
0.1μM (213.2± 38.77μL), 1μM (191.44± 50.39μL), and
3μM (170.06± 49.34μL).

4. Discussion

The aim of this study was to evaluate the role of mitochon-
dria and the glycolytic pathway in the maintenance of ATP
levels, the parameters of sperm movement, and the produc-
tion of reactive oxygen species in epididymal bovine sperm.
To perform this experiment, we submitted bovine sperm to
mitochondrial uncoupling with FCCP to significantly reduce
the synthesis of ATP by the mitochondria and evaluate the
effect of this reduction in sperm functionality. Furthermore,
we promoted stimulation of the glycolytic pathway by
glucose addition concurrently with the mitochondrial
uncoupling to assess whether glycolysis would be able to
maintain the ATP levels, sperm kinetic patterns, and oxida-
tive homeostasis possibly harmed by mitochondrial
depolarization.

The mitochondrial uncoupler FCCP is a lipophilic
molecule with protonophore properties; in other words, it is
capable of interacting with the inner mitochondrial
membrane to allow pumped protons to return to the mito-
chondrial matrix, dissipating the proton gradient and
influencing the mitochondrial chemiosmosis [15, 16].
Indeed, in our experiment, we confirmed the depolarizing
effect of the uncoupler FCCP. In experiment 2, we observed
a significant reduction in ATP levels in the groups treated
with 0.3, 1, and 3μM of FCCP compared to the control
group. ATP production in the mitochondria occurs by means
of the coupling of two reactions: the transport of electrons
throughout the respiratory chain and the proton gradient.
This latest gradient is capable of storing energy, called proton
motive force, which drives the synthesis of ATP through
ADP and inorganic phosphate [17]. FCCP has a protono-
phore effect that will dissipate the proton gradient, thereby
reducing ATP synthesis, as noted in our results. On the other
hand, the groups that were treated with these same FCCP
concentrations but were supplemented with glucose had
higher levels of ATP, similar to the control group. From these
results, we can suggest that the glycolytic pathway, after being
stimulated, is able to maintain ATP levels in bovine epididy-
mal sperm. In fact, our results were consistent with a
previous study in boars, which demonstrated that sperm
mitochondria account for only 5% of energy production,
while the glycolytic pathway contributes to 95% [18].
Additionally, species such as mice may use ATP from glycol-
ysis and mitochondrial respiration depending on their
biological conditions without changing sperm functionality
or sperm ATP levels [19].

In experiment 3, we observed a very similar pattern of
results as in experiment 2. The motility and spermatic move-
ment patterns were affected by mitochondrial uncoupling.
However, stimulation of the glycolytic pathway maintained
sperm kinetic patterns, even with cells undergoing mitochon-
drial uncoupling. These results suggest that for bovine sperm,
there is a close relationship between motility and ATP levels.
However, this relationship is still a matter of controversy. In
accordance with our study, Mukai and Okuno [3] verified
that ATP levels and flagellar beating remained constant when
mouse sperm mitochondria were uncoupled concurrently
with the supplementation of substrates for glycolysis.

Co
nt

ro
l

G
lu

co
se 0.1 0.3 1 3 0.1 0.3 1 3 

0

200

400

600

800

1000

FCCP (�휇M) FCCP (�휇M) +
glucose (5 mM)

⁎

A
TP

 (n
M

)

a

a

a

b
b b

a a
aa

Figure 2: ATP production by bovine epididymal sperm treated with
FCCP in different concentrations (0 μM, 0.1 μM, 0.3 μM, 1μM, and
3μM) in absence or presence of glucose 5mM. a-b superscripts
indicate differences between concentrations (P < 0 05). ∗ indicates
differences after the glucose supplementation (P < 0 05).

5Oxidative Medicine and Cellular Longevity



Additionally, Krzyzosiak et al. [20] also observed that bovine
sperm are capable of maintaining similar motility patterns in
both aerobic and anaerobic conditions, assuming that glycol-
ysis is capable of maintaining sperm motility. On the other
hand, Ramió-Lluch et al. [21] demonstrated that the inhibi-
tion of ATP synthase impairs sperm motility, while intracel-
lular ATP levels remain unchanged. Therefore, the author
suggested an unknown essential mitochondrial mechanism
responsible for motility maintenance that does not rely only
on the maintenance of ATP levels. The variations in the
results of the different experiments seem to be related to the

species involved and the biological conditions to which such
cells have been subjected [22, 23]. Therefore, there is a need
for further studies to elucidate these mechanisms.

Regarding experiment 4, we observed that the groups
treated with FCCP at 1 and 3μM in the absence of glu-
cose had a lower production of reactive oxygen species
(ROS). The reactive oxygen species produced by sperm
play a key role in many physiological processes such as
hyperactivation [24], capacitation [25], and the interaction
between the sperm and oocyte [26]. The fact that the
groups treated with FCCP and glucose did not differ from
the control group suggests that glycolysis stimulation is
able to maintain the physiological ROS production and,
ultimately, oxidative balance. Moreover, the ability of
FCCP in the absence of glucose to reduce ROS production
reveals a possible therapeutic potential for preventing the
release of excessive reactive oxygen species. This ability
to prevent ROS production may be due to the increase
of the electron transport rates accompanied by a reduction
in mitochondrial intermediate states which is able to
donate electrons to oxygen [27]. Furthermore, studies have
demonstrated that the reduction in ATP synthesis by
mitochondria is accompanied by a reduction in ROS pro-
duction [28]. In fact, studies have shown this ability of
mitochondrial uncouplers in somatic cells [29, 30].

Therefore, knowledge of the role of each metabolic
pathway on sperm functionality may target therapies using
substrates to stimulate these pathways in reproduction
biotechnologies. Furthermore, the data of mitochondrial
uncoupling FCCP reduces the reactive oxygen species
production and suggests that this molecule can be used to
prevent seminal oxidative stress during procedures that
induce this stress, such as cryopreservation. Thus, such
procedure can improve reproductive indexes by means of
assisted reproduction techniques in cattle, especially
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intrauterine artificial insemination. Nevertheless, this thera-
peutic effect should be further studied in spermatozoa.

5. Conclusion

In conclusion, after its stimulation, the glycolytic pathway is
capable of maintaining ATP levels, sperm kinetic patterns,
and oxidative balance of bovine epididymal spermatozoa
submitted to mitochondrial uncoupling.
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