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Among the key factors influencing human health are the
chronic diseases and aging, which have been increasing in
the last decades. These pathological states are produced by
several and diverse causes, and a common factor involved
in most of them is oxidative stress. Cellular oxidative stress
is defined as an imbalance between oxidative status, mainly
by the formation of reactive oxygen species (ROS), and
antioxidant defense mechanisms. Due to the broad and pro-
found biological effects of ROS, in the last years, numerous
experimental and clinical studies have focused their attention
on the participation of oxidative stress as a key regulator
in chronic pathological status and aging. Regarding this
relationship, the aim of many ongoing studies is to elucidate
the underlying mechanisms and role of oxidative stress in
disease onset and development. In particular, there is an
emphasis on finding new therapeutic strategies for chronic
diseases and aging by decreasing oxidative stress.

This versionof the annual special issue of “Oxidative Stress
in Disease and Aging: Mechanisms and Therapies 2018” pre-
sents novel and relevant research regarding the mechanisms
by which oxidative stress induces damage in the contexts of
diseases and aging. Focus is given to the use of novel antioxi-
dant strategies. The manuscripts within this special issue are
all equally recommended by the editors, but the following
contain especially interesting points worth comment.

G. Rowicka et al. evaluated the intensity of oxidative pro-
cesses and the efficiency of antioxidant defense in children

with celiac disease. The results do not shown differences;
however, they demonstrated that the strict adherence to a
gluten-free diet by children with celiac disease seems to be
important for maintaining oxidative-antioxidant balance.

J. Ábrigo et al. shown a review of the mechanisms
involved in the development of cachexia and their close rela-
tion and fine regulation of oxidative stress. The wide vision of
the process and how oxidative stress is a key factor that can be
targeted to treat the muscular dysfunction secondary to
chronic diseases and aging are clearly presented in this review.

W. B. Jang et al. developed a novel antioxidant molecule,
a novel antioxidant defined as MHY-1684, and studied its
effect on the therapeutical effect of resident cardiac progeni-
tor cells (CPCs) in diabetic cardiomyopathy. The authors
demonstrated that the treatment with MHY-1684 may affect
the activation and inhibition of mitochondrial dynamics-
related signaling and mitochondrial function in response to
ROS stress. In addition, the data allow concluding that the
novel compound MHY-1684 acts as an ROS scavenger and
might provide an effective therapeutic strategy for CPC-
based cell therapy against diabetic cardiomyopathy.

C. He et al. investigated the effect of the antioxidant edar-
avone on the cardiac dysfunction during sepsis. The study
showed that in a rat model of septic myocardial dysfunction,
edaravone suppressed oxidative stress and protected the
heart against septic myocardial injury and dysfunction
through the induction of the HIF-1α/HO-1 pathway.
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All of these highlighted studies, as well as the other
manuscripts contained in this special issue, advance
improvements on pathological statuses by using diverse
antioxidant strategies. We firmly believe that these findings
will be of relevance to research concerning OS, chronic
diseases, and aging.
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Purpose. To investigate the protective effect of epigallocatechin gallate (EGCG), a green tea extract, and its underlying mechanism
on bladder dysfunction in a rat model of bladder outlet obstruction (BOO). Materials and Methods. Sprague-Dawley rats of BOO
were surgically induced and followed by treatment with EGCG (5mg/kg/day) or saline (control) via intraperitoneal injection.
Cystometry was performed on four weeks postoperatively in conscious rats. H&E, Masson trichrome, and TUNEL staining were
performed to observe tissue alterations. Oxidative stress markers were measured, and protein expression of Nrf2-ARE pathway
was examined by immunohistochemistry and Western blotting. Results. Our data showed that EGCG could increase the peak
voiding pressure and bladder compliance and prolong micturition interval of BOO rats compared with control and finally
reduce the frequency of urinary. EGCG could ameliorate the increase of collagen fibers and ROS induced by obstruction and
increase the activity of SOD, GSH-Px, and CAT. The level of cell apoptosis was decreased in BOO rats treated with EGCG
compared with control, and caspase-3 expression was reduced as well. Moreover, EGCG could activate the Nrf2 expression with
elevation of its target antioxidant proteins. Conclusions. EGCG alleviates BOO-induced bladder dysfunction via suppression of
oxidative stress and activation of the protein expression of Nrf2-ARE pathway.

1. Introduction

Benign prostatic hyperplasia (BPH) characterized by gradu-
ally nonmalignant enlargement of prostate gland [1, 2] is a
very common chronic disease in elderly men. As people
age, most BPH patient will induce bladder outlet obstruction
(BOO) with high bladder pressure and low flow [3]. BOO is a
common disorder of the urinary tract that could affect quality
of life and is a very rarely life-threatening disease but can
induce significant structural and functional changes of the
bladder, which in turn brings lower urinary tract symptoms
(LUTS) including urinary frequency, urgency, nocturia, and
urge incontinence [4]. BOO caused by BPH has become
increasingly prevalent with age and been considered as the

major public health problem that seriously affects the quality
of life of patients and their partners.

As showed in previous studies, oxidative stress is consid-
ered to be one of the mechanisms that triggers reactions
chain involved in the development and progression of BPH
and leads to injured function of the bladder [5]. Oxidative
stress occurs in the cellular environment when there is an
imbalance between the production of reactive oxygen species
(ROS) and the ability of biological systems to repair oxidative
damage or neutralize the effects of reactive intermediates
including peroxides and free radicals. Production of high
levels of ROS causes a significant decrease in antioxidant
defense mechanisms leading to protein, lipid, and DNA
damage and subsequent disruption of cellular functions and
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cell death but at lower levels induce subtle changes in
intracellular signaling pathways. An increase in ROS may
contribute to alter bladder function in aging [6]. Superoxide
dismutase (SOD) is one of the cell’s chief defenses against
activated oxygen free radicals. Presenting in the peroxisomes
of nearly all aerobic cells, catalase (CAT) act in association
with SOD protects cells against free radical damage [7, 8].
SOD and CAT activities are associated with the shift from
compensated to decompensated function of the bladder [7].
As a transcription factor, nuclear erythroid-related factor 2
(Nrf2) could promote expression of antioxidative genes
through the antioxidant response element (ARE) to regulate
cellular antioxidative responses and redox status [9]. It has
been established in the literature that activation of the
Nrf2-ARE pathway may ameliorate bladder dysfunction
caused by bladder outlet obstruction [10].

As a major component of green tea, epigallocatechin-3-
gallate (EGCG) has been studied for its antioxidative and
anti-inflammatory properties. Reports revealed that pretreat-
ment with EGCG could induce Nrf2 activation in cells as
demonstrated by increasing expression and nuclear translo-
cation of Nrf2 [11, 12]. Mechanical stretch and hypoxia have
been reported to contribute to the functional and structural
changes in the bladder after BOO, and previous studies have
indicated that the activation of Nrf2 pathway by EGCG
shows effective protection in various diseases. However,
whether EGCG could protect bladder tissue by activating
the Nrf2 pathway in the BOO model has not been well
defined. Based on our previous study [10] that demonstrated
the decrease of oxidative stress and activation of the Nrf2-
ARE pathway may ameliorate bladder dysfunction induced
by BOO, we explored the ability of EGCG to ameliorate
bladder dysfunction by inhibiting oxidative stress via the
regulation of the Nrf2-ARE pathway in a rat model of BOO
in the present study.

2. Materials and Methods

2.1. BOO Model and Drug Treatment. BOO model of SD was
established in adult male Sprague-Dawley rats (SD) weighing
240 to 260 g (Animal Center of the Shanghai Ninth People’s
Hospital of Shanghai Jiao Tong University School of Medi-
cine, Shanghai, China) according to our previous method
[10]. All animals were housed by two per cage in a room
under controlled temperature, humidity, and 12-hour light/
12-hour dark cycles with free access to food and water. The
rats were allowed to acclimatize for at least five days before
the experiment. All experimental procedures were approved
by the Ethics Committee of Shanghai Jiao Tong University
School of Medicine. The SD rats were randomly divided into
three groups: the sham-operated group, the BOO group, and
the BOO treated with EGCG (purity> 98%, Biotech Co. Ltd,
China) group, and 8 rats were included in each group. BOO
surgical operation was applied according to the method
described previously in detail [13]. Briefly, the rats were
anesthetized and then abdominal midline incision (about
1.0 cm) was made to expose the bladder and proximal
urethra. The proximal urethra was loosely tied with the
needle using 3–0 silk thread after a 19-G needle was placed

around it after which the needle was removed and incision
was closed. Sham operations were performed in an identical
manner without tying the silk thread.

From the first day after operation, rats of the BOO+
EGCG group received daily intraperitoneally injections of
EGCG (5mg/kg). EGCG was dissolved in PBS, and rats of
the sham group and BOO group were given the same volume
of PBS.

2.2. Cystometry Preparation and Cystometric Analysis. The
cystometry preparation and cystometric analysis were per-
formed four weeks after operation. A catheter was placed in
the bladder of rats of all groups three days before cystometric
analysis. As described in previous study, flaring the end of the
polyethylene tubing 50 (PE-50) to become a balloon serves as
an anchor to maintain the tube within the bladder [7, 11]. A
1 cm incision was made on the dorsum between the scapulas
in anesthetized rats followed by developing a plane between
the skin and the underlying muscle to create a tunnel around
the ventral abdomen. Cystometry preparation was carried
out as followed that rats were anesthetized and a 1 cm
incision was made on the dorsum between the scapulas.
Then, we developed a plane between the skin and the under-
lying muscle to create a tunnel around the ventral abdomen.
After an abdominal midline incision was made to expose the
bladder, we grasped the smooth end of the PE-50 tubing with
the clamp and pull it back through the dorsum incision.
Following the bulbed end was placed in the bladder dome
and the purse string suture around the tubing was pulled
tight, the dorsal and abdominal incisions were closed for
cystometric analysis.

For cystometry, the conscious rats were placed in a
metabolic cage, and the indwelling tubing was attached to a
two-way valve that was connected to a pressure transducer
as well as an infusion pump. Saline was infused into the
bladder at a rate of 12ml/h at room temperature in all
groups. The cystometric parameters of maximal pressure,
bladder capacity, and others were measured. The rats were
euthanized after the experiment, and the bladder tissue was
collected for further study.

2.3. Histological Examination and Immunohistochemical
Staining. 5μm sections were made after bladders being fixed
in 4% paraformaldehyde and embedded in paraffin. Hema-
toxylin and eosin (H&E) staining was performed to observe
general morphology of the bladders, and Masson trichrome
staining was used to evaluate the level of tissue fibrosis.
Immunohistochemical staining was also conducted as
previously described in our study. Briefly, the sections were
subjected with 10mM sodium citrate buffer (pH6.0) to heat
for antigen retrieval. The primary antibodies of anti-Nrf2
(Abcam, Cambridge, UK), HO-1 (Abcam, Cambridge, UK),
PCNA (CST, Danvers, MA, USA), secondary antibodies of
goat-anti-rabbit IgG-HRP (DAKO, Denmark), goat-anti-
mouse IgG-HRP (DAKO, Denmark), and DAB detection
kit (DAKO, Denmark) were used according to the manufac-
turer’s instructions. Histological analysis was performed by a
pathologist in a blinded manner.

2 Oxidative Medicine and Cellular Longevity



2.4. Apoptosis Assay by TUNEL. The apoptosis level in the
bladder smooth muscle was measured by the one-step
TUNEL apoptosis assay kit (KeyGen Biotech, Nanjing,
China) according to the manufacturer’s instructions. In brief,
the sections were regularly hydrated and immersed in 1%
Triton X-100 followed by being incubated with proteinase
K solution for 30 minutes. And the sections were reacted
with TdT solution for 1 hour and then streptavidin-
TRITC solution for 30 minutes in a humidified and dark
chamber, respectively. Finally, DAB detection kit was used
to stain the sections to observe and analyze apoptotic cells
by a pathologist in a blinded manner.

2.5. MDA, GSH-Px, Total SOD (tSOD), ROS, and CAT
Determination. According to our previous study [10], we
choose some marker routine laboratory indexes of oxidative
stress as malondialdehyde (MDA), glutathione peroxidase
(GSH-Px), total superoxide dismutase (tSOD), and catalase
activity (CAT) were conducted. The content of MDA,
GSH-Px, total tSOD, and CAT in the bladder tissues was
measured according to the manufacturer’s protocols of the
assay kit of MDA, tSOD, GSH-Px, and CAT (Nanjing
Jiancheng Bioengineering Institute, Nanjing, China). Briefly,
the maximum absorbance was at 532nm based on thiobarbi-
turic acid (TAB) method to detect MDA level, the tSOD
activity was measured based on the combination of xanthine
and xanthine oxidase and the absorbance was read at 550nm,
and the GSH-Px activity assay was performed using the
enzyme-catalyzed reaction product (reduced glutathione)
and the absorbance was recorded at 412nm. To measure
the CAT activity, hydrogen peroxide reacted with ammo-
nium molybdate, and the absorbance at 405 nm was then
detected. Considering accumulation of reactive oxygen spe-
cies (ROS) occurs and leads to functional alterations and
pathological conditions such as a bladder dysfunction devel-
oped with age [6, 14, 15]; ROS was also detected in our study.
According to the procedure of the ROS assay kit (Sigma-
Aldrich, MO, USA), DCFDA was used as fluorescent probe
following by washing using assay buffer. Immediately after
the excitation at a wavelength of 485nm, the absorbance is
read at 535nm.

2.6. Western Blotting. Total protein was extracted from
frozen bladder tissues selected randomly from each group
(n = 3) by trypan blue in RIPA buffer containing protease
inhibitors. Muscle lysates were centrifuged at 10000×g/min
at 4°C for 10min, and the supernatant was collected and used
as total protein extracts. The nuclear protein was extracted

according to the manufacturer’s instructions of nuclear
protein extraction kit (Beyotime Institute of Biotechnology,
Shanghai, China). Following the steps outlined below, blad-
der tissues were cut in pieces and homogenized in cytoplasm
protein extraction reagent containing protease inhibitors, the
lysates were centrifuged (10000×g/min) at 4°C for 5min, and
then the precipitation was collected and mixed with nucleo-
protein extraction reagent for 30min on ice; after the lysates
were centrifuged (10000×g/min) at 4°C for 10min, the
supernatant was collected and used as nuclear protein
extracts. Protein concentrations were measured using BCA
protein assay kit (Thermo Scientific, MA, USA). The samples
were run on 10% SDS-polyacrylamide gels (20μg/lane), and
then, proteins were transferred to PVDF membranes by elec-
troblotting (200mA). PVDF membranes were incubated in
5% BSA for 2 hours at room temperature, followed by three
5 minutes washing in TBST. The PVDF membranes were
then incubated overnight at 4°C with anti-Nrf2 (1 : 1000),
HO-1 (1 : 1000), NQO1 (1 : 1000), Caspase-3 (CST, Danvers,
MA, USA) (1 : 1000), GAPDH (CST, Danvers, MA, USA)
(1 : 2000), and Lamin-B (CST, Danvers, MA, USA)
(1 : 2000) antibodies. GAPDH and Lamin-B were used as
internal normalizer. Then, the membranes were washed
for 10min three times in TBST and incubated with IgG-
HRP antibody (1 : 2000) for 2 hours and finally examined
by chemiluminescence.

2.7. Statistical Analysis. The values were presented as
mean± SD. SPSS 17.0 was used to evaluate the difference.
Differences between groups were analyzed using one-way
ANOVA with P < 0 05 considered significant.

3. Results

3.1. EGCG Ameliorated Voiding Dysfunction Induced by
BOO. The cystometry results in each group are showed in
Table 1 which were obtained according to the urodynamic
curve (Figure 1). The voiding pressure was significantly
increased in obstructed rats compared with sham rats. The
peak voiding pressure in obstructed rats with EGCG
treatment is higher than obstructed rats at the 4-week time
point. Bladder capacity was significantly higher in BOO rats
compared with sham rats. Rats in the BOO+EGCG group
showed the highest bladder capacity among all groups.
Bladder compliance decreased significantly at the 4-week
time point after BOO. EGCG may rescue the compliance
deterioration through increasing bladder capacity. It was
found that the interval of micturition was shorter in BOO

Table 1: Outcomes of cystometric parameters in conscious rats.

Sham BOO BOO+EGCG

Peak voiding pressure 23.54± 2.13 42.4± 1.44∗ 55.16± 2.6∗#

Capacity (ml) 1.15± 0.31 3.33± 0.38∗ 4.12± 0.49∗

Compliance (μl/cm H2O) 24.37± 3.12 13.17± 3.26∗ 21.36± 2.75#

Micturition interval (min) 3.67± 0.64 2.07± 0.47∗ 3.03± 1.41∗#
∗Significantly different versus the sham group (P < 0 05). #Significantly different versus the BOO group (P < 0 05).
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rats than in sham rats, and the micturition interval in
BOO+EGCG rats was significantly increased compared
to BOO rats.

3.2. Effect of EGCG in Bladder Detrusor of BOO Rats on
Histological Changes. As showed in Figure 2(a), EGCG had
some protective effect on BOO bladder based on H&E

staining. BOO caused obvious histological changes, such as
the structural damage of detrusor smooth muscle while treat-
ment with EGCG significantly alleviated these histological
changes in the bladders of BOO rats. The area ratio of colla-
gen fibers was 10.77± 2.39, 32.53± 4.15, and 23.41± 3.53 in
the sham group, BOO group, and BOO+EGCG group,
respectively (Figure 2(c)). EGCG suppressed collagen fibers
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Figure 1: Effect of EGCG on urodynamic changes in conscious rats.
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Figure 2: Effect of EGCG on bladder histological changes in BOO rats. Original magnification ×100. H&E (a) and Masson trichrome (b)
staining in the sham, BOO, and BOO+EGCG bladders and (c) the percentage of collagen fibers in muscular layer in the sham, BOO, and
BOO+EGCG bladders; ∗P < 0 05, n = 6 versus the sham group; #P < 0 05, n = 6 versus the BOO group.
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in the BOO+EGCG group as compared with that in the
BOO group (Figure 2(b)).

3.3. EGCG Attenuated Oxidative Stress in the Bladder of BOO
Rats. To evaluate the level of oxidative stress, we measured
the content of MDA, SOD, GSH-Px, CAT activity, and
ROS. As showed in Figure 3(a), the content of MDA in the
bladder was significantly increased in BOO rats compared
with sham rats (2.81± 0.58 versus 1.52± 0.33). Compared

with BOO rats, EGCG treatments significantly inhibited
MDA level increase induced by BOO (1.81± 0.37 versus
2.81± 0.58). The activities of tSOD and GSH-Px had some
content of decrease in BOO rats compared with sham rats
(89.65± 10.70 versus 108.06± 11.88; 174.71± 11.68 versus
218.18± 12.44), respectively. However, EGCG treatment
could significantly increase the tSOD and GSH-Px activities
in BOO rats (Figures 3(b) and 3(c)). As compared with sham
rats, CAT activity significantly decreased in the BOO group
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Figure 3: Effect of EGCG on oxidative stress in the bladder of BOO rats. (a) MDA level in the bladder of the three groups, ∗P < 0 05 versus the
sham group, n = 6; #P < 0 05 versus the BOO group, n = 6. (b) The activity of total SOD in the bladder of the three groups, ∗P < 0 05 versus
the sham group, n = 6; #P < 0 05 versus the BOO group, n = 6. (c) The activity of GSH-Px in the bladder of the three groups, ∗P < 0 05 versus
the sham group, n = 6; #P < 0 05 versus the BOO group, n = 6. (d) The activity of CAT in the bladder of the three groups, ∗P < 0 05 versus the
sham group, n = 6; #P < 0 05 versus the BOO group, n = 6. (e) The relative activity of ROS in the bladder of the three groups, ∗P < 0 05 versus
the sham group, n = 6; #P < 0 05 versus the BOO group, n = 6.
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(P < 0 05), which was upregulated by EGCG, even com-
pared with the sham group (Figure 3(d)). In contrast to
CAT, ROS was increased in the BOO group as compared
with the sham group, and EGCG decreased it significantly
(P < 0 05) (Figure 3(e)).

3.4. EGCG Inhibited Cell Apoptosis and Prompted
Proliferation in the Bladder of BOO Rats. TUNEL staining
was performed to explore the effect of EGCG on the cell
apoptosis of the bladder in BOO rats. The number of apopto-
tic cells in the bladder of BOO rats was markedly increased
compared with sham rats (p < 0 01), whereas EGCG treat-
ment significantly decreased the number of apoptotic cells
in the bladder of BOO rats (p < 0 05) (Figures 4(a) and
4(b)). Western blotting showed that the caspase-3 expression
was significantly increased in the bladder of BOO rats;
however, the expression of caspase-3 was decreased in
BOO+EGCG rats (Figure 4(c)) which was in accordance
with the result of TUNEL staining. Moreover, the expres-
sion of PCNA measured by the immunohistochemical
staining showed that EGCG caused significantly increase
on cell proliferation in the BOO+EGCG group compared
with the BOO group (Figure 4(d)).

3.5. EGCG Affected Protein Expression of the Nrf2-ARE
Pathway. Considering that Nrf2 is a vital mediator in regulat-
ing cellular antioxidative response, we explored the effect of
EGCG on Nrf2 and its downstream target proteins in our
study. The expression of Nrf2 measured by immunohisto-
chemical staining was significantly higher in the muscular
layers of the bladder in the BOO+EGCG group compared
with the BOO group (Figure 5(a)). The expression of Nrf2
in the cell (t-Nrf2) and nucleus (n-Nrf2) was also measured
by Western blotting. It is shown in Figures 5(b) and 5(c) that
Nrf2 expression (t-Nrf2 and n-Nrf2) was significantly
increased in the bladder of the BOO+EGCG group com-
pared with the BOO group, and the t-Nrf2 was increased in
the bladder of the BOO group compared with the sham
group. It was worth noting that our results demonstrated
the expression of Nrf2 was mainly located in the nucleus of
the bladder cells while the expression of Nrf2 in the nucleus
showed no significant difference between the BOO group
and the sham group. We then detected the expression of
Nrf2’s downstream target proteins as HO-1 and NOQ1 to
investigate its antioxidative function. Our data indicated that
the expression of HO-1 was increased in the BOO+EGCG
group compared with the BOO group, which was consistent
with the result of n-Nrf2 expression (Figures 5(d) and 5(e)).
The level of NQO1 in the BOO group was higher than that
in the sham group, but lower than that in the BOO+EGCG
group (Figure 5(f)).

4. Discussion

As investigated in animal models, chronic bladder ischemia
might produce oxidative leading to denervation of the blad-
der and the expression of tissue-damaging molecules in the
bladder wall, which could be responsible for the development
of bladder hyperactivity progressing to bladder underactivity

[16, 17]. It is also suggested that oxidative stress plays a
critical role in bladder outlet obstruction-mediated bladder
dysfunction [16, 17]. BOO-induced bladder remodeling in a
rat model is similar to that in patients with BPH who
suffered from bladder outlet obstruction. It was showed in
our previous study that rats of BOO model were useful
models to explore structural and functional alterations in
the bladder [10]. Therefore, exploring good ways to reduce
oxidative stress of bladder caused by BOO has been
considerably attractive.

EGCG is a major catechin in green tea with functions
of antioxidant, antiproliferative, anti-inflammatory, and
attenuating metabolic syndrome, without adverse effects
[18, 19]. Hsieh et al. reported that EGCG can attenuate the
prostate enlargement in BPH rats accompanied with meta-
bolic syndrome induced by high-fat diet combined with
testosterone injection [10]. For human, according to reports
in the literature, ten days’ repeated administration of oral
doses of EGCG of up to 800mg per day was found to
be safe and very well tolerated. The content of EGCG in
green tea is about 10%. No obvious side effects occur in
the amount of 20 cups of green tea per day [20]. In the
present study, we investigated the effect of EGCG on
BOO-induced bladder dysfunction in vivo and the daily
intraperitoneal injection dose (5mg/kg EGCG) was used
which was similar to the dose that has been proved effective
in other’s study [10, 21].

We performed urodynamic studies in conscious rats of
BOO to accurately reflect the real situation. The cystometric
parameters such as bladder capacity, maximal pressure,
compliance, and micturition interval were measured; we
found that the micturition interval, capacity, and compliance
were significantly increased, and the peak voiding pressure
had some extent of increase by treatment with EGCG in
BOO rats. The histological staining showed that bladder
smooth muscle bundles were severely damaged and collagen
deposition was increased in BOO rats. This increase of
collagen deposition was suppressed by EGCG treatment for
4 weeks in BOO model rats. Our results indicated that there
is an inverse relationship between bladder compliance and
collagen fibers, and EGCG could protect bladder from
BOO-induced dysfunction and morphological damage.

In order to investigate antioxidant activity of EGCG in
the bladder of BOO rats, we measured MDA level of bladder
tissue in the three groups. MDA level is used as an indicator
of lipid peroxidation, as lipids in the cell membrane are
destroyed to generate MDA in an amount proportional to
the degree of tissue destruction. Our results showed that
BOO significantly increased the level of MDA in the bladder.
It was also showed in our results that the increase in the level
of MDA was significantly reduced in BOO rats treated with
EGCG which corresponds with other antioxidants [9]. We
found that the activities of some redox status markers, such
as GSH-Px and total SOD, were significantly decreased in
the BOO group compared with the sham group which is
similar to the forecast result and other literature [10], and
EGCG significantly enhanced the activities of these markers
in BOO rats. Our data also showed that EGCG could upreg-
ulate CAT activity and downregulate ROS induced by BOO
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Figure 4: Effect of EGCG on cell apoptosis and proliferation in BOO rats. (a) TUNEL staining showed the cell apoptosis level of the bladder in
all the three groups. (b) The statistical results of TUNEL staining in the three groups. ∗P < 0 01, n = 6 versus the sham group; #P < 0 01, n = 6
versus the BOO group. (c) The protein expression of caspase-3 in the bladder of the three groups. (d-e) The statistical results of PCNA in the
bladder of the three groups using immunohistochemical staining to show cell proliferation. ∗P < 0 05 versus the sham group; #P < 0 05 versus
the BOO group. Original magnification ×200 for TUNEL and immunohistochemical staining.
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Figure 5: Effect of EGCG on protein expression of the Nrf2-ARE pathway. (a) The immunohistochemical staining of Nrf2. Protein
expression of total Nrf2 (t-Nrf2) and nuclear Nrf2 (n-Nrf2) in the bladder of the three groups measured by Western blotting is shown in
(b) and (c). The protein expression of HO-1 measured by immunohistochemical staining and Western blotting in the bladder of the three
groups is shown in (d) and (e). (e) The protein expression of NQO1 in the bladder of the three groups. ∗P < 0 05 versus the sham group;
#P < 0 05 versus the BOO group.
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compared with the sham group. It was worth noting that
increase of CAT activity in bladder tissue of BOO rats
after 4 weeks was similar to our previous study [22], while
not all match the other report that CAT activity increased
after 2–4 weeks of obstruction, but it decreased markedly
in the rabbit bladder with decompensation 8 weeks after
partial bladder outlet obstruction (PBOO) [7], which need
us to further explore. All the results may indicate that
EGCG could alleviate oxidative stress by increasing the
activities of antioxidative enzymes in BOO rats.

It is well known that cell apoptosis plays a vital role in
leading to bladder dysfunction in BOO model. In our study,
TUNEL staining results manifested that a significant reduc-
tion of the number of apoptotic cells was found in the
treatment of EGCG in BOO rats; it is also found that the
expression of caspase-3 in the bladder was decreased in
BOO rats when treated with EGCG. These results suggested
that EGCG as an antioxidant might protect bladder against
BOO-induced apoptosis via decreasing the expression of
caspase-3. Meanwhile, the effect of EGCG on cell prolifera-
tion by PCNA staining was also measured. Results showed
that the cell proliferation level was significantly higher in
the bladder of BOO rats with EGCG treatment.

EGCG reported recently can exert a protective effect on
rats with obstructive nephropathy by activating the Nrf2
signaling pathway. The H2O2-exposed hMSCs showed cellu-
lar senescence with significantly increased protein levels of
acetyl-p53 and acetyl-p21 in comparison with the control
hMSCs which was prevented by pretreatment with EGCG
[21, 23]. By contrast, in Nrf2-knockdown hMSCs, EGCG lost
its antioxidant effect, exhibiting high levels of acetyl-p53 and
acetyl-p21 following EGCG pretreatment and H2O2 expo-
sure. This indicates that Nrf2 may be involved in the antise-
nescent effect of EGCG in hMSCs [10]. Taken together, these
findings suggested the important role of EGCG in preventing
oxidative stress-induced cellular senescence and apoptosis
through Nrf2 activation. Antioxidants could ameliorate
bladder dysfunction in BOO rats according to our previous
study [10]; the effect of EGCG on ameliorating bladder
dysfunction in BOO model and changing the Nrf2-ARE sig-
naling pathway was investigated in present study. By immu-
nohistochemical staining and Western blotting, we found
that the expression of Nrf2 protein in the bladder of BOO
rats with EGCG treatment was significantly increased
compared to BOO rats. In addition, the level of Nrf2 in the
nucleus was markedly increased in the BOO rats when
treated with EGCG. The result indicated that EGCG could
promote the transportation of Nrf2 into nucleus and the
transcription of its target antioxidant genes. We next mea-
sured the expression level of HO-1 and NQO1, the down-
stream genes of Nrf2-ARE pathway by Western blotting.
The levels of HO-1 and NQO1 increased significantly in
BOO rats after EGCG treatment. Above all, our study sug-
gested that EGCG could promote Nrf2’s translocation into
the nucleus and the expression of its target antioxidant genes,
which ameliorated the oxidative stress in BOO rats.

In conclusion, our study suggested that EGCG has signif-
icant protective effects against oxidative stress and could
ameliorate bladder dysfunction which may be activation of

the Nrf2-ARE pathway and suppressing cellular apoptosis
in the bladder of BOO rats.
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Insulin resistance (IR), a key component of the metabolic syndrome, precedes the development of diabetes, cardiovascular disease,
and Alzheimer’s disease. Its etiological pathways are not well defined, although many contributory mechanisms have been
established. This article summarizes such mechanisms into the hypothesis that factors like nutrient overload, physical inactivity,
hypoxia, psychological stress, and environmental pollutants induce a network of cellular stresses, stress responses, and stress
response dysregulations that jointly inhibit insulin signaling in insulin target cells including endothelial cells, hepatocytes,
myocytes, hypothalamic neurons, and adipocytes. The insulin resistance-inducing cellular stresses include oxidative, nitrosative,
carbonyl/electrophilic, genotoxic, and endoplasmic reticulum stresses; the stress responses include the ubiquitin-proteasome
pathway, the DNA damage response, the unfolded protein response, apoptosis, inflammasome activation, and pyroptosis, while
the dysregulated responses include the heat shock response, autophagy, and nuclear factor erythroid-2-related factor 2 signaling.
Insulin target cells also produce metabolites that exacerbate cellular stress generation both locally and systemically, partly
through recruitment and activation of myeloid cells which sustain a state of chronic inflammation. Thus, insulin resistance may
be prevented or attenuated by multiple approaches targeting the different cellular stresses and stress responses.

1. Introduction

The hormone insulin plays an important role in maintaining
physiological levels of blood glucose, through various effects
on insulin target cells. In endothelial cells, it promotes the
release of nitric oxide and endothelin, which, respectively,
promote vasodilation and vasoconstriction, and the com-
bined vasodilatory and vasoconstrictive effects improve the
distribution of blood glucose to target organs such as skeletal
muscles [1]. It promotes glycogen synthesis in hepatocytes,
skeletal myocytes, and adipocytes [2, 3], downregulates the
expression of gluconeogenetic enzymes in hepatocytes, and
promotes glucose uptake through the GLUT 4 receptor in
skeletal myocytes and adipocytes [2, 3]. In specific types of
hypothalamic neurons, it inhibits the expression of orexi-
genic neuropeptides such as neuropeptide Y (NYP) or
agouti-related peptide (AgRP) and thereby contributes to
decreased food intake [4–8]. Insulin also inhibits food intake
by promoting expression of anorexigenic neuropeptides such

as proopiomelanocorticotropin (POMC) and cocaine- and
amphetamine-regulated transcript (CaRT) in the arcuate
nucleus, which together promote the activity of α-melano-
cyte-stimulating hormone in neurons in the paraventricular
nucleus (4–8). Besides inhibiting AgRP synthesis, insulin-
induced hyperpolarization of the AgRP-expressing arcuate
neurons reduces the firing rate of these neurons and results
in the generation and transmission of signals from the motor
nucleus of the vagus nerve to the liver, resulting in increased
hepatic interleukin 6 (IL-6) production, IL-6-mediated acti-
vation of signal transducer and activator of transcription 3
(STAT-3), and STAT-3-mediated decrease in the expression
of gluconeogenic genes such as glucose-6-phosphatase and
phosphoenol pyruvate carboxykinase (PEPCK) [9–12].

Insulin resistance refers to a condition in which insulin-
responsive cells undergo a less than normal response to insu-
lin, such as a reduced activation of endothelial nitric oxide
synthase in endothelial cells [13]. It involves disruption of
specific events in the insulin signaling pathways. Insulin
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signaling begins with insulin binding to the insulin receptor
(IR), a receptor tyrosine kinase, which then undergoes auto-
phosphorylation of various intracellular tyrosine residues,
resulting in the recruitment and tyrosine phosphorylation
of adaptor proteins including insulin receptor substrates
(IRS) such as IRS1 and IRS2 (Figure 1).

Signaling downstream of IRS occurs by several path-
ways (Figure 1). One such pathway sequentially involves
activation of phosphatidyl inositol 3-kinase (PI3K); conver-
sion of phosphatidyl inositol 4,5-biphosphate (PIP2) to
phosphatidyl inositol 3,4,5-triphosphate (PIP3); recruitment
of Akt (protein kinase B (PKB)) to the plasma membrane;

phosphorylation of Akt by 3-phosphoinositide-dependent
kinase-1 (PDK 1) and mammalian target of rapamycin com-
plex 2 (mTORC 2); and Akt-mediated phosphorylation of a
number of downstream protein substrates that induce effects
such as activation of glycogen synthase (GS) in adipocytes,
skeletal myocytes, and hepatocytes, translocation of glucose
transporter 4 (GLUT 4) to the plasma membrane of adipo-
cytes and skeletal myocytes, phosphorylation of the fork-
head transcription factor (FOXO 1) to inhibit expression
of gluconeogenic enzymes in hepatocytes, or activation of
endothelial nitric oxide synthase in endothelial cells [1–3, 13]
(Figure 1). Akt also activates mTORC 1 which not only is
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Figure 1: Insulin signaling pathways via the insulin receptor (IR) and insulin receptor substrates (IRS) [1–4, 9–12]. ERK: extracellular
signal-regulated kinase; eNOS: endothelial nitric oxide synthase; FOXO: forkhead box O transcription factor; GLUT 4: glucose transporter 4;
Grb2-SOS: growth factor receptor-bound 2- (Grb2-) son of sevenless (Sos) protein complex; GS: glycogen synthase; GSK3: glycogen synthase
kinase 3; IL-6: interleukin 6; MEK: MAPK (mitogen-activated protein kinase)/ERK kinase; mTORC 2: mammalian target of rapamycin
2; NO: nitric oxide; PDK 1: 3-phosphoinositide-dependent kinase-1; PIP2: phosphatidyl inositol 4,5-biphosphate; PIP3: phosphatidyl
inositol 3,4,5-triphosphate; STAT-3: signal transducer and activator of transcription 3.
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involved in feedback inhibition of IRS but also inhibits
synthesis of orexigenic neuropeptides by hypothalamic
neurons (not shown) [14].

In another pathway which involves orexigenic (AgRP-
producing) hypothalamic neurons, PI3K promotes opening
of ATP-sensitive K+ channels, resulting in sequential hyper-
polarization of these neurons, transmission of signals from
the vagus nerve to the liver, increased hepatic IL-6 synthesis,
activation of STAT-3, and decreased expression of gluco-
neogenic enzymes (Figure 1) [9–12]. On the other hand,
insulin-mediated upregulation of the production of anorexi-
genic neuropeptides by hypothalamic neurons proceeds
through IRS-mediated activation of the growth factor
receptor-bound 2- (Grb2-) son of sevenless (Sos) protein
complex (Grb2-Sos) and downstream activation of the
Ras-Raf-MEK-ERK pathway [4]. In endothelial cells, ERK
promotes the synthesis of endothelin-1 [1].

Because insulin resistance contributes to the develop-
ment of noncommunicable diseases such as diabetes, cardio-
vascular disease, fatty liver disease, Alzheimer’s disease, and
impaired lung function [12, 13, 15–18], much effort has been
directed toward understanding the mechanisms of its patho-
genesis through studies involving cell cultures, animal
models, and clinical studies. Cell cultures of hepatocytes, adi-
pocytes, skeletal muscle cells, endothelial cells, or neurons
incubated with palmitate or high sugar concentrations
develop insulin resistance [19–26]. Some of the cellular
events and mechanisms that have been shown to be involved
in the development of insulin resistance in these cells both
in vitro and in vivo include (i) toll-like receptor 4 (TLR4)
and associated inhibitor of kappa B kinase- (IKK-) nuclear
factor kappa B (NF-κB) signaling [27–31]; (ii) advanced
glycation end products (AGEs) or uric acid-induced recep-
tor for AGE (RAGE) signaling via NF-κB [30, 32–34]; (iii)
oxidized low-density lipoprotein- (oxLDL-) mediated RAGE
or Lox-1 signaling and the resultant activation of NF-κB and
formation of peroxynitrite [30, 35, 36]; (iv) upregulation of
NADPH oxidase (Nox) expression and activity [20, 21, 30,
37–39]; (v) increased mitochondrial reactive oxygen species
(ROS) generation [30, 40]; (vi) upregulation of inducible
nitric oxide synthase (INOS) [30, 41–43]; (vii) increased
diacylglycerol synthesis [30, 44]; (viii) increased ceramide
synthesis [30, 45, 46]; (ix) activation of protein kinase C
(PKC) isoforms [30, 37, 47]; (x) activation of mitogen-
activated protein kinases (MAPKs) such as c-Jun N-terminal
kinase (JNK), p38 MAPK, and extracellular signal-regulated
kinase (ERK) [20, 28, 30]; (xi) endoplasmic reticulum
stress and the unfolded protein response [30, 43, 48–50];
(xii) dysregulation of the heat shock response [51–53]; (xiii)
autophagy dysregulation [54]; (xiv) apoptosis [55]; (xv) p53
activation [56]; and (xvi) inflammasome activation [57, 58].
Thus, insulin resistance is regarded as a complex disorder
that defies a single etiological pathway [59].

This review summarizes the above mechanisms into a
unifying hypothesis that the pathogenesis of insulin resis-
tance involves generation of oxidative stress, nitrosative
stress, carbonyl stress, endoplasmic reticulum stress, and
genotoxic stress through interconnected pathways; induction
of various responses to these stresses, such as the unfolded

protein response (UPR), the ubiquitin proteasome pathway
(UPP), DNA damage response (DDR), the NRLP3 inflam-
masome, and apoptosis; and the dysregulation of stress
responses such as autophagy, heat shock response, and
nuclear factor erythroid-2-related factor 2 (Nrf2) signaling
in insulin target cells (as exemplified in Figure 2). Each of
the stresses, stress responses, and stress response dysregula-
tions contributes to insulin resistance in multiple ways.

2. Pathways to Cellular Stresses in Insulin
Target Cells

2.1. Pathways to Oxidative and Nitrosative Stresses in
Response to Overnutrition, Physical Inactivity, Hypoxia,
Psychological Stress, or Environmental Pollutants. As illus-
trated in Figure 2, cell surface receptors such as the TLR4,
RAGE, Lox-1, and angiotensin receptor type 1 (AT1) are
involved in signaling pathways that generate oxidative stress
and nitrosative stress.

A high-fat or high-fructose diet promotes the growth
of gram-negative bacteria in the colon, resulting in endo-
toxemia and the release of enteric lipopolysaccharide (LPS)
into blood plasma [60, 61]. LPS is a direct ligand for TLR4
and induces TLR4-dependent oxidative stress and inhibi-
tion of insulin signaling in both peripheral insulin target
cells and hypothalamic neurons [28, 30, 62, 63]. TLR4 sig-
naling via MyD88 and IRAK 4 leads to the activation of
IKK [28, 30, 64]. One of the most important targets of
IKK activation is NF-κB, which, for example, was found
to be essential for palmitate-induced insulin resistance in
C2C12 skeletal muscle cells [65]. NF-κB induces expression
of protein tyrosine phosphatase B (PTPB), a negative regula-
tor of the insulin receptor [66] and proinflammatory genes
such as tumor necrosis factor-α (TNF-α), interleukin 1β
(IL-1β), and interleukin 6 (IL-6) [67]. It also upregulates
the expression of Nox and iNOS, which produce superoxide
anions (O2

−) and nitric oxide (NO), respectively [28–30, 68,
69]. Superoxide anions are rapidly converted to hydrogen
peroxide (H2O2) by superoxide dismutase (SOD) [70].
Superoxide anions also rapidly react with NO to form perox-
ynitrite (OONO−) [70], which reacts with hydrogen peroxide
(H2O2) to form singlet oxygen (1O2) [30, 71], which in turn
reacts with biomolecules such as lipids and proteins to form
organic hydroperoxides (ROOH) [30]. Excessive production
of reactive oxygen species (ROS) such as superoxide anions,
hydrogen peroxide, organic hydroperoxides, and singlet
oxygen results in oxidative stress when the ROS outweigh
the cellular antioxidant capacity [72]. Likewise, excessive
formation of peroxynitrite results in nitrosative stress.
NF-κB-dependent induction of iNOS and Nox may further
contribute tomitochondrial oxidative and nitrosative stresses.
This is because, even whenH2O2 andNO are generated extra-
mitochondrially, they readily enter the mitochondria and
induce electron leakage from the electron transport chain
(ETC), thus promoting the generation of mitochondrial
superoxide anions, H2O2, peroxynitrite, singlet oxygen, and
lipid hydroperoxides [30, 70].

The nonenzymatic reaction of sugars with proteins
(Maillard reaction) leads to the formation of hydrogen
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peroxide, singlet oxygen, and advanced glycation end prod-
ucts (AGEs) such as glyoxal lysine and methylglyoxal lysine
[73, 74]. AGEs accumulate in plasma and tissues of animals
and humans on diets rich in fructose or preformed AGEs
[75]. AGEs signal via the RAGE receptor to induce activation
of NF-κB via some components of the TLR4 pathway and
thus produce similar effects as LPS, including the induction
of oxidative and nitrosative stresses (Figure 2) [30, 32, 76].

Oversupply of fatty acids to insulin target cells occurs
because of excessive dietary intake, obesity, or muscle
inactivity-associated decrease in beta oxidation of fatty acids
[59, 77, 78]. Palmitate and laurate can induce the activation
of IKK, NF-κB, and oxidative stress independently of LPS
[79–84]. This at least partly involves increased synthesis of
diacylglycerol (DAG), a cofactor of protein kinase C (PKC)
isoforms which activate Nox isoforms and NF-κB [30, 59,

80, 82–85]. Similarly, exposure of endothelial cells to high
glucose levels results in DAG formation and subsequent
activation of PKC and Nox [80]. The activation of Nox
and NF-κB by PKC isoforms may involve PKC-induced
TLR4 signaling as shown in Figure 2 [30, 64, 81]. How-
ever, DAG-PKC-induced insulin resistance without TLR4
activation has also been reported [84].

Palmitate is a substrate of serine palmitoyl transferase
(SPT) in the first step of the de novo biosynthesis of the
sphingolipid ceramide, an inhibitor of insulin signaling by
multiple mechanisms including activation of protein phos-
phatase 2A (PP2A) and PKC-ζ, which promote dephosphor-
ylation of Akt or serine phosphorylation of IRS, respectively
[45, 81, 86, 87]. Long-term ceramide action also promotes
serine phosphorylation of IRS via sequential activation of
the double-stranded RNA-activated protein kinase (PKR)
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Figure 2: Pathways to interconnected cellular stresses, stress responses, and stress response dysregulations that contribute to insulin
resistance in insulin target cells exposed to excess nutrients (sugars or fatty acids such as palmitate), angiotensin II (Ang II), or bacterial
lipopolysaccharide (LPS). ALDR: aldose reductase; AGE: advanced glycation end product; AT1: angiotensin receptor type 1; DAG:
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contribute to insulin resistance by multiple mechanisms as described in the text. Insulin resistance may occur because of the combined
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and JNK [88]. Palmitate-induced TLR4-IKK signaling pro-
motes ceramide biosynthesis by upregulating the synthesis
of SPT and ceramide synthases (Figure 2) [81, 86]. Ceramide
is an important contributor to oxidative stress. It induces
mitochondrial superoxide anion and H2O2 generation by
blocking the electron transport system at complex III [89].
Mitochondrial superoxide anions generated in this manner
induce opening of the mitochondrial permeability transition
pore, allowing mitochondrial ROS to move into the cyto-
plasm [90]. Some mechanisms by which ceramide induces
insulin resistance, such as apoptosis induction, JNK activa-
tion, and mitochondrial fission, depend on such ceramide-
induced oxidative stress [91–95]. ROS and NO promote
mitochondrial fission, which in turn promotes ROS forma-
tion through cytochrome c oxidase [96, 97].

In a recent clinical trial, a high-saturated-fat diet increased
the serum concentrations of angiotensin-converting enzyme
(ACE) independently of weight gain [98]. In the classical
renin-angiotensin system (RAS), ACE converts angiotensin I
to the active angiotensin II which signals via angiotensin
receptors 1 and 2 (AT1 and AT2) [99] and TLR4 to induce
NF-κB activation, mitochondrial fission, and insulin resis-
tance in skeletal muscle cells, vascular smooth muscle cells,
and endothelial cells [31, 99–104]. Angiotensin II signaling
upregulates xanthine oxidase protein expression and activity
in a Nox-dependent manner in endothelial cells [105]. Fur-
thermore, it activates 12-lipoxygenase, whose product, 12-
hydroxyeicosatetraenoic acid (12-HETE), induces NF-κB in
endothelial cells and aldosterone in adrenal glomerulosa cells
[106, 107]. Aldosterone levels increase in humans during obe-
sity, and this hormone correlates with insulin resistance

independently of the bodymass index [108, 109]. Aldosterone
increases superoxide production in endothelial cells though
mineralocorticoid receptor- (MR-) mediated activation of
Nox and Rac 1 [110]. It also promotes MR-induced de novo
ceramide synthesis in these cells [111]. This adrenal hormone
readily enters the brain, such that its levels in the brain are
directly proportional to its plasma levels in rats [112]. It acti-
vates the hypothalamic renin-angiotensin system and associ-
ated oxidative stress in hypothalamic neurons [112, 113].

Psychological stress (PS) is another major inducer of
oxidative stress and insulin resistance [114–116]. This is
partly through increased production of aldosterone [109],
angiotensin II [117], and glucocorticoids such as cortico-
sterone and cortisol (Figure 3) [118–120]. Glucocorticoids
upregulate the expression of SPT and ceramide synthases
and thus contribute to ceramide-mediated oxidative stress
and insulin resistance [121, 122]. They have a higher affinity
for the mineralocorticoid receptor than for the glucocorticoid
receptor, and theirbinding to the former increasesNoxexpres-
sion in adipocytes [123]. PS also contributes to LPS-induced
oxidative stress and insulin resistance by promoting colonic
barrier permeability and the translocation of bacteria and
LPS from the intestinal lumen to the blood [124]. Chronic
peripheral administration of corticotropin-releasing factor
was demonstrated to cause such colonic barrier dysfunc-
tion in rats [125]. This involves glucocorticoid-mediated
downregulation of the intestinal epithelial tight junction
protein, claudin 1 [126].

Chronic activation of the sympathetic nervous system
and the associated increase in catecholamines such as epi-
nephrine and norepinephrine are another hallmark of PS
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Figure 3: Psychological stress-dependent pathways to oxidative and nitrosative stresses. Psychological stress activates the renin-angiotensin-
aldosterone system (RAAS), the hypothalamic-pituitary-adrenal axis (HPA), and the sympathetic adrenomedullary system (SAS), leading to
increased availability of angiotensin II (Ang II), aldosterone, glucocorticoids, catecholamines, and free fatty acids which induce oxidative and
nitrosative stresses in insulin target cells [109, 117–120, 127, 128]. Glucocorticoids and aldosterone promote de novo ceramide synthesis in
endothelial cells and may thereby contribute to plasma ceramides [111, 121–123]. Glucocorticoids also increase colon epithelial barrier
permeability and thus increase circulating LPS [124–126]. Angiotensin II, glucocorticoids, aldosterone, and catecholamines upregulate
Nox activity in various insulin target cells [105, 110, 130, 132].
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[127]. These catecholamines contribute to insulin resistance
in the heart by activating β-adrenergic receptors (β-AR)
[128]. Activation of β-AR induces oxidative stress in cardio-
myocytes, adipocytes, and endothelial cells, at least partly by
β2-AR-mediated upregulation of Nox [128–132]. The β3-AR
activates hormone-sensitive lipase in adipocytes and thus
promotes accumulation of free fatty acids and the associated
increase in ceramide synthesis and MAPK activation [133].
AR stimulation inhibits adiponectin gene expression in adi-
pocytes via protein kinase A [134], and this should further
promote ceramide accumulation and ceramide-dependent
oxidative stress because adiponectin increases ceramidase
activity [135].

Mountain climbing or obstructive sleep apnea (OSA)
induces insulin resistance, and this is associated with
hypoxia-induced oxidative and nitrosative stresses [136,
137]. OSA worsens during periods of rapid weight gain
[138]. Chronic asthma also induces intermittent hypoxia
[139], and an association between asthma and insulin resis-
tance was demonstrated in children and adolescents [18,
140, 141]. Many mechanisms have been reported to be
involved in hypoxia-induced oxidative and nitrosative
stresses. During the switch from normoxia to hypoxia, a
burst of superoxide formation occurs at mitochondrial com-
plex 1 due to deactivation of this complex in cells such as
endothelial cells and neurons [142]. Hypoxia also increases
superoxide formation at mitochondrial complex III [143].
In human umbilical endothelial cells, hypoxia was found to
induce expression of the human circadian locomotor output
cycle protein kaput (hCLOCK), which promoted the pro-
duction of ROS, which in turn promoted Rhoa and NF-κB
signaling [144]. Hypoxia upregulates 12/15-lipoxygenase,
whose metabolites, namely, 13-hydroperoxyoctadecadienoc
acid (13-HPODE), 12-hydroxyeicosatetraenoic acid (12-
HETE), and 15-hydroxy-eicosatetraenoic acid (15-HETE),
activate NF-κB, iNOS, and mitochondrial oxidative stress in
endothelial cells, cardiomyocytes, smooth muscle cells,
neurons, and adipocytes [145–151]. Since 13-HPODE,
12-HETE, and 15-HETE activate PKC isoforms [149, 152,
153], the 12/15-lipoxygenase-dependent, hypoxia-induced
oxidative and nitrosative stressesmay follow the pathway out-
lined in Figure 4.

As indicated in this figure, 15-S-HETE also activates xan-
thine oxidase (XO) in endothelial cells [154]. Such increase in
XO activity occurs during hypoxia [155] and leads to
increased uric acid (UA) formation in lowlanders at high alti-
tude [156]. Uric acid is a promoter of oxidative stress via the
RAGE receptor in endothelial cells [34]. During intermittent
hypoxia, XO-derived ROS activate Nox2 [157]. In addition,
hypoxia increases catecholamine production [158] and, like
psychological stress, has been reported to induce mucosal
barrier failure and endotoxemia in rats and primates [159,
160]. However, a recent study in humans found that hypoxia
increased gut inflammation but not gut permeability [161].

Long-term exposure to traffic-related air pollution was
found to be positively associated with insulin resistance in
children [162]. Particulate matter, ozone, nitrogen oxides,
and transition metals are among the potent oxidants in pol-
luted air that induce endogenous ROS formation and

oxidative stress [163]. Cadmium, a heavy metal pollutant
from industrial plants, which makes its way into the food
chain and induces oxidative stress was recently found to be
positively associated with insulin resistance [164].

2.2. Oxidative Stress Produces Carbonyl Stress and Vice
Versa. Decomposition of lipid hydroperoxides produces
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Figure 4: Pathways for the hypoxia-induced generation of oxidative
and nitrosative stresses through the human circadian locomotor
output cycle protein kaput- (hCLOCK-) mediated 12/15-
lipoxygenase activation [143–150]. 12/15-Lipoxygenase catalyses
the production of ROS in the form of 13-hydroperoxy-
octadecadienoic acid (13-HPODE) from linoleic acid (LA) or
12-hydroperoxy-eicosatetraenoic acid (12-HPETE) and 15-
hydroperoxy-eicosatetraenoic acid (15-HPETE) from arachidonic
acid (AA). 13-HPODE, 12-HPETE, and 15-HPETE are reduced to
the corresponding hydroxy derivatives 13-HODE, 12-HETE, and
15-HETE, respectively. 13-HPODE, 12-HETE, and 15-HETE
activate PKC isoforms [148, 151, 152], which promote activation
of NF-κB, NADPH oxidase (Nox) isoforms, and inducible nitric
oxide synthase (iNOS) [30, 144–150]. iNOS and Nox produce
nitric oxide (NO) and superoxide anions (O2

·−), respectively,
which undergo enzymatic and nonenzymatic reactions that lead to
the formation of other ROS such as hydrogen peroxide and singlet
oxygen, as well as the RNS, peroxynitrite [30]. 15-HETE activates
xanthine oxidase (XO) [154], which catalyses the formation of
both superoxide anions and uric acid, and the latter signals via the
receptor for advanced glycation end products (RAGE) to activate
NF-κB [34].
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reactive carbonyl compounds including acrolein, glyoxal,
methylglyoxal, malondialdehyde, 4-hydroperoxy-2-nonenal,
4-hydroxy-2-nonenal (HNE), 4-oxo-2-nonenal, 2,4-decadie-
nal, and 9-oxo-nonanic acid [165]. Elevated formation of
such products constitutes carbonyl stress. Thus, oxidative
stress, through increased production of lipid hydroperoxides,
promotes carbonyl stress. As mentioned in the previous sec-
tion, methylglyoxal- and glyoxal-derived AGEs promote oxi-
dative stress via the RAGE receptor. Likewise, 4-HNE, one of
the predominant lipid-derived aldehydes formed in insulin-
responsive cells during high-fat or high-glucose diets, pro-
motes the formation of reactive oxygen and nitrogen species
[166]. Cholesterol secosterol aldehydes, which are produced
via the reaction of cholesterol with singlet oxygen or ozone
[30, 167], increase oxidative stress by inactivating catalase
and thus promoting the accumulation of hydrogen peroxide
and lipid hydroperoxides [168].

2.3. Oxidative and Carbonyl Stresses Promote Endoplasmic
Reticulum Stress and Vice Versa. Noncytoplasmic and non-
membrane proteins synthesized at the rough endoplasmic
reticulum (ER) undergo translocation into the ER lumen,
where calcium-dependent molecular chaperones assist their
folding into the correct tertiary structures [169]. The ER cal-
cium transporter, sarco- (endo-) plasmic reticulum Ca2+

ATPase (SERCA), pumps calcium ions into this organelle
and thereby promotes the activity of the molecular chaper-
ones [170, 171]. The reversible S-glutathionylation of SERCA
thiols by NO and peroxynitrite increases SERCA activity, but
the irreversible sulfonation of these thiols by ROS such as
hydrogen peroxide and singlet oxygen causes its inactivation
[30, 170–172]. The ensuing accumulation of unfolded or
misfolded proteins in the ER constitutes ER stress [173]. Car-
bonylation by aldehydes such as acrolein, methylglyoxal,
glyoxal, and HNE also reduces SERCA activity [174, 175].
ER stress leads to enhanced Nox 4 activity in the ER, resulting
in increased hydrogen peroxide formation and oxidative
stress [176]. Such increased ER oxidative stress promotes cal-
cium efflux from the ER and calcium influx into the mito-
chondria, which induces mitochondrial ROS production
and oxidative stress [30, 176]. Thus, there is a vicious cycle
between ER stress and oxidative stress [30, 177].

2.4. Oxidative, Carbonyl, and Nitrosative Stresses Generate
Genotoxic Stress. Oxidative stress, carbonyl stress, and nitro-
sative stress contribute to genotoxic stress by availing geno-
toxic reactive oxygen, carbonyl, and nitrogen species that
modify DNA. ROS react with the nitrogenous bases in
DNA to induce a variety of base modifications. One of the

most common of such modifications is the conversion of
guanine to 8-oxo-7,8-dihydroguanine (8-oxoG), whose levels
in urine have been suggested to be a marker of whole-body
oxidative stress [178, 179]. 8-oxoG is most readily formed
by singlet oxygen, although the hydroxyl radical also contrib-
utes to its formation [180, 181]. Mitochondrial DNA is
exposed to singlet oxygen generated through mechanisms
such as the reaction of peroxynitrite with hydrogen peroxide
or cytochrome c-mediated conversion of cardiolipin hydro-
peroxide to triplet carbonyls in the mitochondria [30].
DNA-damaging hydroxyl radicals may be generated by the
Fenton reaction between DNA-bound Fe2+ and hydrogen
peroxide [182]. 8-oxoG undergoes further oxidative modifi-
cations, as well as crosslinking with lysine to generate
protein-DNA adducts [183]. The reaction of singlet oxygen
or hydroxyl radicals with deoxyribose in DNA generates
single-strand breaks, but double-strand breaks can be gener-
ated when the single-strand breaks occur in close proximity
[178, 184]. Peroxynitrite induces single-strand breaks in
DNA through deoxyribose oxidation or via the formation
of 8-nitroguanine [185]. Reactive carbonyl compounds
derived from the decomposition of lipid hydroperoxides
react with DNA bases to form exocyclic propano- and
etheno-DNA adducts, as recently reviewed [186]. The gly-
coxidation of histone proteins by glyoxal and methylglyoxal
promotes the oxidative generation of DNA strand breaks
[187]. The formation of hydrogen peroxide and singlet oxy-
gen during protein glycoxidation [74] may explain this phe-
nomenon. Genotoxic stress in turn promotes oxidative
stress (Section 3.4).

3. Mechanisms of the Inhibition of Insulin
Signaling by Cellular Stresses

3.1. Oxidative Stress. The oxidative modifications of biomol-
ecules including lipids, nucleic acids, and proteins contribute
to insulin resistance. Some common types of oxidative pro-
tein modifications include hydroperoxidation, glutathionyla-
tion, and sulfonation. As shown in Figure 5, proteins (Pr)
react with singlet oxygen to form protein hydroperoxides
(Pr-OOH). The latter is relatively long lived and inactivates
enzymes even when singlet oxygen is no longer in the system
[188, 189]. Pr-OOHs react with thiol (-SH) groups in other
proteins to form hydroxy proteins (Pr-OH) and protein sul-
fenic acids (Pr-S-OH), and the latter readily reacts with glu-
tathione (GSH) to form glutathionylated proteins (Pr-S-SG)
[190–192]. Hydrogen peroxide also induces protein glu-
tathionylation, analogously to protein hydroperoxides, but

1
2

Pr Pr-OOH PrOH

Pr-SH

GSH H2O

Pr-S— SGPr-S— OH

O

Figure 5: Mechanism of singlet oxygen-mediated protein glutathionylation. Reaction of 1O2 with a protein (Pr) on residues such as
tryptophan and histidine generates a protein hydroperoxide (Pr-OOH). Reaction of Pr-OOH with cysteine residues in other proteins
(Pr-SH) converts the latter to sulfenic acids (Pr-SOH) [189], which readily react with glutathione (GSH) to form glutathionylated
proteins (Pr-S-SG) [190, 191].
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the latter is more reactive [189]. Sulfenic acids (Pr-SOH)
react further with H2O2 to form sulfinic acids (Pr-SO2H),
which react with H2O2 to form sulfonic acids (Pr-SO3H)
[190]. The reaction of superoxide radicals with thiols may
also lead to the conversion of the latter to sulfonates via
persulphenyl derivatives [193]. Ozone or ozone-like oxi-
dants have been suggested to be formed in biological sys-
tems [74, 167]. Ozone largely converts thiolate ions to
sulfonates [194] and was postulated to be an important
contributor to the conversion of methionine sulfoxide to
methionine sulfonate [195].

At low levels, ROS including H2O2 and singlet oxygen
stimulate insulin signaling by the PI3K-Akt pathway through
inhibition of protein tyrosine phosphatase 1B (PTP1B)
which dephosphorylates the insulin receptor [196, 197]. On
the other hand, a high concentration of H2O2 was found to
induce insulin resistance in hepatocytes, and systemic
removal of hydrogen peroxide improved insulin resistance
in obese mice [196, 198]. ROS activate stress-sensitive kinases
which reduce insulin signaling [199], and it was proposed
that at high H2O2 concentrations, JNK activation outweighs
PTP1B inactivation [196].

Activation of JNK and p38 by ROS occurs through the
modification of their regulatory proteins. For example,
MAPK phosphatase 1 deactivates JNK and p38 MAPK by
dephosphorylation, but glutathionylation targets this phos-
phatase for proteosomal degradation [199].

Protein-protein interaction between glutathione S-
transferase P (GSTP) and JNK keeps the latter in an inactive
state, but oxidative modification of the former breaks this
interaction and activates JNK [200, 201]. Another protein
whose oxidative modification promotes insulin resistance is
thioredoxin which, in the native state, binds to and inacti-
vates apoptotic signaling kinase 1 (ASK1), an upstream
activator of both JNK and p38 pathways [202, 203]. While
the release of thioredoxin from ASK would also allow the
former to act as a thiol-reducing antioxidant, oxidative stress
promotes the p38 MAPK- and FOXO-dependent expression
of thioredoxin-interacting protein (TXNIP) [204] and trans-
fer of the latter from the nucleus to the cytoplasm and mito-
chondria, where it binds to thioredoxin 1 and thioredoxin 2,
respectively, and this aggravates oxidative stress [204, 205].
Increased oxidative stress also favors the activatory binding
of TXNIP to the NLRP3 inflammasome [205], a key contrib-
utor to insulin resistance as described in Section 4.5.

Several studies have reported that the inhibition of gly-
colysis in muscle cells induces insulin resistance [206–208],
for example, through a compensatory increase in lipid
uptake [208]. Protein peroxides generated by singlet oxygen
inhibit the glycolytic enzyme glyceraldehyde-3-phosphate
dehydrogenase (GPD) [209]. Besides reduced glycolysis,
GPD inhibition enhances the conversion of dihydroxyace-
tone phosphate to methylglyoxal [210], which is one of
the major reactive carbonyls contributing to insulin resis-
tance (Section 3.3).

Reactive oxygen species such as H2O2 promote Ser637
dephosphorylation of the GTPase, dynamin-related protein
1 (Drp1), resulting in translocation of the latter to the mito-
chondria, where its polymerization into a ring-like structure

induces mitochondrial fission [211], an important contribu-
tor to insulin resistance and oxidative stress [94, 95].

Perhaps one of the greatest contributions of oxidative
stress to insulin resistance is that it generates metabolites that
create positive feedback loops for potentiation of TLR4,
RAGE, and other signaling pathways associated with activa-
tion of NF-κB and insulin signal-inhibiting serine kinases
such as PKC, IKK, JNK, and p38 MAPK. For example, oxida-
tive stress leads to the oxidation of low-density lipoproteins
(LDL), and oxidized LDL (oxLDL) signals via Lox-1, RAGE,
and Fas receptors to activate NF-κB and MAPKs as recently
reviewed [30], and the plasma concentration of oxLDL is
an independent risk factor for insulin resistance [212].

p38 MAPK promotes the expression of aldose reductase
(ALDR) [213], which is subsequently activated by oxidative
modification [214], and makes a major contribution to insu-
lin resistance [215]. ALDR reduces HNE-glutathione adduct
(GS-HNE) to glutathionyl-1,4-dihydroxynonene (GS-HN),
which activates phospholipase C, leading to DAG formation
and the activation of PKC, MAPKs, and NF-κB (Figure 2)
[166, 216]. DAG oxidation also contributes to PKC-
dependent signaling, since DAG hydroperoxide is a more
potent activator of PKC than unoxidized DAG [217]. In the
presence of excess glucose, ALDR catalyses the first reaction
of the polyol pathway, which leads to the production of both
DAG and AGES, thus contributing to signaling via both
TLR4 and RAGE [218]. The role of ALDR in potentiating
LPS-TLR4 signaling via PKC is evidenced by findings that
its inhibition alleviates endotoxin-induced inflammatory dis-
eases [216, 219, 220].

Mammalian xanthine dehydrogenase (XDH) is reversibly
converted to xanthine oxidase (XO) by oxidative modifica-
tion of specific cysteine residues [221]. As already mentioned,
lipoxygenase-mediated 15-HETE formation during hypoxia
activates XO. Fructose metabolism in hepatocytes is asso-
ciated with increased XO-mediated conversion of AMP
to uric acid [85, 222–224], which promotes insulin resis-
tance through RAGE, TLR4, NF-κB, Nox, mitochondrial
oxidative stress, ER stress, and skeletal muscle atrophy
[30, 34, 223–227].

Oxidative stress promotes ceramide synthesis even inde-
pendently of SPT and ceramide synthases. Singlet oxygen
converts sphingomyelin to ceramide, even in protein-free
liposomes [228]. In glioma cells, superoxide promotes
ceramide formation through activation of neutral sphin-
gomyelinase [229]. Sphingomyelinase inhibition reduces
intramyocellular ceramide and protects muscle cells from
insulin resistance [230, 231].

H2O2 downregulates the expression of carnitine palmi-
toyl transferase 1 (CPT1), acyl COA oxidase (ACOX), and
peroxisome proliferator-activated receptor-alpha (PPAR-α)
in hepatocytes [232] and PPAR-γ in endothelial cells [233].
CPT1 and ACOX are involved in fatty acid oxidation and
reduction of DAG and ceramide levels [232, 234, 235].
PPAR-α reduces oxidative stress by upregulating superoxide
dismutase and catalase expression and inhibiting NF-κB
activity [232, 236, 237]. PPAR-γ inhibits NF-κB and upregu-
lates the expression of adiponectin, an adipokine that
improves insulin sensitivity [238–240].
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3.2. Nitrosative Stress. The importance of nitrosative stress in
insulin resistance is evidenced by reports that inhibition of
iNOS or peroxynitrite in various cell types prevents insulin
resistance [41–43]. Peroxynitrite decomposes into radicals
that cause inhibitory tyrosine nitration of proteins in the
insulin signaling pathway [70]. The reaction of peroxynitrite
with proteins generates thyl radicals and sulfenates, leading
to protein glutathionylation [192]. Nitrosoglutathione causes
glutathionylation and inhibition of GADPH [241]. Peroxyni-
trite contributes to palmitate-induced DNA damage and
inflammasome activation [23, 242]. It also induces ceramide
formation in endothelial cells [243]. Nevertheless, the effects
of peroxynitrite are mediated to some extent by ROS since
peroxynitrite-derived radicals can initiate free radical lipid
peroxidation [244], and the reaction of peroxynitrite with
hydrogen peroxide generates singlet oxygen [30, 71]. Thus,
iNOS and NO donor-induced IRS-1 degradation in skele-
tal muscle cells was accentuated by concomitant oxidative
stress [245].

3.3. Carbonyl/Electrophilic Stress. Reactive carbonyl species
contribute to insulin resistance in various ways. Methyl-
glyoxal, HNE, and cholesterol secosterol aldehydes partici-
pate in the generation of oxidative stress and associated
NF-κB and MAPK activation (Sections 2.1, 2.2, and 3.1). In
addition, methylglyoxal adducts insulin and inhibits the lat-
ter’s proper interaction with the insulin receptor [246].
Protein-HNE adducts correlate with intramyocellular lipid
content and the severity of insulin resistance in humans
[247]. HNE forms Michael adducts with His196 and
Cys311 of Akt2 and thus inhibits downstream phosphoryla-
tion of Akt substrates such as glycogen synthase kinase 3β
(GSK3β) and MDM2, resulting in the activation of the for-
mer and inhibition of the latter [247]. GSK3β inhibits glyco-
gen synthase and IRS and thus prevents both glycogen
synthesis and glucose transport [248–250]. It also promotes
hepatic gluconeogenesis by an unknown mechanism [251]
and contributes to the dysregulation of the Nrf2 antioxidant
response [252]. MDM2 is a negative regulator of the p53
protein, which promotes insulin resistance as discussed
in Section 3.4.

Human adipocytes and white adipose tissue express
the full enzymatic machinery required for the synthesis
and metabolism of asymmetric NGNGdimethylarginine
(ADMA) which uncouples NOS and thus promotes ROS
formation, increases TLR4 expression, decreases IRS-1
and GLUT-4 expression, and inhibits IRS-1 tyrosine phos-
phorylation and GLUT-4 translocation [253–256]. Plasma
levels of ADMA increase during oxidative stress, mainly
due to decreased expression and activity of the ADMA-
degrading enzyme, dimethylarginine dimethylaminohydro-
lase (DDAH) [255–259]. HNE downregulates DDAH-1
expression through an miR-21-dependent mechanism [259].

3.4. Genotoxic Stress. Increased oxidative DNA damage
determined as serum 8-hydroxy-2-deoxy-guanosine (8-
OHdG) was found in lean normoglycemic offspring of type
2 diabetics, who are more predisposed to insulin resistance
[260]. Similarly, serum level of 8-OHdG was found to be

increased in prediabetes [261]. Mice deficient in 8-
oxoguanine DNA glycosylase (the enzyme that performs
base excision repair of DNA by cleaving 8-oxoG and other
modified bases) were found to be prone to insulin resistance
upon high-fat feeding [262]. Mitochondrial DNA damage
promotes palmitate-induced insulin resistance mainly by
increasing mitochondrial oxidative stress, ER stress, JNK
activation, and apoptosis, since overexpression of DNA gly-
cosylase/apurinic/apyrimidinic lyase (hOGG1) in the mito-
chondria of skeletal muscle cells abrogated these effects
[263, 264]. Interestingly, prevention of mitochondrial DNA
damage in cardiomyocytes exposed to angiotensin II pre-
vented mitochondrial superoxide production in these cells
[265]. In the latter study, mtDNA damage was found to cause
impairments in mitochondrial protein expression, cellular
respiration, and complex 1 activity prior to enhanced mito-
chondrial superoxide production. In addition, oxidized mito-
chondrial DNA released into the cytoplasm during apoptotic
signaling activates the NLRP3 inflammasome [266].

3.5. Endoplasmic Reticulum Stress. Endoplasmic reticulum
stress contributes to insulin resistance by promoting oxida-
tive stress, especially mitochondrial oxidative stress and the
resultant carbonyl and genotoxic stresses (Section 2.3) and
ceramide synthesis [46], as well as by triggering the unfolded
protein response [267], inflammasome activation [268], and
apoptosis (Section 4.4).

4. Inhibition of Insulin Signaling by Cellular
Stress Responses

4.1. The Ubiquitin-Proteosome Pathway. The ubiquitin-
proteosome pathway (UPP) is the major cytosolic mecha-
nism for the selective degradation of damaged proteins, such
as oxidatively modified proteins, whereby the damaged pro-
teins are conjugated to multiple ubiquitin molecules and then
degraded by the 26S proteasome [269]. This system is upreg-
ulated by mild and moderate oxidative stress and is required
for cells to cope with oxidative stress [269]. On the other
hand, UPP-mediated degradation of the NF-κB inhibitor,
iKB, causes activation of NF-κB [270]. NF-κB promotes oxi-
dative stress and induces expression of proinflammatory
cytokines including TNF-α and IL-6 which, via the JAK-
STAT pathway, upregulate expression of suppressors of cyto-
kine signaling (SOCS) proteins such as SOCS1 and SOCS3
[271–273]. Association of the SOCS proteins with IRS targets
the latter for degradation by the ubiquitin-proteosome path-
way in multiple cell types [271–273]. Accordingly, palmitate-
induced insulin resistance in L6 myotubes was found to be
dependent on constitutive phosphorylation of STAT 3 and
the associated increase in protein expression of SOCS 3
[274], and the ubiquitination and proteosomal degradation
of IRS-1 and Akt was demonstrated to contribute to palmi-
tate or NO donor-induced insulin resistance in HepG2 cells
and skeletal muscle cells, respectively [245, 275]. Moreover,
increased SOCS1/SOCS3 expression during uveitis induces
insulin resistance in neuroretina [276], and SOCS3 overex-
pression is responsible for the induction of insulin resistance
in mice infected with hepatitis C virus [277].
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Several factors contribute to increased UPP during the
pathogenesis of insulin resistance. For example, the 15-
lipoxygenase product, 15-HETE, induces the expression of
key enzymes of the UPP pathway [150]. Inhibition of the adi-
pose tissue ERK1/2 pathway during a high-fat diet was
reported to enhance the UPP-mediated degradation of adi-
ponectin [278], although contradictory results that ERK
activity increases in hypertrophic adipocytes have also been
obtained [279]. Increased HNE activity during a high-fat diet
enhances the ubiquitin-proteosome-mediated degradation
of adiponectin [280]. This is detrimental since adiponectin
improves insulin sensitivity by (i) upregulating ceramidase
activity to decrease ceramide levels [135]; (ii) increasing
the levels of tetrahydrobiopterin (BH4), which lowers hepa-
tocyte gluconeogenesis by activating AMP-activated kinase
(AMPK) in an eNOS-dependent process [281]; and (iii)
upregulating the silent information regulator 1 (SIRT1),
a nicotinamide adenine dinucleotide-dependent histone
deacetylase [282].

SIRT1 plays a role in the reduction of oxidative stress
through increased expression of superoxide dismutase and
catalase subsequently to FOXO4 deacetylation [283]. It also
activates AMP-activated kinase (AMPK), which promotes
insulin sensitivity by inhibiting PKC isoforms and the
associated NF-κB activation, oxidative stress, ER stress,
and apoptosis [284–291]. AMPK also induces mitochon-
drial biogenesis, which limits endothelial cell dysfunction,
for example, in response to angiotensin II signaling [292].
Phosphorylation of SIRT1 by JNK1 primes SIRT1 for ubiqui-
tination and degradation, and persistent JNK1 activation in
obesity causes severe hepatic SIRT1 degradation [293].
SIRT1 reduction is detrimental to insulin signaling in various
tissues including liver, skeletal muscle, and adipose tissues
[294–296]. AMPK1 is also diminished in insulin-resistant
individuals, and pharmacological agents that activate it, such
as metformin, improve insulin signaling [290].

Increased mitochondrial DNA methylation in NADH
dehydrogenase 6 (ND6) and displacement loop (D-loop)
regions significantly correlates with insulin resistance, and
SIRT1 deregulation was suggested to be involved in such
epigenetic changes [297]. Since AMPK-mediated phos-
phorylation results in inhibition of DNA methyl transferase
1 (DNMT1) [298], UPP-mediated SIRT1 downregulation
may induce such epigenetic changes through AMPK inhibi-
tion. Inflammasome activation might also contribute to this
process by promoting DNMT1 expression (see Section 4.5).
On the other hand, one study recently found that oxida-
tive stress downregulated DNMT1 isoform 3, the isoform
that is responsible for mitochondrial DNA methylation
[299]. Further studies are necessary to resolve this appar-
ent contradiction.

The UPP may especially be relevant in skeletal muscle
insulin resistance by contributing to skeletal muscle atrophy,
which occurs in two steps, namely, (i) the release of myofila-
ments from the sarcomere by cysteine proteases such as cal-
pain and caspases and (ii) UPP-mediated degradation of the
myofilament fragments [300, 301]. Calpain activation may in
turn rely on the release of calcium from the ER during ER
stress. Calpain activation in the skeletal muscle results in

inhibited Akt activity, which in turn results in the activation
of Foxo transcription factors that activate expression of com-
ponents of the ubiquitin-proteosome system involved in
muscle protein degradation [301]. Muscle atrophy per se
has been associated with insulin resistance due to a decline
in muscle oxidative capacity [302]. Exposure of C2C12 myo-
tubes to 25μM H2O2 induced calpain-dependent atrophy
without cell death [300]. Exposure of C2 myotubes to perox-
ynitrite induced degradation of the myosin heavy chain mus-
cle through activation of p38 MAPK and upregulation of the
muscle-specific E3 ubiquitin ligases atrogin-1 and MuRF1
[303]. Increased expression of the transforming growth
factor-β (TGF-β) and myostatin, via NF-κB, induces pro-
teosomal degradation of cellular proteins [304, 305], and
muscle myostatin mRNA correlates with HOMA2-IR in
nondiabetic individuals [306].

While mild or moderate oxidative stress upregulates the
ubiquitin-proteosome pathway, severe or sustained oxidative
stress inactivates this system, especially the 26S proteasome
[269, 307]. This also contributes to insulin resistance since
proteosomal dysfunction, characterized by increased levels
of carbonylated and ubiquitinated proteins, aggravates oxi-
dative stress and ER stress [308].

4.2. The Unfolded Protein Response. ER stress triggers a
transcriptional and translational response referred to as the
unfolded protein response (UPR), aimed at reducing the
translation of global proteins, enhancing the degradation of
unfolded proteins, and increasing the transcription of genes
that enhance the protein folding capacity of the ER [267].
The double-stranded RNA-dependent protein kinase-
(PKR-) like ER kinase (PERK), the inositol requiring kinase
1 (IRE 1), and activating transcription factor 6 (ATF 6) are
ER transmembrane proteins that are key components of
three different UPR signaling pathways [267]. Details of the
signaling events that occur after activation of PERK, IRE1,
and ATF 6 have been described elsewhere [267, 309].

All three UPR pathways promote NF-κB activity and oxi-
dative stress [310, 311]. Besides, IRE-1 stimulates ASK-1 and
thus activates JNK and p38 MAPK [312]. PERK promotes
insulin resistance by (i) activating JNK and p38 MAPK
[49, 313]; (ii) phosphorylating FOXO on S298, a site which
is not phosphorylated by Akt and whose phosphorylation
counteracts the effects of Akt [49]; (iii) downregulating
expression of the serine protease prostatin (PRSS8), which
regulatorily degrades TLR4 [314]; (iv) inducing the pseudo-
kinase tribble 3 (TRB3), which is increased in the liver of
obese mice and humans and contributes to hepatic insu-
lin resistance [49, 315]. TRB3 binds to Akt and prevents
insulin-mediated Akt phosphorylation [49, 173, 315].

Low-grade hypothalamic inflammation induced by
TNF-α was found to reduce oxygen consumption and the
expression of thermogenic proteins in adipose tissue and
skeletal muscles, and this was associated with insulin resis-
tance in a rat model [316]. PERK, to a lesser extent, ATF,
and IRE upregulate the C/EBP homologous protein (CHOP)
[317], which downregulates cAMP-induced upregulation of
uncoupling protein 1 in adipocytes and thus prevents adap-
tive thermogenesis [318].
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4.3. The DNA Damage Response. The DNA damage response
is a complex mechanism to detect DNA damage, including
strand breaks or base modifications, promote their repair,
and in case of excessive damage to activate cell death
pathways [319]. Sensing of double-strand breaks by the
Mre11-Rad50-Nbs1 (MRN) complex leads to the activa-
tion of ataxia telangiectasia mutated (ATM) and subsequent
activation of DNA damage checkpoints [319]. ATM activates
NF-κB following DNA damage [320]. Checkpoints induce
changes in telomeric chromatin, recruit DNA repair proteins
to sites of DNA damage, and induce cell death by apoptosis
[321]. One of the checkpoints, Chk2, promotes transcription
of genes involved in DNA repair and phosphorylates tumor
suppressor p53, thereby reversing inhibition of the latter by
MDM2 [319]. Chk2 also phosphorylates MDM4 and thereby
reduces p53 degradation [319]. Such activation of the p53
pathway is upregulated in adipose, endothelial, hepatic,
and skeletal muscle tissues of obese rodents and humans
[322–326]. Although this protein exhibits antioxidant activ-
ity at low levels of oxidative stress, it becomes prooxidant at
higher oxidative stress levels, through activation of NF-κB
[327] and promotion of ceramide synthesis by upregulating
ceramide synthases [328]. p53 promotes cellular senescence
in adipose tissue, and this is associated with increased pro-
duction of proinflammatory cytokines, which promote adi-
pose tissue infiltration by neutrophils and macrophages,
and systemic insulin resistance [322–326]. Many other meta-
bolic effects of p53 are opposed to insulin signaling, as has
been exhaustively reviewed [322, 327], including but not lim-
ited to JNK activation; apoptosis; repressed expression of the
insulin receptor and glucose transporters 1, 3, and 4;
enhanced transcription of phosphatase and tensin homo-
logue (PTEN) which reduces phosphorylation of P13K and
Akt; Akt degradation; glycolysis inhibition; and downregu-
lated expression of peroxisome proliferator-activated recep-
tor-γ coactivator-1α (PGC-1α) in the skeletal muscle,
leading to the reduction in mitochondrial biogenesis and
energy consumption. Reduced mitochondrial biogenesis
leads to a lower capacity for fatty acid metabolism in skeletal
muscle cells and accumulation of intramyocellular lipids
including DAG which is a major contributor to skeletal mus-
cle insulin resistance [329, 330].

4.4. Apoptosis. Apoptosis is a type of programmed cell death
in response to cellular damage or other physiological cues,
characterized by controlled autodigestion of the cell by cas-
pases [331, 332]. It is regarded as extrinsic when it involves
death receptors such as CD95 (Fas) or intrinsic if it occurs
independently of such receptors, and both forms of apoptosis
were found to be involved in insulin resistance in a mouse
model [55]. Caspase-8 and caspase-9, respectively, act as ini-
tiator caspases for extrinsic and intrinsic apoptosis, and each
initiator caspase starts off a cascade for the activation of exe-
cuter caspases, which degrade key cellular proteins [333].

Oxidative stress promotes Fas ligand expression in vari-
ous cell types and thus promotes extrinsic apoptosis [334].
Activation of the Fas receptor by metabolites such as IL-1β,
oxLDL, singlet oxygen, HNE, or JNK leads to its intracellular
recruitment of the adaptor protein FADD to form a death-

inducing complex (DISC) which activates initiator caspase-
8, while the autocatalytic activation of procaspase-9, the
initiator of intrinsic apoptosis, requires the assembly of a
multiprotein complex, the apoptosome, which comprises
seven copies of heterodimers between apoptotic protease-
activating factor 1 (Apaf-1) and cytochrome c [331–335].
Thus, the release of the latter from the mitochondrial mem-
brane into the cytoplasm is a key event in intrinsic apoptosis.

During unresolved ER stress, ER calcium efflux pro-
motes lysosomal membrane permeabilization (LMP) and
the release of lysosomal cathepsins, which promote mito-
chondrial outer membrane permeabilization (MOMP) and
the release of cytochrome c from the mitochondrial inter-
membrane space [331, 332]. Localization of p53 protein on
the lysosomal membrane upon sustained DNA damage also
contributes to LMP [336]. Activated JNK contributes to apo-
ptosis in various ways including (i) inducing the expression
of proapoptotic genes through transactivation of c-jun or
p53, (ii) phosphorylating the BH3-only family of Bcl2 pro-
teins which antagonize the antiapoptotic activity of Bcl2 or
Bcl Xl, and (iii) activating Bim, a BH3-domain-only protein
which activates Bax, which in turn promotes MOMP and
cytochrome c release [337].

In humans, the progression of nonalcoholic fatty liver
disease is associated with increasing apoptosis and insulin
resistance in the muscle, liver, and adipose tissue [338]. The
link between hepatocyte apoptosis and insulin resistance
was demonstrated in a mouse model [56]. Adipocytes of
obese mice were found to display a proapoptotic phenotype,
and genetic inactivation of the key proapoptotic protein Bid
protected against adipose tissue macrophage infiltration
and systemic insulin resistance [55]. Prevention of apoptosis
prevents palmitate-induced insulin resistance in hypotha-
lamic neurons [339]. Palmitate induces apoptosis and insulin
resistance in skeletal muscle myotubes, and cell-permeable
effector caspase inhibitors reverse the insulin resistance,
indicating that cellular remodeling associated with apopto-
tic signaling induces insulin resistance [340]. In these cells,
caspases inhibit glycolysis, in particular the glycolysis-
limiting enzymes phosphofructokinase and pyruvate kinase
[340, 341]. In adipocytes, the proapoptotic caspase-3 and
caspase-6, which participate in both intrinsic and extrinsic
apoptosis, cleave peroxisome proliferator-activated recep-
tor-γ (PPAR-γ), which results in the nuclear export and
cytoplasmic degradation of this transcription factor [342].
Inactivation of PPAR-γ in adipocytes leads to downregula-
tion of some genes that are important for insulin sensitiv-
ity not only in adipose tissue but also in other tissues such
as those of the skeletal muscle. For example, PPAR-γ inac-
tivation results in decreased expression of GLUT 4 and
decreased secretion of adiponectin [343, 344]. Extensive
apoptosis of adipocytes, hepatocytes, and skeletal muscle
cells is also expected to contribute to systemic hyperglyce-
mia and hyperglycemia-induced stresses that lead to insu-
lin resistance.

4.5. NRLP3 InflammasomeActivation. Interleukin-1β (IL-1β)
is an inflammatory cytokine which activates both myeloid
and nonmyeloid cells to produce other inflammatory
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cytokines and chemokines [345, 346]. Processing of the
inactive pro-IL-1β into the active IL-1β requires the forma-
tion and activation of a cytoplasmic multiprotein complex
called the inflammasome [58, 345]. One of the most inten-
sively studied inflammasomes is the NLRP3 inflammasome
which is expressed by myeloid cells and some nonmyeloid
cells such as adipocytes, hepatocytes, endothelial cells, skel-
etal muscle cells, and aortic smooth muscle cells [345, 347–
350]. Components of the NLRP3 inflammasome include
the NLRP3 sensor, ASC adaptor, and caspase-1 [345]. Sig-
naling pathways through NF-κB, p38, and ERK1 are
involved in the expression of both NLRP3 and pro-IL-1β
[345, 351–353]. Assembly of the NLRP3 components into
the active inflammasome complex occurs in response to
“danger signals” including increased intracellular ceramide;
RAGE- or IREα-dependent increased expression of
thioredoxin-binding protein (TXNIP); oxidation of thiore-
doxin and its dissociation from TXNIP, allowing the latter
to bind to the inflammasome; release of lysosomal cathepsin
B as a result of LMP; IRE1-α- and PERK-dependent activa-
tion of CHOP; and release of oxidized mitochondrial DNA
as a result of MOMP [58, 204, 205, 265, 267, 353–359].

IL-1β is a ligand for the IL-1 receptor which, like TLR4,
signals via MyD88, IL-1 receptor-activated kinases (IRAK1
to 4), IKK, and NF-κB (Figure 2) [57, 58, 360] and should
thus potentiate the whole model for insulin resistance in
insulin target cells (Figure 2). It downregulates IRS-1 expres-
sion and reduces tyrosine phosphorylation of IRS-1 in adipo-
cytes [58, 361]. Preadipocytes release IL-1β, which both
controls adipocyte differentiation and promotes adipocyte
insulin resistance even in the absence of macrophages [58].
IL-1β also induces epigenetic changes that promote insulin
resistance. For example, it stimulates the expression of
DNA methyl transferase 1, which hypermethylates the adi-
ponectin promoter and thereby suppresses the expression
of this proinsulin signaling adipokine [362].

While inflammasome assembly, caspase-1 activation, and
IL-1β processing occur and promote insulin resistance in
hepatocytes and mature adipocytes, secretion of IL-1β by
these cells is controversial [58, 268, 363]. Nevertheless,
caspase-1 induces the highly inflammatory pyroptotic death
of these cells, and this could contribute to the recruitment
and activation of inflammatory myeloid cells such as macro-
phages that secrete IL-1β [268, 363]. In the skeletal muscle,
activation of the inflammasome contributes to muscle atro-
phy through activation of atrogenic genes such as MuRF1
and atrogin 1 [350].

NLRP inflammasome activation in endothelial cells
leads to increased IL-1β in serum and C-reactive protein
(CRP) production by endothelial cells [349]. IL-1β stimu-
lates endothelial cell production of chemokines such as
monocyte chemoattractant protein-1 (MCP-1) and vascular
cell adhesion molecule-1 (VCAM-1) which promote
leukocyte-endothelium interactions [349, 364], and this
may contribute to the transient migration of neutrophils into
adipose tissue that occurs at an early stage of high-fat feeding
[365]. This process may be further facilitated by the che-
motactic effects of H2O2 and IL-8 produced by adipocytes
[30, 366]. Once in adipose tissue, neutrophils may produce

large quantities of chemokines and cytokines including IL-
1β and IL8, resulting in the recruitment of other immune
system cells such as macrophages which sustain chronic
inflammation [367, 368].

5. Inhibition of Insulin Signaling through the
Dysregulation of Cellular Stress Responses

5.1. Dysregulation of the Heat Shock Response. The heat shock
response, which relies on heat shock proteins such as HSP70,
is important for physiological resolution of inflammation
[369]. Cellular HSP70, HSP72, and HSP25 protect against
insulin resistance in humans by mechanisms involving pre-
vention of JNK phosphorylation and apoptosis [51–53].
Obese, insulin-resistant individuals have reduced expression
of HSP72 [51]. In adipocytes, downregulation of HSP
expression follows sustained NLRP3 inflammasome activa-
tion and the associated caspase-1-mediated cleavage of HuR,
an mRNA-binding protein that enhances the expression of
SIRT1 [369]. This results in reduced SIRT1-dependent upreg-
ulation of the transcription and activity of heat shock factor 1
(HSF1), the transcription factor of heat shock proteins [369].

5.2. Autophagy Dysregulation. (Macro)autophagy is a homo-
eostatic process for the bulk degradation of cytoplasmic
components including damaged organelles, misfolded pro-
teins, and oxidized lipids, whereby such components are
enclosed into double-membraned vesicles called autophago-
somes that subsequently fuse with lysosomes [54, 370–372].
Autophagy-related proteins (Atg) are involved in autophago-
some formation, and these are functionally categorized into
several units, namely, the Atg1/ULK complex (mammals
express Ulk 1/2), the class III phosphatidyl inositol 3-kinase
(PI3K) complex, the Atg2-Atg18/WIPI complex, the Atg12
conjugation system, the Atg8/LC3 conjugation system, and
Atg9 vesicles [373].

Low levels of ROS induce autophagy [373–375], but
higher ROS levels inhibit this response [376]. Obesity, which
is associated with oxidative stress, is characterized by inhib-
ited autophagy [377], even in adipose tissue that has elevated
expression of autophagy genes [378]. Autophagy inhibition
occurs partly due to (i) degradation of autophagy proteins
by cell death proteases including calpain 1 and caspases such
as caspase-3, caspase-6, and caspase-8 [379], (ii) LMP and
the release of cathepsins [379, 380], (iii) SIRT downregula-
tion [381, 382], (vi) inhibition of PPAR-α [383], and (vii)
increased expression of GSK3β [384].

Severe hepatic downregulation of the autophagy gene
Atg7 was found to occur in genetic and dietary models of
obesity, and this caused insulin resistance through enhanced
ER stress [54]. Paradoxically, muscle- or liver-specific knock-
out of the Atg7 gene protected mice from obesity and insulin
resistance by upregulating the expression of fibroblast growth
factor (FGF21) [385]. FGF21 improves insulin sensitivity by
inhibiting mTORC 1 [385, 386], activating NRf2 antioxidant
signaling, suppressing the NF-κB pathway, enhancing adipo-
nectin production, and promoting thermogenesis [387–391].
The apparently contradictory effects of obesity-associated
downregulation of Atg7 and genetic knockout of Atg7 on

12 Oxidative Medicine and Cellular Longevity



hepatocyte insulin resistance [54, 385] may be better under-
stood by considering that Atg7 knockout prevents obesity
[385]. In obesity, but not in the lean state, there is resis-
tance to FGF21, because of downregulation of its receptor
machinery, including β-klotho protein levels [392–394].
Although klotho is critical for FGF21 function [395], it
was recently reported that factors beyond β-klotho down-
regulation are important contributors to adipose tissue
FGF21 resistance [396].

5.3. Dysregulation of the Nrf2 Antioxidant Response. The
nuclear factor erythroid-2-related factor-2 (Nrf2) is the
master regulator of antioxidant responses, attenuating both
oxidative and electrophilic stresses [397, 398]. Under basal
conditions, Nrf2 localizes on the cytoskeleton, where its
activity is limited through interaction with Kelch-like
ECH-associated protein 1 (Keap1), which targets it for
ubiquitination and proteosomal degradation [399]. Modifi-
cation of cysteine residues in Keap1 by ROS, RNS, or
RCCs frees Nrf2 to translocate to the nucleus and induce
transcription of antioxidant genes having the antioxidant
response element in the promoter region [397, 400]. Nev-
ertheless, Nrf2 levels were found to be lower in prediabetic
and diabetic patients than in healthy subjects [401], and
short-term treatment of high-fat diet-fed mice with curcu-
min was found to improve insulin sensitivity through
attenuating Nrf2 signaling defect [402].

Suppression of Nrf2 activity may be partly due to the
direct interaction of p53 with ARE-containing promoters
[403]. ERK activation was reported to induce Nrf2 suppres-
sion and insulin resistance in cardiomyocytes exposed to
hydrogen peroxide [404], but an opposite effect of ERK acti-
vation was reported in HepG2 cells exposed to methylglyoxal
[405]. In neuronal cells exposed to H2O2, GSK3β activation
was shown to be responsible for the cytoplasmic accumula-
tion of Nrf2 [251]. This may involve H2O2-mediated activa-
tory phosphorylation of tyrosine 216 of GSK3β, and the
latter phosphorylates the tyrosine kinase Fyn, which then
translocates to the nucleus, and phosphorylates tyrosine
568 of Nrf2, leading to Nrf2 export from the nucleus [406].

Nrf2 antioxidant response is also downregulated by cor-
tisol [407], whose production is increased during psycholog-
ical stress [117]. Obesity is associated with higher adipose
tissue expression of 11β-hydroxysteroid dehydrogenase type
1 (11βHSD1), an enzyme that converts cortisone to active
cortisol [408, 409]. Cortisol is a ligand for the mineralocorti-
coid receptor, whose expression increases in obesity [122].

Notably, Nrf2 is Janus-faced, and its overexpression was
found to worsen insulin resistance in mice [410]. Nrf2-
knockout mice on a long-term high-fat diet had increased
FGF21 expression and better insulin sensitivity than wild-
type mice on the same diet, and overexpression of Nrf2 in
ST-2 cells was found to decrease insulin sensitivity associ-
ated with decreased FGF21 mRNA levels and activity
[411]. Nrf2 overexpression may occur during autophagy
blockade, which is associated with an increase in the cellu-
lar levels of p62 [412, 413]. p62 normally participates in
autophagosome formation and undergoes lysosomal degra-
dation with the contents of the autophagosome [412, 413].

However, during autophagy blockade, it sequesters Keap1
into autophagosomes, leading to stabilization and overacti-
vation of Nrf2 by the so called noncanonical pathway
[412]. Thus, for beneficial effects, the level of Nrf2 activa-
tion needs tight regulation.

6. Conclusion

There is substantial literature in support of the hypothesis
that insulin resistance develops from a coordinated inter-
play between various cellular stresses and stress responses
that develop upon the exposure of insulin-responsive cells
to hypoxia, excess sugars or certain types of fatty acids,
environmental pollutants, or hormones released during
psychological stress and obesity. This knowledge will help
in the design of better strategies for the prevention and
management of insulin resistance.
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Alzheimer’s disease (AD), the most common neurodegenerative disease, has no effective treatment. Dauricine (DAU), a benzyl
tetrahydroisoquinoline alkaloid isolated from the root of Menispermum dauricum DC, reportedly has neuroprotective effects in
cerebral ischemia. Here, we investigated the effects of DAU on N2a cells stably transfected with Swedish mutant amyloid
precursor protein (N2a/APP), an AD-like cell model. ELISA and Western blot analysis revealed that DAU inhibited APP
processing and reduced Aβ accumulation. In addition, DAU ameliorated tau hyperphosphorylation via PP2A, p35/25, and
CDK5 pathways in N2a/APP cells. The amelioration of tau hyperphosphorylation by DAU was also validated in HEK293/Tau
cells, another cell line with tau hyperphosphorylation. Proteomic analysis revealed 85 differentially expressed proteins in the
lysates between the wild-type N2a cells (N2a/WT) and the N2a/APP cells in the presence or absence of DAU; these were
classified into 6 main categories according to their functions: endoplasmic reticulum (ER) stress-associated proteins, oxidative
stress-associated proteins, cytoskeleton proteins, molecular chaperones, mitochondrial respiration and metabolism-related
proteins, and signaling proteins. Taken together, we demonstrated that DAU treatment reduces AD-like pathology, thereby
suggesting that DAU has potential therapeutic utility in AD.

1. Introduction

Alzheimer’s disease (AD), a progressive and irreversible neu-
rodegenerative disorder, contributes to individual morbidity
and mortality and burdens the social healthcare system
[1, 2]. AD has complex neuropathological features, but neu-
rofibrillary tangles consisting of abnormal phosphorylated
tau and neuritic amyloid β (Aβ) plaques are hallmarks of
the disease. The approved medications for AD show

consistent but modest clinical effects [3, 4]; on the contrary,
hundreds of trials with candidate AD drugs have been ter-
minated because they were clinically ineffective. A medica-
tion that can prevent, delay, or reverse the disease has yet
to be discovered.

Bisbenzylisoquinolines form a class of natural products
with a therapeutic potential for neurodegeneration [5]. Daur-
icine (DAU) is a bisbenzylisoquinoline alkaloid derivative
(Figure 1(a)) extracted from the rootstock of Menispermum

Hindawi
Oxidative Medicine and Cellular Longevity
Volume 2018, Article ID 2025914, 19 pages
https://doi.org/10.1155/2018/2025914

http://orcid.org/0000-0002-2219-9116
http://orcid.org/0000-0002-1544-9703
http://orcid.org/0000-0002-4429-3744
http://orcid.org/0000-0003-4181-3887
http://orcid.org/0000-0002-4686-7166
http://orcid.org/0000-0002-9000-7016
https://doi.org/10.1155/2018/2025914


dauricum DC, a traditional medicine listed in the Chinese
Pharmacopoeia. The neuroprotective effects of DAU have
been widely reported. DAU inhibited apoptosis of a transient
focal cerebral ischemia model in part via a mitochondrial
pathway [6]. DAU protected cortical neurons from ischemia
by inhibiting entry of extracellular Ca2+ and intracellular
release of Ca2+ from endoplasmic reticulum [6]. DAU
reduced neurological deficits, diminished DNA fragmenta-
tion, increased Bcl-2 expression, and reduced Bax expression
in ischemic cerebral infarcts via modulation of Bcl-2 family
proteins [6]. DAU attenuated tau hyperphosphorylation by
promoting the release of bradykinin, which raised intracellu-
lar neuronal calcium [7]. Another bisbenzylisoquinoline
alkaloid, tetrandrine, has been reported to attenuate spatial
memory impairment and hippocampal inflammation by
inhibiting NF-κB activation in a rat model of AD induced
by Aβ1–42 [5]. However, the therapeutic potential of DAU
has yet to be evaluated in a transgenic model of AD.

Given that bisbenzylisoquinolines are potential AD drug
candidates, we examined the neuroprotective effects of DAU
in a murine neuroblastoma cell line (N2a) stably transfected
with the human Swedish mutant form of amyloid protein
precursor (APP) [8]. By employing this well-studied cell
model [9], which overexpresses APP and hyperphosphory-
lates tau, we found that DAU not only attenuated the level
of tau hyperphosphorylation but also reduced Aβ plaque

formation. Accompanying these changes, DAU altered the
unfolded protein response, mitochondrial function, and
clearance of reactive oxygen species.

2. Methods and Material

2.1. Reagents. DAU (stated purity≥ 98%) was purchased
from Shanghai Aladdin Biochemical Technology Co. Ltd.
(CAS: 524-17-4, D115683, Shanghai, China). The purity of
the DAU was confirmed by HPLC. The stock solution of
DAU (10mM) was prepared in DMSO (Thermo Fisher
Scientific, Waltham, MA, USA) and was used directly. The
antibodies used in this study are listed in Table 1.

2.2. Cells and Cell Culture.Wild-type murine neuroblastoma
Neuro2a cells (N2a/WT) were purchased from the Cell Bank
of China (CODE: IFO50495, Shanghai, China). N2a cells sta-
bly transfected with human APP Swedish mutant (N2a/APP)
and Human Embryonic Kidney 293 cells stably transfected
with tau protein (HEK293/Tau) were gifts from Professor
Jian-zhi Wang (Tongji Medical School, Wuhan, China)
[8–10]. The cells were cultured in the following medium with
5% CO2 and at 37°C: Minimum Essential Medium Eagle
(MEM) (Grand Island, NY, USA) with 10% fetal bovine
serum (FBS, Grand Island, NY, USA) for N2a/WT cells;
Dulbecco’s modified Eagle’s medium (DMEM, Grand Island,
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Figure 1: DAU has low cytotoxicity to N2a/WT and N2a/APP cells. (a) Chemical structure of DAU. (b) Cell viability of N2a/WT with respect
to DAU treatment. (c) Cell viability of N2a/APP with DAU treatment. N = 3. ∗∗P < 0 01 and ∗∗∗∗P < 0 0001 compared with N2a/WT cells
treated with vehicle. ##P < 0 01, ####P < 0 0001 compared with vehicle-treated N2a/APP cells.
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NY, USA) with 10% FBS for HEK293/Tau cells; and a
medium containing 42% DMEM and 50% Opti-MEM, com-
plemented by 8% FBS for N2a/APP cells. Geneticin (0.2 g/L)
(Grand Island, NY, USA) was dissolved in a medium to select
transfected N2a/APP and HEK293/Tau cells.

2.3. Cell Viability Assay. After subculture, the N2a/APP cell
suspension was placed on a 96-well tissue culture plate. Each
well of the plate contained 104 cells in 100μL cell culture
medium. After 16 h in 5% CO2 at 37°C, the medium was
removed and replaced with 200μL cell culture medium with
DAU or vehicle (0.5% DMSO) (Thermo Fisher Scientific,
Waltham, MA, USA). After another 24h in 5% CO2 at
37°C, the medium was decanted and replaced by 100μL cell
culture medium with 10μL cell counting kit-8 solution
(Dojindo Laboratories, Kumamoto, Japan) and incubated
for 1 h. The plate was read by a plate reader (TECAN Group
Ltd., San Jose, CA, USA) at 450nm. Cell viability was

calculated as the absorbance of the well with cell and cell
culture medium minus the well with cell culture medium
only. The relative cell viability was the viability of the treated
cell normalized by the viability of the control (vehicle).

2.4. ELISA of Aβ1–40 and Aβ1–42. The ELISA kits for Aβ1–40
and Aβ1–42 (R&D Systems, Minneapolis, MN, USA) were
used according to the manufacturer’s protocol. N2a/WT
and N2a/APP cells were treated with DAU or vehicle in
25 cm2 culture flasks for 24 h (Grand Island, NY, USA). Cells
and culture medium were collected separately. The cells were
lysed in 200μL IP buffer (Beyotime, Beijing, China) with
protease and phosphatase inhibitor cocktail (Thermo Fisher
Scientific, Rockford, IL, USA) on ice for 20min and centri-
fuged at 18,000 at 4°C for 20min. The resultant supernatant
was diluted 40 times before assay, and the cell culture
medium was used directly. A standard curve of Aβ1–40 or
Aβ1–42 was built, and the Aβ1–40 or Aβ1–42 in the samples

Table 1: The primary antibodies used in this study.

Antibody Cat. RRID Type Dilution Source

t-APP ab32136 AB_2289606 Rabbit 1 : 3000 Abcam

p-APP #6986 BDSC_6986 Rabbit 1 : 1000 Cell Signaling

sAPPα 11088 Unknown Mouse 1 : 50 Immuno-Biological

sAPPβ 10321 Unknown Mouse 1 : 50 Immuno-Biological

BACE1 #5606 AB_1903900 Rabbit 1 : 1000 Cell Signaling

PS1 #5643 AB_10706356 Rabbit 1 : 1000 Cell Signaling

pS396 ab109390 AB_10860822 Rabbit 1 : 20000 Abcam

pS404 sc-12952 RRID:AB_656753 Goat 1 : 3000 Santa Cruz

pT231 355200 AB_2533210 Mouse 1 : 1000 Thermo Fisher

pS262 44750G AB_2533743 Rabbit 1 : 1000 Thermo Fisher

Tau 1 MAB3420 AB_94855 Mouse 1 : 200000 Millipore

Tau 5 ab80579 AB_1603723 Mouse 1 : 3000 Abcam

p-GSK3α/β #9331 AB_329830 Rabbit 1 : 1000 Cell Signaling

GSK3α/β #5676 AB_10547140 Rabbit 1 : 1000 Cell Signaling

p-PP2A (Y307) AF3989 AB_2169636 Rabbit 1 : 1000 R&D Systems

PP2A #2259 AB_10695752 Rabbit 1 : 1000 Cell Signaling

p35/25 #2680 AB_1078214 Rabbit 1 : 1000 Cell Signaling

CDK5 ab40773 AB_726779 Rabbit 1 : 3000 Abcam

GRP78 sc-376768 Unknown Mouse 1 : 1000 Santa Cruz

GRP75 sc-133137 AB_2120468 Mouse 1 : 1000 Santa Cruz

PDIA1 ab2792 AB_303304 Mouse 1 : 1000 Abcam

HMGB1 ab79823 AB_1603373 Rabbit 1 : 50000 Abcam

14-3-3-z ab155037 Unknown Rabbit 1 : 3000 Abcam

PRDX4 ab16943 AB_443567 Rabbit 1 : 1000 Abcam

8-OHdG ab10802 AB_297482 Goat 1 : 400 Abcam

p-PERK #3179 AB_2095853 Rabbit 1 : 1000 Cell Signaling

p-eIF2α #3597 RRID:AB_390740 Rabbit 1 : 1000 Cell Signaling

eIF2α #5324 AB_10692650 Rabbit 1 : 1000 Cell Signaling

ATF-4 #11815 AB_2616025 Mouse 1 : 1000 Cell Signaling

CHOP #2895 AB_2089254 Rabbit 1 : 1000 Cell Signaling

β-Actin sc-47778 AB_626632 Mouse 1 : 3000 Santa Cruz

α-Tubulin sc-73242 AB_1130901 Mouse 1 : 3000 Santa Cruz
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was calculated and normalized by total protein content deter-
mined with a Pierce™ BCA protein assay kit (Thermo Fisher
Scientific, Rockford, IL, USA).

2.5. Western Blot Analysis. After 24 h treatment with DAU or
vehicle, cells were collected and lysed in 200μL of IP buffer
with protease and phosphatase inhibitor cocktail on ice for
20min and centrifuged at 14,000g at 4°C for 20min. Super-
natants were used for protein content determination and
SDS-PAGE separation. The total protein content of each
sample was determined with the Pierce BCA protein assay
kit. Before loading onto the SDS-PAGE gel, samples were
mixed with Pierce Lane Marker Reducing Sample Buffer
(Thermo Fisher Scientific, Rockford, IL, USA) and denatured
(boiled for 10min). SDS-PAGE (10–12%) gels were used to
separate target proteins and then transferred to polyvinyli-
dene fluoride (PVDF) membranes (Merck Millipore Ltd.,
Merck KGaA, Darmstadt, GER). Membranes were blocked
with nonfat milk powder dissolved in TBS-Tween 20 buffer
for 2 h and then incubated with primary antibody (dilutions
of the antibodies are listed in Table 1) at 4°C overnight. The
membranes were washed and incubated with anti-mouse,
anti-rabbit, or anti-goat IgG conjugated to horseradish
peroxidase (HRPs) (1 : 3000) at room temperature (RT)
for 1 h before development. Enhanced chemiluminescent
solution (Thermo Fisher Scientific, Rockford, IL, USA) was
applied for development. The densitometry of the blots was
quantified by ImageQuant 1D software (GE. Healthcare,
Pittsburgh, PA, USA).

2.6. Comparative Proteomics

2.6.1. Protein Preparation and Labeling. After 24 h treatment
with DAU or vehicle, cells were collected and lysed in 500μL
DIGE-specific lysis buffer (7M urea, 2M thiourea, 30mM
Tris–HCl, 4% CHAPS, pH8.5) on ice for 30min. Ultrasoni-
cation (Fisher 550 Sonic Dismembrator, Pittsburgh, PA,
USA) was applied to assist cell lysation. Samples were centri-
fuged at 20,000 g for 60min. For each sample, 200μL of lysis
buffer was added to the supernatant, and then the mixture
was ultrafiltered in a centrifugal filter (Merck Millipore
Ltd., Billerica, MA, USA) to remove salts. The protein solu-
tion was collected, and protein concentrations quantified
were with a 2-D Quant kit (GE Healthcare, Chicago, IL,
USA) according to the manufacturer’s guidelines.

Fifteen protein samples were used for the proteomics
study and for each treatment group, and three biological
repeats were performed for each group. Each protein sam-
ple was diluted with lysis buffer to a final concentration of
5μg/μL. The protein solution (5μL) was labeled with Cy3
(GE Healthcare, 25-8008-61) or Cy5 dye (GE Healthcare,
25-8008-62) in the dark for 30min. Cy2 stained the internal
standard that was pooled from 15 protein study samples.
The reaction of protein labeling was quenched by adding
1μL of 10mM lysine (Sigma-Aldrich, L5626), and three
samples labeled with Cy2, Cy3, and Cy5 were mixed as a
group. The mixture was then resolved in rehydration buffer
(7M urea, 2M thiourea, 2% CHAPS, 2.8% DTT, 0.5% IPG
buffer (pH3–11 NL) and 0.002% bromophenol blue) to a

final volume of 450μL prior to transfer onto immobilized
pH gradient strips.

2.6.2. 2-Dimensional Electrophoresis. The strips were first
rehydrated and then isoelectric-focused (IEF) in Ettan IPG-
phor Isoelectric Focusing (IEF) System (GE Healthcare).
After IEF, strips were allowed to stand at RT for 10min.
The focused strips were immediately equilibrated in a
15mL reducing equilibration buffer of 6M urea, 30% (v/v)
glycerol, 2% (w/v) SDS, 75mM Tris-HCl buffer (pH8.8),
and 1% (w/v) DTT (Sigma-Aldrich, St. Louis, MO, USA)
for 15min at RT on a shaking table and subsequently ree-
quilibrated in the same buffer containing 6M urea, 75mM
Tris–HCl buffer (pH8.8), 30% (v/v) glycerol, 2% (w/v) SDS,
and 4.5% (w/v) IAA (Sigma-Aldrich) afterwards. The equili-
brated strips were loaded on the top of 12.5% SDS-PAGE gels
and covered with 0.5% (w/v) ultralow melting point agarose
sealing solution (25mM Tris, 192mM glycine, 0.1% SDS,
0.5% (w/v) agarose, 0.02% bromophenol blue). Protein sepa-
ration in the second dimension employed an Ettan DALTsix
Electrophoresis System (GE Healthcare) with the running
buffer (25mM Tris, 192mM lycine, 0.1% SDS, pH8.3) at
12°C by the following steps: 1W/gel for 1 h, subsequently
11W/gel for 5 h in the dark. Afterward, gels were immedi-
ately scanned in a Typhoon TRIO Variable Mode Imager
(GE Healthcare) after a prescan at 1000 micrometer reso-
lution to determine the optimum PMT voltage for each
channel. Image acquisition was done with a resolution
of 100 micrometers. To achieve variation in the signal
across gels, the PMT was set to ensure the maximum pixel
intensity of all gel images remained within a range of
40,000–60,000 pixels.

2.6.3. Image Analysis. Following the manufacturer’s
instruction, DIGE gels were analyzed with the DeCyder
software package (version 6.5 GE Healthcare, Milwaukee,
USA). Each gel image was imported into the software
and then individually processed with the differential in-gel
analysis (DIA) and the biological analysis (BVA) modules
to analyze protein spots. The volume of each protein spot
in the Cy3 or Cy5 channels was normalized against the vol-
ume of the same Cy2 spot. The normalized volume of each
spot was compared across the gels among the replicate
groups. Differentially expressed protein spots (P < 0 05) were
shortlisted for identification.

2.6.4. In-Gel Tryptic Digestion. Replicate preparative gels of
1000μg of N2a/WT and N2a/APP cell proteins were pre-
pared as for DIGE but without protein labeling. The gel was
immersed overnight in dye (Coomassie blue solution con-
taining 0.12% Coomassie brilliant blue G-250, 20% ethanol,
10% phosphoric acid, and 10% ammonium sulfate). Differ-
ential protein spots of interest identified by Decyder software
analysis were manually excised from the stained gel. Gel
pieces were destained and digested overnight at 37°C with
0.01μg/μL trypsin (Promega Corp., WI, USA) as described
by Robinson et al. [11]. The tryptic peptides were used for
analysis by matrix-assisted laser desorption/ionization time-
of-flight tandem mass spectrometry (MALDI-TOF-MS/MS)

4 Oxidative Medicine and Cellular Longevity



(SCIEX TOF/TOF™ 5800 System, AB SCIEX, Framingham,
MA, USA).

2.6.5. Mass Spectrometry and Database Searching. MALDI
mass measurements were carried out with a Bruker Ultraflex
III MALDI-TOF/TOF mass spectrometer (Bruker, Billerica,
MASS, USA). For each protein sample, a total of 0.8μL
peptide extract was used for MALDI-TOF-MS/MS analy-
sis, and the peptide extract was cocrystallized with 0.8μL
and 10mg/mL α-cyano-4-hydroxycinnamic acid (CHCA)
in 0.1% TFA, 50% acetonitrile (ACN) directly on the target,
and dried at RT. The spectra were externally calibrated.
MASCOT (Matrix Science, UK) was used for database
searching against the SwissProt databases for murine cells
proteins. The search was performed in the Mus musculus
database and conducted with a tolerance on a mass measure-
ment of 100 ppm in the MS mode and 0.5Da in the MS/MS
mode. Up to two missed cleavages per peptide were allowed.
A fixed carbamidomethyl modification was taken into
account. Protein MW and PI information were also consid-
ered to evaluate the protein identification based on the
location of the excised protein spot from the 2-D gel.

2.6.6. Immunocytochemistry. Cells were planted on a cover-
slip within a well of a 6-well plate. After the cells attached
to the slip, they were treated with DAU or vehicle for 24h.
Cells on the coverslip were fixed in 4% polyaldehyde for
10min at RT, permeabilized in 0.3% Triton X-100 in PBS
for 30min, and blocked with 5% BSA in PBST. After block-
ing, the coverslip was incubated with anti-8-OHdG (1 : 400)
at 4°C overnight. After washing, the coverslip was incubated
with anti-goat IgG conjugated to HRPs (1 : 200) (Santa Cruz
Biotechnology, Santa Cruz, CA, USA) in the dark for 1 h.
The cells on the coverslip were then stained with DAPI
(4′,6-diamidino-2-phenylindole) for 5min and developed
with Fluo-Antifading Medium (Beyotime, Beijing, China).
Cells were examined by laser confocal microscopy.

2.6.7. Bioinformatics Analysis and Statistics. Functional anno-
tation of differentially expressed proteins was performed with
the Database for Annotation, Visualization and Integrated
Discovery Resource (DAVID, https://david.ncifcrf.gov).
Gene ontology (GO) terms for biological processes (BP),
molecular functions (MF), and charts and cellular compo-
nents (CC) were obtained with default statistical parameters.

Results were expressed as the mean± SEM. One-way
ANOVA was used to determine the statistical significance
of differences among groups and following post hoc assess-
ment by the Student-Newman-Keuls Method (GraphPad
Prism 7.0, http://www.graphpad.com/). A P value less than
0.05 was considered statistically significant.

3. Results

3.1. DAU Has Low Cytotoxicity to N2a/WT and N2a/APP
Cells. DAU is a bisbenzylisoquinoline alkaloid derivate
(Figure 1(a)) extracted from the rootstock of Menispermum
dauricum DC, a traditional medicine listed in the Chinese
Pharmacopoeia. We investigated the cytotoxicity of DAU
on both N2a/WT and N2a/APP cells using a 24 h cell-based

assay. CCK-8, a water-soluble tetrazolium salt that is
converted to a water-soluble formazan dye by living cell
mitochondria, was exploited to examine cell viability. No sig-
nificant inhibition of cell viability was observed in N2a/WT
cells treated with less than 20μM DAU compared with
vehicle-treated cells (Figure 1(b)). We did not observe obvi-
ous reductions of cell viability when the N2a/APP cells were
treated with 10μM or 20μM DAU (Figure 1(c)). We there-
fore concluded that no significant cytotoxicity was induced
by 24h treatment of DAU even at the concentration of
20μM, the maximum concentration of DAU used in the
following study.

3.2. DAU Inhibited APP Processing and Aβ Accumulation in
N2a/APP Cells. We then investigated the effect of DAU on
Aβ generation with ELISA. The level of Aβ1–42 toxic frag-
ments was significantly higher in N2a/APP cell lysates
(2538 pg/mL versus 646.5 pg/mL, P = 0 0029) compared to
N2a/WT cell lysates, and the Aβ1–42 level in N2a/APP cells
treated with 20μM DAU was nearly three times lower
(909.6 pg/mL versus 2538 pg/mL, P = 0 0085) (Figure 2(a)).
The mean level of Aβ1–42 in N2a/APP cell culture medium
was also higher than that of N2a/WT cells (89.21 pg/mL ver-
sus 48.71 pg/mL, P = 0 0996) (Figure 2(b)). On the contrary,
there was no significant difference in the level of nontoxic
amyloid Aβ1–40 in either the cell lysate (278.5 pg/mL versus
270.8 pg/mL, P = 0 9894) (Figure 2(c)) or cell culturemedium
(18.26 pg/mL versus 13.58 pg/mL, P = 0 1975) in N2a/WT or
N2a/APP cells (Figure 2(d)). The ratio of Aβ1–42/Aβ1–40 in
the lysates of N2a/APP cells was 3 times higher than that of
N2a/WT cells (9.05 versus 2.41, P = 0 0026), and a compara-
ble reduction was observed in the ratio of Aβ1–42/Aβ1–40 in
N2a/APP cells treated with 20μM DAU lysates compared
with the lysates from cells treated with vehicle (3.54 versus
9.05, P = 0 0099) (Figure 2(e)). A diagram of the ratio of
Aβ1–42/Aβ1–40 (Figure 2(f)) shows a similar trend, but there
was no difference between the groups.

The effect of DAU on APP processing was investigated
further by Western blot analysis. N2a/APP cells had a signif-
icantly higher level of phosphorylated (amyloid precursor
protein) APP and presenilin 1 (PS1) than N2a/WT cells
(Figures 2(g) and 2(h)). The mean levels of β-secretase
(BACE1) and insoluble β-secretase-cleaved amyloid precur-
sor protein (sAPPβ) were also higher in N2a/APP cells
compared to N2a/WT cells. DAU-treated N2a/APP cells sig-
nificantly decreased the expression of total APP, phosphory-
lated APP, and BACE1. DAU-treated N2a/APP cells also
showed reduced mean levels of sAPPβ and PS1, while the
mean level of α-secretase-cleaved amyloid precursor protein
(sAPPα) was higher. DAU-induced changes in APP process-
ing appeared to correlate with changes in Aβ levels assayed
by ELISA.

3.3. DAU Attenuated Tau Pathology via PP2A and p35/25
in Both N2a/APP Cells and HEK293/Tau Cells. We next
used Western blot analysis to investigate the effect of DAU
on the tau pathology of N2a/APP cells. Vehicle-treated N2a/
APP cells had significantly increased tau phosphorylation at
serine 396 than N2a/WT cells (Figures 3(a) and 3(b)).
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Figure 2: DAU inhibited APP processing and Aβ accumulation. Levels of Aβ1–42 (a, b), Aβ1–40 (c, d), and Aβ1–42/Aβ1–40 (e, f) of cell lysates
(a, c, e) and cell culture media (b, d, f) as a function of DAU concentration were determined by ELISA. Levels of t-APP, p-APP, s-APPα,
s-APPβ, BACE1, and PS1 were determined byWestern blot analysis (g, h). β-Actin was used as a loading control.N = 3. Data show the mean
± SEM. ∗P < 0 05 and ∗∗P < 0 01 compared to N2a/WT cells. #P < 0 05, ##P < 0 01, and ###P < 0 001 compared to untreated N2a/APP cells.
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The mean levels of phosphorylated tau at serine 404, ser-
ine 262, and threonine 231 sites were higher in N2a/APP
cells compared to N2a/WT cells, while the mean level of
dephosphorylated tau (Tau-1) was lower in N2a/APP cells
compared to tau phosphorylation at serine 396, serine 404,
and threonine 231 sites. The levels of phosphorylated tau
at serine 404, serine 396, and threonine 231 were signifi-
cantly reduced in DAU-treated N2a/APP cells compared
with the vehicle-treated N2a/APP cells. The mean levels
of phosphorylated tau at serine 262 were reduced in
DAU-treated N2a/APP cells compared with the vehicle-
treated N2a/APP cells, while mean levels of Tau-1 were
increased in DAU-treated N2a/APP cells versus vehicle-
treated N2a/APP cells. To verify the results from N2a/

WT and N2a/APP cells, we examined the effects of DAU
treatment on the phosphorylation of tau on HEK293/Tau
cells that overexpresses tau. As shown in Figures 3(c)
and 3(d), we observed similar reductions of tau phosphor-
ylation (serine 396, serine 404, and threonine 231) and
similar enhancement of the level of Tau-1. DAU did not
alter the expression of total tau protein.

While phosphorylation of tau can arise from the action of
many catalyzing kinases and phosphatases [12], we investi-
gated DAU-induced changes in those pathways shown to
be key to tau phosphorylation, namely, glycogen synthase
kinase-3β (GSK-3β), protein phosphatase2A (PP2A), and
the p35/25 pathways. DAU treatment lowered the mean
phosphorylation levels of glycogen synthase kinase-3α
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Figure 3: DAU attenuated tau phosphorylation in both N2a/APP cells and HEK293/Tau cells. Levels of phosphorylated tau and total tau in
N2a/WT and N2a/APP cells (a, b) and in HEK293/Tau cells (c, d) as determined by Western blot analysis. β-Actin was used as a loading
control. N = 3. Data show the mean± SEM. ∗P < 0 05 compared to N2a/WT cells, #P < 0 05 and ##P < 0 01 compared to untreated N2a/
APP cells, and &P < 0 05 and &&&P < 0 001 compared to untreated HEK293/Tau cells.
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(GSK-3α) and GSK-3β in N2a/APP cells more than in N2a/
WT cells (Figures 4(a) & 4(b)). The mean phosphorylation
state of PP2A and the levels of p35/25 and cyclin-
dependent kinase 5 (CDK5) were enhanced in N2a/APP cells
compared with N2a/WT cells. DAU treatment enhanced the
mean levels of both GSK-3α and β in N2a/APP cells com-
pared with vehicle-treated N2a/APP cells. More importantly,
20μM DAU significantly decreased the phosphorylation of
PP2A and levels of p35/25 and CDK5 in N2a/APP cells com-
pared with vehicle-treated N2a/APP cells. As a supplemental
validation, the phosphorylation of PP2A and levels of p35/25
and CDK5 in HEK293/Tau cells were similarly modulated by
DAU treatment. Thus, DAU may ameliorate tau pathology
via PP2A, p35/25, and CDK5, rather than GSK-3β.

3.4. DAU Modified Proteins That Involve Oxidative Stress,
Mitochondrial Function, and ER Stress of N2a/APP Cells.
To explore molecular species affected by DAU treatment,
we performed a comparative proteomic analysis using
2D-DIGE separation andMS identification. A total of 85 pro-
teins in 2D-DIGE gels was significantly different in any four
comparison pairs (N2a/APP versus N2a/WT, 1.25μM DAU
versus N2a/APP, 5μM DAU versus N2a/APP, or 20μM
DAU versus N2a/APP) (shown in Figure 5). Six protein
categories were impacted by DAU treatment: endoplasmic
reticulum (ER) stress-associated proteins, oxidative stress-
associated proteins, cytoskeleton-associated proteins, molec-
ular chaperones, mitochondrial respiration, and metabolism
signaling proteins. In addition, we found some common
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Figure 4: DAU ameliorated tau pathology via PP2A and p35/25 in both N2a/APP cells and HEK293/Tau cells. Phosphorylation of GSK3 and
PP2A and levels of p35/25 and CDK5 in N2a/APP cells (a, b) and HEK293/Tau cells (c, d) as determined by Western blot analysis. β-Actin
was used as a loading control. N = 3. Data show the mean± SEM. ∗∗P < 0 01 compared to N2a/WT cells, #P < 0 05 and ###P < 0 001
compared to untreated N2a/APP cells, and &&P < 0 01 and &&&P < 0 001 compared to untreated HEK293/Tau cells.
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proteins that were differentially expressed among the four
comparison groups (Figure S1A and Tables S1–4). These dif-
ferential proteins included signaling protein high-mobility
group protein B1 (HMGB1) a mediator of neurite degenera-
tion through the identification of the pathological signaling
pathway in AD [13]; molecular chaperones (heat shock cog-
nate 71 kDa protein (HSP7C)), a molecular chaperone and a
member of the heat shock protein family that plays an inte-
gral role in the stress response [14]; translationally con-
trolled tumor protein (TCTP), which has critical roles in
the defense against oxidative and thermal stresses [15]
(shown in Table S1); endoplasmic reticulum (ER) stress-
associated protein (protein disulfide-isomerase A6 (PDIA6)),
a protein related to ER stress that plays a critical role in
most biological processes [16]; oxidative stress-associated
protein (D-3-phosphoglycerate dehydrogenase (SERA)), a
protein involved in the metabolism and development of the
central nervous system [17]; cytoskeleton-associated protein
(peripherin (PERI)), a type III intermediate filament (IF) pro-
tein that plays a contributory role in motor neuron disease
[18, 19]; molecular chaperone (stress-induced-phosphopro-
tein 1 (STIP1)), a cochaperone intermediating Hsp70/Hsp90

exchange of client proteins and involved in prion protein-
mediated neuronal signaling [20] (shown in Table S2); and
cytoskeleton-associated protein (TPIS) (shown in Table S3).
We found that two proteins, namely, isocitrate dehydrogenase
[NADP] cytoplasmic (IDHC), which plays important roles in
energy and biosynthesis metabolisms [21], and eukaryotic
translation initiation factor 1b (EIF1B), an antiapoptotic pro-
tein that protects cells uniquely from Fas-induced apoptosis
[22], were commonly changed in various concentrations of
DAU-treated N2a/APP cells compared with the vehicle-
treated N2a/APP cells (shown in Figure S1B and Table S8).
In addition, some common proteins were differentially
expressed among the three DAU-treated groups (shown in
Figure S1B and Tables S5–6); these included ER stress-
associated protein (Far upstream element-binding protein 1
(FUBP1)), amultifunctionalDNA- andRNA-binding protein
[23]; mitochondrial respiration and metabolism (IDHC)
(cytochrome oxidase subunit 5A, mitochondrial (COX5A)),
an electron transport chain- (ETC-) related protein (shown
in Table S5); ER stress-associated proteins (78 kDa glucose-
regulated protein (GRP78), stress-70 protein, and mitochon-
drial protein (GRP75)); molecular chaperones (heat shock
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Figure 5: DAU caused differential expression of proteins in N2a/APP cells. DAU caused differential expression of 49 proteins including
oxidative stress-associated proteins, endoplasmic reticulum (ER) stress-associated proteins, metabolism-associated proteins, cytoskeleton-
associated proteins, molecular chaperones-associated proteins, signaling-associated proteins, and others. Protein expression was
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protein HSP 90-beta (HSP90B)), essential molecular chaper-
one involved in signal transduction, cell cycle control, stress
management, and folding, degradation, and transport of
proteins [24]; nucleophosmin (NMP), which has a key role
activating autophagy induced by nucleolar disruption [25],
mitochondrial respiration, and metabolism (IDHC) (shown
in Table S6); ER stress-associated protein (protein disulfide-
isomerase A3 (PDIA3)), which is mainly involved in the
regulation of ER stress (ERS) and protects neurons from
ERS-induced apoptosis [26]; and mitochondrial respiration
and metabolism (IDHC) (shown in Table S7).

The differentially expressed proteins in DAU-treated
N2a/APP cells versus vehicle-treatedN2a/APP cells were ana-
lyzed and characterized using DAVID. In the vehicle-treated
N2a/APP cells, DAVID-defined biological functions for the
major clusters of differentially expressed proteins were “pro-
tein folding,” “positive regulation of catalytic activity,” and
“cell redox homeostasis” (Figure 6(a)), and DAVID-defined
protein functions included “poly(A) RNA binding,” “ATP
binding,” and “enzyme binding” (Figure 6(b)). DAVID iden-
tified DAU-affected cellular compartments as “smooth ER,”
“cell-cell adherent junction,” and “ER lumen” (Figure 6(c)).
In contrast, DAVID results from the DAU-treated N2a/APP
cells were different: the major clusters of differentially
expressed proteins were “response to ER stress,” “ATP
metabolic process,” and “protein folding,” when categorized
according to biological processes of proteins (Figure 6(d));
“poly(A) RNA binding,” “RNA binding,” and “unfolded
protein binding,” when categorized according to the molecu-
lar function of proteins (Figure 6(e)); and “extracellular
exosome,” “melanosome,” and “mitochondria,”when catego-
rized according to cellular component of the proteins
(Figure 6(f)).

To supplement and verify the results of proteomic pro-
filing, we used Western blot analysis to investigate the
expression of peroxiredoxin-4 (PRDX4, a member of per-
oxiredoxin family that regulates redox status of ER)
(Figure 7(b), Figure S5A, B, and C); disulfide-isomerase
(PDIA1, a member of the PDI family that regulates redox
status of ER) (Figure 7(c), Figure S4A, B, and C); GRP75, a
mitochondrial chaperone that regulates the mitochondria-
associated ER membrane (Figure 7(d), Figure S3A, B,
and C); 78 kDa glucose-regulated protein (GRP78, a chap-
erone binds to ER stress sensor) (Figure 7(e), Figure S2A,
B, C, and D); HMGB1 (Figure 8(a), Figure S6A, B, and C),
a mediator of neurite degeneration through the identification
of the pathological signaling pathway in AD; and 14-3-3
protein zeta/delta (14-3-3-z, a chaperone that involves mito-
chondrial respiration) (Figure 8(b), Figure S7A, B, and C).
The mean level of PRDX4 in N2a/APP cells was significantly
higher than that in N2a/WT cells, and the mean level of
PRDX4 was reduced in DAU-treated N2a/APP cells. The
mean level of PDIA1 in N2a/APP cells was markedly higher
than that in N2a/WT cells and reduced in DAU-treated N2a/
APP cells. Similar trends were observed for GRP75, GRP78,
and HMGB1. The opposite trend was observed for 14-3-3-z.

3.5. DAU Reduced Oxidative Stress and ER Stress of N2a/APP
Cells. Given the modulation of oxidative stress and ER stress-

related proteins by DAU, we investigated the effects of DAU
on reactive oxygen species (ROS) and the unfolded protein
response (UPR). Shown in Figure 7(a), the staining of
8-oxo-2′-deoxyguanosine (8-OHdG), an indicator of reactive
oxygen species (ROS), was significantly higher in N2a/APP
cells than in N2a/WT cells. N2a/APP cells treated with
DAU at all three concentrations showed significant reduc-
tions in 8-OHdG staining compared with that in vehicle-
treated N2a/APP cells. We also investigated the protein
expressions of most implicated UPR markers, such as
GRP75 (Figure 7(d)), GRP78 (Figure 7(e)), phosphorylated
pancreatic ER eIF2α kinase (p-PERK) (Figure 7(f)), phos-
phorylated eukaryotic initiation factor-2 alpha (p-eIF2-α),
eukaryotic translation initiation factor 2 subunits (eIF2α)
(Figure 7(g)), activating transcription factor-4 (ATF-4)
(Figure 7(h)), and transcriptional factor C/EBP homologous
protein (CHOP) (Figure 7(i)). The phosphorylation of PERK
and eIF2α was significantly higher in N2a/APP cells com-
pared with N2a/WT cells, and these phosphorylated proteins
were markedly reduced in DAU-treated N2a/APP cells
compared with vehicle-treated N2a/APP cells. In addition,
the mean levels of GRP75, GRP78, ATF-4, and CHOP
were higher in N2a/APP cells compared with N2a/WT
cells, and the mean levels of these proteins were reduced in
DAU-treated N2a/APP cells compared with vehicle-treated
N2a/APP cells.

4. Discussion

Dysregulation of neuronal calcium homeostasis plays a cru-
cial role in the progression of AD and therefore is a potential
therapeutic target for the treatment of this disease [27]. DAU
has been reported to inhibit cellular influx of extracellular
Ca2+ and restrict the endoplasmic release of Ca2+ in various
models [28, 29]. Disturbed calcium signaling could lead to
ER stress and activate the UPR [30]. Experiments showing
DAU’s ability to modulate calcium homeostasis have been
performed to support the claim that DAU promotes neuro-
nal cell survival [6] and corrects Ca2+-mediated arrhythmia
in muscle cells [31]. In the present study, DAU suppressed
APP processing and Aβ production in a cell model of AD.
DAU attenuated tau pathology in N2a/APP cells via the
PP2A and p35/25 pathways; this is consistent with a previous
report of the effects of DAU on bradykinin-treated N2a cells,
which showed that DAU prevents bradykinin-induced alter-
ation of calcium homeostasis and tau hyperphosphorylation
in N2a cells [7]. DAU also significantly altered the expression
of 85 proteins relevant to oxidative stress, mitochondrial
function and metabolism, UPR, and the cytoskeleton.

4.1. Oxidative Stress. Oxidative stress-related proteins
represent one class of proteins altered by DAU treatment.
Oxidative stress is a consequence of calcium influx medi-
ated by N-methyl-D-aspartate receptors in AD pathology
[32, 33]. Our proteomic profiling showed that some oxida-
tive stress-related proteins were perturbed in N2a/APP
cells versus N2a/WT cells. Although protein perturbation
does not necessarily link with functional loss of protein,
we found that DAU-treated N2a/APP cells retained the
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Figure 6: DAVID Gene Ontology enrichment analysis for the dysregulated proteins in N2a/APP cells and DAU-treated N2a/APP cells.
(a) Enrichment analysis for the differential proteins by biological process, (b) enrichment analysis for the differential proteins by molecular
function, and (c) the cellular component enrichment in Gene Ontology terms of the differentially expressed proteins in N2a/APP cells (when
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Figure 7: Continued.
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expression of peroxiredoxin-2 (PRDX2), PRDX4, and SERA
seen in N2a/WT cells (Figure 5). In addition, we observed
the level of 8-OHdG was suppressed in the three groups of
DAU-treated cells, and the level of 8-OHdG in 5μM
DAU-treated cells was the same as that in N2a/WT cells
(shown in Figure 7(a)). This implies that DAU suppressed
oxidative stress, which is consistent with previous reports
of the antioxidative activities of DAU [34]. The antioxida-
tive effects of DAU could also result from its inhibition of
Ca2+ influx [7].

4.2. Mitochondrial Proteins. Mitochondrial dysfunction is
closely linked with oxidative stress in pathological aging
and AD [35], and mitochondrial proteins formed another
cluster of proteins modified by DAU treatment. In this study,
we observed suppression of ATP synthase subunit delta,
mitochondrial (ATPD), COX5A, and dihydrolipoyllysine-
residue acetyltransferase component of p (ODP2) and
enhancement of aldehyde dehydrogenase, mitochondrial
(ALDH2), ATP synthase subunit O, mitochondrial (ATPO),
electron transfer flavoprotein subunit alpha, mitochondrial
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Figure 7: DAU reduced oxidative stress and ER stress of N2a/APP cells. (a) 8-OHdG (in green) immunostaining of N2a/WT and N2a/APP
cells. DAPI (in blue) stained the cell nuclei. Proteins PRDX4 (b), PDIA1 (c), GRP75 (d), GRP78 (e), p-PERK (f), p-eIF2α, eIF2α (g), ATF-4
(h), and CHOP (i) in N2a/WT and N2a/APP cells were determined by Western blot analyses. β-Actin was used as a loading control for
PRDX4, GRP78, GRP75, and PDIA1. α-Tubulin was used as a loading control for ATF-4, CHOP, and p-PERK. Total eIF2α was used as a
loading control for p-eIF2α. N = 3. Data show the mean± SEM. %P = 0 0052, ∗P < 0 05, ∗∗P < 0 01, and ∗∗∗P < 0 001 compared to N2a/
WT cells. #P < 0 05, ##P < 0 01, and ###P < 0 001 compared to untreated N2a/APP.
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(ETFA), IDHC, and transitional endoplasmic reticulum
ATPase (TERA) in N2a/APP cells, while protein expression
of ACON, ATPD, COX5A, ETFA, IDHC, and ODP2 was
retained in DAU-treated cells. This observation may corre-
late with the report that DAU enhanced the activity of mito-
chondrial ATPase in a mouse model of cerebral ischemia
[36]; however, more functional assays, such as levels of ATP
and activities of mitochondrial ATPase, should be included
in a future study to validate this correlation. The effect of
DAU on mitochondrial function may be related to the mod-
ulation of calcium homeostasis by this isoquinoline alkaloid.

4.3. Unfolded Protein Response. The unfolded protein
response (UPR), an ER stress response to a disturbance in
protein folding, is implicated in neurodegenerative diseases
[37], including the possibility that accumulation of tau
initiates the UPR [37]. UPR-related proteins formed the
largest category of proteins modulated by DAU treatment.
In the proteomics study, we found that calreticulin (CALR)
and Ca2+/calmodulin-dependent protein phosphatase had a
higher expression in DAU-treated N2a/APP cells versus
vehicle-treated N2a/APP cells, suggesting calcium hemosta-
sis was modulated by DAU. In the functional study, we found
ER stress markers (Figure 7) were enhanced in N2a/APP cells
and suppressed in DAU-treated cells. Calcium homeostasis is
also crucial for the function of both ER and mitochondria for
the following reasons: (1) Ca2+ is predominantly stored in the
ER and influx of Ca2+ from ER to the mitochondria can be
triggered by ER stress [38], and (2) calcium depletion in ER
is thought to initiate chronic Ca2+ overload in the mitochon-
dria and Bcl-2 dependent apoptosis [39] that DAU sup-
presses ER stress could be linked to DAU modulation of
calcium homeostasis.

Although we categorized the DAU-modulated proteins
into oxidative stress, ER stress, and mitochondrial dysfunc-
tion, intensive studies reveal these processes are closely
related. The oxidative environment in the ER is maintained
by the formation of disulfide bonds and the concentration
of glutathione, both of which are regulated by the PDI and
peroxiredoxin families [40, 41]. Imbalance of redox status
or oxidative stress results in ER stress and activates the
UPR [30]. During UPR, three classes of ER stress sensors
(namely, ATF6, PERK, and IRE1), as well as sensor-bound
chaperones (i.e., GRP78), are activated [42–44]. UPR also
induces ER stress response genes [44] and proapoptotic
transcription factors like CHOP [43]. In the case of AD,
the accumulation of Aβ and hyperphosphorylation of tau
increase the production of ROS, which results in progressive
mitochondrial damage and ER stress via a disturbance of
Ca2+ homeostasis [45, 46]. Although we did not monitor
the Ca2+ flow in N2a/APP cells, we investigated the levels
of most of the aforementioned proteins, the results of which
implied that Ca2+ homeostasis may be disturbed in N2a/APP
cells. More detailed studies are required to illuminate the
mechanisms by which DAU ameliorates mitochondrial
dysfunction, ER stress, and oxidative stress by modulating
calcium homeostasis. DAU treatment also modified proteins
in other categories, including cytoskeleton, molecular chap-
erone, and signaling proteins. Further investigations on the
functions of these proteins might illuminate the novel
pharmacological actions of DAU.

4.4. Toxicity. The potential toxicity of DAU needs to be
addressed. Some toxicological studies of DAU have claimed
the isoquinoline alkaloid is biotransformed to a quinone
methide intermediate by CYP3A family proteins, and
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accumulation of the intermediate could then deplete gluta-
thione (GSH) and induce cell apoptosis [47, 48]. Besides,
some of the 1,2,3,4-tetrahydroisoquinolines are claimed to
be moderate inhibitors of complex I activity and mitochon-
drial respiration [49]. However, N2a/APP cells could tolerate
more than 20μMDAU without significant loss of cell viabil-
ity (Figure 1(c)), and N2a/APP cells seem to tolerate higher
concentrations of DAU than N2a/WT cells (we observed sig-
nificant viability loss in N2a/WT cells treated with >10μM of
DAU) (Figure 1(b)). Further investigation into the expres-
sion of CYP family proteins in N2a/APP cells is necessary
to understand the apparent DAU tolerance of N2a/APP cells.
More important, however, is that DAU was protective when
N2a/APP cells were treated with concentrations as low as
1.25μM and, at this concentration, the toxic potential of
DAU might be marginal. In a future preclinical study of
DAU, dosage should be chosen cautiously to avoid adverse
events, including changes in GSH and mitochondrial com-
plex 1 status.

In conclusion, we found DAU treatment attenuated
hyperphosphorylation of tau and production of Aβ in N2a/
APP cells. DAU also reduced molecular deficits in N2a/
APP cells, such as those relating to oxidative stress, ER stress,
signaling proteins, and molecular chaperones (summarized
in Figure 9). Although N2a/APP cells tolerated higher con-
centrations of DAU, we recommend focus on the lowest

effective concentrations and doses of DAU to avoid adverse
events in cell culture and animal studies, respectively.
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Diabetic cardiomyopathy (DCM) is tightly linked to heart disorders and dysfunction or death of the cardiomyocytes including
resident cardiac progenitor cells (CPCs) in diabetic patients. In order to restore loss of function of resident or transplanted
CPCs, much research has focused on novel therapeutic strategies including the discovery of novel function-modulating factors
such as reactive oxygen species (ROS) scavengers. Here, we developed and defined a novel antioxidant, MHY-1684, for
enhancing the angiogenic potential of CPCs against ROS-related DCM. Short-term treatment with MHY-1684 restored ROS-
induced CPC cell death. Importantly, MHY-1684 decreased hyperglycemia-induced mitochondrial ROS generation and
attenuated hyperglycemia-induced mitochondrial fragmentation. We observed that the activation process of both Drp1
(phosphorylation at the site of Ser616) and Fis-1 is drastically attenuated when exposed to high concentrations of D-glucose
with MHY-1684. Interestingly, phosphorylation of Drp1 at the site of Ser637, which is an inhibitory signal for mitochondrial
fusion, is restored by MHY-1684 treatment, suggesting that this antioxidant may affect the activation and inhibition of
mitochondrial dynamics-related signaling and mitochondrial function in response to ROS stress. In conclusion, our finding of
the novel compound, MHY-1684, as an ROS scavenger, might provide an effective therapeutic strategy for CPC-based therapy
against diabetic cardiomyopathy.

1. Introduction

Diabetes mellitus (DM), commonly called as diabetes, is a
common public health problem worldwide. The most severe

problems associated with diabetes are the various DM-
related complications such as cardiovascular diseases, renal
diseases, neuropathy, and diabetic nephropathy. In general,
the primary cause of diabetes is a dysregulation of the blood
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glucose level due to a malfunction in insulin secretion [1].
This malfunction is caused by the destruction of pancreatic
beta cells in type I diabetes and insulin resistance in type II
diabetes. Regardless of the type, diabetes is categorized as a
disease where blood glucose is elevated, and this eventually
leads to hyperglycemia, which is a major cause of cardiovas-
cular disease. In clinical settings, it has been reported that the
death ratio of diabetes patients with cardiovascular disease is
much higher than normal patients with cardiovascular dis-
ease [2, 3]. Furthermore, hyperglycemia causes additional
complications such as neuropathy, stroke, diabetic ketoaci-
dosis, and a hyperosmolar hyperglycemic state [4, 5].

Diabetic cardiomyopathy (DCM) leads to heart disor-
ders and dysfunction or death of the resident cardiomyo-
cytes in diabetic patients. DCM is characterized by an
altered lipid composition and mitochondrial dysfunction
in diabetic hearts [6], which develop from various causa-
tive factors such as oxidative stress, mitochondrial dys-
function, endothelial cell loss, inflammation, autophagy,
and mitophagy [7, 8]. In order to reduce the risk of heart
failure, DCM needs to be controlled via reducing hyper-
glycemia and improving the cellular function of cardio-
myocytes or resident cardiac progenitor cells (CPCs). In
a clinical setting, hyperglycemia by induced DCM affects
CPC viability and the angiogenic potential of resident
CPCs or transplanted CPCs [9]. Therefore, identifying
novel factors that have cytoprotective effects against hyper-
glycemia is a prerequisite for cell-based therapies in the
treatment of DCM.

It is generally well known that the overproduction of
reactive oxygen species (ROS) has a critical impact on
the development of diabetic complications [10]. Excess
ROS in tissues gives rise to mitochondrial dysfunction,
which eventually causes cell senescence and cell death, as
well as the reduced bioactivity of pancreatic cells including
tissue stem cells [11, 12]. Several studies have focused on
the cytoprotective effect of natural or synthetic compounds
as ROS scavengers [13–15]. Recently, we showed that
oleuropein-primed endothelial progenitor cells (EPCs)
modulate the potential of vascular repair against activating
the ROS-induced extracellular signal-regulated kinase 1/2-
peroxiredoxin (ERK1/2-Prdx) pathway [15]. Moreover,
pretreatment with lycopene attenuates ROS-induced apo-
ptosis in human mesenchymal stem cell (hMSC) through
the protein kinase B-manganese superoxide dismutase
(AKT-MnSOD) pathway [14].

Accumulating evidence has suggested that mitochon-
drial dynamics including mitochondrial fission and fusion
maintain mitochondrial homeostasis [16]. For example,
several research groups have clearly demonstrated the
specific disruption of mitochondrial dynamics by fission-
related inhibitors including specific targeting of dynamin-
related protein 1 (Drp-1), which eventually induces cell
death and promotes heart disease [17–19]. Multiple thera-
peutic strategies have been attempted, including the
specific targeting of ROS-induced mitochondrial fragmen-
tation [20], hyperglycemia-related cardiac stem cell hom-
ing [21], and hyperglycemia-induced angiogenic capacity
of CPCs [9]. Recently, we also reported that hyperglycemia

in CPCs alters mitochondrial dynamics and increases the
expression of fission-related proteins, including mitochon-
drial fission 1 protein (Fis1) and Drp1. Moreover, we
showed that the specific blockage of glucose transporter
1 (GLUT1) improved cell viability, tube formation, and
regulation of mitochondrial dynamics in CPCs [17]. Nev-
ertheless, there are still few reports that identify novel
compounds for enhancing CPC bioactivities against DCM.

Thus, the aim of this study is to develop a novel
antioxidant compound against hyperglycemia-induced
cardiomyopathy and evaluate the potential roles of our
compound in oxidative stress, cell death, and mitochon-
drial dynamics in CPCs.

2. Material and Methods

2.1. Isolation of Human c-Kit-Positive Cardiac Progenitor
Cells (hCPCsc-kit+). hCPCsc-kit+ were isolated from human
infant-derived heart tissues after surgical procedures, as
described in a previously modified protocol [22]. The Eth-
ical Review Board of the Pusan National University Yang-
san Hospital, Gyeongsangnam-do, Republic of Korea,
approved the protocols. To perform this isolation, the
biopsied heart specimens were minced and incubated in
0.2% collagenase type II (Worthington, NJ, USA) at 37°C
for 30min to obtain single cardiac cells. Single cardiac
cells were incubated in Ham’s F12 media (HyClone, UT)
containing 10% fetal bovine serum (FBS, Gibco, CA,
USA), 1x penicillin/streptomycin (P/S, Welgene, Daegu,
Republic of Korea), 2.5U human erythropoietin (hEPO,
R&D Systems, Minneapolis, MN, USA), 5μg basic human
recombinant fibroblast growth factor (bFGF, PeproTech,
Rocky Hill, NJ, USA), and 0.2mM glutathione (Sigma-
Aldrich, St. Louis, CA, USA). When single cardiac cells
were grown to a high enough confluence for sorting, single
cardiac cells were conjugated to the c-kit primary antibody
(Santa Cruz Biotechnology, Santa Cruz, CA, USA) and
sorted by magnetic activated cell sorting (MACS).

2.2. Measurement of Peroxynitrite (ONOO−) Scavenging
Activity. ONOO− (Eugene, Oregon, USA) scavenging was
measured using monitoring the oxidation of dihydrorho-
damine 123 (DHR 123, Eugene, Oregon, USA) by modify-
ing the method [23]. ONOO− scavenging by the oxidation
of DHR 123 was measured on a microplate fluorescence
spectrophotometer FL 500 (BioTek Instruments, USA)
with excitation and emission wavelengths of 485nm and
530 nm, respectively, at room temperature. The back-
ground and final fluorescent intensities were measured at
5min after treatment with or without SIN-1 (final concen-
tration, 10mM) or authentic ONOO− (final concentration,
10mM) in 0.3N sodium hydroxide. Oxidation of DHR
123 by decomposition of SIN-1 (Sigma-Aldrich, St. Louis,
CA, USA) gradually increased, whereas authentic ONOO−

rapidly oxidized DHR 123 with its final fluorescent inten-
sity being stable over time.

2.3. hCPCc-kit+ Cultures and MHY-1684. hCPCsc-kit+ were
maintained in HAM’s F12 culture media at 37°C in
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humidified 5% CO2. D-(+) glucose (Sigma-Aldrich, St. Louis,
CA, USA) was added to the normal culture media. MHY-
1684 was dissolved in DMSO (100mM) and further diluted
for different concentrations. Same concentration of DMSO
was added to the control group of all experiments. MHY-
1684 was used as an antioxidant. hCPCs were treated with
D-(+) glucose and MHY-1684 at various concentrations.

2.4. Cell Viability Assay.Cell viability was measured using the
WST Kit (Ez-Cytox, Dail Lab, Seoul, Republic of Korea).
hCPCsc-kit+ were seeded on 96-well plates with D-(+) glucose
and MHY-1684 at various concentrations. Culture plates
were incubated for 24, 48, and 72h. After incubation, the cul-
ture medium with D-(+) glucose and MHY-1684 at various
concentrations was changed to the WST solution. The plates
were then incubated for 1 h, and the absorbance was mea-
sured at 450 nm using a spectrophotometer (Tecan, Grodig,
Austria).

2.5. Western Blot Analysis. Whole cells were lysed with
RIPA lysis and extraction buffer (Thermo Fisher Scientific,
Waltham, MA, USA) with a protease inhibitor cocktail
(Sigma-Aldrich, St. Louis, CA, USA) on ice, and the total
protein concentration was quantified using a Bicinchoninic
Acid Kit (Thermo Scientific, Rockford, IL, USA). In gen-
eral, 10–25μg of total protein was separated by 8–15%
sodium dodecyl sulfate polyacrylamide gel electrophoresis,
and the proteins were transferred to polyvinylidene fluo-
ride (PVDF, Millipore, Billerica, MA, USA) membranes.
The membranes were blocked with 5% skim milk for 1 h
at room temperature and incubated with primary antibod-
ies overnight at 4°C. Subsequently, these membranes were
incubated with horseradish peroxidase- (HRP-) conjugated
secondary antibodies for 1 h at room temperature (Milli-
pore), and protein bands were visualized using the enhanced
chemiluminescence reagents (Thermo Fisher Scientific). The
following primary antibodies were used: phosphorylated
extracellular signal-regulated kinase (p-ERK, Cell Signaling
Technology, Danvers, MA, USA), extracellular signal-
regulated kinase (ERK, Cell Signaling Technology),
phosphorylated protein kinase-B (p-AKT, Cell Signaling
Technology), protein kinase-B (AKT, Cell Signaling
Technology), AMP-activated protein kinase (AMPK, Cell
Signaling Technology), glyceraldehyde-3-phosphate dehy-
drogenase (GAPDH, Santa Cruz Biotechnology, Santa Cruz,
CA, USA), β-actin (Santa Cruz), p-Drp1ser616 (Cell Signaling
Technology), p-DRP1ser637 (Cell Signaling Technology),
Drp1 (Cell Signaling Technology), Fis1 (Abcam, Cambridge,
MA, USA), mitofusin-1 (Mfn-1, Santa Cruz), and optic atro-
phy 1 (OPA1, Abcam). The following secondary antibodies
were used: goat anti-rabbit IgG and goat anti-mouse IgG
(Enzo Life Sciences, Farmingdale, USA).

2.6. Tube Formation Assay. 96-Well plates were coated with
70μL of Matrigel (BD Biosciences, Franklin Lakes, NJ) and
incubated at 37°C for 30min. hCPCs were seeded in 96-
well plates with Matrigel and then incubated for 6 h. After
the incubation, total tube length was measured by counting
the number of tubes visualized in one microscopic field per

well (40x magnification) at least 3 independent replicates
using the ImageJ software (free software from National Insti-
tutes of Health).

2.7. Measurement of Mitochondrial ROS.Mitochondrial ROS
was determined using the fluorescent MitoSOX probe (Invi-
trogen, Carlsbad, CA, USA). hCPCs were incubated in
HAM’s F12 culture media with 2μM MitoSOX Red for
30min at 37°C in a 5% CO2 atmosphere. After the incuba-
tion, the cells were washed with phosphate-buffered saline
(PBS), and the fluorescence was assessed by fluorescence-
activated cell sorting (FACS; BD Accuri C6, San Jose, CA,
USA). Mitochondrial ROS were analyzed using BD FACS-
Diva software (BD Biosciences, Bedford, MA).

2.8. Cell Death Analysis. To measure apoptotic cell death,
hCPCs were detected by FACS (BD Accuri C6) with annexin
V/propidium iodide (PI) Apoptosis Detection Kit (BD
Biosciences, San Diego, CA, USA). Gently, hCPCs were har-
vested after the addition of culture media that contained D-
(+) glucose and MHY-1684. The cells were then treated with
annexin V/PI for at least 15min in the dark according to the
manufacturer’s instructions.

2.9. Immunofluorescence. Mitochondrial morphology was
measured in hCPCs stained with 200nM MitoTracker Red
CMXRos (Molecular Probes, Eugene, OR, USA) with a con-
focal microscope (Olympus, FV1000, Tokyo, Japan). To
determine any alteration in mitochondrial morphology, we
measured mitochondrial total length using the ImageJ
software.

2.10. Statistical Analysis. All experimental results are pre-
sented as the mean± standard deviation (SD) using ANOVA.
Comparisons between the two groups were performed using
the unpaired Student’s t-test. A value of p < 0 05 was consid-
ered statistically significant.

3. Results

3.1. Development of a Novel Compound, MHY-1684, for
Enhancing the Bioactivity of hCPCs. In order to develop a
novel compound, we designed a MHY-1684 as an antioxi-
dant compound, which is synthesized based on the kojic acid
(Figure 1(a)). Previously, antioxidant effect of kojic acid has
been reported [24, 25]. It confirmed the antioxidant effect
of MHY-1684 (Supplementary Table 1, Supplementary
Materials). To evaluate the cytotoxicity of MHY-1684 on
hCPCs, we treated the cells with 0.1, 1, 10, 100μM, and
1mM MHY-1684 for 24 h. Cell viability decreased
significantly when cells were exposed to more than 10μM
MHY-1684. Therefore, we optimized all experiments using
less than 10μM MHY-1684 (Figure 1(b)). To evaluate the
impact of MHY-1684 on hCPC bioactivity, we next
investigated the effect of MHY-1684 on hCPC tube-
forming ability and cell proliferation, including an
investigation into the ERK1/2 and AKT pathway.
Treatment of hCPC with MHY-1684 for 24 h significantly
increased the expression of p-ERK and p-AKT (Figures 1(c)
and 1(d)), as well as enhanced hCPC tube-forming
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Figure 1: The role of MHY-1684 as an ROS scavenger in hCPCs. (a) The chemical structure of MHY-1684. (b) hCPCs were seeded in 96-well
plates and cultured with the indicated concentrations of MHY-1684 for 24 h. Cell viability was assessed using the WST assay. Values are the
mean± S.E.M. ∗p < 0 05 and ∗∗p < 0 01 as compared with the control group. (c) The tube-forming ability of hCPCs was examined when cells
were exposed to MHY-1684 for 24 h. The tubular-like network was evaluated using a Matrigel tube formation assay. (d) After treatment with
MHY-1684 for 24 h, the prosurvival-related proteins (ERK-1, AKT-1) were analyzed byWestern blotting. (e) hCPCs were pretreated with the
indicated concentrations of MHY-1684 for 24 h prior to hydrogen peroxide (H2O2, 800μM) treatment. Mitochondrial ROS levels in hCPCs
were measured by flow cytometry withMitoSOX Red. (f) Histogram indicates median value ± S.E.M. of MitoSOX-positive cells when exposed
to H2O2. MitoSOX-positive cells increased when exposed to H2O2; however, when cotreated with MHY-1684, the MitoSOX-positive
cells decreased significantly. Values are the mean± S.E.M. ∗p < 0 05 and ∗∗p < 0 01 as compared with the control group; #p < 0 05
and ##p < 0 01 as compared with the group treated with 25mM D-(+) glucose for 72 h.
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Figure 2: Effect of MHY-1684 on hyperglycemia-induced cell death of hCPCs. (a) hCPCs were treated with 25mMD-(+) glucose for 0–72 h,
and cell viability was subsequently assessed. (b) Following the cotreatment of hCPCs with MHY-1684 (0.1, 1, and 10μM) and 25mM D-glu-
cose for 72 h, cell viability was assessed. Values are the mean± S.E.M. ∗p < 0 05 as compared with the control group; #p < 0 05 as compared
with the 25mM D-(+) glucose-treated group. (c) After treatment with MHY-1684 for 24 h in 25mM D-(+) glucose, the prosurvival-related
proteins (ERK-1, AKT-1) were analyzed by Western blotting. (d) hCPCs were incubated with 25mM D-(+) glucose for 0–72 h with or
without 1 μM MHY-1684 for 72 h. hCPCs were stained with annexin V/PI, and then, hCPCs were measured by flow cytometry. hCPCs
were classified as viable cells (annexin V-/PI-), apoptotic cells (annexin V+/PI-, annexin V+, PI+), and dead cells (annexin V+/PI+). (e)
Dead cell population is expressed as a percent of the total cell population. (f) Apoptotic cell population is expressed as a percent of the
total cell population. Values are the mean± S.E.M. ∗p < 0 05 and ∗∗p < 0 01 as compared with the control group; #p < 0 05 as compared
with the group treated with 25mM D-(+) glucose for 72 h.
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capacity, suggesting that MHY-1684 affects hCPC angiogenic
potential and cell proliferation.

3.2. Antioxidant Effect of MHY-1684 on H2O2-Induced ROS
in hCPCs. To determine the potential role of MHY-1684 as
an antioxidant, we examined mitochondrial ROS generation
in response to oxidative stress. Specifically, when hCPCs
were exposed to 800μM of H2O2, a significant amount of
mitochondrial ROS was produced. In contrast, hCPCs pre-
treated with MHY-1684 displayed a dramatic decrease in
the level of mitochondrial ROS, suggesting that MHY-1684
has an inhibitory effect on mitochondrial ROS generation
(Figures 1(e) and 1(f)).

3.3. Cytoprotective Effect of MHY-1684 on Hyperglycemia-
Induced Cell Death in hCPCs. To investigate whether hyper-
glycemia induced cell death in hCPCs, we treated hCPCs
with 25mM D-(+) glucose in a time-dependent manner. As
a result, we found that this concentration of glucose induced
a significant amount of hCPC cell death in 72h (Figure 2(a)).
Importantly, hCPCs cotreated with D-(+) glucose andMHY-
1684 significantly attenuated hyperglycemia-induced cell
death (Figure 2(b)). Furthermore, we also observed an
increase in the expression of proliferation-related markers
including p-ERK and p-AKT (Figure 2(c)), suggesting that
MHY-1684 might promote cell proliferation.

3.4. Cytoprotective Effect of MHY-1684 on Hyperglycemia-
Induced Apoptosis in hCPCs. To investigate whether
hyperglycemia-induced cell death was caused by
hyperglycemia-induced apoptosis, we evaluated hCPC cell
death via annexin V/PI staining. As shown in Figure 2(d),
the high glucose condition significantly increased the per-
centage of dead cells in the hCPC population. In contrast,
pretreatment of hCPCs with MHY-1684 and high glucose

for 72 h significantly attenuated the hyperglycemia-induced
hCPC cell death (Figures 2(d)–2(f)).

3.5. MHY-1684 Attenuates Mitochondrial ROS Generation.
Based on a previous report that hyperglycemia-induced
apoptosis is caused by mitochondrial ROS [17], we inves-
tigated the effect of MHY-1684 on hyperglycemia-induced
mitochondrial ROS generation. As shown in Figure 3(a),
when exposed to hyperglycemia, hCPCs produced more
mitochondrial ROS. Importantly, cotreatment of hCPCs
with MHY-1684 and D-(+) glucose significantly decreased
mitochondrial ROS (Figures 3(a) and 3(b)), indicating that
MHY-1684 might protect hCPCs from apoptotic cell death
by blocking mitochondrial ROS generation.

3.6. MHY-1684 Attenuates Mitochondrial Fission via
Regulating Fission/Fusion-Related Proteins. To examine the
effect of MHY-1684 on hyperglycemia-induced mitochon-
drial fragmentation [20], we observed mitochondria
morphological changes following hCPC treatment with
glucose and MHY-1684. As shown in Figure 4(a), total mito-
chondrial length decreased significantly when cells were
exposed to 25mM D-(+) glucose. In contrast, cotreatment
of hCPCs with 1μM MHY-1684 and 25mM D-(+) glucose
for 72 h significantly attenuatedmitochondrial fragmentation
(Figures 4(a) and 4(b)). To investigate the molecular mecha-
nism by which this attenuation occurs, we next examined
the expression of mitochondrial dynamics-related
proteins including both the fission-associated Drp1 and
Fis-1 and the fusion-associated Mfn-1 and Opa-1 by
Western blotting. Notably, the activation of both Drp1
(phosphorylation at the site of Ser616) and Fis-1 is drasti-
cally attenuated when exposed to high concentrations of
D-(+) glucose. Interestingly, the phosphorylation of Drp1
at Ser637, which is an inhibitory signal for mitochondrial
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Figure 3: MHY-1684 attenuates mitochondrial ROS generation. (a) hCPCs were treated with 25mM D-(+) glucose for 0–72 h and 1μM
MHY-1684 for 72 h. Mitochondrial ROS were labeled with MitoSOX Red, and hCPCs were analyzed by flow cytometry. (b) Histogram
indicates median value± S.E.M. of MitoSOX mean fluorescence intensity (MFI) when exposed to D-(+) glucose. MitoSOX-positive cells
increased in a time-dependent manner when exposed to D-(+) glucose; however, when cotreated with MHY-1684, the MitoSOX-positive
cells decreased significantly. Values are the mean± S.E.M ∗p < 0 05, ∗∗p < 0 01 as compared with the control group, #p < 0 05 as compared
with the group treated with 25mM D-(+) glucose for 72 h.
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Figure 4: MHY-1684 attenuates mitochondrial fission via regulating fission/fusion-related proteins. (a) Confocal image of hCPCs stained
with MitoTracker Red CMXRos after cotreatment with 1μM MHY-1684 and 25mM D-(+) glucose for 72 h. (b) Mitochondrial length was
analyzed when hCPCs were incubated with 1 μM MHY-1684 after being exposed to 25mM D-(+) glucose. Results are presented as means
± SD. ∗p < 0 05 versus 25mM D-(+) glucose. (c) Expression of the mitochondrial fragmentation-related marker Fis1, Drp1, OPA1, and
Mfn1 when incubated with 1μM MHY-1684 after being exposed to 25mM D-(+) glucose.
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Figure 5: MHY-1684 rescues the tube-forming capacity of hCPCs during hyperglycemia. (a) The tube formation ability of hCPCs treated
with 1μM MHY-1684 and 25mM D-(+) glucose for 72 h. The ability for hCPCs to form capillary-like structures in vitro was evaluated
using a Matrigel tube formation assay. (b) Quantification of the total length of tube-like structures. ∗p < 0 05 as compared with the control
group, #p < 0 05 as compared with the group treated with 25mM D-(+) glucose for 72 h.
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fusion, is restored following hCPC treatment with MHY-
1684. In contrast, when hCPCs are treated with MHY-
1684, the expression of Mfn-1 is significantly restored,
suggesting that treatment with MHY-1684 might affect
the activation and inhibition of mitochondrial dynamics-
related signaling and mitochondrial function in response
to ROS stress (Figure 4(c)).

3.7. Cytoprotective Effect of MHY-1684 on hCPC Tube-
Forming Capacity during Hyperglycemia. To determine
whether pretreatment with MHY-1684 enhances the angio-
genic bioactivity of hCPCs in response to hyperglycemia,
we examined the tube-forming potential of MHY-1684-
treated hCPCs. The tube-forming capacity decreased signifi-
cantly in the presence of 25mM D-(+) glucose. However, the
hyperglycemia-reduced tube-forming capacity of hCPCs was
rescued significantly when cotreated with MHY-1684
(Figures 5(a) and 5(b)), suggesting that MHY-1684 improves
the angiogenic function of hCPCs during hyperglycemia.

4. Discussion

Although the clinical impact of CPC-based therapies is
emerging [26] and the therapeutic effect of CPCs in
ischemic cardiovascular disease models seems to be
clearly demonstrated, there is a limitation based on the
quality and quantity of resident CPCs that can be used
for therapeutic applications in a clinical setting. The med-
ical community is limited because patient-derived CPCs
possess reduced therapeutic bioactivities due to multiple
risk factors including age, smoking, diabetics, and hyper-
glycemia. In order to achieve a significant therapeutic
effect from transplanted CPCs, there has been an increased
focus on the discovery of novel function-modulating factors

including ROS scavengers [13–15]. In this report, we identi-
fied a novel antioxidant, MHY-1684, which enhanced hCPC
bioactivity against ROS-related diabetic cardiomyopathy.
Interestingly, short-term treatment with MHY-1684 in
ex vivo-expanded CPCs attenuated hyperglycemia-induced
mitochondrial fragmentation and cell death. This suggests
that MHY-1684 might be a novel priming agent for CPC-
based therapies for diabetic cardiomyopathy via reducing
mitochondrial ROS production and regulating mitochon-
drial dynamics.

Mitochondria are energy-producing organelles that are
mobile and harbor dynamic network structures. Maintain-
ing mitochondrial dynamics is an important part of tissue
homeostasis in that disordered mitochondrial dynamics is
associated with various diseases [27]. Existing evidence
also suggests that mitochondrial fragmentation occurs
during hyperglycemia and thereby causes hCPC dysfunc-
tion [17]. Our results support the importance of the
proper modulation of hyperglycemia-related mitochondrial
dynamics. Pretreatment of hCPCs with MHY-1684 dramati-
cally reduced hyperglycemia-related mitochondria fission via
attenuating the activation of Drp-1 and Fis-1. This was dem-
onstrated by Western blotting using both p-Drp-1616 and
Fis-1 antibodies (Figures 4(a) and 4(b)). In contrast, both
p-Drp-1637 and the fusion-related protein, Mfn-1, became
reversely activated during hyperglycemia. These results sug-
gest that the disordered mitochondrial dynamics is partially
restored by MHY-1684 (Figure 4(c)).

Mitochondrial ROS are formed naturally as a meta-
bolic by-product in cells, and they play crucial roles in
cell signaling, proliferation, homeostasis, and cell death
[28]. In the clinical setting, hyperglycemia causes the over-
production of ROS, which disrupts cell structures and causes
cell death [29], leading to cardiomyopathy. To reduce the
effects of hyperglycemia such as the development of
diabetic cardiomyopathy, mitochondrial ROS needs to be
controlled. Therefore, our novel ROS scavenger, which
enhances cellular function including tube formation and
hCPC cell survival, might be therapeutic in a CPC-based
therapy against diabetic cardiomyopathy. Specific modula-
tion of ROS-related hyperglycemia is also an important
issue because hyperglycemia inhibits the angiogenic capac-
ity of transplanted cells and resident stem/progenitor cells
and suppresses cell homing by regulating the ERK1/2
pathway [9, 21]. In our current study, we demonstrated
that the attenuation of ROS by MHY-1684 activates the
ERK1/2 and AKT signaling pathways. Multiple studies sup-
port the fact that ROS overproduction suppresses ERK1/2
and AKT signaling and eventually leads to cell death [30,
31], suggesting that augmented ERK1/2 and AKT signaling
partially affects the rescue process mediated by MHY-1684
in hyperglycemia-induced diabetic cardiomyopathy.

5. Conclusion

Our results demonstrated that MHY-1684 enhances hCPC
cellular function against ROS and hyperglycemia. Impor-
tantly, MHY-1684 attenuated mitochondrial ROS genera-
tion during hyperglycemia and significantly reduced

High glucose with MHY-1684

: glucose

ROS

Mitochondrial 
fragmentation

Cell viability
Angiogenic potential

Diabetic cardiomyopathy

MHY-1684

High glucose

Figure 6: Proposed working model. MHY-1684 plays a critical role
in ROS generation, restores the angiogenic potential, and reduces
cell death of hCPCs via regulating mitochondrial dynamics.
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mitochondrial fragmentation via regulating Drp-1 and
Fis-1. MHY-1684 also decreased ROS-induced cell death
(Figure 6). In conclusion, the novel compound, MHY-
1684, is an ROS scavenger that might be an effective
therapeutic agent for the CPC-based therapy against dia-
betic cardiomyopathy.
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The level of oxidative stress is important in the initiation and progression of various age-related diseases, such as cancer. The level of
oxidative stress may also play a significant role in cancer patients’ response to treatment. We aimed to investigate whether serum
8-oxo-dG as a marker of oxidative stress is a predictor of tumour response. We used modified ELISA with a two-step filtration to
analyse 8-oxo-dG in serum. The relationship between 8-oxo-dG levels, tumour response, and toxicity was studied in 19 oesophageal
cancer patients who received radiotherapy and 16 gastric cancer patients who received chemotherapy. In the radiotherapy and the
merged radio- and chemotherapy groups, the baseline levels of 8-oxo-dG were significantly lower in responder patients than in
nonresponder patients and the increments after treatment were greater. In comparison with patients whose serum 8-oxo-dG
levels decrease after treatment, patients with increasing levels had a longer median “progression-free survival.” Our results,
although preliminary, suggest that serum levels of 8-oxo-dG may potentially be used to predict the sensitivity and outcome of
radiotherapy and chemotherapy of upper gastrointestinal tumours. Patients with 8-oxo-dG levels that are low prior to treatment
and subsequently increase after treatment may be more likely to benefit from the therapy.

1. Introduction

Oesophageal and gastric cancers are significant causes ofmor-
bidity and mortality. In 2012, gastric cancer was estimated to
be the fifth most common cancer worldwide and the third
leading cause of cancer death.While oesophageal cancer is less
common than gastric cancer, its highmortality rate places it as
the sixth leading cause of cancer-related deaths worldwide.
Risk factors such as heavy smoking, genetic background,
heavy alcohol consumption, certain food types, and hot bever-
ages increase the risk of oesophageal and gastric cancer. In
general, both oesophageal and gastric cancers are associ-
ated with poor prognosis despite improvements to their

treatments by including advanced diagnostic and thera-
peutic methods [1, 2]. Prognostic biomarkersmay play a sig-
nificant role in choosing efficient treatments, reducing side
effects, and improvingquality of life.Currently, themain treat-
ments for oesophageal and gastric cancers are surgery, radio-
therapy, and chemotherapy, separately or in combination.
The cytotoxic effects of radiotherapy and chemotherapy are
mediated partly by the induction of reactive oxygen species
(ROS), which leads to oxidative stress. Due to their unpaired
electrons, ROS are unstable and react with other molecules,
for example, lipids, proteins, RNA, DNA, dNTP, and NTP,
modifying their structures and functions. Consequently, the
functions of the cell become compromised. One of the
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frequently studied oxidativeDNAbase damages is 8-hydroxy-
2′-deoxyguanosine (8-oxo-dG). 8-Oxo-dG is produced when
ROS, for example, hydroxyl radicals, react with guanine in
DNA or deoxyguanosine triphosphate (dGTP) in the cyto-
plasm.Wehave previously shown that the origin of extracellu-
lar 8-oxo-dG is the cytoplasmic content of dGTPwhich can be
converted into 8-oxo-dGTP by free radical attack [3–5].
8-Oxo-dG is excreted into extracellular environments such
as urine, blood, and saliva. Elevated oxidative stress can partly
explain the characteristics of cancer cells, for example, geno-
mic instability, elevated proliferation rate, chemotherapy
resistance, and metastasis [6].

Several publications show that levels of oxidative stress,
measured with 8-oxo-dG in urine or blood serum, can be a
useful biomarker for the response to radiation therapy and
chemotherapy in cancer patients [7–9]. Additionally, several
research groups have shown that the levels of 8-oxo-dG
and MTH1 protein, an 8-oxo-dGTPase, play important
prognostic roles in oesophageal as well as in gastric cancers
[10–12]. However, the commercial ELISA kits available for
detection of extracellular 8-oxo-dG are not specific [13],
and other chromatographic-based methods, for example,
high-pressure liquid chromatography (HPLC) with electro-
chemical detection or liquid chromatography with mass
spectrometry detection (LC-MS/MS), are expensive, require
sophisticated equipment and highly skilled personnel, and
cannot be routinely used in the oncological clinics. Therefore,
we have set up a sensitive and specific method where we first
filter the serum sample on a Bond Elut column to isolate a
fraction containing 8-oxo-dG and then use this fraction to
determine 8-oxo-dG by a modified ELISA [3, 14].

We have previously reported that the levels of radiation-
induced urinary and serum 8-oxo-dG could be used as a
marker for determining individual radiation sensitivity in
breast as well as in head and neck cancer patients [15–17].
In the present study, we investigated the relationship between
serum levels of 8-oxo-dG and the therapy outcome of
oesophageal and gastric cancers as well as therapy-related
side effects. Blood samples from patients were collected at
two time points: (1) before the start of oncological treatment
and (2) two weeks after completed treatment. The levels of
8-oxo-dG in their blood serum were measured using our
modified ELISA method.

2. Materials and Methods

2.1. Patients. Thirty-five patients with malignant tumours
(stages III to IV) were recruited during March 2015 to July
2015 and underwent radiotherapy or chemotherapy at
Changzhou Tumour Hospital. Patients with two different
diagnoses were studied: 19 with oesophageal and 16 with gas-
tric cancer. All patients had measurable lesions. The total
group of patients is composed of 29males and 6 females, rang-
ing in age from 34 to 79 years, with a median age of 66 years.
None of them had received previous radiotherapy or chemo-
therapy. The tumours were histologically and/or cytologically
confirmed. The clinical stage of the tumours was confirmed
based on the results of examination by X-ray, computed
tomography (CT), magnetic resonance imaging (MRI), and

other imaging examinations. All patients had an Eastern
Cooperative Oncology Group (ECOG) performance status
of ≤2, adequate bone marrow reserve, normal liver function,
normal heart function, and normal kidney function. Further-
more, the patients had no history of prior malignancy.
The study was performed in accordance with the ethical
standards and approved by the Chinese Ethical Committee
at Changzhou Tumour Hospital (Dnr 2015SY-001-01).

2.2. Treatments. Among the patients, 19 patients with local
advanced oesophageal cancer received radiotherapy with
6MeV photons. The planning target volume (PTV) encom-
passed the primary tumour site and a margin of approxi-
mately 1.5 cm. The prescription doses of PTV were 60Gy
in 30 fractions over a period of six weeks. 16 gastric cancer
patients were treated with standard chemotherapy drug
combination: folinic acid, fluorouracil, and oxaliplatin
(FOLFOX4) 4 times during 2 weeks.

2.3. Response Evaluation. Tumour response was assessed
according to the response evaluation criteria in solid tumours
(RECIST) [18]: a complete response (CR) was defined as a
complete disappearance of all objective evidence of disease,
a partial response (PR) was defined as at least a 30% decrease
in the sum of the longest diameters (LD) of tumour taking
the baseline sum diameters as the reference, progressive dis-
ease (PD) was defined as a 20% increase in the sum of the LD
of tumours or the appearance of one or more new lesions,
and stable disease (SD) was defined as neither sufficient
shrinkage to qualify for PR nor sufficient increase to qualify
for PD. In this study, patients who achieved a CR or PR were
classified as responders and all remaining patients were
considered nonresponders.

2.4. Follow-Up. Physical examinations, measurement of car-
cinoembryonic antigen CA199 and thymidine kinase 1
(marker of proliferation) levels, and whole-body computed
tomography were carried out every 3 months in the first year
and every 6 months thereafter to evaluate therapy response.
Progression-free survival (PFS) was the time from study
entry until disease progression, death, or the day of the last
follow-up visit, whichever came first. The Radiation Therapy
Oncology Group (RTOG) scoring schema [19] was used to
evaluate the acute radiation-related toxicity to the chest wall
skin and oesophageal mucosa. In order to facilitate statistical
analysis, we classified patients displaying side effects of
RTOG grades 2, 3, and 4 as the moderate or severe group.
The toxicity of chemotherapy was graded according to
NCI-CTC, version 4.0 (available at http://www.oncology.tv/
SymptomManagement).

2.5. ELISA Measurement of Serum 8-Oxo-dG. 3ml of blood
samples was collected in tubes without anticoagulant. After
about two hours, the blood serum was isolated by
centrifuging the tubes at 250×g for 20 minutes. 8-Oxo-
dG was measured using a modified competitive ELISA as
described previously [3, 4, 16]. All samples were coded
and analysed blindly. The ELISA kit was provided by
Health Biomarkers Sweden AB. Briefly, 800 μl blood
serum was filtered using a C18 solid phase extraction
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Bond Elut column (Varian, CA) as described previously
[14]. The filtration step is necessary to remove products
other than 8-oxo-dG that could cross-react with the
monoclonal antibody. The purified samples were lyophi-
lised and reconstituted to 1ml by adding PBS. The filtra-
tion step was repeated once more. 90 μl of the purified
samples was processed further for the detection of 8-oxo-
dG according to the protocol provided by the company.
The absorbance of the samples was read at 450 nm using
an automatic ELISA plate reader. Each sample was ana-
lysed in triplicate, and the samples belonging to one indi-
vidual patient were analysed using the same 96-well ELISA
plate. A standard curve for 8-oxo-dG (0.05–10 ng/ml) was
established for each plate covering the range of 8-oxo-dG
in the samples. Validation of the modified ELISA method
was performed by HPLC-EC during the previous study
[4]. Comparisons between the modified ELISA and the
HPLC-EC methods showed a linear correlation at the con-
centration range found in human blood serum (r2 = 0 87,
p < 0 05). There was no correlation between ELISA and
HPLC-EC results when unfiltered samples were used.

2.6. Measurement of Serum TK1. The concentration of serum
TK1 (STK1p) was measured using a commercial kit based on
an improved chemiluminescent (ECL) dot blot assay as
described by themanufacturer (SSTK Ltd., Shenzhen, China).
3μl samples of serum was directly applied to a nitrocellulose
membrane in duplicate. The serum samples were probed with
an anti-TK1 chicken IgY antibody raised against a peptide
(residue 195-225,GQPAGPDNKENCPVPGKPGEAVAAR
KLFAPQ).TheTK1peptidewasdotted at different concentra-
tions (2.2, 6.6, and 20pM) as a quality control standard. The
intensities of the spots on the membrane were determined by
the CIS-l Imaging System (SSTK Ltd., Shenzhen, China).
From the intensities of the TK1 quality control standards of
known concentrations, the concentrationof STK1pwas calcu-
lated and expressed as pM. For a detailed description of the
STK1p assay, see Chen et al. [20]. Within this study, 2.0 pM
of STK1p was used as a risk threshold value.

2.7. Measurement of Serum CA199. Serum CA199 levels were
measured using the ADVIA Centaur® XP automated Immu-
noassay System (Siemens Healthcare Diagnostics, Erlangen,
Germany) according to the manufacturer’s protocol. Levels
of serum CA199≥ 37U/ml were considered abnormal.

2.8. Statistical Methods. For the statistical analysis, the paired
sample t-test and the independent sample t-test were used.
The chi-square test was used to determine correlations
between the changes of 8-oxo-dG concentration and the
responses of tumour to treatments or acute side effects.
Kaplan-Meier survival curves and the log-rank test were used
to analyse univariate distributions for progression-free sur-
vival. A p value lower than 0.05 was considered to indicate
a significant difference.

3. Results

3.1. Associations between Serum 8-Oxo-dG and
Clinicopathological Features. In the merged group of

patients, the baseline 8-oxo-dG concentrations were signif-
icantly associated with the degree of tumour differentia-
tion. Patients with highly differentiated tumours had higher
8-oxo-dG in the serum (0.48± 0.30 ng/ml) in comparison to
patients with poorly or undifferentiated tumours (0.25
± 0.17 ng/ml) (Table 1). Serum 8-oxo-dG was significantly
related to the tumour marker CA199 and to gender, but not
to TK1 (Table 1).

3.2. Associations between Changes of Serum 8-Oxo-dG Level
and Tumour Response. To investigate if changes of serum
8-oxo-dG level are associated with tumour response, we
divided the patients into 2 groups: those who showed objec-
tive response (CR+PR) and individuals with no response
(PD+SD), respectively. Additionally, the association
between tumour response and 8-oxo-dG was investigated in
the patients treated with radiotherapy (oesophageal cancer)
or chemotherapy (gastric cancer) as separate groups and as
one merged group. The changes of 8-oxo-dG concentrations
are summarised in Table 2. We found that the changes of
serum 8-oxo-dG were associated with the tumour response.
In Table 3, the levels of 8-oxo-dG in the serum are presented
for each therapy group based on their response before and 2
weeks after treatment. As shown in Table 3, the levels of
8-oxo-dG increased in the merged group, CR+PR, from
0.21 to 0.38 ng/ml (p < 0 05). The increases for radiotherapy
patients were from 0.25 to 0.43 ng/ml (p < 0 05) and for che-
motherapy patients from 0.17 to 0.27 ng/ml (nonsignificant).
For SD+PD groups, a decrease or no change of 8-oxo-dGwas
found when the levels of 8-oxo-dG after treatment were com-
pared to the baseline levels. To explore whether baseline
serum 8-oxo-dG level could predict the outcome of radio-
therapy and chemotherapy, we analysed the relationship
between baseline serum 8-oxo-dG and tumour response in
different treatment groups. The overall results presented in
Table 3 indicate that the CR+PR groups have lower baseline
8-oxo-dG in comparison to the SD+PD groups. These obser-
vations suggest that patients with low baseline levels of serum
8-oxo-dG that then increase markedly after treatment are
more sensitive to treatment.

3.3. Associations between Changes of Serum 8-Oxo-dG Level
and Side Effects of Radiotherapy or Chemotherapy. To inves-
tigate if changes of serum 8-oxo-dG level are associated with
acute side effects, we compared the serum 8-oxo-dG concen-
trations before and after treatment in patients with severe
side effects to the concentrations in the patients that dis-
played almost no side effects. In the radiotherapy group, we
found that an increase in serum 8-oxo-dG level was closely
related to acute skin reactions and acute oesophageal mucosa
reactions (p = 0 047 and 0.018, resp.). In the chemotherapy
group, patients with an increase in serum 8-oxo-dG
appeared to be more prone to suffer from 3 or 4 degrees
of bone marrow suppression and 3 or 4 degrees of gastro-
intestinal reactions when compared to patients with
declining concentrations, although the difference between
the groups did not reach statistical significance (p = 0 09
and p = 0 21, resp.) (Table 4).
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3.4. Associations between Serum 8-Oxo-dG Levels and
Progression-Free Survival. The median PFS was 9 months
(range, 2–17 months). Figure 1(a) shows the Kaplan-Meier
survival curves for all patients with serum 8-oxo-dG level
decline or increase. The changes in the serum concentration
of 8-oxo-dG were calculated by subtracting the baseline con-
centration before treatment from the concentration of serum
8-oxo-dG two weeks after the radiotherapy or chemotherapy.
Compared to the patients whose serum 8-oxo-dG declined,
the patients with increasing serum 8-oxo-dG concentration
had a significantly longer median PFS (median PFS, no
defined versus 8 months). Figures 1(b) and 1(c) show the
Kaplan-Meier survival curves for patients who received
radiotherapy and chemotherapy, respectively. When com-
pared to patients whose serum 8-oxo-dG declined,
chemotherapy-treated patients with increasing serum
8-oxo-dG concentrations had significantly longer median
PFS, while the difference did not reach statistical signifi-
cance for the radiotherapy group (median PFS, no defined
versus 7 months in the radiotherapy group and no defined

versus no defined in the chemotherapy group, p < 0 086
and 0.001, resp.).

The median time of follow-up was 9 months. Some of the
patients underwent follow-up at 17 months. During the
study period, 4 of the 35 patients (11.4%) deceased. As a
result of the low death rate, a meaningful determination of
association between serum 8-oxo-dG level and death was
not possible to perform.

4. Discussion

Within the present investigation, we used a modified ELISA
method for the detection of 8-oxo-dG in blood serum of
the patients. Extracellular 8-oxo-dG originates from 8-oxo-
dGTP in the nucleotide pool when free radicals react with
dGTP. MTH1 hydrolyses 8-oxo-dGTP to 8-oxo-dGMP.
8-Oxo-dGMP is further dephosphorylated, and 8-oxo-dG
is released from the intra- to the extracellular milieu where
it can be detected and used as a marker for oxidative stress
[3, 4]. We found that the baseline levels of 8-oxo-dG in the
serum of responder patients (chemo- and radiothera-
py—CR+PR) were significantly lower compared to the levels
in nonresponder patients (SD+PD) (0.21± 0.15 ng/ml and
0.52± 0.34 ng/ml, resp.). When breaking down the results
into radiotherapy and chemotherapy groups, we still observe
a significantly lower level of 8-oxo-dG in the CR+PR group
as compared to the SD+PD group for radiotherapy patients
(0.25± 0.14 and 0.46± 0.25 ng/ml, p = 0 048), while for the
chemotherapy group, the level of 8-oxo-dG was only nonsig-
nificantly lower in the CR+PR than in the SD+PD group
(0.17± 0.16 and 0.37± 0.32 ng/ml, resp.). The data indicates
that patients with lower 8-oxo-dG in the serum before the
start of oncological treatment have better prognosis than
patients with higher 8-oxo-dG levels suggesting that baseline
levels of 8-oxo-dG in the serum of oesophageal and gastric
cancer patients may have a prognostic value.

These results are also in accord with previously published
data on ovarian, renal, and hepatocellular carcinoma as well

Table 1: Associations between serum 8-oxo-dG level and characteristics of the study cohorts.

Type Mean (ng/ml) ±SD n p value

Age (median age: 66 years)

≥66 0.28 0.19 21

<66 0.33 0.29 14 0.511

Gender

Male 0.26 0.18 29

Female 0.48 0.36 6 0.049

CA199

≥37U/ml 0.44 0.35 9

<37U/ml 0.24 0.15 26 0.027

TK1

≥2 pmol/ml 0.30 0.20 22

<2 pmol/ml 0.29 0.25 13 0.954

Differentiation

Highly or moderately differentiated 0.48 0.30 8

Poorly differentiated or undifferentiated 0.25 0.17 27 0.011

Table 2: Associations between changes of serum 8-oxo-dG and
tumour response.

Changes of serum 8-oxo-dG
Tumour response

χ2 p
valueCR +PR SD+PD

All patients (n = 35)
Increase 11 3

Decline 6 15 8.41 0.006

The radiotherapy group (n = 19)
Increase 7 1

Decline 4 7 4.96 0.026

The chemotherapy group (n = 16)
Increase 4 2

Decline 2 8 3.48 0.062
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as lung cancer [8, 14, 21, 22]. It was shown that there is an
association between 8-oxo-dG levels, tumour size, and clini-
cal stage in renal cell carcinoma.

Another interesting finding is the observation of the
changes in the levels of 8-oxo-dG after the treatments
(Table 3). The results show that the levels of 8-oxo-dG
increase significantly in the CR+PR groups, almost 2-fold,
after the treatment compared to the baseline levels. On the
contrary, the levels of 8-oxo-dG in the SD+PD groups (all
patients and radiotherapy and chemotherapy groups) did
not increase after the treatments and may have decreased.
It should be noted that the baseline level of 8-oxo-dG is
higher in the SD+PD group, indicating that the SD+PD
patients are already at a state of stress and their cells cannot
cope with additional ROS induced by the treatments. The
high baseline levels of oxidative stress in the SD+PD groups
may have various causes including higher metabolic activity
due to large tumour burden, tumour aggressiveness, and type
of tumours. In this case, exposed cells may die and not pro-
duce additional 8-oxo-dG. In contrast, patients in the CR
+PR groups have lower oxidative stress; therefore, they can
cope with and excrete elevated 8-oxo-dGTP induced by the
treatments. A summary of the results and some suggested
mechanisms that have been introduced in the discussion
are presented in Figure 2.

Individual 8-oxo-dG levels before and after treatment
could have a predictive valuewhen considering the side effects

of the treatments. The data presented in Table 4 indicates that
radiotherapy-treated patients, whose 8-oxo-dG levels are
increased after therapy, are at increased risk of severe skin
reactions and severe mucosa reactions, while in comparison
with the chemotherapy groups, no correlations between 8-
oxo-dG levels and acute side effects were observed.

The results presented here indicate that it might be possi-
ble to distinguish the CR+PR group from the SD+PD group
considering the baseline 8-oxo-dG as well as changes of 8-
oxo-dG levels after the treatment. However, there is an over-
lap between these groups indicating that 8-oxo-dG analysis
alone cannot predict sensitivity to treatment. We plan to
study other factors, for example, expression of oxidative
stress proteins to investigate whether combinations of pro-
tein expression with excretion of 8-oxo-dG would better pre-
dict treatment response.

CA199 is a tumour-related biomarker mainly used for
monitoring the efficiency of tumour treatment, but not for
diagnosis of malignant diseases. TK1 is a proliferation bio-
marker useful for the prognosis of recurrence and survival
of malignant patients and also for early discovery of prema-
lignancy and malignancy in health screening [23, 24]. While
CA199 and 8-oxo-dG correlated with one another, TK1 did
not correlate with 8-oxo-dG, indicating that 8-oxo-dG in
serum may not correlate with tumour proliferation rate, but
instead with the presence of tumour in the body. In this
respect, CA199 behaves like 8-oxo-dG and did not correlate
with serum TK1. This is in agreement with previous studies
of tumour patients [23]. Thus, it should be remembered that
different tumour-related biomarkers reflect different proper-
ties of a tumour and should be used in combination.

The aim of cancer treatment is to optimise the probability
of tumour control while minimising the unwanted acute or
late side effects. However, since there is no test for individual
prediction of radio- and chemosensitivity available for clini-
cal use, the maximal dose delivered is adapted to those few
sensitive patients who show severe side effects. Therefore,
developing predictive tests would allow for the majority of
the cancer patients to be treated with higher doses, hopefully
leading to improved tumour control and reduced side effects.

Our previous research indicates that extracellular 8-oxo-
dG could be used as a biomarker to predict the sensitivity of
cancer patients to radiotherapy when considering the side
effects [15–17]. We established the dose-response relationship
for radiation-induced oxidative stress using 8-oxo-dG in blood
serum after irradiation of whole blood samples. The blood
samples were collected from breast cancer as well as head
and neck cancer patients, all with varying degrees of posttreat-
ment side effects. The patients were grouped into radiosensi-
tive and normo-sensitive groups based on their acute or late

Table 3: Concentrations of serum 8-oxo-dG before and after the treatment.

Types
All patients (ng/ml) Radiotherapy group (ng/ml) Chemotherapy group (ng/ml)

CR+PR SD+PD CR+PR SD+PD CR+PR SD+PD

Before treatment 0.21± 0.15 0.52± 0.34☆ 0.25± 0.14 0.46± 0.25☆☆ 0.17± 0.16 0.37± 0.32
After treatment 0.38± 0.32∗ 0.35± 0.23 0.43± 0.33∗∗ 0.33± 0.17 0.27± 0.24 0.39± 0.36
∗p = 0 04 and ∗∗p = 0 05 compared with the values before treatment; ☆p = 0 013 and ☆☆p = 0 048 compared with the values in the CR + PR groups.

Table 4: Associations between changes of serum 8-oxo-dG and
acute side effects.

Acute side effects
Changes of serum

8-oxo-dG χ2 p value
Increase Decline

Radiotherapy group (n = 19)
Moderate or severe skin reaction

Yes 3 0

No 6 10 3.96 0.047

Moderate or severe oesophageal mucosa reaction

Yes 4 0

No 5 10 5.63 0.018

Chemotherapy group (n = 16)
3 or 4 degrees of bone marrow suppression

Yes 3 2

No 2 9 2.79 0.09

3 or 4 degrees of gastrointestinal reaction

Yes 3 3

No 2 8 1.57 0.21
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radiotherapy-induced side effects, for example, acute skin
reaction in breast cancer and osteoradionecrosis in head and
neck cancer patients. We found that the dose response for
radiation-induced 8-oxo-dG in serum differs between

radiosensitive and normo-sensitive patients. In the normo-
sensitive groups, the baseline levels of 8-oxo-dG were lower
in comparison to those in the radiosensitive groups, and
furthermore, the increments after treatment were larger.
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Figure 1: Kaplan-Meier survival curves for all patients (a), radiotherapy treatment (b) and chemotherapy treatment (c) with serum 8-oxo-dG
level decline or increase. Censored values indicate patients who died and patients without disease progression.
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However, 2-3 weeks after start of radiotherapy the level of 8-
oxo-dG in urine of the sensitive patients increased and
reached a level similar to that in normo-patients. This data
may indicate that the radiosensitive patiients excrete 8-oxo-
dG in a slowermanner. Using a proteomic approach, we could
show that several antioxidant proteins, for example, SOD1,
PRDX2, and PARK7, were downregulated in the normo-
sensitive patients and some antioxidant proteins, for example,
BLVRB and PRDX2, were upregulated in the radiosensitive
breast cancer patients [16, 25]. These results indicated that
the expression of antioxidant proteins as well as oxidative
stress levels play important roles in the sensitivity of breast
cancer and “head and neck” cancer patients to radiotherapy.
For the prediction of the effect of chemotherapy, further inves-
tigations are required. Consistent with previous studies [9], we
found a significant prognostic value for 8-oxo-dG in serum for
oesophageal and gastric cancers. Patients whose baseline 8-
oxo-dG levels are low and increase after treatment may be
more likely to benefit from radiotherapy or chemotherapy.
Our findings are new but should be considered preliminary
due to the low number of patients involved within this study.
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The role and precise mechanism of TLR4 in mitochondria-related oxidative damage and apoptosis of renal tubules in diabetic
kidney disease (DKD) remain unclear. We examined the expression of TLR4 in renal biopsy tissues. Db/db diabetic mice and
HK-2 cells cultured under high glucose (HG) were used as in vivo and vitro models. Real-time RT-PCR, Western blot, and
immunohistochemistry were performed to examine the mRNA and protein levels of TLR4, NF-κΒ, PGC-1α, cytochrome C, and
cleaved caspase-3. ATP level, activity of electron transport chain complex III, and antioxidant enzymes were investigated for
mitochondrial function. Electron microscopy (EM) and MitoTracker Red CMXRos were used for mitochondrial morphology
alteration. DHE staining and TUNEL assay were detected for ROS accumulation and apoptosis. PGC-1α plasmids were used for
the overexpression of PGC-1α in HK-2. TAK242 and parthenolide were used as TLR4 and NF-κB blockers, respectively. Results
showed that TLR4 was extensively expressed in the renal tubules of DKD patients and db/db diabetic mice, which was positively
related to the tubular interstitial damage score and urinary β-NAG levels. In diabetic mice, inhibition of TLR4 could reverse the
decreased expression of PGC-1α, increased expression of cytochrome C and cleaved caspase-3, mitochondrial dysfunction
and deformation, increased accumulation of ROS, and activation of tubular cell apoptosis. In vitro, inhibition of TLR4 or
NF-κB showed consistent results. PGC-1α overexpression could reverse the mitochondrial dysfunction, increased cleaved
caspase-3, and apoptosis in HK-2 cells treated with HG. Data indicated that the TLR4/NF-κB signaling pathway might be
the upstream pathway of PGC-1α and promote the tubular damage of DKD by modulating the mitochondria-related oxidative
damage and apoptosis.

1. Introduction

Toll-like receptors (TLRs) are pattern recognition receptors
and play a fundamental role in the activation of innate and
adaptive immune responses [1, 2]. Among the 11 human
TLRs, TLR4 has been implicated in the pathogenesis of acute
and chronic renal disorders such as acute kidney injury
(AKI), renal fibrosis, and DKD [3, 4]. Further researches
have reported that TLR4 knockout diabetic mice have
reduced the expression of MyD88 and TRIF and decreased
NF-κB activity and the release of inflammatory cytokines
and renal fibrosis [5, 6]. In addition, HG was proved to
induce the overexpression of TLR4 through NF-κB-depen-
dent signaling and lead to the accumulation of ROS in

podocytes [7], indicating the important role of TLR4 NF-κB
signaling in the mechanism of DKD progression. According
to our previous study, renal tubular oxidative stress injury
and apoptosis play a key role in the progression of DKD in
high glucose (HG) conditions [8]. These let us speculate that
activation of the TLR4-NF-κB signaling pathway might be
involved in mitochondrial dysfunction and mitochondria-
related oxidative damage of renal tubular epithelial cell
(RTEC) in hyperglycemia, which is gradually to have an
extremely important effect in the progression of DKD.

The peroxisome proliferator-activated receptor γ
coactivator-1 (PGC-1) including PGC-1α, PGC-1β, and PRC
is attributed to the nuclear transcription activating factor and
has intimate relationship with substance metabolism [9].
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PGC-1α is proved to stimulate mitochondrial biogenesis and
respiration through the induction of uncoupling protein 2
(UCP-2) and the regulation of nuclear respiratory factors
(NRFs) [10]. In addition, our previous study has also
confirmed that, by adjusting transcription factors such as
NRFs, PGC-1α could protect mitochondrial respiratory chain
function and antioxidant enzymes, so as to maintain the
stability of the mitochondrial structure and function [8].
Moreover, in cardiac cells, researchers found that NF-κB p65
represses PGC-1α activity leading to metabolic dysregulation
that underlies heart dysfunction and failure [11]. However,
the protective effect of PGC-1α on mitochondria and its rela-
tionshipwithTLR4/NF-κBsignalingpath inDKDarenot fully
clear and need to be further investigated.

Our aim of this study is to explore the function of the
TLR4/NF-κB pathway in mitochondria-related oxidative
damage and apoptosis of RTEC in hyperglycemia and to
investigate the role of PGC-1α in the TLR4/NF-κB pathway
in DKD.

2. Results

2.1. TLR4 Expression Was Upregulated in Renal Biopsy
Specimens of DKD Patients. The clinical characteristics of
the DKD patients and N-DKD as controls in this study are
shown in Table 1. PASM and PAS staining showed morpho-
logical changes in both glomerular and tubulointerstitial
areas, including mesangial area expansion (Figure 1(a), B,
arrow), focal tubular atrophy, and interstitial fibrosis
(Figure 1(a), D, arrow) in DKD patients, compared with
those in non-DKD patients. Significantly, in the N-DKD
group, mitochondria with an elongated cylindrical shape
with organized cristae were shown by electron microscopy
(Figure 1(a), G). However, diffused fragmented mitochon-
dria were observed in DKD patients (Figure 1(a), H). The
mitochondrial changes in EM were quantified (Figure 1(c)):
mitochondrial length was measured in tubular cells to deter-
mine the percentage of cells that showed filamentous mito-
chondria less than 1% long (>2μm). ∗P < 0 05 compared
with the N-DKD group. An observably enhanced TLR4
expression was demonstrated by IHC staining in the renal
tubules of DKD patients (Figures 1(a), F, and 1(b)). Correla-
tion analysis showed that TLR4 expression was positively
correlated with the interstitial fibrosis and tubular atrophy
(IFTA) scores and urinary β-NAG level as a tubular injury
marker (Figures 1(d) and 1(e)).

2.2. Inhibition of TLR4 Protects Tubular Cell by Regulating
Mitochondria-Related Proteins in Diabetic dbdb Mice. The
levels of blood urea nitrogen (BUN), serum creatinine (Cr),
urine protein (Upro), and urinary albumin : creatinine ratio
(ACR) were significantly increased in the db/db group; ∗P
< 0 05 compared with the db/m group. However, BUN, Cr,
and Upro were significantly attenuated following treatment
with TAK242 (Table 2), ∗∗P < 0 05 compared with the db/
db mice group. These results suggested that TAK242 admin-
istration could preserve the renal function of db/db mice to a
certain extent.

Loss of brush border and early tubular atrophy were
observed compared with the control group by HE staining
(Figure 2(a), A–C), which were ameliorated by the injection
of TLR4 inhibitor TAK242. The urinary excretion of β-
NAG, which is a marker of tubular damage, was reflected
by a significant increase in diabetic dbdb mice, while it was
substantially reduced by intrarenal injection of TAK242
(Figure 2(b), B2).

TLR4 was increased in dbdb mice by Western blot
(Figure 2(c)). Immunohistochemistry andWestern blot show
a notable increase in protein expression of cytochrome C
(Figures 2(a), A1, G and H, A3, and 2(d), D1, D4) and
cleaved caspase-3 (Figures 2(a), A1, D–F, A2, and 2(d), D1,
D3) and a decrease in PGC-1α (Figure 2(d), D1, D2). Their
changes were markedly reversed following the injection of
TAK242.

2.3. Inhibition of TLR4 Protects Tubular Cell from
Mitochondrial-Dependent Apoptosis by Regulating
Mitochondrial Structure and Function in Diabetic dbdb
Mice. ROS production was stained with red fluorescence by
ROS-sensitive vital dye DHE and increased notably in the
tubules of diabetic dbdb mice. Under the inhibition of
TLR4 expression, ROS generation was significantly reduced
(Figure 3(a), A1, A–C, A2). In addition, the inhibition of
TLR4 expression dramatically reduced the degree of apopto-
sis in the tubular cells of diabetic dbdb mice by TUNEL assay
(Figure 3(a), A1, D–F, A3). Tubular cells show elongated
mitochondria with organized cristae in dbm mice
(Figure 3(a), A1, G) (marked by asterisks); however, in the
dbdb group, most mitochondria exhibited spherical shapes
and had cristolysis (Figure 3(a), A1, H), which was partly
attenuated following treatment with TAK242 (Figure 3(a),
A1, I, A4).

The level of ATP production (Figure 3(b)), activity of
electron transport chain complex III (Figure 3(c)), and activ-
ity of antioxidant enzymes: catalase (CAT) and manganese
superoxide dismutase (MnSOD) (Figures 3(d) and 3(e)) were
significantly decreased in the dbdb mouse group, which
could be reversed following the injection of TAK242. These
indicated that inhibition of TLR4 could attenuate the depres-
sion of mitochondrial functions in diabetic mice.

2.4. HG Increased TLR4 Expression and Activated NF-κB p65
Phosphorylation in HK-2 Cells under HG Ambience. As
shown in Figure 4, the protein level of TLR4 increased in a

Table 1: Clinical characteristics of the patients.

N-DKD DKD

Sex (male/female) 4/8 5/7

Age (year) 24.92 ± 3.50 45.42 ± 4.01∗

Blood glucose (mmol/L) 4.60 ± 0.25 8.69 ± 1.03∗

Urine protein (g/24 h) 1.71 ± 0.99 5.87 ± 1.02∗

Serum creatinine (μmol/l) 66.74 ± 9.67 174.48 ± 27.68∗

Triglyceride (mmol/L) 1.40 ± 0.38 2.06 ± 0.31

Values are means ± SE; ∗P < 0 05, compared with N-DKD.
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concentration- and time-dependent manner in HK-2 cells,
and beta-actin served as a loading control (Figures 4(a) and
4(b)). In addition, the expression of phospho-NF-κB p65
increased significantly in HK-2 cells treated with 30mM
HG for 2 h compared to the control (Figure 4(c)), while
TLR4 inhibitor (TAK242, 5μM) [12] reversed HG-induced
NF-κB p65 phosphorylation (Figure 4(e)) for 2 h and for
24 h (Figure 4(f)), which indicates that NF-κB is the down-
stream signal molecule of TLR4. Consistent with the protein
expression, the mRNA level of NF-κB p65 increased in HK-2
cells treated with 30mMHG for 2 h compared to the control,
while TAK242 reversed HG-induced activation of NF-κB
p65 phosphorylation (Figure 4(d)), which indicates that HG
activated the TLR4/NF-κB signaling pathway.

2.5. Inhibition of TLR4/NF-κB Signaling Reversed the
Expression of PGC-1α and Caspase-3 and ROS Production
in HK-2 Cells under HG Ambience. RT-PCR (Figure 5(a),
A1, A2) and Western blot (Figure 5(b), B1–B3) results
showed that mRNA and protein levels of apoptosis-related
protein cleaved caspase-3 were increased in the HG group
(Figures 5(a), A2, and 5(b), B3), while mRNA and protein

expression of mitochondria-related protein PGC-1α
decreased in the HG group (Figures 5(a), A1, and 5(b), B2).
This trend was overturned by TAK242 and NF-κB blocker
(parthenolide, 10μM).

For measurements of ROS, MitoSOX Red reagent (red
color) was used. The cells have very low MitoSOX fluores-
cence in the cytoplasm of cells in the 5.5 Glu group
(Figure 5(c), C1, A). HG significantly triggers an increase in
mitochondrial superoxide formation (Figure 5(c), C1, B,
C2). TLR4 and NF-κB blocker could prevent HG-induced
ROS production (∗∗P < 0 01).

These data suggested that the TLR4/NF-κB pathway
might be involved in HG-induced mitochondria-related
ROS accumulation and apoptosis. In addition, the expres-
sion of PGC-1α increased in TLR4/NF-κB blocked groups
suggesting that PGC-1α might be a downstream protein of
the TLR4/NF-KB signaling pathway in HG-induced changes
in HK-2 cells.

2.6. InhibitionofTLR4/NF-κBSignalingReversedMitochondrial
Cytochrome C Release, Mitochondrial Morphology, Function,
and Early Apoptosis in HK-2 Cells under HG Ambience. At a
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Figure 1: TLR4 expression was upregulated in renal biopsy specimens of DKD patients. (a) PASM (magnification ×200) and PAS
(magnification ×100) staining were done to renal biopsy tissues of patients with DKD (A1, B, D) and N-DKD (A, C). IHC studies
demonstrated the expression of TLR4 in renal biopsy tissues of patients with DKD versus N-DKD (F versus E). EM detected tubular
mitochondria of renal tissue of DKD patients compared with N-DKD (H–I versus G) (scale bars: 1μm). Asterisks indicate elongated
(>2μm) mitochondria. (b) Renal cortical relative expression of TLR4 in renal biopsies of patients with DKD and N-DKD. (c)
Quantification of mitochondrial fragmentation of renal tubular cells. (d) and (e) The correlation between TLR4 expression and tubular
atrophy and interstitial fibrosis (IFTA) scores (r = 0 76, P < 0 01) and urinary β-NAG levels (r = 0 89, P < 0 01) were observed in the
scatter plots. Values are means ± SEM. ∗P < 0 05.
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30mM concentration of D-glucose, release of cytochrome C
from mitochondria to cytoplasm was increased in HK-2 cells
by Western blot (Figure 6(a), A1–A3), suggesting a remark-
able HG-induced mitochondrial malfunction. With the
intervention of the TLR4 inhibitor (TAK242) and NF-κB
blocker (parthenolide), the translocation of cytochrome C
was ameliorated (Figure 6(a), A1–A3). The level of ATP pro-
duction (Figure 6(b)), activity of electron transport chain
complex III (Figure 6(c)), and activity of CAT and MnSOD
(Figures 6(d) and 6(e)) were significantly decreased in the

HG group, which could be reversed in the TAK242+ 30
Glu group and parthenolide + 30 Glu group. These indicated
that HG activated TLR4/NF-κB signaling to influence mito-
chondrial function.

As shown in Figure 6(f), mitochondria, which were
stained by MitoTracker with red fluorescence, were fila-
mentous with a thread-like appearance and were often
interconnected to form a network in the control group
(Figure 6(f), F1, A, F). The mitochondria were fragmented
into spheres during HG treatment (Figure 6(f), F1, B, G),

Table 2: Physical and metabolic parameters in mice.

db/m db/db db/db +TAK242

Body weight (g) 35.9± 0.52 64.00± 5.02∗ 58.42± 1.54∗

Blood urea nitrogen (mmol/L) 5.59± 0.36 11.42± 0.88∗ 7.04± 0.38∗∗

Serum creatinine (μmol/L) 3.76± 0.19 16.77± 0.92∗ 8.91± 0.35∗∗

Urine protein (mg/24 h) 7.53± 0.35 26.30± 1.15∗ 15.31± 0.66∗∗

ACR (μg/mg Cr) 0.23± 0.01 2.89± 0.07∗ 2.76± 0.08∗

Values are means ± SE; ∗P < 0 05, compared with the db/m group; ∗∗P < 0 05, compared with the db/db group; urinary albumin : creatinine ratio (ACR).
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Figure 2: Inhibition of TLR4 protects tubular cell injury by regulating mitochondria-related proteins in diabetic dbdb mice. Dbdb mice
received an intraperitoneal injection with the vehicle alone (dbdb group) or TLR4 inhibitor TAK242 (dbdb +TAK group). dbm mice were
served as a control. (a) A1, A–C: HE staining was done to renal biopsy tissues of the mice (magnification ×200); A1, D–F: IHC for
caspase-3 in tubular cells; A1, G–I: IHC for cytochrome C (magnification ×200); A2 and A3: semiquantification of IHC staining of
caspase-3 and cytochrome C. (b) B1: Serum blood glucose level; B2: urinary excretion β-NAG levels in different groups. (c) Western blot
for the protein expression of TLR4. (d) D1–D4: Western blot for the protein expressions of PGC-1α, caspase-3, and cytochrome C. Data
were expressed as means ± SEM; ∗∗P < 0 01.
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while TAK242 and parthenolide treatment reversed this
trend (Figure 6, F1, D, E, H, I, F2).

In addition, Hoechst 33258 staining shows that HG
(30mM) increased karyorrhexis, which was a hint of early
apoptosis, while TAK242 and parthenolide treatment
reversed this trend (Figure 6(g), arrow shown). These data
demonstrated that HG induced mitochondrial malfunction
and aggravated nuclear fragmentation of early apoptotic cells
by activating the TLR4/NF-κB signaling pathway.

2.7. Overexpression of PGC-1α Diminished HG-Induced
Caspase-3 Expression in HK-2 Cells under the Inhibition of
the TLR4/NF-κB Signaling Pathway. HK-2 cells were divided
into six groups with different treatments: (1) control group
with 5.5mM glucose (5.5 Glu), (2) high glucose group with
30mM glucose (30 Glu), (3) PGC-1α plasmid group with
30mM glucose (PGC-1α +30 Glu), (4) PGC-1α empty plas-
mid group with 30mM glucose (empty vector + 30 Glu), (5)
PGC-1α plasmid with 30mM glucose and TAK242 (PGC-
1α +TAK242+ 30 Glu), and (6) PGC-1α plasmid with
30mM glucose and parthenolide (PGC-1α +parthenolide
+ 30 Glu). HG increased the expression of cleaved caspase-
3, but PGC-1α overexpression reduced the level of cleaved
caspase-3 in mRNA (Figure 7(a), A2) and protein levels
(Figure 7(b), B1–B3), supporting the notion that PGC-1α
overexpression is involved in HG-induced cell apoptosis.

Furthermore, the results also demonstrated that phospho-
NF-κB p65 increased in HK-2 cells with 30mM HG for 2 h
(Figure 7(c)) and 24 h (Figure 7(d)), while it did not decrease
in PGC-1α-overexpressed cells, which further proved that
PGC-1α might be the downstream protein of the TLR4/NF-
κB signaling pathway in HG-induced changes in HK-2 cells.

2.8. Overexpression of PGC-1α Restored HG-Induced
Mitochondrial Membrane Potential (△Ψm) Alteration and
Apoptosis in HK-2 Cells under the Inhibition of the TLR4/
NF-κB Signaling Pathway. By flow cytometry analysis, a loss
of mitochondrial △Ψm detected by TMRM staining was
observed under 30mM HG ambience in cells undergoing
early apoptosis, whichwas recovered to baselinewith the over-
expression of PGC-1α (Figures 8(a), A). In addition, the apo-
ptotic rate was only 11.92% with 5mM D-glucose in HK-2
cells, but peaked at 68.1% in the 30 Glu group (Figures 8(b),
B), whichwas agreedwith the reported literature that high glu-
cose led to increased cell apoptosis. However, the apoptotic
rate was, respectively, 52.27% in the “PGC-1α +30 Glu
group,” 59.86% in the “PGC-1α +TAK242+30 Glu group,”
and 47.12% in the “PGC-1α +parthenolide + 30 Glu group,”
which were significantly decreased when compared with that
of the 30 Glu group. Statistics indicated that PGC-1α overex-
pression inhibited HG-induced loss of mitochondrial △Ψm
and apoptosis in HK-2 cells.
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Figure 3: Inhibition of TLR4 protects tubular cells from mitochondrial-dependent apoptosis by regulating mitochondrial structure and
function in diabetic dbdb mice. (a) A1, A–C: DHE with red fluorescence for ROS accumulation; A1, D–F: IHC of TUNEL assay for
apoptosis (arrow show) (magnification ×400); A1, G–I: EM shows tubular mitochondria of renal tubular cells of dbdb mice (magnification
×20000). A2: Quantification of DHE staining expressed as fold of dbm mice. A3: Quantification of TUNEL-positive cells. A4: Relative
percentage of renal tubular cells without elongated mitochondria. (b) The level of ATP production. (c) The activity of mitochondrial
respiratory chain complex III. (d) Activity of CAT. (e) Activity of MnSOD. ∗∗P < 0 01. The values in (b–e) were displayed as fold change
compared to the control.
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3. Discussion

Recently, researches have demonstrated that mitochondria-
related oxidative damage and apoptosis play a key role
among the multifactorial pathogenesis of DKD patients [13,
14]. In addition, TLR4 has been previously described involv-
ing in hyperglycemia-induced inflammatory state of renal
tubulus in vitro and vivo [15, 16], but its role in oxidative
damage and apoptosis in renal tubular cells in DKD remains
unclear. This study describes a cascade event that links TLR4/
NF-κB activation to mitochondria-related oxidative damage
and apoptosis through downregulation of PGC-1α in renal
tubular cells under HG condition.

There are increasing evidences showing the significance
of the TLR4 pathway in the development of DKD [17].
However, most of them were focusing on its effect related
to the tubulointerstitial inflammatory response [4, 12]. In
this study, we found that TLR4 was extensively expressed
in tubular cells in the kidney of patients with DKD and
was coexistent with fragmented mitochondria. Further

analysis revealed a positive correlation between TLR4
expression and tubular injury. These results indicated that
TLR4 might play an important role in mitochondria-
related tubular oxidative damage in DKD, besides its activa-
tion effect of inflammatory response. This speculation was
further identified by a diabetic dbdb mouse model in our
study.

Many studies have reported TLR4 to be critical for the
activation of NF-κB and subsequent production of proin-
flammatory cytokines implicated in diseases [18, 19]. Molec-
ular silencing of TLR4 in tubular cells with siRNA attenuated
HG-induced IκB/NF-κB activation, indicating that the
TLR4-NF-κB signal pathway plays an important role in dia-
betic nephropathy [20, 21]. In this study, we have also proved
that the TLR4 inhibitor could effectively decrease the expres-
sion of phospho-NF-κB p65 increased in HK-2 cells under
HG conditions, indicating that NF-κB is the downstream sig-
nal molecule of TLR4 in tubular cells.

Mitochondrial dysfunction has proved to be a contributing
factor in the pathogenesis of DKD [22]. Mitochondria-related
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Figure 4: HG increased TLR4 expression and activated NF-κB p65 phosphorylation in HK-2 cells. a–b: Protein levels of TLR4 in HK-2 cells
following exposure to D-glucose (5.5mM, 17.5mM, 30mM, and 45mM) for 24 h (a) or D-glucose (30mmol/L) for various times (0 h, 12 h,
and 24 h) (b), and expression of NF-κB p65 and phospho-NF-κB p65 of cells exposed to 30mMHG for indicated time points (0 h, 1 h, 2 h, and
3 h) (c) were determined by Western blot analysis. d–f: HK-2 cells were treated with TLR4 inhibitor (TAK242, 5μM) for 2 h prior to HG
(30mM) treatment for 2 h (e) or 24 h (f) and with NF-κB blocker (parthenolide, 10μM) and HG (30mM) for 2 h (e) or 24 h (f), and the
samples were collected for RT-PCR (d) and Western blot analysis (e–f). Each assay was representative of three independent experiments.
Data were expressed as means ± SEM; ∗P < 0 05 and ∗∗P < 0 01.
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oxidative damage could result in the release of mitochondrial
cytochrome c and activation of caspase-3, leading ultimately
to apoptosis [23]. In order to investigate the mechanism for
the effect of TLR4/NF-κB on the mitochondria-related
tubular oxidative damage in hyperglycemia, we inhibited
the expression of TLR4 or NF-κB in vivo and in vitro. We

observed a partial rescue of HG-induced deformation of
mitochondria, inhibition of ATP production, depressed
mitochondrial respiration and activity of antioxidant
enzymes, and increased caspase-3 and cytoplasm cyto-
chrome c, which indicated that inhibition of the TLR4/
NF-κB signaling pathway could protect mitochondrial
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Figure 5: Inhibition of TLR4/NF-κB signaling reversed the expression of PGC-1α and caspase-3 and accumulation of ROS in HK-2 cells in
HG ambience. HK-2 cells were treated with TAK242 for 2 h prior to HG (30mM) treatment for 24 h and with parthenolide and HG (30mM)
for 24 h, and samples were collected for RT-PCR (a) and Western blot analysis (b). (c) C1: MitoSOX Red staining for ROS production
(magnification ×200). A: 5.5 Glu group, B: 30 Glu group, C: TAK242 + 30 Glu group, and D: parthenolide + 30 Glu group. C2:
Quantification of MitoSOX Red staining. The values were expressed as fold change compared to control. Data were expressed as means ±
SEM; ∗P < 0 05 and ∗∗P < 0 01.
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Figure 6: Inhibition of TLR4/NF-κB signaling reversed mitochondrial cytochrome C release, mitochondrial morphology, function, and early
apoptosis in HK-2 cells under HG ambience. HK-2 cells were treated with TAK242 for 2 h prior to HG (30mM) treatment for 24 h and with
parthenolide and HG (30mM) for 24 h. (a) A1–A3: Western blot shows protein expressions of mitochondrial cytochrome C and cytoplasmic
cytochrome C. (b) The level of ATP production. (c) The activity of mitochondrial respiratory chain complex III. (d) Activity of CAT. (e)
Activity of MnSOD. ∗∗P < 0 01. The values in b–e were displayed as fold change compared to the control. (f) Fluorescence microscopy
shows mitochondria stained with MitoTracker Red CMXRos (red) (F1) and was evaluated to determine the percentage of cells that
fragmented mitochondria (F2). (g) Hoechst 33258 staining shows early apoptosis of tubular cell nuclei (blue).
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Figure 7: Overexpression of PGC-1α diminished HG-induced caspase-3 expression in HK-2 cells. HK-2 cells were transfected with pcDNA4
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dysfunction in the tubular cells of diabetic rats and in cul-
tured tubular cells induced by HG. These beneficial effects
on tubular cells reverse ROS generation and apoptosis and
protect tubular cells from oxidative injury by HG in vivo
and in vitro.

Researches have identified mitochondrial fragmentation
as a novel mechanism contributing to mitochondrial damage

and apoptosis in vivo in mouse models of disease [24]. In
tubular cells, a significant portion of mitochondria line up
perpendicular to the basement membrane, making an excel-
lent model for studying mitochondrial fragmentation in vivo.
Cross sections of tubules normally show 10%–20% longitudi-
nally sectioned long mitochondria, while they appear as short
rods or spherical fragments in pathological apoptosis in
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Figure 8: Overexpression of PGC-1α restored HG-induced mitochondrial △Ψm alteration and apoptosis. HK-2 cells were transfected with
pcDNA4 myc PGC-1α for 24 h; the PGC-1α-overexpressed cells were treated with TAK242 for 2 h prior to HG (30mM) treatment, with
parthenolide and HG (30mM) or with HG (30mM) for 24 h. Mitochondrial △Ψm (a) and apoptosis (b) of HK-2 cells were analyzed by
flow cytometry analysis. Each assay was representative of three independent experiments. Data were expressed as means ± SEM; ∗P < 0 05
and ∗∗P < 0 01.
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disease models. Fragmented mitochondria were found to re-
fuse if the injurious stress is removed before permanent
injury happens to trigger apoptosis [25]. In this study, we
observed that most of the mitochondria within the injured
tubules in renal biopsy tissues and diabetic mice were frag-
mented and had a randomly disorganized cellular distribu-
tion, which could be reversed by inhibition of the TLR4/
NF-κB inhibitor, indicating that the TLR4/NF-κB signaling
pathway induced mitochondrial fragmentation, which con-
tributes to subsequent tubular cell apoptosis.

As a main regulator of mitochondrial function, PGC-1α
exerts a rescuing effect in substance metabolism and oxida-
tive metabolism by regulating mitochondrial biogenesis and
ROS scavenging enzymes [26]. An increased PGC-1α expres-
sion may protect cells from oxidative stress and oxidative
stress-mediated cell apoptosis [27, 28]. In cardiac myocytes,
Schilling et al. showed that TLR4 activation could lead to
the phosphorylation and nuclear translocation of NF-κB,
triggering cardiac energy metabolic reprogramming by
repressing genes encoding PGC-1α, and the absence of
TLR4 abolished LPS-induced downregulation of PGC-1α,
indicating that the suppression of PGC-1α was shown to
occur through a TLR4- and NF-κB-dependent mechanism
[29]. In this study, we observed that PGC-1α was decreased
in a diabetic mouse model and was reversed after the inhibi-
tion of TLR4 in vivo. In HK-2 cells, overexpression of PGC-
1α inhibited a series of HG-induced changes including
downregulation of mitochondrial membrane potential,
upregulation of apoptosis-related protein cleaved caspase-3,
and cell apoptosis directly, verifying the protective function
of PGC-1α to mitochondrial function and cell survival in
HG condition. Moreover, PGC-1α overexpression did not
decrease HG-induced TLR4 activation and NF-κB p65 phos-
phorylation, further confirming that PGC-1α is a down-
stream protein of TLR4/NF-κB, which protected renal
tubular cells from HG-induced mitochondria-related oxida-
tion and apoptosis.

In conclusion, TLR4 plays a significant role in HG-
induced mitochondrial dysfunction, mitochondria-related
oxidation, and apoptosis by regulating downstream protein
PGC-1α in RTEC, hoping to provide a better understanding
and a more effective therapeutic approach for the prevention
and treatment of DKD.

4. Materials and Methods

4.1. Main Reagents and Materials. Human kidney proximal
tubular epithelial cells (HK-2) were a cell line purchased from
the American Type Culture Collection (ATCC, USA). Anti-
bodies were from the following sources: polyclonal anti-
TLR4 from Abcam (USA). Monoclonal anti-PGC-1α, mono-
clonal anti-caspase-3, and NF-κB p65 were from Cell Signal-
ing Technology (Boston, USA). Polyclonal phospho-NF-κB
p65 (ser536) antibody was from Bioworld (USA), and poly-
clonal anti-cytochrome C was from Proteintech (Wuhan,
China). Beta-actin and all secondary antibodies for Western
blot and immunofluorescence were from Proteintech
(Wuhan, China). TAK242 was from MedChem Express
(USA), and parthenolide was from Sigma (USA). Plasmids

containing pcDNA4 myc PGC-1α (pcDNA4/PGC-1α) was
bought from Addgene (USA). Lipofectamine 2000, Mito-
Tracker Red CMXRos, MitoSOX, and TRIzol were pur-
chased from Invitrogen (USA). PrimeScript™ RT reagent
Kit with gDNA Eraser and SYBR® Premix Ex Taq™ (Tli
RNase H Plus) were from TaKaRa (Japan). Annexin V-
FITC Apoptosis Detection Kit was from Beyotime (Shanghai,
China). TMRM Detection Kit was from Genmed Scientifics
Inc. (USA). Other reagents, including DMEM/F12 medium,
bovine serum albumin (FBS), and trypsin, were obtained
from Gibco (USA).

4.2. Morphological Analysis of Kidney. 12 patients with DKD
and 12 non-DKD controls (normal kidney tissue) were
recruited for this study. Human renal biopsy tissues from
the 24 cases were studied by staining of PAS and PASM. A
semiquantitative scoring system was used to evaluate the
tubulointerstitial lesion index, and tubular damage was also
scored [30, 31]. All procedures were carried out in accor-
dance with the approved guidelines. All patients did not use
adrenal cortical hormones or immunosuppression. The insti-
tutional review board and the administrators of the Depart-
ment of Nephrology in The Second Xiangya Hospital
approved the protocol for this study. An informed consent
was obtained from all the participants.

The kidney tissue ofmicewas routinely processed, embed-
ded in paraffin, and sectioned at 2–3mm thickness, deparaf-
finized, and rehydrated using standard techniques. Mouse
sections were stained with hematoxylin-eosin stain (HE).

4.3. Examination of Mitochondrial Fragmentation in Renal
Tissue and HK-2 Cells. The alterations of mitochondria in
renal tubules were gauged by electron microscopy (EM).
Mitochondria having a length < 1 μm and spherical configu-
ration were identified as fragmented. We determined the per-
centage of cells that had less than 1% long filamentous
mitochondria to indicate the degree of mitochondrial frag-
mentation in patients and mice [24].

MitoTracker Red CMXRos was used for the evaluation of
mitochondrial morphology in HK-2 cells. The mitochondria
within a cell were often either filamentous or fragmented. In
cases of mixed mitochondrial morphology, we classified the
cells based on the majority (>70%) of mitochondria, accord-
ing to earlier studies. For each sample, several random fields
of cells (≥100 cells per dish) were evaluated [32, 33].

4.4. Animal Experimental Design. A total of 10 male dbm
mice and 20 adult male dbdb mice at 16 weeks of age (body
weight 32–40 g) were divided into three groups of 10 animals
each. The first group was male dbm mice, which served as a
control. The second group of dbdb mice received an intra-
peritoneal injection with vehicle alone (dbdb group). The
third group included dbdb mice which received an intraper-
itoneal injection of TLR4 inhibitor TAK242 (3mg/kg for 7
days). All animals were killed at 17 weeks following admin-
istration. The Institutional Animal Experimentation Ethics
Committee as described above approved the animal experi-
mental protocols.
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4.5. Cell Culture. Human kidney proximal tubular epithelial
cells (HK-2), an immortalized cell line from the American
Type Culture Collection (ATCC, USA), were used in this
study. HK-2 cells were cultured in DMEM/F12 medium
supplemented with 10% FBS, penicillin 1× 10 5U/L, and
streptomycin 100mg/L. Until being seeded at 80–90% con-
fluence, the cells were exposed to different concentrations
of D-glucose and TLR4/NF-κB blockers, and concrete
interventions and groupings were as follows: A: 5.5mM
D-glucose (control/5.5 Glu group), B: 30mM D-glucose
(30 Glu group), C: TLR4 inhibitor (TAK242) and 30mM
D-glucose (TAK242+ 30 Glu group), and D: NF-κB blocker
(parthenolide) and 30mM D-glucose (parthenolide + 30
Glu group).

4.6. Immunohistochemistry (IHC). Renal tissue sections from
human and mice for immunostaining were deparaffinized
and rehydrated. Immunohistochemistry was performed
using anti-TLR4 antibody (1 : 100, Abcam, USA), caspase-3
(1 : 100, CST, Boston, USA), and cytochrome c (1 : 100,
CST, Boston, USA) antibody as a primary antibody followed
by a secondary antibody. Then, slides were visualized by
using a DAB detection kit according to the manufacturer’s
instructions, and the tissue specimens were examined by
light microscopy.

For human and mouse tissue sections, the average
intensity from at least 20 randomly selected fields was mea-
sured using ImageJ software (National Institutes of Health,
Bethesda, MD).

4.7. ATP Assay. ATP levels were determined in cell lysates
obtained from mouse renal tissue and HK-2 cells using an
ATP Assay Kit (Genmed, Shanghai, China). The assays were
run according to the manufacturer’s instructions. The values
were expressed as fold change compared to the control.

4.8. Respiratory Chain Complex III Activity. Mitochondrial
respiratory chain complex III activity was measured by using
a spectrophotometer (Genmed, Shanghai, China) according
to the manufacturer’s instruction. The values were expressed
as fold change compared to vehicle control.

4.9. Mitochondrial Enzyme Activities. The Superoxide
Dismutase Activity Assay Kit (Alexis Biochemicals) and
Catalase Activity Colorimetric/Fluorometric Assay Kit (Bio-
Vision Inc.) were used for the detection of Mn-SOD and
catalase activity, following the manufacturer’s guidelines.
Enzyme activities were displayed as fold change compared
to the control.

4.10. Measurements of Superoxide Generation and Apoptosis.
DHE was used for the detection of mitochondrial superoxide
generation in vivo. A specific mitochondrial superoxide indi-
cator MitoSOX red (Molecular Probes) was used for the
detection of ROS production in HK-2 cells in vitro. 20 ran-
domly selected fields were photographed for tissue sections,
and the mean fluorescence intensity was calculated by using
NIH ImageJ software and was expressed relative to the con-
trol (set as 1).

The TUNEL procedure and Hoechst 33258 staining were
used to detect apoptosis following the manufacturer’s
instructions. 10 random fields of cells (approximately 100
cells per group) were counted to determine the percentage
of cells undergoing apoptosis.

4.11. PGC-1α Overexpression. To enforce PGC-1α expression
in HK-2 cells, pcDNA4 myc PGC-1α was bought from
Addgene (USA). Then, pcDNA4 myc PGC-1α was purified
using Plasmid Kit (Qiagen, USA). HK-2 cells were seeded
at 70% confluence, and 2.5μg of pcDNA4 myc PGC-1α or
pcDNA4 myc was introduced into HK-2 cells using Lipofec-
tamine 2000 (Invitrogen, USA) on 6-well culture dishes
according to the manufacturer’s instructions. After 24h cul-
tivation, the cells were exposed to different concentrations
of D-glucose and TLR4/NF-κB blockers, and concrete inter-
ventions and groupings were as follows: a: 5.5mM D-glucose
(control/5.5 Glu group); b: 30mM D-glucose (30 Glu
group); c: pcDNA4 myc PGC-1α and 30mM D-glucose
(PGC-1α +30 Glu group); d: pcDNA4 myc and 30mM
D-glucose (empty vector + 30 Glu group); e: pcDNA4 myc
PGC-1α, TAK242, and 30mM D-glucose (PGC-1α +
TAK242+ 30 Glu group); and f: pcDNA4 myc PGC-1α,
parthenolide, and 30mM D-glucose (PGC-1α +partheno-
lide + 30 Glu group).

4.12. Real-Time Reverse Transcription Polymerase Chain
Reaction (Real-Time RT-PCR). Total RNA was isolated with
TRIzol (Invitrogen, USA), and 1μg RNAwas used for reverse
transcription to generate template cDNA. The relative
mRNA levels were determined via fluorogenic quantitative
PCR, and β-actin served as an internal reference gene.
Specific primers for the use of SYBR Green are as fol-
lows: TLR4: 5′-ACCTGTCCCTGAACCCTATG-3′ (forward)
and 5′-TCTAAACCAGCCAGACCTTGA-3′ (reverse); NF-
κB: 5′-AGCACAGATACCACCAAGACC-3′ (forward) and
5′-CGGCAGTCCTTTCCTACAAG-3′ (reverse); PGC-1α:
5′-TGAGTCTGTATGGAGTGACATCG-3′ (forward) and
5′-ACTTGAGTCCACCCAGAAAGC-3′ (reverse); and
caspase-3: 5′-TGCATACTCCACAGCACCTG-3′ (for-
ward) and 5′-TTCTGTTGCCACCTTTCGGT-3′ (reverse).
The primer sequences were designed using Primer 5.0 and
were searched for specificity. Real-time quantitation was
performed on the Applied Biosystems® 7300 system (ABI
7300, USA). The PCR parameters were as follows: 95°C for
30 s followed by 40 cycles of denaturation at 95°C for 5 s
and annealing at 60°C for 31 s. The quantitative PCR results
were calculated using the 2−ΔΔCt methods.

4.13. Western Blotting (WB). The frozen kidney tissues of
mice were lysed with RIPA lysis buffer (Beyotime, Shanghai,
China) followed by centrifugation at 12000 rpm at 4°C to
obtain cellular proteins in the supernatant. Cell lysate of
HK-2 was obtained using RIPA buffer (Beyotime, Shanghai,
China) and cocktail (Roche Diagnostics, Mannheim,
Germany). The extractions of cell cytoplasmic andmitochon-
drial fractions were obtained by Mitochondria/Cytosol Frac-
tionation Kit (Abcam, USA) according to the manufacturer’s
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protocol. The protein concentration was quantified using the
BCAmethod (Beyotime, Shanghai, China). Then, the samples
were separated in 10% SDS-polyacrylamide gels, transferred
onto polyvinylidene difluoride membranes (Millipore, MA,
USA), and incubated overnight at 4°C with primary anti-
bodies. After overnight incubation, membranes were washed
3 times after which they were incubated with secondary
antibodies (anti-mouse IgG, Proteintech, Wuhan, China;
anti-rabbit IgG, Proteintech, Wuhan, China) for 1 h at room
temperature and again washed 3 times. The blots were then
detected using ECL (Millipore, MA, USA). Primary antibod-
ies used in this experiment were anti-TLR4 antibody
(1 : 1000, Abcam, USA), NF-κB p65 antibody (1 : 1000,
CST, Boston, USA), phospho-NF-κB p65 (ser536) antibody
(1 : 1000, Bioworld, USA), cytochrome C (1 : 1000, CST, Bos-
ton, USA), monoclonal anti-PGC-1α (1 : 1000, CST, Boston,
USA), and anti-caspase-3 (1 : 1000, CST, Boston, USA). The
intensity of each band was estimated using NIH image soft-
ware and was normalized to β-actin.

4.14. Assessment of Mitochondrial Membrane Potential (△
Ψm). Mitochondrial △Ψm of cells was assessed by TMRM
Detection Kit (Genmed Scientifics Inc., USA). HK-2 cells
plated on 24-well culture dishes were harvested after trypsi-
nization when they were seeded at 70% confluence, and then
the cells were stained with TMRM dyeing liquid according to
the manufacturer’s instruction. For 20min incubation in the
dark at 37°C, mitochondrial△Ψm of cells was examined by a
FACSCalibur flow cytometer (BD Biosciences, San Jose,
USA). The fluorescence intensity of TMRM was monitored
at 575nm.

4.15. Flow Cytometry Analysis of Apoptosis. Cell apoptosis
was measured with Annexin V-FITC Apoptosis Detection
Kit (Beyotime, Shanghai, China). According to the manufac-
turer’s instructions, cells were incubated with 195μL binding
buffer containing 5μL Annexin V-FITC and 10μL propi-
dium iodide in the dark for 20min at room temperature. Cell
apoptosis was analyzed on a FACSCalibur flow cytometer
(BD Biosciences, San Jose, USA).

4.16. Data Analysis. Statistical analysis was carried out using
the SPSS 20 software. Results were expressed as mean value
s ± standard error of the mean (SEM). Statistical differences
among groups were analyzed by one-way ANOVA, and
two-tailed P values are reported. P values less than 0.05 were
considered statistically significant.
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Aims. Oxidative stress is a factor involved in the pathogenesis of celiac disease (CD), possibly affecting the course of the disease and
celiac-related complications. We assessed the intensity of oxidative processes and the efficiency of antioxidant defense in children
with celiac disease. Methods. Group I (n = 32) consisted of children with CD treated with a gluten-free diet, and group II (n = 24)
consisted of healthy children on a traditional diet. Antioxidative and oxidative status was assessed by measurement of serum total
antioxidant capacity (TAC), total oxidant capacity (TOC), and oxidized low-density lipoprotein (ox-LDL) and on the basis of
oxidative stress index (OSI). Results. There were no significant differences in serum TAC, TOC, ox-LDL, and OSI between
children with CD and healthy children. Cluster analysis showed that the group of children with CD is not homogeneous in
terms of serum TAC and TOC levels. About 50% of these children had TAC levels< 1.3mmol/L and TOC levels> 0.35mmol/L.
Conclusions. Strict adherence to a gluten-free diet by children with CD seems to be important for maintaining oxidative-
antioxidant balance. However, further research is needed to identify factors potentially responsible for increased oxidative stress
in some children with celiac disease despite adherence to a gluten-free diet.

1. Introduction

Celiac disease (CD) is an autoimmune, gluten-sensitive
inflammatory disorder of the small intestine, which occurs
in people with a genetic predisposition. It is one of the more
common genetic diseases, with a prevalence of from 1 : 100
up to 1 : 200 in European and American populations [1].
Although there is no precise data on the prevalence of this
disease in the Polish population, it seems that only a small
percentage of all cases are detected. Celiac disease is charac-
terized by a complex interaction between genetic and envi-
ronmental factors. The disease is caused by a persistent
intolerance of gluten, which is a storage protein found in
grains. Gluten is actually made up of two main groups of pro-
teins: gliadins, also known as prolamins, and glutenins.
Celiac disease-related gluten intolerance involves certain
fractions of prolamins, gliadin found in wheat, secalin found
in rye, and hordein found in barley [2]. Our understanding of

biochemical and immunological aspects and the mechanisms
involved in the toxicity of these prolamins (there are also
many prolamins in cereals, including rice and corn, that do
not have toxic properties) is growing. Nevertheless, research
is underway to better understand the pathogenesis of the dis-
ease. The mucosal damage in celiac patients is considered to
be induced by the interplay between innate and adaptive
immune responses to ingested gluten. The studies have
shown that the gliadin sequence contains regions that play
an important role in CD pathogenesis by exerting cytotoxic
or immunomodulatory activity. The other regions are respon-
sible for triggering oxidative stress and inducing the release of
proinflammatory cytokines [3–9].

Oxidative stress is caused by increased production of
reactive oxygen species (ROS), exceeding the capacity of
physiological antioxidant systems [10, 11]. Inflammation
and oxidative stress due to an increase in reactive oxygen spe-
cies and a decrease of antioxidant defenses seem to be
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involved in the molecular mechanisms of celiac disease. It
cannot be excluded that they predispose patients with CD to
other autoimmune diseases [6, 12–14]. This seems to be par-
ticularly true of undiagnosed or diagnosed but untreated/
inappropriately treated disease [15, 16].

Efficient antioxidant mechanisms, both enzymatic and
nonenzymatic, defend the body against free radical damage.
Antioxidant enzymes include, for example, superoxide
dismutase (SOD), catalase (CAT), glutathione peroxidase
(GPx), glutathione reductase (GR), glutathione S-transferase
(GST), and glucose-6-phosphate dehydrogenase (G6PDH).
Nonenzymatic mechanisms include, among others, glutathi-
one (GSH), vitamin C (ascorbic acid), vitamin E (α-tocoph-
erol), β-carotene, vitamin A (retinol), flavonoids, and
binding proteins—transferrin, ceruloplasmin, and albumin
[16]. Some nonenzymatic antioxidants are essential diet
components and are found in many food products.

Total antioxidant capacity (TAC) is an expression of a
complete ability to neutralize free oxygen radicals that
initiate oxidative damage. TAC includes, among others, such
factors as uric acid (32–65%), thiol groups of proteins
(10–50%), ascorbic acid (6–24%), vitamins A and E (5–10%),
and albumin-bound bilirubin (7%). Although uric acid and
thiols represent the greatest percentage contribution to
TAC, their antioxidant capacity is lower compared with vita-
mins, which are considered highly efficient nonenzymatic
antioxidants. Markers that determine the intensity of the
oxidation processes include, inter alia, TOC (total oxidant
capacity), measuring the total oxidant capacity in the serum,
and ox-LDL (oxidized low-density lipoprotein), indicating
the intensity of lipid peroxidation [17].

From a clinical point of view, CD is characterized by a
clinical heterogeneity that ranges from asymptomatic to
severely symptomatic and by increased morbidity and
mortality. Strict lifetime adherence to a gluten-free diet is
currently the only available, effective, and safe therapy for
celiac disease [18, 19].

The question arises whether the use of a strict gluten-free
diet in children with CD is sufficient for maintaining a serum
oxidative/antioxidant balance in these children.

The aim of the study was to assess the intensity of
oxidative processes and the efficiency of antioxidant defense
mechanisms in children with celiac disease treated with a
gluten-free diet.

2. Materials and Methods

The study was carried out according to the principles of the
Declaration of Helsinki and approved by the Ethics Commit-
tee of the Institute of Mother and Child in Warsaw, Poland.
Informed consent was obtained from the parents of the study
participants and from children aged over 16 years old. The
study was conducted as part of statutory task IMiD number
OPK 510-25-48.

2.1. Subjects. The study covered 56 children, including 27
girls (48%) and 29 boys (52%) aged between 7 and 18
years, attending the Gastroenterology Outpatient Clinic of
the Institute of Mother and Child in Warsaw and the

Gastroenterology Outpatient Clinic of Children’s Hospital
“Zdroje” in Szczecin (SPS ZOZ “Zdroje”). Children with
celiac disease diagnosed in accordance with the European
Society for Pediatric Gastroenterology Hepatology and
Nutrition (ESPGHAN) were included in group I (n = 32).
These were children on a strict gluten-free diet, as evidenced
by the absence of serum IgA and IgG anti-transglutaminase
(tTG) antibodies in at least the last year [18]. The control
group II included 24 healthy children, whose serological
screening detected to be negative and who had no history of
any chronic disease.

Exclusion criteria were acute and chronic inflammation,
consumption of dietary supplements containing substances
with antioxidant activity, and chronic comorbidities that
could increase oxidative stress in children with celiac disease.

2.2. Anthropometric Measurements. The children’s nutri-
tional status was assessed on the basis of weight and height.
Weight (kg) and height (m) were used to calculate body mass
index (BMI) as body weight (kg) divided by height squared
(m2). BMI values were compared with BMI norms for age
and sex according to OLAF criteria, thus obtaining a BMI
z-score, which is a normalized relative weight indicator
independent of age and sex [20].

2.3. Blood Sampling and Biochemical Analysis. For biochem-
ical measurements, venous blood (3.0mL) was taken in the
morning hours from fasting patients. Blood was collected in
the usual manner, but the full blood count sample was col-
lected into anticoagulated tubes with sodium heparin. In
order to obtain plasma, the blood was centrifuged at
2500×g at 4°C for 10 minutes. Plasma and serum samples
were frozen (−70°C) until measurements of IgA and IgG
anti-human tTG antibodies (IgA tTG ab, IgG tTG ab) and
concentrations of biochemical parameters (TOC, TAC—max
4 weeks, ox-LDL, vitamin E, ferritin, and uric acid—max 6
months) were performed. The tTG antibody serum levels
were assessed using a commercial FluoroEnzymeImmuno
Assay kit (Phadia, Sweden), and a value below 7U/mL was
considered negative [21]. Serum total oxidative capacity
(TOC) and total antioxidative capacity (TAC) were evaluated
by colorimetric/photometric assay using commercially avail-
able kits (LDN Labor Diagnostika Nord GmbH & Co. KG,
Germany). Determinations of TOC and TAC are based on
the reaction of peroxides with peroxidase followed by a color
reaction of the chromogenic substrate tetramethylbenzidine.
The analytical sensitivity of TOC was 0.06mmol/L, and the
intra- and interassay coefficients of variation (CV) were
4.90% and 7.33%, respectively. The sensitivity of TAC was
0.08mmol/L, and the intra- and interassay CV were 5.00%
and 6.92%, respectively [22].

According to the manufacturer’s reference data (manual
of LDNLaborDiagnostikaNordGmbH&Co.KG,Germany),
the expected value of TOC was <0.35mmol/L, while TAC
indicating sufficient antioxidative capacity was >1.3mmol/L
and indicating borderline antioxidant capacity was between
1.0 and 1.3mmol/L. Also, in the study of Drabko and
Kowalczyk [23], healthy children had a mean value of total
antioxidant status at the level of 1.3mmol/L.
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Oxidative stress index (OSI) was defined as the percent-
age ratio of TOC levels to TAC levels.

Oxidized-LDL (ox-LDL) levels were determined by
enzyme-linked immunosorbent assay (ELISA) (Immundiag-
nostik AG, Bensheim, Germany). The intra- and interassay
coefficients of variability were found to be less than 5.7%
and 9.0%, respectively. The detection limit was 4.13 ng/mL.

Plasma concentrations of vitamins A (retinol) and E
(α-tocopherol) were measured by high-performance liquid
chromatography (HPLC, KNAUER, Germany) using a
methodology based on the procedure of Zaman et al. [24].

Serum levels of C-reactive protein (CRP), ferritin, and
uric acid as well as total cholesterol (TC), HDL cholesterol
(HDL-C), LDL cholesterol (LDL-C), and triglyceride (TG)
concentrations were determined using standard methods
on the Integra Cobas 400 plus analyzer (Roche Diagnostics,
Switzerland).

2.4. Statistical Analysis. The appropriate difference signifi-
cance tests, such as Student’s t-test for variables with normal
distribution and homogeneity of variance as well as the
Mann–Whitney U test for variables with nonnormal distri-
bution, were used to assess the differences between children
with CD and the controls in terms of the analyzed anthropo-
metric and biochemical variables.

Data are presented as mean values and standard devia-
tions for variables with normal distribution or medians and
interquartile ranges for variables with nonnormal distribu-
tion. The Shapiro-Wilk test was used to test the normality
of variable distributions.

Pearson’s correlation coefficients (Pearson’s r) were
calculated for oxidative and antioxidant status indicators
and other biochemical parameters as well as selected anthro-
pometric and clinical variables. Cluster analysis (CA) was
performed with the k-means method to identify groups of
children differing in their oxidative and antioxidant status.
Two quantitative variables, TOC and TAC, as well as a qual-
itative variable for group membership (CD/healthy children)
were used for CA. p < 0 05 was considered statistically signif-
icant. Statistica 12 PL was used for statistical analysis.

3. Results

The characteristics of the studied children are presented in
Table 1.

The percentage of girls and boys was similar in both
groups of children, with 50%/50% in group I and 45.8%/
44.2% in group II. Children with celiac disease were on a
gluten-free diet for an average of 7 years.

Children in both groups did not differ significantly in
terms of age, body weight, or height. Although BMI and
BMI z-score were significantly lower in children with CD,
the value of BMI z-score pointed to an appropriate nutritional
status of children from both groups (BMI z-score <−1;+1>).

As shown in Table 2, there were no significant differences
in serum TAC, TOC, ox-LDL, and OSI between patients with
CD and healthy children. Vitamin A and ferritin levels were
significantly higher in patients with CD compared with
healthy children (p < 0 05). There were no significant differ-
ences in mean serum vitamin E and uric acid levels between
the two groups.

Correlations between serum concentrations of oxidative-
antioxidative status markers and clinical/biochemical param-
eters in children with CD are presented in Table 3.

A positive correlation was found between ferritin and
TOC levels (p < 0 05) as well as HDL cholesterol and ox-
LDL levels (p < 0 01) in the group of children with celiac
disease. Additionally, a negative correlation between vita-
min A and ox-LDL levels (p < 0 01) as well as HDL and
OSI (p < 0 05) was shown in this group.

Based on cluster analysis performed with the k-means
method, three groups (clusters) of children with varying
TOC and TAC levels including two groups of children with
celiac disease were identified: CD1 (n = 17/56) with mean
TAC levels of 1.80mmol/L and mean TOC levels of
0.167mmol/L; CD2 (n = 15/56) with TAC/TOC levels of
0.89mmol/L and 0.41mmol/L, respectively; and the third
group consists of healthy children (n = 24/56) with mean
TAC levels of 1.34mmol/L and mean TOC levels of
0.29mmol/L (Figure 1).

Cluster analysis showed that the group of children
with celiac disease is not homogeneous in terms of serum
TAC and TOC levels, with about 50% of these patients
(CD2 cluster, n = 15/32) with TAC levels considered
insufficient for proper antioxidant defense (<1.3mmol/L)
and TOC levels indicating increased oxidative processes
(TOC> 0.35mmol/L) (Figure 1).

Differences in CRP level between CD1 and CD2 children
are presented in Figure 2.

Children with celiac disease (CD1) with TOC and TAC
levels within the range of expected values had lower CRP

Table 1: Characteristics of the studied children.

Variables Children with CD (n = 32) Healthy controls (n = 24) p value

Age (years)+ 13.8 (10.4–16.5) 12.4 (8.4–14.4) 0.089

Treatment with gluten-free diet (years)++ 7.6 (3.3) — —

Weight (kg)+ 43.2 (28.3–52.5) 42.2 (36.9–59.8) 0.144

Height (cm)++ 153.8 (19.1) 153.5 (17.2) 0.952

BMI (kg/m2)++ 17.3 (3.4) 19.6 (2.4) 0.006∗

BMI z-score+ −0.7 (−1.0 to −0.3) 0.4 (−0.4–1.0) 0.0001∗

+Data are presented as median value and interquartile ranges (1Q–3Q). ++Data are presented as mean value and standard deviation (SD).
∗Statistically significant differences (p < 0 05). BMI: body mass index; BMI z-score: a normalized relative weight indicator independent of age and sex.
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levels (median 0.23; interquartile range 0.12–0.34) compared
with children with celiac disease (CD2) with serum TOC and
TAC levels not corresponding to the expected values (median
0.41; interquartile range 0.26–0.65) (Figure 2).

4. Discussion

Consumption of gluten by patients with celiac disease
induces the overproduction of reactive oxygen species, trig-
gering a cascade of reactions that cause oxidative stress both
at the small intestinal mucosa and the whole-body level.
Oxidative stress is responsible for free radical damage of
important cellular structures, thus adversely modifying their

functions [25–28]. A number of studies have been conducted
to assess selected markers of antioxidant and oxidative pro-
cesses in children with celiac disease [6, 15, 29–31]. Our
study was conducted as a part of the discussion on whether
a gluten-free diet is sufficient for maintaining a serum
oxidative/antioxidant balance in children with celiac disease.
This may seem doubtful considering the fact that despite
strict adherence to the diet (for over 12 months), some celiac
patients still experience persistent or recurrent symptoms of
refractory celiac disease (RCD) [32]. In the available litera-
ture, there are few studies using markers such as TAC,
TOC, ox-LDL, and OSI to assess oxidative/antioxidant
imbalance in children with celiac disease. Our study

Table 3: Correlations between serum concentrations of oxidative-antioxidative status markers and clinical/biochemical parameters in
children with CD (n = 32).

Variables
TOC TAC OSI ox-LDL

r p r p r p r p

Age −0.14 0.448 0.11 0.549 −0.07 0.711 −0.05 0.813

Treatment with gluten-free diet 0.38 0.055 −0.18 0.387 0.21 0.313 0.33 0.096

BMI z-score −0.02 0.928 −0.11 0.546 −0.08 0.664 −0.05 0.810

CRP −0.20 0.293 −0.20 0.294 −0.06 0.751 0.02 0.928

Ferritin 0.43 0.014∗ 0.10 0.573 0.15 0.422 0.17 0.386

Uric acid −0.17 0.415 0.05 0.825 −0.09 0.667 −0.13 0.551

Vitamin E −0.27 0.190 0.33 0.097 −0.35 0.080 −0.07 0.749

Vitamin A 0.06 0.775 −0.14 0.492 0.15 0.461 −0.55 0.003∗

Cholesterol total 0.26 0.169 0.17 0.380 0.15 0.421 0.12 0.567

Cholesterol HDL −0.30 0.109 0.18 0.350 −0.38 0.038∗ 0.49 0.009∗

Cholesterol LDL 0.32 0.089 0.02 0.920 0.31 0.100 −0.18 0.364

Triglycerides −0.03 0.872 −0.04 0.846 −0.02 0.904 −0.22 0.266

r: Pearson’s correlation coefficient, ∗p < 0 05; TOC: total oxidant capacity; TAC: total antioxidant capacity; ox-LDL: oxidized low-density lipoprotein;
OSI: oxidative stress index; CRP: C-reactive protein; BMI z-score: normalized relative weight indicator independent of age and sex.

Table 2: Biochemical parameters in children with CD and healthy controls.

Variables
Children with CD

(n = 32)
Healthy controls

(n = 24) p value

TOC (mmol/L)+ 0.23 (0.13–0.35) 0.27 (0.16–0.36) 0.608

TAC (mmol/L)++ 1.38 (0.60) 1.35 (0.42) 0.815

Ox-LDL (ng/mL)+ 125.4 (68.6–242.0) 147.4 (56.5–446.8) 0.796

OSI+ 0.16 (0.07–0.36) 0.20 (0.14–0.27) 0.535

CRP (mg/L)+ 0.29 (0.15–0.50) 0.40 (0.14–0.90) 0.355

Ferritin (ng/mL)+ 81.0 (33.1–120.0) 43.4 (26.3–60.1) 0.027∗

Uric acid (mg/dL)+ 4.4 (4.0–5.4) 4.4 (4.1–4.9) 0.868

Vitamin E (μmol/L)+ 17.8 (15.3–19.7) 18.7 (14.7–20.9) 0.952

Vitamin A (μmol/L)++ 2.0 (0.42) 1.6 (0.56) 0.026∗

Cholesterol total (mg/dL)++ 167.7 (24.6) 166.9 (24.5) 0.903

Cholesterol HDL (mg/dL)++ 56.7 (21.8) 59.8 (15.1) 0.567

Cholesterol LDL (mg/dL)+ 97.0 (83.0–126.0) 95.5 (81.5–117.0) 0.601

Triglycerides (mg/dL)+ 68.5 (48.0–104.0) 61.0 (48.0–100.0) 0.781
+Data are presented as median value and interquartile ranges (1Q–3Q). ++Data are presented as mean value and standard deviation (SD).
∗Statistically significant differences (p < 0 05). TOC: total oxidant capacity; TAC: total antioxidant capacity; ox-LDL: oxidized low-density lipoprotein;
OSI: oxidative stress index; CRP: C-reactive protein.
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demonstrated no differences in the intensity of oxidative/
antioxidant processes assessed based on the above parame-
ters between children with celiac disease treated with a
gluten-free diet and healthy children, although the levels of
parameters such as ferritin and vitamin A included in TAC
were significantly higher in the celiac group. This could
suggest that a gluten-free diet is sufficient for maintaining
oxidative/antioxidant balance. Nevertheless, a subgroup of

children experiencing oxidative stress, despite strict diet
adherence, was identified among patients with CD.

The literature data indicates that the antioxidant poten-
tial assessed based on various markers both in intestinal
mucosa and bodily fluids (blood, urine) is significantly lower
in newly diagnosed celiac patients compared with healthy
individuals, while the intensity of oxidation processes is
higher [6, 15, 29–31]. The results suggest that gliadin disturbs
the pro−/antioxidant balance through the overproduction of
ROS not only in the small intestinal mucosa of affected
persons [33]. An interesting observation was presented by
Stojiljković et al. [15], who demonstrated that the severity
of the mucosal lesion in celiac patients significantly corre-
lated with the evaluated markers of radical damage. Thus, a
positive correlation was found between the severity of histo-
logical lesions in the intestinal mucosa and SOD activity as
well as LOOH (lipid peroxides) levels, and the activities of
CAT, GPx, and GR and the concentration of GSH inversely
correlated with the degree of the mucosal lesion. It seems that
the lower antioxidant potential in individuals with untreated
celiac disease may be due to, among others, an increased
demand for antioxidants necessary to compensate for the ele-
vated production of ROS, and thus prevent their adverse
effects. Intestinal mucosal damage caused by reactive oxygen
species, leading to secondarily impaired absorption of antiox-
idant nutrients, may also play an important role [30].

A gluten-free diet is usually associated with clinical
improvement, the disappearance of serological markers spe-
cific for the disease, and regeneration of the small intestinal
mucosa in patients with celiac disease. This should be accom-
panied by significant improvement in the oxidative/antioxi-
dant balance. The beneficial effects of a gluten-free diet on

CD1: 1.80

Healthy controls: 1.35

CD2: 0.90

TAC
>1.3 mmol/L

TAC
1.0–1.3 mmol/L

TAC
<0.35 mmol/L

CD2: 0.41

Healthy controls: 0.29

CD1: 0.17
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Figure 1: Clusters of children differing in terms of TAC and TOC levels. CD1: children with celiac disease with concentrations of
TAC> 1.3mmol/L and TOC< 0.35mmol/L. CD2: children with celiac disease with concentrations of TAC< 1.3mmol/L and
TOC> 0.35mmol/L. Healthy controls with concentrations of TAC> 1.3mmol/L and TOC< 0.35mmol/L.

Variable: CRP
Mann–Whitney U test ; U = 65.5; Z = −1.91; p = 0.056
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Figure 2: Differences in CRP level between CD1 and CD2 children.
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antioxidant status were demonstrated by Ferretti et al. [34].
The authors showed that although serum TAC levels were
indeed lower in patients with celiac disease who used a
gluten-free diet compared with the controls, these levels were
still significantly higher compared with newly diagnosed
patients who were not on a gluten-free diet. In contrast to
Ferretti et al., our study showed no significant differences in
mean TAC levels between celiac patients on a gluten-free diet
and healthy children. It cannot be excluded that in addition
to a gluten-free diet, diet duration is also important for main-
taining oxidative/antioxidant balance; however, our study
showed no significant correlation in this regard. A diet
consisting of natural antioxidants also seems to play an
important role. It was documented that several dietary com-
ponents exert anti-inflammatory and antioxidant roles and
have a protective effect on the intestinal epithelium [35–37].
In our study, serum vitamin A levels in children with celiac
disease were significantly higher compared with those of the
controls, while α-tocopherol levels did not differ between
the groups. Szaflarska-Poplawska et al. [13] showed no signif-
icant differences in serum vitamin A and E levels between
children with celiac disease treated with a gluten-free diet
and healthy children; however, the levels of these antioxidants
were significantly lower in untreated versus treated patients
with CD. Vitamin E, as a scavenger of free oxygen radicals,
protects polyunsaturated fatty acids (PUFA), a major struc-
tural component of the cellular membranes, from peroxida-
tion [38]. Synergistic interactions between vitamin E and
vitamin A against lipid peroxidation were documented [39].
In our study, dietary intake of these vitamins in children with
celiac disease could have affected the lack of significant differ-
ences not only in TAC and TOC levels andOSI values but also
in ox-LDL levels between children with celiac disease and
healthy children. This may be indicated by the inverse corre-
lation between vitamin A and ox-LDL levels found in the
group of children with celiac disease. Furthermore, we also
observed a reverse correlation between HDL cholesterol,
demonstrating anti-inflammatory and antioxidative activi-
ties, with OSI in this patient population. At the same time
however, a positive correlation was found between HDL cho-
lesterol and ox-LDL, which would suggest HDL’s effect on
oxidative stress contrary to the expected one. Nevertheless,
OSI seems to better define oxidative stress severity.

Sayar et al. [29] demonstrated that IMA (ischemia-
modified albumin stress marker), TOS (total oxidant status),
and AOPP (advanced oxidation protein products) levels were
significantly lower after just 30 months of a gluten-free diet,
while TAC and SH sulfhydryl levels were significantly higher.
Similarly in the study by Ertekin et al. [40], serum nitric oxide
levels were found to be higher in children with CD than in
the control group, and these levels were found to regress after
implementing a gluten-free diet. These findings indicated
that oxidative stress regressed after the introduction of a
gluten-free diet in celiac patients. However, we showed in
our study that despite strict adherence to the diet, about
50% of children with celiac disease (CD2) had relatively low
TAC levels and high TOC levels, which would indicate oxida-
tive stress. In the same group of children, CRP levels were
higher compared with children with celiac disease (CD1)

with relatively high TAC and low TOC levels, yet still within
the range of reference standards. These results seem to con-
firm the findings of other authors. Stojiljković et al. [15] point
to the fact that oxidative stress may also occur in children
with CD who are on a gluten-free diet, as evidenced by differ-
ences in the activity of antioxidant enzymes and glutathione
(GSH) observed in this group. Szaflarska-Poplawska et al.
[13] also observed significant differences in the levels of
markers for free radical DNA damage (8-oxodG in DNA iso-
lated from leukocytes and in urine samples) in children with
celiac disease compared with healthy children; however, they
found no such differences between these parameters in chil-
dren with treated and untreated celiac disease. Similarly,
the study by Odetti et al. [30] indicates that a redox imbal-
ance persists in celiac disease even when asymptomatic.
The authors found an increase of markers of oxidative dam-
age of lipids (thiobarbituric acid-reactive substances and
lipid hydroperoxides) and proteins (carbonyl groups) in the
blood serum of patients with celiac disease compared with
healthy individuals. According to the authors, the redox
imbalance is probably caused by an absorption deficiency,
even if slight. Thus, they suggest that dietary supplementa-
tion with antioxidant molecules may offer some benefits.
These results suggest that a gluten-free diet is able to only
partially improve the functionality of the intestinal mucosa,
which leads to the necessity to conduct further studies on
this topic.

Our study has some limitations. Firstly, the study
included relatively small groups of children, although com-
parable to those investigated by other authors. Additionally,
the group of children with celiac disease was homogeneous,
as all children strictly adhered to a gluten-free diet as evi-
denced by the absence of serum antibodies against tissue
transglutaminase. Secondly, data on the content of antioxi-
dants, such as vitamins A, C, and E, or LC-PUFA (long-chain
polyunsaturated fatty acid) in the children’s diets were miss-
ing. However, considering the increased vitamin A levels
among children with celiac disease and similar levels of
vitamin E in both groups, it can be assumed that the diets
of these children were balanced in this regard.

To conclude, strict adherence to a gluten-free diet by
children with celiac disease seems to be an important condi-
tion for maintaining oxidative-antioxidant balance, as evi-
denced by a lack of differences in TAC, TOC, ox-LDL, and
OSI levels between children treated due to celiac disease
and the controls. However, further research is needed to
identify factors potentially responsible for increased oxidative
stress in some children with celiac disease despite adherence
to a gluten-free diet.
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Pulmonary fibrosis (PF) is a life-threatening interstitial lung disease. In this study, we tried to reveal the model of action between high-
mobility group box 1 (HMGB1) and α-smoothmuscle actin (α-SMA) and the protective role of gefitinib in pulmonary fibrosis induced
by the administration of bleomycin aerosol inmice. For the mechanism study, lung tissues were harvested two weeks after modeling to
detect the coexpression of HMGB1 and α-SMA by immunohistochemistry and immunofluorescence staining. Protein-DNA
interactions were analyzed using a pulldown assay to study the relationship between HMGB1 and α-SMA. For the gefitinib
treatment study, the mice were divided into three groups: phosphate-buffered saline (PBS) control group, PBS-treated PF group, and
gefitinib-treated PF group. Gavage of gefitinib or PBS (20mg/kg/day) was performed after bleomycin treatment for two weeks until
the mice were sacrificed. Lung and blood samples were collected to assess the histological changes, oxidative stress, and expression of
NOXs, HMGB1, EGFR, MAPKs, AP-1, and NF-κB to determine the curative effect and related molecular mechanisms. The results
revealed the high coexpression of α-SMA and HMGB1 in some interstitial cells in the fibrotic lung. The DNA-protein pulldown
analysis proved that HMGB34367 acted as a novel transcriptional factor for the α-SMA promoter and participated in the eventual
development of pulmonary fibrosis. Second, gefitinib could significantly decrease lung fibrotic changes and the level of MDA and
recover the T-AOC level. Meanwhile, gefitinib could also reduce the NOX1/2/4, HMGB1, p-EGFR, p-ERK, p-JNK, p-P38, p-
NF-κB, p-c-Jun, and p-c-Fos expression levels in fibrotic lungs. The present study suggested that gefitinib could alleviate lung
fibrosis through the HMGB1/NOXs-ROS/EGFR-MAPKs-AP-1/NF-κB signal in bleomycin-induced pulmonary fibrosis.

1. Introduction

Idiopathic pulmonary fibrosis (IPF) is a chronic interstitial
lung disease with high lethality, a fatal prognosis, and a lack
of effective medical therapies [1, 2]. The pathological charac-
teristics of IPFmainly include the disruptionof the pulmonary
parenchymal matrix and replacement with fibrotic tissues [3,
4]. The development of IPF results in declining lung function
and eventual respiratory failure,with amedian survival of only
2-3 years following diagnosis [5]. Traditional drugs only have
marginal effects against this disease [6]. Details of the

mechanisms involved in IPF are also not well established,
and there is an extreme lack of effective therapies for IPF.

One possible mechanism involved in IPF is the activation
of α-smooth muscle actin (α-SMA). Higher expression of α-
SMA is accompanied by more collagen deposition, indicating
more severe pulmonary fibrosis (PF) [7]. Understanding the
mechanism responsible for α-SMA activation is a potential
way to determine the fibrotic pathogenesis. High-mobility
group box 1 (HMGB1) is a highly conserved DNA-
shepherding protein, which could translocate to the cyto-
plasm as well as the extracellular space during cell activation,
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injury, or death [8]. It has been demonstrated that HMGB1
could promote the expression of α-SMA in fibrotic diseases
[9]. The detailed mode of action between HMGB1 and α-
SMA in pulmonary fibrosis, however, has not yet been fully
interpreted. Another mechanism involved in pulmonary
fibrosis is the activation of the epidermal growth factor recep-
tor (EGFR). EGFR has been found to be upregulated in the
lung tissues of patients and rodents with pulmonary fibrosis
[10–12]. Gefitinib, an EGFR-tyrosine kinase inhibitor
(EGFR-TKI), has the ability to inhibit fibroblast prolifera-
tion, therefore lessening the collagen and extracellular matrix
(ECM) deposition in pulmonary fibrosis [13, 14]. However,
the concrete mechanism behind this inhibition has not yet
been clearly determined. Oxidative stress is another key path-
ological process in the development of pulmonary fibrosis
[15]. Previous studies have shown that bleomycin adminis-
tration could increase oxidative stress by increasing the pro-
duction of nitric-oxide synthase and NADPH oxidase (NOX)
through the downstream phosphorylation expression of
mitogen-activated protein kinases (MAPKs) [16]. Inhibition
of oxidative stress and enhancement of antioxidative ability
could alleviate pulmonary fibrosis [17].

Since the potential influence and mechanism of gefitinib
on pulmonary fibrosis have not been fully studied, the aim
of the present research was (1) to detect the model of action
between HMGB1 and α-SMA in pulmonary fibrosis and (2)
to study the mechanism and resulting effect of gefitinib in
the treatment of pulmonary fibrosis.

2. Materials and Methods

2.1. Drug Sources. Bleomycin hydrochloride (BLM) was pur-
chased from Zhejiang Haizheng Pharmaceutical Co. Ltd. and
gefitinib was purchased from AstraZeneca (United States).
Other chemicals and reagents were obtained from standard
commercial sources.

2.2. Model of Bleomycin-Induced Pulmonary Fibrosis in Mice.
SPF female KMmice (20–25 g) were purchased from the ani-
mal center of Southern Medical University (Guangzhou,
China). Pulmonaryfibrosiswas inducedby intratracheal aero-
sol inhalation of 3U/kg of bleomycin dissolved in 0.10mL of
saline using MicroSprayer atomization devices. Phosphate-
buffered saline (PBS) controlmice (n = 6, PBS group) received
the same volume of intratracheal aerosol inhalation of PBS.
The gefitinib-treated mice (n = 6, BLM+Ge group) were
treated with gefitinib by gavage at a dose of 20mg/kg/day dis-
solved in 0.20mL saline after bleomycin administration. The
PBS-treated mice (n = 6, BLM group) received the same vol-
umeofPBSbygavageafterbleomycinadministration.Allmice
in the three groups were sacrificed two weeks after treatment,
and lung and blood samples were processed separately for his-
tological and biochemical studies. The animal experiment was
approved by the institutional committee of animal care. The
detailed experimental procedure was presented in Figure 1.

2.3. Histological Studies

2.3.1. Hematoxylin and Eosin and Masson’s Trichrome
Staining. For histological examination, the lungs were fixed

in 10% buffered formalin and stained with hematoxylin and
eosin (H&E) and Masson’s trichrome. Histologic grading
was performed by three experienced pathologists using a
blinded semiquantitative scoring system. The severity of pul-
monary inflammation and fibrosis was scored according to
the methods described by Mikawa et al. [18] and Ashcroft
et al. [19], respectively.

2.3.2. Immunohistochemistry (IHC). Immunohistochemistry
staining was performed to identify the expression and loca-
tion of α-SMA and HMGB1 in the fibrotic lungs. Antibodies
used in the study were anti-α-SMA (1 : 100) and anti-
HMGB1 (1 : 200) antibodies (Santa Cruz Biotechnology
Inc., CA) diluted in PBS. Slides were deparaffinized and
treated with 3% H2O2 in H2O to quench endogenous perox-
idase activity. α-SMA and HMGB1 staining was performed at
4°C overnight, followed by exposure to anti-mouse secondary
antibody for 60min. Diaminobenzidine (DAB) (Maxim-Bio,
Fuzhou, China) was used as the chromogen. Microscopic
observation was performed using a Leica DM LB2 micro-
scope equipped with a digital camera.

2.3.3. Immunofluorescence Staining. For immunofluorescence
staining of α-SMA and HMGB1, the sections were pretreated
with proteinase K and then blocked with 10% normal donkey
serum diluted in PBS containing 0.1% Triton. Sections were
then incubated with the polyclonal rabbit anti-α-SMA
(1 : 200) and anti-HMGB1 (1 : 300) antibodies (Santa Cruz
Biotechnology Inc., CA) diluted in PBS. Tissue sections were
washed and subsequently incubated with Alexa fluorophore
488 nm donkey anti-rabbit antibody at 1 : 500 in PBS for
90min at room temperature and counterstainedwith 4′,6-dia-
midino-2-phenylindole (DAPI). Images were acquired using
an inverted Leica CTR 6000 fluorescence microscope and
were merged using a Leica Application Suite Advanced Fluo-
rescence software (Leica Microsystems (UK) Ltd., Milton
Keynes, UK).

2.4. DNA-Protein Pulldown Analysis. A total of 3.8 kb of
double-stranded DNA fragments corresponding to the
mouse α-SMA promoter fragment −1070 to +2582, including
the first exon and part of the first intron (GenBank: U63129
and M57409), was amplified from the VSMP8 plasmid by
PCR. The plasmid was a generous gift from Professor Art
Strauch (Dorothy M. Davis Heart and Lung Research Insti-
tute, Columbus, US). The forward primer 5′-AGCCGT
GGGAGCGTGAGT-3′ was linked with a biotin molecule
at the N terminal; the reverse primer was 5′-AGACAGCGA
GCGAGAAGC-3′. Next, 50μg of biotinylated DNA frag-
ments were ligated on the surface of 50μL of streptavidin-
coated magnetic beads from a kilobaseBINDER kit (Dynal,
Finland) to form DNA-bead complexes according to the
manufacturer’s protocol [20]. Pulmonary nuclear extracts
from BLM- or PBS-treated lung tissues were dialyzed in
PBS and diluted to 3μg/μL. Next, 30μg of proteins were
added to 250μL of a DNA-protein binding buffer (20mM
Hepes, 1mM EDTA, 10mM (NH4)SO4, 1mM DTT, 0.2%
Tween20, 30mM KCl, 50ng/μL poly(d(IC)), 5 ng/μL poly
L-lysine, and Ph 7.6) mixed with DNA affinity beads and
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incubated in a roller at room temperature for 30min. After
being subjected to magnetic separation, the supernatant was
discarded, and the beads were washed three times by resus-
pension in 500μL binding buffer. Proteins binding with
DNA affinity beads were eluted with 20μL of 0.25M KCl
solution. All the operations mentioned above were in accor-
dance with the protocol of the DNA-binding protein purifi-
cation kit (Roche, Germany), and samples from the PBS
and BLM mice were studied simultaneously. The eluted pro-
teins were then subjected to SDS-PAGE electrophoresis and
EMBL silver staining to show the lung nuclear proteins
binding with the α-SMA promoter in vitro. The differentially
displayed protein bands were determined by comparison
with protein grams from BLM- and PBS-treated samples
and were cut out from the gel with a sterile knife for further
liquid chromatography-mass spectrometry (LC-MS/MS)
analysis by the Beijing Huada Jierui Biotechnology Co. Ltd.
(Beijing, China).

2.5. RNA Preparation and Reverse Transcriptase Polymerase
Chain Reaction (RT-PCR). RNA was extracted from the left
lung lobes of mice from all three groups using the TRIzol
Reagent (Invitrogen, US) according to the manufacturer’s
recommendations. The lung tissues including HMGB34367,
α-SMA, NOX1/2/4, and β-actin mRNA transcripts were
measured by RT-PCR. PCR products were size fractionated
in 1.5% agarose gels and visualized by ethidium bromide
staining. Cycling conditions were (1) 94°C for 5 minutes; (2)
30 cycles at 94°C for 40 seconds, 55°C for 40 seconds, and
72°C for 40 seconds; and (3) a final extension step at 72°C for
10 minutes. The PCR primers were presented as follows: α-
SMA, forward primer 5′-ACCCAGATTATGTTTGAGA
CC-3′ and reverse primer 5′-CCGTCAGGCAGTTCGTAG-
3′; HMGB34367, forward primer 5′-ATGGGCAAAGGAGA
TCCTA-3′ and reverse primer 5′-CCTCATCATCTTCCTC
TTC-3′; NOX1, forward primer 5′-TGGCATCCCTTCAC
TCTGA-3′ and reverse primer 5′-GGCACGCTGGAATT
TGTAC-3′; NOX2, forward primer 5′-CCCTCCTATGA
CTTGGAAATG-3′ and reverse primer 5′-TCCGTCCAGTC
TCCCACAATA-3′; NOX4, forward primer 5′-AGACAA
ATGTAGACACTCACC-3′ and reverse primer 5′-CACA
ATAAAGGCACAAAGGT-3′; and β-actin, forward primer

5′-AGGGAAATCGTGCGTGACATCAAA-3′ and reverse
primer 5′-ACTCATCGTACTCCTGCTTGCTGA-3′.

2.6. Dihydroethidium (DHE) Fluorescence Measurement. The
ROS levels in the lungs were assessed by DHE fluorescence.
The lung tissues were stored in ethanol-dry ice at −80°C.
Serial lung sections (5μm thickness) were performed and
incubated in DHE (10mmol/L, 30min, 37°C). The lung tis-
sue fluorescence (adopt excitation at 490nm, emission at
610 nm) was observed by using a fluorescence microscope.

2.7. Measurement of MDA and T-AOC. The malonaldehyde
(MDA) and total antioxidant capacity (T-AOC) levels in
the serum and lung tissues were detected by using commer-
cial activity assay kits purchased from the Nanjing Jiancheng
Bioengineering Institute.

2.8. Immunoprecipitation and Tyrosine Phosphorylation
Assay.Lungproteinswere extracted using aRIPA lysate. Equal
amounts ofproteinswere subjected to8%SDS-PAGEand sep-
arated proteins were electrophoretically transferred to polyvi-
nylidene difluoride membranes. The blot was blocked with
5% nonfat dried milk, incubated overnight with anti-NOX1/
2/4, anti-HMGB1, anti-EGFR, anti-ERK/JNK/P38, anti-NF-
κB/c-Jun/c-Fos, anti-phosphor-EGFR, anti-phosphor-ERK/
JNK/P38, anti-phosphor-NF-κB/c-Jun/c-Fos, and anti-β-
actin antibody (Santa Cruz Biotechnology Inc., CA), and
treated with rabbit anti-mice IgG conjugated with alkaline
phosphatase. The protein blot was detected with ECL and
the gray scale was analyzed using a Gel-Pro Analyzer system.

2.9. Statistical Analysis. GraphPad Prism 5.0 software
(version 5.0, GraphPad Software Inc., La Jolla, CA, USA)
was used for statistical analysis. All the data were expressed
as the mean± standard deviation (mean± SD). Student’s
t-test (2 groups) and (or) one-way ANOVA (multiple groups)
was used to detect differences. P values less than 0.05 were
considered significant.

3. Results

3.1. Expression and Location of α-SMA and HMGB1 in
Bleomycin-Induced Pulmonary Fibrosis. H&E and Masson’s
trichrome staining were adopted to examine the accuracy

Oral PBS (20 mg/kg) daily for 14 days

Oral PBS (20 mg/kg) daily for 14 days

Oral Ge (20 mg/kg) daily for 14 days

Intratracheal aerosol
inhalation of PBS

Intratracheal aerosol
inhalation of BLM

Intratracheal aerosol
inhalation of BLM

D0 D1 D2 D7 D14

D0 D1 D2 D7 D14
Mice were sacrificed for
histological and
biochemical studies 14
days after PBS or Ge
treatment

D0 D1 D2 D7 D14

Figure 1: The experimental procedure of the present study.
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and efficiency of the pulmonary fibrosis model. H&E results
demonstrated that BLM administration induced focal
fibrotic lesions mainly in the subpleural regions with thick-
ened or thickening interalveolar septa (Figures 2(a) and
2(e)). A similar result was observed by Masson’s trichrome
staining (Figures 2(b) and 2(f)). IHC results revealed that
α-SMA and HMGB1 were highly expressed in the BLM-
treated lung tissues. The interstitial cells surrounding the
bronchioles of the BLM-treated lungs were positively stained
by α-SMA (Figures 2(c) and 2(g)) and HMGB1 (Figures 2(d)
and 2(h)), especially in the cells surrounding the terminal
bronchioles. The immunofluorescence staining revealed the
same colocalization of α-SMA and HMGB1 in some intersti-
tial cells, which was in accordance with the IHC results
(Figure 3).

3.2. HMGB34367 Increased Its Assembly with α-SMA in
Pulmonary Fibrosis Conditions. To discriminate protein
members composing the transcriptional complex in the acti-
vation of the α-SMA promoter, we developed a system to
purify these binding proteins. The results showed that there
was a characteristic increase in a 20 kDa protein in the
BLM group of mice when compared with the PBS group
(Figure 4(a). HMGB34367 was most likely to increase its
assembly with α-SMA in pulmonary fibrosis conditions com-
pared with physiological conditions. Next, we examined the
mRNA expression of HMGB34367 and α-SMA in the
BLM-treated lungs. RT-PCR analysis showed that the tran-
scriptional levels of α-SMA and HMGB34367 were remark-
ably increased after BLM treatment (Figure 4(b)).

3.3. Gefitinib Decreased Pulmonary Fibrosis Induced by
Bleomycin. Lung tissues from the BLM group of mice showed
prominent peribronchiolar and interstitial infiltration with
inflammatory cells. Extensive cellular thickening of interal-
veolar septa, interstitial edema, increasing of interstitial cells
with a fibroblastic appearance, and interstitial collagen depo-
sition could be detected by the Masson’s trichrome staining.
Although multifocal parenchymal lesions were still present
in lung tissues from the BLM+Ge group mice, the local con-
solidation was smaller than those in the BLM group. Less
edema and collagen deposition, less septal widening, and
fewer clusters of inflammatory cells were observed in the
lungs from the BLM+Ge group (Figure 5(a)). The lung
hydroxyproline (a marker of collagen deposition) levels were
increased approximately 3-fold in the BLM group of mice
compared with the PBS group (696.34± 87.21μg/g tissue ver-
sus 234.52± 21.67μg/g tissue, P < 0 001). Treatment with
gefitinib significantly reduced the hydroxyproline level
(351.28± 32.93μg/g tissue versus 696.34± 87.21μg/g tissue,
P < 0 001) (Figure 5(b). Meanwhile, semiquantitative scoring
of the inflammation (Figure 5(c)) and fibrosis (Figure 5(d))
showed reduced levels in the BLM+Ge group when com-
pared with the BLM group.

3.4. Serum MDA and T-AOC Levels. The imbalance in the
oxidation-antioxidant activity is an important pathogenesis
in pulmonary fibrosis. Previous reports have shown that
excessive oxidative stress plays an important role in the

pathogenesis of pulmonary fibrosis [15]. DHE fluorescence
was conducted to measure ROS levels in lung tissues. A sig-
nificant attenuation of fluorescence intensity was noted in
the BLM+Ge group when compared with the BLM group
(Figures 6(a) and 6(b)). MDA is the metabolite of lipid per-
oxidation, which could represent the degree of oxidative dam-
age to histiocytes. T-AOC reflects the level of antioxidative
capacity in mice. Bleomycin produces a significant increase
in serum MDA level compared with the PBS group (66.70
± 4.46 nmol/mL versus 26.92± 10.86 nmol/mL, P < 0 01),
while treatment with gefitinib significantly reduced the MDA
level (39.16± 14.15 nmol/mL versus 66.70± 4.46 nmol/mL,
P < 0 05) (Figure 6(c)). The level of serum T-AOC had an
inverse tendency compared with the level of MDA, and gefi-
tinib treatment significantly inhibited the reduction of T-
AOC after bleomycin administration (9.78± 2.94U/mL ver-
sus 2.47± 0.44U/mL, P < 0 01) (Figure 6(d)). The levels of
MDA (Figure 6(e)) and T-AOC (Figure 6(f)) in the lung tis-
sues also showed the same tendency. These results suggested
that gefitinib could alleviate the excessive oxidative stress
and enhance the antioxidative ability in the fibrotic lung.

3.5. Gefitinib Decreased the Gene and Protein Levels of NOX1/
2/4 Induced by Bleomycin. Activation of NOX enzymes was
the major source of ROS production in cells, and NOX1/2/
4 were considered to play an essential role in the develop-
ment of pulmonary fibrosis [21, 22]. In the present study,
the lung tissue NOX1/2/4 gene and protein levels in mice
exposed to bleomycin were all increased compared with the
PBS group.Mice receiving gefitinib treatment after bleomycin
administration showed a significant reduction in NOX1/2/4
gene (Figures 7(a) and 7(b)) and protein (Figures 7(c) and
7(d)) levels. These findings confirmed that NOX1/2/4 played
an important role in the excessive ROS production in pulmo-
nary fibrosis, and the high expressions could be blocked by
gefitinib treatment.

3.6. Gefitinib Significantly Inhibited the HMGB1 Expression
and Phosphorylation of EGFR-MAPK Signal Transduction.
We measured the HMGB1, total, and phosphorylation
expressions of EGFR and MAPKs in the fibrotic lung by
Western blot. The results showed that gefitinib significantly
inhibited HMGB1 expression, the phosphorylation of EGFR,
and subsequently, the phosphorylation of ERK, P38, and JNK
(Figure 8).

3.7. Gefitinib Decreased the Activations of AP-1 and NF-κB.
Previous studies showed that AP-1 and NF-κB could be acti-
vated by the phosphorylation of ERK, JNK, and P38 [23].
Activation of AP-1 and NF-κB could promote the production
of proinflammatory factors and profibrotic factors in pulmo-
nary fibrosis [24, 25]. The present study showed that admin-
istration of gefitinib did not influence the expressions of NF-
κB, c-Jun, and c-Fos in BLM-induced lung tissues. However,
the phosphorylation of NF-κB, c-Jun, and c-Fos were all sig-
nificantly inhibited in accordance with the increased expres-
sion of MAPKs after gefitinib treatment (Figure 9).
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Figure 4: HMGB34367 was involved in direct regulation of α-SMA expression and was highly expressed in the lung tissues affected by
pulmonary fibrosis. Lung tissues were collected 2 weeks after bleomycin (BLM) administration. Pulmonary nuclei were extracted from
BLM- or PBS-treated lung tissue. (a) A DNA-nuclear protein pulldown method was used to detect the binding of nuclear proteins to the
α-smooth muscle actin (α-SMA) promoter. A 20 kDa protein (HMGB34367) enlarged its binding amount with an α-SMA promoter under
BLM conditions. (b) The mRNA expressions of α-SMA and HMGB34367 were increased in lung homogenates after BLM exposure.
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DAPI HMGB1 �훼-SMA Merger

BLM

Figure 3: HMGB1 and α-SMA were coexpressed in some interstitial cells. Immunofluorescence staining for high-mobility group box 1
protein (HMGB1) (green) and α-smooth muscle actin (α-SMA) (red) and nuclei staining with DAPI (blue) were performed in fibrotic
lung tissues. Yellow fluorescence staining (merged) indicated that some interstitial cells positively costained with HMGB1 and α-SMA
(magnification 400x).

HE (200×)

PBS

Masson (200×) IHC of �훼-SMA (200×) IHC of HMGB1 (200×)

BLM

Figure 2: α-SMA and HMGB1 were highly expressed in the lung tissues affected by pulmonary fibrosis. Lung sections from mice were
collected on day 14 after intratracheal bleomycin (BLM) or PBS administration and were stained with H&E, Masson’s trichrome, and
immunohistochemical stains (magnification 200x).
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4. Discussion

In the present study, we demonstrated the relationship
between HMGB1 and α-SMA and the therapeutic effect of
gefitinib in bleomycin-induced pulmonary fibrosis in mice.
First, we proved that a member of the HMGB1 protein family
(HMGB34367) could act as a novel transcriptional factor for
the α-SMA promoter and participate in the process of pul-
monary fibrosis. Second, we found that gefitinib was effective
in reducing pulmonary fibrosis in mice, which might be asso-
ciated with the HMGB1/NOXs-ROS/EGFR-MAPKs-AP-1/
NF-κB signal (Figure 10).

First, we concentrated on the role of HMGB1 in the
development of pulmonary fibrosis. HMGB1 was highly
expressed in the fibrotic lung tissues, and inhibition of
HMGB1 could significantly alleviate lung injury in mice.
Scientists mainly attributed the phenomenon to its role
as an important inflammatory factor, and inflammation
was a key pathological process in pulmonary fibrosis [26].
However, the detailed molecular mechanism of HMGB1

remained unknown. Immunohistochemistry and immuno-
fluorescence results showed that HMGB1 was located in
some interstitial cells in which α-SMA staining was also pos-
itive. RT-PCR analysis also showed that the mRNA expres-
sion of α-SMA was increased in parallel with the enhanced
mRNA expression of HMGB34367 after BLM treatment.
Moreover, we found that HMGB34367 was involved in the
regulation of α-SMA expression by using a DNA-nuclear
protein pulldown method. HMGB34367 was a 20 kDa pro-
tein belonging to a specific protein group, most of which
had the same structure with HMGB1. The full-length
sequence of HMGB34367 was identical to the 1 to 178 amino
acid region of HMGB1 protein, which included two DNA
binding domains, box A and box B, but lacked the 179–215
acidic C terminal tail region of HMGB1. HMGB1, a highly
conserved nuclear protein, could stabilize nucleosomes and
allow bending of DNA to facilitate some gene transcription
[27]. Taken together, our results suggested that HMGB1
probably participated in the pulmonary fibrosis mainly by
(i) digesting into different forms and facilitating α-SMA gene
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Figure 5: Gefitinib treatment decreased the severity of pulmonary fibrosis. Lung tissues from gefitinib- (Ge-) treated and PBS-treated
pulmonary fibrosis mice were collected two weeks after bleomycin (BLM) administration. (a) Pathologic findings of lung tissues stained by
H&E and Masson’s trichrome (magnification 200x). (b) Lung hydroxyproline levels were significantly decreased by gefitinib treatment.
Semiquantitative scoring of the severities and extents of inflammation (b) and fibrosis (c) were reduced in the BLM+Ge group compared
with the BLM group. All data were expressed as the mean± SD, n = 6. ∗P < 0 05 versus BLM group, ∗∗P < 0 01 versus BLM group.
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activation as a transcriptional activator and (ii) being secreted
by activated monocytes and macrophages and behaving as
an inflammatory cytokine.

Next, we studied the effect of gefitinib onpulmonaryfibro-
sis. In fact, the potential of gefitinib to attenuate pulmonary
fibrosis remained controversial. Hardie et al. demonstrated
that gefitinib could apparently alleviate the pulmonaryfibrosis
in mice by decreasing EGFR expression and reversing the for-
mative fibrosis in mice [14]. Subsequently, Ishii et al. found
that all different oral doses (20mg/kg, 90mg/kg, and 200mg/
kg) of gefitinib could inhibit pulmonary fibrosis in mice, and
large doses of gefitinib would not induce or aggravate pulmo-
nary fibrosis [13]. However, Suzuki et al. and Li et al. showed
that gefitinib treatment couldmarkedly aggravate lungfibrosis
inmice and rats [28, 29].Moreover, severe lung interstitial dis-
ease associated with gefitinib treatment had been reported in
some Japanese patients, implying that gefitinib might induce
or aggravate this disease [30, 31]. In fact, there were several
possible explanations for the different results. First, it might

be related to the different breeds ofmice or rats that had differ-
ent responses to gefitinib because of their genetic characteris-
tics. Second, the different doses of gefitinib were important
factors causing the contradictory results. Higher doses of gefi-
tinib could result in toxicity more than therapy. Third, the
expression and activation of EGFR in different breeds of
rodents and their responses to different doses of gefitinib had
direct effects on the MAPK signals which could promote or
inhibit pulmonary fibrosis. Fourth, the time of administration
as well as the method of administration of gefitinib during the
experiment also affected the results. Moreover, recent phase II
gefitinib clinical trials in Japan announced that there were no
differences in the incidence of pulmonary fibrosis between
patients who used gefitinib and other chemotherapeutics,
suggesting that gefitinib might not be the cause of pulmo-
nary fibrosis [32]. In our previous series of studies, we found
that gefitinib apparently inhibited lung collagen deposition
and α-SMA expression induced by bleomycin in fibrotic
mice [33, 34].
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Figure 6: Gefitinib treatment alleviated the oxidative stress of pulmonary fibrosis. Lung tissues from gefitinib- (Ge-) treated and PBS-treated
pulmonary fibrosis mice were collected two weeks after bleomycin (BLM) administration. (a) DHE fluorescence was used to detect ROS in the
lung tissue (magnification 400x). (b) DHE fluorescence intensity was calculated. Gefitinib treatment significantly decreased serum (c) MDA
and increased serum (d) T-AOC in mice. The levels of (e) MDA and (f) T-AOC in the lung tissues from the three groups showed the same
results. All data were expressed as the mean± SD, n = 6. ∗P < 0 05 versus BLM group, ∗∗P < 0 01 versus BLM group.
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To elucidate the antifibrosis mechanism of gefitinib, we
investigated oxidative and antioxidant levels in pulmonary
fibrosis. Gefitinib completely inhibited the high concentration
ofMDAinducedbybleomycin and recovered theT-AOCabil-
ity in pulmonaryfibroticmice. Itwas certainlywell established
that NOXs were the primary sources of ROS production that
mediated various pulmonary diseases, including IPF and pul-
monary hypertension [35, 36]. There were seven members of
the NOX family found in mammals: NOX1, NOX2, NOX3,
NOX4, NOX5, Duox1, and Duox2. Among them, NOX1,
NOX2, and NOX4 had been shown to contribute to tissue
fibrosis [37, 38]. NOX4 mRNA and protein expressions were
upregulated in pulmonary fibroblasts from patients with IPF
and correlated with α-SMA and procollagen I (α1) mRNAs

[39]. NOX4-deficient mice were protected from bleomycin-
induced pulmonary fibrosis through modulation of epithelial
cell death in vivo and decreased TGF-β1-mediated ROS pro-
duction and protection from apoptosis [40]. NOX1 and
NOX2 were also reported to contribute to tissue fibrosis in
nonpulmonary organ systems. HMGB1 was a proinflamma-
tory factor thatwas also linked tooxidative stress [8]. Thepres-
ent study showed that gefitinib could also inhibit HMGB1
expression. However, how could this happen, and could gefi-
tinib inhibit the HMGB1 and EFGR synchronously? In fact,
HMGB1 could directly signal MAPKs to activate the NF-κB
pathway [41]; moreover, HMGB1 could also indirectly signal
the MAPK pathway by EGFR activation [42]. Extensive evi-
dence indicated that theMAPK pathway was the downstream
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Figure 7: Gefitinib treatment decreased gene and protein expressions of NOX1/2/4 in the lung tissues affected by pulmonary fibrosis. Lung
tissues from gefitinib- (Ge-) treated and PBS-treated pulmonary fibrosis mice were collected two weeks after bleomycin (BLM)
administration. (a) The NOX1/2/4 gene expressions were identified by reverse transcriptase polymerase chain reaction (RT-PCR). (b) The
relative mRNA folds were calculated. (c) The NOX1/2/4 protein expressions were identified by Western blot. (d) The relative band
densities were calculated. The NOX1/2/4 gene and protein expressions in the lung tissues were significantly increased after BLM
administration. However, gefitinib treatment significantly inhibited NOX1/2/4 expressions. All data were expressed as the mean± SD, n = 6.
∗P < 0 05 versus BLM group.
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Figure 9: Gefitinib treatment decreased phosphorylation of NF-κB, c-Jun, and c-Fos in the lung tissues affected by pulmonary fibrosis. Lung
tissues from gefitinib- (Ge-) treated and PBS-treated pulmonary fibrosis mice were collected two weeks after bleomycin (BLM)
administration. (a) The total phosphorylation of NF-κB, c-Jun, and c-Fos in the lung tissues were detected by Western blot. (b) The
relative band densities were calculated. Gefitinib treatment significantly inhibited the phosphorylation of NF-κB, c-Jun, and c-Fos induced
by BLM administration in mice. All data were expressed as the mean± SD, n = 6. ∗P < 0 05 versus BLM group.
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Figure 8: Gefitinib treatment decreased HMGB1 expression and phosphorylation expressions of EGFR and MAPKs in the lung tissues
affected by pulmonary fibrosis. Lung tissues from gefitinib- (Ge-) treated and PBS-treated pulmonary fibrosis mice were collected two
weeks after bleomycin (BLM) administration. (a) The expression of HMGB1, total, and phosphorylation of EGFR/ERK/P38/JNK in the
lung tissues were detected by Western blot. (b) The relative band densities were calculated. Gefitinib treatment significantly inhibited the
protein activation of HMGB1 and the phosphorylation of EGFR and MAPKs induced by BLM administration in mice. All data were
expressed as the mean± SD, n = 6. ∗P < 0 05 versus BLM group.
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signaling cascade of EGFR, which participated in the develop-
ment ofpulmonaryfibrosis [43].Aprevious study showed that
gefitinib inhibited the expressions of collagen I and IIImRNAs
by blocking the transactivation of EGFR and the subsequent
activation of ERK1/2 in kidney fibrosis [44]. In vascular
smooth muscle cells, EGFR increased production of nitric-
oxide synthase and NOX enzymes through the downstream
phosphorylation expression of ERK and AKT [45]. Our pres-
ent data implied that gefitinib inhibited pulmonary fibrosis
in vivo through HMGB1/NOXs-ROS/EGFR-ERK/JNK/P38
pathways.

NF-κB and AP-1 were the important transcription fac-
tors that were downstream of ROS and MAPKs [46]. The
NF-κB signal transduction pathway was an important
pathway involved in inflammation, immunity, cell prolifer-
ation, and apoptosis [47]. Previous studies have indicated
that in acute lung injury activation of NF-κB could induce
the production of proinflammatory mediators; contrarily,
inhibiting the NF-κB activation significantly alleviated lung
injury [24, 48]. AP-1, as a redox-regulated transcription
complex (composed of c-Fos and c-Jun), was activated
by MAPK family members via enhancing their down-
stream transcription factors including Elk-1, c-Jun, ATF2,
and CREB, which in turn regulated the expressions of c-
Fos and c-Jun. AP-1 and MAPKs proteins could be acti-
vated and augmented cyclically [49]. AP-1 and NF-κB
could promote the production of proinflammatory media-
tors and profibrotic factors in pulmonary fibrosis. In the
present study, AP-1 and NF-κB participated in the develop-
ment of pulmonary fibrosis, and this progress was regulated
by the phosphorylation and expression of ROS, HMGB1,
and MAPKs.

Although many experiments were performed to reveal
the effect and mechanism of gefitinib on the development of
pulmonary fibrosis, shortcomings also existed. First, it was
an animal study, and more evidence from clinical trials and
in vitro researches are urgently needed. Second, we did not
perform knockout, knockdown, or overexpression studies,
which were limited by our experimental conditions. We only
used RT-PCR, histological examinations, andWestern blot to
study the detailed molecular mechanisms. In the future,
in vivo studies utilizing related knockout or knockdown mice
as well as in vitro studies using primary lung cells and fibro-
blasts should be launched to verify the mechanism.

5. Conclusions

In summary, we comprehensively investigated the role of the
molecule HMGB1, the involvement of oxidation-antioxidant
unbalance, and the relatedmolecule transductionmechanism
downstream of gefitinib treatment in bleomycin-induced
pulmonary fibrosis. These results indicated thatHMGB1 con-
tributed to the pulmonary fibrosis and gefitinib attenuated
bleomycin-induced collagen deposition and excessive oxida-
tive stress, mainly by suppressing the HMGB1/NOXs-ROS/
EGFR-MAPKs-AP-1/NF-κBsignal.Thepresentfindingshave
the potential to fundamentally advance our understanding of
the molecular mechanism of pulmonary fibrosis and could
have important implications in thedesignofnovel and innova-
tive therapeutic approaches targeting pulmonary fibrosis.
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In a previous study, we demonstrated that endothelial microvesicles (eMVs) have a well-developed enzymatic team involved in
reactive oxygen species detoxification. In the present paper, we demonstrate that eMVs can synthesize the reducing power
(NAD(P)H) that nourishes this enzymatic team, especially those eMVs derived from senescent human umbilical vein
endothelial cells. Moreover, we have demonstrated that the molecules that nourish the enzymatic machinery involved in
NAD(P)H synthesis are blood plasma metabolites: lactate, pyruvate, glucose, glycerol, and branched-chain amino acids. Drastic
biochemical changes are observed in senescent eMVs to optimize the synthesis of reducing power. Mitochondrial activity is
diminished and the glycolytic pathway is modified to increase the activity of the pentose phosphate pathway. Different
dehydrogenases involved in NADPH synthesis are also increased. Functional experiments have demonstrated that eMVs can
synthesize NADPH. In addition, the existence of NADPH in eMVs was confirmed by mass spectrometry. Multiphoton confocal
microscopy images corroborate the synthesis of reducing power in eMVs. In conclusion, our present and previous results
demonstrate that eMVs can act as autonomous reactive oxygen species scavengers: they use blood metabolites to synthesize the
NADPH that fuels their antioxidant machinery. Moreover, senescent eMVs have a stronger reactive oxygen species scavenging
capacity than young eMVs.

1. Introduction

Extracellular vesicles are subcellular structures produced by
many different cells and located in the extracellular compart-
ment. There are diverse types of extracellular vesicles
depending on their biogenesis, content, function, and/or bio-
physical properties [1, 2]. The most common classification
includes three types: microvesicles (MVs) (also termed
microparticles or ectosomes), exosomes, and apoptotic bod-
ies [3]. MVs are released from the cell by the budding of
the plasma membrane and represent not only a heteroge-
neous structural population, since their size usually ranges
from 0.15 to 1μm or more, but also a heterogeneous

functional group. They are present in all the body fluids:
urine, saliva, bile, amniotic liquid, synovial, cerebrospinal,
and seminal fluids as well as blood. Plasma MVs are of
diverse cellular origin; they can arise from endothelial cells,
erythrocytes, platelets, and leucocytes [4]. Blood MVs have
been involved in the regular maintenance of endothelial cells
[5] and other physiological functions such as coagulation,
reticulocyte maturation, and angiogenesis [3] as well as
mediators of endothelial dysfunction [6]. They have also
been used as therapeutic tools in cardiovascular disease [7].

Reactive oxygen species (ROS) are produced as a conse-
quence of cell metabolism, although the cells contain different
mechanisms to eliminate them. In fact, the oxidative stress

Hindawi
Oxidative Medicine and Cellular Longevity
Volume 2018, Article ID 3183794, 12 pages
https://doi.org/10.1155/2018/3183794

http://orcid.org/0000-0003-1469-3242
https://doi.org/10.1155/2018/3183794


caused by an increase of ROS can be considered as an imbal-
ance between ROS production and elimination. Although
ROS have physiological roles in the regulation of vascular cell
function [8], vascular formation, and development [9], this
imbalance has been associated with aging and senescence
[10–14] as well as other pathological conditions of the cardio-
vascular system [15–17], more specifically, with endothelial
cell dysfunction [18–24].

NADPH is, obviously, closely related to NADH, another
molecule with a reducing activity. Both may act as common
mediators in different biological processes. Hence, it is
common to find the term NAD(P)H, indicating that both
molecules may be involved. Nevertheless, NAD+ is mainly
involved in catabolic reactions and mitochondrial functions,
whereas NADP+ is involved in cellular antioxidant systems
and anabolic reactions [25]. In fact, NADPH is considered
the sole source of reducing power of antioxidant systems
[26]. This is the reason why NADPH is considered the “fuel”
of the antioxidantmachinery.Wehave recently demonstrated
that endothelium-derivedMVs (eMVs) have awell-developed
and functional enzymatic team to eliminate ROS which,
moreover, increases in senescence [27]. Apparently, if eMVs
can eliminate ROS, they should (a) contain large amounts of
NADPH, (b) obtain it from the plasma, or (c) be able to
synthesize it. Thus, the aim of this work was to elucidate these
questions. In addition, given the differences observed in our
previous study,where senescent eMVs showed ahigher capac-
ity of ROS elimination than young eMVs, we have also
analyzed the capacity of eMVs obtained from both young
and senescent endothelial cells to produce NADPH.

2. Material and Methods

2.1. HUVEC Culture. Cryopreserved human umbilical vein
endothelial cells (HUVECs) (ATCC Cat number PCS-100-
010) were cultured in endothelial growth medium (Lonza)
supplemented with 10% heat-inactivated foetal bovine serum
(Sigma-Aldrich). Cultures were maintained at 37°C in a 5%
CO2 atmosphere at 95% humidity. The HUVECs were seri-
ally passaged (the replicative senescence model). Cells pas-
saged < 8 times (population doubling (PD)< 20; with PD
calculated as [ln{number of cells harvested}− ln{number of
cells seeded}/ln2]) were regarded as young endothelial cells,
while those passaged 27–35 times (PD> 96) were regarded
as senescent [28]. The proliferation rate of the latter cells is
remarkably reduced, and more than 70% are positive for
senescence-associated β-galactosidase. Prior to use, HUVEC
extracts from cells passaged 4–8 (young pool) and from cells
passaged 27–35 (senescent pool) were mixed (performed
in quadruplicate).

2.2. Isolation and Characterization of Young and Senescent
eMV. Young and senescent HUVEC-derived MVs were iso-
lated from their culture medium. Briefly, samples were cen-
trifuged using serial centrifugations (15min at 3000 rpm,
30min at 14,000 rpm), and pellets were frozen and stored at
−20°C until use. Prior to use, MVs from cells passaged 4–8
(young pool) and from cells passaged 27–35 (senescent pool)
were mixed (performed in quadruplicate).

MVs from a medium containing young and senescent
HUVEC cells were characterized in terms of size using a
Beckman Coulter Cytomics FC 500 flow cytometer running
CXP software. MVs were considered to be those events gated
with a size between 0.5–1.5μm; this gate was established
from the side scatter versus forward scatter dot plot produced
in a standardization experiment using the SPHERO™ Flow
Cytometry Nano Fluorescent Size Standard Kit (Spherotech).
The latter has size-calibrated fluorescent beads ranging from
0.1–1.9μm in diameter. Events below 0.2μm were excluded
in order to adequately distinguish true events from the back-
ground; events> 1.9μm were excluded to prevent possible
confusion with apoptotic bodies. The absolute number of
MVs (events) per μL was determined using Flow Count cali-
brator beads (Beckman Coulter) according to the manufac-
turer’s recommendations and employing CXP software:
(MVs counted× standard beads/L)/(standard beads counted).
Data were recorded as the mean of three independent mea-
surements of the same sample. The same number of senescent
and young MVs was used in comparative analyses.

2.3. Western Blotting. The total protein content of extracts
from young and senescent eMVs (performed using CytoBus-
ter Protein Extraction Reagent lysis buffer (Millipore)),
which contains a protease and a phosphatase inhibitor cock-
tail (Roche), was quantified using a BCA Protein Assay Kit
(Pierce), employing BSA as the standard. Briefly, equal
amounts of protein (25μg protein/lane) were diluted with a
reducing sample buffer and separated by 4–20% Mini-
PROTEAN® TGX™ Precast Protein Gels under reducing
conditions. These proteins were then transferred onto nitro-
cellulose membranes (BioRad), blocked with TBS containing
0.1% Tween 20 and 5% dry nonfat milk for 1 h at room tem-
perature, and incubated in the same buffer with different pri-
mary antibodies (anti-6PGL, Santa Cruz, sc-398833, dilution
1 : 500, 28 kDa; anti-GK, Santa Cruz, sc-393555, dilution
1/250, 61 kDa; anti-PSPH, Santa Cruz, sc-271421, dilution
1/250, 25 kDa). After washing with TBST, the membranes
were incubated with Novex horseradish peroxidase-
conjugated secondary antibodies followed by 2 additional
washing steps with TBST. Bands were visualized with
Luminata Crescendo Western HRP substrate (Millipore).
Ponceau red (Sigma) staining was used as a loading con-
trol. Bands were quantified using Image J software (NIH)
and normalized to Ponceau red.

2.4. Mass Spectrometry for NADPH Analysis. The presence of
NADP+ and NADPH in eMVs was analyzed using a HPLC
system Agilent 1100 coupled in-line to a TSQ Quantum tri-
ple quadrupole mass spectrometer (Thermo Scientific)
equipped with an ESI source. Samples were prepared accord-
ing to the “hot water/buffer extraction” protocol from Ort-
mayr [29]. Briefly, eMVs (50× 106) were added to 250μL of
5mM ammonium acetate buffer at pH8.0. The supernatant
was collected after sample incubation for 3min at 85°C, cool-
ing on dry ice, and centrifugation for 10min at 4000×g.
Equipment settings were also obtained from Ortmayr [29]
(see Table 1). Mass spectra were recorded in negative mode
for NADP+ and NADPH. The column used was ACE Excel
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3 C18 -PFP 150mm× 3.0mm+3μm. Mass spectra of the
column eluates were recorded in MS/MS mode using metha-
nol and H2O, adding 5mM ammonium acetate. Nitrogen
was used as the ion source gas. The sheath gas pressure was
set at 40 (arbitrary units), the auxiliary gas pressure was set
at 2 (arbitrary units), and the spray voltage was set at
3000V. The capillary temperature was set at 350°C. Argon
was used as the collision gas for collision-induced dissocia-
tion at a pressure of 1.5mTorr (Q2). Data were acquired
using Xcalibur Control Software.

2.5. Proteomic Analysis. Proteomic analysis involved in-gel
protein digestion followed by HPLC and mass spectrometry
(MS). In order to obtain sufficiently large samples, the four
HUVEC “young pool” extracts (see Section 2.2) were mixed,
as were the four HUVEC “senescent pool” extracts, and the
corresponding pools for the MVs. These four samples were
dissolved in lysis buffer (8M urea, 2M thiourea, 5% CHAPS,
2mM TCEP-HCl, and protease inhibitors). MVs were lysed
by ultrasonication (10 strokes, low amplitude) on ice. The
lysates were then centrifuged at 20,000×g for 10min at 4°C,
and the supernatant containing the solubilized proteins was
used for LC-MS/MS experiments. Total protein concentra-
tion was determined using the Pierce 660nm protein assay
(Thermo). An aliquot of each sample was diluted with load-
ing sample buffer and then loaded onto 1.2 cm wide wells of a
conventional SDS-PAGE gel (1mm thick, 4% stacking gel,
and 12% resolving gel). The run was stopped as soon as the
front entered 1 cm into the resolving gel, so that the whole
proteome became concentrated at the stacking/resolving gel
interface. The separated protein bands were visualized by
Coomassie staining, excised, cut into cubes (cross section
1mm2), deposited in 96-well plates, and processed automat-
ically in a Proteineer DP (Bruker Daltonics). The digestion
protocol used was based on Shevchenko et al. [30] with
minor variations: gel plugs were washed firstly with 50mM
ammonium bicarbonate and secondly with acetonitrile prior
to reduction with 10mM dithiothreitol in 25mM ammo-
nium bicarbonate solution; alkylation was performed with
55mM indoleacetic acid in 50mM ammonium bicarbonate
solution. The gel pieces were then rinsed, firstly with
50mM ammonium bicarbonate and secondly with acetoni-
trile, and subsequently dried under a stream of nitrogen.
Proteomics grade trypsin (Sigma-Aldrich) at a final concen-
tration of 16ng/μL in 25% acetonitrile/50mM ammonium
bicarbonate solution was added and digestion allowed to
proceed at 37°C for 4 h. The reaction was stopped by add-
ing 50% acetonitrile/0.5% trifluoroacetic acid for peptide
extraction. The tryptic-eluted peptides were dried by speed-

vacuum centrifugation and then desalted on StageTip C18
Pipette tips (Thermo Scientific) until analysis by mass
spectrometry.

A 1μg aliquot of each sample was subjected to 1D-nano
LC ESI-MSMS analysis using an Eksigent Technologies
nanoLC Ultra 1D plus nanoliquid chromatography system
coupled to a high-speed Triple TOF 5600 mass spectrometer
(SCIEX) with a Nanospray III source. The analytical column
used was a silica-based reversed phase Acquity UPLC M-
Class Peptide BEH C18 Column (75μm× 150mm, 1.7μm
particle size, and 130Å pore size) (Waters). The trap column
was a C18 Acclaim PepMap™ 100 (Thermo Scientific)
(100μm× 2 cm, 5μm particle diameter, and 100Å pore size),
switched on-line with the analytical column. The loading
pump delivered a solution of 0.1% formic acid in water at
2μL/min. The nanopump provided a flow-rate of 250 nL/
min and was operated under gradient elution conditions.
Peptides were separated using a 2–90%mobile phase B gradi-
ent (mobile phase A: 2% acetonitrile, 0.1% formic acid;
mobile phase B: 100% acetonitrile, 0.1% formic acid) for
250min. The injection volume was 5μL.

Data acquisition was performed with a Triple TOF 5600
System (SCIEX) (ionspray voltage floating 2300V, curtain
gas 35 psi, interface heater temperature 150°C, ion source
gas 1 25 psi, and declustering potential 100V). All data were
acquired using information-dependent acquisition (IDA)
mode with Analyst® TF 1.7 software (SCIEX). The following
IDA parameters were chosen: a 0.25 s MS survey scan in the
mass range 350–1250Da, followed by 35 MS/MS scans of
100ms in the mass range 100–1800 (total cycle time: 4 s).
Switching criteria were set to ions greater than a mass to
charge ratio (m/z) of 350 and smaller than 1250, with a
charge state of 2–5 and an abundance threshold of more than
90 counts/s (cps). Former target ions were excluded for 15 s.
The IDA rolling collision energy (CE) parameters script was
used for automatically controlling the CE.

MS and MS/MS data obtained from individual samples
were processed using Analyst TF 1.7 software. Raw data file
conversion tools were used to generate mgf files which were
then compared (using Mascot Server v.2.5.1 software; Matrix
Science) to those in the UniProt Homo sapiens protein data-
base. The latter contains 40,530 coding genes and their corre-
sponding reversed entries. The search parameters were set as
follows: carbamidomethyl (C) as the fixed modification and
acetyl (protein N-term) and oxidation (M) as the variable
modifications. Peptide mass tolerance was set to 25 ppm
and 0.05Da for fragment mass. Two missed cleavages were
allowed. False discovery rates (≤1% at the spectral level) for
peptide identification were calculated manually.

2.6. Functional Experiments. Two functional experiments
were carried out in order to (1) test the ability of MVs to
use blood metabolites to feed the NAD(P)H synthesis
machinery, and (2) visually demonstrate that these metabo-
lites induce NAD(P)H formation.

In the first experiment, five different blood metabolites
were tested separately on young and senescent eMVs: lactate,
pyruvate, glucose, branched-chain amino acids (BCAA; Val,
Leu, Ileu), and glycerol. The concentration used was higher

Table 1: Compound optimization table in MS/MS mode.

NADP+ NADPH

Molecular formula in MS C21H27N7O17P3 C21H29N7O17P3
Parent mass 742 m/z 744 m/z

Product ion (m/z)/collision
energy

619.96 m/z/17 v 426.16 m/z/35 v

407.89 m/z/34 v 407.96 m/z/36 v

272.82 m/z/38 v 396.96 m/z/32 v
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than the plasma value found in the bibliography (included in
Figure 1): 7mM, 0.5mM, 15mM, 0.3mM, and 0.3mM,
respectively. In each tube, the test sample was formed by add-
ing: 2μL of blood metabolite, 5μL of lysate including 106

eMVs, and 5μL of 3mM NADPH (Santa Cruz Biotechnol-
ogy, reference number 202725A). No metabolites were
included in the control samples. NADPH was used as the
internal control; in fact, this experimental design allowed us
to analyze the metabolite-induced changes in the NAD(P)+/
NAD(P)H ratio. For example, for a certain metabolite, a
lower ratio indicates that this metabolite increases the
reduced form. After a 10min incubation, 1μL of the sample
was analyzed in a microvolume spectrophotometer (DeNovis
DS-11 spectrophotometer), and the NAD(P)+/NAD(P)H
ratio was determined by absorbance measurement at
260nm/340nm, respectively. The experiment was repeated
three times using duplicated samples; twelve measures were
performed in each case.

To visualize NAD(P)H synthesis, the eMVs (young
and senescent) were incubated for 10min with the blood
metabolites previously described. Subsequently, 10μL of
each sample including 40,000 eMVs was dropped into
the center of a small water-repellent circle made on a slide
with a PAP pen. The drop and the circle were wrapped up
with a coverslip and observed in a Zeiss LSM 780 multipho-
ton confocal microscope with a Mai-Tai DS (690–1040 nm
tunable) laser. The excitation wavelength was 735nm,
more than twice that of NAD(P)H (340nm), and the
laser intensity was set at 5.5%. The detection range was
396–502nm.

2.7. Statistical Analysis. Data were analyzed using R soft-
ware. The two-tailed Student t-test was used to analyze
differences in Western blotting results. Data of our first
functional experiment (ability of MVs to use blood metab-
olites to feed the NAD(P)H synthesis machinery) were
analyzed as follows. Kruskal-Wallis test (with post hocDunn’s
test) was performed for the comparison of the effect of
metabolites in young eMVs and senescent eMVs. Mann–
Whitney–Wilcoxon rank-sum test was used to compare the
effect of every molecule between young and senescent:
glucose in young versus glucose in senescent and so on. Sig-
nificance was set at p < 0 05.

3. Results

This section has been organized in three parts: (1) proteomic
analysis, where we describe the biochemical pathways in
eMVs which are directed at synthetizing NADPH; (2) the
presence of NADP+ in eMVs; and (3) functional analysis, to
demonstrate whether or not eMVs can synthesize NAD(P)H
after activation of the pathways previously described. In the
text that follows, the enzymes are named using the acronyms
included in Table 2, the generic name (GN), and the metab-
olites with the acronyms included in Figure 1.

3.1. Proteomic Analysis. The pentose phosphate pathway
(PPP) is the main biochemical route to synthesize NADPH.
Hence, our first objective was to search for the presence of

enzymes that participate in this pathway using mass spec-
trometry (MS) analysis of young and senescent eMVs. The
majority of PPP enzymes were detected in this MS analysis,
as shown in Table 2, except for 6PGL, GK, and PSPH, which
were detected by Western blot (WB) analysis (Figure 2).

We next carried out a more detailed analysis of the
enzymes detected in our MS results in order to connect the
PPP with other biochemical routes. Table 2 includes the
enzymes of the PPP and those of related metabolic routes
proposed according to our proteomic analysis. To clarify
these routes, a diagram of all the metabolic pathways pro-
posed is included in Figure 1.

The organization of the different enzymes found in our
proteomic analysis led us not only to establish the hypothet-
ical biochemical routes that may be operative in the eMVs
but also to point out the metabolites that feed these biochem-
ical routes (Figure 1). All in all, it seems that both young and
especially senescent eMVs have a very well-developed enzy-
matic organization designed to optimize NADPH produc-
tion, and this is mainly due to the bidirectionality of most
of these enzymatic activities. Besides the glycolytic path-
ways, which use glucose, lactate, and pyruvate, it is very
important to point out the possibility that BCAA and glyc-
erol can also be used to direct metabolites to the PPP. Mito-
chondria are also involved in this strategic metabolic
organization: they can act as an NADPH biosynthetic organ-
elle (note the high content of GLUD1 (number 22)) and
supply AKG to the serine and 3PHP pathway. Enzymes
involved in serine and glycerate metabolism are also included
in these biochemical pathways using 3PHP and 3PG as
metabolic intermediates.

One of the most interesting results was the higher content
of most of these enzymes in senescent eMVs when compared
with young eMVs; in fact, their enzymatic machinery seems
to be designed to direct metabolites to the PPP or to obtain
NADPH from new routes not included in young eMVs.
The bold numbers in Table 2 indicate an increase> 25%
when young and senescent eMVs were compared. A route
specially used in senescent eMVs is the serine and PHP path-
way, as suggested by the high content of the enzymes
involved (numbers from 23 to 27) in senescent eMVs. The
use of glutamine to form F6P using GFPT2 (number 28) is
also especially elevated in senescent eMVs. Moreover, at the
bottom of Table 2, we have included five enzymes that syn-
thesize NADPH but are not included in Figure 1. Note that
IDH1 and IDH2 are decreased in senescent eMVs, whereas
the last three enzymes are increased.

3.2. Functional Analysis. We carried out two types of func-
tional analysis; one to test the capacity of the proposed blood
metabolites to feed the enzymatic machinery involved in
reducing power synthesis and the other one to visualize this
reducing power in eMVs. Unfortunately, NADH and
NADPH are closely related molecules whose absorption
and emission spectra are almost equal and, thereby, it has
been impossible for us to separate NADH from NADPH in
these functional analyses.

In order to study the effect of blood metabolites on
NAD(P)H synthesis, eMVs were incubated 30min with
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the proposed metabolites (lactate, pyruvate, glucose, glyc-
erol, and BCCA). These metabolites were incubated sepa-
rately at a concentration that doubled the maximal value
indicated in Figure 1. The absorbance ratio 260 nm/
340nm is a measure of the relative proportion of
NAD(P)+/NAD(P)H. In young eMVs, lactate and pyruvate
diminished significantly this ratio, which indicates that
both metabolites induced the formation of NAD(P)H.
However, in senescent eMVs, all the metabolites tested
induced a decrease in this ratio, glycerol and pyruvate
being statistically significant. Statistically significant differ-
ences were also observed for glucose, glycerol, and BCAA
when the effect of metabolites was compared in young
and senescent eMVs (Figure 3).

An experiment using multiphoton confocal microscopy
was performed to visualize the production of NAD(P)H by
eMVs after incubation with the previously used metabolites.
In order to detect only the reduced forms, eMVs were
excited at 340nm (670nm in the multiphoton confocal
microscope), and emission was detected at 460nm. Only
after incubation with the proposed blood metabolites could
eMVs be clearly visualized, demonstrating that eMVs have
the capacity to synthesize reducing power (NAD(P)H)
(Figure 4), although not all vesicles were able to produce
fluorescence. Only lactate and pyruvate induced fluores-
cence in young eMVs, and senescent eMVs seemed to be
more efficient in producing fluorescence.

3.3. NADP+ and NADPH in eMVs. An MS analysis was car-
ried out to accurately detect the presence of NADP+ and
NADPH in eMVs. As can be seen in Figure 5, the presence
of both cofactors was demonstrated in eMVs, although the
content of NADP+ was greater than that of the reduced form.
Differences in the NADP+/NADPH ratio were not observed
either following incubation with the blood metabolites or
between young and senescent eMVs.

4. Discussion

In a recent work, we demonstrated the existence of a func-
tional machinery for ROS detoxification in HUVEC eMVs
[27]; now, our present study demonstrates that these
HUVEC eMVs, especially those derived from senescent cells,
can synthesize NAD(P)H, the fuel that feeds the antioxidant
machinery, used as precursors of different blood plasma
metabolites. The combination of both results indicates that
eMVs are subcellular structures with an autonomous capac-
ity for ROS scavenging, as had been suggested by Soleti
et al. [31]; eMV protection against oxidative stress regulating
eNOS/Akt signaling has also been recently demonstrated
[32]. Figure 6 shows a schematic drawing that represents
our past and present results on the role of eMVs as ROS
scavengers.

The presence of some antioxidant enzymes in plasma
MVs [33–35], in endothelial-derived MVs [36], and in
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Figure 1: Schematic diagram of an eMV including the proposed metabolic pathways according to the proteomic results. The blood plasma
metabolites that can feed these routes and their plasma concentrations under control conditions are also included. 1,3BPG: 1,3-
bisphosphoglycerate; 2PG: 2-phosphoglycerate; 3PG: 3-phosphoglycerate; 3PHP: 3-phosphohydroxypyruvate; 6PG: 6-phosphogluconate;
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Table 2: Proteomic analysis of young and senescent eMVs. PS: protein score; PSM: peptide-spectrum match; NP: number of peptides (MS/
MS scores are sums for the validated peptides assigned to each protein); C: coverage. PS, PSM, and NP are usually considered quantitative
variables in the proteomic analysis. Bold numbers in the “senescent columns” indicate a 25% increase in senescent eMVs; italic numbers
in “young columns” indicate a 25% reduction in senescent eMVs. The 5 proteins at the bottom of the table are the enzymes that
synthesize NADPH. UniProt: UniProt code; GN: generic name.

Enzymes UniProt GN
Young eMVs Senescent eMVs

PS PSM NP C% PS PSM NP C%

1

L-Lactate dehydrogenase B chain P07195 LDHB 644 17 10 32 837 18 12 33.8

L-Lactate dehydrogenase A chain P00338 LDHA 458 14 7 25.6 1023 26 15 53.6

L-Lactate dehydrogenase A-like 6A Q6ZMR3 LDHAL6A 104 2 1 6.3 105 2 1 6.3

L-Lactate dehydrogenase A-like 6B Q9BYZ2 LDHAL6B 38 1 1 4.5

2 Pyruvate kinase P14618 PKM 1425 40 24 56.9 1675 44 24 60.8

3

Alpha-enolase P06733 ENO1 810 14 10 49.8 1376 31 18 60.4

Gamma-enolase P09104 ENO2 288 6 3 13.8 542 10 7 38.5

Beta-enolase P13929 ENO3 319 6 3 13.6 425 9 5 18.7

4 Phosphoglycerate mutase 1 P18669 PGAM1 197 6 3 33.5 352 11 6 44.5

5 Phosphoglycerate kinase 1 P00558 PGK1 524 12 7 46.5 519 12 8 45.6

6 Glyceraldehyde-3-phosphate dehydrogenase P04406 GAPDH 1645 50 23 75.5 1939 65 27 72.2

7
Fructose-bisphosphate aldolase A P04075 ALDOA 565 12 9 44.2 1202 29 19 59.9

Fructose-bisphosphate aldolase C P09972 ALDOC 310 5 4 25.5 474 9 7 25.3

8 Fructose-2,6-bisphosphatase Q9NQ88 TIGAR 46 1 1 6.7

9 Glucose-6-phosphate isomerase P06744 GPI 272 6 5 20.6

10 Glucose-6-phosphate 1-dehydrogenase P11413 G6PD 45 1 1 11.8

11 6-Phosphogluconolactonase O95336 6PGL Western blot

12 6-Phosphogluconate dehydrogenase, decarboxylating P52209 PGD 162 3 3 22.2 160 3 3 24.2

13 Transketolase P29401 TKT 238 7 4 14.4 185 6 4 19.3

14 Hexokinase-1 P19367 HK1 265 5 5 16.4 262 7 5 9.6

15 Glycerol kinase P32189 GK Western blot

16 Glycerol-3-phosphate dehydrogenase, mitochondrial P43304 GPD2 52 1 1 39

17 Alcohol dehydrogenase [NADP(+)] P14550 AKR1A1 44 1 1 7.1

18 Triosephosphate isomerase P60174 TPI1 434 8 7 52.4 523 12 8 54.9

19
Glutamine-fructose-6-phosphate aminotransferase O94808 GFPT2 43 1 1 4.3 84 4 2 4.4

Glutamine-fructose-6-phosphate aminotransferase Q06210 GFPT1 241 4 4 8.9

20
Pyruvate dehydrogenase E1 component subunit alpha P08559 PDHA1 5 3 13.8 80 2 1 5.4

Pyruvate dehydrogenase E1 component subunit beta P11177 PDHB 114 2 2 17.3 38 1 1 9.7

21 Branched-chain amino acid aminotransferase, mitochondria O15382 BCAT2 94 1 1 6.4

22 Glutamate dehydrogenase 1, mitochondrial P00367 GLUD1 329.0 11.0 5.0 24.0 637.0 17.0 11.0 35.5

23 D-3-Phosphoglycerate dehydrogenase O43175 PHGDH 80 2 1 5.1 391 8 6 23.3

24 Phosphoserine aminotransferase Q9Y617 PSAT1 47 1 1 5.4

25 Phosphoserine phosphatase PSPH P78330 Western blot

26 ATP-citrate synthase P53396 ACLY 286 6 5 16.7 358 8 6 13.4

27 Malate dehydrogenase, cytoplasmic P40925 MDH1 99 3 1 10.8 176 5 3 17.7

28 Glutamine-fructose-6-phosphate aminotransferase O94808 GFPT2 43 1 1 4.3 84 4 2 4.4

29 N-Acetyl-D-glucosamine kinase Q9UJ70 NAGK 193 3 3 22.1

30 Glyoxylate reductase/hydroxypyruvate reductase Q9UBQ7 GRHPR 38 1 1 3

Other NAD(P)H-related enzymes

Isocitrate dehydrogenase (NADP) cytoplasmic O75874 IDH1 41 1 1 2.7

Isocitrate dehydrogenase (NADP), mitochondrial P48735 IDH2 254.0 6.0 5.0 38.7 133.0 3.0 3.0 30.8

Flavin reductase (NADPH) Alpha-aminoadipic
semialdehyde

P30043 BLVRB 37 1 1 12.1

Alpha-aminoadipic semialdehyde dehydrogenase P49419 ALDH7A1 111 2 2 11.9 207 5 4 16.5

NAD(P)H dehydrogenase (quinone) P15559 NQO1 39 1 1 6.6
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HUVEC-derived MVs [31] had been already demonstrated.
However, in our previous work [27], we demonstrated that
HUVECs had a complete antioxidant machinery and that
their MVs included a specific group of functional enzymes
mainly involved in O2

− and H2O2 detoxification. Moreover,
to date, the possibility of NADPH synthesis in MVs has not
been considered in the literature. As far as we know, this is
the first time that the capacity of NADPH synthesis is
ascribed to eMVs, although the existence of some PPP
enzymes has been demonstrated in exosomes [37], and some
enzymes included in Table 2 have also been found in differ-
ent proteomic studies: numbers 1, 5, 6, 7, and 18 and IDH2
[36]; numbers 5, 6, and 7 [33]; numbers 6 and 7 and ALDH
[35]; and numbers 10, 20, and 27 and ALDH [34]. The syn-
thesis of NADPH in eMVs seems logical; it makes no sense
to contain an antioxidant machinery without the capacity
of synthesizing the molecule that feeds it.

NADPH is considered the essential reductant for antiox-
idant systems. Unfortunately, its absorption and emission
spectra are very similar to that of NADH. The appearance
of FLIM [38, 39] and MS [29] methods, however, has made
it possible to study these metabolites separately. FLIM

permits the monitoring of MVs, but the use of MS is ideal
for quantitative comparative studies of oxidized (NADP+)
and reduced (NADPH) forms. eMVs have an important
handicap: it is difficult and very expensive to obtain large
amounts of eMVs using HUVEC. This handicap has made
our attempts to determine the NADP+/NADPH ratio using
the standard commercial kits for NADPH analysis impossi-
ble. This problem can be resolved using FLIM, but this tech-
nique is very expensive and not usually available in most
laboratories. While it is true that MS does not require big
amounts of sample, even so, it is complicated to obtain
enough eMVs for MS, and this problem gets worse in endo-
thelial senescent cells because it is not easy to reach PD> 96.
Note that the volume of 50× 106 eMVs can be, more or less,
0.025mm3 of sample. Moreover, NADPH is not very stable
[40]; heat specially induces its oxidation to NADP+, and
MS samples have to be intensely heated up. This might
explain not only the low signal of NADPH but also the lack
of differences observed in our MS analysis after incubation
with blood metabolites or between young and senescent
eMVs. In addition, NADPH has a lower—one order of mag-
nitude—response factor than NADP+. The filtering and
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Figure 2: Western blot analysis of 6PGL, GK, and PSPH and the corresponding normalized analysis. A representative pool is included in the
figure: young (Y) and senescent (S). THP-1 cells were used as a positive control (not shown). Bands were located at the expected molecular
weight of 6PGL (28 kDa), GK (61 kDa), and PSPH (25 kDa). Protein data for the eMVs was normalized against the intensity of Ponceau red
staining. Bars represent mean± SD (n = 4 pools). ∗∗∗p < 0 001.
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dilution of the samples, as well as the existence of carbohy-
drates in the molecule (the ribose rings), that makes MS anal-
ysis difficult, must also be considered.

In this work, we propose a model of organization of the
metabolic routes in eMVs in accordance with our proteomic
analysis (MS and WB) (see Figure 1). Although both young
and senescent eMVs can synthesize reducing power, the lat-
ter have a stronger synthetic machinery. In fact, it seems that
senescent eMVs redesign their metabolic machinery to opti-
mize NADPH synthesis. This new metabolic reorganization
has some interesting hallmarks. Mitochondrial activity is
deeply affected in order to diminish its activity: (1) ADP/
ATP translocases diminish or disappear: translocase 1 from
362 (young eMVs) to 0 (senescent eMVs) (protein score
values), translocase 2 from 580 to 102, and translocase 3 from
549 to 0; (2) mitochondrial aminotransferases also diminish
or disappear: ornithine aminotransferase from 55 to 0,
aspartate aminotransferase from 520 to 251, and serine
hydroxymethyltransferase from 339 to 122; (3) pyruvate
dehydrogenase which contributes to transforming pyruvate
into acetyl-CoA, a metabolite used in the tricarboxylic acid

(a) (c)

(b) (d)

Figure 4: eMVs observed with a multiphoton confocal microscope. (a) Young eMVs under control conditions; arrows indicate eMVs. The
square delimited by a dotted line is a magnification of the two eMVs indicated by the two arrows. (b) Senescent eMVs after glycerol
incubation. (c) Young eMVs after lactate incubation. (d) Senescent eMVs after pyruvate incubation. The different size of the eMVs in the
image is due to the fact that the eMVs were floating in the buffer in different positions in the z-axis. eMVs were obtained after mixing four
pools. Scale bar, 1μm.
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(TCA) cycle, is diminished in senescent eMVs (see enzyme
number 20 in Table 2); and (4) the TCA enzymes are
unbalanced; for example, succinic dehydrogenase is not
present in senescent eMVs, whereas isocitrate dehydroge-
nase and aconitase are diminished. The incorporation of
pyruvate to the glycolytic pathway (note that PK (number
2) is augmented) and the sequestering of AKG in the serine
and glutamine pathways in order to synthesize 3PG and
F6P are in accordance with this depletion of mitochondrial
metabolic activity.

It is well known that the main enzymes involved in
NADPH synthesis are PPP dehydrogenases [41], isocitrate
dehydrogenases, aldehyde dehydrogenases, malic enzyme,
and NAD kinase [42]. PPP dehydrogenases (enzyme num-
bers 10 and 12) and alcohol (enzyme number 17) and alde-
hyde dehydrogenases are increased in senescent eMVs, as
well as NAD(P)H dehydrogenase and flavin reductase (see
the last three enzymes of Table 2). Moreover, two other dehy-
drogenases, GLUD1 (number 22), involved in mitochondrial
NADPH synthesis, and LDH (number 1) (NAD-dependent),
are strongly increased. Isocitrate dehydrogenase, however, is
diminished (see above paragraph), and malic enzyme and
NAD kinase have not been detected. A serine-related folate-
dependent NADPH production has been demonstrated in
proliferating [43] and in cancer [44] cells; however, the
enzymes of this route have not been detected in our study.

Under high oxidative conditions, the PPP consumes
more glucose to compensate for the depleted GSH [45]; in
fact, a high oxidative stress drives G6P to the PPP, generating
NADPH for antioxidant defenses [46], and a mechanistic
link between increased G6PD (number 10) activity, elevated
NADPH, and improved antioxidant protection has been sug-
gested [47]. An activation of the PPP has also been demon-
strated in cancer cells, probably to produce more NADPH
to combat oxidative stress [48]; indeed, the existence of
PPP enzymes has been demonstrated in exosomes of ovarian
cancer cells in proteomic analysis [37]. Human skin cells also
activate the PPP in response to oxidative stress [49], and
senescent fibroblasts show increased glycolysis and PPP to
reduce ROS production, upregulation of pathways involved
in redox homeostasis [50], and alterations in nicotinamide

metabolism [51]. Moreover, another different metabolic pos-
sibility has been suggested for ROS scavenging; the enzyme
biliverdin reductase has been involved in a ROS-scavenging
mechanism in a subpopulation of epididymal fluid MVs,
protecting spermatozoa against ROS released from dying
cells [52].

Evidence that MVs are a heterogeneous population is
continuously increasing [53]. This heterogeneity can be con-
sidered at least from two different points of view: structural
(size) and functional (biochemical). In our functional analy-
sis using multiphoton confocal microscopy, not all MVs
emitted fluorescence after their stimulation. In fact, we think
that only a part of the eMVs could act as ROS scavengers. We
have just seen that to accomplish this function, it is necessary
to reorganize the metabolic routes of the eMVs, and it is log-
ical to assume that this drastic reorganization may not be
useful for other functions supported by MVs; for example,
for those MVs capable of ROS synthesis and involved in sig-
naling processes [54–56].

eMVs, or at least a subpopulation of them, produce
reducing power, but the enzymatic machinery involved in
this process also needs to be fed. In this study, we have dem-
onstrated that lactate, pyruvate, glucose, glycerol, and BCAA
fuel this reducing power synthetic machinery. All these
metabolites are present in blood plasma and, except glycerol
that diffuses freely, need membrane transporters to cross the
plasma membrane and get into the MVs. Lactic acid can also
diffuse freely; however, in the blood, it is dissociated and
present as lactate (ionized) that cannot pass through the
plasma membrane. The use of these metabolites is different
in young (only use lactate and pyruvate) and senescent eMVs
(use all). Obviously, the higher reducing power synthesis
capacity of senescent cells is in accordance with their wider
metabolite availability. On the other hand, the use of some
of these metabolites could represent another metabolic
advantage; for example, the use of lactate may serve to regu-
late lactate concentration and to prevent lactic acidosis and
redox regulation in plasma. We have not detected monocar-
boxylate transporters (lactate and pyruvate transporters),
neutral amino acid transporters, or glucose transporters in
our proteomic study; however, the fluorescence emission
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Figure 6: A young (a) and a senescent (b) eMV. AOM: antioxidant machinery; PPP: pentose phosphate pathway; GNG: gluconeogenesis;
ROS: reactive oxygen species; DH: dehydrogenases; BCAA: branched-chain amino acids. Note that the senescent eMV has larger
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after incubation of the eMVs with these metabolites implies
the existence of a transport system. A low expression of these
transporters could explain this result, but the fast (a few
minutes) emission of fluorescence in eMVs after incubation
with these metabolites suggests the contrary. The possibility
that the membrane proteins, due to their hydrophobicity,
are harder to detect in MS, indeed requiring thiourea to
solubilize them, should be considered.

The contribution of ROS to aging has been widely docu-
mented, although the beneficial effects produced by ROS
have led to a new interpretation of this traditional view
[57–59]. An increase of ROS production has also been related
with senescence, an experimental model widely used in aging
studies [20, 24, 60] and also demonstrated in our previous
work in senescent endothelial cells [27]. In accordance with
the stronger capacity of ROS elimination demonstrated by
senescent eMVs in our previous work, the present study
demonstrates a strong increase of the machinery involved
in NADPH synthesis in senescent eMVs. However, the stron-
ger capacity of senescent endothelial cells and their MVs to
eliminate ROS and the higher ROS production observed in
senescence seems paradoxical. Their increased capacity for
ROS scavenging might be an adaptive mechanism to the
higher oxidative stress of senescent cells, and it could be
considered a strategy used by senescent cells to promote cell
survival. Unfortunately, this increased ROS scavenging is
unable to compensate the higher levels of oxidative stress
associated with senescence. On the other hand, eMVs can
not only eliminate ROS but can also be effective in protecting
against oxidative stress, suppressing NADPH oxidase and
ROS production [32]. Finally, it should be considered that
these results are obtained using the in vitro replicative senes-
cent model in HUVEC; undoubtedly, this is a starting point
that needs to be confirmed in in vivo aging models.

5. Conclusions

Our present and previous results demonstrate that eMVs can
act as autonomous ROS scavengers: they use blood metabo-
lites to synthesize NADPH that fuels their antioxidant
machinery; moreover, senescent eMVs have a stronger
ROS-scavenging capacity. Whether alterations in the ability
of eMVs to regulate the oxidant/antioxidant balance can act
as etiopathogenic mechanisms in diseases associated to a
misbalance in oxidative stress is left out of this study but
probably merits to be considered in order to use these MVs
as diagnostic tools and/or therapeutic targets.
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Skeletal muscle atrophy is a pathological condition mainly characterized by a loss of muscular mass and the contractile capacity of
the skeletal muscle as a consequence of muscular weakness and decreased force generation. Cachexia is defined as a pathological
condition secondary to illness characterized by the progressive loss of muscle mass with or without loss of fat mass and with
concomitant diminution of muscle strength. The molecular mechanisms involved in cachexia include oxidative stress, protein
synthesis/degradation imbalance, autophagy deregulation, increased myonuclear apoptosis, and mitochondrial dysfunction.
Oxidative stress is one of the most common mechanisms of cachexia caused by different factors. It results in increased ROS
levels, increased oxidation-dependent protein modification, and decreased antioxidant system functions. In this review, we will
describe the importance of oxidative stress in skeletal muscles, its sources, and how it can regulate protein synthesis/degradation
imbalance, autophagy deregulation, increased myonuclear apoptosis, and mitochondrial dysfunction involved in cachexia.

1. Introduction

Skeletal muscle atrophy is a pathological condition mainly
characterized by a loss of muscular mass and the contractile
capacity of skeletal muscle that produces muscular weakness
and decreased force generation [1–6]. This pathological
condition affects a large number of individuals and can be
generated by several causes, including pathologic status and
aging. Among the main causes are disuse, a state that can

be produced by prolonged rest, immobilization, or hind-
limb unloading [7–9]; denervation, which is characterized
by alterations in neuromuscular connections produced under
clinical conditions, such as trauma, diabetic neuropathy,
degenerative disease, and spinal cord injury [10–16]; sepsis,
an inflammatory syndrome produced mainly by bacterial
infections [17–21]; sarcopenia, a physiological process of
aging that decreases mobility and aggravates inflammatory
diseases and other age-related diseases [22–28]; and chronic
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diseases that cause collateral damage in muscles by pro-
ducing atrophic conditions termed cachexia [29–38],
which will be the focus of this review.

2. Cachexia

Cachexia is defined as a pathological condition that is sec-
ondary to illness and characterized by the progressive loss
of muscle mass with or without loss of fat mass [39].
Cachexia typically manifests in patients with chronic diseases
such as cancer, diabetes, obesity, chronic obstructive pulmo-
nary disease (COPD), chronic heart failure (CHF), chronic
liver disease (CLD), and chronic kidney disease (CKD)
[40], which affect the quality of life and survival of patients
[41]. In addition to chronic illness, cachexia is associated
with diseases that cause inflammation such as AIDS and
sepsis [42]. The prevalence of cachexia is 1% of the total
patient population, and it is severely increased among cancer
(50–80%), AIDS (10–35%), CHF (5–15%), CKD (30–60%),
and COPD (27–35%) patients [42–44].

Even though different types of diseases can induce
cachexia, one important common feature of these condi-
tions is alteration of the plasma levels of several soluble
factors (termed “atrophic factors”), such as angiotensin II
(Ang-II), transforming growth factor type beta (TGF-β),
myostatin, glucocorticoids, tumor necrosis factor alpha
(TNF-α), and interleukin 1 and 6 (IL-1 and IL-6) [45–54]
(Figure 1). These molecules canmodulate the different mech-
anisms involved in the loss of mass and function of skeletal
muscle [3, 46, 48, 49, 53, 55–59].

2.1. Mechanisms Involved in the Generation and Development
of Cachexia. One of the main features of cachexia is the
diminution of muscle strength. There are several molecular
mechanisms and signaling pathways involved in cachexia
that can explain this phenomenon: (i) oxidative stress, (ii)
protein synthesis/degradation imbalance, (iii) autophagy
deregulation, (iv) increased myonuclear apoptosis, and (v)
mitochondrial dysfunction (Figure 2).

Oxidative stress is one of the most common mechanisms
of different causes of cachexia, and two important character-
istics of muscle in cachectic patients are increased ROS levels
and oxidation-dependent protein modifications [60–62].
Additionally, oxidative stress can modulate other mecha-
nisms involved in cachexia. In the following sections, we will
describe the generation of oxidative stress, how oxidative
stress regulates the aforementioned molecular mechanisms,
and their roles in cachexia.

3. Oxidative Stress

Skeletal muscle is a tissue that continuously produces oxidant
species such as reactive oxygen species (ROS) and reactive
nitrogen species (RNS) (for details about RNS, see [63]),
which are in balance with antioxidant mechanisms. The pro-
duction of ROS species is a normal process in all cells
(including skeletal muscle cells) in which signaling molecules
regulate different pathways essential for cell viability [64, 65].
Skeletal muscle cells produce several types of ROS that differ

in terms of origin, localization, stability, and reactivity [66].
The role of ROS in muscle can seem contradictory since they
can act as signaling molecules in normal processes such as
regeneration and repair [67] and promote mitochondrial
biogenesis during exercise [68], but local sustained ROS
levels may cause tissue injury due to oxidative damage [69].

The imbalance produced by an increase in oxidant spe-
cies levels and/or a decrease in antioxidant species generates
the loss of normal redox equilibrium in cells, a condition
denominated as oxidative stress, which corresponds to redox
status; can injure several cellular organelles, proteins, lipids,
and membranes; and affects muscle function [70] (Figure 1).

The main features of oxidant and antioxidant species will
be described in the following sections, and we will principally
describe their participation and contribution to the genera-
tion of cachexia in patients with chronic diseases.

3.1. Types and Features of ROS. Superoxide anion (O2·−),
hydrogen peroxide (H2O2), and hydroxyl radical (OH·) are
the main ROS found in most tissues [64]. Several studies sug-
gest that the major ROS produced in skeletal muscle fibers is
O2·− [71, 72], which is very labile and undergoes enzymatic
or spontaneous dismutation by reduction to more stable spe-
cies, such as H2O2. H2O2 is a nonradical weak oxidant with a
relatively long half-life that can diffuse across cell membranes
and therefore acts as an important intracellular signaling
molecule [73, 74]. Additionally, H2O2 can generate OH· in
the presence of active free iron ions or other transition
metals, a process known as the Fenton reaction. OH· reacts
immediately with any surrounding biomolecules, resulting
in most of the deleterious effects associated with oxidative
stress. In this context, considering that skeletal muscle con-
tains 10–15% of total body iron—mainly in myoglobin and
mitochondria—it could be especially sensitive to alterations
due to oxidative stress. Thus, iron homeostasis can be consid-
ered a comodulator of ROS signaling and effects [75].

The main cellular macromolecules can be damaged by
ROS. Cellular membranes can be damaged by the changes
that produce OH· on lipids by attacking polyunsaturated
fatty acid lipid residues and generating peroxyl radical [76].
DNA is affected because purine and pyrimidine bases and
deoxyribose are damaged by OH [76]. OH· targets proteins
by damaging their amino acid residues, such as lysine, argi-
nine, histidine, proline, and threonine, causing the formation
of protein carbonyls. In addition, the sulfhydryl group in
amino acids undergoes irreversible oxidation [76].

3.2. Sources of ROS in Skeletal Muscle Cells. ROS in cells can
be produced by different sources, such as mitochondria,
sarcoplasmic reticulum, and sarcolemma. Additionally, the
main enzymes involved in ROS generation under physio-
pathological conditions are nicotinamide adenine dinucleo-
tide phosphate (NADPH) oxidase and xanthine oxidase
(XO) (Figure 2).

The Nox protein family is composed of subunits of the
NADPH oxidase enzyme complex that have catalytic and
electron-transporting functions [77]. The Nox family con-
sists of seven members, Nox1–5 and two dual oxidases
(Duox), Duox1 and Duox2 [78]. Structurally, Nox isoforms
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contain FAD and NADPH binding sites, two heme mole-
cules, and six transmembrane alpha helices with cytosolic
N- and C-termini [78, 79]. Several proteins can interact with

Nox isoforms. For example, Nox1–4 can bind to p22phox,
while Nox1–2 can bind to small GTPases such as Rac.
Nox2 can bind to p47phox and p67phox as well as the cytosolic
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Oxidative
stress
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Figure 1: Oxidative stress in muscle is produced by an imbalance between oxidant and antioxidant species. Soluble atrophic factors produced
by different diseases induce an imbalance of the oxidative state, increasing oxidant species such as O2·−, H2O2, and OH· and decreasing
antioxidant species such as catalase, glutathione peroxidase (GPx), and superoxide dismutase (SOD). This imbalance is denominated as
“oxidative stress” and produces oxidative damage in lipids, DNA, and proteins, impairing functionality of proteins and cellular structures.
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Figure 2: Molecular mechanisms involved in cachexia are modulated by oxidative stress. Atrophic factors can generate oxidative stress in
skeletal muscle by the activation of different sources of reactive oxygen species, such as the mitochondria, xanthine oxidase (XO), and
NADPH oxidase complex with Nox subunit, in addition to the decrease in antioxidant species. Oxidative stress is able to produce
mitochondrial dysfunction, increase ubiquitin proteasome system activity, increase myonuclear apoptosis, decrease the protein synthesis
pathway, and deregulate autophagy, all of which are involved in cachexia-skeletal muscle atrophy.
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protein p40phox [78, 80]. Nox4 has been reported to bind to
the polymerase (DNA-directed) delta-interacting protein 2
(PolDip2) [81]. NADPH oxidases are enzymes that serve a
primary function in the production of superoxide/ROS.
Nox1, Nox2, and Nox5 mainly produce O2·−, while Nox4
mainly produces H2O2 [82, 83]. Nox4 is constitutively active,
and modulation of its expression may thus be a major activity
regulator, whereas Nox1 can be activated by Nox activator 1
(NOXA1) protein, Nox2 can be activated by p67phox, and
Nox5 can be activated by calmodulin [78, 79].

In skeletal muscle, the NADPH oxidase complex is
reportedly located on transverse tubules (T-tubules), the sar-
colemma, and the sarcoplasmic reticulum. In addition, skel-
etal muscle expresses only the Nox2 and Nox4 isoforms
and partner proteins such as p22phox, p67phox, p47phox, and
p40phox [84, 85]. Interestingly, O2·− generated from Nox has
been implicated in progressive skeletal muscle damage [86].
Recent evidence demonstrated that NADPH oxidase overac-
tivity leads to atrophy of glycolytic muscle in a rat model of
heart failure (HF) [87]. Interestingly, the mechanism also
involved the NF-κB activation and increased p38 phosphor-
ylation and was reduced by aerobic exercise training, suggest-
ing that NADPH oxidase activity can be a good candidate for
targeting and treating the muscle wasting [87].

Xanthine dehydrogenase (XDH), the most common form
of xanthine oxidoreductase (XOR) in tissue, can be converted
to xanthine oxidase (XO) via oxidation of sulfhydryl residues
orproteolysis [88].XOisanenzymebelonging to themolybde-
num protein family with a homodimer structure and a
molecule mass of 290 kDa. It contains two separate
substrate-binding sites [88]. Functionally, XO causes
oxidation of hypoxanthine to xanthine and then to uric acid
[89, 90]. During reoxidation of XO, O2 acts as an electron
acceptor, producing superoxide radical and hydrogen perox-
ide [91]. During these reactions, O2·− and H2O2 are formed
[91]. Spontaneously or under the influence of enzyme
superoxide dismutase (SOD), O2·− are transformed into
H2O2 and O2 [88]. The conversion of XDH to XO is assumed
to be required for radical generation and tissue injury,
although some evidence suggests that XDH directly partici-
pates in O2·− generation in ischemic tissue [92, 93]. In this
context, it has been proposed that ischemia induces conver-
sion of XDH into XO as well as production of hypoxanthine,
which reacts with O2 during reperfusion and generates a
high amount of superoxide radical from XO [94]. Early
studies have suggested that ROS arising from XO plays
an important role in the inflammatory response to physi-
cal eccentric contractions or high-intensity or long-lasting
exercise as well as in injuries caused by ischemia-reperfusion
processes [95, 96]. These studies are in agreement with those
reporting the role of XO in muscle injury associated with
exhaustive physical exercise [97–99]. In skeletal muscle, XO
is localized mainly in the vascular endothelium [100]. The
intake of enzyme inhibitors diminishes the release of O2·− in
the vessels of contracting muscles, which has proven to be
effective for reducing muscle fatigue in vivo [101, 102].
Another study shows that suppression of XO activity by allo-
purinol may increase maximum isometric strength in the
skeletal muscle of old mice [103]. In addition, administration

of allopurinol and subsequent XO inhibition prevent muscu-
lar atrophy by inhibiting the p38 MAPK-atrogin-1 pathway
and may have beneficial clinical effects, such as resistance
against muscular atrophy in patients with permanent immo-
bilization, sarcopenia, or cachexia [104, 105].

A third component that produces ROS in skeletal muscle
is mitochondria. Skeletal muscle is a tissue that constantly
demands ATP for energy production. ATP is generated via
the activity of the mitochondrial electron transport chain
(ETC) mainly at two sites: (i) complex I, where it is generated
by auto-oxidation of the flavin mononucleotide from the
NADH-dehydrogenase, and (ii) complex III, where its gener-
ation depends on auto-oxidation of unstable semiquinone,
which is an intermediate of the Q-cycle reaction [106]. The
ETC is located in the inner mitochondrial membrane. In this
membrane, oxygen is consumed, resulting in the liberation of
electrons that can quickly react with cellular proteins, result-
ing in their oxidation, or with molecules such as H2O or
H2O2, generating more reactive molecules. Additionally,
about 1–3% of the total oxygen utilized by the mitochondria
is incompletely reduced and remains as ROS [107]. Com-
pared with other tissues, skeletal muscle has a high number
of mitochondria, and therefore, the contribution of this
organelle to oxidative stress is very relevant.

3.3. Antioxidant Species in Skeletal Muscle. It is well known
that skeletal muscle features high metabolic activity and
oxidative capacity. Considering the importance of ROS pro-
duction in skeletal muscle, the antioxidant system is essential
for maintenance of cellular oxidative homeostasis. There are
several antioxidant enzymes, including superoxide dismutase
(SOD), catalase, and glutathione peroxidase (GPx) [108].
SOD has three isoforms: SOD1, which is located in the
intracellular cytoplasmic compartment; SOD2, which is
found in mitochondria; and SOD3, which is located in the
extracellular matrix. This enzyme is a specific antioxidant
for O2·− and catalyzes the dismutation of O2·− to H2O2 [108].
Some studies have indicated thatmice lacking SOD1 losemus-
cle mass, suggesting that it plays a role in the maintenance of
muscle fibers [109]. Catalase is present in cytoplasmic
compartments and inmitochondria [110]. It catalyzes thecon-
version of H2O2 to H2O and O2 [111]. The enzymatic activity
of catalase is higher in oxidative myofibers than in fast glyco-
lyticfibers [112].As anROSscavenger,GPxhas the same func-
tion, but with higher affinity for H2O2 than for catalase [108].

Five GPx isoforms have been described in mammals
with different cellular localizations and substrate specific-
ities. GPx1 is localized predominantly in the cytosol and
somewhat in the mitochondrial matrix. GPx3 is present
in the extracellular space [113]. GPx4 is a membrane-
associated enzyme that is partly localized in themitochondrial
intermembrane space.

Studies have indicated that a decrease in antioxidant
levels in response to diseases can lead to an imbalance
in the redox state of the cell, causing oxidative damage
[66, 114, 115] (Figure 1).

3.4. Oxidative Stress in Cachexia. Patients with chronic heart
failure (CHF) or chronic kidney disease (CKD) develop
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cachexia associated with their pathologic status [116–118].
One of the main participants in this phenomenon is Ang-
II, an endogenous peptide with atrophic activity in skeletal
muscle. Patients with CHF and CKD have increased levels
of circulating Ang-II [119–121]. Interestingly, Ang-II
induces ROS production in skeletal muscle cells through its
AT-1 receptor, as demonstrated by a study that found that
losartan, an AT-1 receptor blocker, eliminates the oxidative
effect of Ang-II [122]. Additionally, the atrophic effects
mediated by Ang-II depend on ROS [123, 124]. In this con-
text, Zhao et al. [125] and Cabello-Verrugio et al. [126] dem-
onstrated that rats and mice infused with Ang-II have high
ROS levels in skeletal muscle as well as major expression of
gp91phox, a Nox subunit, suggesting that Nox increases ROS
levels. Similar results were obtained in muscle cells incubated
with Ang-II (i.e., they exhibited enhanced Nox activity)
[124]. Moreover, the use of apocynin, a Nox inhibitor, blocks
ROS production, suggesting that Ang-II increases ROS levels
in skeletal muscle via a Nox-dependent mechanism [122].
Further, Ang-II promotes membrane mitochondrial depolar-
ization, which increases mitochondrial ROS production,
therefore contributing to oxidative stress in skeletal muscle
[127]. Together, these results indicate that, in the presence
of high levels of Ang-II, ROS is an important factor in the
development of muscle atrophy in cachectic patients with
chronic disease.

Patients with cancer cachexia have exhibited protein oxi-
dation in skeletal muscle, suggesting the involvement of oxi-
dative stress in cachexia [128]. In particular, patients with
cancer present elevated ROS levels and decreased antioxidant
levels in serum [66, 129]. They also have increased levels of
mitochondrial uncoupling proteins (UCP) such as UCP2
and UCP3, which could lead to uncoupling of ETC and thus
to the loss of mitochondrial membrane potential, increasing
ROS production in mitochondria [130–133]. Additionally,
cancer increases the levels of several proinflammatory cyto-
kines involved in the pathogenesis of cachexia and oxidative
damage, such as IL-1, IL-6, and TNF-α [134–137]. TNF-α
induces ROS production by mitochondria and Nox activa-
tion [106, 138, 139]. Sullivan-Gunn et al. demonstrated that
the expression of the Nox enzyme subunits Nox2, p40phox,
and p67phox was decreased in the muscle of mice with cancer
cachexia, in spite of increased superoxide levels. However,
these mice also exhibited decreased levels of antioxidant pro-
teins such as SOD1, SOD2, and GPx [140], as reported previ-
ously [66, 141]. These results suggest that the development of
oxidative stress in association with cancer-induced cachexia
can be attributed, at least partially, to increased ROS levels
and failure of the antioxidant systems that operate in muscle
cells. Other evidence has indicated that inhibition of XO
reduces skeletal muscle wasting and improves outcomes in
a rat model of cancer cachexia, suggesting that other sources
may contribute to oxidative stress [142].

4. Redox Regulation of Molecular
Mechanisms of Cachexia

4.1. Imbalance in the Protein Synthesis/Degradation.All types
of skeletal muscle atrophy are associated with a decrease in

the levels of myofibrillar proteins, mainly myosin heavy
chain, myosin light chain, and troponin, which are essential
parts of the sarcomere structure [7, 39, 143]. The myosin pro-
teins form a complex with actin and are responsible for mus-
cle contraction [6]. In cachectic conditions, there is an
imbalance in the degradation and/or synthesis of myofibrillar
proteins, explaining their decreased levels. Under muscle
atrophy conditions such as cachexia, the ubiquitin protea-
some system (UPS) and calpains are the main mechanisms
involved in the degradation of muscle proteins [144].

4.1.1. The Ubiquitin Proteasome System. The UPS acts by the
coordinated action of three enzymes: E1 (enzyme activator of
ubiquitin), E2 (enzyme conjugator of ubiquitin), and E3
(ubiquitin ligase). All are involved in the labeling of specific
proteins with ubiquitin (Ub) molecules. Ubiquitinated pro-
teins are then degraded by proteasome 26S subunits [145].
E3 ubiquitin ligases are a family of enzymes that determine
which protein will be ubiquitinated and degraded [1, 145].
In cachectic skeletal muscle, the levels of two E3 ubiquitin
ligases are increased: MAFbx/atrogin-1 and MuRF-1. These
muscle-specific enzymes target myofibrillar proteins, such
as myosin, and factors involved in myogenesis, such asMyoD
[145, 146]. Interestingly, our research and that of others have
demonstrated that UPS is overactivated by soluble factors
such as Ang-II and TGF-β1, which are increased during
cachexia [45, 46, 48, 49, 147, 148].

UPS is the principal proteolytic mechanism described in
skeletal muscle atrophy associated with chronic diseases. In
pathological conditions, this pathway can be overactivated
in multiple ways, including oxidative stress. Li et al. studied
the effect of H2O2 on UPS markers in myotubes, showing
that ubiquitin-conjugating activity is stimulated concomitant
with an increase in the expression of E2 and E3 enzymes
[149]. Additionally, a study by Russell et al. employing a
murine model of cancer cachexia indicated that ubiquitin
gene expression increases downstream Nox-generated ROS
production, suggesting that Nox plays a role in cancer
cachexia [124, 150] (Figure 2).

In chronic diseases, systemic increase of ROS can pro-
mote oxidative stress and alterations in peripheral tissues
such as skeletal muscle, increasing the levels of proinflamma-
tory transcription factors, such as nuclear factor kappa B
(NF-κB), that regulate specific UPS genes [60, 124]. In skele-
tal muscle, NF-κB is activated and translocated to the nucleus
to induce MuRF-1 expression [151]. Additionally, NF-κB
increases the expression of proinflammatory cytokines such
as IL-6 and TNF-α, two important soluble factors involved
in the development of skeletal muscle atrophy that increases
ROS production and activate UPS, forming a positive feed-
back mechanism [50, 151–153].

These results indicate that, in skeletal muscle, ROS upre-
gulates the expression of key components of UPS and
increases their activity and that Nox participates in this
phenomenon.

4.1.2. Calpains. Calpains are Ca2+-activated proteases coded
by 15 genes in humans that are involved in the selective
cleavage of target proteins [154]. In skeletal muscle, calpain
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1 (μ-calpain) and calpain 2 (m-calpain) participate in skeletal
muscle atrophy [155]. Specifically, active calpains are able to
cleave cytoskeletal proteins such as titin and nebulin, which
are responsible for anchoring contractile proteins, as well as
several kinases, phosphatases, and oxidized contractile pro-
teins, such as actin and myosin [155, 156]. There is evidence
that oxidative stress increases the expression of calpains in
murine and human skeletal muscle cells [157, 158].

Studies have found that oxidative stress increases calpain
activity in skeletal muscle cells [157, 158]. Specifically, H2O2
is able to increase calpain 1 activity in murine skeletal muscle
cells and induce activation of calpain 1 and calpain 2 in
human skeletal muscle cells [157, 158]. In line with these
findings, antioxidant treatment of disused skeletal muscle
has been found to prevent both oxidative stress and calpain
1 activation [159]. Together, these investigations confirm
that oxidative stress in skeletal muscle can activate calpain.

The main regulators of calpain activity are cytosolic
calcium and calpastatin, an endogenous calpain inhibitor
[155, 160]. Thus, increased oxidative stress-dependent cal-
pain activity is likely due to an increase in the cytosolic
level of free calcium, which also depends on oxidative
stress [158, 161, 162].

4.1.3. Anabolic Pathways. Despite the fact that increased
catabolism in skeletal muscle is the principal mechanism
involved in the imbalance of protein content, reduced anab-
olism also contributes to this phenomenon. Induction of pro-
tein synthesis is determined by the Akt/mTOR (mammalian
target of rapamycin) pathway and depends on insulin-like
growth factor-1 receptor (IGFR), which can be activated by
different factors, such as amino acids, insulin, and IGF-1.
After IGFR binds to IGF-1, it is phosphorylated and acti-
vated, inducing activation of PI3K, which phosphorylates
Akt and, consequently, mTOR, promoting protein synthesis
[163]. Additionally, there is evidence that IGF-1 inhibits pro-
teolysis in skeletal muscle by avoiding overactivation of UPS,
suggesting regulation of both processes [164–166]. Previous
reports have indicated that the circulating level of IGF-1 is
reduced in patients with pathological conditions such as sep-
sis, cancer, and liver diseases [167–169]. Furthermore, solu-
ble factors such as TNF-α and Ang-II act upstream of the
IGF-1 pathway, inhibiting PI3K-Akt signaling and the down-
stream pathway. An example of this regulation involves the
Forkhead box O (FoxO), a transcription factor normally
phosphorylated by active PI3K-Akt/PKB that is kept inactive
in the cytoplasm. When the synthesis pathway for TNF-α
and Ang-II is inhibited, FoxO translocates to the nucleus
and induces expression of the E3 ubiquitin ligases MAFbx/
atrogin 1 and MuRF-1, increasing protein degradation [170].

Several factors, including ROS, are involved in the regula-
tion of the PI3K-Akt pathway. Low ROS levels induce activa-
tion of the anabolic pathway, while high ROS levels inhibit it
[171, 172] (Figure 2). Previous studies have established that
Akt is a redox-sensitive protein that is activated in the
presence of excess H2O2; however, this effect can be a conse-
quence of indirect mechanisms such as oxidative inactivation
of phosphatases or loss of feedback inhibition via MAPKs
[173]. Increased ROS levels can induce protein oxidation in

specific cysteine residues, inhibiting the activity of phosphor-
ylases such as PKA that induce the activation of Akt [174].
The use of antioxidants such asN-acetyl cysteine (NAC) after
oxidative stress stimulus prevents ROS increases and avoids
inhibition of Akt activity [175], indicating that oxidation
plays a role in this phenomenon. Additionally, inhibition of
two important ROS sources, Nox and the mitochondrial
ETC, activates Akt [175]. In skeletal muscle, ROS can be
involved in the activation of metabolic effects by other
signaling pathways independent of insulin, stimulating, for
example, glucose transport during exercise, specifically dur-
ing muscle contraction [176, 177].

4.2. Deregulation of Autophagy. The autophagy-lysosomal
pathway is a normal mechanism that maintains cell homeo-
stasis by removing old and damaged cellular components.
This process eliminates portions of the cytoplasm, organelles,
and protein aggregates in double-membrane vesicles, called
autophagosomes, which are then fused with lysosomes for
degradation [178]. Autophagy is often described as a five-
step process: (1) induction, (2) expansion, (3) elongation
and completion of autophagosomes, (4) fusion with
lysosomes, and (5) degradation of proteins and organelles
[63, 179]. Autophagy is induced by the formation of the
pre-autophagosome structure, which occurs by activation of
the ULK1 complex [179]. One of the main negative regula-
tors of this step is mTORC1, and consequently all factors that
prevent mTORC1 activation can promote autophagy [179].
The stage of expansion is characterized by the formation of
phagophore, a fractional autophagosome membrane, and
the recruitment of several Atg proteins, including the essential
Atg6 (also called beclin-1) [179]. The elongation and comple-
tion of autophagosomes involve Atg genes (e.g., Atg5, Atg7,
Atg8, and Atg12) [179]. During this stage, LC3B protein
(Atg8) is posttranslationally modified from its inactive form
(LC3I) to its active form (LC3II), which is a component of
autophagosomes [180, 181]. Next, the autophagosome is
fused with a lysosome, and the autophagosome’s contents
(i.e., cytosolic proteins and organelles) are transferred to
lysosomal proteases (i.e., cathepsins B, D, and L) [179]. The
fifth and final step of autophagy involves cathepsin-
mediated degradation of proteins and organelles (i.e., the
cargo) contained within the autophagosome [179–181].

Under pathological conditions, autophagy increases in
association with muscle wasting induced by proatrophic
stimuli, fasting, high-fat diet/insulin resistance, hypoxia,
and exercise [182]. In addition, impaired autophagy has been
reported in several myopathies [183–185]. Interestingly, a
bidirectional relation between autophagy and oxidative stress
has been reported, with some studies finding an increase in
autophagy induced by ROS and other studies finding an
increase in ROS induced by autophagy [182].

It has been demonstrated that, in patients with COPD,
locomotor muscles feature increased autophagy [186, 187].
Recently, a study employing a murine model of sepsis
induced by cecal ligation and perforation showed that limb
muscles exhibit higher autophagy than do respiratory mus-
cles [188]. Another recent study using an experimental
model of CKD revealed a correlation between skeletal muscle
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oxidative stress, muscle catabolism, and autophagy, finding
that inhibition of oxidative stress could improve muscle
atrophy by enhancing mitophagy [189]. Moreover, a C26
cell-induced cancer model demonstrated that exercise
increased autophagy flux, improving muscle homeostasis,
probably due to the removal of damaged proteins and
mitochondria [190].

Several studies have suggested that autophagy is activated
by oxidative stress, but a study of expression of a mutant
form of superoxide dismutase 1 (SOD1G93A) in skeletal
muscle revealed a causal relation between oxidative stress,
activation of autophagy, and muscle atrophy and weakness
[191–194]. Although the mechanisms involved in the regula-
tion of autophagy by ROS during skeletal muscle wasting are
not yet known, studies have suggested that several signaling
pathways participate in this regulation. Thus, it has been sug-
gested that ROS can induce autophagy by regulating the acti-
vation of the PI3K/Akt/mTORC1 signaling pathway. A
model of muscle atrophy by disuse demonstrated that ROS
can inhibit Akt/mTOR signaling and consequently induce
autophagy [195]. However, a skeletal muscle model employ-
ing dystrophic mdx mice revealed that Nox2-derived ROS
can activate the Src/PI3K/Akt pathway and, subsequently,
mTORC1, leading to autophagy inhibition [183].

Inactivation of PTEN (a phosphatase and tensin homo-
log deleted on chromosome 10) results in increased cellular
PIP3 levels, activation of PI3K/Akt, and subsequent activa-
tion of autophagy [182]. One inhibitor of PTEN is oxidative
stress [196, 197]. PTEN can also regulate ROS production,
resulting in a feedback loop in which it has been suggested
that Nox participates in [197]. While ROS has been shown
to activate Akt through inhibition of PTEN in C2C12 myotu-
bules, its role in regulating autophagy in skeletal muscle has
not been directly assessed [196].

ROS-dependent regulation of autophagy may also
occur through p38 MAPK. In skeletal muscle, the partici-
pation of p38 MAPK in autophagy was found in a model
of muscle atrophy induced by sepsis [17]. The same model
was used to demonstrate the involvement of ROS in p38
MAPK regulation of autophagy [198]. In other tissues, the
p38 MAPK/p53 pathway has been shown to activate autoph-
agy, but this pathway has not yet been evaluated in skeletal
muscle [199, 200].

AMPK, a widely investigated indicator of cellular energy
levels and regulator of muscle metabolism during exercise,
may be another possible mechanism for redox regulation of
autophagy in association with skeletal muscle wasting
[201]. Alterations in redox balance have been shown to regu-
late AMPK activity [202]. Moreover, a study using C2C12
cells showed that, during nutrient deprivation and rapamy-
cin treatment, there is an increase in mitochondria-derived
ROS, which promotes skeletal muscle autophagy, and this
effect is mediated in part by activation of AMPK and inhibi-
tion of Akt [194].

4.3. Myonuclear Apoptosis. Apoptosis is defined as pro-
grammed cell death. In skeletal muscle, this process is called
myonuclear apoptosis and has distinctive characteristics
compared to apoptosis of other tissues because muscle fibers

are multinucleated cells. Myonuclear apoptosis involves
elimination of the fiber segments that surround the apoptotic
nucleus (known as the myonuclear domain), not the com-
plete fiber [203–205].

The mechanisms involved in the generation of apoptotic
nuclei have not been clearly elucidated. However, two princi-
pal signaling pathways are involved in apoptosis: extrinsic
and intrinsic pathways. The extrinsic pathway is mediated
by factors of the TNF family or Ang-II, which activate death
receptors and induce activation of pro-caspase 8 by proteo-
lytic cleavage. The intrinsic pathway is dependent on mito-
chondria and triggers an imbalance between antiapoptotic
factors such as Bcl-2 (diminished) and apoptotic factors such
as Bax (elevated) that might induce cytochrome c release and
promote the formation of the mitochondrial transitory pore.
Then, cytochrome c binds to apoptosis protease-activating
factor-1 (Apaf-1) and pro-caspase 9 in the cytoplasm to form
an apoptosome complex, which induces activation of caspase
9 (initiator caspase) [206]. Both the extrinsic and intrinsic
pathways converge in the activation of effectors such as
caspase 3. Caspase 3 activates endonuclease G, which triggers
DNA fragmentation, degradation of genetic material by
proteases, and posterior formation of apoptotic bodies
eliminated by phagocytic cells.

Myonuclear apoptosis is increased in pathologies such
as COPD, CHF, CKD, and obesity [38, 207–210]. Our
group and others have found that cachectic muscle induced
by Ang-II develops myonuclear apoptosis and that this is
one of the main factors involved in overactivation of myo-
nuclear apoptosis and the consequent increase in muscle
weakness [45, 118, 211–213].

In other cell types, oxidative stress has been described as a
potent inducer of cell death [214]. In an experimental model
of cancer cachexia in which an XO inhibitor was used to
reduce caspase-3 activity, Springer et al. showed that ROS
production and proteasome activity decrease in skeletal mus-
cle and consequently prevent body weight loss in animals
[142]. Additionally, the mitochondrial apoptotic pathway is
activated by a direct or indirect effect of ROS because increas-
ing ROS can induce expression and mitochondrial transloca-
tion of the proapoptotic factor Bax, in turn inducing
formation of the mitochondrial transition pore. Patients with
cancer or CHF often present with hyperuricemia (incremen-
ted levels of uric acid), a condition in which XO activity is
upregulated in the affected tissue and the systemic ROS level
is increased [215]. Recently, studies employing a murine
model of obesity induced by a high-fat diet (HFD) have
shown that muscle weakness and protein degradation are
accompanied by increased ROS levels and myonuclear
apoptotic markers in muscle fibers [216].

4.4. Mitochondrial Dysfunction. Mitochondria play a key
role in muscle physiology and metabolism. As mentioned
throughout this review, mitochondria are themain producers
of ATP and one of the main sources of ROS. However, other
signaling intermediates such as calcium, NAD+/NADH, ace-
tyl-CoA, and alpha-ketoglutarate are also produced/released
to control muscle metabolism and epigenetics [217–219].
Mitochondrial function depends on the success of the

7Oxidative Medicine and Cellular Longevity



mitochondrial life cycle, which involves mitochondrial
biogenesis, remodeling through mitochondrial fusion and
fission events called mitochondrial dynamics (MtDy), and
degradation through a process called selective mitochondrial
autophagy or mitophagy [220–223]. Any disruption of the
mitochondrial life cycle will lead to mitochondrial dysfunc-
tion, which is characterized by low ATP levels and/or high
ROS production [224, 225].

Superoxide (O2·−) is a byproduct of the ETC that can
be converted to H2O2 by SOD2. As previously mentioned,
O2− and H2O2, which are both abundant in mitochondria,
generate OH· (hydroxyl radical), which is the most reactive
and harmful reactive radical for mitochondrial function.
ROS will not only oxidize the respiratory complexes of ETC
and mitochondrial DNA, among other macromolecules, but
will also increase ROS production by damaged mitochondria,
leading to a vicious cycle that ends in cell death due to
apoptosis and/or necrosis [226, 227].

In addition to the antioxidant mechanisms previously
described in this manuscript, mitochondria have more
complex defense systems, including triple A proteases and
mitochondrial unfolded protein response (mtUPR), which
protect against cytotoxic protein aggregates and misfolded
proteins, and the mitochondrial life cycle itself, which acts as
a quality control system to eliminate old, dysfunctional, and
depolarized mitochondria through mitophagy [225, 228–231].

The mitochondrial life cycle and defense systems are both
defective in cachectic conditions, negatively impacting
mitochondrial function. As previously reported, mitochon-
drial biogenesis, mitochondrial dynamics, and mitophagy
are defective in skeletal and cardiac muscle cells with altered
mitochondrial content and morphology; disruption of
mitochondrial fusion and exacerbation of mitochondrial
fission; altered mitophagy; reduced ETC activity; increased
ROS generation; and proneness to apoptosis and mPTP
opening [232, 233]. At the level of mitochondrial content,
there is a reduction in the expression of PGC1-alpha, the
master regulator of mitochondrial biogenesis; nuclear recep-
tor factor 1 and transcription factor A, both of which control
nuclear and mitochondrial gene expression for proper mito-
chondrial function; and SIRT1, a deacetylase that controls
PGC1-alpha activity [232, 233]. At the level of mitochondrial
dynamics, expression of the fusion proteinsMFN1 andMFN2
reduces, and the level of the FIS1 and DRP1 fission proteins is
increased [232, 233]. In addition, mitophagy, defined by
expression of the LC3, PARKIN, PINK, and Atg5 markers,
increases. However, there are some controversial points about
mitophagy, which will be discussed later. Finally, at the level
of the ETC, the respiratory complexes cytochrome c oxidase
(complex IV) and cytochrome bc1 (complex III) and the
mobile component of cytochrome c showed reduced expres-
sion. A similar result was observed for the enzyme citrate
synthase that forms part of Krebs cycle [232, 233].

It has been recently shown that mitochondrial biogenesis,
mitochondrial dynamics, and mitophagy are interconnected.
This means that there is a perfect balance between the need
for mitochondrial dynamics in mitophagy and the need for
mitophagy in mitochondrial biogenesis [234–239]. Mito-
phagy is essential for mitochondrial turnover to maintain a

healthy mitochondria population, control the amount of
cellular ROS, and eliminate damaged and ROS-producing
mitochondria. Thus, mitophagy failure is associated with
an accumulation of dysfunctional mitochondria and
decreased mitochondrial biogenesis. Several studies per-
formed in cachectic muscle have reported increased mito-
phagy indicated by the expression of mitophagy markers
[232]. However, other studies have reported reduced mito-
phagy in patients with cancer cachexia [224]. Given these
conflicting findings, it is important to consider mitophagy
in terms of flux. Diminished mitophagic flux will cause
accumulation of mitophagic markers and damaged mito-
chondria and decreased mitochondrial biogenesis, generat-
ing a pool of dysfunctional mitochondria in accordance
with the pathology of cachexia.

5. Conclusions

As mentioned in this review, cachexia is a pathological
condition that affects skeletal muscle and leads to weakness
and loss of strength and muscle mass. This condition is
secondary to other pathologies that affect other tissues and
is characterized by the participation of secreted soluble
factors that produce an atrophic effect in skeletal muscle.

We know that different mechanisms are involved in the
development of skeletal muscle atrophy, such as UPS overac-
tivation, protein synthesis pathway diminution, autophagy
deregulation, increased myonuclear apoptosis, and oxidative
stress, which are activated depending on the stimuli. In this
review, we have shown that, even though each mechanism
can act independently and play an important role in muscle
weakness, the mechanisms are interconnected. In particular,
we emphasized oxidative stress as an atrophic mechanism
that affects the other mentionedmechanisms.We highlighted
the importance of redox state regulation in muscle cells in
order to maintain homeostasis and the deleterious effects
produced when this balance is lost. In conclusion, although
all these mechanisms can generate harmful effects in muscle
through different pathways, oxidative stress modulates all of
them and can produce a more harmful effect or accelerate
muscle damage. Therefore, reduction or prevention of oxida-
tive imbalance in muscle is of vital importance.
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PGC1-alpha: Peroxisome proliferator-activated receptor

gamma coactivator 1-alpha
PI3K: Phosphoinositide 3-kinase
PINK: PTEN-induced putative kinase
PKA: Protein kinase A
PolDip2: Polymerase (DNA-directed) delta-interacting

protein 2
PTEN: Phosphatase and tensin homolog deleted on

chromosome 10
RNS: Reactive nitrogen species
ROS: Reactive oxygen species
SIRT1: Sirtuin 1
SOD: Superoxide dismutase
Src: Proto-oncogene tyrosine-protein kinase
TFAM: Transcription factor A, mitochondrial
TGF-β: Transforming growth factor type beta
TNF-α: Tumor necrosis factor-alpha
UPS: Ubiquitin proteasome system
UCP: Uncoupling proteins
ULK1: Unc-51 like autophagy activating kinase
XDH: Xanthine dehydrogenase
XO: Xanthine oxidase
XOR: Xanthine oxidoreductase.
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Septic myocardial dysfunction remains prevalent and raises mortality rate in patients with sepsis. During sepsis, tissues undergo
tremendous oxidative stress which contributes critically to organ dysfunction. Edaravone, a potent radical scavenger, has been
proved beneficial in ischemic injuries involving hypoxia-inducible factor- (HIF-) 1, a key regulator of a prominent antioxidative
protein heme oxygenase- (HO-) 1. However, its effect in septic myocardial dysfunction remains unclarified. We hypothesized
that edaravone may prevent septic myocardial dysfunction by inducing the HIF-1/HO-1 pathway. Rats were subjected to cecal
ligation and puncture (CLP) with or without edaravone infusion at three doses (50, 100, or 200mg/kg, resp.) before CLP and
intraperitoneal injection of the HIF-1α antagonist, ME (15mg/kg), after CLP. After CLP, rats had cardiac dysfunction, which
was associated with deformed myocardium, augmented lipid peroxidation, and increased myocardial apoptosis and
inflammation, along with decreased activities of catalase, HIF-1α, and HO-1 in the myocardium. Edaravone pretreatment dose-
dependently reversed the changes, of which high dose most effectively improved cardiac function and survival rate of septic rats.
However, inhibition of HIF-1α by ME demolished the beneficial effects of edaravone at high dose, reducing the survival rate of
the septic rats without treatments. Taken together, edaravone, by inducing the HIF-1α/HO-1 pathway, suppressed oxidative
stress and protected the heart against septic myocardial injury and dysfunction.

1. Introduction

Sepsis, a systemic deleterious inflammatory response to infec-
tion or injury [1], has long been associated with high mortal-
ity rate, which mainly results from multiorgan dysfunction
and failure [2]. Of note, cardiac dysfunction is highly preva-
lent during sepsis, which is a major cause of high mortality
rate in septic patients [3–6]. However, therapy for this lethal
disease is nonspecific and often not effective as current
understanding of its pathophysiology remains elusive [7].

Existing evidence indicates that several mechanisms are
often associated with septic myocardial dysfunction, includ-
ing exaggerated oxidative stress, cardiomyocyte apoptosis,
contractile dysfunction of the heart, and persistent inflamma-
tion [8, 9]. Among these, oxidative stress has been considered
a critical contributor in promoting the progression of sepsis-
induced organ failure, including myocardial dysfunction
[10–12]. Therefore, therapies that can reduce oxidative stress

may effectively attenuate the development and progression of
septic myocardial dysfunction. Edaravone (EDA), a potent
radical scavenger, is clinically employed in stroke patients;
moreover, it has been identified as a potential protective
agent for cardiovascular diseases result from inflammation,
oxidative stress and/or cytokine-induced apoptosis, such as
ischemic or diabetic cardiomyopathy [13, 14]. In sepsis, while
the antioxidative effect of EDA has been documented in brain
[15], pulmonary [16], liver [17], and renal injuries [18], less is
known of its effect in septic cardiac complications.

It has been suggested that EDA exerts cardioprotective
effects in ischemia/reperfusion injury by scavenging reac-
tive oxygen species (ROS), which then reduces cardiac
lipid peroxidation and cardiomyocyte apoptosis [14]. One
of the major pathways regulated by ROS relies on the
hypoxia-inducible transcription factor-1 (HIF-1), which reg-
ulates a myriad of genes that control cellular processes
essential to the cardiovascular system, including metabolism,
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angiogenesis, cell survival, and oxygen delivery [19]. Activa-
tion of HIF-1α, the major functional subunit of HIF-1, has
been found cardioprotective by inducing heme oxygenase
(HO)-1 [20]. Indeed, HIF-1 is a key regulator of HO-1 which
has been identified as one of the most important cardio-
protective proteins in a wide variety of tissues in response
to oxidative stress and inflammation [20, 21]. Of note,
although evidence associating EDA and HIF-1α in cardiac
diseases has not been documented in current literature,
EDA has been found to regulate HIF-1α in neurological stud-
ies related to stroke [15]. Hence, we postulate that EDA may
alleviate septic myocardial dysfunction by regulating the
HIF-1/HO-1 pathway.

2. Materials and Methods

2.1. Animals. Sprague–Dawley rats (280–320 g) were
obtained from the animal center of the Second Xiangya Hos-
pital of Central South University. Rats were housed in indi-
vidual cages with alternating 12-hour light/dark cycles in a
temperature-controlled specific pathogen-free (SPF) envi-
ronmental room, in which rats were acclimated for one week
before experiment. Animals were fasted for 8 hours but had
free access to water before the experiments. All animal care
and experimental protocols complied with the Guidelines of
Central South University for Animal Experimentation and
were approved by the Institutional Animal Care and Use
Committee at Central South University. All experimental
procedures complied with the Guide for the Care and Use
of Laboratory Animals (1996).

2.2. Experimental Protocol. The current experiment was
conducted in two parts. In the first part, rats were allo-
cated to five groups (n = 8 per group): sham (Sham), cecal
ligation and puncture (CLP), and low (CLP+L-EDA),
medium (CLP+M-EDA), or high dose (CLP+H-EDA) of
the edaravone group. Rats were infused slowly with saline
(2mL) or 50 (low), 100 (medium), 200 (high) mg/kg edara-
vone [22] 10 minutes before CLP. In the second part, rats
were allocated to four groups (n = 8 per group): Sham,
CLP, CLP+H-EDA, and CLP+H-EDA+2-methoxyestra-
diol (ME). ME was injected intraperitoneally at 15mg/kg
(Sigma Aldrich, St. Louis, MO, USA) immediately after
CLP in the treatment group. In the sham group, animals have
no CLP but have vehicle treatment.

Cardiac function was evaluated by echocardiography
under inhaled anesthesia with 1–3% isoflurane and 40% oxy-
gen at 18 hours after operation. Briefly, a heparin saline-filled
catheter (500U/mL) was inserted from the right carotid
artery into the left ventricle. Left ventricular systolic pressure
(LVSP), left ventricular end diastolic pressure (LVEDP),
maximal rate of the increase of left ventricular pressure
(+dp/dtmax), and maximal rate of the decrease of left ventric-
ular pressure (−dp/dtmax) were recorded by using a Power-
Lab (4S, Australia) as described previously [23].

2.3. Evaluation for Survival Rate. A cohort of rats (n = 16 per
group) receiving the same protocols as in the part two of the
experiment were used for survival rate evaluation. Rats in
each group had free access to food and water and were kept

under pathogen-free conditions. A video recorder was used
to monitor the animals, and the survival rate was evaluated
for 72 hours.

2.4. Cecal Ligation and Puncture (CLP). CLP was performed
as described previously [23]. Rats under general anesthesia
underwent an abdominal midline incision after disinfection
of the abdomen with 10% povidone iodine. The cecum was
exposed and subjected to ligation just below the ileocecal
valve to maintain bowel continuity. After puncturing twice
with an 18-gauge needle, a small amount of bowel content
was expelled from the punctures by manual application
of sufficient pressure. Then the cecum was returned to the
peritoneal cavity, and the abdominal incision was closed in
2 layers. At the end of surgery, 5mL/kg of 0.9% NaCl was
subcutaneously injected in the back. For the sham-operated
animals serving as controls, the cecum was mobilized but
no ligation or puncture was performed.

2.5. Histopathology Analysis. Rats were sacrificed at 18 hours
after surgery by carbon dioxide inhalation. The left ventricu-
lar myocardial tissues were collected. Tissue sections of the
myocardium were stained with hematoxylin-eosin (H&E)
stain, and histological changes were evaluated by microscopy
at 400x magnification.

2.6. Immunohistochemistry Assay. After deparaffination and
microwave antigen reparation, sections were pretreated with
3% H2O2 for 20 minutes to reduce the endogenous peroxi-
dase activity. Then the sections were ordinally incubated with
the blocking buffer (10% normal goat serum) at room tem-
perature for 1 hour, then with primary antibodies of 4-
hydroxynonenal (HNE) (1/100 dilution; Abcam, Cambridge,
UK) at 4°C overnight, followed with biotinylated secondary
antibody (1 : 200, Santa Cruz Biotechnology, Inc., Santa Cruz,
CA, USA) and avidine-biotinylated peroxidase complex
(Vectostain ABC-Kit, Vector Lab, Burlingame, CA, USA) at
room temperature for 1 hour. Coloration of sections was
processed with diaminobenzidine (DAB, Vector Laborato-
ries, Burlingame, CA, USA) and finished with distilled water.
After counterstaining with hematoxylin for 30 seconds, sec-
tions were dehydrated with graded ethanol, cleared with
dimethylbenzene, and mounted with neutral gums. Figures
were captured with a Ti-S inverted microscope (Nikon,
Japan) and analyzed with Image-Pro Plus software (version
6.0, Media Cybernetics, USA).

2.7. TUNEL for DNA Fragmentation. Terminal deoxynucleo-
tidyl transferase dUTP nick-end labeling (TUNEL) staining
was performed according to the manufacturer’s protocol of
DeadEnd™ Fluorometric TUNEL System kit (Promega,
Madison, WI, USA). Sections were incubated with proteinase
K solution (20μg/mL in PBS) for 10 minutes after deparaffi-
nation. TUNEL labeling was conducted with a mix of a 45μL
equilibration buffer, 5μL nucleotide mix, and 1μL recombi-
nant terminal deoxynucleotidyl transferase (rTdT) enzyme
in a humidified, lucifugal chamber for 1 hour at 37°C.
The slides were protected from direct light from this step to
the end of experiment. Hoechst 33258 (H-33258, Sigma-
Aldrich; 5mg/mL in distilled water, 3 minutes) was used to

2 Oxidative Medicine and Cellular Longevity



stain nuclei and terminate the TUNEL reaction. Antifade
solution was dropped to the area which was mounted by glass
coverslips with clear nail polish sealing the edges. The sam-
ples were immediately analyzed under a fluorescence micro-
scope using a standard fluorescein filter set to view the green
fluorescence of fluorescein at 520 nm and blue Hoechst at
460nm, then stored at 4°C in dark if necessary.

2.8. Thiobarbituric Acid Reactive Substance (TBARS) Assay
for MDA. The MDA concentration was tested by TBARS
Parameter™ Kit for measuring oxidative stress (R&D Sys-
tems, Minneapolis, USA). All of the steps were strictly per-
formed according to the manufacturer’s instruction. In
brief, acid-treated samples and standards were added to the
included 96-well microplate followed by the TBA reagent.
Then the 96-well microplate was incubated at 45°C for 2
hours. The microplate was read at 532 nm, and the intensity
of the color corresponds to the level of lipid peroxidation in
the sample.

2.9. ELISA for Catalase, HO-1, and HIF-1α Activity. The
activity of catalase, HO-1, and HIF-1α was measured in myo-
cardial tissue lysates using colorimetric sandwich ELISA
according to the vendor’s instructions. All ELISA kits were
purchased from LifeSpan BioSciences, Inc., USA.

2.10. Cytokine Measurement by ELISA. Heart tissues were
homogenized and then centrifuged. The levels of IL-1β, IL-
6, and TNF-α in heart homogenates were measured using
ELISA kits according to the manufacturer’s instructions
(LifeSpan BioSciences, Inc., USA). The concentrations of
the cytokines were quantified by referring to standard curves.

2.11. Western Blot. For nuclear purification, nuclear-cytosol
extraction kit (Applygen Technologies, Beijing, China) was
used according to the manufacturer’s instruction. Briefly,
the mixture was added with the cytosol extraction buffer sup-
plemented with protease inhibitor cocktail and incubated on
ice for 10 minutes. The mixture was then centrifuged at 1000
g for 5 minutes and the resulted pellet contained crude
nuclei. The cytosol fraction was extracted by further
centrifuging the supernatant at 12000g for 5 minutes. The
crude nuclear pellet was incubated in the nuclear extraction
buffer on ice for 30 minutes, with vortexing for 10 seconds
every 5 minutes, then centrifuged at 12000g for 5 minutes.
The resulting supernatant contained the nuclear fraction.

Samples were homogenized, and protein concentrations
were determined using the BCA protein assay (Bio-Rad,
Hemel Hempstead, Hertfordshire, UK). Fifty micrograms
of each prepared sample was separated by 8 or 12% sodium
dodecylsulfate polyacrylamide gel electrophoresis, then
transferred to polyvinylidene fluoride membranes (EMD
Millipore Corporation, Billerica, MA, USA), and incubated
with a blocking solution composed of 5% bull serum albumin
(BSA) in Tris-buffered saline with Tween (pH8.0, 10mm
Tris, 150mm NaCl, 0.1% Tween, TBST). Membranes were
incubated overnight (14–16 hours) at 4°C with the corre-
sponding primary antibodies: anti-HIF-α (1 : 2000), anti-
Lamin B2 (1 : 1000), anti-HO-1 (1 : 2000), and anti-GAPDH
(1 : 1000). All antibodies were purchased from Cell Signaling

Technology, Beverly, MA, USA. After being washed with
TBST, samples were incubated with the corresponding sec-
ondary antibodies for 1 hour at room temperature. Immuno-
reactive proteins were visualized using the ECL Western
blotting system (Pierce Biotechnology, Rockford, IL, USA)
and scanned by an Image Master II scanner (GE Healthcare,
Milwaukee, WI, USA). All the images were analyzed
using ImageQuant™ TL software v2003.03 (GE Healthcare,
Milwaukee, WI, USA).

2.12. Statistical Analysis. Data were presented as mean±
standard deviation (SD) and processed by GraphPad
Prism 6.0 software. One-way analysis variance (ANOVA)
followed by post hoc analysis (Tukey test) was used for
comparison between groups after confirmation of homosce-
dasticity. P value less than 0.05 (P < 0 05) was considered
statistically significant.

3. Results

3.1. EDA Prevents Sepsis-Induced Myocardial Injury and
Cardiac Dysfunction. To assess whether EDA prevents
sepsis-induced cardiac injury, EDA was infused at low,
medium, or high doses (50, 100, or 200mg/kg, resp.) 10
minutes prior to CLP surgery. As demonstrated in the H&E
staining of the myocardium (Figure 1(a)), the normal archi-
tecture of the myocardium as shown in the sham group
was deformed after CLP. Pretreatment with high dose of
EDA effectively preserved the normal conformation of the
myocardium, while low and medium doses of EDA did not.
Functional-wise, CLP-induced sepsis severely compromised
cardiac function, evidenced by reduced LVSP, dP/dtmax,
−dP/dtmax (Figures 1(b), 1(d), and 1(e)), and increased
LVEDP (Figure 1(c)) (CLP versus Sham, P < 0 05). Adminis-
tration of all three doses of EDA improved cardiac function
with effectiveness ascending from low to high doses of
EDA. EDA at high dosage was found to be the most effective
among the tested dosages in prevention of cardiac dysfunc-
tion induced by CLP.

3.2. EDA Reduces Myocardial Oxidative Stress in Septic Rats.
Sepsis damages myocardium integrity which is associated
with upsurge of oxidative stress [24]. After CLP, increased
lipid peroxidation was found in the heart as demonstrated
in the 4-HNE staining of the myocardium in Figure 2(a),
which was accompanied by a significantly increased MDA
level (Figure 2(b)) and decreased catalase, HIF-1α, and HO-
1 activities (Figures 2(c)–2(e)) (CLP versus Sham, P < 0 05).
Pretreatment of EDA minimized these changes in a dose-
dependent manner that EDA at high dosage most effectively
reduced lipid peroxidation and the MDA level and enhanced
activities of catalase, HIF-1α, and HO-1 (CLP+H-EDA
versus CLP, P < 0 05).

3.3. Inhibition of HIF-1α Represses the Antioxidative Effect of
EDA in Septic Rats. EDA has been suggested to modify HIF-
1α binding activity in astrocyte [25]; however, whether EDA
acts via HIF-1α in cardiac injury remains unknown. In CLP-
induced sepsis, we observed a significant decrease in protein
expressions of HIF-1α in the nucleus along with HO-1 in the
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heart (CLP versus Sham, P < 0 05) (Figures 3(a)–3(c)). Pre-
treatment with H-EDA not only prevented the suppression
of HIF-1α and HO-1 but also enhanced their expressions,
which reduced the anatomical distortion (H&E stain) and
lipid peroxidation (4-HNE stain) in the myocardium after
CLP (Figures 3(d) and 3(e)). However, the administration
of the HIF-1α inhibitor, ME, abolished these effects of H-
EDA in the myocardium (H-EDA+ME versus H-EDA, P
< 0 05). Deteriorated architecture of the myocardium and
increased lipid peroxidation were observed following the
inhibition of HIF-1α. Further, besides HO-1, catalase activity

and MDA concentration in the heart were significantly lower
in the CLP+H-EDA+ME group compared to the CLP+H-
EDA group (H-EDA+ME versus H-EDA, P < 0 05), sug-
gesting that the antioxidative effect of EDA was reversed by
the HIF-1α inhibitor (Figures 3(f) and 3(g)). The presented
data implicates that HIF-1α inhibition can reverse the cardi-
oprotective effect of EDA even at high dosage.

3.4. Inhibition of HIF-1α Diminishes the Antiapoptotic Effect
of EDA and Aggravated Cardiac Dysfunction in Septic Rats.
Cardiomyocyte apoptosis has been closely linked to sepsis-

Sham CLP CLP + L‐EDA

CLP + M‐EDA CLP + H‐EDA

(a)

150

#

LV
SP

(m
m

H
g)

50

0

Sham
CLP
CLP + L-EDA

CLP + M-EDA
CLP + H-EDA

⁎ ⁎

⁎
#
⁎

100

(b)

Sham
CLP
CLP + L-EDA

CLP + M-EDA
CLP + H-EDA

30

LV
ED

P
(m

m
H

g)

10

0

20

⁎

#
⁎

#
⁎

#
⁎

(c)

Sham
CLP
CLP + L-EDA

CLP + M-EDA
CLP + H-EDA

+d
p/

dt
(m

m
H

g/
s)

10000

8000

6000

4000

2000

0

⁎
⁎ #

⁎ #
⁎

(d)

Sham
CLP
CLP + L-EDA

CLP + M-EDA
CLP + H-EDA

−d
p/

dt
(m

m
H

g/
s)

0

−1000

−2000

−3000

−4000

−5000

⁎
⁎

⁎
⁎# # #

(e)

Figure 1: H&E staining of the myocardium and indices of cardiac function in septic rats. Edaravone (EDA) at low (L), medium (M), or high
(H) dose was injected intravenously 10 minutes before CLP, respectively. Myocardium architecture was visualized by (a) H&E staining.
Cardiac function was demonstrated in terms of (b) left ventricular systolic pressure (LVSP), (c) left ventricular end diastolic pressure
(LVEDP), (d) maximal slope of left ventricular systolic pressure increment (+dP/dtmax), and (e) maximal slope of left ventricular diastolic
pressure decrement (−dP/dtmax).

∗P < 0 05 versus Sham. #P < 0 05 versus CLP. Data are presented as mean ± SEM. n = 8 per group.
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induced myocardial injury, as well as deleterious inflamma-
tory response in the heart, which leads to heart failure [26].
As demonstrated in the TUNEL assay in the myocardium
(Figure 4(a)), TUNEL-positive cells were stained brown
(labeled by arrows) as we observed significantly more
apoptotic cells in the CLP group compared to the sham group
(CLP versus Sham, P < 0 05) (Figure 4(b)). Pretreatment
of EDA at high dosage markedly reduced the number
of apoptotic cardiomyocytes (CLP+H-EDA versus CLP,
P < 0 05). However, the administration of ME to EDA-
pretreated septic rats diminished the antiapoptotic effect of

EDA as the number of apoptotic cardiomyocytes was signif-
icantly higher in the CLP+H-EDA+ME group than in the
CLP+H-EDA group (CLP+H-EDA versus CLP+H-EDA
+ME, P < 0 05). Additional measurement of the inflamma-
tory markers, IL-6, TNF-α, and IL-1β, in the myocardium
revealed upsurge of their expressions after CLP (CLP versus
Sham, P < 0 05) (Figures 4(c)–4(e)). While H-EDA pretreat-
ment significantly reduced the inflammatory markers (CLP
+H-EDA versus CLP, P < 0 05), injection of the HIF-1α
inhibitor reversed the anti-inflammatory effect of H-EDA
(CLP+H-EDA versus CLP+H-EDA+ME, P < 0 05).
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Figure 2: 4-HNE staining of the myocardium and the cardiac level of oxidative stress markers in septic rats. Edaravone (EDA) at low (L),
medium (M), or high (H) dose was injected intravenously 10 minutes before CLP, respectively. Lipid peroxidation level in the
myocardium was visualized by (a) 4-HNE staining. Cardiac oxidative stress was indicated by levels of (b) MDA concentration, (c) catalase
activity, (d) HO-1 activity, and (e) HIF-1α activity in the myocardium. ∗P < 0 05 versus Sham. #P < 0 05 versus CLP. Data are presented
as mean ± SEM. n = 8 per group.
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Figure 3: Effect of the HIF-1α antagonist on oxidative stress in edaravone-pretreated septic rats. Edaravone (EDA) at high (H) dose was
injected intravenously 10 minutes before CLP, while the HIF-1α antagonist, ME, was injected intraperitoneally after CLP. Protein
expressions of (a–c) HIF-1α and HO-1 were assessed in the myocardium. Myocardium architecture and lipid peroxidation level were
visualized by (d) H&E staining (×400) and (e) 4-HNE staining (×200), respectively. Levels of (f) MDA concentration and (g) catalase
activity were also evaluated in the myocardium. ∗P < 0 05 versus Sham. &P < 0 05 versus CLP. #P < 0 05 versus CLP+H-EDA.
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Figure 4: Effect of the HIF-1α antagonist on cardiomyocyte apoptosis and cardiac function in edaravone-pretreated septic rats. Edaravone
(EDA) at high (H) dose was injected intravenously 10 minutes before CLP, while the HIF-1α antagonist, ME, was injected
intraperitoneally after CLP. Cardiomyocyte apoptosis was assessed by terminal deoxynucleotidyl transferase dUTP nick-end labeling
(TUNEL). (a and b) TUNEL-positive cells were stained brown and counted. Black arrows means TUNEL positive cell. Cytokines IL-6 (c),
TNF-α (d), and IL-1β (e) were detected by an ELISA method. ∗P < 0 05 versus Sham. &P < 0 05 versus CLP. #P < 0 05 versus CLP+H-
EDA. Cardiac function was demonstrated in terms of (f) left ventricular systolic pressure (LVSP), (g) left ventricular end diastolic pressure
(LVEDP), (h) maximal slope of left ventricular systolic pressure increment (+dP/dtmax), and (i) maximal slope of left ventricular diastolic
pressure decrement (−dP/dtmax).

#P < 0 05 versus CLP+H-EDA. Data are presented as mean ± SEM. n = 8 per group.
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EDA-improved cardiac function was also demoted by the
HIF-1α inhibitor. As demonstrated in Figures 4(g)–4(i), the
inhibition of HIF-1α by ME in H-EDA-pretreated septic rats
significantly reduced LVSP, +dp/dt, and−dp/dt and increased
LVEDP with respect to the high-dose EDA-treated group
(CLP+H-EDA+ME versus CLP+H-EDA, P < 0 05).

3.5. HIF-1α Inhibition Abolished the Survival-Promoting
Effect of EDA in Septic Rats. Performance of cardiac function
is a key predictor of survival in sepsis [27]. As we have found
that EDA provided cardioprotection in septic rats, here we
determined whether EDA pretreatment can improve the
survival rate of septic rats after CLP. As shown in Figure 5,
survival rate of rats dropped to 20% at 72 hours after CLP.
Pretreatment of EDA significantly increased survival rate to
nearly 50% (CLP+H-EDA versus CLP, P < 0 05), whereas
the administration of the HIF-1α antagonist reversed the sur-
vival rate to as low as in the CLP group (CLP+H-EDA+ME
versus CLP+H-EDA, P < 0 05).

4. Discussion

In this study, we have shown that EDA can alleviate sep-
tic myocardial dysfunction by reducing cardiac oxidative
stress through the HIF-1α/HO-1 pathway. In the present
CLP model of sepsis in the rat, we observed lethal damage
in animal’s myocardial morphology and function, manifested
by destructed architecture of the myocardium, cardiomyo-
cyte apoptosis, reduced LVSP, dP/dtmax, and −dP/dtmax,
and increased LVEDP. These alterations paralleled alter-
ations in oxidative stress that we found significantly aug-
mented lipid peroxidation along with decreased activities
of catalase, HIF-1α, and HO-1 in the heart. Intravenous
injection of EDA before CLP reversed the alterations in a

dose-dependent manner. Moreover, the beneficial effects of
EDA, even at high dose, can be demolished by the HIF-1α
inhibitor, ME. In particular, the inhibition of HIF-1α
reverted the high-dose EDA-induced protein expressions of
HIF-1α and HO-1 and the EDA-reduced cardiomyocyte
apoptosis. Our findings suggest that EDA, by inducing the
HIF-1α/HO-1 pathway in advance of sepsis, can reduce car-
diac oxidative stress and prevent septic cardiac dysfunction,
which eventually improves animal survival.

Sepsis is a systemic deleterious inflammatory response to
infection or injury, in which lung dysfunction is the primary
detrimental effect, while dysfunction of other organs such as
the heart and kidneys is secondary to lung dysfunction, and
also in other situations, cardiac dysfunctions (e.g., heart
failure, arrhythmia, and myocardial ischemia) often happen
secondary to an abrupt worsening of renal function [28] or
lung function [7]. In these regards, exploration of effective
means protecting the heart against cardiac dysfunction that
can be applied before or after septic cardiac dysfunction is
also an important topic and worth of investigation. The cur-
rent study was aimed at testing the effect of edaravone for
pretreatment before septic myocardial dysfunction, which
may be more of worth in preventing septic myocardial dys-
function. And our results were consistent with those of the
studies of Chen et al. [29] and Chen et al. [30], which showed
that trimetazidine and baicalein pretreatment protected the
heart from septic myocardial dysfunction.

Our observations extend beyond the current literature on
EDA, which has mainly documented its pleiotropic thera-
peutic effect in ischemia/reperfusion injury in various organs
by scavenging ROS [14], among which, a few studies on brain
ischemia/reperfusion injury have related EDA to HIF-1α sig-
naling, which suggests that EDA posttreatment represses
HIF-1α in the neuron [15, 31]. Here, for the first time, we
demonstrated that EDA pretreatment induces HIF-1α in the
myocardium and prevents myocardial dysfunction during
sepsis. The discrepancy between our finding and the literature
may due to differences in cell type and cellular microenviron-
ment, which are thought to be crucial in the regulation of HIF-
1α by ROS [32]. During oxidative stress, cellular treatment
with ROS scavengers significantly inhibits HIF-1α protein
expression and activity in a range of cell types, including myo-
cardial cells [33]. On the other hand, during normoxia, the
application of antioxidant either has no effect on HIF-1α or
increases HIF-1α expression and activity [34, 35]. Therefore,
because previous studies administered EDA to animals after
ischemia/reperfusion injury when the microenvironments
were under tremendous oxidative stress, HIF-1αwas repressed
as ROS was by EDA [15, 31].

In contrast, our study treated animals with EDA before
CLP injury when the cardiomyocyte was under normoxic
condition, thus HIF-1α was induced by EDA. As a matter
of fact, earlier studies on the regulation of HIF-1 in response
to cellular redox states showed that hydroxyl radicals mediate
the inhibition of HIF-1α activity and possibly the degradation
of HIF-1α, suggesting that HIF-1 DNA binding requires
reducing conditions [35]. Since EDA has been reported to
exert antioxidative effects by quenching hydroxyl radicals
and hydroxyl radical-dependent lipid peroxidation [14], it is
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possible that, in our study, EDA pretreatment induced HIF-
1α by scavenging hydroxyl radicals, which also explains the
reduced lipid peroxidation in the myocardium of animals
treated with EDA.

Indeed, the induction of HIF-1α has been found to be car-
dioprotective as HIF-1α is a key regulator of HO-1, one of the
most important cardioprotective proteins in a panoply of tis-
sues and conditions [20, 36]. HO-1 catalyzes heme oxidation
and gives rise to CO, bilirubin, and ferritin, all of which con-
tributes to cellular mechanisms against oxidative damage and
death [21] that involve upregulation of catalase [37]. The pre-
vious study demonstrated that cardiac-specific overexpres-
sion of HO-1 alleviates myocardial ischemia-reperfusion
injury [38]. Further, cardiac preconditioning with the HIF-1
activator attenuates postischemic myocardial injury [20].
Therefore, HO-1 is thought to provide both immediate and
delayed protections against ischemia-reperfusion injury
[36]. In our study, EDA pretreatment dose-dependently
induced HIF-1α, HO-1, and catalase activities, which was
associated with reduced lipid peroxidation, cardiomyocyte
apoptosis, and MDA level in the myocardium together with
improved cardiac function at 18 hours after CLP. The delayed
protective effect is even prominent in the survival study
where we observed about 30% higher survival rate with
EDA pretreatment than that without treatment at 72 hours
after CLP. These beneficial effects of EDA were attenuated
by the HIF-1α inhibitor, suggesting that EDA preconditions
the heart against septic cardiac dysfunction via upregulation
of HIF-1α which in turn boosts HO-1 expression and exerts
cardioprotective effects.

Of note, the mechanisms of the effect of edaravone have
been reported to be mediated by enhancement of nitric oxide
(NO) [39, 40], which may in turn result in a protective effect
in injured cardiac tissues. On the other hand, under normal
oxygen tension, the master transcriptional factor HIF-1 activ-
ity is usually suppressed due to the rapid, oxygen-dependent
degradation of one of its two subunits, HIF-1α. Normoxic
HIF-1 activity can be upregulated through NO-mediated S-
nitrosylation and stabilization of HIF-1α. So, the EDA may
increase NO generation to activate the HIF-1α/HO-1 path-
way which takes part in the septic cardioprotective progress.
And the in vitro study will be performed in the future study
to verify our hypothesis. On the other hand, clinically, edara-
vone as an approved treatment for acute ischemic stroke
(AIS) in Japan is recommended by the American Heart Asso-
ciation in the guidelines for the early management of AIS
patients [41]. In sepsis, while the preventive/protective effect
of edaravone has been demonstrated in the lung, liver, and
kidney [16, 17, 42], we sought for its efficacy on cardiac com-
plication, which is a leading cause of death in septic patients.
We believe our study has strengthened the support of early
application of edaravone in sepsis to reduce the occurrence
of cardiac dysfunction. It is of notice that intravenous infu-
sion of edaravone in patients with septic peritonitis for 2
weeks starting from their admission to intensive care unit
has been shown to improve inflammatory and oxidative
states with better patient outcomes [43]. Thus, it is possible
that posttreatment with edaravone is clinically cardioprotec-
tive but needs further investigations.

In summary, we have demonstrated for the first time
that pretreatment with EDA induces preconditioning-like
protection effect in the heart against septic myocardial injury
and dysfunction. By inducing the HIF-1α/HO-1 pathway,
EDA primed the heart with an active cellular antioxidative
mechanism which involves an increased catalase activity
and a decreased MDA level in the myocardium. Given that
EDA has been used clinically to treat ischemic stroke, the
advancing knowledge we have provided here on the cardiac
preconditioning effect of EDA via HIF-1α/HO-1 activation
in sepsis may support a novel use of EDA as a treatment
for septic patients.

Conflicts of Interest

The authors declare that they have no conflict of interest.

Authors’ Contributions

Feng Xiao and Chao He designed the experiments, Chao He
and Wei Zhang performed the experiments and analyzed the
data, Suobei Li and Wei Ruan interpreted the results of the
experiments, Wei Ruan and Feng Xiao drafted the manu-
script, Junmei Xu edited and revised the manuscript, and
Feng Xiao approved the final manuscript.

Acknowledgments

This work was supported by grants from National Natural
Science Foundation of China (no. 81600251) and Hunan
Provincial Natural Science Foundation of China (nos.
2017JJ3438 and 2017JJ3448).

References

[1] D. Annane, E. Bellissant, and J. M. Cavaillon, “Septic shock,”
The Lancet, vol. 365, no. 9453, pp. 63–78, 2005.

[2] R. C. Bone, R. A. Balk, F. B. Cerra et al., “Definitions for sepsis
and organ failure and guidelines for the use of innovative ther-
apies in sepsis. The ACCP/SCCM Consensus Conference
Committee. American College of Chest Physicians/Society of
Critical Care Medicine,” Chest, vol. 101, no. 6, pp. 1644–
1655, 1992.

[3] D. C. Angus and T. van der Poll, “Severe sepsis and septic
shock,” The New England Journal of Medicine, vol. 369,
no. 9, pp. 840–851, 2013.

[4] E. Christaki and S. M. Opal, “Is the mortality rate for septic
shock really decreasing?,” Current Opinion in Critical Care,
vol. 14, no. 5, pp. 580–586, 2008.

[5] D. B. Hoover, T. R. Ozment, R. Wondergem, C. Li, and D. L.
Williams, “Impaired heart rate regulation and depression of
cardiac chronotropic and dromotropic function in polymicro-
bial sepsis,” Shock, vol. 43, no. 2, pp. 185–191, 2015.

[6] R. Thangamalai, K. Kandasamy, S. V. Sukumarn et al.,
“Atorvastatin prevents sepsis-induced downregulation of
myocardial β1-adrenoceptors and decreased cAMP response
in mice,” Shock, vol. 41, no. 5, pp. 406–412, 2014.

[7] X. Lv and H. Wang, “Pathophysiology of sepsis-induced
myocardial dysfunction,” Military Medical Research, vol. 3,
no. 1, p. 30, 2016.

9Oxidative Medicine and Cellular Longevity



[8] A. Rudiger and M. Singer, “Mechanisms of sepsis-induced
cardiac dysfunction,” Critical Care Medicine, vol. 35, no. 6,
pp. 1599–1608, 2007.

[9] T. Furian, C. Aguiar, K. Prado et al., “Ventricular dysfunction
and dilation in severe sepsis and septic shock: relation to endo-
thelial function andmortality,” Journal of Critical Care, vol. 27,
no. 3, pp. 319.e9–319.e15, 2012.

[10] J. P. Sánchez-Villamil, V. D’Annunzio, P. Finocchietto et al.,
“Cardiac-specific overexpression of thioredoxin 1 attenuates
mitochondrial and myocardial dysfunction in septic mice,”
The International Journal of Biochemistry & Cell Biology,
vol. 81, Part B, pp. 323–334, 2016.

[11] C. Ritter, M. Andrades, M. L. C. Frota Junior et al., “Oxidative
parameters and mortality in sepsis induced by cecal ligation
and perforation,” Intensive Care Medicine, vol. 29, no. 10,
pp. 1782–1789, 2003.

[12] D. S. Wheeler, “Oxidative stress in critically ill children with
sepsis,” The Open Inflammation Journal, vol. 4, no. 1,
pp. 74–81, 2011.

[13] L. Ji, Y. Liu, Y. Zhang et al., “The antioxidant edaravone pre-
vents cardiac dysfunction by suppressing oxidative stress in
type 1 diabetic rats and in high-glucose-induced injured
H9c2 cardiomyoblasts,” Canadian Journal of Physiology and
Pharmacology, vol. 94, no. 9, pp. 996–1006, 2016.

[14] K. Kikuchi, S. Tancharoen, N. Takeshige et al., “The efficacy of
edaravone (radicut), a free radical scavenger, for cardiovascu-
lar disease,” International Journal of Molecular Sciences,
vol. 14, no. 12, pp. 13909–13930, 2013.

[15] P. Zhang,W. Li, L. Li et al., “Treatment with edaravone attenu-
ates ischemic brain injury and inhibits neurogenesis in the sub-
ventricular zone of adult rats after focal cerebral ischemia and
reperfusion injury,” Neuroscience, vol. 201, pp. 297–306, 2012.

[16] S. Yamaguchi, M. H. Hussein, G. A.-H. Daoud et al., “Edara-
vone, a hydroxyl radical scavenger, ameliorates the severity
of pulmonary hypertension in a porcine model of neonatal
sepsis,” The Tohoku Journal of Experimental Medicine,
vol. 223, no. 4, pp. 235–241, 2011.

[17] H. Kono, M. Asakawa, H. Fujii et al., “Edaravone, a novel free
radical scavenger, prevents liver injury and mortality in rats
administered endotoxin,” The Journal of Pharmacology and
Experimental Therapeutics, vol. 307, no. 1, pp. 74–82, 2003.

[18] L. Liu, Y. Song, M. Zhao, Z. Yi, and Q. Zeng, “Protective effects
of edaravone, a free radical scavenger, on lipopolysaccharide-
induced acute kidney injury in a rat model of sepsis,” Interna-
tional Urology and Nephrology, vol. 47, no. 10, pp. 1745–1752,
2015.

[19] R. V. Shohet and J. A. Garcia, “Keeping the engine primed:
HIF factors as key regulators of cardiac metabolism and angio-
genesis during ischemia,” Journal of Molecular Medicine,
vol. 85, no. 12, pp. 1309–1315, 2007.

[20] R. Ockaili, R. Natarajan, F. Salloum et al., “HIF-1 activation
attenuates postischemic myocardial injury: role for heme
oxygenase-1 in modulating microvascular chemokine genera-
tion,” American Journal of Physiology-Heart and Circulatory
Physiology, vol. 289, no. 2, pp. H542–H548, 2005.

[21] L. E. Otterbein and A. M. K. Choi, “Heme oxygenase: colors
of defense against cellular stress,” American Journal of
Physiology-Lung Cellular and Molecular Physiology, vol. 279,
no. 6, pp. L1029–L1037, 2000.

[22] N. Nakajima, S. Watanabe, T. Kiyoi, A. Tanaka, K. Suemaru,
and H. Araki, “Evaluation of edaravone against radiation-

induced oral mucositis in mice,” Journal of Pharmacological
Sciences, vol. 127, no. 3, pp. 339–343, 2015.

[23] S. Peng, J. Xu, W. Ruan, S. Li, and F. Xiao, “PPAR-γ activation
prevents septic cardiac dysfunction via inhibition of apoptosis
and necroptosis,” Oxidative Medicine and Cellular Longevity,
vol. 2017, Article ID 8326749, 11 pages, 2017.

[24] J. D. Hunter and M. Doddi, “Sepsis and the heart,” British
Journal of Anaesthesia, vol. 104, no. 1, pp. 3–11, 2010.

[25] A. Ishikawa, H. Yoshida, N. Metoki et al., “Edaravone inhibits
the expression of vascular endothelial growth factor in human
astrocytes exposed to hypoxia,” Neuroscience Research, vol. 59,
no. 4, pp. 406–412, 2007.

[26] R. S. Hotchkiss and D. W. Nicholson, “Apoptosis and caspases
regulate death and inflammation in sepsis,” Nature Reviews
Immunology, vol. 6, no. 11, pp. 813–822, 2006.

[27] B. A. Potz, F. W. Sellke, and M. Ruhul Abid, “Endothelial ROS
and impaired myocardial oxygen consumption in sepsis-
induced cardiac dysfunction,” Journal of Intensive and Critical
Care, vol. 02, no. 01, 2016.

[28] C. Chelazzi, G. Villa, and A. R. De Gaudio, “Cardiorenal syn-
dromes and sepsis,” International Journal of Nephrology,
vol. 2011, Article ID 652967, 8 pages, 2011.

[29] J. Chen, J. Lai, L. Yang et al., “Trimetazidine prevents
macrophage-mediated septic myocardial dysfunction via
activation of the histone deacetylase sirtuin 1,” British
Journal of Pharmacology, vol. 173, no. 3, pp. 545–561,
2016.

[30] H.M. Chen, S. F. Liou, J. H. Hsu et al., “Baicalein inhibits HMGB1
release and MMP-2/-9 expression in lipopolysaccharide-
induced cardiac hypertrophy,” The American Journal of
Chinese Medicine, vol. 42, no. 4, pp. 785–797, 2014.

[31] S. Lei, P. Zhang, W. Li et al., “Pre- and posttreatment with
edaravone protects CA1 hippocampus and enhances neuro-
genesis in the subgranular zone of dentate gyrus after transient
global cerebral ischemia in rats,” ASN Neuro, vol. 6, no. 6,
article 175909141455841, 2014.

[32] S. Bonello, C. Zahringer, R. S. BelAiba et al., “Reactive oxygen
species activate the HIF-1α promoter via a functional NFκB
site,” Arteriosclerosis, Thrombosis, and Vascular Biology,
vol. 27, no. 4, pp. 755–761, 2007.

[33] J. Pouyssegur and F. Mechta-Grigoriou, “Redox regulation of
the hypoxia-inducible factor,” Biological Chemistry, vol. 387,
no. 10-11, pp. 1337–1346, 2006.

[34] A. Sanjuan-Pla, A. M. Cervera, N. Apostolova et al., “A tar-
geted antioxidant reveals the importance of mitochondrial
reactive oxygen species in the hypoxic signaling of HIF-1α,”
FEBS Letters, vol. 579, no. 12, pp. 2669–2674, 2005.

[35] A. Gorlach and T. Kietzmann, “Superoxide and derived reac-
tive oxygen species in the regulation of hypoxia-inducible
factors,” Methods in Enzymology, vol. 435, pp. 421–446, 2007.

[36] B. Dawn and R. Bolli, “HO-1 induction by HIF-1: a newmech-
anism for delayed cardioprotection?,” American Journal of
Physiology-Heart and Circulatory Physiology, vol. 289, no. 2,
pp. H522–H524, 2005.

[37] S. Turkseven, A. Kruger, C. J. Mingone et al., “Antioxidant
mechanism of heme oxygenase-1 involves an increase in
superoxide dismutase and catalase in experimental diabetes,”
American Journal of Physiology-Heart and Circulatory Physiol-
ogy, vol. 289, no. 2, pp. H701–H707, 2005.

[38] S. F. Yet, R. Tian, M. D. Layne et al., “Cardiac-specific expres-
sion of heme oxygenase-1 protects against ischemia and

10 Oxidative Medicine and Cellular Longevity



reperfusion injury in transgenic mice,” Circulation Research,
vol. 89, no. 2, pp. 168–173, 2001.

[39] F. Li, P. Sonveaux, Z. N. Rabbani et al., “Regulation of HIF-1α
stability through S-nitrosylation,”Molecular Cell, vol. 26, no. 1,
pp. 63–74, 2007.

[40] E. Pathak and P. R. Mayeux, “In vitromodel of sepsis-induced
renal epithelial reactive nitrogen species generation,” Toxico-
logical Sciences, vol. 115, no. 2, pp. 475–481, 2010.

[41] K. Kikuchi, S. Tancharoen, T. Ito et al., “Potential of the angio-
tensin receptor blockers (ARBs) telmisartan, irbesartan, and
candesartan for inhibiting the HMGB1/RAGE axis in preven-
tion and acute treatment of stroke,” International Journal of
Molecular Sciences, vol. 14, no. 12, pp. 18899–18924, 2013.

[42] S. Liu, T. Yang, R. Na et al., “The impact of female gender on
bladder cancer-specific death risk after radical cystectomy: a
meta-analysis of 27,912 patients,” International Urology and
Nephrology, vol. 47, no. 6, pp. 951–958, 2015.

[43] G. F. Elbaradey, N. S. Elshmaa, and H. Hodeib, “Role of edar-
avone in management of septic peritonitis,” Journal of Anaes-
thesiology Clinical Pharmacology, vol. 32, no. 4, pp. 465–469,
2016.

11Oxidative Medicine and Cellular Longevity


