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Over the last few decades, our understanding of the roles of
glial cells in the central nervous systemhas been transformed.
There is now a clear consensus that all classes of glia
(astrocytes, oligodendrocytes, microglia, and various other
progenitors and specialized cells) can detect and respond
to a wide range of neurotransmitters, hormones, cytokines,
and trophic factors and thereby play an active, signaling
role in neurophysiology. To date, much of the focus of glial
signaling has been on how glia can influence the function of
the neuronal network with the associated impact on infor-
mation processing and, ultimately, behavior. In particular,
the contribution of bidirectional communication between
neurons and glia to the regulation of synaptic plasticity has
been extensively studied.

The papers collected in this special issue focus on a
related, but distinct, question: can glia themselves exhibit
activity-dependent plasticity? The reviews and experimental
papers present the evidence that glia do indeed have the
capacity to respond dynamically to a wide range of stimuli
with persistent changes in signal transduction, morphology,
and homeostasis.

In “Plasticity of Neuron-Glial Transmission: Equipping
Glia for Long-Term Integration of Network Activity,” W.
Croft et al. review the current evidence for plasticity in
neuron-glial communication and speculate on the implica-
tion of differences in induction paradigms from synaptic
plasticity for the computational properties of glial signaling.

In “Glutamatergic Transmission: A Matter of Three,”
Z.Mart́ınez-Lozada andA.Ortega focus on the consequences
of glutamate receptor activation for astroglial physiology.

By identifying the downstream targets engaged by gluta-
matergic signalling, the authors show how neurons can
shape transcriptional and translational regulation in glia to
tailor transmitter clearance and recycling to meet synaptic
demands.

Remaining with regulation of intracellular signaling in
astrocytes, N. Komin et al. present an analysis of the impact
of variation in uptake of calcium into endoplasmic reticulum
stores on cytoplasmic calcium oscillations in “Multiscale
Modeling Indicates That Temperature Dependent [Ca2+]i
Spiking in Astrocytes Is Quantitatively Consistent with
Modulated SERCA Activity.” The results of the modelling
study illustrate the striking sensitivity of intracellular calcium
dynamics to changes in SERCA activity with implications
both for interpretation of experimental results at nonphys-
iological temperatures and for prediction of calcium signal
kinetics in vivo.

In “Fractalkine Signaling and Microglia Functions in
the Developing Brain,” I. Arnoux and E. Audinat review
the effects of fractalkine receptor activation on microglial
function. The review discusses the control of microglial
recruitment to sites of developing synapses, where the glia
contribute to synapse elimination but also support neuronal
survival, axon outgrowth, and laminar positioning. Break-
down of this mechanism for bidirectional communication is
also shown to be implicated in neurodevelopmental disor-
ders.

A focus on the plasticity of well-known “housekeeping”
roles of astrocyte potassium and glutamate uptake is the sub-
ject of “Activity-Dependent Plasticity of Astroglial Potassium
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and Glutamate Clearance.” Here, G. Cheung et al. review the
evidence for and the characteristics of short and long term
changes in uptake and clearance and their relationship with
neuronal synaptic plasticity.

Although there is ample evidence for the role of astro-
cytes in regulating synaptic function, studies of the role
of astrocytes in behavior and learning in particular are
scant. In the manuscript “Motor-Skill Learning Is Dependent
on Astrocytic Activity,” R. Padmashri et al. use genetic
(IP
3
R2 mutant mouse) and pharmacological approaches to

demonstrate that motor-skill learning is impaired in mice
with attenuated astrocytic activity. Moreover, they show that
astrocytic activity is necessary for normal LTP in the primary
motor cortex and that administration of the gliotransmitter
D-serine partially rescues LTP in slices with reduced Ca2+
signaling and reverses the learning impairment in the motor-
skill learning task.These results provide evidence that normal
astrocytic Ca2+ signaling during a reaching task is necessary
for motor-skill learning.

Prenatal exposure of the developing brain to various
types of environmental stress increases susceptibility to
neuropsychiatric disorders. While effects of antenatal expo-
sure to corticosteroids on neuronal development have been
previously described, the impact on astrocytes has not been
studied extensively. In the manuscript “Astroglial Plasticity
Is Implicated in Hippocampal Remodelling in Adult Rats
Exposed to Antenatal Dexamethasone,” V. H. Shende et
al. demonstrate long lasting effects of dexamethasone on
hippocampal astrocytes in offspring whose mothers were
exposed during pregnancy. Interestingly, the deficits were in
astrocytic branch development rather than number of cells
indicating a role in astrocytic morphological plasticity.

H. R. Parri et al. review the roles of astrocytes in the
barrel cortex in “Astrocyte and Neuronal Plasticity in the
Somatosensory System.” Here the physiological roles of two
major forms of neuronal plasticity (termed homeostatic
and coding plasticity) are well understood, but the recent
discovery of several forms of astroglial plasticity suggests that
these cells also have the capacity to play a computational role
in experience-dependent plasticity.

Collectively, these studies demonstrate that glial cells
express a wide range of plasticity, which could impact on
many aspects of neurophysiology. Clearly, the computational
potential of these cells deserves further scrutiny.

Tomas C. Bellamy
Anna Dunaevsky
H. Rheinallt Parri
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Microglial cells are the resident macrophages of the central nervous system (CNS). Besides their classical roles in pathological
conditions, these immune cells also dynamically interact with neurons and influence their structure and function in physiological
conditions.The neuronal chemokine fractalkine and its microglial receptor CX3CR1 are one important signaling pathway involved
in these reciprocal interactions. In the present review, we will discuss recent evidence indicating that fractalkine signaling also
determines several functions of microglial cells during normal CNS development. It has been known for a decade that microglial
cells influence the neuronal death that normally occurs during CNS development. Surprisingly, recent evidence indicates that they
can also support survival of developing neurons, control axon outgrowth, and laminar positioning of subsets of interneurons in
the forebrain. Moreover, microglial cells influence the maturation of synaptic circuits at early postnatal stages: their phagocytic
activity allows them to eliminate inappropriate synapses and they can also influence the functional expression of synaptic
proteins by releasing mediators. Fractalkine signaling controls these functions of microglial cells in part by regulating their timely
recruitment at sites of developing synapses. Finally, on-going research suggests that this signaling pathway is also a key player in
neurodevelopmental disorders.

1. Introduction

For a long time, microglial cells have been only studied for
their roles in pathological conditions but the development of
new genetic and functional analysis tools has started to reveal
new functions of these resident immune cells of the central
nervous system (CNS) [1–3].

Microglial cells are derived frommyeloid precursors born
in the yolk sac during primitive hematopoiesis which takes
place at embryonic days (E) 7-E8 in mice. Microglia precur-
sors then rapidly invade the brain where they are already
detectable within the parenchyma at E9.5 [4–6]. Microglial
cells are thus already present in the CNS when neurons
migrate, proliferate, differentiate, and establish functional
networks.

In the adult brain, microglial cells interact with neu-
rons and synapses not only in pathological conditions but
also in physiological conditions [7–10]. These interactions
are controlled by several chemokine signaling pathways,
including the fractalkine (or CX3CL1) signaling pathway
[8]. In the CNS, fractalkine is mostly expressed by neurons
and its unique receptor CX3CR1 is exclusively expressed by
microglia [11]. Fractalkine is synthesized as a transmembrane
protein containing 371 amino acid residues, consisting in a 76-
amino acid N-terminal chemokine domain, a 241-amino acid
glycosylated mucin-like stalk, a 18-amino acid hydrophobic
transmembrane region, and a 37-amino acid intracellular C-
terminal domain [11]. This protein can be cleaved by the
lysosomal cysteine protease, cathepsin S, and members of
the desintegrin and metalloproteinase (ADAM) family, such
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as ADAM-10 and ADAM-17, releasing a soluble form of
fractalkine that contains the chemokine domain [12]. These
two isoforms of fractalkine can interact with the microglial
receptor CX3CR1, a G𝛼i-coupled seven transmembrane
domain receptor, the activation of which modulates several
intracellular signaling pathways (PLC, PI3K, and ERK), and
the recruitment of transcription factors (NF-kB, CREB) [12].

The fractalkine/CX3CR1 signaling pathway modulates
microglial activation [13, 14]. In pathological conditions,
microglial cells undergo important phenotypic changes to
develop an adaptive response to the context [7]. This acti-
vation of microglial cells consists in modification of their
morphology, proliferation, release of mediators, migration to
the site of injury, and engulfment of cellular debris or dead
cells [7, 8]. A large body of evidence indicates that constitutive
expression of membrane-tethered fractalkine tends to inhibit
microglia activation (off signal [15]). Accordingly, in several
animal models of neuropathologies, including Parkinson
disease, amyotrophic lateral sclerosis, stroke, and Alzheimer’s
disease, deficiency of fractalkine or of CX3CR1 leads to an
increased production of proinflammatory molecules [12]. In
particular interleukin-1𝛽 (IL-1𝛽) and reactive oxygen species
trigger amassive cell death [16–19]. However, in some of these
pathological conditions, fractalkine/CX3CR1 signaling can
also have neurotoxic effects and the inactivation of this sig-
naling pathway precludes disease progression. In particular,
in mouse models of Alzheimer disease, CX3CR1 deficiency
induces a reduction of A𝛽 proteins accumulation due to
the increase phagocytic activity of microglia [20]. In addi-
tion, in this particular disease, CX3CR1 deficiency decreases
microglia activation and production of proinflammatory
molecules such as IL-1𝛽, tumor necrosis factor alpha (TNF𝛼),
and monocyte chemoattractant protein-1 (MCP-1 or CCL2)
[20]. Similar results were obtained in fractalkine deficient
mice for which, however, Tau phosphorylation is markedly
increased [21]; see also [22]. Finally, CX3CR1 deficiency is
also protective in cerebral ischemia [23–25].Thus, neuropro-
tective and neurotoxic functions of the fractalkine/CX3CR1
signaling pathway are dependent on the microglial activation
stimuli and pathological contexts.

In physiological conditions, recent evidence indicates that
microglial cells contribute to the fine tuning of structural
and functional properties of synaptic networks. Microglial
cells continuously and dynamically survey their environ-
ment with their highly mobile processes [26, 27]. During
this monitoring, microglia processes make transient con-
tacts with synapses and the dynamics of these contacts is
activity-dependent [28, 29]. It has been recently proposed
that microglia process outgrowth toward synapses involves
activation of neuronal NMDA receptors and dendritic release
of ATP [30, 31]. Dynamics of basal motility of microglia
process is regulated by fractalkine/CX3CR1 signaling. Con-
focal imaging of retinal explants has shown that the average
velocity of spontaneous microglia process motility is lower
in CX3CR1 deficient mice [32], suggesting that the neuronal
chemokine fractalkine may regulate dynamics of microglial
process motility and thus interactions betweenmicroglia and
synapses.

Microglial cells in the adult CNS also shape adult hip-
pocampal neurogenesis through apoptosis-coupled phago-
cytosis [33]. During adult neurogenesis in the subgranular
zone of the dentate gyrus, only a small number of newborn
cells survive and are integrated in preexisting circuits whereas
the majority of newborn cells undergo apoptosis. Sierra
and coworkers showed that microglial cells participate in
the elimination of apoptotic newborn cells by phagocytosis.
Interestingly, genetic disruption of CX3CR1 reduces cellular
proliferation in the subgranular zone of the dentate gyrus,
indicating that fractalkine/CX3CR1 signaling pathway pro-
motes adult neurogenesis of the hippocampus [34, 35].

Finally, fractalkine/CX3CR1 signaling pathway influences
also synaptic transmission in physiological conditions. Bath
application of fractalkine transiently reduces the amplitude of
AMPA receptor-mediated EPSCs in CA1 pyramidal neurons
of the hippocampus in vitro [36] but enhances the amplitude
of the NMDA receptor-mediated component of these EPSCs
[37]. Interestingly, fractalkine expression is upregulated in
the hippocampus during memory-associated synaptic plas-
ticity [38]. Yet, the consequence of CX3CR1 disruption on
long-term synaptic potentiation (LTP) in the hippocampus
remains controversial, one group reporting an inhibition of
LTP [35], whereas another reported an increased LTP [39] in
CX3CR1 deficient mice.

Thus, fractalkine/CX3CR1 signaling governs several
functions of microglial cells in the adult brain in pathological
but also in physiological conditions. In the following sections
we will provide an overview of fractalkine/CX3CR1 signaling
implication in the development of the CNS, highlighting key
functions of microglia in building up neuronal and synaptic
networks during development.

2. Fractalkine Signaling and Neuronal Survival
during Development

It has been known for long that microglial cells are involved
in the induction of the neuronal death that normally
occurs during CNS development (for review [40]). However,
microglia can also promote neuronal survival in the develop-
ing postnatal forebrain. During CNS development, neurons
require trophic support to survive and to be integrated
in neuronal circuits. In the subventricular zone, microglial
cells promote neurogenesis and oligodendrogenesis trough
the release of proinflammatory molecules such as IL-1𝛽,
IL-6, TNF-𝛼, and IFN-𝛾 [41]. The use of minocycline,
a classical inhibitor of microglia activation, to challenge
pharmacologically microglial functions induces a decrease
in levels of a number of cytokines and the inhibition of
neurogenesis and oligodendrogenesis. It should be pointed
out, however, that minocycline should be used with cautious
in the developing CNS where it can lead to paradoxical
activation of microglia [42]. Microglial cells were also shown
to promote survival of layer 5 pyramidal neurons of themotor
cortex during the first postnatal week [43]. Minocycline
treatment but also transient ablation of microglial cells leads
to the apoptosis of layer 5 neurons projecting to subcortical
targets or to the contralateral cortex. Evidence from in vivo
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Figure 1: Fractalkine/CX3CR1 signaling controls survival of cortical neuron during early postnatal development. (a) Apoptotic cells revealed
by TUNEL staining in the cortex of Cx3cr1+/GFP (top) and Cx3cr1GFP/GFP (bottom) mice at P5. Scale bar represents 100 𝜇m. The arrowheads
indicate TUNEL-positive elements in the layer V of the cortex. (b) Quantification of the TUNEL-positive cells density in different cortical
layers. Note the increase of apoptotic cells in the layer V and II–IV in the cortex of Cx3cr1GFP/GFP. Adapted from [43].

and in vitro experiments further indicates thatmicroglial cells
located on the trajectory of layer 5 axons provided a trophic
effect through the release of insulin growth factor-1 (IGF-1).
Surprisingly, CX3CR1 deficiency which increases the number
of microglia present in the subcortical white matter also
impairs this trophic action ofmicroglia and leads to increased
apoptosis of layer 5 neurons (Figure 1). This impairment of
the trophic role of microglia in CX3CR1 deficient mice could
result from an upregulation of IGF-1 binding proteins that
bind IGF-1 to inhibit its trophic functions [43]. Therefore,
the production of factors by microglia is essential to promote
cell survival during postnatal development and fractalkine
signaling regulates this function of microglia.

3. Fractalkine Signaling and Microglia
Recruitment in Developing CNS Structures

In adult rodents, there is a rather high density and a
homogeneous distribution of microglial cells throughout
the CNS parenchyma. In contrast, the embryonic and early
postnatal CNS is characterized by a low density and a highly
heterogeneous distribution of microglia [44, 45]. Several
lines of evidence indicate that fractalkine/CX3CR1 signaling
is involved in the timely recruitment of microglial cells at
specific locations. In the embryonic spinal cord, for instance,
microglial cells aggregate at embryonic day (E) 12.5 in
the dorsolateral region close to terminals of dying dorsal
root ganglia neurons and at E13.5 in the ventral region
within lateral motor columns where motoneurons start to
undergo developmental cell death [46]. In the embryonic
telencephalon, microglial cells are transiently associated with

the extremities of midbrain dopaminergic axons as they
enter the subpallium, but not with adjacent serotonin or
internal capsule fibers [45]. Phagocytic microglial activity
at this point seems to restrain dopaminergic fiber exten-
sion and, remarkably, this action of developing microglia is
impaired in CX3CR1 deficient mice [45]. One reason that
could explain the role of fractalkine signaling in modulating
dopaminergic fiber extension is the control of microglia
recruitment by this specific signaling pathway during CNS
development. During the second and the third postnatal
weeks, there is, transiently, a reduced microglia number in
the hippocampus of CX3CR1 deficient mice (Figure 2(c) and
[47]), suggesting that fractalkine/CX3CR1 controls the timing
of microglia colonization of CNS parenchyma. However, this
colonization is probably determined by the recruitment of
microglia at maturating synapses [48]. In the developing
layer 4 of the somatosensory “barrel” cortex, microglial
cells remain outside the areas containing the maturating
thalamocortical synapses (i.e., the barrel centers) until P5
and colonize these areas between P6 and P9 (Figure 3(b)).
A similar pattern of microglia distribution and recruitment
was observed during the postnatal development of the olfac-
tory bulb around glomeruli which are also areas of high
synapse density [49]. Interestingly, fractalkine immunore-
activity is transiently increased between P5 and P10 within
the barrel centers [48] and the colonization of the barrel
centers is delayed by 2-3 days in CX3CR1 deficient mice
(Figure 3(c)), despite the fact that the overall density of
microglial cells within layer 4 is not affected in mutant mice
[48]. Moreover, recruitment of microglial cells in the barrels
centers is associated with a transient expression of a specific
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Figure 2: Fractalkine/CX3CR1 signaling modulates synaptic prun-
ing by microglia during postnatal development. (a) Microglial cells
remove presynaptic elements by synaptic pruning at P5 in the retino-
geniculate system. (a1) Low magnification electronic microscopy of
microglia. Asterisks denote the nucleus and the cytoplasm is pseu-
docolored green. Scale bar = 1 𝜇m. (a2) Magnified regions of (a1)
(white box) demonstrating membrane-bound elements engulfed
by microglia. Arrows designate elements containing presynaptic
machinery (40 nm vesicles). The arrowhead designates engulfed
material resembling juxtaposed postsynaptic elements. Scale bar =
100 nm. Adapted from [53]. (b) A transient increase in dendritic
spine density was observed in CX3CR1 deficient (KO/KO) mice
when compared with WT (+/+) littermates during the second
postnatal week (∗∗∗𝑝 < 0.0001). This transient increase in dendritic
spines number could result of a transient deficit of synaptic pruning.
(c) Quantification of microglia nuclei in the CA1 stratum radiatum
from the hippocampus revealed a transient decrease in microglia
density in CX3CR1 deficientmice at P8, P15, and P28 compared with
control littermates (∗∗𝑝 < 0.005).This decrease inmicroglia number
in KO mice suggests a transient delayed microglia recruitment
which can explain the transient deficit of synaptic pruning. ((b) and
(c)) Adapted from [47].
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Figure 3: Fractalkine/CX3CR1 signaling controls the recruitment
of microglia and the functional maturation of thalamocortical
synapses. (a) Drawing of the sensory system of vibrissae in rodents
and link between the distribution of vibrissae and that of barrels
in layer 4 somatosensory cortex. Adapted from [59]. ((b) and (c))
Microglia (green) distribution in the layer 4 of the somatosen-
sory cortex during postnatal development in Cx3cr1+/eGFP (b) and
Cx3cr1eGFP/eGFP (c) mice. At P5, microglial cells are exclusively
located outside of the barrel centers which contain thalamocortical
synapses (red, staining of thalamocortical axons). At P7, microglial
cells start to invade the barrel centers in Cx3cr1+/eGFP mice and this
invasion is delayed in Cx3cr1eGFP/eGFP mice. At P9, microglial cell
distribution is similar for the two genotypes. Scale bar, 100 𝜇m.
(d) Relative change in the synaptic currents resulting of the activa-
tion of AMPA (𝛼-amino-3-hydroxy-5-methyl-4-isoxazolepropionic
acid) and NMDA (N-methyl-D-aspartate) postsynaptic receptors
expressed at thalamocortical synapses between P5 and P9 in
Cx3cr1+/eGFP and Cx3cr1eGFP/eGFP mice. Note that the AMPA/NMDA
ratio increases between P5 and P9 in Cx3cr1+/eGFP but not in
Cx3cr1eGFP/eGFP mice. ((b) and (c)) Adapted from [48].
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Figure 4: Impaired microglia motility in developing CX3CR1 deficient mice. (a) Two-photon images in an acute slice of a P7 Cx3cr1+/eGFP
mouse showing the dynamics of microglial processes and soma after the insertion (at time 0min, not shown) of a pipette (red dot) containing
2-MeSADP (100 𝜇M). Yellow arrowheads indicate the soma of 2microglial cells moving toward the pipette. Green arrow indicates a retracting
process. Calibration bar is 10𝜇m. (b) Comparison of the mean velocity of microglia soma toward the 2-MeSADP-containing pipette for
Cx3cr1+/eGFP (50 cells, 6 experiments) Cx3cr1+/eGFP (42 cells, 5 experiments) animals (∗𝑝 < 0.05, ∗∗𝑝 < 0.01, Mann-Whitney test).

phenotype of layer 4 microglia and the acquisition of this
phenotype is also delayed by 2-3 days in CX3CR1 deficient
mice [44]. This suggests that fractalkine signaling favors
the attraction of microglia by maturating synapses. Because
CX3CR1 deficiency decreases microglia migration (toward
lesion sites) in the retina of young adult mice [32], we tested
whether microglial cell motility was also impaired in the
developing barrel cortex of CX3CR1 deficient mice. Using
two-photonmicroscopy in acute slices of P5–P9Cxr3cr1+/eGFP

or Cx3cr1eGFP/eGFP mice, we followed microglial cell motility
when a pipette containing the P2Y12 receptor agonist, 2Me-
S-ADP (100 𝜇M), was introduced in acute cortical slices.
P2Y12 receptors govern microglia motility and chemotaxis
in response to nucleotides [50]. As this is the case in
slices of adult mice [51], microglial cells start by sending
their processes toward the point source of 2-Me-S-ADP
(Figure 4(a)). In marked contrast with the situation in adult
slices, however, we observed that a significant number of
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developing microglial cells retracted their processes after
having reached the pipette, whereas others translocated their
nucleus within a leading process targeting the pipette tip
(Figure 4(a)). Quantification of the soma velocity indicated
that microglial cells moved toward the source of P2Y12
receptor agonist at lower speed in Cx3cr1eGFP/eGFP than in
Cx3cr1+/eGFP mice (Figure 4(b)). Thus, by favoring microglia
attraction at synaptic sites and by modulating microglia
motility, CX3CL1/R1 signaling may play a major role in
determining howmicroglial cells influence the maturation of
synaptic circuits.

4. Fractalkine Signaling and Maturation of
Synaptic Circuits

During initial steps of the development of neuronal network,
there is an overproduction of synaptic contacts (reviewed in
[52]). Mature networks are then formed through activity-
dependent mechanisms leading to the elimination of weak
synapses and functional maturation of the remaining ones.
Recent evidence indicates that microglial cells are involved in
the elimination of supernumerary synapses during develop-
ment. In particular, Schafer et al. (2012) demonstrated that,
during postnatal development of the dorsolateral geniculate
nucleus of the thalamus, microglia can engulf synaptic
elements (Figure 2(a)), in an activity-dependent manner and
through a microglia-specific phagocytic signaling pathway
involving the C3 component of the complement cascade and
its microglial receptor of C3 (CR3). The pruning of weak C3
tagged synapses by microglia participate in the refinement of
neuronal connectivity allowing the appropriate segregation
of ipsi and contralateral retinogeniculate terminals in the
thalamus [53].

This synaptic pruning by microglia has been also
observed in the hippocampus where this developmental
process is regulated by fractalkine/CX3CR1 signaling [47].
STED and electron microscopy revealed the presence of
synaptic material engulfed by microglial processes in the
hippocampus during the first postnatal weeks. Comparative
analysis of wild type and CX3CR1 deficient mice indicates
that CX3CR1 deficiency is associated with a higher number
of dendritic spines (Figure 2(b)), a higher density of PSD95
immunoreactive puncta, and impaired functional properties
of the hippocampal excitatory synaptic network during post-
natal development.These observations could be explained by
a deficit in synaptic pruning due to the delayed recruitment
of microglial cells in the developing hippocampus of CX3CR1
deficientmice (see above). Interestingly, the number of spines
and the density of microglial cells in the hippocampus in
these mice eventually match those of wild type animals after
the end of the first postnatal month [47]. Yet, CX3CR1 defi-
cient adult mice have weak synaptic transmission, decreased
functional brain connectivity, deficits in social interactions,
and increased repetitive-behavior phenotypes [54]. Impaired
synaptic pruning probably contributes but is unlikely the only
cause of this adult phenotype since, for instance, CX3CR1
deficiency also leads to impaired long-term potentiation

and decreased survival and proliferation of adult neural
progenitors due to an excess of IL-1𝛽 production [34, 35].

In the developing barrel cortex, the delayed recruitment
ofmicroglia in the barrel centers is associated with a transient
impairment of the functional maturation of thalamocortical
synapses: the increase of the ratio of AMPA/NMDA receptors
(Figure 3(c)) and the switch of GluN2B to GluN2A NMDA
receptor subunits which normally occurs at thalamocortical
synapses around the end of the first postnatal week are
both impaired in CX3CR1 deficient mice. However, the
same functional parameters of thalamocortical synapses do
not differ between adult CX3CR1 deficient and wild type
mice [48] (Arnoux & Audinat, unpublished). These obser-
vations suggest that the presence of microglia within the
barrel centers is necessary for the functional maturation
of thalamocortical synapses during postnatal development.
The exact mechanism by which microglial cells influence
this maturation remains to be identified. Several signaling
molecules known to be released by microglia are also known
tomodulate the functional expression of glutamatergic recep-
tors. For instance, TNF𝛼 of glial origin is known to increase
AMPA receptors trafficking andmembrane insertion [55, 56].
Similarly, brain-derived neurotrophic factor (BDNF) released
by microglia has been shown to modulate spine density
but also the expression of AMPA and NMDA receptors
in cortical neurons of adult mice [57]. Thus, fractalkine-
dependent recruitment of microglial cells within the barrel
centers may allow the secretion of microglia-derived signal-
ing molecules necessary for inducing changes in the func-
tional expression of glutamate receptors at thalamocortical
synapses.

5. Conclusions

It is now clear that reciprocal interactions between neurons
and microglia contribute to the physiological development
of the CNS. The fractalkine/CX3CR1 signaling pathway
regulates these interactions partly by controlling microglia
recruitment at specific sites but also by influencing the
phenotype and thus the functions of these immune cells
during development. Considering also the importance of this
signaling pathway in pathological conditions in adulthood
[8], fractalkine/CX3CR1 signaling is likely to be a key actor of
neurodevelopment disorders. Interestingly, CX3CR1 deficient
mice have been shown recently to have deficits in social inter-
action and increased repetitive-behavior phenotypes that
have been previously associated with neurodevelopmental
and neuropsychiatric disorders [54]. From this point of
view and independently of fractalkine/CX3CR1 signaling,
it is worth noting that dysfunction of microglial cells is
increasingly suspected to occur in psychiatric diseases asso-
ciatedwith neurodevelopmental disorders (reviewed in [58]).
We are thus at the beginning of an exciting time for the
study of microglia functions during normal and pathological
development and these extremely plastic cells have not yet
finished to reveal their multiple facets.



Neural Plasticity 7

Conflict of Interests

The authors declare no conflict of interests regarding the
publication of this paper.

Acknowledgments

The authors thank members of the Audinat Lab for advices
and helpful discussions. The authors thank Serge Charpak
for the access to the two-photon microscope and for his help
with the imaging experiments. The Audinat Lab is supported
by the Institut National de la Santé et de la Recherche
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Recent evidence has shown that astrocytes play essential roles in synaptic transmission and plasticity. Nevertheless, how neuronal
activity alters astroglial functional properties andwhether such properties also display specific forms of plasticity still remain elusive.
Here, we review research findings supporting this aspect of astrocytes, focusing on their roles in the clearance of extracellular
potassium and glutamate, two neuroactive substances promptly released during excitatory synaptic transmission.Their subsequent
removal, which is primarily carried out by glial potassium channels and glutamate transporters, is essential for proper functioning of
the brain. Similar to neurons, different forms of short- and long-term plasticity in astroglial uptake have been reported. In addition,
we also present novel findings showing robust potentiation of astrocytic inward currents in response to repetitive stimulations
at mild frequencies, as low as 0.75Hz, in acute hippocampal slices. Interestingly, neurotransmission was hardly affected at this
frequency range, suggesting that astrocytes may be more sensitive to low frequency stimulation and may exhibit stronger plasticity
than neurons to prevent hyperexcitability. Taken together, these important findings strongly indicate that astrocytes display both
short- and long-term plasticity in their clearance of excess neuroactive substances from the extracellular space, thereby regulating
neuronal activity and brain homeostasis.

1. Introduction

Astrocytes, the most abundant cell type of the brain, have
been considered as the active players in the tripartite synapse
with neurons. A wide variety of physiological functions of
astrocytes have been identified ranging from structural and
metabolic support to the modulation of synaptic transmis-
sion and information processing. They have also been found
to play major roles in both the progression and repair of CNS
pathologies like inflammation, epilepsy, ischemia, neurode-
generative diseases, and neurodevelopmental disorders [1–
3]. Recently, it has been established that astrocytes actively
influence neuronal plasticity and memory formation [4–9].
However, the reciprocal phenomenon involving astroglial
plasticity in response to changes in neuronal activity has
been less well explored and understood. Indeed, it has
been demonstrated that astrocytes display both short- and

long-term plasticity similar to neurons [10–22]. This review
focuses on the ability of astrocytes to regulate extracellular
levels of signalling molecules, particularly potassium (K+)
and glutamate, in a neuronal activity-dependent manner.
The expression, properties, and regulations of the important
cellular components will first be introduced. Then, we will
present and discuss important research findings demon-
strating plastic modulations of these astroglial properties in
response to changes in physiological neuronal activities.

2. Molecular Machinery for Astroglial
Potassium and Glutamate Clearance

2.1. Extracellular Potassium and Glutamate Levels. K+ and
glutamate are essential and abundant neuroactive molecules
participating in excitatory synaptic transmission of the brain.
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In particular, ∼80% of neuronal K+ release originates from
postsynaptic elements [23]. It has been reported that just
a single action potential can elevate the resting level of
extracellular K+ from 3 to 4mM [24]. This increase can also
be stronger under conditions in which the extracellular space
volume is decreased. During hyperactivity, this level can go
up to 10 to 12mM [25]. Pathological situations can even
transiently elevate extracellular K+ level to >30mM [26].The
excitatory neurotransmitter glutamate, on the other hand,
is released via synaptic vesicles during excitatory synaptic
activity and is not degraded extracellularly. Its removal
highly depends on diffusion and transporter systems. While
intracellular concentration of glutamate is about 10mM [27],
extracellular glutamate level varies considerably from one
compartment to the other. In fact, a study revealed that
each glutamatergic synaptic vesicle contains around 4,000
molecules of glutamate [28]. Thus, it is not surprising that
glutamate concentration in the synaptic cleft can increase
transiently from <20 nM to 1mM following action potentials
[29]. On the contrary, extrasynaptic glutamate level has been
reported to vary over a large range from 0.02 to 30 𝜇M
[30, 31]. Although this variability is partly due to limitations
in assessment techniques used, it can also be explained by
different glutamate clearance rates and mechanisms between
perisynaptic and nonsynaptic compartments [32]. Given that
a significant accumulation of both K+ and glutamate occurs
during physiological neuronal transmission, it is crucial that
their levels be tightly regulated to prevent hyperexcitability
and excitotoxicity. Indeed, this important task is carried out
predominantly and efficiently by neighboring astrocytes in
the CNS [26, 27].

2.2. Potassium Homeostasis. K+ clearance by astrocytes is
conducted either by net K+ uptake or by K+ spatial buffering
[26, 33].The first route largely involves the activity of cotrans-
porters (Na+-K+-ATPase or Na+-K+-2Cl−), as well as K+ and
Cl− channels. As a result, K+ ions transiently accumulate
inside astrocytes and are released once extracellular K+ level
drops [26]. On the contrary, K+ spatial buffering allows
uptake and redistribution of K+ from areas of high to low
extracellular K+ concentrations, in which no significant net
intracellular accumulation occurs. This later mechanism has
been found to be more efficient than diffusion alone [34]. In
fact, it has been proposed that a single elongated astrocyte can
effectively redistribute K+ from one end to the other [35]. In
Müller cells of the retina, K+ siphoning, a specialized form
of K+ spatial buffering in which glial K+ channel distribution
directs K+ clearance into the vitreous humor, was extensively
studied and found to involve inward rectifyingK+ (Kir) chan-
nels [33]. In general, seven major subfamilies of Kir channels
have been identified (Kir1 to Kir7), each consisting of two
transmembrane domains, an inner pore, and intracellular N-
and C- termini [36]. They form tetrameric homomers and
heteromers with different rectifying properties and conduc-
tances [37]. Their inward rectifying properties allow prefer-
ential passage of K+ ions into the cells. These channels are
perfect candidates for regulation of K+ homeostasis as they
have high open probability at glial resting membrane poten-
tials and their conductance is variable relative to extracellular

K+ concentrations [38]. Among the subfamilies, Kir2, Kir4,
and Kir5 are most commonly studied in glial cells of the
brain. In particular, Kir4.1 is highly abundant in astrocytes
of different brain regions [39] and is enriched in astrocytic
processes surrounding synapses and blood vessels [40]. In
Müller cells, it was proposed that the strongly rectifyingKir2.1
subtype is uniformally expressed at plasma membranes,
enabling K+ influx from the synaptic plexiform layers, while
the weakly rectifying Kir4.1 subtype is responsible for the
exit of K+ at the endfeet and lateral processes [41–43].
This specific compartmentalization strongly reflects regional
specific functions and regulations of Kir channels.

2.3. Glutamate Clearance. As glutamate is not degraded upon
release, cellular mechanisms must exist to quickly remove
excess glutamate in order to avoid receptor desensitization
and excitotoxicity. It was shown in the neonatal hippocampus
that glutamate clearance depends primarily on diffusion,
whereas glial transporter uptake dominates in juvenile mice
[44]. This coincides with periods of synaptic maturation
at which point extracellular volume significantly decreases
rendering diffusion less effective. Indeed, the glutamate
transporter systems have been identified to be an efficient way
of removing extracellular glutamate.

The expression of excitatory amino-acid transporters
(EAATs) has been extensively studied revealing that EAAT1/
GLAST and EAAT2/GLT-1 are found mostly in glia while
EAAT3/EAAC1, EAAT4, and EAAT5 are expressed in neu-
rons [45]. EAATs can alternate between two conformations to
transport glutamate inside the cells against its concentration
gradients.This requires efficient cotransport of glutamate and
ions (three Na+ and one H+) from the outside inwards and
the counter-transport of one K+ ion from the inside to revert
back to the outward conformation [46]. Crystal structures
revealed that glutamate transporters are homomers contain-
ing three subunits [47, 48]. Different subtypes also display
varying affinities for glutamate [45]. GLT-1 and GLAST are
expressed early in development despite being at low levels
[49]. This increases dramatically in the most active period of
synaptogenesis (during the third and fourth postnatal weeks)
and throughout adult life [50]. In the adult hippocampus,
astroglial GLT-1 and GLAST are expressed at high amount
and density (0.7 to 1.3mM and up to 8,500 molecules per
𝜇m2) [51].

Intriguingly, like Kir channels, it was determined that the
concentrations of GLT-1 and GLAST on astroglial membrane
vary considerably depending on neighboring structures. For
example, membranes facing nerve terminals, axons, and
dendritic spines have higher densities than those facing
other astrocytes, cell bodies, or capillaries [52]. To study
these transporters, robust glutamate transporter currents
have been successfully measured and characterized using
electrophysiological techniques in hippocampal CA1 astro-
cytes [53, 54]. Furthermore, GLT-1 and GLAST are believed
to account for most of the glutamate uptake conducted by
all EAATs subtypes in mammalian CNS, further suggesting
the importance of glial glutamate removal [27]. In terms
of regional specific expression, GLT-1 is mostly expressed
in the forebrain and GLAST in the cerebellum, inner ear,
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circumventricular organs, and the retina [27]. Consequently,
mice lacking GLT-1 show lethal spontaneous seizures and are
more susceptible to acute forebrain injury [55]. On the other
hand, those lacking GLAST have increased susceptibility to
injury to the cerebellum and experience impaired motor
coordination [56].

2.4. Gap-JunctionalMediated PotassiumandGlutamate Clear-
ance by Astrocytes. Apart from the expression of K+ channels
and glutamate transporters, networks of astrocytes are also
known to siphon extracellularmolecules fromareas of high to
low concentrations via gap-junction channels [9]. Typically,
astrocytes express two connexin (Cx) subtypes, Cx43 and
Cx30. Cx43 is expressed early, while Cx30 later in devel-
opment [57]. Gap junction channels are formed across the
membranes of two cells by two opposing hemichannels each
composed of six Cx subunits [58].They form channels allow-
ing intracellular transfer of low molecular-weight molecules
(<1.5 kDa). Thus, molecules like K+ and glutamate can be
efficiently passed from cell to cell greatly facilitating extra-
cellular clearance. Gap-junctional coupling among astrocytes
plays significant roles in both net K+ uptake [59] and K+
spatial buffering [60, 61], as well as glutamate clearance [62,
63]. This mechanism offers an additional pathway for excess
K+ ions and glutamate to be efficiently redistributed within
networks of astrocytes. In various pathologies; however, the
propagation of neurotoxic substances away from the site of
injury has been thought to be both protective and destructive
[2, 64]. Interestingly, when astrocytic gap-junctional cou-
pling was reduced by blocking Cx43, a decrease in GLT-1
expression was also observed, suggesting possible regulatory
roles of gap-junctional coupling in glial transporter activities
[65].

3. Functions of Astroglial Potassium and
Glutamate Clearance and Their Regulations

Like many other ion channels, Kir channels in the CNS have
been linked to many processes of the brain like ontogenesis,
regulation of hormone secretion, neurotransmitter release,
control of seizure activity, and regulation of cerebral blood
flow [66]. The properties regulating astroglial K+ clearance
like channel activities and conductances are modulated by
many factors. This includes changes in extracellular volume,
pH, intracellular calcium (Ca2+) and Cl− concentrations, and
neurotransmitter release [26]. In addition, the opening of
Kir channels is also sensitive to various types of extracellular
and intracellular blockade. For examples, they are blocked
by intracellular magnesium and polyamines as well as extra-
cellular barium (Ba2+) ions in a voltage-dependent manner
[67]. They are also blocked dose-dependently by cesium
and tetraethylammonium [68]. Other studies have shown
that they can also be activated by intracellular G-protein
subunits [69] or adenosine triphosphate [70]. Interestingly,
the water channel aquaporin 4 has been found to be strongly
colocalized with Kir4.1 channels in Müller cells, possibly
to prevent osmotic imbalance [71]. They are also coregu-
lated by the same dystrophin-associated protein complexes

intracellularly for subcellular distribution and clustering [72].
Astroglial conditional knockout lacking Kir4.1 induced in
hippocampal astrocytes a severe depolarization [73] and in
neurons enhanced responses to prolonged repetitive and to
tetanic stimulations of Schaffer collaterals (SCs) [21]. These
mice were also found to have severe ataxia and stress-induced
seizures and even die prematurely [73].

The functional roles of glutamate transporters are diverse
and vary among synapses. Although glutamate transporters
are expressed in different cell types in the CNS, astrocytes
are responsible for the majority of glutamate uptake and
homeostasis [27]. Studies in the hippocampus have shown
that while these transporters can affect the fast compo-
nent of the synaptic glutamate transient via AMPA and
NMDA receptors, they can also affect the slower components
mediating spillover [45]. In addition, both neuronal and
glial transporters have been found to limit the glutamate
spillover, reinforcing synapse independence. Interestingly,
synaptic plasticity could also be differentially influenced by
the expression and activity of glial glutamate transporters.
Indeed, it was demonstrated that long-term potentiation
(LTP), but not long-term depression (LTD), was impaired in
the hippocampal CA1 region of GLT-1 mutants [74]. In the
amygdala, inhibition of glutamate transporters resulted in a
loss of input specificity of LTP important for fear condition-
ing [75]. Behavioral defects like anhedonia and impaired spa-
tial memory have also been observed after blocking astroglial
GLT-1 activities [76]. Using GLT-1 inducible knockout mice,
a recent study has demonstrated that the resulting increase in
synaptic excitability was responsible for pathological repeti-
tive behaviours [77].

There has been in vitro evidence indicating that cocultur-
ing astrocytes with neurons increases the expression of GLT-
1 and GLAST [78, 79]. In addition, several posttranslational
regulations of glutamate transporters have also been demon-
strated. Phosphorylation by protein kinase C (PKC) has been
found to modulate the transport activity of GLAST [80], as
well as cell-surface expression of GLT-1 [81, 82]. It was also
observed that sumoylated GLT-1 is translocated to intracellu-
lar compartments [83]. Furthermore, glutamate transporters
possess an SH-based redox regulatory mechanism [84] and
may be regulated by serum- and glucocorticoid-inducible
kinases [85]. Arachidonic acid has also been shown to inhibit
GLT-1 activity [86]. In addition, the cell-surface expression
of GLAST in cultured astrocytes is rapidly upregulated by
glutamate binding, suggesting modulations in transporter
trafficking [87]. Interestingly, it was proposed that neuronal
activity could modulate the distribution of GLT-1 clusters
in developing astrocytes [88]. Finally, processes like regu-
lated glial endo-/exocytosis [89–91] and surface diffusion
[92] could also significantly account for differential surface
expression of glial glutamate transporters.

It is conceivable that expression levels, localization, and
properties of glial channels and transporters largely deter-
mine the efficiency of K+ and glutamate clearance from
extracellular space, thereby modulating synaptic plasticity.
For this reason, relevant molecular components must be
tightly regulated for optimal expression, distribution, and
activities.
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Figure 1: Pharmacological isolation of astroglial currents. Dual patch clamp recordings revealed synaptically evoked astroglial currents in
hippocampal CA1 region. Sample traces are shown for simultaneously recorded (a) neuronal field excitatory postsynaptic potentials (fEPSPs)
and (b) astroglial currents induced by a single stimulation of Schaffer collaterals. This was carried out under control conditions (100𝜇M
picrotoxin; 1), and subsequent addition of an ionotropic glutamate receptor antagonist (5mM kynurenic acid; 2), and a glutamate transporter
antagonist (200𝜇M TBOA; 3). (c) Sample traces of pharmacologically isolated astroglial currents are shown. Astrocytic potassium current
was isolated by subtracting the kynurenic acid-insensitive component from the total current (𝐼

𝐾
, 1-2, blue). Note that the initial fast outward

current component (dash blue) reflects fEPSPs generated by adjacent pyramidal cells, while 𝐼
𝐾
corresponds to the slow inward current (solid

blue). The kynurenic acid insensitive current (2) consists of a fast inward current and a slow residual component of smaller amplitude; the
latter was isolated by subsequent application of TBOA (𝐼res, 3, green). Subtraction of 𝐼res from the response in the presence of kynurenic acid
resulted in the glutamate transporter current component (𝐼GluT, 2-3, red). Scale bars = 0.1mV for fEPSPs, 15 pA for astroglial currents; 25ms.
This figure (a–c) is extracted from [21].

4. Electrophysiological Methods to
Study K+ and Glutamate Transporter
Currents in Astrocytes

Over the years, dual electrophysiological recordings in acute
hippocampal slices have allowed the identification and
pharmacological dissection of synaptically-evoked astroglial
currents while monitoring neuronal plasticity [4, 21, 93].
A complex astroglial biphasic response evoked by single
stimulation of SCs (0.05Hz) from stratum radiatum hip-
pocampal astrocytes has been identified and it consisted
of a fast outward current, reflecting the extracellular field
potential generated by receptors on CA1 pyramidal neurons,
followed by a slow inward current persisting for several
seconds (Figure 1). This long-lasting K+ current mediated

by Kir4.1 channels constitutes ∼80% of the total astro-
cytic currents and can be isolated in the hippocampus by
addition of kynurenic acid (Figure 1(c), 𝐼

𝐾
), an ionotropic

glutamate receptor antagonist, which has no direct effect on
hippocampal passive astrocytes connected by gap junctions
and lacking glutamate ionotropic receptors [21]. In addition,
a transient glutamate transporter current (𝐼GluT) can then
be isolated by subsequent addition of glutamate transporter
antagonists DL-threo-𝛽-benzyloxyaspartic acid (TBOA) and
dihydrokainate (DHK) [6, 21, 53, 93–96]. Finally, a slow resid-
ual current (𝐼res) mediated by GABA transporters (GATs)
and Kir4.1-independent K+ channels remains [21]. Interest-
ingly, such astrocytic currents increased with neuronal input
over a wide range of fiber volley amplitudes, suggesting
that glial cells are reliable sensors of glutamate release that
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occurs during both moderate and strong neuronal activities
[21, 53, 96].

Evidently, one of the many roles of astrocytes in the CNS
is to take up excess neuroactive substances resulting from
physiological neuronal transmission. This is fundamental
to maintaining extracellular homeostasis and thus normal
brain functions. Such processes are undoubtedly subject to
stringent regulations and are elegantly compartmentalized
in the brain. While they have been found to take part in
the shaping of neuronal activities [45], the proposition that
these processes are also plastic and may be neuronal activity-
dependent is just becoming of interest. In the following
sections, we focus on important research findings supporting
this notion, while proposing possible molecular mechanisms
that might be involved in making these types of astroglial
plasticity possible.

5. Plasticity of Astroglial Potassium Clearance

In order to maintain proper brain homeostasis, the process
of astroglial K+ clearance must also adapt to handle dramatic
changes in extracellular K+ levels over different strengths
of synaptic activity. Using electrophysiological techniques,
there have only been a few studies demonstrating short- or
long-term activity-dependent plastic changes in astroglial K+
uptake. Nevertheless, they uncover unique characteristics of
astrocytic currents, which are of important value in the field.
Thus, we summarize these research findings concentrating
on the similarities and differences between astroglial and
neuronal functional plasticity. We will also present novel
findings to further illustrate the involvement of activity-
dependent K+ clearance by hippocampal astrocytes during
mild activities.

5.1. Short-Term Plasticity of Astrocytic Potassium Currents.
Hippocampal CA3-CA1 synapses exhibit several forms of
short-term plasticity induced by distinct stimulation proto-
cols of SCs, which are mediated by changes in presynaptic
glutamate release probability (Pr) [21, 53, 96]. As we have
previously reported, synaptically evoked astroglial currents in
the hippocampus exhibit complex characteristics [21, 93, 97].
In particular, upon dissection of astrocytic current compo-
nents, a long lasting Kir4.1 channel-mediated current (𝐼

𝐾
)

and a residual current component (𝐼res) could be identified.
𝐼res is in part contributed by Kir4.1 channel-independent
current. A classical type of short-term plasticity is paired-
pulse facilitation (PPF), which is assessed by two successive
stimulationswith a short interstimulus interval (ISI) of 40ms.
An increase in the magnitude of the second postsynaptic
response is thought to result from the residual increase of
Ca2+ concentration in presynaptic terminals in response to
the first stimulation. A common practice in electrophysi-
ological measurements of neuronal-related response is to
quantify the peak (or slope) of the response measured from
the baseline immediately before the stimulation as illustrated
in Figure 2(a) as the “astroglial facilitation” method. With
this, it is evident that following paired-pulse stimulation
at different frequencies (0.5 to 50Hz), while neuronal field

excitatory postsynaptic potentials (fEPSPs) potentiated more
at an ISI of 40ms, astrocytes exhibited a robust potentiation
of 𝐼
𝐾
, which was strongest at 20ms ISI instead (Figures 2(b)

and 2(c)). Similarly, 𝐼res also potentiated but to a much lesser
extent, similar to the level of fEPSPs. In addition to PPF,
prolonged repetitive stimulation (10Hz for 30 s) and tetanic
stimulation (100Hz for 1 s) of SCs are two other well-known
stimulation protocols used to induce short-term plasticity.
Repetitive stimulation induces fast and transient potentiation
of neuronal fEPSPs, as a result of the massive release of
glutamate, followed by rapid response depression, due to the
depletion in glutamate vesicular pools (Figures 2(d) and 2(e)).
The tetanic stimulation, on the other hand, is commonly
used to induce posttetanic potentiation (PTP), a transient
potentiation lasting a few minutes (Figures 2(f) and 2(g)).
When astrocytic currents are quantified using the “astroglial
facilitation” method, a rapid depression of both 𝐼

𝐾
and 𝐼res

was detected during the repetitive stimulation (Figure 2(e)).
This was unexpected given the strong facilitation of these
currents upon paired-pulse stimulation. Surprisingly, during
the tetanus, both 𝐼

𝐾
and 𝐼res initially potentiated much

more strongly than during repetitive stimulation. This was
followed by depression with 𝐼res much more slowly than 𝐼

𝐾

(Figure 2(g)). Moreover, compared to the neuronal response,
𝐼
𝐾

and 𝐼res only showed mild PTP immediately after the
tetanus.

It is important to note that, due to the longer-lasting
nature of astrocytic 𝐼

𝐾
and 𝐼res current responses com-

pared to neuronal fEPSPs, an incomplete recovery of the
baseline before subsequent stimulations is often observed.
Thus, such significant baseline shift must be taken into
account during the quantification. To fully acknowledge
this factor, it is therefore more appropriate to measure
evoked current amplitude of each response from the initial
baseline immediately before the first stimulation as illus-
trated in Figure 2(h). Indeed, this alternative method we
define as “astrocytic summation” revealed very different and
sometimes completely opposite short-term plastic behaviour
upon repetitive and tetanic stimulations. During repetitive
stimulation, both astrocytic 𝐼

𝐾
and 𝐼res show short-term

summation but with different kinetics to neuronal fEPSPs.
Specifically, they initially summate up to ∼400% (compared
to ∼150% potentiation in fEPSPs; Figure 2(e)), which lasted
for 20 s and decreased back to baseline during the last 10 s
of the stimulation (Figure 2(j)). This slower kinetics could
be explained by K+ release from both pre- and postsynaptic
elements leading to a uniform bulk increase of extracellu-
lar K+ level over larger zones requiring more time to be
removed [23]. Such behavior has been previously reported
in other brain regions and is thought to correspond to glial
depolarization leading to extracellular K+ build-up over time,
as originally described in the optic nerve [60] and subse-
quently in the cortex in vivo [98–100]. Interestingly, during
a tetanic stimulation, greater distinctions between neuronal
fEPSPs and astroglial currents were uncovered using this
quantification method. While fEPSPs mildly potentiated
during the initial phase of the tetanus (∼150%; Figure 2(g)),
astroglial 𝐼

𝐾
showed a stronger and longer-lasting summation

(reaching ∼400%), which continued during the course of the
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Figure 2: Short-term plasticity of astroglial potassium and residual currents quantified using two differentmethods. Simultaneous recordings
of field excitatory postsynaptic potentials (fEPSPs) and synaptically evoked astroglial currents were carried out in hippocampal CA1 region
upon stimulation of Schaffer collaterals. (a, h) Two different methods used to quantify astroglial currents are illustrated. fEPSPs (top) and
astroglial currents (bottom) during the first four stimulations of a 10Hz train are shown.The peak amplitude of each response was measured
either in reference to (a) the prestimuli baseline, taken just before each stimulation (astroglial facilitation) or (h) to the initial resting baseline
(𝐼Base), taken before the first stimulation (astroglial summation). Scale bars = 0.05mV for fEPSP, 20 pA for astroglial currents, 25ms. (b, d, and
f) Sample traces are shown for fEPSPs (top) and pharmacologically isolated astrocytic potassium 𝐼

𝐾
(bottom, blue) and residual 𝐼res (bottom,

green) currents in response to (b) paired-pulse stimulation (interpulse interval = 40ms; scale bars = 0.5mV for fEPSP, 20 pA for astroglial
currents, 25ms), (d) repetitive stimulation (10Hz for 30 s; scale bars = 0.2mV for fEPSP, 40 pA for astroglial currents; 5 s for astroglial currents
and 50ms for fEPSP), and (f) tetanic stimulation (100Hz for 1 s; scale bars = 0.2mV for fEPSP, 20 pA for astroglial currents; 7.5 s for astroglial
currents and 60ms for fEPSP). Quantifications using (c, e, and g) astroglial facilitation or (i, j, and k) astroglial summationmethods are shown
for (c, i) paired-pulse ratio, and normalized fEPSP slope and astrocytic current amplitudes during (e, j) repetitive or (g, k) tetanic stimulation.
Numbers indicate extracted traces before (1), during (2), and after (3, 4) each stimulation. Mean ± SEM are shown for (c), (e), (g), (i), (j), and
(k).
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Figure 3: Short-term summation of astroglial currents compared to neuronal response during low frequency stimulations. Simultaneous
recordings of field excitatory postsynaptic potentials (fEPSPs) and synaptically evoked astroglial currents were carried out in hippocampal
CA1 region upon stimulation of Schaffer collaterals. (a, c, e, and g) Sample traces are shown for fEPSPs (top, gray) and astrocytic currents
(bottom, black) in response to 30 s stimulations at indicated frequencies (0.75 to 10Hz). Scale bars = 0.2mV for fEPSP, 20 pA for astroglial
currents; 4 s for baseline, 5 s during stimulations. (b, d, f, and h) Quantifications using astroglial summation method (see Figure 2) are shown
for normalized fEPSP slope (gray) and astrocytic current amplitudes (black) in response to 30 s stimulations at indicated frequencies (0.75 to
10Hz). Stimulations are denoted by bars above traces or quantifications. Mean ± SEM are shown for (b), (d), (f), and (h).

stimulation (Figure 2(k)). Remarkably, the 𝐼res exhibited an
even stronger summation (∼1000%; Figure 2(k)) during the
tetanus. Moreover, PTP observed in neuronal fEPSPs was
not detected in either 𝐼

𝐾
or 𝐼res. In contrast, a posttetanic

depression of current undershoot of mild (∼ −30%) and
stronger (∼−200%) magnitudes were detected in 𝐼

𝐾
and 𝐼res,

respectively (Figure 2(k)). Similar undershoot response has
been characterized following high-frequency stimulations
[101] and could represent a period of redistribution of K+ in
the extracellular space to avoid overdepletion. In addition,
the astroglial facilitation quantification appeared to underes-
timate the undershoot currents rendering 𝐼

𝐾
and 𝐼res mildly

potentiating after tetanic stimulation. It is important to point
out that PPF, quantified by comparing only two successive
stimulations at a time, does not seem to differ significantly
using the two methods (Figures 2(c) and 2(i)). With this, we
stress the importance of using an appropriate quantification

method, “astrocytic summation,” when measuring astrocytic
slow currents, which takes into account baseline shifts over
successive high-frequency stimulations.

When comparing short-term plasticity of astrocytic cur-
rents and neuronal response, it is also important to consider
their differential characteristics towards lower stimulation
frequencies. For this reason, and given that∼80% of astroglial
slow inward current (𝐼tot) is composed of 𝐼

𝐾
[21], we mea-

sured astrocytic inward current 𝐼tot in response to trains of
SCs stimulation at a range of lower frequencies (0.75, 1.5,
3, and 10Hz for 30 s) in hippocampal slices. Importantly,
this was performed simultaneously with neuronal excitatory
neurotransmission recordings in order to correctly assess
both neuronal and astroglial (Figures 3(a), 3(c), 3(e), and
3(g)) short-term plastic behavior. As illustrated in Figure 3,
neurotransmission exhibited weak short-term plasticity fol-
lowing 0.75–3Hz stimuli for 30 s (with potentiation up to
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120 and 150% at 1.5 and 3Hz, resp.). Astroglial 𝐼tot, on the
other hand, remarkably showed very strong summation of
∼400%during 0.75Hz stimulation (Figure 3(b)).This current
was quantified using the “astrocytic summation” method as
described above. Such summation was enhanced to ∼500%
during 1.5Hz and even ∼600% during 3Hz stimulations
(Figures 3(d) and 3(f)). In response to 10Hz repetitive
stimulations, a near 800% summation of astroglial 𝐼tot was
observed as previously reported (Figure 3(h)) [21]. In addi-
tion, such short-term summation exhibited longer-lasting
kinetics than the corresponding neuronal response, which
could be explained by the dominating 𝐼

𝐾
component in 𝐼tot,

which is strongly influenced by the rate of K+ clearance
from the extracellular space. Altogether, these data indicate
that astroglial slow inward current short-term plasticity
is also strongly involved at low frequencies of repetitive
stimulations.More importantly, this frequency range is below
what is usually used for neuronal short-termplasticity studies
and induced only weak potentiation in neuronal fEPSPs. It
can be postulated that short-term plasticity of astroglial K+
uptake observed at low frequencies may be a mechanism of
activity-dependent upregulation of K+ buffering important
for controlling neuronal responses.

5.2. Long-Term Plasticity of Astrocytic Potassium Currents.
While LTP and LTDhave beenwell established and described
in neurons to be associated with learning and memory
[102], the topic of astroglial long-term plasticity is yet to be
characterised. Indeed,most of the existing studies concerning
astroglial long-term plastic properties have concentrated on
glutamate receptors [11, 15] and transporters [12, 16, 19, 20,
54, 96] (see Section 6), leavingK+ current-mediated plasticity
virtually unexplored.

Nevertheless, there have been two important reports on
changes in evoked astrocytic currents or potentials upon
long-term synaptic potentiation. The first study by Ge and
Duan [13] was carried out in the hippocampus CA1 region.
Using electrophysiological techniques, the authors showed
that tetanic stimulation (100Hz for 1 s) of SCs evoked per-
sistent LTP in fEPSPs of CA1 pyramidal neurons. This was
accompanied by a LTP-like response in astroglial slow inward
current resulting from membrane depolarization. Interest-
ingly, similar to short-term plasticity of astroglial inward
current described above, the astrocytic response exhibited
stronger potentiation than the neuronal fEPSPs during both
the initial and late phases of LTP. Furthermore, this astroglial
LTP was sensitive to blockers of NMDA receptors and
K+ channels, but not intracellular Ca2+ level in astrocytes.
This suggested a mechanism involving postsynaptic NMDA
receptor activation leading to accumulation of extracellular
K+. Such increase in extracellular K+ level was estimated to
be from 5.1 to 17.9% corresponding to an increase in astrocytic
depolarization from 1 to 3mV following LTP induction. The
authors, however, postulated that the actual depolarization
at peripheral astrocytic processes is likely to be even higher
compared to the soma. Finally, it is important to note that
although LTP of astroglial depolarization in this case may
be a passive response, the resulting downstream astroglial
responses may serve as persistent feedback signals in turn

modulating neuronal behavior. Although not directly tested
in this study, it is likely that such plasticity is largely mediated
by astrocytic Kir4.1 channels as we have demonstrated that
synaptically evoked astrocytic currents consisted of ∼80%
Kir4.1 channel dependent 𝐼

𝐾
current [21]. However, whether

this long-term increase in K+ current is mediated by channel
expression, localization or other factors remains unanswered.
It is also possible that an accompanying decrease in glial
glutamate uptake resulting from membrane depolarization
plays a role in the progression of the astroglial LTP observed.

Building upon these findings, a later study reported
by Zhang and colleagues [22] also described an LTP-like
response in astrocytes, induced by strong high-frequency
stimulation (HFS; 8 trains of 8 pulses at 200Hzwith intertrain
interval of 2 s) of the perforant path in the dentate gyrus
(DG) of the hippocampus. Indeed, a ∼400% potentiation
in astroglial membrane depolarization induced by HFS,
referred to as excitatory postsynaptic astrocytic potentials
(EPAPs) by the authors, was observed and lasted for more
than 30min. Importantly, the magnitude of this astroglial
potentiationwasmore pronounced than that during neuronal
LTP upon the same HFS stimuli. Next, it was demonstrated
that neither glutamate transporters (GLT-1 and GLAST) nor
metabotropic glutamate receptors (group I mGluRs) were
responsible for the astroglial EPAPs potentiation, as LTP
induction was unaffected by treatments with DHK (GLT-
1 inhibitor), threo-𝛽-hydroxyaspartic acid (THA; a GLAST
inhibitor), or dihydroxyphenylglycine (DHPG; a group I
mGluR agonist). However, by combining astrocytic EPAPs
recordings with single-cell reverse transcription-polymerase
chain reaction (RT-PCR), the authors elegantly showed that
LTP induction required functional NMDA receptor acti-
vation in astrocytes at the granule cell body layer of the
DG. Indeed, significant PCR products for NMDAR subunits
(NR1, NR2A, and NR2B) were also detected, in agreement
with previously characterised functional astroglial NMDA
receptors on astrocytes [103]. Altogether, even though this
study did not directly investigate astroglial K+ currents, it is
likely that, similar to the first study [13], the NMDA receptor-
mediated astroglial LTP observed here is also associated with
changes in extracellular K+ increase.

In summary, although astrocytes are sensitive to and
respond quickly to changes in extracellular K+ levels, not
much is known about how this response is regulated in a neu-
ronal activity-dependentmanner in terms of both short-term
and especially long-term plasticity. Nevertheless, these few
available studies provided encouraging first evidence of the
existence of such form of plasticity, as well as how they can be
appropriately characterised.With this, it is important to focus
future research on detailing the underlying mechanisms in
terms of identifying channel subtypes and regulating factors
involved, as well as the interconnection with other types of
astroglial plasticity like glutamate uptake.

6. Plasticity of Astroglial Glutamate Clearance

While one of the main functions of astrocytes is to remove
excess glutamate during excitatory neurotransmission, it is of
interest to know if astroglial glutamate clearance also exhibits
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different forms of short- and long-term plasticity in order to
adapt to changing neuronal activities. In particular, several
studies have focused on electrophysiological measurements
of astroglial synaptically-activated glutamate transporter cur-
rents (STCs) as a means of determining glial glutamate
transporter activities. Remarkably, both short- and long-term
plasticity have been documented either in synchrony with or
opposite to changes in synaptic transmission.Here, we review
these studies focusing on the plasticity of astroglial STCs and
discuss their roles in various experimental models and brain
areas.

6.1. Short-Term Plasticity of Astroglial STCs. Similar to the
studies of astroglial 𝐼

𝐾
discussed above, electrophysiological

measurements using the same stimulation protocols can also
be applied to characterize short-term plasticity of astroglial
STCs. With PPF protocols, it was observed by Diamond and
colleagues [12] that astroglial STCs remarkably displayed a
1.9-fold PPF (ISI = 50ms) similar to the 1.4-fold PPF of
AMPA receptor-mediated EPSCs in CA1 pyramidal neurons
(Figure 4(a)).This supported the notion that glial transporter
currents accurately monitored glutamate release at CA3-CA1
synapses [12, 21, 53, 93, 94, 96].

Paired-pulse ratio (PPR) of glial STCs, in contrast to
AMPA-EPSCs, was however not directly connected to the
Pr, as manipulation of Pr by either changing extracellular
Ca2+ concentration or blocking adenosine A1 receptors did
not induce any change in glial PPF [104]. In the cerebellum,
Bergmann cells are specialized glial cells, which interest-
ingly express both glutamate transporters and GluA2-lacking
AMPA receptors that are permeable to Ca2+ [105, 106]. With
this in mind, the authors measured a striking 4.2-fold PPF
of extrasynaptic currents (ESCs) induced by parallel fibers
paired stimulations [10], whereas a similar protocol applied to
Purkinje neurons only induced a 2-fold increase [107]. Upon
isolation of glutamate uptake components from the ESCs, a
1.8-fold PPF of glial STCs similar to synaptic PPF resulted
[10]. PPF has also been detected in both medium-sized spiny
neurons, sensors of cortical activity, and glial STCs following
stimulation of layer 5 of the somatosensory cerebral cortex
[14]. Interestingly, for ISIs of 4 to 10ms, while cortical STCs
still displayed PPF, EPSCs exhibited depression. The authors
postulated that these opposite observations could be due to
a facilitation of glial glutamate uptake leading to decreased
glutamatergic postsynaptic activation.

Apart from PPF, glial response to repetitive stimulation
(10Hz for 30 s) was also investigated. With such stimulation
protocol, it was demonstrated that astroglial STCs, in syn-
chrony with neuronal responses, first potentiated and then
depressed with a similar time course to that of fEPSPs in the
hippocampus [21]. In the cerebellum, repetitive stimulation
of parallel fibers even at low frequencies (0.1 to 1Hz) displayed
initial glial ESCs facilitation similar to SCs stimulation fol-
lowed by depression [10], suggesting that distant Bergmann
glial processes are in a more depolarized state than the soma
(Figure 4(b)).

Finally, similar to fEPSPs generated by neurons, astroglial
STCs also initially potentiated and then depressed in response

to 100Hz tetanus stimulation for 1 s [10, 21]. Furthermore, a
train of 10 pulses at 100Hz stimulation of cerebellum parallel
fibers generated facilitation of glial ESCs amplitude that
gradually decreases and subsequently turned to depression
(Figure 4(c)). Taken together, these studies indicate that hip-
pocampal, cortical, and cerebellar astroglial STCs displayed a
neuronal-like plasticity and monitored short-term excitatory
synaptic transmission by reflecting activities of surrounding
synapses.

6.2. Long-Term Plasticity of Astroglial STCs. As astroglial
STCs exhibit various short-term plastic changes induced by
modifications of neurotransmitter Pr, it is also of interest to
investigate whether such plasticity can also be long-lasting.
Indeed, using paired granule cell-glial cell recordings in
cerebellar cultures, LTP of Ca2+-permeable AMPA receptor
glial currents has been induced by prolonged 4Hz stimu-
lation of the granule cell [15, 16]. This provided one of the
first evidence showing that astroglial glutamate transporter
currents, in addition to neuronal transporters, are able to
display LTP. LTP of glial transporter currents could be
induced in the presence of postsynaptic Ca2+ chelation and
glutamate receptor antagonists but was blocked by removal
of external Ca2+ during the tetanus, suggesting that a part
of the cerebellar LTP is expressed presynaptically through
modifications of glutamate Pr [16].

Over the years, many insights regarding astroglial glu-
tamate uptake have been obtained from neuronal STCs dis-
playing long-term plasticity. An important study on neuronal
glutamate transporters (EAAT4) in cerebellar Purkinje cells
has shown that STCs undergo LTP in response to brief
tetanic stimulation of climbing fibers [108]. Importantly,
the increase in neuronal glutamate transporter current was
coupled to LTDofAMPA-EPSCs, suggesting the involvement
of an integrated mechanism that protects Purkinje cells
from glutamate excitotoxicity. Other studies have shown
that neuronal and astroglial glutamate transporters have
distinct roles during long-term changes in neuronal activ-
ities. In the hippocampal CA1 area, it was observed that
EAAC1, the predominant neuronal glutamate transporter,
is upregulated during the early phase of LTP (E-LTP) and
fear conditioning in vivo [109]. The enhanced glutamate
uptake accompanying the increased surface expression of
glutamate transporters was the likely mechanism limiting
glutamate spillover during E-LTP. As neuronal EAAC1 and
glial GLT-1 together account for more than 80% of glutamate
uptake in the hippocampus [110], the changes in GLT-1
expression and activity was also investigated in this study.
To assess differential contributions of these two transporters,
the authors showed that the increase in glutamate uptake
during E-LTP, observed together with an increase in EAAC1
expression, did not require macromolecular synthesis, and
was not sensitive to DHK, a selective inhibitor of GLT-
1. This increase in glutamate uptake that occurred at the
postsynaptic element could prevent postsynaptic glutamate
receptor desensitization during strong neuronal activity or
limit glutamate spillover. Although glial GLT-1 activity was
not altered during E-LTP, a later study revealed an increase in
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Figure 4: Short- and long-term plasticity of astroglial glutamate uptake. (a) Simultaneous recordings of neuronal responses (fEPSPs; field
excitatory postsynaptic potentials) and astroglial glutamate transporter currents (STCs) revealed paired-pulse facilitation of both fEPSPs and
astroglial glutamate uptake in hippocampal CA1 region. Sample traces are shown for fEPSPs (top) and astroglial STCs (bottom). STCs were
recorded in the presence of 5mM kynurenic acid. Scale bars = 0.25mV for fEPSP, 50 pA for astroglial currents, 25ms. (b-c) Patch-clamp
recordings revealed short-term facilitation of astroglial extrasynaptic currents (ESCs) in the cerebellum. Sample traces are shown for ESCs in
response to 10 pulses of (b) 10Hz or (c) 100Hz stimulation to parallel fibers. (d-e) Astroglial GLT-1 glutamate transporter is responsible for
glutamate uptake during late but not early phase of long-term potentiation (LTP) in the hippocampus. (d) Bar graphs showing that the GLT-1
inhibitor, dihydrokainate (DHK), inhibited glutamate uptake during late phase (L-LTP; right panel), but not early phase (E-LTP; left panel) of
LTP induced by high frequency stimulation of SCs (HFS; each composed of two trains of 100Hz pulses separated by 20 s). Glutamate uptake
in hippocampal slices were measured using radioactive glutamate (L-[14C(U)]-glutamic acid). (e)Western blot analysis revealed a significant
upregulation of neuronal glutamate transporter (EAAC1) expression during E-LTP (left panel) and of GLT-1 during L-LTP (right panel).
Representative western blots are shown above bar graphs. (f) Recordings of fEPSPs in hippocampal CA1 region showed that an increase in
GLT-1 activity and glutamate uptake are required for the induction of additional LTP. LTP was triggered twice in the same experiment (LTP-1
and LTP-2). Each LTP was induced by HFS as indicated by arrows (HFS-1 and HFS-2). During LTP-1, no difference was observed between
slices treated with DHK (open triangles) and control (filled circles) indicating that basal GLT-1 activity was not required for induction of
LTP-1. After the establishment of a new baseline, an additional LTP (LTP-2) was triggered under control conditions (filled circles). This was
completely inhibited in slices treated with DHK (open circles). The effect of DHK was abolished in the presence of a glutamate scavenger
(glutamic-pyruvic transaminase + pyruvate). These suggested that an increase in GLT-1 activity above basal level and the accompanying
enhanced glutamate uptake is important for the induction of LTP-2. Mean ± SEM are shown for (d–f). Adapted with permission: (a) [12],
(b-c) [10], (d-e) [19], and (f) [20].
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glial glutamate uptake during the late phase of LTP (L-LTP),
which could be explained by an upregulation of GLT-1
expression at the membrane resulting in increased astroglial
glutamate uptake (Figures 4(d) and 4(e)) [19].This was found
to be sensitive to protein synthesis and transcription inhibi-
tion, as well as DHK, and may participate in controlling both
presynaptic release and extracellular diffusion of glutamate.
Additionally, the same group later demonstrated that an
increase in GLT-1 activity above basal level, and the accom-
panying enhancement in glutamate uptake, appears to be
responsible for the induction of additional LTP (Figure 4(f))
[20].This interesting discovery demonstrated the importance
of long-term upregulation of astroglial glutamate uptake in
the maintenance of synaptic plasticity. These studies together
supported differential regulations of both neuronal and glial
glutamate transporters during the progression of LTP. Finally,
Bergmann glia AMPA receptors and glutamate transporters
have been found to display activity-dependent LTD during
parallel fibers stimulation. Bellamy and Ogden [11] revealed
that this plasticity of cerebellar glial cells was, however, not
observed in synchrony with surrounding neuronal activity.
Indeed, LTD of glial ESCs and Ca2+-permeable AMPA recep-
tor currents was induced in Bergmann glia using a 0.2Hz
frequency stimulation that does not generate any change
in evoked excitatory postsynaptic current (EPSC) amplitude
from Purkinje neurons.

Taken together, these results revealed that astrocytes are
sensitive to different forms of plasticity. Long-term plas-
ticity of both neuronal and astroglial STCs are essential
regulators of neuronal homeostasis.Therefore, by controlling
presynaptic neurotransmitter release, as well as extracellular
diffusion of glutamate to prevent postsynaptic receptors
desensitization, these long-termmechanisms are necessary to
protect the tripartite synapse against glutamate excitotoxicity
that occurs during sustained neuronal activity (e.g., neuro-
logical disorders such as epilepsy [111], addiction [112], and
neurodegenerative diseases [113, 114]).

6.3. Possible Mechanisms Mediating Long-Term Plasticity of
Astroglial STCs. While it is evident that astrocytes display
both short- and long-term plasticity in glutamate uptake, a
description of the possiblemolecularmechanisms underlying
such activity-dependent regulation remains unexplored and
still needs to be clarified. Interestingly, and due to its simple
nervous system organization, the marine mollusk Aplysia
californica has been used as a useful model to study changes
in neural circuitry that occurred during specific behaviour
like long-term sensitization (LTS) [115, 116]. Similar to later
discoveries in the CA1 region [109], enhanced glutamate
uptake was triggered by in vivo treatment with serotonin or
electrical stimulation, which are responsible for the induction
of LTS in Aplysia. Importantly, the PKA, MAP, and tyrosine
kinase pathways appeared to regulate glutamate uptake by
either transcription of the glutamate transporter or post-
translational modifications such as phosphorylation [82, 117,
118]. In addition, the primary high affinity glutamate trans-
porter in Aplysia, ApGT1, is transported through the endo-
plasmic reticulum-Trans-Golgi network vesicular trafficking
system from the sensory neuron somata to the terminals.

This pathway may be the mechanism underlying the increase
in ApGT1 at the membrane, and consequently leading to
glutamate uptake observed during long-term plasticity [119,
120]. Taking advantage of the similarities in learning and
memory behaviour between Aplysia and higher vertebrates
[121], these proposed pathways give important insights into
the molecular mechanisms governing plasticity of gluta-
mate uptake in glial cells. In fact, the importance of glial
glutamate transporter trafficking has already been under
consideration. By using a combination of high-resolution live
imaging and electrophysiological recordings both in vitro
and in vivo, a recent study [92] provided additional evidence
regarding the role of astrocytic GLT-1 surface trafficking
in shaping excitatory synaptic transmission. Noteworthy,
the diffusion coefficient of GLT-1 was one of the highest
reported while the fraction of immobile transporters was
one of the lowest. These findings, together with an earlier
study [122], clearly suggest that scaffolding and/or anchoring
proteins may directly control transporter surface diffusion.
Additional studies focused on the identification of both
neuronal and glial glutamate transporter binding partners
will further clarify how short- and long-term changes in
glutamate transporter could occur during neuronal activity.

6.4. Morphological Plasticity in Astrocytes. Apart from short-
and long-term plasticity of glutamate uptake, astrocytes also
display changes in their morphology in response to sensory
stimuli or neuronal activity [14, 17, 123, 124]. Indeed, it has
recently been reported that LTP transiently increases the
motility of hippocampal perisynaptic astrocyte processes,
which is mediated by calcium signalling induced by acti-
vation of metabotropic receptors. In addition, structural
plasticity of astroglial processes has also been observed in
the somatosensory cortex followingwhisker stimulation [123,
124].

Remarkably, such morphological plasticity has been
described to modify glutamate transporter activities in sev-
eral brain areas. One of the first evidences was identified
during lactation, a physiological intense stimulation. Oliet
and colleagues [17] have observed that glutamate level in
the synaptic cleft was higher in lactating animals than virgin
or postlactating animals and correlated it to a reduced
astrocytic coverage onto supraoptic nucleus (SON) neu-
rons. In addition, inhibition of SON glutamate uptake by
DHK consequently resulted in glutamate spillover, which
activated presynaptic group III mGluRs leading to a lower
glutamate Pr. Few years later, using single whisker stimu-
lation paradigm, which increases sensory activity, another
group showed an increase in GLT-1 and GLAST protein
expression in barrels corresponding to the stimulatedwhisker
[14]. Notably, morphometric analyses using serial electron
microscopy confirmed an increase in astroglial coverage
to the bouton-spine interface, suggesting that plasticity of
glutamate transporters in the somatosensory cortex may
prevent glutamate spillover to surrounding areas. Finally,
we have shown that hippocampal astrocytes display Cx30-
mediated morphological changes, which in turn regulates
astroglial glutamate uptake [18]. It was found to be mediated
by nonchannel functions of Cx30. In particular, an increase
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in the insertion of astroglial processes into synaptic clefts
was observed in Cx30 deficient mice. Such increased inva-
sion of excitatory synapses could facilitate glutamate uptake
observed in these mice. Together, these important studies
concurrently demonstrated enhanced synaptic coverage by
astrocytic processes with increased glutamate uptake via
astroglial glutamate transporters in different brain regions.
This implies that astrocytes may take advantage of the
positioning of their dynamic processes to regulate glutamate
removal from the synaptic cleft.

7. Conclusions and Perspectives

Astrocytes not only sense but also respond to neuronal
activities and have been recognized as active players at the
tripartite synapse. Over the years, it has been of immense
interest for researchers to explore such intricate relationships
between neurons and astrocytes. In particular, among many
astroglial functions, their abilities to remove excess K+ and
glutamate upon neuronal activity are thought to be essential
mechanisms important for the maintenance of extracellular
homeostasis and thus allow proper functioning of the brain.
For this very purpose, astrocytes express functional K+ chan-
nels as well as glutamate transporters. With the help of their
elaborate gap-junctional networks, they have been found
to efficiently take up and redistribute excess neuroactive
substances throughout the brain. Interestingly, over recent
years, the focus has extended to activity-dependent plasticity
of these properties. It was hypothesized that in response to
changes in synaptic strengths, these astroglial properties can
be modulated in an activity-dependent manner, similar to
neuronal synaptic plasticity. Indeed, both short- and long-
term plasticity of such nature have been documented as
presented in this review. It is important to note that in
some cases, astroglial responses behave in concert with
neurons [10, 12, 21]. However, in other cases, they exhibit
unique kinetics [21] and differential regulations [19, 20] as
compared to their neuronal counterparts. Importantly, we
have also shown here that astrocytic inward currents dis-
play robust summation during mild-stimulations, suggesting
differential sensitivity to the surroundings by neurons and
astrocytes.

With these emerging findings, we show in this review that
astroglial properties indeed display different forms of plas-
ticity in response to changing neuronal activities. However,
the exact cellular and molecular mechanisms mediating such
processes still remain elusive. Nevertheless, it has been pos-
tulated that channel and transporter expression, clustering,
and traffickingmight play important roles [19, 92, 122].More-
over, astrocytes may also undergo morphological changes in
synaptic coverage by their fine processes, therebymodulating
uptake [14, 17, 18]. In order to better understand activity-
dependent astroglial plasticity and how it may be triggered
and regulated, it is essential to explore the underlying cellular
and molecular mechanisms governing these changes. It is
with this knowledge of plasticity fromboth neuronal and glial
points of view, and how they are interconnected, that we can
fully appreciate the dynamic aspects of brain processes like
learning and memory.
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The long-term effects of antenatal dexamethasone treatment on brain remodelling in 3-month-old male Sprague Dawley rats
whose mothers had been treated with dexamethasone were investigated in the present study. Dorsal hippocampus, basolateral
amygdala and nucleus accumbens volume, cell numbers, and GFAP-immunoreactive astroglial cell morphology were analysed
using stereology. Total brain volume as assessed by micro-CT was not affected by the treatment. The relative volume of the dorsal
hippocampus (% of total brain volume) showed a moderate, by 8%, but significant reduction in dexamethasone-treated versus
control animals. Dexamethasone had no effect on the total and GFAP-positive cell numbers in the hippocampal subregions,
basolateral amygdala, and nucleus accumbens. Morphological analysis indicated that numbers of astroglial primary processes were
not affected in any of the hippocampal subregions analysed but significant reductions in the total primary process length were
observed in CA1 by 32%, CA3 by 50%, and DG by 25%. Mean primary process length values were also significantly decreased in
CA1 by 25%, CA3 by 45%, and DG by 25%. No significant astroglial morphological changes were found in basolateral amygdala
and nucleus accumbens. We propose that the dexamethasone-dependent impoverishment of hippocampal astroglial morphology
is the case of maladaptive glial plasticity induced prenatally.

1. Introduction

Astroglia have been acknowledged to play a role in brain
responses to stress and glucocorticoids as its chemical medi-
ators [1, 2]. Such effects implicate brain plasticity and can
lead to regional brain remodelling, with volume changes
observed within the limbic system in cases of long-term
“toxic” stress, and depression and depression-like conditions
in humans and animals, respectively [1, 3]. Thus increased
amygdala volumes have been observed in teenage adoptees
who experienced early life deprivation [4]. On the other
hand, hippocampal volume reductions have been reported
in patients with PTSD and major depressive disorder with
history of early life deprivation [5]. Stress-related reductions
in hippocampal volume have also been observed in experi-
mental animals, both rodents [6, 7] and nonhuman primates
[8]. Hippocampal volume losses, albeit usually of modest
degree, indicate changes in brain tissue architecture, with

most studies reporting on neuroplastic rearrangements [9].
However, there is also evidence of astroglial involvement in
hippocampal remodelling observed in the rat model of early
life deprivation [7].

Also prenatal stress can result in a reduced hippocampal
volume associated with suppressed neurogenesis in rhesus
monkeys, a phenomenon found to be mediated by corticos-
teroids [10]. Antenatal treatment with synthetic steroids such
as dexamethasone, which cross the placenta [11], is often used
in pregnant women at risk for preterm birth [12]. It can, how-
ever, affect neurobehavioural development of children who
have lower IQ scores and poormotor and visual coordination
skills during their school age [13]. About 85%of neonateswith
antenatal corticosteroid therapy receivemultiple courses [14],
and dexamethasone is commonly administered to ventilator-
dependent premature infants with chronic lung insufficiency
to improve lung function [15, 16].
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The first human study on postmortem hippocampi of
neonates who had been antenatally treated with dexametha-
sone or betamethasone has shown a glucocorticoid-related
reduced density of neurons; no differences have been found in
gliosis or myelination [17]. Experimental studies on animals
confirmnegative effects of antenatal glucocorticoid treatment
(AGT) on hippocampal neurogenesis [18]; however, there
are no reports about AGT effects on brain glia. The present
study addressed this gap in knowledge and hypothesised that
rat hippocampal astroglia respond to AGT in a maladaptive
manner, in the long term.

2. Experimental Procedures

2.1. Animals. All animal procedures were carried out in
accordance with the United Kingdom Animals Scientific
Procedures Act of 1986, at Imperial College London. Sprague
Dawley rats (Harlan Olac, Blackthorn, Bicester, Oxfordshire,
UK) were kept under controlled lighting (on 0800–2000 h),
temperature (21–23∘C), and humidity (63%), with standard
rat chow and drinking water (except as described below) pro-
vided ad libitum. Male and female rats were caged separately
and allowed to acclimatize to their new environment for one
week, after which groups of one male and two female rats
were housed together overnight and the presence of vaginal
plugs the following morning was taken to confirm mating;
pregnancy was confirmed approximately 6 days later by
palpation.The timed pregnant rats were housed five per cage
until gestational day (GD) 15, when they were caged singly
in preparation for giving birth. From GD 19/20 pregnant rats
were monitored several times a day and the day of birth
was defined as day 0. No more than two progenies per litter
(one male, one female) were included in each experimental
group in order to minimize potential effects of litter-of-
origin. Offspring were weaned at three weeks; male and
female progenywere housed separately and theywere allowed
to grow to adulthood with no further interventions other
than normal husbandry. At 68 ± 2 days of age animals were
decapitated between 0900 and 1000 h. Male rats were used in
the present study.

2.2. Dexamethasone Treatment. Dexamethasone was admin-
istered noninvasively as dexamethasone sodium phosphate
(Faulding Pharmaceuticals Plc., Royal Leamington Spa, UK)
in the drinking water given to pregnant rats at GD 16–19, at
the dose of 0.5 𝜇g/mL [19] with an estimated daily intake of
approximately 75𝜇g/kg [20].Withdrawing dexamethasone at
GD 19 allowed for clearance of the steroid from the maternal
circulation prior to birth, with no observable effects on the
outcomes of pregnancy, maternal behaviour, or adult body
weight of the offspring [19–21].

2.3. pQCT Scanning. Total frozen brain volume (𝑛 = 6 per
group) was analysed by means of peripheral quantitative
computed tomography (pQCT) on a Stratec Research SA+
scanner (Stratec Medizintechnik, Pforzheim, Germany) as
described elsewhere [7]. Serial coronal CT scans were per-
formed covering entire brain region. Further analysis to
measure total brain volume was carried out by using software

Avizo (version 5; Mercury Computer Systems, Chelmsford,
MA, USA).

2.4. Brain Tissue Preparation. Frozen coronal sections
(25 𝜇m) were cut in an anterior-posterior direction. The
sectioning procedure was designed to yield the following
regions of interest (ROIs) (in brackets A/P coordinates from
bregma, in mm): nucleus accumbens core (3.00 to 2.16),
basolateral amygdala (−1.72 to −2.28) and dorsal hippo-
campus (−2.04 to −4.68) according to the rat brain atlas by
Paxinos and Watson [22].

2.5. Total Cell Count. Brain sections were stained with hema-
toxylin (HX) for total cell count and then gradually dehy-
drated, air-dried, and protected with a histological mounting
medium and covered with cover slips.

2.6. Immunohistochemistry. To visualise astrocytes, glial fib-
rillary acidic protein (GFAP) immunohistochemistry was
performed [23]. Briefly, peroxidase inactivation was carried
out in PBS with 20% methanol, 1.5% H

2
O
2
, and 0.3%

Triton X-100; blocking medium contained 0.1% Triton X-
100 and 10% normal horse serum, and the anti-GFAP pri-
mary antibody (Sigma, UK) was diluted 1 : 500 and applied
overnight at 4∘C. Controls (blanks) without the primary
antibody were processed in parallel. All sections were incu-
bated with the secondary antibody and streptavidin-biotin-
peroxidase complex according to manufacturer’s instruc-
tion (ABC kit, Vector Laboratories, UK). Sections were
treated with 3,3-diaminobenzidine (5mg/mL, 0.01% H

2
O
2
),

rinsed, dehydrated, and mounted in xylene-based Histo-
mount (BDH/Merck, Poole, UK) prior to stereology.

2.7. Stereological Procedures

2.7.1. Volume Analysis. Volume estimation using the Cava-
lieri principle was performed with Stereo-Investigator soft-
ware (Version 9, MicroBrightField, Inc., Germany) and
Olympus BX51 microscope fitted with a motorized stage and
video camera on a Zeiss UPlan FLN with a 4x objective
(NA = 0.25). Starting at a random position, every tenth
section was analyzed, leading to an average of 12 sections for
dorsal hippocampus, 6 sections for basolateral amygdala, and
5 sections for nucleus accumbens, per brain. These sets of
consecutive sections were used for the estimation of volumes
for both control and test groups. The investigator was blind
to the experimental groups. A point counting grid (PCG)
(i.e., 𝑑 = 50 𝜇m) was used for volume estimation to obtain
maximum efficiency. Representative area per point (𝑎/𝑝)was
2500 𝜇m2. After applying the PCG on the sampled sections
in a systematic randommanner, the number of points hitting
region of interest was counted (Figure 1(a)). The efficiency of
sampling and volume estimation were checked by estimation
of coefficient of error and coefficient of variation [24].

2.7.2. Cell Counts. Cells in the dorsal hippocampal subre-
gions (CA1, CA2, CA3, and DG), basolateral amygdala, and
nucleus accumbens were counted using the optical fraction-
ator (Stereo-Investigator, Version 9, MicroBrightField Inc.,
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(a) (b)

Control

(c)

Dex-treated

(d)

Figure 1: Dorsal hippocampal volume, HX stain (a) and GFAP-positive astroglial cell count (b) estimated by means of stereology. Changes
in astroglial morphology in response to AGT: GFAP-positive astroglial cells in control (c) and Dex-treated (d) male rats (dorsal hippocampal
dentate gyrus area). GFAP-positive primary process length is reduced in Dex-treated male rats when compared with control, (d) versus (c).
Astroglial processes observed at 100x magnification.

Germany). An unbiased estimation of total number of cells
was achieved by choosing every 10th section according to the
systematic random sampling procedure [24] yielding 8 sec-
tions per animal. A pilot study was undertaken to determine
the following parameters. A sampling area of 160/2500𝜇m2
was found to be optimal for this study. Dissector height was
8 𝜇m and a 1 𝜇m guard zone at the top and bottom part of the
section was excluded from the analysis at every step. A fixed
counting frame of 50 × 50 and a variable sampling grid size
(𝑥-𝑦-axis) of 150 × 150 CA1, 150 × 150 CA2, 300 × 300 CA3,
and 300 × 300 DG were used for the dorsal hippocampus
(Figure 1(b)) and 150 × 150 was used for both basolateral
amygdala and nucleus accumbens. These sampling grids
resulted in 100–200 counting sites per brain. HX and GFAP-
positive cells were counted using a 100x Nicon UPlan FLN
objective (NA = 1.30) which allowed accurate recognition.
Each cell was counted according to the unbiased counting
rules. The efficiency of convenient number of sampled cells
and parameters was checked by estimation of coefficient of
error (CE) and coefficient of variation (CV) [24].

2.7.3. AstroglialMorphology. Morphological analysiswas per-
formed on 80 astrocytes in each brain (10 astrocytes per
section) usingNeurolucida software (Version 9,MicroBright-
Field, Inc., Germany) for tracing boundaries of the ROIs
and astrocytes. Astrocytes within the ROI were traced in

a systematic random manner, taking care to avoid those
which were superimposed upon other astrocytes or blood
vessels. The traced astrocytes were then analysed using
Neurolucida explorer software (Version 9, MicroBrightField,
Inc., Germany). Morphological analysis was performed by
observer who was blind to the experimental groups. Primary
process length was measured using 100x objective (Nicon
UPlan FLN, NA = 1.30) and by counting the primary pro-
cesses extending directly from the soma in both the lateral
and central quadrants of astrocytes in the same sections.

2.8. Statistical Analysis. Using SPSS 17.0 statistical software
(SPSS, Inc., USA), ANOVA with a post hoc Tukey test was
performed, comparing between group differences. Indepen-
dent 𝑡-test was performed tomeasure difference between two
groups. Statistical significance was set at 𝑃 < 0.05.The results
are expressed as mean ± SEM.

3. Results

3.1. Whole Brain Volume and Brain Weight. No significant
effects of AGT were observed in the whole brain volume
(𝑃 = 0.376) and brain weight (𝑃 = 0.442) (Table 1).

3.2. VolumeAnalyses. AGT rats showed a significant decrease
in the absolute volume of dorsal hippocampus by 6.5%
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Table 1: Effects of AGT exposure on brain weight and volume of
male adult Sprague Dawley rats.

Control Dex-treated
Brain weight (g) 1.74 ± 0.02 1.77 ± 0.03
Brain volume (mm3) 1650.18 ± 17.75 1681.24 ± 28.43
The brain weight and volume are expressed as mean ± SEM (𝑛 = 6 per
group). No significant differences between Dex-treated (AGT) and control
were observed.

Table 2: Effects of AGT on the regional brain volume of male adult
Sprague Dawley rats.

Volume
Control Dex-treated

Absolute values (mm3)
Dorsal hippocampus 32.8 ± 0.46 30.8 ± 0.50∗

Basolateral amygdala 0.81 ± 0.02 0.80 ± 0.02
Nucleus accumbens 2.28 ± 0.06 2.26 ± 0.07

Relative values (as % brain volume)
Dorsal hippocampus 1.99 ± 0.04 1.83 ± 0.04∗

Basolateral amygdala 0.046 ± 0.001 0.048 ± 0.001
Nucleus accumbens 0.138 ± 0.004 0.135 ± 0.005

The volume of the dorsal hippocampus, basolateral amygdala, and nucleus
in control and dexamethasone-treated groups (𝑛 = 6 per group). Data are
expressed as mean ± SEM. ∗𝑃 < 0.05 versus control, independent sample 𝑡-
test.

versus control (𝑃 < 0.05). When expressed as percentage
of the whole brain volume, the volume reduction was 8%
(𝑃 < 0.05) versus control. No significant differences were
observed between the treatment groups in the basolateral
amygdala (𝑃 = 0.834) and nucleus accumbens (𝑃 = 0.905)
(Table 2).

3.3. HX Stained Total Cell Numbers. AGT did not affect the
total cell count (HX stain) in the dorsal hippocampal subre-
gions CA1 (𝑃 = 0.821), CA2 (𝑃 = 0.975), CA3 (𝑃 = 0.991),
and DG (𝑃 = 0.959), basolateral amygdala (𝑃 = 0.180), and
the nucleus accumbens (𝑃 = 0.474) (Table 3).

3.4. GFAP-Positive Astroglial Cell Numbers. There were no
significant AGT effects on GFAP-positive cell numbers in the
dorsal hippocampal subregions CA1 (𝑃 = 0.607), CA2 (𝑃 =
0.517), CA3 (𝑃 = 0.500), and DG (𝑃 = 0.424), basolateral
amygdala (𝑃 = 0.495), and the nucleus accumbens (𝑃 =
0.384) (Table 4).

3.5. Astroglia (GFAP-Positive) Cell Morphology. AGT did
not affect the numbers of primary processes in the region
analysed (Tables 5 and 6) and it had no significant effects
on the astroglial morphology in the nonhippocampal regions
(Table 5, all group differences at 𝑃 < 0.05).

However, AGT affected the length of primary processes
in GFAP-positive cells within the hippocampus (Figures 1(a)
and 1(b)); it led to a significant reduction in the total length of
astrocytic primary processes in the hippocampal subregions:
by 32% in CA1 (𝑃 < 0.05), 50% in CA3 (𝑃 < 0.001), and by

Table 3: Effects of AGT on the number of total (hematoxylin-
stained) and GFAP-positive cellsin dorsal hippocampus of male
adult Sprague Dawley rats.

Subregion Control Dex-treated
Hematoxylin stained cell numbers estimated per region (×103)

CA1 706.8 ± 8.8 714.1 ± 29.7
CA2 95.9 ± 3.4 95.8 ± 2
CA3 491.3 ± 37.2 490.7 ± 32.6
DG 791.4 ± 31.6 789.1 ± 30.6

GFAP +ve cell numbers estimated per region (×103)
CA1 219.4 ± 6 213.6 ± 9.1
CA2 26.8 ± 1.1 25.8 ± 1
CA3 110.9 ± 6.1 104.4 ± 6.9
DG 201 ± 4.7 195.3 ± 5.1
The numbers of total and GFAP-positive cells are shown for control and
dexamethasone-treated groups (𝑛 = 6 per group). Data are expressed as
mean ± SEM. No significant differences between Dex-treated (AGT) and
control were observed.

Table 4: Effects of AGT on the number of total and GFAP-positive
cells in basolateral amygdala and nucleus accumbens region of cells
in male adult Sprague Dawley rats.

Subregion Control Dex-treated
Hematoxylin stained cell numbers estimated per region (×103)

Basolateral amygdala 52.86 ± 3.4 58.79 ± 2.4
Nucleus accumbens 146.58 ± 6.8 139.61 ± 6.4

GFAP +ve cell numbers estimated per region (×103)
Basolateral amygdala 23.68 ± 1.9 25.71 ± 2.1
Nucleus accumbens 20.73 ± 1.8 18.28 ± 2.0
Thenumbers of total andGFAP-positive cells in control and dexamethasone-
treated groups (𝑛 = 6 per group). Data are expressed as mean ± SEM.
No significant differences between Dex-treated (AGT) and control were
observed.

Table 5: Effects of AGT on themorphology of GFAP-positive astro-
glia in the basolateral amygdala and nucleus accumbens region of
male adult Sprague Dawley rats.

GFAP-astroglia morphology
Control Dex-treated

Total primary process length (𝜇m)
Basolateral amygdala 5761.8 ± 582.6 6123.5 ± 598.9
Nucleus accumbens 4033.4 ± 403.9 3890.1 ± 489.2

Primary process mean length
Basolateral amygdala 26.8 ± 1.6 27.5 ± 2.1
Nucleus accumbens 22.7 ± 1.8 20.8 ± 1.7

Number of primary processes
Basolateral amygdala 213 ± 11.4 221 ± 9.1
Nucleus accumbens 178 ± 8.5 185 ± 10.6

The total primary process length, mean primary process length, and num-
bers of primary processes of GFAP-positive cells in control and dexametha-
sone-treated groups (𝑛 = 6 per group). Data are expressed as mean ± SEM.
No significant differences between Dex-treated (AGT) and control were
observed.
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Table 6: Effects of AGT on GFAP-positive astroglial primary
process numbers in male adult Sprague Dawley rats.

GFAP-astroglia morphology
Control Dex-treated

Number of primary process
CA1 362 ± 36.1 323.3 ± 4.4
CA2 301 ± 26.2 311 ± 26.4
CA3 339 ± 16.9 305.7 ± 8.1
DG 321.7 ± 14.3 314.8 ± 4.7

The numbers of primary processes of GFAP-positive cells in control and
dexamethasone-treated groups (𝑛= 6 per group). Data are expressed asmean
± SEM. No significant differences between Dex-treated (AGT) and control
were observed.

25% in DG (𝑃 < 0.01) (Figure 2). AGT-dependent changes
were also observed in the mean length of astrocytic primary
processes: reductions by 25% in CA1 (𝑃 < 0.01), 45% in CA3,
(𝑃 < 0.001), and 25% in DG (𝑃 < 0.01) (Figure 3).

4. Discussion

The present study was focused on the effects of AGT on
central astroglia and regional volume of the hippocampus,
amygdala, and nucleus accumbens as the areas of the limbic
system implicated in response to stress and corticosteroids [2,
3, 9]. AGTwas administered to pregnant dams noninvasively,
through drinkingwater, to avoid the stress of animal handling
and injections. Of the brain areas tested in adult male rats, the
hippocampus responded to AGT, with a long-term reduction
in its volume and changes in astroglial morphology. It is plau-
sible that the observed impoverishment of astrocytic primary
branches underpins the hippocampal volume reduction as
we found no evidence of cell loss. To our knowledge, such
AGT-dependent long-term hippocampal remodelling with
implications for astroglia has not been reported before.

Astroglia were visualised by means of the commonly
used GFAP immunohistochemistry. GFAP is an intermediate
filament protein present in cell bodies and primary branches
although fine distal processes show little or no GFAP [25].
Although GFAP staining is selective to astrocytes, it does not
label all astrocytes in the brain. Accepting these limitations
of GFAP immunohistochemistry, the present study focused
on the length and numbers of primary astrocytic processes
where GFAP is reliably detectable [25]. Stereology was our
method of choice as it offers an unbiased approach to regional
brain volumetry and morphometry [24].

Previous volumetric studies have considered specific
brain regions, expressing their volumes in absolute terms
with no reference to the total brain volume, which itself is
a variable. Thus the present application of pQCT to measure
total brain volume adds the much needed rigour to volu-
metric assessment where regional volumes need to be scaled
to the total brain volume. This is particularly important as
perinatal corticosteroid exposure can lead to a decrease in
brain weight/volume. For example, a significant brain weight
reduction has been reported in rhesus monkeys treated
prenatally with corticosteroids [26] and repeated doses of
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Figure 2: Effect of prenatal dexamethasone treatment on the total
length of primary astrocytic processes in hippocampal subregions
of male adult Sprague Dawley rats. The total primary process length
ofGFAP-positive cells in control and dexamethasone-treated groups
(𝑛 = 6 per group). Data are expressed as mean ± SEM. ∗𝑃 < 0.05,
∗∗
𝑃 < 0.01, and ∗∗∗𝑃 < 0.001 versus control, independent sample
𝑡-test.
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Figure 3: Effect of prenatal dexamethasone treatment on the mean
length of primary astrocytic processes in hippocampal subregions of
male adult Sprague Dawley rats. The mean primary process length
ofGFAP-positive cells in control and dexamethasone-treated groups
(𝑛 = 6 per group). Data are expressed as mean ± SEM. ∗∗𝑃 < 0.01
and ∗∗∗𝑃 < 0.001 versus control, independent sample 𝑡-test.
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dexamethasone at E17–19 have resulted in a significant brain
weight reduction in newborn rats [27]. The present study
found no AGT effects on the whole brain weight and volume,
the latter measured by pQCT. One of the factors which affect
the brain weight and volume is the amount of corticosteroid
administered. In the present study a relatively small dose
was given which, as discussed previously [19], is in the range
used in perinatal medicine and mimics the glucocorticoid
activity that is required for normal lung maturation during
late gestation.

Within the developing brain, the limbic system, richly
expressing glucocorticoid and mineralocorticoid receptors
[28], is sensitive to the endogenous and exogenous corti-
costeroids, which can affect these brain areas with long-
term consequences for their structure and function [29].
Reductions in the regional brain volume of the hippocampus
and amygdala have been reported in preterm infants [30–
32] and a cortical brain volume reduction of 35% has been
observed in premature infants treated with dexamethasone
[33]. On the other hand, there have been reports of no effect
of single betamethasone antenatal dose on regional brain
volumes, particularly within the limbic system [34].

In the present study, the hippocampus was significantly
affected by AGT, in line with the theory that this region
develops primarily during the foetal period [35] although
hippocampal volume losses have also been observed fol-
lowing administration of corticosteroids in adult monkeys
and rats [36, 37]. No changes were seen in the basolateral
amygdala and nucleus accumbens volume, which suggests a
region-selective treatment effect consistent with the density
of glucocorticoid receptor distribution [28].

A transient reduction in hippocampal volume has been
observed in adolescent but not adult mice exposed to a clin-
ically relevant dose of dexamethasone at E15 [18]. The extent
of hippocampal volume loss is normally mild/moderate. The
present reduction of the hippocampal volume by 8% fits in
that range while being statistically significant. It is compara-
ble with some previous reports on stress/steroid-dependent
losses in the hippocampal volume across several species.Thus
Coe et al. [10] have found hippocampal volume reductions by
12% and 10% in the offspring of rhesus monkeys exposed to
early life stress. In tree shrews, four weeks’ cortisol treatment
or psychosocial stress has resulted in a hippocampal volume
loss by 5–10% [38]. Chronic social defeat stress has led to
a similarly mild yet significant hippocampal volume loss
in adult rats [6]. Human adolescents who were born very
preterm have been found to have a hippocampal volume loss
in the range of 12% to 15.6% [39].

What causes the hippocampal volume losses in responses
to stress/glucocorticoids? There is a range of factors such as
neuronal and/or glial cell death, reduction of cell size, includ-
ing atrophy of neuronal dendrites and/or glial branches,
reduced water content or impaired neurogenesis [1], and/or
reduced microvasculature [6]. The present study did not find
cell losses in the brain areas tested and focused on astroglia
because of their major role in maintaining brain plasticity
at the level of synapses and cells [25]. Currently, published

studies on the mechanisms underlying glucocorticoid-
induced brain volume reductions have focused on neurons.
As a result, neuronal cell loss has been well researched and
documented, and various dexamethasone treatments have
been found to lead to neuronal loss in rats [40, 41] and pri-
mates [26, 37] mostly in the hippocampal CA3 and dentate
gyrus. Less attention has been given to astroglial cells, despite
their role in the maintenance of brain homeostasis and
plasticity [25].

The impoverishment in astroglial morphology reported
in the present study is consistent with the known glia-
inhibitory effects of exogenous glucocorticoids or stress in
vitro [42, 43] and in vivo [44]. Treatment with corticosterone
or synthetic glucocorticoids such as dexamethasone has been
known to inhibit GFAP expression in the neonatal and
adult rat brain [45–48] thus suggesting that astrocytes can
be affected by glucocorticoid overload. The very fact that
dexamethasone can affect GFAP expression raises a valid
methodological consideration as to what extent the present
observations of changes in the morphology of GFAP-positive
astroglia are affected bymethodological biaswhen comparing
between the groups. Central astroglia are heterogeneous
[25, 49] and using GFAP as the only immunohistochemical
marker brings in an intrinsic limitation, shared by many cur-
rent studies, as critically reviewed elsewhere [49]. However,
the present GFAP responses to AGT appear to be selective to
the hippocampus, where astroglial primary branches reduced
in length but no GFAP-positive cell losses were found. Such
a discrete response of GFAP immunoreactivity implies that
dexamethasone, administered at the present lowdose asAGT,
did not induce a global effect in GFAP expression. This
not only highlights the unique susceptibility of hippocampal
regions but also suggests that the changes observed here are
true manifestations of impoverished hippocampal astroglial
morphology in response to AGT.

It is increasingly evident that nongenetic/environmental
factors acting in early life result in long-term alterations of
the physiological systems affected. Perinatal programming
and/or plasticity of the physiological system under extreme
conditions such as “toxic” stress or AGT can result in long-
term neurobehavioural abnormalities [3, 29, 50] and there is
growing evidence that prenatal or early postnatal exposure to
stressors affects the long-term brain functioning [51].

To conclude, this study reports significant maladaptive
changes in astroglia in the hippocampal subregions CA1, CA3
and dentate gyrus, as a long-term effect of AGT. It is plausible
to assume that the reductions in astrocytic primary branches
contribute to the losses in the hippocampal volume. They
are also likely to affect astroglial function and neuron-glia
interactions as retraction of primary astroglial processes can
disadvantage local networks formed with glia and neurons.
The observed dexamethasone-induced impoverishment of
astroglial morphology can be treated as a demonstration of
glial maladaptive plasticity, a phenomenon that deserves
more research in the context of effects of corticosteroid
overload and stress-related pathologies. Epigenetics of this
phenomenon should be of interest considering the clinical
use of dexamethasone.
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Glutamatergic transmission in the vertebrate brain requires the involvement of glia cells, in a continuous molecular dialogue. Glial
glutamate receptors and transporters are key molecules that sense synaptic activity and by these means modify their physiology
in the short and long term. Posttranslational modifications that regulate protein-protein interactions and modulate transmitter
removal are triggered in glial cells by neuronal released glutamate. Moreover, glutamate signaling cascades in these cells are linked
to transcriptional and translational control and are critically involved in the control of the so-called glutamate/glutamine shuttle
and by these means in glutamatergic neurotransmission. In this contribution, we summarize our current understanding of the
biochemical consequences of glutamate synaptic activity in their surrounding partners and dissect the molecular mechanisms that
allow neurons to take control of glia physiology to ensure proper glutamate-mediated neuronal communication.

1. Introduction

Glutamate (Glu) the main excitatory neurotransmitter in the
nervous system requires the involvement of neurons and glia
cells to elicit its function as a neurotransmitter in an example
of what is nowadays known as a tripartite synapse. Although
detailed analysis of neuronal consequences of Glu exposure is
regularly reviewed [1–3], the cellular andmolecular impact of
Glu in glia cells and its outcome in terms of synaptic commu-
nication are much less considered. Traditionally, it has been
thought that Glu ejects its functions through the activation of
specific membrane receptors classified in two main groups:
ionotropic (iGluRs) and metabotropic (mGluRs). However,
recent findings suggest the participation of Glu transporters
in the signaling transactions triggered by this amino acid.
Needless to say, both receptors and transporters are expressed
in glia cells.

In the following sections, an insight into the signaling
strategies used by this amino acid that end up into an efficient
neuronal communication by means of altering the glial pro-
teome is summarized and discussed.

2. Glutamate Receptors

Based on the sequence and transduction similarities, two
main subtypes ofGlu receptors have been defined: iGluRs and
mGluRs. iGluRs are ligated-coupled ion channels that were
originally classified according to their pharmacological pro-
file into 5-methyl-4-isoxazole propionate (AMPA), kainate
(KA), and N-methyl-D-aspartate (NMDA) receptors [4]. In
terms of their molecular structure, each of these subtypes
is composed of four subunits encoded by different genes.
AMPA receptors are composed of different combinations
of GRIA1 (GluA1), GRIA2 (GluA2), GRIA3 (GluA3), and
GRIA4 (GluA4). Each combination displays different cation
channel properties; for instance, the sole presence of one
GluA2 subunit favours Na+ permeability. AMPA receptors
lacking the GluA2 subunit are Ca2+-permeable [5], like
those expressed in radial glia cells [6, 7]. KA receptors are
composed of four subunits out of GluK1-5. While AMPA and
KAreceptors are homo- or heterooligomersNMDAreceptors
are formed as heteromers since in order to be functional
they must contain at least one GluN1 subunit, with the other
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Table 1: Glial glutamate receptors. Summary of described glial glutamate receptors.

Glu receptor Preparation Reference
AMPA/KA without GluA2 BGC [7, 11, 13]
AMPA Oligodendrocytes precursor cells (OPCs) [28, 29]
AMPA/KA Cortical astrocytes [30, 31]
AMPA/KA Oligodendrocytes [32]
GluA1, A2, A3, A4 Astrocytes isolated from CA1 region [33]
GluA4, GluK5 Perivascular astrocytic processes [34]
GluA2, A3, A4, A5, GluK1, K2 Microglia [35]
KA Ca2+-permeable receptors Glial cells of mouse hippocampal slices [36]
KA Ca2+-permeable receptors BGC [7]
GluK1, K2 Astrocytes and oligodendrocytes [37]
GluN1 Müller glial cells [38]
GluN1, N2A, N2B Cortical astrocytes [39–41]
GluN1, N2A, N2B BGC [42]
GluN1, N2A, N2B, N2C, N2D, N3A, N3B Human primary astrocytes [43]

NMDA OPCs, immature and mature oligodendrocytes in the white matter of
cerebellum and corpus callosum [44, 45]

AMPA, KA, NMDA Glial cells in rat spinal cord slice [46]
mGluR 5 Astrocytes [47, 48]
mGluR 2, mGluR 3 Glial cells in several regions of the brain [49, 50]
mGluR groups I and II Human astrocytes [51]
mGluR groups I, II, and III OPCs and oligodendrocytes [52]
mGluR Microglia [47, 53, 54]

subunits of the channel being GluN2A-D or GluN3A-B sub-
units.Themolecular diversity of these receptors is enormous,
sincemost of these ionotropic subunits undergo RNA edition
as well as splicing [8].

In contrast, mGluRs are members of class C of G-protein
coupled receptors (GPCR) and had been classified based on
sequence homology, G-protein coupled and pharmacology
in three groups. Group I is comprised of mGluR 1 and
mGluR 5 and is coupled to stimulation of phospholipase
C with the consequent release of intracellular Ca2+, group
II contains mGluR 2 and mGluR 3 and is coupled to
adenylate cyclase inhibition, and group III consists of mGluR
4, mGluR 6, mGluR 7, and mGluR 8; as group II, group
III is also linked to adenylate cyclase inhibition. These three
groups are activated by specific agonist: for group I (RS)-
3,5-dihydroxyphenylglycine (DHPG) and for group II (S)-
4-carboxy-3-hydroxy-phenylglycine (S)-4C3HPG, while for
group III L-(+)-2-amino-4-phosphonobutyric acid (L-AP4)
[9].

3. Glial Glu Receptors

Glial cells express different types of Glu receptors depend-
ing on the brain region and the differentiation stage [10].
For example, AMPA receptors are expressed in astrocytes
throughout the entire brain; however, their properties dif-
fer due to the differential GluA subunits expression. In
cerebellum, retina, and brainstem, glial AMPA receptors

lack GluA2 subunit; therefore, these channels are Ca2+-
permeable (Table 1) [11–14]. AMPA-mediated Ca2+ influx has
an important role in glial metabolism and structure. It has
been demonstrated that AMPA receptors regulate the protein
repertoire in Bergmann glial cells at transcriptional and
translational levels, as will be discussed more broadly ahead
[15–17]. Moreover, when Bergmann glia AMPA receptors
are rendered Na+-permeable, their fusiform morphology
changes through the retraction of the glial processes [18].

In contrast, although the transcripts and protein of vari-
ous KA receptors subunits have been described in glial cells,
no functional evidence of these receptors has been reported
[19]. It has been speculated that KA receptors also participate
in glial response to Glu since an increase of GluKs subunits
expression is present in reactive astrocytes (Table 1) [20].

The expression of the seven known NMDA subunits has
been demonstrated in glial cells (Table 1) [21–23], and glial
NMDA receptors have peculiarities compared with neuronal
NMDA receptors; glial NMDA receptors present a very weak
Mg2+ blockage and a lower Ca2+ permeability [19, 24, 25].

In glial cells, mGluRs are also present; in fact astrocytes
express all of the described subtypes, and mGluRs 1 and 5
from group I are linked to the activation of phospholipase
C, while mGluRs 2 and 3 from group II and mGluRs 4,
6, 7, and 8 from group III are coupled to the inhibition of
adenylate cyclase (Table 1) [26]. Calcium waves derived from
stimulation of mGluR group I in glial cells have been shown
and are considered as an important mechanism for Glu-
dependent intracellular Ca2+ regulation in glial cells [27].



Neural Plasticity 3

Table 2: Glutamate transporters in glial cells. Summary of glutamate transporters described thus far.

Glu transporter Preparation Reference
GLAST/EAAT 1 Human cerebellar mRNA [55, 56]
GLAST/EAAT 1 BGC [57–59]
GLAST/EAAT 1 Müller glial cells [60–63]
GLAST/EAAT 1 Activated microglia [64]
GLT-1a and GLT-1b/EAAT 2 Astrocytes [57, 65–67]
GLAST/EAAT 1, GLT-1/EAAT 2 Oligodendrocytes [68–71]
GLT-1/EAAT 2 Microglia [72]
EAAC1/EAAT 3 Astrocytes of the cerebral cortex [73]
EAAC1/EAAT 3 OPCs [69]
EAAC1/EAAT 3 Oligodendrocytes [70]
EAAC1/EAAT 3 NG2+ cells [74]
VGLUT 1 Astrocytes in culture [75, 76]
VGLUT 2 Astrocytes in culture [75]
VGLUT 2 and VGLUT 3 Astrocytes of the cortex and caudate-putamen [77]

4. Membrane Glu Transporters

Glu extracellular levels are tightly regulated by a family of
Na+-dependent Glu transporters known as excitatory amino
acid transporters (EAATs) [78]. Five subtypes of Glu trans-
porters have been characterized thus far and have been
named EAATs 1–5. While EAAT 1 and EAAT 2 are regarded
as glia specific, EAATs 3, 4, and 5 are present in neurons.
The glial transporters EAAT 1, also known as Na+-dependent
Glu/aspartate transporter (GLAST), and EAAT 2 (Glu trans-
porter 1 (GLT-1)) are responsible of approximately 80–90%
of Glu uptake activity in the brain [79], reflecting not only
that glia cells outlast neurons in a 1 : 10 proportion, but also
that these proteins are profusely expressed in glia cells. The
neuronal transporters EAATs 3–5 have a more restricted
distribution, EAAT 3 is expressed mainly in hippocampal
neurons, and EAAT 4 is present in Purkinje cells in the
cerebellum while EAAT 5 has been found in retina [78].
It should be noted, however, that EAAT 2 expression in
neurons and EAAT 4 presence in astrocytes have also been
documented [78, 80].

Glial Glu transporters are abundant; in fact it has been
calculated that GLT-1/EAAT 2 represents 2% of total brain
protein. While GLAST/EAAT 1 is preferentially expressed in
cerebellum, retina, and olfactory bulb, GLT-1 is abundant in
all other brain areas.During development,GLAST is themost
abundant glial Glu transporter, and as such it has been widely
used as a glialmarker in numerous ontogeny studies (Table 2)
[78].

These transporters have been traditionally implicated
in Glu turnover through the so-called Glu/glutamine (Gln)
shuttle. Once this amino acid is removed from the synaptic
space, it is rapidly converted to Gln through the action of
Gln synthetase [81, 82]. Sodium-dependent neutral amino
acid transporters (SNATs) mediate both the glial release and
the neuronal uptake of Gln, which once in the neuronal
compartment is deaminated to regenerate Glu that is charged

into the synaptic vesicles due to the action of the vesicular
transporters (VGLUT).

A biochemical and physical coupling of GLAST with
SNAT 3 was found in Bergmann glial cells, and we could
demonstrate that the Na+ influx through GLAST activity
is coupled to the Gln release mediated by SNAT 3 [83];
these results suggest that glial cells surrounding glutamatergic
synapses sense neuron-derived Glu to promote a more effi-
cient Glu recycling and in consequence an enhanced neu-
ronal communication.

Recent evidences suggest that Glu transporters might
also participate in the signaling transactions triggered by
this amino acid. More than two decades ago, Amara and
coworkers demonstrated a Glu-dependent Ca2+ influx via an
unconventional mechanism that involved Glu transporters
rather than Glu receptors in pituitary GH3 cells [84]; later on,
different groups reported that Glu transporters translocation
to the plasma membrane is regulated by the transporter itself
[85, 86]. These findings added a novel regulatory mechanism
for EAATs, recently expanded to include the membrane
diffusion of the transporters which has been shown tomodify
the kinetics of excitatory postsynaptic currents [87].

In this context, Glu transporters have receptor-like prop-
erties; for example, in rat cortical astrocytes, L-Glu, D- and
L-Aspartate, and transportable Glu uptake inhibitors increase
p42/44MAPK phosphorylation [88]. Glu transporters activity
also impacts the PI3K/Akt/mTOR pathway, an important
mechanism to regulate protein synthesis after glutamatergic
stimulation [89, 90]. It also has been reported that Glu
transporters have physical interaction with Na+/K+-ATPase
and operate as a functional macromolecular complex to
regulate glutamatergic neurotransmission [91–93].

5. Vesicular Glu Transporters

While theGlu release by glial cells has beenwell documented,
themechanisms involved in this release are still controversial.
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One of the proposed mechanisms is the activation of the
reversal mode of EAATs [94]; the other one is the Glu vesicle-
mediated, Ca2+-dependent release [95].

Three isoforms of vesicular Glu transporters (VGLUTs 1,
2, and 3) have been cloned and characterized in the brain;
these isoforms have differential distribution and distinct
roles, as expected [96, 97]. The expression of VGLUTs in
neurons is well documented [97, 98]; however their presence
in glial cells is still under discussion.

The first report of the presence of functional VGLUTs
in glial cells was shown in 2004 (Table 2) [75]. Using rat
visual cortex, cultured astrocytes these authors suggest the
expression ofVGLUTs based on the fact that pharmacological
inhibition of VGLUTs reduces a Ca2+-dependent exocytosis
Glu release from astrocytes. Moreover, VGLUT 3 overexpres-
sion results in an enhanced Ca2+-dependent Glu release [99].
It is important to mention that the biochemical machinery
(for example, synaptobrevin II), needed for a vesicular Glu
release has also been detected in cultured astrocytes [100]. A
stimulus and Ca2+-dependent Glu release has been reported
[101] favouring the idea of gliotransmitters regulated release.
There are different subtypes of vesicles storing amino acids,
peptides, and ATP in astrocytes. Despite these findings, a
biochemical evidence of the VGLUTs expression in glial
cells is still absent; Li and collaborators evaluated VGLUTs
expression usingWestern blots and single-vesicle imaging by
total internal reflection fluorescence microscopy concluding
that their findings could not support an irrefutable evidence
of VGLUTs expression in glial cells [102]. In this scenario,
the molecular mechanisms involved in Ca2+-dependent Glu
release are uncertain.

6. Glu-Dependent Gene Expression
Regulation in Glia Cells

6.1. Transcriptional Control. Theability of glial cells tomodify
their transcriptional profile in response to Glu was one of
the first questions asked after the expression of functional
Glu receptors was fully characterized [103]. The increase in
intracellular Ca2+ associated with Glu exposure in a plethora
of glia cells preparations led to the search of the expression
and DNA binding of several transcription factors such as
Fos, Jun, and the cAMP response element-binding protein
(CREB) [104–106]. The identification and characterization
of downstream genes regulated by Glu in glia cells have
started to emerge and systematic transcriptional studies have
also been undertaken, for example, in Bergmann glia [107].
The overall picture is that the transcriptional pattern upon
Glu stimulation varies from different glia subtypes, and in
that sense the signaling cascade that regulates such effect is
specific [108, 109].

6.2. Translational Control. Translation represents the final
step in gene expression regulation. Translational control
offers the advantage of rapid response to external stimulus to
change gene expression profiles without the requirement of
mRNA synthesis and transport. Protein synthesis is the most

energy demanding process in cell physiology and given the
fact that glia cells that surround glutamatergic synapses are
engaged in Glu removal, a biochemical phenomenon that
relies on the activity of the Na+/K+-ATPase, the idea that
Glu could regulate protein synthesis has long been attractive.
Indeed, Glu induces a biphasic effect in overall protein
synthesis in cultured Bergmann glia [110]. Glu treatment
modifies [35S]-methionine incorporation into newly synthe-
sized polypeptides in a time dependent event marked by a
decrease in [35S]-methionine incorporation 15min after Glu
exposure, but after 30min this phenomenon starts to revert,
returning to basal levels after 120min. The ribosomal transit
time (RTT), meaning the average time that a cell takes to
synthetize a polypeptide [111], is augmented 7-fold in Glu-
treated cultured Bergmann glia, event that is reverted after
120min [112].

Translational control is mainly mediated by phosphory-
lation of several components of the translational machinery
[113]. The initiation phase is a recurrent target of regulation,
through the posttranslational modification of eukaryotic
initiation factors (eIFs). The initiator methionyl-tRNA is
conveyed to the ribosome assembly by eukaryotic initiation
factor 2 (eIF2) complexed with GTP. The conversion of
inactive eIF2-GDP to active eIF2-GTP by eIF2B is regulated
by phosphorylation. eIF2 has three subunits (𝛼, 𝛽, and
𝛾). Glu exposure leads to serine 51 eIF2𝛼 phosphorylation,
modification that converts eIF2 from a substrate to a com-
petitive inhibitor of eIF2B [114]. This phosphorylation does
not inhibit the general function of eIF2 but renders the
protein defective in recycling, resulting in the inhibition of
the initiation phase of protein synthesis.

Glu exposure also regulates translation elongation, again,
decreasing protein synthesis by the inhibition of the ribo-
somal translocation. It should be noted that regulation of
elongation process is indicative of a transient effect since
the mRNA remains attached to the ribosomes allowing an
immediate reinitiation of the translation process, as shown
in Bergmann glia [110].

In summary, a cascade of phosphorylation/dephosphor-
ylation of translation factors is involved in the Glu biphasic
translational control in cultured Bergmann glia. Exposure to
this excitatory amino acid reduces in the first 15min [35S]-
methionine incorporation into trichloroacetic acid- (TCA-)
precipitable polypeptides. Thereafter, a gradual recovery in
protein synthesis starts, and after 120min, the translation
process has returned to control levels, suggesting that Glu
regulates both translation initiation and elongation. Indeed,
phosphorylation of the eIF2𝛼 is presentafter 10min Glu
exposure [115]. Glu also regulates the phosphorylation of
eukaryotic elongation factor 2 (eEF2) via AMPA and KA
receptors at this time frame [15]. Both phosphorylation events
(eIF2𝛼 and eEF2) are time dependent events, with a kinetics
that matches the downregulation of the protein synthesis
upon Glu.

The recovery phase of protein synthesis in Glu exposed
cells involves an increase in the mechanistic target of
rapamycin (mTOR) phosphorylation [17, 90]; this protein
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is thought to act as a check point that regulates cellular
translational capacity since this kinase is capable of transduc-
ing extracellular growth factors signals and by these means
regulating translation. Once activated (phosphorylated) this
kinase favours eukaryotic elongation factor 1A (eEF1A)
phosphorylation, needed for translation reinitiation. After
60min of Glu exposure, an increase of eukaryotic elongation
factor 2 kinase (eEF2K) phosphorylation is present [15].
eEF2K phosphorylation is carried out by p90RSK and by
p70S6K inhibiting its activity and therefore reducing eEF2
phosphorylation levels favouring ribosomal translocation
and protein synthesis reinitiation.

6.3. Physiological Consequences of Glutamate-Dependent Pro-
tein Synthesis Regulation. Glu biphasic effect in protein syn-
thesis is clear; but what is the physiological importance of this
regulation? It is tempting to speculate the downregulation of
protein synthesis as a consequence of a massive Glu exposure
of glia cells surrounding glutamatergic synapses with the
expected metabolic stress of the removal of the neurotrans-
mitter from the synaptic cleft. It is important to mention that
Glu concentration can reach a 0.1mM concentration, well
above of the 𝐾

𝑀
of the glial transporters, which is around

30 𝜇M [28]. Therefore a strict coupling with the Na+/K+-
ATPase is present [92, 93]. It is clear then that under periods
of sustained synaptic activity glial cells reduce their protein
synthesis, in order to restore theNa+ gradient compulsory for
neurotransmitter uptake. Besides theGlu uptake, its recycling
also consumes energy. Neuronal Glu pools are replenished
through the Glu/Gln shuttle [116].

The reduction of the overall elongation process is fre-
quently linked to the translation of mRNAs with complex
structures in their 3 and 5 untranslated regions (UTRs).
Since translation initiation factors are accumulated and can
interact with complex UTRs, in this scenario, Glu also has an
important role in the regulation of the translation of specific
mRNAs. One of the targets of this type of regulation is the
Gln synthetasemRNA, and the interruption of the elongation
process favours the translation of Gln synthetized mRNA
needed for the referred shuttle [117].

7. Astrocyte-Neuron Lactate Shuttle

More than twenty years ago new evidences of another role
of glial cells emerged, the astrocyte-neuron lactate shuttle
(ANLS) [118]. As has been mentioned before, Glu uptake
increases Na+ intracellular concentrations leading to the acti-
vation of Na+/K+-ATPase forming part of a macromolecular
complex. The consumption of ATP activates glycolysis, with
the consequent glucose utilization and lactate production.
Lactate is released through the action of monocarboxylate
transporters (MCT) 1 and 4 that are present in glial cells;
once released, lactate is taken up by neurons through MCT
2 and used as an energy substrate. In this scenario glial cells
have mainly glycolytic metabolism while neurons display an
oxidative metabolism [119].

Although at the beginning this model raised controver-
sies, genomic and metabolic approaches have shed some
light on its importance and it is now well accepted. There
are enough evidences of a metabolic compartmentalization
between glial cells and neurons; first, Glu treatment in glial
cells enhances glucose transport [118] with an increase in
glucose consumption [120–122]. Enzyme lactate dehydro-
genase (LDH) isoform 5 that favours lactate production is
preferentially expressed in astrocytes, as well as the lactate
transporters MCT 1 and 4 that have low affinity to lactate
[123, 124], and astrocytes and endothelial cells express glucose
transporter 1 (GLUT1). On the other hand, Glu decreases
glucose transport in neurons [125], neurons express preferen-
tially isoform 1 of the LDH that favours the lactate conversion
to pyruvate and MCT 2, a transporter with high affinity
to lactate [126], and express glucose transporter 3 (GLUT3)
[127, 128].

8. Clinical Implications

It has been documented that loss of glial cells-dependent Glu
homeostasis is a prerequisite for excitotoxicity. Glu release
from astrocytes has clear pathophysiological implications,
ranging from ischemic lesion such as stroke, to white matter
injury through demyelinating disorders like multiple sclero-
sis, to dementias such as Alzheimer’s and Huntington dis-
eases [129]. Although the causative role of aberrant glutamate
uptake in these diseases is not always supported by published
data, downregulation of GLAST and GLT-1 expression has
been correlated with cognitive deficits associated with the
diseases mentioned before [130]. Decrease expression and
function of GLAST and GLT-1 also correlates with cognitive
deficits observed in heavy metal exposure, as lead (Pb) and
methylmercury [131]. The reduced GLT-1 expression seen in
ALS, schizophrenia,mood and anxiety disorders, Alzheimer’s
disease, brain injury, glaucoma, HIV-associated dementia,
and addition is regulated at two levels, transcriptional and
during mRNA maturation (splicing) [132]; for example, in
ALS an abnormal splicing of Glu transporters mRNA which
results in truncated mRNA species has been demonstrated
[133]. Furthermore, aberrant Glu transporters expression and
function are common to gliomas in order to favour their own
growth, invasion, and survival [134], favouring the notion of
protein repertoire regulation in glial cells.

9. Conclusion

Glial cells sense glutamatergic synaptic activity through Glu
receptors and transporters and change their protein reper-
toire regulating transcription as well as translation of proteins
critically involved in their continuous molecular dialogue
with neurons. The Glu/Gln and the astrocyte-neuron lactate
shuttles are the biochemical signature of coupling and are
summarized in Figure 1. Much is left to be learned about the
fine regulation of glutamatergic neurotransmission but one
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Figure 1: Model of glutamatergic synapses with the role of the three components, presynaptic neuron, postsynaptic neuron, and glial cell.
Through the activation of glutamatergic receptors and transporters expressed in glial cells, these cells sense synaptic activity and regulate
their protein repertoire through transcriptional and translational regulation, as well as translocation to plasmatic membrane. Some of the
main contributions of glial cells to glutamatergic neurotransmission include the astrocyte-neuron lactate shuttle and Glu recycling through
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thing is for sure that glial cells have an active participation in
this process.
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receptor subunits expressed by single astrocytes in the juvenile
mouse hippocampus,”Molecular Brain Research, vol. 47, no. 1-2,
pp. 286–294, 1997.

[34] E. Brand-Schieber, S. L. Lowery, and P. Werner, “Select
ionotropic glutamate AMPA/kainate receptors are expressed at
the astrocyte-vessel interface,” Brain Research, vol. 1007, no. 1-2,
pp. 178–182, 2004.

[35] M. Noda, H. Nakanishi, J. Nabekura, and N. Akaike, “AMPA-
kainate subtypes of glutamate receptor in rat cerebral
microglia,” The Journal of Neuroscience, vol. 20, no. 1, pp.
251–258, 2000.

[36] R. Jabs, F. Kirchhoff, H. Kettenmann, and C. Steinhäuser,
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Changes in the cytosolic Ca2+ concentration ([Ca2+]i) are the most predominant active signaling mechanism in astrocytes that
can modulate neuronal activity and is assumed to influence neuronal plasticity. Although Ca2+ signaling in astrocytes has been
intensively studied in the past, our understanding of the signaling mechanism and its impact on tissue level is still incomplete. Here
we revisit our previously published data on the strong temperature dependence of Ca2+ signals in both cultured primary astrocytes
and astrocytes in acute brain slices of mice. We apply multiscale modeling to test the hypothesis that the temperature dependent
[Ca2+]i spiking is mainly caused by the increased activity of the sarcoendoplasmic reticulum ATPases (SERCAs) that remove
Ca2+ from the cytosol into the endoplasmic reticulum. Quantitative comparison of experimental data with multiscale simulations
supports the SERCA activity hypothesis. Further analysis of multiscale modeling and traditional rate equations indicates that the
experimental observations are a spatial phenomenon where increasing pump strength leads to a decoupling of Ca2+ release sites
and subsequently to vanishing [Ca2+]i spikes.

1. Introduction

The human brain is by far the most complex organ; it hosts
our consciences, is the source of our inspiration, and con-
trols many of our vegetative functions. The extraordinary
complexity of cellular interactions in terms of structural as
well as dynamic properties enables the huge flexibility of our
behavior and the amazing plasticity required for learning
[1]. While traditional neuroscience has focused mainly on
neurons for decades, the importance of the more abundant
glia cells has only become evident more recently [2, 3].

Glia cells are generally known for their supportive func-
tion for neurons. The minority of glia cells are oligodendro-
cytes that myelinate axons [4]. More recently, oligodendro-
cytes were also found to essentially support axon integrity by
metabolic coupling through monocarboxylate transporters
(MCTs) [5, 6]. Microglia represent the macrophages of the
brain and play an important role in immune responses as well

as in modifying the neuronal network structure by synapse
pruning [7]. The majority of glia cells are astrocytes that are
commonly considered as metabolic supporters of neurons.
On the one hand astrocytes regulate the blood flow in
response to neuronal activity [8]. Astrocytes take up approxi-
mately 80% of the metabolized glucose from the blood and
perform glycolysis [9]. According to the astrocyte-neuron
lactate shuttle (ANLS) hypothesis [10], astrocytes generate
lactate from pyruvate, the end product of glycolysis, by the
lactate dehydrogenase (LDH) and export it into the extracel-
lular space by MCTs. From the extracellular space, neurons
take up the lactate and generate pyruvate by the reversible
LDH reaction.The neuronal pyruvate is subsequently used as
energy substrate for the TCA cycle in mitochondria to gener-
ate adenosine triphosphate (ATP) that is extensively needed
to run the ion pumps in neurons to keep the large elec-
trochemical potential across the plasma membrane. On the
other hand, astrocytes play also an important function for
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neuronal proteostasis as they remove degradedmaterial from
the tissue either directly by intercellular transport towards the
blood stream or by controlling the cerebral fluid flux [11].

Besides their supportive role in metabolism, astrocytes
are now also known to modulate neuronal activity through
active signaling mechanisms. Astrocytes are sealing up the
dyadic cleft facilitating neurotransmitter diffusion and are
essential for glutamate uptake and recycling [12]. Since astro-
cytes express also glutamate receptors, they can be stimulated
by neuronal activity. Upon stimulation, astrocytes can secrete
glutamate as well as ATP into the extracellular space includ-
ing the dyadic cleft and thereby induce a local amplification
mechanism. This neuron-astrocyte crosstalk has led to the
picture of the tripartite synapse [13, 14].

Themost predominant and studied signaling mechanism
in astrocytes is inositol 1,4,5-trisphosphate (IP

3
) mediated

Ca2+ signaling. In general, Ca2+ signaling is a versatile
and universal second messenger that translates extracellular
signals into intracellular responses like molecular motor
activation or modulation of gene expression [15–17]. Within
the IP

3
pathway, extracellular agonists are detected by plasma

membrane receptors. Upon binding, these G-protein coupled
receptors activate the phospholipase C (PLC) that produces
IP
3
at the plasma membrane from which it diffuses into the

cytosol. There IP
3
can bind to IP

3
receptors (IP

3
Rs) localized

in the membrane of the endoplasmic reticulum (ER). When
IP
3
and Ca2+ are bound to the receptor, it can be open and

Ca2+ is released from the ER into the cytosol due to the large
concentration differences between these two compartments
of typically several orders of magnitude. From the cytosol the
released Ca2+ is moved back into the extracellular space by
plasma membrane calcium ATPase (PMCA) and into the ER
by sacroendoplasmic reticulum calcium ATPases (SERCAs).

The collection of the Ca2+ tool kit [18] can generate a wide
spectrum of cellular responses ranging from long lasting high
cytosolic Ca2+ levels ([Ca2+]i) to single [Ca2+]i transients.
The most common Ca2+ signals in astrocytes are repetitive
cytosolic [Ca2+]i transients often referred to as [Ca2+]i oscil-
lations [18] that are typically elicited by neurotransmitters and
hormones but astrocytes do also exhibit spontaneous [Ca2+]i
spiking.

This oscillation-like behavior is rather common for many
cell and stimulation types and has led to the general assump-
tion that Ca2+ signaling is frequency coded [17].This perspec-
tive is challenged by more recent studies including ours that
have demonstrated that [Ca2+]i spiking is indeed stochastic
and therefore not truly oscillatory [19–21]. By systematic
analysis of single cell [Ca2+]i time courses for hundreds of
cells of different cell types and stimulation antagonists, we
found a preserved linear relation between the average period
(𝑇av) and the standard deviation (𝜎) of the inter-[Ca

2+
]i-spike

intervals. Applying methods from the theory of stochastic
processes, we have shown that this pathway specific linear
𝜎-𝑇av relation characterizes the internal feedback strength
[22] and represents an estimator for the information content
[20, 23].

To understand the random signaling mechanism and
underlying principles, we developed a computational

multiscale model that takes into account the compartmen-
talization of the cell into cytosol and ER, the stochastic
binding of signaling molecules to individual IP

3
Rs, their

spatial organization into channel clusters, and the spatial
diffusion of Ca2+ and Ca2+ binding buffers [27]. The enabled
mechanistic simulations have shown that the experimental
observations are in accordancewith the implemented hierarch-
ical stochastic system where single channel fluctuations are
carried onto the level of the cell by diffusion mediated
Ca2+ induced Ca2+ release (CICR). The modeling based
insights on the functional robustness have guided further
experiments that have revealed a fold change behavior inCa2+
signaling of stimulated HEK cells and hepatocytes and were
used to develop and validate a universal encoding relation
[28].

The establishment of the signalingmechanismwas driven
to a large extent by experiments with astrocytes andmicroglia
[21]. In particular the spontaneous activity of cultured astro-
cytes was exploited to obtain a baseline activity of the Ca2+
signaling machinery without potential antagonist induced
feedback mechanisms. The astrocytic base level activity is
characterized by a slope of 1 in the linear 𝜎-𝑇av relation and
corresponds to the theoretical minimal information gain.
This is in accordance with the general assumption that stim-
ulation should carry information that would correspond to
a decreased slope of the 𝜎-𝑇av relation and is observed in
stimulated cells [20].

The spontaneous Ca2+ transients in astrocytes occur
independently of neuronal activity but are modulated by
neuronal function like induced epileptic activity [29]. The
astrocytic Ca2+ increase can in turn be sensed by neurons
because it has been correlated with release of neuroactive
substances [30, 31]. Thereby astrocytes can release glutamate
[32, 33], D-Serine [34, 35], ATP [36–39], chemokines [40],
and nitric oxide (NO) [41]. The Ca2+ signal forms are rather
heterogeneous and include random profiles and rhythmic
oscillations as well as bursting activity.

Spontaneous [Ca2+]i activity has been reported for
astrocytes in culture [42–44] and acutely isolated slices of
several brain regions [31, 45–47]. Spontaneous astrocytic
Ca2+ signaling is modulated by pathological events such as
those in reactive astrocytes surrounding stab wounds in the
neocortex that lack spontaneous Ca2+ activity or astrocytes in
the neocortex under epileptic conditions that show more
spontaneously active astrocytes [45].

Despite all these insights, the commonmechanism of this
spontaneous activity is still not fully understood. In partic-
ular, the higher abundance of spontaneous [Ca2+]i activity
in cultured astrocytes compared to astrocytes within acute
brain slices is only barely investigated [24]. We have shown
in a comparison study that these differences can be explained
to a large extent by the different temperatures at which the
astrocytic [Ca2+]i activity is typically measured. Here we
revisit the experimental data and integrate it with our mech-
anistic multiscale modeling framework to quantitatively test
our hypothesis on the molecular foundation of the tempera-
ture dependency.
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2. Results

Motivated by the typically observed and reported significant
differences in Ca2+ singling between cultured astrocytes and
astrocytes in acute brain slices, we reconsidered the experi-
mental workflow [24].Themost dramatic difference between
the two experimental protocols is the different temperatures
these two cell systems are typically measured at [21, 48]. In
thermodynamics the general impact of temperature 𝑇 on
an individual reaction rate 𝑘 is well approximated by the
Arrhenius law by 𝑘 = 𝐴𝑒−𝐸act/𝑅𝑇, where𝐴 denotes the approx-
imate reaction rate, 𝐸act describes the activation energy of
the reaction, and 𝑅 is the universal gas constant [49]. While
the Arrhenius law describes the temperature dependency of
an isolated reaction in a well-stirred reactor, the impact of
temperature in more complex reaction systems may differ
from the simple exponential relation. Alternatively it might
be possible that the thermal energy in the measured temper-
ature range is of the order of the activation energy, where
the Arrhenius law shows a linear dependency. To explore if
temperature could explain the Ca2+ signaling phenomenon,
we summarize our careful analysis of temperature induced
[Ca2+]i dynamics changes and use here computational mod-
eling to investigate potential reasons for this phenomenon.

2.1. Experiments Show Strong Temperature Dependency in
Cortical and Cultured Astrocytes. In the experimental study
[24] we used cortical slices obtained from P 10–P 12 mouse
brains and cultured astrocytes. The temperature was either
changed abruptly or smoothly either by changing the heating
temperature of the water bath for the perfusion buffer or by
switching from one perfusion buffer to another, respectively.
Thereby the temperature was measured within the recording
chamber close to the sample cover slip.

2.1.1. Higher Temperatures Reversibly Suppress [Ca2+]i Spik-
ing Instantaneously. Starting from the standard protocols,
we first measured Ca2+ activity at room temperature and
separately at more physiological temperatures with Fluo4-
AM loaded to the cells before (more detailed experimental
description can be found in [24]). In cortical slices obtained
from P 10–P 12 mouse brains measured at room tempera-
ture, astrocytes showed robust spontaneous signaling activity
defined by long durations and large amplitudes of [Ca2+]i
spikes. In contrast, when slices were measured at physiolog-
ical temperatures, only very few cells showed spontaneous
activity.

To compare this behavior with primary astrocytes cul-
tured from mouse neocortex, we measured Ca2+ activity at
room temperature (20∘C) and then abruptly changed the
perfusion buffer to one of 28∘C or of 30∘C in another setup.
For these cultured astrocyteswe observed a similar significant
decrease of cells exhibiting Ca2+ signals already within the
first minute after the temperature shift (Figure 1). Out of the
active cells under 20∘C (72 ± 24% of all cells in 4 independent
experiments) more than a quarter of cells have not shown any
[Ca2+]i spikes under 28

∘Cand under 30∘Conly 20% exhibited
at least a single [Ca2+]i spike. Remarkably, this dramatic

decrease was fully reversible when perfusing the cells again
with buffer at room temperature. Analogous results about
the reversibility were also found in experiments with acute
brain slices and the reversibility was independent of the
experimental order of temperature changes.

The observed reduction in activity, starting at 28∘C, was
significantly smaller compared to recordings with the higher
temperature of 30∘C (Figure 1), indicating that between 28∘C
and 30∘C is a threshold-like temperature with regard to
[Ca2+]i spike activity. The rather instantaneous response to
temperature changes and the reversibility of the change in
the activity pattern suggests that temperature is directly
modifying the characteristic property of some molecular
properties of the Ca2+ tool kit and not acting primarily on
transcriptional regulation.

2.1.2. Temperature Changes Modulate Signal Form of [Ca2+]i
Spike. Careful inspection of the time courses reveals also a
strong temperature dependent on the duration and signal
form of the Ca2+ transient in both cultured astrocytes and
astrocytes in acute brain slices as shown in Figure 1. To
quantify the effect on single [Ca2+]i-transients, we measured
the spike width (SW) of individual Ca2+ transients by the full
width half maximum (FWHM)method. Despite the cell spe-
cific heterogeneity, spike durations of the Ca2+ transients of
astrocytes in acute brain slices decreased significantly when
the temperature was raised from 24∘C to 37∘C. The decrease
from 45 ± 17 s to 13 ± 4 s was fully reversible, since lowering
the temperature back to 24∘C increased the spike duration
again to 45 ± 18 s (10 slices, 42 cells at 𝑇

24
∘C 70 spikes; 𝑇37∘C 53

spikes; 𝑇
24
∘C 71 spikes). We additionally determined the spike

duration at 31∘C which averaged at 22 ± 5 s (9 slices, 29 cells
at 𝑇
31
∘C 43 spikes) (Figure 1).

Within the analogous analysis of cultured astrocytes, we
found that the spike duration changed froman average of 63±
18 s at 20∘C to 21 ± 5 s at 30∘C. This effect of temperature
on spike duration was again reversible as spike duration
increased again to 72 ± 20 s at 20∘C after lowering the
temperature from 30∘C (4 independent experiments; at 𝑇

30
∘C

15 cells, 26 spikes; at 𝑇
20
∘C 30 cells, 56 spikes) (Figure 1).

Within the other experimental setup, the average spike
durationwas 27± 6 s for 28∘C as compared to 75± 16 s at 20∘C
(4 experiments; 30 cells at 𝑇

28
∘C 103 spikes; 𝑇

20
∘C 105 spikes).

The similarity of the signal form and particularly of the
quantified spike widths of cells obtained from cultures and
brain slices around 30∘C points to temperature as the main
reason for the typically reported differences in the signals.
To analyze this behavior further we plotted the temperature
dependence of the spike duration by pooling data from the
two different experimental systems.The resulting data points
can be fitted nicely by the exponential function 𝑓(𝑇) = 𝑎𝑒−𝑏𝑇
with 𝑎 = 620 s and 𝑏 = 0.109/∘C indicating a functional
relation between spike width and temperature.

Within the experimental comparison study we also inves-
tigated the role of extracellular Ca2+ influx and intracellular
Ca2+ release from intracellular stores. While Ca2+ free buffer
has reduced the total number of responsive cells only slightly to
78±34% (𝑛 = 13 slices, averaged cell number/slice = 31±15),
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Figure 1: Summary of experimental observations on temperature dependent [Ca2+]i activity [24]. (a) Fluorescence recordings from three
individual astrocytes in three different experiments. The temperature was changed between 20∘C and 30∘C by using heated and nonheated
perfusion buffer (indicated by the bar). Fluorescent amplitude ΔF is defined as the fluorescent temporal signal normalised by the initial
signal strength. (b) [Ca2+]i traces from three different cultured astrocytes at 28∘C and 20∘C. Note that the transient fluorescence changes
have a smaller spike width and occur less frequently at higher temperature. The recordings were separated by 5min. (c) Average number of
cells which exhibited a [Ca2+]i spike (average from four independent experiments). The number of responsive cells at 20∘C was set to 100%
and compared to the number of responsive cells at different temperatures or to the recovery at 20∘C (bars indicate s.e.; ∗𝑃 < 0.05). ((d), (e)).
Average spike width of the fluorescent signals of all experiments obtained from cultured astrocytes (d) and in slices (e) determined at different
temperatures as indicated (error bars indicate s.e.). (f) From the data the duration of the spike width is plotted as a function of temperature
for astrocytes from culture (black dots) and brain slices (circles).The data points were fitted by𝑓(𝑇) = 620 s ⋅exp(−0.109𝑇/∘C) (∗∗𝑃 < 0.005).

blocking SERCA pumps by loading 1 𝜇M thapsigargin for
15min has abolished Ca2+ signals in more than 90% of cells
at 31∘C. Overall, these findings indicate a rapid change of the
intracellular signaling mechanism. In particular, the aston-
ishing reversibility of the Ca2+ activity and its signal forms
when resetting the temperature to its previous value after
tens of minutes suggests a molecular activity dependency on
temperature.

2.2. Modeling the [Ca2+]i Temperature Dependence by Mod-
ulated SERCA Activity. As previously speculated, the exper-
imentally reported temperature dependent activity of the
SERCA pumps [26, 50] may explain the observed changes
in [Ca2+]i signal forms. These studies report an increase of
the pump strength with increasing temperature from 5∘C to
38∘C. Thus, the Ca2+ uptake at 5∘C amounts only 5% of the
uptake at 38∘C. This can have a large effect on CICR that
represents the spike generatingmechanism because the IP

3
Rs

are not homogeneously distributed within the cell but form
channel clusters that are typically separated by 1 𝜇m or more.

This separation may lead together with Ca2+ binding buffers
and increasing SERCA activity to steeper gradients close to
open channel clusters and subsequently to a weaker coupling
between release sites and hence to a reduced CICR.

The data shown in Figure 1 support this perspective.
The individual spike form is influenced by the stronger
pumping as demonstrated experimentally by the decreased
spike width for larger temperatures. Moreover, the spike
widths of the two different cell types could be fitted nicely
by one exponential function of the temperature. To test
this SERCA based hypothesis we apply here our developed
physiological multiscale model that is able to generate the
whole spectrum of known [Ca2+]i signals and was used to
investigate the experimentally quantified stochastic nature of
[Ca2+]i spiking including the functional robustness of the 𝜎-
𝑇av relation [27].

2.2.1. Multiscale Modeling Approach. Based on the observa-
tions that Ca2+ spiking is stochastic and obeys a nontriv-
ial signaling signature, our multiscale model considers the
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molecular dynamics of individual IP
3
Rs and Ca2+ diffusion

as well as buffer dynamics [27]. Our modeling strategy for
this coupled system is based on separation of the two involved
length scales. On the microscopic scale we use a detailed
model for the channels [25]. Those will be open and close
in a stochastic manner due to stochastic binding of the
signaling molecules IP

3
and Ca2+. The stochastic channel

dynamics acts as a noisy source term that is driving the three-
dimensional reaction diffusion system (RDS) representing
the cytosol. Thereby the model also takes reactions of Ca2+
with buffer molecules like BAPTA or calmodulin and the
SERCA pumps into account. From this perspective the
cellular dynamics is given by an in general nonlinear reaction
diffusion system that considers the cytosolic and lumenal
dynamics by

𝜕 [Ca2+]
𝜕𝑡

= 𝐷
𝑐
∇
2
[Ca2+] + [�̃�
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where the first two equations describe the free Ca2+ con-
centration in the cytosol and the ER, respectively, and the
other two equations correspond to a variety of cytosolic and
lumenal buffers [𝐵

𝑗
] and [𝐺

𝑘
]. The first terms on the right

hand side characterize diffusion with the individual diffusion
coefficients 𝐷

𝑖
. The following terms in (1a) and (1b) describe

the leak flux (with permeability 𝜎
𝑙
) and release through

channels (𝑃
𝑐
). The space dependence of 𝑃

𝑐
(r
𝑐
, 𝑡) reflects

the location of channel clusters and the time dependent
stochastic opening and closing of the channels. This time
dependent source term is governed by stochastic simulation
of the channel states. 𝛾 is the volume ratio𝑉cyt/𝑉ER.The third
term results fromCa2+ uptake into the ER from the cytosol by
SERCA pumps with a flux strength 𝑃

𝑝
and the SERCA

dissociation constant 𝑘
𝑑
. The remaining terms in (1a)–(1d)

describe the reactions of Ca2+ with cytosolic and lumenal

buffers [𝐵
𝑘
] and [𝐺

𝑗
], respectively, where 𝑘+ denotes the

capture rate and 𝑘− is the dissociation rate.
The cellular Ca2+ dynamics based on the CICR mecha-

nism results from the local properties of the IP
3
R channels

and their spatial coupling by Ca2+ diffusion that is influenced
by buffer reactions and SERCA pump activity. Thus, the cel-
lular Ca2+ signaling is determined by the channel states and
corresponding release fluxes that shape the signals in depen-
dence on the properties of the cellular diffusion. In turn, the
resulting Ca2+ concentration profiles influence the channel
opening behavior due to its dependence on the local Ca2+
concentration.

Standard simulation techniques for reaction diffusion
systems like finite difference or finite element methods have
to calculate the concentration profiles for the complete
numerical mesh for convergence criteria. The large concen-
tration gradients typically observed close to open channels
require a fine spatial discretization that leads in particular in
three spatial dimensions to large computational costs [51]. To
circumvent this restriction and enable simulations of biolog-
ical relevant time courses, we developed an analytic solution
of the reaction diffusion equations in terms of coupledGreen’s
function that allows for calculating [Ca2+]i at specific spatial
positions only such as channel cluster locations. These local
concentrations subsequently determine potential changes in
the stochastic channel dynamics leading to modified source
terms in the reaction diffusion system.

In order to solve the reaction diffusion system analytically
we restrict the system to onemobile and one immobile buffer,
introduce dimensionless variables, and linearize the corre-
sponding equations [27]. To obtain an analytic solution of the
resulting reaction diffusion system we have to determine the
geometry and boundary conditions. As a natural choice we
use a spherical geometry and, motivated by the observation
that astrocytic Ca2+ signals do not change significantly in
Ca2+ free medium [24], no-flux boundary condition that
reflects the properties of the plasma membrane for our in
silico cell. With these specifications we could develop the
analytic solution by coupled Green’s functions [52, 53]
describing Ca2+ and buffer dynamics where open channels
correspond to source terms. For mathematical details of the
implemented Green’s cell algorithm (GCA) see [27] where we
have shown how microscopic channel fluctuations are trans-
mitted onto the level of the cell by diffusion therebymatching
the experimental findings on cell variability and buffer
influence.

For the IP
3
R description within the GCA, we use the

DeYoung-Keizer model (DKM) that assumes three binding
sites for each of the four subunits per channel [54]. Each of
the three binding sites can be free or occupied leading to 23
different states𝑋

𝑖𝑗𝑘
and 12 possible transitions in dependence

on the Ca2+ concentration C and IP
3
concentration I that can

be visualized on a cube as shown in Figure 2(a). A subunit is
active in the state 𝑋

110
only where the first index equals one

if IP
3
is bound, the second index corresponds to Ca2+

binding to an activating site, and the last index describes the
occupation of the dominant inhibiting Ca2+ binding site.
The activating binding sites for Ca2+ have a higher affinity
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Figure 2: CICR is based on the nonlinear open probability of IP
3
R. (a) Scheme of the DeYoung-Keizer model for a single subunit. A subunit

is active, if IP
3
(I) is bound and Ca2+ (C) is only bound to the activating site, that is, in state𝑋

110
. A channel opens if at least 3 of its 4 subunits

are active. Open IP
3
Rs release Ca2+ that can diffuse to other IP

3
R clusters and activate the channels there as well, eventually leading to cell

wide Ca2+ release and generating a [Ca2+]i spike. From the cytosol Ca2+ is pumped back into the ER by SERCA that decreases diffusion.
(b) From the Markov chain model of a single subunit the non-Markovian stationary open probability 𝑃

𝑜
of a channel can be calculated in

dependence on Ca2+ and IP
3
concentration [25].

compared to the dominant inhibiting site. This is a minimal
choice to generate the nonlinearity in Ca2+, which is the
source of the bell shaped open probability (Figure 2(b)) and
the basis of CICR [25].

2.2.2. Modeling the Impact of SERCA Pump Strength on Ca2+
Dynamics. Here we use our validated GCA implementation
to test the hypothesis on the temperature dependent SERCA
activity as a main reason for the observed differences in
[Ca2+]i spiking. For the simulations, we use physiological
cellular diffusion parameters listed in Table 1. Our in silico
cell has 31 randomly distributed IP

3
R clusters each of them

having a random number of channels between 2 and 16,
yielding 258 channels in total. The clusters are separated by
at least 1.5 𝜇m and only located within a sphere with 80% of
the cell radius𝑅 to guarantee convergence of Green’s function
representation. To test the SERCA hypothesis, this prototype
of a cell was simulated with different pump strengths 𝑃

𝑝
.

Figure 3 shows the cell wide dynamics, where panel (a)
exhibits the number of open channels and panel (b) shows
the resulting cytosolic Ca2+ concentration for pump strengths

𝑃
𝑝
varying between 22 s−1 and 200 s−1 what is around the

estimated physiological reference value of 86 s−1 [55]. A first
conspicuous property shown in panel (a) is that the ampli-
tudes of open channels during a spike are rather similar and
vary between 25 and 30, rather independently of the pump
strengths 𝑃

𝑝
. Nevertheless, 𝑃

𝑝
has a huge influence on the

time course.
For low pump strengths, Ca2+ is removed too slowly

from the cytosol for a coordinated signal. During the initial
activation from base level the amplitude of open channels
becomes maximal and is limited by inhibition according to
the channel properties explained in Figure 2.When a channel
recovers from inhibition due to the stochastic unbinding
of Ca2+ from a dominantly inhibiting site of a subunit, the
cytosolic Ca2+ concentration is still in the Ca2+ concentration
rangewhere the higher affinity for theCa2+ activating binding
site leads to a large open probability shown in Figure 2(b).
Subsequently, the channel will open again, increase the local
Ca2+ concentration, and reinduce channel inhibition. Repeat-
ing this scenario, the channels will mainly switch between
activation and inhibition back and forth where a rather
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Figure 3: Dependence of Ca2+ signals on the pump strength.The temperature dependent activity of SERCA leads to higher pump rates 𝑃
𝑝
for

higher temperatures.This influences theCa2+ signals as shownby the number of open channels (a) and the correspondingCa2+ concentrations
(b). For the two smallest strengths the simulations ended before the shown real time of 800 s caused by run time restrictions on the compute
cluster.
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Table 1: Physiologic parameters of the in silico cell used in
simulations. Note that the GCA uses a linearized reaction diffusion
system leading to rates for 𝜎

𝑙
and 𝑃

𝑝
.

Physiological cell parameter values for GCA simulations
𝑅 10 𝜇m Cell radius
𝛾 5 Volume ratio between cytosol and ER
𝐷Ca 220 𝜇m2/s Diffusion coefficient of cytosolic Ca2+

𝐷
𝐸

70 𝜇m2/s Diffusion coefficient of lumenal Ca2+

𝐷
𝐵

95 𝜇m2/s Diffusion coefficient of mobile buffer
[Ca2+]

0
55 nM Cytosolic Ca2+ base level

[𝐸]
0

800 𝜇M Endoplasmic reticulum Ca2+ base level
[IP
3
] 80𝜇M IP

3
concentration

[𝐵]
𝑇

52 𝜇M Total mobile buffer concentration (EGTA)
𝑘
+

𝐵
0.3 (𝜇Ms)−1 On rate of the mobile buffer

𝑘
−

𝐵
1.5 s−1 Dissociation rate of the mobile buffer

[𝐵
𝑖
]
𝑇

30 𝜇M Total immobile buffer concentration
𝑘
+

𝐵
𝑖

600 (𝜇Ms)−1 On rate of the immobile buffer
𝑘
−

𝐵
𝑖

100 s−1 Dissociation rate of the immobile buffer

𝜎
𝑙

≈0.01 s−1 Leak flux constant given by varied 𝑃
𝑝
,

[Ca2+]
0
and [𝐸]

0

constant proportion of up to 50% of subunits are inhibited
until randomly no reactivation occurs and the cell is reaching
its resting state again. This permanent switching between
activation and inhibition leads to the observed plateaus for
the two lowest pump strengths.

This behavior is also reflected by the resulting cytosolic
Ca2+ concentrations. For 𝑃

𝑝
= 22 s−1, the cell exhibits a

plateau response with some superimposed [Ca2+]i spiking,
which are often observed in experimentswith astrocytes from
acute brain slices [24, 56–58]. For 𝑃

𝑝
= 32 s−1, the shorter

plateaus of open channels are translated into a more
oscillation-like behavior of the cytosolic Ca2+ concentration
exhibiting rather diverse spike amplitudes.The concentration
is in a similar range as the cell with the lower pump strength,
indicating a regimewhere local channel inhibition and spatial
coupling determined by pumps have an equal influence on
the cellular dynamics.

For increasing 𝑃
𝑝
, the cells exhibit an even more spiking

like behavior since long lasting channel activity is absent,
and therefore [Ca2+]i shows more pronounced peaks. This
can be again explained by the interplay of inhibition and
Ca2+ removal. After a spike has occurred and most chan-
nels are inhibited, the SERCAs decrease the cytosolic Ca2+
concentration sufficiently fast leading to base level [Ca2+]i
when channels recover from inhibition. Subsequently, the cell
relaxes to its resting level, fromwhich it can be activated again
by CICR, that is, by triggering opening of a channel cluster.
For very large pump strengths, the spikes of the number of
open channels have still a similar height to those for smaller
𝑃
𝑝
, but their widths decrease drastically.This induces low and

slim peaks of the cytosolic Ca2+ concentration.

So far, the simulations seem to support the hypothesis of
the decreased SERCA activity leading to an increased [Ca2+]i
activity at lower temperatures. In terms of the experimental
findings, a temperature increase in experiments and observed
changes in the Ca2+ signals correspond to an increase of the
pump rate from the region from 42 s−1 to 62 s−1 to 152 s−1 or
higher.

For a further detailed analysis, we determine the spike
widths of the simulated cytosolic Ca2+ peaks as done for
the experimental data in Figure 1. Figure 4(a) exhibits the
dependence of the spike width on the pump strength 𝑃

𝑝
. The

analysis reveals an exponential dependence on the pump rate
𝑃
𝑝
as shown by the line defined by SW = 61 s ⋅ 𝑒−0.012 s⋅𝑃𝑝 . At

second glance we observe that the spike width becomes most
regular for 𝑃

𝑝
= 62 s−1 as depicted by the small error bar that

exhibits the smallest relative variation even compared to the
smaller error bars for large𝑃

𝑝
.Thismight indicate an optimal

dynamical regime.
An analogue behavior can be found for the average

amplitudes in Figure 4(b).Thedependence on𝑃
𝑝
can be fitted

by the exponential relation 2.9⋅𝑒−0.011 s⋅𝑃𝑝 , and again themean
amplitude for 𝑃

𝑝
= 62 s−1 exhibits the smallest relative vari-

ations. The amplitude behavior obtained from simulations
has a similar trend like those seen in the experiments but
contradicts former theoretical results where the amplitude
stayed constant [59].

To analyze the potential optimal regime, we determine
the oscillation characteristics 𝑇av and 𝜎. Indeed, 𝑇av exhibits
a minimum of 42 s for a pump rate of 62 s−1 as shown in
Figure 5(a). Panel (b) displays the dependence of 𝜎 on 𝑇av
showing a slope close to one as in earlier experiments and
simulations and indicates a deterministic time of 20 s. The
spread of the data points is exclusively caused by the different
pump strengths. Similar simulations with smaller buffer con-
centrations have shown an analogue behavior with a shift of
the minimum of 𝑇av to larger 𝑃

𝑝
. This is in line with our

consideration, since a lower buffer concentration leads to an
increased spatial coupling that can be compensated by higher
pump rates.

For an additional test of our conception based on the
spatial coupling of release sites, we analyze the local Ca2+ con-
centrations at channel clusters in Figure 5(c). For all pump
strengths the concentration peaks are in the range of 100𝜇M
independently of 𝑃

𝑝
. Hence, the different cell wide cytosolic

Ca2+ signals shown in Figure 3(b) are not caused by different
local properties but are caused by the spatial coupling of
release sites.Thus, the results of the temperature experiments
are consistent with the hypothesized spatial control mecha-
nism.

2.2.3. Rate Equation Based Modeling. To further investigate
the role of the spatial aspect in Ca2+ signaling, we model the
effect of SERCA activity on the Ca2+ profile by a traditional
rate equation model implemented by ordinary differential
equations (ODEs).These types ofmodels do not consider any
spatial aspects but treat the cell as awell-stirred homogeneous
entity and were extensively used in the establishment of
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Figure 5: Dependence of the mean period 𝑇av on the pump strength 𝑃
𝑝
. (a) 𝑇av exhibits a nonlinear dependence on the pump strength with

a minimal mean period of 42 s for 𝑃
𝑝
= 62 s−1. This might illuminate a possible control mechanism cells can use to tune their oscillations.

(b)The 𝜎-𝑇av relation exhibits a population slope close to one and a deterministic time of approximately 20 s. (c)The height of the local Ca2+
concentration [Ca2+] close to a cluster is hardly affected by 𝑃

𝑝
as demonstrated by the representative example of the same cluster in different

simulations using different pump rates. Hence, the differences in the cytosolic Ca2+ oscillations in Figure 3(b) are spatially induced.
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Table 2: Physiologic parameters of the in silico cell used for the rate equation simulations.

Additional flux definitions of the full rate equation model

Sodium-Ca2+ exchanger mediated flux 𝐽NaCa = 𝑝5
Ca
𝑚

Ca
𝑚
+ 𝑝
6

𝑝
2

7

𝑝
2

8
+ Ca2
𝑐

Mitochondrial unitransporter mediated flux 𝐽uni = 𝑝9
Ca2
𝑐

𝑝
2

10
+ Ca2
𝑐

Effective mitochondrial flux 𝐽mito = 𝐽NaCa − 𝐽uni

Leak flux through ER membrane 𝐽leak = 𝑝11(Caer − Ca𝑐)
Influx from external space 𝐽ext = 𝐽ext,bas − (𝑝12Caer + 𝑝13Ca𝑐)

PMCAmediated flux 𝐽pmca = 𝑝14
Ca2
𝑐

𝑝
2

15
+ Ca2
𝑐

Parameter values for the rate equation calcium model
𝑃
𝑟
= 0.03ms−1 𝑝

1
= 0.5 𝜇M 𝑝

2
= 0.9 𝜇M 𝑝

3
= 1.3 𝜇M

𝑝
4
= 0.2 𝜇M 𝑃

𝑝
= 0.06 𝜇Mms−1 𝑝

5
= 10 𝜇Mms−1 𝑝

6
= 0.6 𝜇M

𝑝
7
= 1 𝜇M 𝑝

8
= 10𝜇M 𝑝

9
= 0.2 𝜇Mms−1 𝑝

10
= 1 𝜇M

𝑝
11
= 10−3ms−1 𝑝

12
= 3 ⋅ 10−6ms−1 𝑝

13
= 15 ⋅ 10−6ms−1 𝑝

14
= 0.01 𝜇Mms−1

𝑝
15
= 0.7 𝜇M IP

3
= 0.4 𝜇M 𝑓cyt = 0.015 𝑓er = 0.5

𝐽ext,bas = 3.5 ⋅ 10
−3
𝜇Mms−1 Δ = 0.07 𝛾

−1
= 30

the Ca2+ signaling mechanism [60, 61]. A variety of models
have been proposed and applied to diverse aspects of Ca2+
signaling where the common mechanism is Ca2+ cycling
between the ER and the cytosol. Here we use a model based
on previous studies which reflects the main Ca2+ fluxes
according to Figure 2 as well as Ca2+ buffering by mitochon-
dria. The governing rate equations for the cytosolic and ER
Ca2+ concentration read

𝑑Ca
𝑐

𝑑𝑡

= 𝑓cyt (𝐽ext + Δ𝐽mito + 𝐽release + 𝐽leak − 𝐽serca − 𝐽pmca) ,

(2a)

𝑑Caer
𝑑𝑡

= 𝑓er𝛾
−1
(𝐽serca − 𝐽release − 𝐽leak) , (2b)

where 𝑓cyt and 𝑓er are the fractions of free Ca2+ within
the cytosol and the ER [62], 𝛾 is again the volume ratio
between cytosol and ER, Δ denotes the mitochondria to
cytosol volume ratio, and the corresponding fluxes 𝐽 reflect
typical physiological characteristics. The 2 most important
fluxes are the Ca2+ release from the ER by IP

3
R (𝐽release) and

the SERCAmediated Ca2+ removal from the cytosol into the
ER (𝐽serca) given by

𝐽release = 𝑃𝑟 (
IP2
3

𝑝
2

1
+ IP2
3

)(

Ca2
𝑐

𝑝
2

2
+ Ca2
𝑐

)

⋅ (

𝑝
4

3

𝑝
4

4
+ Ca4
𝑐

) (Caer − Ca𝑐) ,

(3a)

𝐽serca = 𝑃𝑝 (
Ca2
𝑐

𝑝
2

5
+ Ca2
𝑐

) , (3b)

respectively. The dominant flux for the [Ca2+]i spiking is
the nonlinear release flux inducing the CICR by the bell
shaped dependence on the Ca2+ concentration [63] here
modeled in analogy to previous approaches [64]. The form
of the complementary SERCA mediated Ca2+ flux into the
ER (𝐽serca) reflects the fact that two Ca2+ ions are pumped
into the ER by the use of one ATP molecule where the ATP
concentration is assumed to be constant. The remaining
fluxes are given in Table 2 where 𝐽ext and 𝐽mito describe Ca

2+

flux from extracellular space and mitochondria, respectively.
𝐽leak corresponds to the Ca

2+ leakage from ER and 𝐽pmca is the
flux into the extracellular space through plasma membrane
Ca2+ ATPases. The corresponding parameters 𝑝

𝑖
are also

listed in Table 2.
To investigate the influence of SERCA pump strength

on Ca2+ dynamics, we simulate the ODEs for a wide range
of pump strength 𝑃

𝑝
and three different values of the Ca2+

release flux (𝑃
𝑟
) from IP

3
R channels and analyze the spike

characteristics (Figure 6). This parameter scan shows that
the Ca2+ period within the rate equation model exhibits a
similar behavior as the spatial GCA simulations in terms
of a minimal period in dependence on the pump strength
(Figure 6(a)). While this finding is not in clear favor for the
perspective of spatial coupling of release sites as the [Ca2+]i
spike generating mechanism, the results obtained with the
rate equation model given by (2a) and (2b) about the spike
width and amplitude exhibit a different behavior than the
experimental data.

In the ODE model a higher SERCA pump rate causes
more Ca2+ within the ER and also a higher Ca2+ release into
the cytosol because IP

3
R flux is controlled to a large propor-

tion by the concentration difference and thus by the ER con-
centration. A high SERCA pump rate leads to a larger spike
width as observed in Figure 6(b). These higher fluxes in and
out of the ER also yield higher spike amplitudes (Figure 6(c)).
Both observations are in contrast to the experimental
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Figure 6: Cell characteristics in the rate equation model. Dependence of the period (a), amplitude (b), and spike width (c) on the SERCA
pump strength 𝑃

𝑝
for three different Ca2+ release rates 𝑃

𝑟
from IP

3
channels.

observations and theGCA simulations, potentially indicating
the fact that a spatial distribution of channels is a necessity for
the experimentally observed SERCA pump effects.

3. Discussion

Previous experimental findings have shown a clear tempera-
ture dependency of Ca2+ signals in astrocytes and indicated
the different temperatures at which cultured astrocytes and
astrocytes in acute brain slices are typically measured as a
potential explanation for the reported differences in Ca2+
signaling [24]. Based on these observation and experimental
studies reporting a temperature dependent SERCA activity,
we used heremultiscalemodeling to investigate if this activity
change may explain the experimental finding.

For this purposewe simulated in silico cells with ourGCA
implementation that allows for controlling all physiological
parameters and obtaining mechanistic insights. From the

activity patterns of identical in silico cells that only differ
in the SERCA activity shown in Figure 3, we can directly
conclude that the interplay of the IP

3
Rpropertieswith respect

to CICR and inhibition together with the SERCA pumps
can generate a wide spectrum of cellular Ca2+ signals. In
particular, [Ca2+]i spiking occurs for an intermediate pump
rate where Ca2+ is removed fast enough from the cytosol
to prevent too frequent repetitive stimulation but where the
spatial coupling between the release sites is preserved to allow
for cell wide coordinated signals.

As a more quantitative analysis we analyzed the spike
width in the simulation data in analogy to the experimen-
tal findings where we found that the experimental spike
width followed an exponential dependency on temperature
independently if the width was determined from cultured
astrocytes or from astrocytes in acute brain slices (Figure 1).
Remarkably, we obtained again an exponential dependency
of the spike width from the simulations as shown in Figure 4.
The modeling based exponential relation does not depend
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Figure 7: SERCA pump activity depends linearly on the temperature as shown independently by our model inference (line) and by
experimental data from tuna species (data points from [26], Figure 2(b)). For the experimental data points the pump strength is set to 100% at
30∘C and used for normalisation for the lower temperatures leading to relative activity values shown on the left vertical axis. As a comparison
the inference from our simulation (4) is shown by the straight line with the absolute values given on the right vertical axis.

explicitly on the temperature but depends on the pump
strength𝑃

𝑝
that was varied in simulations. From the obtained

two exponential dependencies of the spike width on the
temperature in experiments 𝑔(𝑇) = 𝑎 exp[−𝑏𝑇] and on the
SERCA activity in simulations 𝑓(𝑃

𝑝
) = 𝛼 exp[−𝛽𝑃

𝑝
] we can

infer the relation between these two quantities by setting
𝑔(𝑇) ∝ 𝑓(𝑃

𝑝
) as

𝑃
𝑝
(𝑇) =

𝑏

𝛽

𝑇 +

ln (𝛼/𝑎)
𝛽

. (4)

This relation predicts a linear relation between the SERCA
activity 𝑃

𝑝
and the temperature 𝑇 as shown in Figure 7 where

the model inference is shown by the line. Note that the
proportional assumption can lead to an additional scaling
factor in the second term of (4) but not in the first one that
describes the slope of the relation. A linear relation was also
measured experimentally in tuna by others [26]. Within this
study no absolute values of the pump strength weremeasured
but relative changes for different temperatures compared to
a reference at 30∘C were determined as shown in Figure 7
by the data points. The qualitative agreement between the
directly measured relative changes (data points in Figure 7)
and the spike width based model inference (line in Figure 7)
is another strong evidence that modified SERCA activity
may induce the change in astrocytic Ca2+ signals at different
temperatures.

It is worth emphasizing that we varied in our multiscale
simulations the pump strength motivated by the experimen-
tally reported temperature dependent SERCA activity but
did not include any specific relation. From the unbiased

parameter scan on 𝑃
𝑝
we first observed the general tendency

of less coordinated Ca2+ signals for higher temperature in
accordance with the experimental data. More strikingly, we
found an exponential dependency on 𝑃

𝑝
of the spike width in

the simulation data in analogy to the exponential dependency
of the spike width on the temperature in experiments. The
exponential relation was not included explicitly within the
model but followed naturally from the physiological sim-
ulations indicating the importance of the spatial signal
organization. With the two obtained exponential relations
for the spike width 𝑔(𝑇) from experiments and 𝑓(𝑃

𝑝
) from

simulations, we then inferred the linear relation between
SERCA activity 𝑃

𝑝
and temperature 𝑇 shown by the line in

Figure 7. This inferred linear relation is in great qualitative
accordance with the previous directly measured temperature
dependency of the SERCA activity shown by the data dots in
Figure 7. While the previous study has motivated the model-
ing strategy of modulating the pump strength 𝑃

𝑝
, no specific

relation has been assumed but is only caused by the spatial
signal mechanism.

Strikingly, the two independently obtained relations for
the SERCA pump activity both exhibit a linear dependency
on the temperature questioning the applicability of the
Arrhenius law in this case.

The finding either indicates an activation energy 𝐸act in
the order of the thermal energy 𝑅𝑇 or a more complex
reaction system than what the Arrhenius law is considering.
While the activation energy of SERCA is larger than the
thermal energy as indicated by the use of ATP for the pump
reaction, the underlying effective reaction scheme is more
complex. The pump reaction consists of several (potentially
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interdependent) binding steps of Ca2+ andATP to the SERCA
protein. Since each of the binding and unbinding pro-
cesses will be affected by temperature changes, the resulting
reaction may exhibit already different characteristics from
the collision of free particles assumed in Arrhenius law.
More importantly, we determine here the cell wide averaged
SERCA activity. The modulated SERCA activity is changing
the spatial coupling between the release sites which leads to a
modified hierarchical signal organisation by changing diffu-
sion properties within the diffusion mediated CICR mech-
anism. This renders the reaction scheme even more complex
andmay be themain reason for the deviation fromArrhenius
law.

When comparing the different scales for the pump
strength-temperature dependence in Figure 7, it becomes
obvious that the used SERCA activity parameters 𝑃

𝑝
in the

simulations were smaller than those we would expect from
the inference. Furthermore, the slope of the relation from
inference is twice as large as the linear fit to the experimental
data. This quantitative discrepancy is potentially caused by
slightly different spatial characteristic like Ca2+ buffer con-
tent and physiologic settings of the cells. Nevertheless, the
integrative approach shows how molecular properties can be
characterized from global cell behavior by mechanistic mod-
eling.

To further evaluate the spatial characteristic of the phe-
nomenon, we were also analyzing local concentrations at
channel clusters. Their amplitudes were rather unaffected
by the pump strength but the collective IP

3
R activity was

significant modulated. This is a further evidence that it is
the cell level that shapes the [Ca2+]i signals and not local
properties. In line with these findings, we found that the rate
equation based model (2a) and (2b) is unable to recapitulate
the experimental findingwhenmodulating the pump activity.
This model approach neglects the spatial scale and thus the
spatial coupling between release sites. The failure to model
the experimental observations can be also seen as an indirect
support for the spatial characteristic of Ca2+ signals. In
general, the observed experimental behaviors might be also
obtained by specific realizations of rate equation models that
might consider slightly different flux definitions or integrate
further pathways like ATP consumption by SERCA pumps
and facilitated ATP production by Ca2+ triggered mitochon-
drial activity. These models are typically rather focused on
specific scenarios and often not able to generate the wide
spectrum of observed Ca2+ signals. In contrast, we have
shown that the multiscale approach of the GCA is able to
generate all these experimental observations in dependence
on reasonable physiological parameters [27].

Interestingly, we found in themultiscaleGCA simulations
a regime of optimal signaling in terms of regularity of Ca2+
spikes. The nonlinear dependence of 𝑇av on the pump
strength might indicate a possible control mechanism. A
recent study [65] has reported how frequency modulation
may control gene regulation. If we therefore assume that the
ability to spike and to use frequency coding is the purpose of
the Ca2+ signaling pathway, cells can control this behavior by
the expression level of SERCA. From our findings here, we

would expect a negative feedback of SERCA expression on
fast oscillations and a positive feedback on slow oscillations
with high concentration peaks and plateaus.

The impact of temperature on Ca2+ signaling is probably
not an astrocyte-specific phenomenon. In cardiac muscle
the frequency of Ca2+ spikes decreases dramatically at 37∘C
compared with 22∘C. In other cell types like in rabbit renal
tubules, hepatocytes, and parenchymal and endothelial cells
acute hypothermia affects the intracellular Ca2+ homeostasis
and goes along with a rise in cytosolic Ca2+ levels [66–68].
Due to thewide distribution of SERCA and the universality of
Ca2+ signaling, this mechanism might be used in many
temperature sensitive cellular processes, which could make
SERCA a key temperature sensor.
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Motor-skill learning induces changes in synaptic structure and function in the primary motor cortex through the involvement of
a long-term potentiation- (LTP-) like mechanism. Although there is evidence that calcium-dependent release of gliotransmitters
by astrocytes plays an important role in synaptic transmission and plasticity, the role of astrocytes in motor-skill learning is not
known. To test the hypothesis that astrocytic activity is necessary for motor-skill learning, we perturbed astrocytic function using
pharmacological and genetic approaches. We find that perturbation of astrocytes either by selectively attenuating IP

3
R2 mediated

astrocyte Ca2+ signaling or using an astrocyte specificmetabolic inhibitor fluorocitrate (FC) results in impairedmotor-skill learning
of a forelimb reaching-task inmice.Moreover, the learning impairment caused by blocking astrocytic activity using FCwas rescued
by administration of the gliotransmitter D-serine. The learning impairments are likely caused by impaired LTP as FC blocked LTP
in slices and prevented motor-skill training-induced increases in synaptic AMPA-type glutamate receptor in vivo. These results
support the conclusion that normal astrocytic Ca2+ signaling during a reaching task is necessary for motor-skill learning.

1. Introduction

Astrocytes are in intimate structural relationship with synap-
tic contacts and are emerging as active players in development
[1], function [2], and plasticity of synapses [3]. Astrocytes
exhibit a large number of receptors for different neurotrans-
mitters and the majority of these transmitters signal through
G protein-coupled receptors (GPCRs) [4] that lead to IP

3
R2

mediated release of Ca2+ from intracellular stores [5].The role
of astrocytic Ca2+ signaling inmodulating synaptic transmis-
sion, plasticity, and behavior is not fully clear. Following an
increase in intracellular Ca2+, astrocytes release gliotransmit-
ters [6, 7] such as glutamate, ATP, and D-serine that have
been shown to regulate synaptic transmission and plasticity
through a wide range of mechanisms [8–10]. D-serine is the
endogenous ligand for the coagonist site of NMDARs and its
contribution to synaptic plasticity has been shown in different
brain regions [11–16]. Abolishing astrocytic GqGPCR Ca2+
signaling using IP

3
R2 KO impairs cholinergic-induced LTP

in both hippocampus [17] and cortex [18] as well as nucleus
basalis-induced stimulus-specific plasticity in visual cortical

neurons [19]. In other studies though, modulation of IP
3
R2-

mediated Ca2+-dependent activity had no effect on synaptic
plasticity, neurovascular coupling, or several mouse behav-
iors [5, 20–24]. Owing to these conflicting reports, the role
of astrocytes in modulation of synaptic plasticity and circuit
function remains to be resolved.

To gain a better understanding of the role of astrocytic
activity in modulation of behavior, we used pharmacological
and genetic approaches to study learning in a motor-skill
task.We find thatmice with reduced IP

3
R2mediated calcium

signaling showed learning deficits. Furthermore, mice with
metabolically inhibited astrocytes showed impaired learning
that could be rescued with D-serine administration.We show
that NMDA receptor-dependent LTP in the forelimb motor
cortex was completely blocked in metabolically arrested
astrocytes and this could be partially rescued with D-serine.
Finally, motor-skill learning-induced increase in synaptic
levels of GluA1 was blocked in these mice. We conclude
that normal astrocytic activity and Ca2+ signaling during
motor-skill training are necessary for normal learning to
occur.
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2. Materials and Methods

2.1. Animals. Unless indicated otherwise experiments were
performed using C57BL/6 mice from Charles River Labora-
tories or from our breeding facility. The mice were kept on
regular light/dark cycles throughout the procedures. All pro-
tocols were approved by the University of Nebraska Medical
Center Institutional Animal Care and Use Committee.

2.2. Generation of Inducible Mutant IP
3
R2 (mIP

3
R2) Mice.

IP
3
R2 floxed homozygous mice were obtained from Ken

McCarthy’s laboratory (UNC, Chapel Hill). To generate
mutant IP

3
R2 mice, IP

3
R2flox/flox mice were bred to mice

expressing the tamoxifen-sensitive Cre-recombinase (Cre-
ER) under the control of GLAST promoter (GLAST-CreER)
[25]. Mice double heterozygous for the floxed and Cre-
recombinase alleles were interbred to IP

3
R2flox/flox mice to

generate mice homozygous for the floxed IP
3
R2 allele and

heterozygous for Cre-recombinase. Mice homozygous for
IP
3
R2flox/flox but null for the Cre-recombinase allele were

designated as littermate control mice. Mice were maintained
on the C57Bl/6 background. Mice were genotyped by PCR
analysis using genomic DNA and primers specific to Cre-
recombinase and the floxed IP

3
R2 allele.

2.3. Tamoxifen Treatment. Tamoxifen was dissolved in corn
oil to obtain a 10mg/mL solution. For all experiments mice
were injected intraperitoneally with a tamoxifen dosage of
100mg/kg body weight for 8 days on a daily basis. Injections
were performed at 3 weeks of age. Experimental cohorts were
always injected at the same time. Control mice were homozy-
gously floxed but these mice either lacked CreER expression
and were injected with tamoxifen (tam control) or expressed
CreER and received corn oil (vehicle control). Experiments
were performed one-month posttamoxifen injections.

2.4. ICV Cannulation. Guide cannulas were implanted
to the mouse brain when repeated injections into the
cerebral lateral ventricles (intracerebroventricular injec-
tions) were performed. The mice were anaesthetized with
ketamine/dexdomitor cocktail (100mg/mL and 0.5mg/mL,
resp., 2.5mL/Kg) and placed in a stereotaxic frame (Stoelt-
ing). A 26-gauge stainless steel guide cannula (Plastics One)
was implanted into the brain (0.3mm posterior, and 1.2mm
lateral to bregma, 2.4mm below the surface of the skull).
The coordinates were chosen so that the protruding injection
cannula reached the lateral ventricle upon injection. The
guide cannula was held in position by a combination of
glue and cyanoacrylate gel. Mice were allowed 3-4 days of
postoperative recovery before the injections. ICV injections
(2 𝜇L) were carried out during a short period of anesthesia
with ketamine/dexdomitor cocktail. Saline or Fluorocitrate
was injected through stainless steel injector cannula (33-
gauge) that fits into the guide cannula. A 5mL Hamil-
ton syringe was connected to a plastic tube and used for
injection. Mouse was injected with the reversal agent Anti-
sedan (atipamezole hydrochloride 5mg/mL, at 0.2mL/mL of
Ketamine/Dexdomitor cocktail used, IP).

The fluorocitrate (FC) solution for ICV injection was
prepared [26] as follows: 8mg of D,L-fluorocitric acid, bar-
ium salt (Sigma-Aldrich) was dissolved in 1mL of 0.1M
HCl. Two to three drops of 0.1M Na

2
SO
4
were added to

precipitate Ba2+. Twomilliliters of 0.1MNa
2
HPO4was added

and the suspension was centrifuged at 1,000 g for 5min.
The supernatant was diluted with 0.9% NaCl to the final
concentration and the pH was adjusted to 7.4.

The positioning of cannula implanted in each mouse was
verified after completion of motor-skill training. The mice
were anaesthetized and a small volume of fast green dye was
injected through the cannula. The mice were transcardially
perfused with 4% paraformaldehyde in 0.1M phosphate
buffer (pH 7.4) and the brains were postfixed in that solution
at 4∘C. The brains were sectioned at 150 𝜇m thickness on a
vibratome (Leica). The sections were mounted on glass slides
and viewed under an upright microscope (Nikon) to verify if
the implanted cannula had reached the lateral ventricle. Mice
in which the cannula did not reach the lateral ventricle were
excluded from the study.

2.5. MRS Method. For MRS experiments a small craniotomy
was made 0.9mm posterior and 1.2 lateral to Bregma and
FC was injected using a glass micropipette and a picospritzer.
Control mice and mice injected with FC (3 hours after injec-
tion) were anesthetized by inhalation of 1-2% isoflurane in a
nitrous oxide/oxygen mixture. MRI/MRS data were obtained
using a 7 Tesla/16 cm Bruker Pharmascan (Karlsuhe, Ger-
many), an actively decoupled 72mm volume coil transmitter,
and a laboratory built 1.25 × 1.5 cm surface coil receiver.
Reference coronal mouse brain images were obtained using
a RARE T

2
weighted sequence with acquisition parameters

of 20mm field-of-view, a 256 × 256 acquisition matrix, first
echo time of 12ms, effective echo time of 36ms, RARE factor
= 8, repetition time of 4200ms, and two averages for a total
acquisition time of 3.3min. Single voxel localized spectra
were acquired using point resolved spectroscopy (PRESS)
with outer volume suppression and high bandwidth pulses to
optimize sequence performance. Spectra were acquired from
a region spanning the motor cortex with a repetition time of
4 seconds, echo time of 50ms, and 576 averages for a total
scan time of 38.4min. Single-scan-localized unsuppressed
water signals were acquired as a reference for metabolite
quantification. Spectroscopic data were processed by removal
of residual water signal using the HLVSD filter. 1HMRS were
curve fit in the time domain using the QUEST algorithm
[27] with a linear combination of spectra (basis set) obtained
from phantoms scanned using the same pulse sequence as
the in vivo acquisitions. Normalized signal amplitudes were
presented as a fraction of total signal.

2.6. Motor-Skill Training. Motor-skill training was per-
formed on 5-week-old male C57Bl/6 mice for studies using
FC and on 8-9-week-old IP

3
R2 mutant mice and their litter-

mate controls. Mice were food restricted prior to training,
maintaining them at 85% of their free-feeding weight. All
training was performed between 3 and 7 PM. For training,
mice were placed in a cage with a thin slit on the front
wall. Mice had to learn to reach through the slit with the
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preferred forelimb and grasp and retrieve individual food
pellets. The initial pretraining session was used for forelimb
preference determination. Pellets were then placed on either
side depending on the preferred forelimb. Mice had one
training session per day that lasted 30minutes or 100 reaches.
Motor-skill performance was quantified by the success rate
(pellets retrieved/total attempted).The experimental identity
of the mice was not known during training.

ICV injections with saline or fluorocitrate were done 4
hours before motor-skill training. On days 6 and 7, mice were
injected with D-serine (800mg/kg, IP) 30 minutes before
motor-skill training.

2.7. Live Slice Preparation. Acute coronal slices (300 𝜇m
for slice imaging and 400 𝜇m for slice electrophysiology)
containing the forelimb area of M1 were prepared in an ice-
cold slicing solution containing (in mM) 126 NaCl, 3 KCl,
1.25 NaH

2
PO
4
, 4 MgSO

4
, 2 CaCl

2
, 26 NaHCO

3
, and 10

dextrose. Slices were transferred to a submersion chamber
containing artificial CSF (ACSF, mM) 126 NaCl, 3 KCl,
1.25 NaH

2
PO
4
, 1 MgSO

4
, 2 CaCl

2
, 26 NaHCO

3
, and 10

dextrose and the solution was continuously bubbled with
95% O

2
/5% CO

2
. Slices were allowed to rest for at least

60 minutes before recording. For recordings, slices were
transferred to submersion type recording chamber (Warner)
and superfused at room temperature with ACSF saturated
with 95% O

2
/5% CO

2
.

2.8. Slice Electrophysiology. Recordings were made from
coronal cortical slices containing the forelimb representation
of theM1. Tungsten bipolar stimulation electrodes were posi-
tioned in upper layer 2/3, 1.5–1.8mm lateral to the midline
[28], and recording electrodes were placed 400 𝜇mmedial to
the stimulation electrode. Extracellular field potentials (FPs)
were evoked by 0.2ms pulses at 0.033Hz. Peak amplitudes
of the negative-going FP were used as a measure of synaptic
strength [29]. To examine synaptic strength, input-output
curves for a range of stimulation intensities (multiples of
threshold intensity defined as the intensity that produced
a response of 0.2mV) were recorded. LTP was induced
after establishing a 10-minute period of stable response
amplitudes using stimulation intensity that elicited 50%
maximumresponse amplitude.Theta burst stimulation (TBS)
was applied after a 3-minute bath application of bicuculline
methiodide (10𝜇M). The LTP induction protocol was five
TBS delivered every 10 s. Each TBS consisted of 10 bursts (1
burst = 5 pulses at 100Hz) delivered at 5Hz.

To assess the effects of fluorocitrate (FC) on LTP, extra-
cellular field potentials were recorded from slices perfused
for 20 minutes with FC (100 𝜇M) alone or FC (100 𝜇M)
supplemented with D-serine (100 𝜇M) or FC (100 𝜇M) with
AP-5 (50 𝜇M) supplemented with D-serine (100 𝜇M) prior to
commencing with recordings.

2.9. Dye Loading and Imaging in Slices. Slices were loaded at
room temperature with fluo-4AM (5 𝜇M,Molecular Probes),
0.04% Pluronic F-127, and SR101 (10 𝜇M, Sigma-Aldrich) for
40 minutes and then transferred to dye free ACSF for at
least 30 minutes. Simultaneousmonitoring of multiple layer 1

astrocyteswas carried out in frame scanmode at 1Hz at image
resolution of 256 × 256. Time-lapse imaging was carried out;
image series consisting of 300 frames were collected.

In order to assess the Ca2+ activity of astrocytes in
the presence of FC, spontaneous Ca2+ changes before and
after perfusion of FC (100 𝜇M) in the slices were compared.
Following baseline imaging in regular ACSF, slices were
perfused for 30 minutes with FC and then the same positions
were reimaged in presence of FC.

To assess the efficiency of the Cre-mediated recombina-
tion, we performed Ca2+ imaging on bulk loaded coronal
slices containing the M1 from controls (vehicle control and
tamoxifen controls) and mutant IP

3
R2 mice. Time-lapse

imaging was carried out to monitor spontaneous Ca2+ oscil-
lations followed by reimaging of some of the same positions
with perfusion of ATP (100 𝜇M).

We imaged with a two-photon microscope (Moving
Objective Microscope, Sutter) attached to a Ti : sapphire
laser (Chameleon Vision II, Coherent), using a 60x water
immersion objective (1.0 NA, Nikon). Excitation wavelength
of 800 nm with power measured at the back aperture at
10–30mW was used. Two-channel detection of emission
wavelength was achieved by using a 565 nm dichroic mirror
and two external photomultiplier tubes. A 535/50 bandpass
filter was used to detect fluo-4 AM emission wavelength, and
a 610/75bandpass filter was used to detect SR101. For imaging,
we used ScanImage software [30] written in MATLAB (The
MathWorks).

2.10. Image Analysis. Imaging data was analyzed using
ImageJ software. Regions of interest (ROIs) were placed
around astrocyte soma. Fluorescence was averaged over ROIs
placed and expressed as relative fluorescence changes (Δ𝐹/𝐹)
after subtraction of background fluorescence from a neigh-
boring region. Ca2+ transients of astrocyte were detected
when fluorescence intensity reached higher than 2 SD value
of baseline fluorescence intensity.

The following parameters were analyzed to assess the
Ca2+ activity in the presence of FC: percent active astrocytes,
the mean number of spontaneous events per astrocyte, and
the average peak value of the Ca2+ oscillations. We analyzed
the percent active cells and percentage of cells responding
to ATP to assess the spontaneous Ca2+ changes and ATP-
induced Ca2+ signals in control and mutant IP

3
R2 mice. For

astrocyte soma analysis, an astrocyte that exhibited at least
one spontaneous Ca2+ oscillation during the imaging session
was referred to as an active astrocyte.The ratio of the number
of active astrocytes and SR101 labeled cells in every imaging
field was used to analyze the percent active astrocytes based
on somaCa2+measurements. Analysis was performed on raw
unprocessed images and for presentation purposes images
were despeckled.

2.11. Confocal Imaging. Confocal imaging was performed on
a Zeiss, LSM 700, using a 40 × 1.4 N.A oil lens. Images were
collected in layer 1 of the forelimbM1 region at 512× 512 pixels
with pixel size of 0.18𝜇m and 𝑍 step of 0.20𝜇m, at 8 bit with
488 nm laser.
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Dendritic spine analysis was done using ImageJ soft-
ware. Dendritic segments analyzed were 20–80 𝜇m in length.
Within each image, 1–3 dendrites were analyzed.

2.12. GluA1 Measurement in Synaptosomes. Four hours fol-
lowing an ICV injection of saline or 50 𝜇M FC, mice were
trained on the forelimb-reaching task. On the following
day, the M1 forelimb regions from both hemispheres were
dissected out from two coronal slices (750𝜇m). The tissue
was homogenized in sucrose media (0.32M sucrose, 10mM
HEPES, and 1mM EDTA) using a hand held homogenizer.
The homogenate was spun at 1,500 rpm for 10min at 4∘C.
The supernatant was then spun at 13,300 rpm for 15min at
4∘C, to separate the synaptosomal fraction. This was resus-
pended in ACSF and protein concentration was estimated.
Synaptosomes were lysed in RIPA buffer (50mM Tris.HCl,
25mM NaCl, 0.1% SDS, 0.5% Na deoxycholate, 1% Triton
X 100, and 0.5M EDTA). Proteins were separated on 4–
15% Bio-RadMini-Protean TGX Precast SDS–PAGE gels and
transferred to polyvinyl difluoride membranes. The mem-
branes were probed with anti-GluA1 (1 : 1,500, Millipore)
and anti-GAPDH (1 : 4,000, Cell Signaling). The membranes
were incubated with horseradish peroxidase-conjugated sec-
ondary antibodies (anti-rabbit 1 : 2,500), and bands visualized
using a Cell Biosciences FluorChem HD2 system.

2.13. Statistics. Data are reported as mean ± s.e.m. Normal
distribution was tested using Kolmogorov-Smirnov test and
variance was compared. Analysis was done either using two-
sided unpaired Student’s 𝑡-test (with a Bonferroni correction
for multiple comparisons) or with one-way ANOVA with
the Bonferroni method for post hocmultiple comparisons or
two-way ANOVA with Sidak’s method for post hoc multiple
comparisons. Data were analyzed using the GraphPad Prism.

3. Results

Whether astrocytic activity is necessary for synaptic plasticity
and learning is still debated. Here we used genetic and phar-
macological methods to perturb astrocytes to understand the
role of astrocytes in learning.

3.1. Reduced Motor-Skill Learning in Mutant IP
3
R2 Mice. In

our first approach, we tested motor-skill learning in mutant
IP
3
R2 (mIP

3
R2) mice. To avoid potential developmental

changes we crossed the IP
3
R2flox/flox mice with GLAST-Cre-

ERmice [25], induced recombination at 3-4weeks, and tested
the mutant and littermate control mice at 8-9 weeks of age.
To assess the recombination efficiency and the loss of IP

3
R2

in astrocytes, we performed Ca2+ imaging on bulk loaded
coronal slices containing the forelimb M1 from control and
mIP
3
R2 mice (Figure 1a(i)). We detected a 44% reduction

in the number of astrocytes that exhibit spontaneous Ca2+
transients in slices from mIP

3
R2 mice (Figure 1a(ii), control:

58.78±3.7% 𝑛 = 14 slices from 11mice,mIP
3
R2: 32.81±3.08%,

𝑛 = 15 slices from 14 mice; 𝑃 < 0.0001, 𝑡-test). Similarly,
there was a 50% reduction in the number of astrocytes that
exhibited a Ca2+ transients in the presence of 100 𝜇M ATP
(Figure 1a(iii), control: 69.02 ± 4.69%, 𝑛 = 10 slices from

9 mice; mIP
3
R2: 34.56 ± 7.68%, 𝑛 = 8 slices from 8 mice;

𝑃 = 0.001, 𝑡-test). The data indicate a partial reduction of
astrocytic Ca2+ signaling in the mIP

3
R2 mice.

To determine the role of astrocytic Ca2+ signaling in
motor-skill learning we tested the mice on the forelimb
reaching task. Performance was identical in both control
groups (Tamoxifen and vehicle controls) and these were
therefore pooled (Supplementary Figure 1, available online at
http://dx.doi.org/10.1155/2015/938023). Although the success
rate of both the IP

3
R2 mutant and littermate control mice

increased over subsequent days of training, the mutant
achieved a lower success rate on the fourth and fifth day of
training (Figure 1(b)). Significant differences were found on
day 4 (Control: 0.52±0.02, 𝑛 = 21mice; mIP

3
R2: 0.43±0.03,

𝑛 = 21 mice, Two-way ANOVA, post hoc test, 𝑃 = 0.035)
and day 5 (Control: 0.56 ± 0.01; mIP

3
R2: 0.46 ± 0.03, post hoc

test𝑃 = 0.035, Figure 1(b)).The success rate on the first day of
training (Control: 0.3±0.03; mIP

3
R2: 0.33±0.03,𝑃 = 0.8) was

not different between the genotypes. Moreover, the mIP
3
R2

mice did not make fewer reaching attempts than the control
mice (day 1, Control: 67.95 ± 5.46; mIP

3
R2: 59.86 ± 4.49,

𝑃 = 0.259; day 5, Control: 81.29± 3.22; mIP
3
R2: 91.29± 3.39,

𝑡-test,𝑃 = 0.009Figure 1(c)).These data indicate thatmIP
3
R2

mice displayed a mild learning impairment that is not due to
basic motor function deficit or lack of motivation.

We also wanted to determine if there was a relationship
between astrocyte Ca2+ and behavior. For a subset of mice
(both control and mIP

3
R2) following behavioral testing on

the forelimb reaching task, slices were prepared and ATP-
evoked astrocyte Ca2+ activity was measured. We performed
the correlation with proportion of cells exhibiting ATP
evoked Ca2+ activity rather than spontaneous Ca2+ activity
in order to more accurately correlate behavior with ability
of astrocytes to generate Ca2+ signals. We found a positive
correlation between ATP evoked astrocyte Ca2+ and learning
(Figure 1(d),𝑃 = 0.01, 𝑟 = 0.61) suggesting that there is a link
between astrocyte Ca2+ and the motor learning deficit in the
mIP
3
R2 mice. Our findings therefore suggest that astrocytic

Ca2+ signaling is involved in modulating behavior.

3.2. Impaired Motor-Skill Learning in Mice with Metabolically
Inhibited Astrocytes Is Reversed with D-Serine. As a second
approach to determine the role of astrocytic activity in
motor-skill learning we used an astrocyte specific metabolic
inhibitor fluorocitrate (FC). FC inhibits the TCA cycle in glial
cells by blocking aconitase [31] with significant reductions in
aconitase activity and ATP levels in the cortex four hours
after intraventricular injection [32]. FC effects in vivo are
known to be reversible with maximal effects observed four
hours after an intrastriatal injection [26] and six hours
after intravitreal injections [33]. Using Magnetic Resonance
Spectroscopy (MRS) (Supplementary Figure 2) we detected
a reduction in cortical glutamate levels four hours following
intracerebroventricular (ICV) injection of 50 𝜇M (100 pmol)
FC (control: 0.27 ± 0.01, 𝑛 = 7; FC: 0.18 ± 0.02, 𝑛 =
6 𝑡-test, 𝑃 = 0.013). Reduced levels of glutamate would
be expected because of the known role of astrocytes in the
glutamate/glutamine cycle [34, 35]. We therefore performed
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Figure 1: IP
3
R2mediated Ca2+ signaling is necessary for motor-skill learning. a(i) Dual loading of acuteM1 slices with SR101 (left) and fluo-4

AM (right) in control (top panel) and mIP
3
R2 (bottom panel) mice. ROIs of astrocyte soma are outlined and numbered. Time-lapse images

of the fluo-4 channel for control and mIP
3
R2 KO mice showing spontaneous Ca2+ transients in soma. Scale bar: 10𝜇m. (a) Spontaneous

Ca2+ transients in soma in control and mIP
3
R2 mice. Scale bar: 50 s, 100% Δ𝐹/𝐹. a(ii) Quantification of the proportion of active cells with

spontaneousCa2+ transients in soma in control andmIP
3
R2 slices. a(iii)Quantification ofATP-inducedCa2+ transients in control andmIP

3
R2

slices. (b) Motor-skill learning curves for control and mIP
3
R2 mice. mIP

3
R2 mice show a deficit in motor-skill learning. Repeated measures

two-way ANOVA revealed a significant interaction between genotype and training factors (𝑃 = 0.0055). (c) Number of reaching attempts
made on day 1 and day 5 in control and mIP

3
R2 mice. (d) Relationship between ATP-induced Ca2+ transients and learning (success rate on

day 4/success rate on day 1). ∗𝑃 < 0.05, ∗∗𝑃 < 0.01, and ∗∗∗𝑃 < 0.0001.
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Figure 2: Astrocytic activity is necessary for motor skill learning. (a) Motor skill learning curves for saline and FC injected mice. Two-way
ANOVA revealed a significant effect with training (𝑃 = 0.0001) and treatment (𝑃 < 0.0001). FC injected mice show a deficit in motor skill
learning that is rescued by D-serine on days 6 and 7. (b) No difference was detected between number of reaching attempts made on day 1 and
day 5 with FC injection. (c) Representative images of dendritic spines in saline and FC injected conditions. Scale bar: 3 𝜇m. FC injection does
not alter the dendrite width and spine density. ∗𝑃 < 0.05 and ∗∗𝑃 < 0.01.

an ICV injection of FC or saline daily, 4 hours prior tomotor-
skill training (see Supplementary Figure 3). Strikingly, mice
injectedwith 10–50 𝜇M(20-100 pmol) of FC failed to improve
in the motor-skill task (saline day 5 success rate: 0.41 ± 0.05,
𝑛 = 8 mice; FC day 5: 0.21 ± 0.04, 𝑛 = 6 mice, two-way
ANOVA post hoc test: 𝑃 = 0.024, Figure 2(a)). The impaired
learning was not due to the cannula insertion because
saline injected mice displayed normal learning curves (day
1: success rate of 0.25 ± 0.04, day 5: success rate of 0.41 ± 0.05,
𝑛 = 8 mice, 𝑡-test, 𝑃 = 0.02, Figure 2(a)), as did mice
injected with 10–50 nM (20–100 fmol) of FC (Supplementary

Figure 4). The learning impairment was not due to reduced
motor activity since the number of reaching attemptsmade by
FC injected mice was not different from saline injected mice
(day 1 saline: 53 ± 5.31, FC: 54.67 ± 9.99, 𝑡-test, 𝑃 = 0.877;
day 5 saline: 67.5 ± 7.33, FC: 87 ± 9.44, 𝑡-test, 𝑃 = 0.081,
Figure 2(b)). We also determined that 50 𝜇M (100 pmol) FC
injection did not have a detrimental effect on neuronal
structure by imaging dendrites in layer 1 of forelimb M1
region. We observed no difference in the density of dendritic
spines (saline: 0.55 ± 0.04 spines/𝜇m, 𝑛 = 27 images from
2 mice; FC: 0.54 ± 0.04 spines/𝜇m, 𝑛 = 23 images from 2
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Figure 3: Fluorocitrate blocks astrocytic Ca2+ transients and LTP in slices. (a) Dual loading of acute M1 slices with SR101 (left) and fluo-4
AM (right) in control and after perfusion of FC. ROIs of astrocyte soma are outlined and numbered. Time-lapse images of the fluo-4 channel
for control and after FC conditions. Scale bar: 10𝜇m. (a) Spontaneous Ca2+ transients in soma in control and FC conditions. Scale bar: 75 s,
100% Δ𝐹/𝐹. (b) The percent of active soma, the number of Ca2+ transients, and the peak value of the Ca2+ transients significantly decreases
after treatment with FC. (c) Average time course of the change in FPs in M1 slices after TBS (indicated by arrow) shown for control and
FC conditions. Incubation of slices with FC blocks LTP. Representative FPs (average of 5 traces) during baseline condition and 20–30min
after TBS are shown as black and gray traces. Scale bar: 0.4mV, 4ms. (d) Average time course of the change in FPs shown for FC coapplied
with D-serine, FC coapplied with D-serine and D-AP5. D-Serine partially rescues LTP. (e) Summary of LTP experiments with FPs measured
20–30min after TBS relative to baseline. ∗∗𝑃 < 0.01 and ∗∗∗𝑃 < 0.0001.

mice; 𝑃 = 0.68, Figure 2(c)) or dendrite width (saline: 0.81 ±
0.02 𝜇m; FC: 0.83±0.03 𝜇m;𝑃 = 0.57) in the apical tufts (layer
1) of layer 5 pyramidal neurons in the forelimb M1 region.
These results suggest that normal astrocytic activity during
motor-skill training is necessary for motor-skill learning.

Since NMDA receptor dependent LTP-like mechanism
is thought to be involved in motor-skill learning [36], we
next asked if the gliotransmitter D-serine, which acts as a
coagonist for NMDA receptors and regulates neurotransmis-
sion and synaptic plasticity, can reverse the effects of FC on
motor-skill learning. On the 6th and 7th days of FC or saline
injection, mice were administered with 800mg/Kg D-serine
intraperitoneally, 30 minutes prior to motor-skill training
(Supplementary Figure 3).We found that the learning impair-
ment with FC was rescued by coadministration of D-serine
(day 7: success rate of 0.37 ± 0.03, day 5 versus day 7 𝑡-test,
𝑃 = 0.008, Figure 2(a)). In the saline injected mice we saw
a trend towards increased success rate when D-serine was

administered (day 7: success rate of 0.52 ± 0.06, day 5 versus
day 7 𝑡-test, 𝑃 = 0.191). These results indicate that increased
levels of D-serine at a time of motor-skill training result in
learning even in conditions with reduced astrocytic activity.

3.3. LTP Is Blocked by FC in Slices and In Vivo. To fur-
ther investigate the possibility that FC blocks learning by
interfering with an LTP-like mechanism we next determined
if FC blocks LTP in slices containing the motor cortex.
In acute brain slices, FC (100𝜇M) blocked Ca2+ transients
in astrocytes (Figures 3(a) and 3(b)). The percent active
astrocytes (control: 80.78 ± 6.13%, FC: 22.78 ± 5.42%, 𝑡-
test, 𝑃 < 0.0001), the number of Ca2+ transients (control:
2.57 ± 0.32, FC: 0.39 ± 0.12, 𝑡-test, 𝑃 < 0.0001), and the
peak value of Ca2+ transients (control: 190.97 ± 18.87, FC:
68.89 ± 8.89, 𝑡-test, 𝑃 < 0.0001) were significantly reduced
after incubation in 100𝜇M FC (𝑛 = 15 imaged fields from
3 slices in control and FC conditions). To test if LTP is
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Figure 4: Astrocyte function is necessary for motor-skill learning induced synaptic GluA1 insertion. (a) An example electron micrograph
demonstrating the presence of synaptosomes. Scale bar: 1 micrometer. (b) Western blots of synaptic GluA1 from forelimb M1 regions of
untrained (utr) and trained (tr) hemispheres of 1 day trained mice following ICV injections with saline or FC. (c) Interhemispheric ratios
(trained/untrained) of synaptic GluA1. ∗𝑃 < 0.05.

impaired under these reduced Ca2+ signaling conditions,
field potentials were recorded in layer 2/3 in response to theta
burst stimulation (TBS) of the horizontal connections [29].
While in control slices a robust LTP could be induced, it
was completely blocked by 100𝜇M FC (Figure 3(c), control:
169.66 ± 11.92%, 𝑛 = 8 slices from 7 mice; FC: 90.34 ± 10.5%,
𝑛 = 8 slices from 8 mice, one-way ANOVA, 𝑃 < 0.0001, post
hoc test control versus FC, 𝑃 < 0.0001). LTP was partially
restored when 100 𝜇M of the gliotransmitter D-serine, which
acts as a coagonist for NMDA receptors, was coapplied with
FC (Figure 3(d), FC+D-ser: 141.19±8.97%, 𝑛 = 8 slices from
7 mice, post hoc test, FC versus FC + D-Serine, 𝑃 = 0.0037).
The effect of FC on LTP was not restored when D-serine was
applied in the presence of the NMDA receptor antagonist
AP-5 (FC+D-ser+AP-5: 118.43 ± 6.61%, 𝑛 = 8 slices from
5 mice, post hoc test FC versus FC+D-ser+AP-5, 𝑃 = 0.186).
These results suggest that as in other brain regions [13, 14],
LTP in the motor cortex is dependent on astrocyte derived
D-serine.

Finally, to determine if FC interferes with an LTP-like
mechanism in vivo, we asked if translocation of glutamate
receptor subunit 1 (GluA1) into synapses that is known to
occur with LTP [37] and with motor-skill learning [38] is
blocked by FC. We prepared synaptosomes (Figure 4(a))
from the forelimb M1 region of both hemispheres of 1 day
trained mice and measured GluA1 levels (Figures 4(b) and

4(c)). While in saline injected mice there was an increase in
the levels of GluA1 in the trained hemisphere (contralateral
to the trained forelimb) there was no such increase in FC
(10 𝜇M, 20 pmol) injectedmice (saline: interhemisphere ratio
1.58±0.29, 𝑛 = 9, FC: interhemisphere ratio 0.81±0.08, 𝑛 = 7,
𝑡-test, 𝑃 = 0.033). These data suggest that absence of optimal
astrocytic function in vivo prevents training induced synaptic
changes and might mediate the impaired learning.

4. Discussion

Ourfindings of reduced astrocytic activity resulting in deficits
in motor-skill learning, LTP in slices, and synaptic AMPAR
insertion with motor-skill training and that D-serine, the
NMDAR coagonist, can rescue both LTP and learning and
provide support to the hypothesis that astrocytic Ca2+ sig-
naling and release of D-serine is necessary for the LTP-like
mechanism that is mediating motor-skill learning.

Although cognitive impairments have been reported
when astrocytes are perturbed through genetic [39–42] or
pharmacological manipulations [43–45], astrocytic function
has not been previously implicated in motor-skill learning.
Here, we show that both chronic but partial disruption of
IP
3
R2 mediated Ca2+ signaling in astrocytes as well as acute

disruption of astrocytic activity with the astrocyte specific



Neural Plasticity 9

metabolic inhibitor FC lead to impaired learning on amotor-
skill task.

The activation of IP
3
R2 in astrocytes is primarily respon-

sible for increases in astrocyte Ca2+ [5, 18], although the
involvement of other mechanisms in generation of Ca2+
signals have recently been shown [10, 46–48]. We find that
mIP
3
R2 mice exhibit a mild learning impairment in the

motor-skill learning task that is consistent with only a partial
loss of IP

3
R2-dependent Ca2+ signaling in these mice. It is

possible that in the complete KO mice, the cognitive deficit
would be more pronounced, as is the case with mice that
were injected with the astrocytic metabolic inhibitor FC. In
our study the loss of IP

3
R2 in astrocytes was induced after

brain development was complete. Therefore, the changes we
observe are not likely to be due to abnormal neuronal circuit
formation. Other studies also show evidence for behav-
ioral impairments when IP

3
R2-dependent Ca2+ signaling is

altered [49, 50] but see [23]. For example, expression of an
inducible IP

3
absorbent “IP

3
sponge” in astrocytes was found

to attenuate IP
3
R-mediated Ca2+ signaling and these mice

were found to exhibit impaired spatial reference memory
and reduced contextual fear memory [49]. In a full germ-
line IP

3
R2-KO mice, the lack of IP

3
R2 was shown to affect

astrocytic ATP release and induce depressive-like behaviors
[50].

In this study, we also used FC that has been used in
several studies as a selective inhibitor of glial cell metabolism
[32, 33, 51, 52].Unlike in themutant IP

3
R2mice, the astrocytic

impairment in FC injectedmice is transient and is timed to be
maximal during the motor-skill training sessions. Inhibition
of glial aconitase by FC leads to accumulation of citrate that
acts as a Ca2+ chelator [31]. The reduction in spontaneous
Ca2+ activity in astrocytes that we observe with FC could
be a result of citrate accumulation although other effects on
astrocyte activity are likely. Nevertheless, our studies with
the genetic and pharmacological manipulations of astrocytes
both indicate that abnormal astrocytic activity and Ca2+
signaling can have negative impact on learning.

How could attenuated astrocytic activity and Ca2+ signal-
ing affect learning? Behavioral studies have shown that the
astrocytic gliotransmitter D-serine improves spatial memory
retrieval [45], spatial reversal memory [53], recognition
memory [54, 55], and working memory [54]. Interestingly,
we observed that the learning impairments in the motor-skill
task caused by blocking astrocytic activity with FC could be
rescued by the systemic administration of D-serine on days 6
and 7 of the training.The trend in enhanced performance on
days 6 and 7 with D-serine administration in saline injected
mice could indicate that increased D-serine levels during
motor-skill task facilitate learning (or that D-serine is found
in limiting amount in the brain). Since motor-skill learning
is thought to be mediated by an NMDA receptor-dependent
LTP-like mechanism [36], it is possible that reduced release
of D-serine from metabolically inhibited astrocytes prevents
LTP induction with motor-skill training and thereby impairs
learning in these mice. This interpretation is supported by
experiments that demonstrate that D-serine contributes to
synaptic plasticity in several brain regions including the

hypothalamus, hippocampus, and prefrontal cortex [12–14].
Here we found that FC treatment, completely blocked LTP
induction in acute slices from the primary motor cortex. LTP
was found to be partially restored by coapplication of D-
serine and this rescue was dependent on NMDAR activity.
Disrupting Ca2+ signaling in astrocytes has been shown
to reduce D-serine release [10, 13, 18]. Since exocytosis in
astrocytes is controlled by local Ca2+ microdomains [56],
the reduction in spontaneous Ca2+ transients could result in
decreased D-serine release from metabolically compromised
astrocytes. Indeed disruption of astrocytic metabolism by
FC has been shown to decrease Ca2+-dependent glutamate
release from astrocytes [57]. Our data suggests that astro-
cytes in the motor cortex have a role in the induction
of NMDA receptor-dependent LTP which likely relies on
D-ser.

A major molecular mechanism of LTP is the synaptic
insertion ofGluA1-containingAMPAreceptors [58]. Synaptic
insertion of GluA1 has been shown with multiple learning
paradigms [59–62]. We have recently shown that motor-
skill learning results in a transient increase in the synaptic
GluA1 in the motor cortex [38]. Here, we find that blocking
astrocytic activity with FC interferes with the motor-skill
training-induced synaptic incorporation of GluA1 recep-
tors. To our knowledge this is the first demonstration that
astrocytic activity is necessary for AMPA receptor insertion
into synapses in general and with learning in particular
and provides further support that blocking astrocytic Ca2+
signaling is likely to interfere with an LTP-like mechanism
during motor-skill training.

Motor-skill learning is associatedwith formation and spe-
cific stabilization of dendritic spines [38, 63–65]. Recent stud-
ies demonstrate a role for astrocytic perisynaptic processes in
regulating dendritic spine stability. Increased neuronal activ-
ity, through whisker stimulation, has been shown to enhance
motility of perisynaptic astrocytic processes [66, 67], which
results in greater synaptic coverage and increased synaptic
stability. Activity-dependent enhancement in the motility of
astrocytic processes was found to be dependent on astrocytic
Ca2+ transients and is absent in IP

3
R2 KO mice [67]. It is

therefore possible that the perisynaptic astrocytic processes
play a role in the stabilization ofmotor-skill learning-induced
new spines by changes in process motility and coverage of the
spines and interference with this process lead to the learning
impairments we observed in the mIP

3
R2 and FC treated

mice.
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Changing the whisker complement on a rodent’s snout can lead to two forms of experience-dependent plasticity (EDP) in the
neurons of the barrel cortex, where whiskers are somatotopically represented. One form, termed coding plasticity, concerns changes
in synaptic transmission and connectivity between neurons. This is thought to underlie learning and memory processes and so
adaptation to a changing environment. The second, called homeostatic plasticity, serves to maintain a restricted dynamic range of
neuronal activity thus preventing its saturation or total downregulation. Current explanatory models of cortical EDP are almost
exclusively neurocentric. However, in recent years, increasing evidence has emerged on the role of astrocytes in brain function,
including plasticity. Indeed, astrocytes appear as necessary partners of neurons at the core of the mechanisms of coding and
homeostatic plasticity recorded in neurons. In addition to neuronal plasticity, several different forms of astrocytic plasticity have
recently been discovered. They extend from changes in receptor expression and dynamic changes in morphology to alteration in
gliotransmitter release. It is however unclear how astrocytic plasticity contributes to the neuronal EDP. Here, we review the known
and possible roles for astrocytes in the barrel cortex, including its plasticity.

1. Introduction

Experience-dependent plasticity (EDP) is a fundamental
property of the brain allowing neurons to refine patterns of
connections during development, code and store informa-
tion, and adjust activity of neurones in situations where their
average activity is substantially reduced or increased. EDP,
including its underlying mechanisms, has always received a
great deal of attention as it is thought to be themechanism for
learning and retaining of life events hence also adaptation to
continuously changing environment. A better understanding
of the processes underlying EDP will not only enable us to
shed light on such abilities but also better understand and
possibly treat diseases such as Alzheimer’s disease and brain
traumas such as stroke, which are also linked to plasticity.

Of the many studies that have demonstrated EDP [1], one
can generalise these into two general forms. Firstly, there is
coding plasticity, which is always input-specific and concerns
changes in synaptic transmission or connectivity of indi-
vidual inputs to the neuron. Secondly, there is homeostatic
plasticity, which commonly concerns changes in the global

activity of neurones.While themajor function of coding plas-
ticity is to process specific information, homeostatic plasticity
modifies excitatory and inhibitory inputs to neurones aiming
to maintain a particular dynamic range of possible activity.
This prevents synaptic saturation or total downregulation of
neuronal activity [2].

2. The Barrel Cortex and
Experience-Dependent Plasticity

Rodents rely on several sensory systems to probe their
immediate environment, but their whiskers to barrels system
appears to be crucial [3], transmitting the sensory signal via
several brainstem nuclei and the somatosensory thalamus
to the contralateral primary somatosensory cortex and from
here to other cortical and subcortical areas [3]. The pattern
of the large whiskers on the muzzle of the two most studied
rodents, rats and mice, is remarkably consistent and includes
five rows. Each row contains several whiskers and there is an
additional arc of whiskers, which is found between the 1st
whiskers of each row containing four large whiskers giving
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Figure 1: The murine whiskers have a corresponding somatotopic representation in the cortex. The location of the whiskers on the mouse’s
snout is shown in (a), with the corresponding barrels labelled in (b). The murine barrel field (cortical layer IV) was stained for cytochrome
oxidase histochemistry (c). The lesion (red circle) was made by passing a small current through a carbon fibre electrode and indicates the D1
barrel. The somatotopic arrangement of barrels provides an excellent reference point for plasticity experiments by the removal of whiskers.

a total of about 30 large whiskers on one side of the snout.
This regularity of patterning and consistency between ani-
mals allows the specific identification of individual sensory
whiskers (Figure 1). The pattern of whiskers on the rodent’s
snout is somatotopically represented along the whiskers to
barrels system in the form of barrellettes in some of the
nuclei of the somatosensory brainstem, barreloids in the
somatosensory thalamus, and barrels in the somatosensory
cortex (Figure 1). A barrel is a central element of the “barrel
column” which spans all cortical layers and is a major recip-
ient of the thalamic innervation [4]. Stimulus delivered to a
particular whisker elicits neuronal firing, predominantly in
that whisker’s corresponding barrel column (principal input),
but to a lesser extent also in the neurons of immediately
surrounding whisker representations (surround inputs). The
consistent somatotopic organisation of the cortical represen-
tation ofwhiskers, the substantial size of the barrel cortex, and
its accessibility to electrophysiological recording coupled to
the ease of inducing EDP by peripheral whiskermanipulation
have made the whisker-barrel cortex system the most widely
studied model of cortical function and plasticity. Indeed, the
physiological and molecular mechanisms underlying barrel

cortex EDP focusing on changes in receptor expression
and enzyme pathways and changes in synaptic strength in
neurones have been examined in depth [3].

Changes in the experience of whiskers lead to plasticity
of whisker-evoked barrel cortex responses to whisker stimu-
lation. Barrel cortex EDP may be evoked via whisker depri-
vation, overstimulation, or Pavlovian (where an animal does
not have an influence on the reinforcement) and instrumental
conditioning (where an animal decides on reinforcement)
involving whiskers [5–8].

3. Coding (Input-Dependent) Plasticity and
the Barrel Cortex

Coding plasticity (Figure 2) in the barrel cortex is often
limited to early development and also to a particular cortical
layer and specific experience [5, 9, 10]. This means that
plasticity is regulated not only by the developmental neuronal
age (critical period) but also by the induction method
and possibly by previous experience [11, 12]. For exam-
ple, in younger animals removing all but one whisker,
known as single whisker experience (SWE), leads to lasting
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Figure 2: A schematic of coding and homeostatic plasticity. In coding plasticity, a specific pattern of activity on a particular input to the neuron
leads to the strengthening or weakening of that connection. A common form of homeostatic plasticity known under the name of synaptic
scaling involves proportional changes to all of the synapses to a neuron in order to keep its mean activity within a specified operating range.
Blue circles represent postsynaptic cells and black lines/circles synaptic inputs. Wider synaptic inputs represent greater synaptic strength.

potentiation of the intact whisker-evoked responses, mea-
sured with increased number of action potentials per stim-
ulus, in layers 2/3 of the barrel columns surrounding its
own representation (and in some circumstances in its own
representation) (Figure 3). Such a change in neuronal respon-
sivity often occurs hours after deprivation onset [13–15]. Con-
currently, principal whisker responses in deprived columns
undergo suppression, which always precedes the develop-
ment of potentiation [16]. In older animals potentiation of
intact inputs is a principal form of plasticity [5, 6, 17, 18].
SWE elicits EDP in the barrel cortex, which does not have
the time limit for expression except for layer IV barrels,
where it can only be induced during the first few postnatal
days. In contrast, removal of every second vibrissae termed
“chessboard deprivation” removes all time and layer limits for
plasticity.

In summary, input-specific plasticity in the barrel cortex
always involves potentiation of the intact inputs and often the
suppression of the deprived inputs and has critical periods,
which depend on induction method [5, 6]. Interestingly,
whisker-induced potentiation seems to depend on the same
cellular andmolecular mechanisms as long term potentiation
(LTP) in the cortex [15, 19, 20].

4. Homeostatic Plasticity and
the Barrel Cortex

A great deal of progress has been made in understanding
the mechanisms of coding plasticity in the brain, but there is
another form of plasticity, which has rather a house keeping

than coding role, which is known as homeostatic plasticity.
This form of plasticity limits excitatory drive and thereby
prevents eventual excitotoxic damage during addition of exci-
tatory connections during development [21–23]. Also, home-
ostatic plasticity accounts for precise balancing of LTD/LTP-
like synaptic changes underlying memory codes to prevent
synaptic saturation. From the several known mechanisms
for homeostatic plasticity the most investigated is synaptic
scaling, which is a negative feedback process that allows each
cell to readjust the gain of synaptic input it receives based on
how strongly the cell is excited. Calcium-dependent sensors
are thought to play a role in this process by regulating the
number of glutamate receptors at synapses [24], although
other mechanisms may also exist for homeostatic plasticity.
A good example of scaling was shown where excitatory
neurones growing under a blockade of inhibition downscaled
excitatory inputs while cells grown under a blockade of
excitation upscaled their inputs [25]. As this form of synaptic
scaling was found to be multiplicative or proportional,
information stored as synaptic weights is preserved. Scaling
was observed in variety of brain areas both in vitro and in
vivo including the visual cortex where open eye potentiation,
induced by monocular deprivation, is dependent on TNF-𝛼
and GluR1 [25–33]. Homeostatic upregulation of responses
was also induced in the barrel cortex by the deprivation of all
whiskers unilaterally [34]. It was found that the deprivation
of all whiskers leads to an almost immediate downregulation
of deprived inputs, which lasts for up to three days after
deprivations onset. Initial suppression of deprived whisker
responses is followed by a rebound in response magnitude
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Figure 3: Plasticity in the barrel cortex can be induced by single-whisker experience (SWE). All whiskers except theD1 whisker were removed
from one side of the face after P28 (a). Whiskers were kept deprived for 18 days followed by 5–8 days of deprived whisker regrowth, then
whisker driven responses were recorded from the barrel cortex in anaesthetised mice.When whiskers were stimulated, recordings were taken
from that whisker’s corresponding principal whisker column (PW; b) and the immediately surrounding columns (c). In the principal whisker
column, responses to stimulation of deprived whiskers but not the intact D1 whisker were significantly downregulated compared to those in
the undeprived, control animals. However, surround responses driven by stimulation of the D1 whisker were significantly increased, while
responses of the D1 column driven by the stimulation of deprived whiskers were significantly suppressed compared to undeprived, control
animals (∗𝑝 < 0.05, ∗∗𝑝 < 0.01, Mann-Whitney 𝑈-test).

that overshoots the original baseline response. This form
of whisker deprivation induced homeostatic plasticity was
not observed in TNF-𝛼 knock out animals, indicating a
role for this cytokine. This is consistent with cell culture
studies showing that TNF-𝛼 can upregulate the cell surface
expression of AMPA receptors [27, 35].

5. Astrocytes

Astrocytes are a type of glial cell and are the most abundant
cells found in the human brain.Their star-shaped bodies have
many processes that surround synapses between neurons.
In recent years, a picture has emerged whereby astrocytes
have a far greater role in brain function than was previously
envisaged. Once thought to provide a purely supportive role

to neurons (sometimes thought of as gap fillers), they are now
increasingly acknowledged as being active partners with neu-
rons in synaptic communication in the brain. Consequently,
it is recognised that a complete understanding of brain
function requires an understanding of not only astrocyte
function but also astrocyte-neuron interactions [36, 37].

6. Impact of Astrocytes on
Neuronal Physiology

Whilst much remains to be discovered, there is growing
evidence for an astrocytic role in neuronal synaptic plasticity
and this role may prove to be crucial. The fact that astrocytes
ensheath synapses and have close contact with pre- and
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Figure 4: A schematic of astrocyte-neuronal signalling. The grey box represents the tripartite synapse system; astrocytes sense neuro-
transmitter release and respond with release of gliotransmitter at the synapse. Astrocytes also release glutamate to activate extrasynaptic
NMDA receptors, which can undergo long term enhancement (LTE) with synaptic activity. Extrasynaptic release may derive from astrocytes
ensheathing the synapse and possibly through recruitment of other astrocytes in a network. SICs: slow inward currents; NT: neurotransmitter;
GT: gliotransmitter.

postsynaptic elements gave rise to the tripartite synapse
hypothesis [38] (Figure 4).

The central theme of the tripartite synapse is that astro-
cytes sense the same synaptic inputs as neurons and respond
with intracellular Ca2+ elevations which in turn can elicit the
release of gliotransmitters (GTs) such as ATP, D-serine, TNF-
𝛼, and glutamate. In the hippocampus, astrocytes release glu-
tamate that acts presynaptically to increase release probability
[39, 40]. Astrocytes in the hippocampus also mediate a form
of heterosynaptic plasticity via release of ATP in response to
synaptic activation and its degradation to adenosine [41].The
postsynaptic action of D-serine, released from astrocytes, is
also necessary for the induction of long term potentiation
(LTP) in the CA1 area [42], and in in vivo studies in
the cortex it have found that activation of astrocytes by
cholinergic afferents releasesD-serinewhich is permissive for
the induction of plasticity [43]. Evidence for a similar role for
TNF𝛼 [39] indicates a role for astrocytes in metaplasticity,
the ability to modulate the induction of synaptic plasticity
[44]. Astrocytic glutamate has also been shown to facilitate
the remodelling of somatosensory maps in the barrel cortex
during the critical period [45].

Interestingly, astrocytic glutamate release can also acti-
vate extrasynaptic neuronal NMDA receptors, resulting in
characteristic slow inward currents (SICs) [46, 47]. The
first description of these currents in intact tissue was in

the somatosensory thalamus [46]. SICs have since been
recorded in many brain areas, including the cerebral cortex,
and are recognised as one of the hallmarks of astrocyte-
neuron signalling in the brain. The activation of NMDA
receptors by astrocytic glutamate release can underlie synap-
tic strengthening [39, 48], but also the presence of SICs is a
marker for astrocytic glutamate release which may also acti-
vate other pre- or postsynaptic glutamate receptor subtypes.

A major question facing neuroscientists is determin-
ing the role that recently revealed that astrocyte functions
play a role in the mechanisms underlying adaptive animal
behaviour such as EDP. The whisker-thalamus-barrel cortex
system presents an ideal model for asking such questions and
has already provided some intriguing clues.

7. Astrocyte Plasticity in
the Somatosensory System

Neuronal plasticity is usually defined as changeswhich lead to
an increase or decrease in the strength of synaptic signalling,
associated with changes in neurotransmitter release or recep-
tor expression. Because of the varied functions of astrocytes
which may impact brain activity a broader definition of
plasticity needs to be considered for these cells. Astrocytic
plasticity therefore includes processes that regulate recep-
tor and transporter expression, morphological plasticity,
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calcium signalling and oscillations, gliotransmitter release,
and coupling via gap junctions. In general we are interested
in astrocyte changes that ultimately affect neuronal function;
therefore plasticity also applies to functions that may be
classified as “housekeeping” such as processes that control
ionic environment and metabolic demand homeostasis such
as energy supply. Many examples of astrocytic plasticity
are exhibited in the whisker-thalamus-barrel somatosensory
system, and astrocytes have been proposed to be important
in fundamental processes such as cortical sensory map
organisation [49] and to interact with neuronal networks to
enhance their computational properties [50]. Astrocyte plas-
ticity could therefore have pivotal effects on somatosensory
function. Since astrocytes are electrically nonexcitable but
respond to different stimuli with elevations in intracellular
calcium, there is great interest and focus on understanding
the control of intracellular calcium and the calcium elevation
mechanisms which are linked to specific physiological roles
such as gliotransmitter release and haemodynamic control.
At the astrocyte cellular level there is much to understand,
with many transporters, exchangers, and ion channels being
involved in the subcellular control of calcium and its release
during signalling via a variety of pathways such as G protein
coupled receptor activation releasing intracellular stores and
cytoplasmicmembrane channels such as TRP-A [48]. Under-
standing themechanisms of these controlmechanismswould
lead to insight into how long term plasticity would affect
astrocyte influenced roles.

8. Plasticity of Astrocyte
Intracellular Signalling

There is longstanding and accumulating evidence that astro-
cyte Ca2+ activity can be modified. [51] demonstrated a
sustained increase in astrocyte Ca2+ oscillation frequency fol-
lowing synaptic stimulation in hippocampal slices, indicative
of an astrocyte functional modification following glutamate
receptor activation. A similar increase by proposed adenosine
A2B receptor activation was also seen in cultured hippocam-
pal slices [52] which was also seen bymetabotropic glutamate
and muscarinic receptor activation. Studies on the mecha-
nism of such changes implicated increased receptor activity
rather than intracellular signal cascade sensitivity changes
[53]. The signalling calcium responsible for these elevations
is due to release from intracellular stores. Metabotropic
receptor-Gq G-protein activation and IP

3
dependent release

therefore appear to be the predominant pathway involved in
the sensing of neuronal activity and neurotransmitter release
by astrocytes.

In the somatosensory thalamus synaptically released
glutamate acting at metabotropic glutamate (mGluR) group I
receptors also resulted in an increased astrocytic oscillation
frequency lasting over 1 hour [54] following inception.
Together these results show that Gq–IP

3
coupled neuro-

transmitter pathways can undergo signalling plasticity which
affects cellular calcium elevation patterns for extended peri-
ods. As well as the somatosensory system, these pathways
are a feature of numerous areas in the brain in which the

activity can be instigated by stimulation of afferent sensory
and intracerebral pathways. It is unclear at present what
the function of these changes to calcium patterns is, and
indeed the function of calcium elevations is a subject of much
debate and not a little controversy. While studies involving
the use of mouse models expressing alien G-protein coupled
receptors and knockouts of IP

3
signalling have suggested

that this signalling pathway has no role in certain types of
synaptic plasticity [55] other studies using the same models
have shown astrocyte Ca2+ signalling involvement [56].

Calcium signals in astrocytes are far from homogenous
and can display a range of temporal and spatial patterns,
although local networks of astrocytes have been shown to
exhibit local synchronous calcium waves [57]. Astrocytes can
display calcium responses lasting 100s of milliseconds to tens
of seconds [58, 59] and are confined to microdomains in
astrocyte processes [60, 61].These events are termed glissandi
[62], propagating through large astrocyte populations and
proposed to be involved in the haemodynamic response.
So while the specific calcium activity patterns have not
been assigned to particular physiological processes what is
apparent is that many of the forms of astrocyte plasticity such
as morphological changes, GT release, and gene expression
are likely to involve calcium. There is also an association
of calcium signal dysregulation with pathological states
such as epilepsy [63, 64] where increased calcium elevation
frequency was observed and also in models of Alzheimer’s
disease [65, 66]. It therefore seems that neurotransmitters
and modulators released synaptically or changes in the
local extracellular environment can induce long term plastic
changes in astrocytic Ca2+ signalling, and this likely causes
pathological changes in astrocytes that may contribute to dis-
ease states. These changes illustrate fundamental integration
between synaptic activity and astrocyte response and activity.

One of the ways that changes in intracellular calcium
signalling may be translated to functional brain plasticity
is via the induction of morphological changes to astro-
cytes. Astrocytes possess a small soma with numerous pro-
cesses that ramify into nebulous offshoots which surround
synapses. Notably, astrocytes in the hypothalamus can
undergo dramatic changes in morphology in response to
hormonal changes during lactation in which process retrac-
tion increases synaptic glutamate spillover [67]. Whilst such
changes are not apparent in the rest of the brain there is now
evidence that morphological plasticity may be a widespread
mechanism that affects synaptic activity. Imaging of processes
shows that astrocyte processes exhibit dynamic spontaneous
motility [68]. Studies on the mechanism of astrocyte mor-
phology changes implicate mGluR activation and intracellu-
lar proteins such as pick 1, which are implicated in synaptic
plasticity. Extended whisker stimulation has been found to
increase synapse ensheathment by astrocyte processes in the
barrel cortex [69]. In vivo imaging using a cortical window
of mouse barrel cortex also showed that astrocyte process
plasticity correlates with sensory stimulation and that this is
inhibited by mGluR group I inhibition and absent in IP

3
R
2

knockout mice [70].
Perhaps because of the fact that most synaptic transmis-

sion to and within the brain is glutamatergic, most studies
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into neuron-astrocyte interactions and astrocyte plasticity
changes implicate mGluRs. However, many neurotransmit-
ters and neuromodulators are coupled via similar Gq-PLC-
IP
3
signalling pathways and so under different conditions

many mediators may induce astrocyte changes and instigate
plasticity. In this context it is interesting to consider the
findings of Sun et al. [71] which showed that mGluRI
expression in cortical astrocytes diminished during matu-
ration while mGlurII expression prevailed. Such changes
in expression may have implications for manifestations of
synaptic plasticity in the somatosensory cortex, particularly
those related to different developmental critical periods.

9. Plasticity of Astrocyte Networks

Astrocytes are coupled via gap junctions that allow the
movement of ions and some signalling molecules between
cells, because of this and the propagation of calcium waves
the degree of couplingmight underlie a functional population
that modulates particular neuronal populations, and the
extent of coupling may have functional consequences for
neuronal activity. Indeed filling of astrocytes within layer 4
of the barrel cortex results in the filling of astrocytes in an
oval pattern correlating to individual barrel boundaries. This
is in contrast to nonbarrel areas where the resulting pattern
was circular [72]. These experiments revealed that astrocytes
within barrels are preferentially coupled to each other. These
findings suggest that in barrel cortex the anatomical astrocyte
arrangement is complementary to the anatomically defined
neuronal structure. There is evidence from functional stud-
ies that such populations/networks have functional roles.
Schipke et al. [73] found that this anatomical relationship
was retained in functional responses since astrocytes within
barrels responded preferentially to synaptic inputs to layer
4 rather than spontaneous activity generated in layer 2/3.
This is in contrast to the situation in the VB thalamus where
some astrocytes respond to either lemniscal (sensory) or
corticothalamic afferents [74]. Further localised differences
in astrocyte activity were seen in in vivo imaging from rodent
somatosensory cortex [43]. Layer I astrocytes exhibited more
spontaneous activity than layer 2/3 astrocytes and also
displayed different patterns in their processes. Spontaneous
activity patterns were independent of prevailing neuronal
activity perhaps indicating inherently different regional roles.

Because of the interaction of astrocytes with synapses,
the way they control transmitter uptake and release GT to
modulate synaptic activity, astrocytic plasticity has the poten-
tial to change neuronal signalling and activity at a number
of levels from the monosynaptic to local cellular network
and large neuronal networks. For example, astrocytes have
been shown to regulate UP states in in vitro recordings of S1
where the use of a calcium chelator in astrocytes inhibited the
spontaneous and stimulated occurrence of UP states [75]. It
is important to understand at which level or scale astrocytes
relate to neurons and to what extent astrocytes behave in
networks since thiswill ultimately determine the output effect
on the behaviourally relevant neuronal network.

From the morphological, structural, and signalling char-
acteristics of astrocytes it is clear that they have the potential

to operate in a range of potentially different networks. To
act in a network, astrocytes need to be able to transmit
information to each other, and they have the potential to do
this in at least two ways: they are structurally coupled via gap
junctions; and they can also release GTs.Therefore astrocytes
may act in radically different types of networks or the two
types of signalling may act in concert.

10. Plasticity of Gliotransmitter Release

The ability of astrocytes to release amino acids in response
to certain stimuli has been known for a considerable time
[76], but over the last 20 years it has been found that such
GT release can affect neighbouring synaptic and neuronal
activity. As discussed above, some of themainGTs implicated
in such modulation are d-serine, glutamate, ATP, adeno-
sine, and GABA [77–79]. There is still considerable debate
and controversy regarding the mechanisms of GT release,
much centred on whether release is via calcium-dependent
vesicular release, analogous to that seen in neurons [80, 81].
However, there are many other possible pathways for GT
release such as stretch or ligand gated channels, transporters,
or gap junction hemichannels. Some of which, such as the
bestrophin channels may also be calcium-dependent [82].

Understanding the mechanism of GT release is impor-
tant in order to enable the modulation of release and deter-
mine the physiological function of each GT. Many tools are
indeed available for this in addition to pharmacological tools;
specific transgenic animal models have been developed such
as inhibition of SNARE dependent vesicular release, via
dnSNARE mice [77] or selective tetanus toxin expression
[83]. An IP

3
R
2
knockout which is a knockout of the IP

3

subtype expressed in astrocytes is also available in which
spontaneous and Gq-protein mediated responses are inhib-
ited [84]. Additionally, mice missing an astroglial connexin
(Cx30) showed a lack of plasticity when depriving olfactory
glomeruli in early development (P20) [85], while Cx43 KO
mice were shown to lack potentiation of barrel responses
when driven with high-frequency whisker stimulation [86].
Despite studies using such models providing data supporting
astrocyte GT roles [56], there is still continuing debate on
their specificity and how important GT release is to brain
function [55, 81, 87].

While some controversy remains concerning release
mechanisms, there is ample evidence that phasic astrocyte
glutamate release occurs in the brain and that this can
impact neuronal activity, particularly in the somatosensory
system. Astrocyte glutamate release is manifested as slow
inward currents (SICs). First described in slice preparations
from the somatosensory VB thalamus [46] they have since
been described in many brain areas including hippocampus
spinal cord and nucleus accumbens where, in line with the
tripartite synapse hypothesis, they can be induced by acute
synaptic afferent activity [88]. SICs also occur spontaneously
usually at low frequencies of the order of every few minutes
[89]. In the ventrobasal thalamus SICs predominantly target
extrasynaptic NR2B subunit containing NMDA receptors
[89] and the resulting neuronal depolarisations caused by
SICs can lead to neuronal firing and excitation of adjacent
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Figure 5: Long term enhancement (LTE) of astrocyte-derived slow inward currents (SICs).This representative example shows an increase in
SICs recorded from thalamocortical neurons 60 minutes after 30 minutes of repetitive burst stimulation (10–20 stimulations at 50Hz, every
5–10 seconds) of lemniscal and cortical afferents. Asterisks represent SICs.

neighbouring neurons lead to local neuronal synchronization
[54] which is also reported in other brain areas [47, 88, 90].

An interesting finding in the VB thalamus that may
point to important physiological roles of SICs and astrocyte
glutamate release was that while synaptic stimulation in
slice preparation elicited astrocytic Ca2+ elevations [89] there
was no immediate SIC generation response. However, it
was found that following extended periods of intermittent
afferent input over 30 minutes (aimed at approximating
physiological sensory input), SIC frequency was increased up
to fourfold (Figure 5). The increase in frequency lasted for at
least 1 hour following the cessation of the inducing synaptic
activity and was termed “Long Term Enhancement” (LTE).
This increase therefore indicates plasticity in the ability of
astrocytes to spontaneously release glutamate. The induction
of LTE plasticity was mediated by mGluR group I activation
and the SICs following induction were inhibited by dialysing
astrocytes with a Ca2+ chelator, indicating a Ca2+ dependent
astrocytic glutamate release.

The physiological role of this plasticity remains to be
determined; however since the VB thalamus is the nucleus
that receives sensory whisker input it could be speculated
that continual whisking by the animal would lead to such
LTE plasticity in vivo and potentially contribute to neuronal
activity and synchronisation.

This plasticity may not be confined to the thalamus and
may be additionally involved in pathological states. Evidence
from a pain model of hyperalgesia where recordings were
conducted in dorsal horn neurones revealed an increase in
SIC frequency [91]. This increase associated with increased
activity in pain afferents could therefore represents an astro-
cyte GT release plasticity involvement in chronic pain. Very
recently, the increased activity of astrocytes and glia has also
been implicated in persistent pain in humans [92].

A number of groups have reported an increase in SIC
frequency in epilepsy models [63, 93] and interestingly that
mGluR

5
mediated subsequent activation of NR2B containing

NMDA receptors led to excitotoxicity [64]. In the APPswe
model of Alzheimer’s disease, an increase in SIC frequency
has also been reported [66]. If an LTE type of plasticity is
involved in pathological states it is not however clear if they
underlie pathology or are a consequence of the condition
which then contributes to functional deficit.

Although all cells produce TNF-𝛼, the source of TNF-𝛼
relevant to homeostatic plasticity seems to be of glial origin
[27]. Additionally, TNF-𝛼 is released by glia when neuronal
activity levels are decreased [27]. Glial cells and especially
astrocytes are in a good position to sense the general activity
levels of cells because each envelops many neurons and so
could provide a negative feedback signal to cells in their
vicinity. According to this scenario, in the case of sensory
deprivation, a drop in neuronal activity would be sensed by
the glial cells, possibly resulting in the release of astrocytic
release of TNF-𝛼, which in turn would increase neuronal
activity via the GluR1 upregulation or via another, unknown
at present, mechanism. This last possibility is plausible as we
did not detect synaptic scaling ex vivo in the barrel cortex of
animals deprived of whiskers.

If TNF-𝛼 is released from astrocytes then the abolition of
astrocytic calcium waves could therefore cause an increase in
TNF-𝛼 levels and occlude the homeostatic effect of whisker
deprivation. This is the testable hypothesis.

11. Astrocytes and Cortical Plasticity

It is becoming clear therefore that astrocytes can exhibit
plasticity in various ways and at different anatomical network
levels. There is also much known about the role of astrocytes
in neuronal synaptic plasticity. While much of the foun-
dational work on astrocyte roles in synaptic plasticity was
conducted using the hippocampal slice model there is now
increasing evidence that astrocytes are involved in synaptic
plasticity in the barrel cortex and that this underlies changes
in EDP.

An important finding is that astrocyte glutamate release
is involved in spike timing dependent LTD. This form of
plasticity is believed to be important in the formation of
sensory map representations in the barrel cortex and so also
occurs during the critical period. By stimulating L4 inputs to
L2/3 pyramidal and eliciting coincident postsynaptic action
potentials in conjunction with evoked EPSPs [94] showed
that the resulting LTD was dependent on neuronal cannabi-
noid release acting at astrocyte CB1 receptors. CB1 activation
caused astrocytic calcium increases which in turn led to
vesicular glutamate release that targeted presynaptic NMDA
receptors to cause synaptic depression.



Neural Plasticity 9

An in vivo illustration of astrocyte roles in plasticity
and their role indeed in gating synaptic plasticity was
discovered by Takata et al. [43]. They recorded local field
potential (LFP) responses in barrel cortex in response to
air puff mechanical stimulation of rat whiskers. When
whiskers were stimulated in this way at the same time as
electrical stimulation of the cholinergic nucleus basalis of
Meynert, the LFP response exhibited a sustained potentia-
tion, indicating ACh induced synaptic plasticity.The potenti-
ationwas blocked bymuscarinic antagonists andwas not seen
in IP
3
R
2
-KOmice, indicating the importance ofACh induced

astrocyte calcium elevations. Astrocyte calcium signalling
was accompanied by an increase in levels of the NMDAR
coagonist D-serine. These experiments were conducted in
rats older than 8 weeks showing a physiological role in
plasticity in the barrel cortex beyond developmental crit-
ical periods. A previous observation [71] that the Gq-IP

3

signalling coupled receptor mGluR5 was only expressed
in young rodents prompted speculation that astrocyte cal-
cium signalling pathways were not physiologically relevant
in the adult. However, in vivo data [43] illustrates that this
is not the case, at least for ascending cholinergic modulatory
pathways.

The above examples illustrate astrocyte roles in input
coding plasticity; however there is also emergent evidence
of roles in homeostatic plasticity. Interestingly this indicates
a role for the glial released cytokine TNF-𝛼, which is also
implicated in a number of disease states. The homeostatic
cellular mechanism of action of TNF-𝛼 was demonstrated
using cell and slice culture preparations [27]. This study
proposed that astrocytes sense neuronal activity by respond-
ing to released glutamate and that this activation of astro-
cyte glutamate receptors inhibits TNF-𝛼 release. The study
showed that TNF-𝛼 exposure caused an increase in neuronal
synaptic AMPA receptor expression. The TNF-𝛼 effect could
be mimicked by conditioned media from pure glial cultures
but not from cultures which had transiently been exposed
to glutamate to simulate neuronal activity. The conclusion
therefore is that astrocytes constitutively release TNF-𝛼, but
with ongoing network activity and glutamate release this is
inhibited. A reduction in network activity and glutamate
leads to an increase in TNF-𝛼 induced AMPA receptor
expression and an increase in synaptic strength, increasing
the effect of excitation.This is therefore homeostatic synaptic
plasticity.

12. Astrocyte Plasticity and Barrel Cortex EDP

Although astrocyte roles in barrel cortex synaptic plasticity
now seem established, the possible interactions of astrocyte
plasticity with these processes are unknown.

Recent findings showing astrocyte process plasticity in
the hippocampus and barrel cortex [70] extend observations
in the hypothalamus and indicate that astrocyte anatomical
plasticity is a widespread feature. A medium to long term
change on astrocyte synaptic coverage would be expected to
have repercussions for input coding plasticity and possibly
homeostatic plasticity.

The potentiation of inputs and so neuronal activity in
undeprived barrels compared to deprived barrels would
instill different metabolic requirements across the barrel
cortex. From the descriptions of the dynamic nature of gap
junction coupling in astrocyte networks [85, 95], an accom-
panying plasticity of astrocyte networks would be expected.
The corresponding question of which changes would occur in
neuronal networks as a result of instigating astrocyte network
plasticity is unknown.

Wehave demonstrated a synaptically induced plasticity in
astrocyte glutamate release in the rodent VB thalamus. The
synaptic stimulation patterns were designed to approximate
those produced by whisking patterns. It is known that the
fidelity of sensory stimulation transmission differs between
the thalamus and the cortex, and so it is not clear if the
same afferent activity would induce astrocyte LTE in the
barrel cortex. Astrocytes have been shown to be involved
in input coding plasticity [43, 94] and their actions involve
the activation of NMDA receptors. An extended increase
in astrocyte glutamate release frequency would therefore be
expected to interact with this form of plasticity, predictably
increasing its effect or likelihood.

Astrocyte which released glutamate might also interact
with homeostatic mechanisms. If astrocyte glutamate can
act in an autocrine or paracrine manner then GT release
plasticity would be expected to act at astrocyte receptors and
suppress the release of TNF-𝛼 and inhibit homeostatic synap-
tic plasticity. To understand these possible interactions it is
therefore important to understand the regulation of ongoing
astrocyte activity and how changes in calcium oscillation
frequency correlate to GT release.This understanding should
also include a description of the roles of excitatory amino
acid transporters which control ambient glutamate levels. It
has recently been shown that astrocyte EAAT transporter
mobility around the synapse is dynamically regulated [69]
and that prolonged whisker stimulation leads to an increase
in EAAT activity [69].

Astrocytic glutamate release has been implicated in the
generation of cortical up states [75]. The elevated phasic
release of GT following LTE would therefore be expected to
increase the time spent in “UP” states and perhaps engender
conditions that would promote the instigation of synaptic
plasticity.

The emergence of new tools in recent years has made
it an exciting time to be studying the role of astrocytes in
the brain. Tools now exist which enable us to determine the
cellular mechanisms of behavioural effects such as EDP in
vivo. The IP

3
KO mouse is being extensively used to abrogate

mechanisms that utilise astrocyte IP
3
releasing pathways.

The development of optogenetic tools that can be selectively
expressed in neurons or astrocytes including one that acti-
vates channels or metabolic pathways provides great promise
which will improve our understanding of the mechanisms of
EDP.
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The capacity of synaptic networks to express activity-dependent changes in strength and connectivity is essential for learning
and memory processes. In recent years, glial cells (most notably astrocytes) have been recognized as active participants in
the modulation of synaptic transmission and synaptic plasticity, implicating these electrically nonexcitable cells in information
processing in the brain. While the concept of bidirectional communication between neurons and glia and the mechanisms by
which gliotransmission canmodulate neuronal function are well established, less attention has been focussed on the computational
potential of neuron-glial transmission itself. In particular, whether neuron-glial transmission is itself subject to activity-dependent
plasticity and what the computational properties of such plasticity might be has not been explored in detail. In this review, we
summarize current examples of plasticity in neuron-glial transmission, in many brain regions and neurotransmitter pathways.
We argue that induction of glial plasticity typically requires repetitive neuronal firing over long time periods (minutes-hours)
rather than the short-lived, stereotyped trigger typical of canonical long-term potentiation. We speculate that this equips glia with
a mechanism for monitoring average firing rates in the synaptic network, which is suited to the longer term roles proposed for
astrocytes in neurophysiology.

1. Plasticity as the Cellular Basis of Learning
and Memory in the Central Nervous System

At a high level of abstraction, the brain is essentially an organ
that detects environmental stimuli, processes the received
sensory information, and initiates an appropriate motor
response. From this perspective, the primary role of the brain
is information processing, and the computational processes
associated with transforming input to output are centred
on the network of trillions of synapses through which the
signals are relayed. The train of action potentials initiated
in sensory neurons must be transduced by the central
synaptic networks in such a way as to reliably trigger a
pattern of action potentials in the motor neurons that effect
the necessary coordinated activation of muscles needed to
evoke a behavioural response. It is thus widely accepted
that, despite defying human comprehension, there must
be a particular spatiotemporal pattern of network activity
reliably associated with generating a given response to a given
external cue.

To cope with a complex and changing environment, the
synaptic network must also be adaptable, such that experi-
ence can refine and reorganize the spatiotemporal patterns
of network activity in response to, for example, injurious
stimuli. This adaptability requires controlled alteration of
synaptic strength, a phenomenon termed synaptic plasticity
[1].

The forms and mechanisms of synaptic plasticity have
been extensively studied for many decades in many brain
regions [2–6] and can range in time from short-term changes
that last for seconds [7] to long-term changes that can last for
months or longer [8]. Common functional requirements for
synaptic plasticity are coordinated activation of presynaptic
and postsynaptic cells (associativity), close temporal associ-
ation of activity (coincidence detection), and induction by
patterns of action potentials occurring at defined synapses
(input specificity). With these concepts, many features of
learning and memory processes observed at the organismal
level can be understood as arising from underlying cellular
processes.
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Over the last few decades, the view of glial cells in the
brain has developed from passive, homeostatic components
to active signalling elements. Unsurprisingly, much of the
evidence supporting a computational role for astroglia comes
from the effects of astrocyte signalling on synaptic trans-
mission and synaptic plasticity; clearly, if astroglia are able
to modulate synaptic plasticity, then they are functionally
implicated in information processing. Less attention has been
focussed on a tangential question: can astrocyte signalling
networks themselves exhibit activity-dependent changes in
strength? Do pathways for neuron-glial transmission also
vary in connectivity and strength in response to defined
patterns of activity; do astrocytes exhibit plasticity that
could allow them to directly mediate encoding of memory
processes?

In this review, we summarize the current evidence for
plasticity in neuron-glial transmission (with an emphasis
on astroglia), the different forms that this plasticity can
take and speculate on the potential computational properties
of known forms of glial plasticity. We argue that neuron-
glial plasticity has several strikingly different features from
synaptic plasticity, which are better suited to the temporal
scale over which astrocyte calcium signals operate and the
neurophysiological roles in which glia are implicated.

2. The Discovery of Neuron-Glial
Transmission

As electrically passive cells, astrocytes were once thought
to depolarize solely as a result of the changes in extra-
cellular potassium concentration associated with neuronal
activity, reflecting a passive potassium conductance. This
view was overturned by experiments performed in neuron-
free astrocyte cultures, in which direct depolarization in
response to excitatory and inhibitory neurotransmitters were
recorded, demonstrating that astrocytes expressed ionotropic
neurotransmitter receptors [9, 10]. These discoveries raised
an obvious question: what would be the benefit of ionotropic
receptors in nonexcitable cells? They also stimulated more
focussed attention on the potential for glial cells to play more
active roles in neurophysiology.

The next key advance in understanding of neuron-glial
transmission was the discovery of metabotropic receptors
linked to second messenger signalling pathways. An impor-
tant first step was the use of astrocyte-enriched cultures to
demonstrate turnover of radiolabelled inositol phospholipids
in response to acetylcholine or noradrenaline administration
[11], indicating that these neurotransmitters could stimu-
late inositol phospholipid metabolism within the astrocyte
membrane. These results coincided with the publication of
evidence implicating inositol phosphates in the regulation
of calcium signalling [12–14], and, coupled with the knowl-
edge that neurons in culture display calcium oscillations
in response to neurotransmitters [15, 16], this prompted
investigations into calcium signalling in astrocytes.

In 1990, Cornell-Bell et al. [17] cultured astrocytes
from rat hippocampus, loaded them with the calcium-
sensitive dye fluo-3, and recorded the responses evoked by

extracellular glutamate. This landmark publication yielded
several fundamental discoveries about astrocyte calcium sig-
nalling, the first of which was the heterogeneous nature of the
astrocyte response to sustained glutamate application. Cell
responses were categorized as sustained oscillations, damped
oscillations, or step-responses. This heterogeneity indicated
both the diverse functionality of astrocyte responses to
neurotransmitter application, as well as identifying apparent
subpopulations with differing ligand sensitivities. Secondly,
calcium waves generated by glutamate treatment were shown
to propagate from cell to cell, demonstrating network-wide
signalling. Finally, by repeating the experiments in calcium-
free media, the authors determined that the majority of the
glutamate response was the result of calcium being liberated
from intracellular stores [17].

In addition to heterogeneity within cultures from individ-
ual brain regions, astrocyte cultures obtained from the cortex
or cerebellum displayed different response characteristics to
those observed in hippocampal cells.The glutamate analogue
quisqualate produced calcium responses in approximately
one-quarter of cerebellar and cortical astrocytes, but less than
one-tenth of hippocampal cells responded to this treatment
[18], suggestive of differential glutamate receptor expression
in these populations. This study also demonstrated direct
calcium influx through ionotropic AMPA receptors, pro-
viding a signalling rationale for ion channel expression in
nonexcitable cells [18].

These key discoveries from cultured astrocytes, bolstered
by many other demonstrations of calcium-evoked responses
to neurotransmitters (see [19]), established the concept that
glial cells were capable of detecting extracellular stimuli, and
transducing the signal into an intracellular response, impli-
cating glia as potential signalling agents in neurophysiology.
The next major advance was to extend the investigations of
glial signalling into in situ tissue slice preparations where
synaptic release could be directly triggered experimentally.

The first demonstration of astrocyte calcium signalling
in response to electrical stimulation of neurons came from
the hippocampus [20]. Hippocampal dentate gyrus neurons
project glutamatergic mossy fibres to the CA3 region, and
so mossy fibre stimulation was used to investigate CA3
astrocyte responses to glutamate release in slices preloaded
with the calcium indicator, fluo-3. Under these conditions
calcium waves were observed in two cellular populations, an
initial neuronal response, which was followed by a kineti-
cally distinct astrocyte response. As with cultured astrocyte
experiments [17], calciumwaves observed in this preparation
were both intracellular and intercellular, strengthening the
evidence for communication occurring via calcium signal
propagation throughout the glial syncytium.

Subsequent investigations confirmed activity-dependent
astroglial calcium responses in neuromuscular junction
[21], retina [22], hippocampal CA1 region [23], cerebellar
Bergmann glia [24], thalamus [25], and cortex [26]. In the
decades since, astrocytes have been shown to respond to a
vast range of transmitters and other signalling molecules,
throughout the CNS. This includes (but is not limited
to) monoaminergic neurotransmitters (noradrenaline,
serotonin, histamine, and dopamine), neuropeptides
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(neuropeptide Y and substance P), ATP, acetylcholine,
GABA, nitric oxide, and endocannabinoids [19, 27–31]. This
period also saw the study of neuron-glia signalling extend
beyond astrocytes into microglia [32], oligodendrocytes [33],
and other cells in the glial lineage [34, 35].

The final step in confirming neuron-glial transmission as
a fundamental aspect of neurophysiology was demonstrating
glial responses to sensory input. The ex vivo rat retina
preparation is a model system to which a natural stimulus—
light—can be applied in a controlled manner, to examine
cellular events in intact networks. Constant illumination
triggered calcium transients in Müller cells (the specialized
glial cell of the retina), and flickering light increased the
frequency of the calcium oscillations in the glia [36]. The
generation of light-evoked glial calcium signals depended on
neuronal firing, providing strong evidence for a neuron-glial
signalling route activated by natural, sensory stimulation of
neurons in situ.

Calcium imaging studies of astrocyte responses to sen-
sory stimuli have also been performed in vivo. Cortical astro-
cytes were shown to exhibit spontaneous calcium signals,
which correlated with neuronal firing frequency, and spread
through astrocyte networks [37].The barrel cortex, part of the
somatosensory cortex, is a specialized brain region found in
some rodents that receives inputs (via the thalamus) from the
whiskers. Whisker stimulation triggered calcium increases in
astrocyte processes and soma, which were delayed relative
to increases in local field potential [38]. Similar findings
were obtained by measuring somatosensory cortex activity
during limb movement, in which astrocyte calcium oscil-
lations exhibited input-specific response characteristics [39]
indicating that astrocytes in this brain region are not only
responsive to external stimuli but also engaged in a selective
manner. Cerebellar Bergmann glia detect and respond to
motor activity with calcium responses that vary in range from
subcellular microdomains to syncytial waves that spread
through the cerebellar cortex [40].

This body of work has shown that, in common with
neuronal transmission, the modes of neuron-glial com-
munication vary in their anatomy, molecular mechanisms,
and spatiotemporal kinetics. In some contexts, specialized
terminals between neurons and glia are known [41, 42], with
vesicular release targeting juxtaposed receptors on glial cell
membranes. In other contexts, neurotransmitter release acts
by diffusion to extrasynaptic receptors on glia, analogous to
volume transmission mechanisms of neuron-neuron com-
munication [43]. For the purposes of this review, we are
collectively describing these different forms of cell to cell
communication as “neuron-glial transmission” to encompass
the different release sites, transmitters, and glial cell types in
which plasticity has been described.

The concept of neuron-glial transmission as a ubiquitous
feature of neurophysiology is now widely accepted [44].
The physiological roles of this ancillary signalling network,
linked to the synaptic network but with markedly different
spatiotemporal properties to action potential propagation,
are still a matter of lively debate [45]. One of themajor conse-
quences of neuron-glial signalling is the calcium-dependent
vesicular exocytosis of gliotransmitters, which gives feedback

to modulate the synaptic network. This concept has been
extensively reviewed elsewhere [46, 47], but a concept that
has received less attention is the capacity for bidirectional
communication between synaptic and glial networks to be
altered in an activity-dependent manner. The ability to
encode long-lasting changes in strength linked to the pattern
of incident activity received is a central requirement for
learning and memory. In the following sections, we present
evidence for the existence of such glial plasticity in several
distinct brain regions, utilizing several different receptor
signalling pathways.Our case is that glia can exhibit plasticity,
but of notably different character to synaptic plasticity.

3. Metabotropic Glutamate and
Muscarinic Acetylcholine Receptor
Signalling in Hippocampus

One of the earliest reports of plasticity in glial cell signalling
was related to metabotropic glutamate receptor (mGluR)
evoked calcium signalling in cultured visual cortex astrocytes
[48]. Repetitive stimulation of astrocyteswith glutamate, with
recovery periods of 2 to 60min between applications, led to a
progressive increase in the frequency of calcium oscillations
for the later treatments. This “priming,” or sensitization, of
astrocytes to subsequent glutamate stimuli could be blocked
by inhibitors of NO synthase but recovered by coapplication
of NO donors [48]. The implication is that upregulation of
NO synthesis caused a lasting potentiation of the calcium
response to mGluR activation.

This initial discovery was followed by an in situ investi-
gation in hippocampal slices [49]. Here it was demonstrated
that repetitive stimulation with the mGluR agonist ACPD
was sufficient to reproduce the priming effect observed
for glutamate. Priming was most prominent in astrocytes
that initially responded with a low frequency of calcium
oscillation, suggesting that there is a ceiling effect where
potentiation is saturated at an upper level, and pretreated
cells exhibit heterogeneity in their initial rate of oscillation.
Importantly, this study also demonstrated that the potenti-
ation could be evoked by synaptic stimulation. Activation of
mGluR-evoked calcium responses in astrocytes was triggered
in response to stimulation of neuronal afferents (Schaeffer
collaterals), and the frequency of calcium spikes in astrocytes
was increased by increasing stimulus intensity or frequency.
Such activity-dependent stimulation showed similar priming
capacity: later stimulation under the same conditions showed
higher-frequency calcium oscillations in astrocytes. Electri-
cal stimulation also potentiated the responses to applied
ACPD, and this potentiation could last for at least 3 hours
[49]. Collectively, these studies showed that the calcium
response to glutamate in astrocytes could be potentiated in
a lasting fashion—a defining characteristic for plasticity.

The detailed mechanism for priming has not been deter-
mined, but the intracellular signalling network that regulates
mGluR5-evoked calcium oscillations in astrocytes has been
characterized in detail [50–52]. The frequency of calcium
oscillations increases with glutamate concentration, suggest-
ing frequency-modulation as ameans of signal encoding [53].
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Oscillation mechanism itself depends on cyclical phospho-
rylation and dephosphorylation of amino acid residues in
the mGluR5 structure that mediates interaction with the
heterotrimeric Gq/11 protein; so called dynamic uncoupling
[50, 54]. The oscillation frequency can therefore be mod-
ulated by alteration of kinase and phosphatase activity, by
pharmacological modulators and by variation in the density
of mGluR5 in the plasma membrane [51]. These mecha-
nisms suggest that crosstalk between signalling pathways that
regulate kinase/phosphatase balance or expression levels of
mGluR5 could underlie modifications in the frequency of
calcium response to glutamate release [55].

In addition tomGluR5 activation following Schaeffer col-
lateral stimulation, Perea and Araque [56] reported astrocyte
calcium signalling evoked by stimulation of the alveus input.
Despite alvear terminals releasing glutamate, the target for
transmitter released from this input was muscarinic acetyl-
choline receptors (mAChR). Thus, cholinergic transmission
is also able to stimulate calcium signalling in hippocampal
astrocytes. Also of note (from the perspective of plasticity),
these authors went on to show that crosstalk between the
alvear and Schaeffer collateral inputs was nonlinear [56].
Calcium mobilization in response to costimulation did not
simply sum, despite the fact that the astrocyte calcium
signalling apparatus was neither saturated nor exhausted.
Indeed, the interaction between mAChRs and mGluRs
showed complex frequency dependence. At low stimulation
frequencies, potentiation of calcium responses was observed
for costimulation, whereas at higher frequencies, the potenti-
ation switched to depression. Antagonism of either receptor
class eliminated the crosstalk effects, suggesting that compu-
tation was occurring at the level of the astrocyte signalling
networks.

Honsek et al. [57] took a different approach and inves-
tigated whether stimulation paradigms known to effectively
evoke long-term plasticity in the synaptic network had
similar effects on neuron-glial transmission. In hippocampal
slices, the authors showed that the amplitude of astrocyte
calcium signals was dependent on the number of Schaeffer
collateral synapses activated, but that induction of either
long-term potentiation (LTP) or long-term depression (LTD)
in the adjacent CA1 neuron synapses had no detectable
effect on the magnitude of astrocyte calcium responses. This
suggests that the induction mechanisms (and computational
rules) governing glial plasticity are distinct from those gov-
erning synaptic plasticity.

Xie et al. [58] have also investigated the effects of long-
term changes in neuronal firing rate in hippocampal slices on
astrocyte mGluR responses. Suppression of firing with TTX
altered astrocyte calciumkinetics in amanner consistent with
upregulation of mGluRs.The reciprocal effect was seen when
slices were incubated in raised K+ concentrations (5mM) to
increase firing rate. This caused a decrease in the responsive-
ness of astrocytes tomGluR agonists, suggesting bidirectional
changes in the strength of mGluR-evoked calcium signals
depending on the rate of neuronal firing. This plasticity
in mGluR response was also selective, as responsiveness
to activation of other Gq coupled receptors was unaffected
[58].

Collectively, these studies demonstrate that the strength
of neuron-glial transmission via activation of mGluR and
mAChR can vary in response to alterations in neuronal firing
rates, but these changes are initiated by different patterns of
activity to those that trigger synaptic plasticity.

4. Ectopic Transmission to Bergmann Glia

Bergmann glial cells are astroglia of the cerebellar cortex with
a characteristic morphology [59]. Radial fibres project from
the cell soma, from which sprout multiple lateral projections
known as microdomains. These microdomains enclose the
synapses of the molecular layer, positioning glial membranes
in the near vicinity of sites of transmitter release.

Cultured Bergmann glia were first shown to express
calcium-permeable AMPA receptors in 1992 [60], and soon
after pharmacological activation of these receptors in situ
(in acutely isolated slices) was confirmed [61]. In 1997, two
groups demonstrated activity-dependent activation of AMPA
receptors after stimulation of the climbing fibre [62] and
parallel fibre [63] inputs to Purkinje neurons, along with
currents linked to electrogenic uptake of glutamate by EAAT1
and EAAT2 transporters. It was initially assumed that the
glial AMPARs were engaged by glutamate escaping from the
synaptic cleft by diffusion, but further investigation revealed
a more specialized form of transmission.

Glial AMPAR currents were found to show rapid kinetics
consistent with local vesicular delivery, rather than diffusion
of glutamate from distant sites [41, 64]. Significantly, unitary
release events could be detected in the glia, and these events
were asynchronous with unitary responses in the adjacent
Purkinje neuron, indicating the cells were detecting vesicular
release from different presynaptic sites [65]. Bergmann glia
lack direct synaptic connections with climbing and parallel
fibres, but anatomical and pharmacological evidence is con-
sistent with vesicular release from regions of the terminals
distant from the active zone to activate AMPAR on the
opposed glial membrane [41]. This phenomenon has been
termed ectopic release [66].

Ectopic transmission to Bergmann glia exhibits both
short-term plasticity and long-term plasticity. Short-term
plasticity mirrors the plasticity observed at the adjacent
synapses—paired pulse depression at climbing fibres, and
paired pulse facilitation at parallel fibres—but in both cases
the magnitude of plasticity is greater at Bergmann glia
than Purkinje neurons [64, 67]. Facilitation at parallel fibre
synapses peaks at around a 2-fold increase in the amplitude
of the second pulse, which is sustained during trains of high-
frequency stimulation. In contrast, initial facilitation of glial
currents reaches 5-fold enhancement, but tetanic stimulation
leads to rapid loss of transmission [67].

At climbing fibres, the opposite phenomenon, paired
pulse depression, reduces AMPAR currents by around half.
For ectopic transmission to glia, depression is more pro-
nounced, with >90% of AMPAR current being lost [64,
68]. The pattern of depression against interpulse interval
also differs for ectopic transmission, especially when release
probability is reduced by decreasing extracellular calcium
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concentration. Rather than a progressive recovery of ampli-
tude with increasing pulse interval, ectopic sites show a
biphasic time course with a trough at 100ms interval [64].

While short-term plasticity resembles the synaptic pat-
tern in many respects, long-term plasticity is strikingly dis-
tinct. Many forms of LTP and LTD are known at parallel and
climbing fibre synapses with both presynaptic and postsy-
napticmechanisms [69, 70]. In contrast, ectopic transmission
is dominated by long-term depression [71]. Stimulation of
either input to the glial cell at frequencies greater than∼0.1Hz
causes a progressive reduction in AMPAR current amplitude,
which persists after returning to lower baseline frequencies.
This LTD of ectopic transmission is input specific [68] and
the mechanism for depression is depletion of presynaptic
release competent vesicles [72]. Ectopic sites appear to lack
the fast vesicle recycling mechanisms present at the active
zone, resulting in slow recovery after exhaustion of the
readily-releasable pool [72]. The computational consequence
of this is that ectopic transmission to glia is inversely
proportional to the average firing rate of parallel and climbing
fibres.

5. Synaptic Transmission to NG2 Cells

The mode of neuron-glial plasticity that most closely resem-
bles synaptic plasticity is found in NG2 cells. These cells
have been variously described as oligodendrocyte precursor
cells, polydendrocytes, synantocytes, and NG2 cells, and
their precise nature or subclassifications is still an active
area of debate [34]. These cells receive direct connections
from neuronal terminals closely akin to synapses, although
uncertainty still exists as to their functional status [42].

Postsynaptic currents in NG2 cells showed similar short-
termplasticity (paired pulse facilitation) to adjacent Schaeffer
collateral to CA1 pyramidal neuron synapses in hippocampal
slices [73]. In contrast to hippocampal astrocyte mGluR
responses [57], and ectopic transmission to Bergmann glia
[72], theta burst stimulation of Schaeffer collaterals reliably
evoked LTP inNG2 cell synapses, similar to the LTP evoked at
neuronal synapses [73]. Although the pattern of stimulation
required to evoke NG2 LTP was similar to neuronal forms
of LTP, the mechanism of LTP induction and maintenance
differed in the glia. NG2 cell LTP did not depend on NMDA
receptor activation; instead, it depended on calcium influx
through a calcium-permeable isoform of AMPA receptor.
Buffering internal calcium with the chelator BAPTA reversed
LTP to LTD, suggesting a bidirectional form of plasticity
dependent on the amplitude of intracellular calcium concen-
tration, as observed at neuronal synapses [73].

The mechanisms of NG2 cell plasticity have since been
investigated in more detail in other regions—cerebellum
and optic nerve [74]. The levels of calcium-permeable
AMPA receptors present in NG2 postsynaptic sites were
shown to increase on activation of mGluRs, in parallel with
PI3K, PICK-1, and JNK signalling. In contrast, activation
of purinergic receptors decreased AMPAR density, again
demonstrating bidirectional plasticity in expression levels
and the strength of transmission in these cells.

6. Neuromuscular Junction

The neuromuscular junction (NMJ) is surrounded by perisy-
naptic Schwann cells (PSCs), which are nonmyelinating glia
that functionally resemble astrocytes of the central nervous
system [75]. Todd et al. [76] investigated how patterns of
stimulation known to evoke plasticity in NMJ transmission
were detected and encoded into calcium responses by PSCs.
Continuous high-frequency stimulation (at 20Hz) evoked a
posttetanic potentiation of NMJ transmission, and generated
one or two high amplitude calcium responses in PSCs. In
contrast, stimulating the presynaptic fibres with intermittent
bursts (but with the same overall number and frequency of
stimuli), resulted in posttetanic depression of transmission,
and lower amplitude oscillations in glial calcium [76]. This
shows that, as with hippocampal neuron-glial transmission,
the evoked PSC calcium response at the NMJ can offer
a means of discrimination between different patterns of
synaptic transmission.

The plasticity of the calcium responses in PSCs has
also been explored, by suppression of synaptic transmission
with 𝛼-bungarotoxin and by chronic stimulation of the
nerve [77]. The results showed complex changes in calcium
responses that did not correlate in a straightforward manner
with associated changes in synaptic strength and short-term
plasticity. Suppression of transmission caused decreases in
amplitude and time to peak for calcium responses evoked by
subsequent nerve stimulation, whereas chronic stimulation
had no obvious effect on evoked PSC calcium signals.
Exogenous application of ATP and muscarine, however,
revealed that bungarotoxin treatment prolonged calcium
responses, while chronic stimulation altered PSC sensitivity
to the exogenous agonists, increasing sensitivity to ATP
but decreasing sensitivity to muscarine [77]. Collectively,
these results suggest complex changes in receptor expression
level and calcium signalling kinetics in PSCs as a result of
manipulating neuronal firing rates.

Recently, this capacity for PSCs to utilize calcium
responses as a mechanism for detecting differences in synap-
tic strength at the NMJ has been proposed as a means
for influencing selection between competing presynaptic
terminals during development [78].

7. Crosstalk and Gliomodulation

Another mechanism for plasticity, which can be viewed
as distinct from frequency-evoked changes in transmission
strength, is the modulation of transmission by concurrent
activation of parallel signalling pathways. Crosstalk between
pathways is well known in synaptic transmission, through
activation of neuromodulatory receptors coupled to second
messenger signalling cascades, with the classic examples
being monoamine transmitters such as adrenaline, nora-
drenaline, 5-HT, and dopamine [79]. Similarly, purines,
nitric oxide, and endocannabinoids mediate local and global
modulation of synaptic transmission. Such neuromodulation
plays multiple roles in information processing [80].

Interpretation of the effects of neuromodulators on astro-
cyte calcium signalling is complex, however, because many



6 Neural Plasticity

of the physiological receptor agonists can directly stimulate
calcium responses in the astroglia. Nevertheless, evidence is
accumulating that in addition to direct effects, coapplication
of several neuromodulators with other transmitters generates
different calcium responses in the glia compared to transmit-
ter alone.

Nitric oxide can directly activate calcium influx in
astrocytes at high concentrations [81, 82], but at lower
(more physiological) concentrations it appears to modulate
other signalling pathways. In cultured astrocytes stimulated
mechanically, NO promoted the speed and range of cal-
cium waves propagating through coupled glia [81, 83] and
accelerated refilling of calcium stores [84]. Similarly, NO
increased the frequency of spontaneous calcium oscillations
in astrocytes in brain slices incubated at physiological tem-
peratures, which was shown to reduce oscillation frequency
compared to incubation at room temperature [85]. These
results suggest that NO is able tomodify the intrinsic calcium
loading and release apparatus at some level, modulating the
cells’ sensitivity to other calcium-linked transmitters, and
may account for the proposed role of NO in priming of
hippocampal mGluR responses (see above [49]).

Adenosine has also been shown to mediate complex
crosstalk with calcium signalling pathways in astrocytes.
A1 receptor activation potentiates both mGluR [86] and
mAChR [87] triggered calcium responses in cultured astro-
cytes. Adenosine similarly potentiated responses to ATP in
cerebellar astrocytes, but via A2B receptor activation [88]. In
contrast to potentiation of the peak of ATP responses by A2B
receptors, another study showed that A1 activation depressed
the sustained calcium elevation that followed P2YR responses
[89]. The underlying mechanisms linking P1 receptor activa-
tion to P2 responses appear to differ in cerebellar and cortical
astrocytes, but the consistent effect is a sensitization of cells
to ATP and glutamate as calcium-mobilizing agonists. In
the intact retina, incubation with adenosine increased the
frequency of light-evoked calcium transients in Müller cells
[36], suggesting that crosstalk between these pathways is not
restricted to cultured cells.

One of themost intriguing examples of complex crosstalk
in astrocyte responses is the effect of noradrenaline acting
through 𝛼1 receptors. Many studies have shown direct acti-
vation of calcium responses by 𝛼1R activation, in cultures,
ex vivo slices, and in vivo [28, 90, 91]. However, in addition
to this direct route for neuron-glial transmission, 𝛼1R acti-
vation also causes modulation of responses to other calcium
mobilizing agonists. In cultured cells, coapplication of the
𝛼1 agonist phenylephrine with the mGluR1 agonist DHPG
dramatically suppressed calcium oscillations (and associated
glutamate release) that were evoked by DHPG alone [28].
In contrast to these results, astrocytes in the supraoptic
nucleus (SON) exhibit synergistic responses to coapplication
of ATP and phenylephrine [92]. The potentiation evoked by
costimulation in SON appears to be mediated by both 𝛼-
and 𝛽-adrenoceptors, with 𝛽 receptor antagonists blocking
the calcium responses evoked by phenylephrine and ATP,
suggesting a tonic, permissive effect of 𝛽 receptor activity.

Similar complex adrenoceptor interactions have also been
reported in vivo. In awakemice, wide ranging calcium signals

recorded in cortical astrocytes appear to predominantly
arise from noradrenergic transmission from locus coeruleus
projections [91, 93].This is in contrast to ex vivo preparations
or anaesthetized animals, where local excitatory network
activity engages mGluRs in astrocytes, suggesting distinct
modes of operation linking sensory input to glial calcium
responses depending on level of consciousness. Similar NA-
evoked astrocyte responses have been described in cerebel-
lar Bergmann glia and visual cortex astrocytes in awake
mice [94], suggesting that volume transmission from locus
coeruleus is a widespread mechanism for coupling arousal
states to astrocyte calcium signals. However, Paukert et al.
[94] also showed that local network activity could be detected
by glia and that NA release associatedwith arousal synergized
with excitatory inputs due to light stimulation in the visual
cortex, in a manner reminiscent of results in SON astrocytes
[92].

Collectively, these studies demonstrate that the respon-
siveness of astrocytes to numerous neurotransmitters could
be altered, both positively and negatively, by coincident
activation of modulatory receptors. This represents a form of
gain modulation of glial responses, akin to that observed in
synaptic networks.

8. Other Forms of Glial Plasticity

We have so far focussed on forms of plasticity in neuron-
glial transmission linked to receptor-mediated calcium sig-
nalling pathways, on the assumption that these mechanisms
represent an analogue for synaptic transmission. However,
several other forms of plasticity in neuron-glial connectivity
have also been reported which could impact on signal
conditioning.

In addition to receptor-mediated signalling, many neu-
rotransmitters also generate inward currents in astrocytes
through electrogenic uptake. While this phenomenon is
clearly important for termination of synaptic transmission,
there is also evidence that the Na+ influx associated with
uptake may have a signalling role [95]. Several reports have
demonstrated both potentiation and depression of trans-
porter currents in astrocytes. Glutamate transporter currents
in cultured cerebellar astrocytes mirrored LTP of granule
neuron-Purkinje neuron synapses [96]. Similarly, hippocam-
pal astrocytes also show increased uptake in response to LTP
in adjacent synapses [97, 98]. In contrast, Bergmann glial
transporter currents in cerebellar slices exhibit long-term
depression that mirrors glial AMPAR LTD [71]. In the dorsal
horn of the spinal cord, glutamate transporter currents in glia
evoked by afferent stimulation showed frequency-dependent
depression at low frequencies [99], which was reminiscent of
Bergmann glial depression.

Another form of plasticity that could impact on infor-
mation processing in glial networks is the modulation
of gap-junctional coupling between astroglial cells. Both
short-term and long-term modulation of connexin function
and expression by neuronal activity has been reported in
both cultured cells and in intact preparations such as the
optic nerve [100–102]. Dynamic modulation of astrocyte
connectivity could therefore grade the spatial range of glial
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Figure 1: Modes of neuron-glial transmission and plasticity. Summary of the routes for neuron-glial transmission in which long-term
plasticity after electrical stimulation of presynaptic cells has been demonstrated. Left panel shows synaptic transmission for NG2 cells
(analogous to classical neuronal LTP), middle panel shows ectopic transmission at cerebellar Bergmann glia, and right panel shows volume
transmission through diffusion to extrasynaptic receptors. The table shows cell types, receptors, stimulation protocols, and forms of glial
plasticity that have been described. See main text for references and further details.

calcium signals, as well as tuning homeostatic roles such as
metabolite redistribution and potassium buffering.

9. Information Processing by Glia and
Computational Properties of Glial Plasticity

The accumulating evidence for neuron-glial plasticity indi-
cates that signal processing through these routes for trans-
mission can be altered in an activity-dependent manner,
suggesting that memory processes could be accommodated
within the network. However, it is striking that the compu-
tational properties of glial plasticity differ from those typical
for induction of synaptic plasticity. The canonical example of
synaptic plasticity is hippocampal LTP [2], which is typically
evoked by a brief, high-frequency tetanus.Thus, a stereotyped
incident signal is able to induce a change in synaptic strength
within seconds, which can subsequently last for hours (or
even years [8]). In contrast, plasticity appears to arise from
less temporally precise induction signals (Figure 1).

For both the “priming” ofmGluR responses in hippocam-
pal neurons [49, 58] and the depression of AMPAR currents

in Bergmann glia [72], plasticity requires prolonged repetitive
stimulation at relatively low frequencies. For Bergmann glia,
the immediate interval between stimuli has less impact
on transmission strength than the average interval over
several minutes [72]. A closely similar effect was observed
in thalamic astrocytes, where calcium-dependent release
of gliotransmitter increased only after long-term afferent
stimulation, and was relatively insensitive to acute changes
in transmission frequency [103]. These lines of evidence
suggest that neuron-glial transmission is attuned to long-
term trends in neuronal firing rates; in otherwords, astrocytes
are sensitive to the average or integral of network activity
rather than the detailed temporal structure of the spike train.

To date, most computational models of the role of
astrocytes in network processing have focussed on gliotrans-
mission at the level of the tripartite synapse [104]. Glia
have been proposed to play a modulatory role that shapes
short-term plasticity and the efficiency of transmission.
These local feedback and feedforward roles may themselves
be subject to graded modulation in response to average
activity, which may result in long-term scaling of network
connectivity.
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In many respects these long-term shifts in glial sensitivity
match well with the time frame over which information can
feasibly be encoded into intracellular calcium oscillations.
The frequency of spontaneous calcium signals observed in
glia operates in the sub-Hz range [26, 85], and the duration
of individual calcium “spikes” is typically in the tens of
seconds range. If frequency modulation, mean interval, or
variation in interval is exploited as encoding mechanism
[104, 105], then the feasible window for input integration
must typically extend over many hundreds or thousands of
action potentials in the underlying network.Viewed from this
perspective, release of gliotransmitters into the extracellular
space may be a tonic pacing signal, which can be increased or
decreased over a period of minutes in response to changes
in average network activity. It is also interesting to note
that probably the most convincing current example of a
neurophysiological role for gliotransmission is in the control
of sleep homeostasis [106]. Here glia release ATP that is
metabolized to adenosine, providing a progressive drive of
tonic adenosine that mediates a mounting sleep pressure
after hours of wakefulness [107]. It certainly seems suggestive
that neuron-glial plasticity is matched to temporal regimes
that suit the longer lasting shaping of network activity that
has been proposed as the clearest role for astrocytes in
neurophysiology to date.

10. Future Directions

At present, the study of plasticity in neuron-glial transmission
is in the discovery stage. Stimulation paradigms have been
found that can cause lasting changes in glial responsive-
ness to neuronal activity, but we currently lack a deeper
understanding of the molecular mechanisms underlying—
and the detailed computational rules governing—induction,
maintenance, and reversal of glial plasticity. Without this
knowledge it will be difficult to hypothesize about feasible
roles for glia in short-term information processing and long-
term neurophysiological processes such as memory and
learning.

A future goal to advance this understanding would be
to determine the input-output relationship between synaptic
stimulation and astrocyte calcium responses at what has been
termed the tripartite synapse [108].The fidelity and efficacy of
transmission to the partner glial cell are likely to be markedly
different from the postsynaptic neuronal partner and so
will be governed by a different set of rules for translating
a particular pattern of presynaptic firing into a particular
pattern of extrasynaptic calcium responses (by analogy to
an engineering system, neurons and glia are likely to have
different transfer functions). Other goals would be more
detailed understanding about the mechanisms controlling
priming of astrocyte calcium responses during long-term
stimulation, the mechanisms of crosstalk between signalling
pathways, and the capacity for oligodendrocytes, microglia,
tanycytes, and other glial cell types to express plasticity in
their responses to neurotransmitters. A firmer foundation of
understanding for these processes will undoubtedly help to
refine and focus speculations on the potential active roles for
glia in neurophysiology.
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[88] A. I. Jiménez, E. Castro, M. Mirabet, R. Franco, E. G. Deli-
cado, and M. T. Miras-Portugal, “Potentiation of ATP calcium
responses byA2B receptor stimulation and other signals coupled
to GS proteins in type-1 cerebellar astrocytes,” Glia, vol. 26, no.
2, pp. 119–128, 1999.

[89] S. Alloisio, C. Cugnoli, S. Ferroni, and M. Nobile, “Differential
modulation of ATP-induced calcium signalling by A1 and A2
adenosine receptors in cultured cortical astrocytes,” British
Journal of Pharmacology, vol. 141, no. 6, pp. 935–942, 2004.

[90] A. Kulik, A. Haentzsch, M. Lückermann, W. Reichelt, and K.
Ballanyi, “Neuron-glia signaling via 𝛼

1
adrenoceptor-mediated

Ca2+ release in Bergmann glial cells in situ,” Journal of Neuro-
science, vol. 19, no. 19, pp. 8401–8408, 1999.

[91] L. K. Bekar, H. S. Wei, and M. Nedergaard, “The locus
coeruleus-norepinephrine network optimizes coupling of cere-
bral blood volume with oxygen demand,” Journal of Cerebral
Blood Flow &Metabolism, vol. 32, no. 12, pp. 2135–2145, 2012.

[92] J. Espallergues, O. Solovieva, V. Técher et al., “Synergistic
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[101] N. Rouach, M. Tencé, J. Glowinski, and C. Giaume, “Cos-
timulation of N-methyl-D-aspartate and muscarinic neuronal
receptors modulates gap junctional communication in striatal
astrocytes,” Proceedings of the National Academy of Sciences of
the United States of America, vol. 99, no. 2, pp. 1023–1028, 2002.

[102] H. Marrero and R. K. Orkand, “Nerve impulses increase glial
intercellular permeability,”Glia, vol. 16, no. 3, pp. 285–289, 1996.

[103] T. M. Pirttimaki and H. R. Parri, “Glutamatergic input-output
properties of thalamic astrocytes,”Neuroscience, vol. 205, pp. 18–
28, 2012.
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