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Nils-Kåre Birkeland, Norway
Paul H. Blum, USA
E. A. Bonch-Osmolovskaya, Russia
Maria J. Bonete, Spain
Giovanna Cacciapuoti, Italy
Isaac K. O. Cann, USA
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The study of Archaea at the DNA and RNA levels has
provided considerable insight into replication, transcription,
and other information-associated events which are either
unique to this remarkable group of organisms or which
were later found to also occur in Bacteria and/or Eukarya.
In contrast, largely due to a lack of suitable model systems
and a limited number of appropriate molecular tools,
considerably less was known about archaeal proteins in terms
of their biogenesis, modification, trafficking, or degradation.
In recent years, however, we have witnessed major advances
in proteomics, successful in vitro reconstitutions, and the
development of reporter systems compatible with extreme
conditions. Relying on such tools, insight into different stages
in the life of archaeal proteins has begun to accumulate.
In this special issue of Archaea, we present a series of
articles addressing the current state of understanding of
selected facets of archaeal protein biogenesis and process-
ing.

An article by De Koning et al. discussing how fidelity
in archaeal information processing at the DNA, RNA, and
protein levels is achieved begins this special issue. Rother
and Krzycki then address proteins containing the unusual
animo acids, selenocysteine, and pyrrolysine, as related to the
unique energy metabolism of methanogenic archaea. Soppa
compares one specific posttranslational modification, acety-
lation, across evolutionary lines, while Botting et al. discuss
the importance of lysine methylation in hyperthermophilic
crenarchaeota. Questions related to protein assembly are
considered when Iwasaki addresses the iron-sulfur world in
hyperthermoacidophilic archaea.

Protein degradation is the focus of two articles in this
special issue. Makarova and Koonin rely on comparative
genomic analysis to reveal functional versatility of archaeal
ubiquitin-like proteins, while Humbard et al. report on
the phosphorylation and methylation of Haloferax volcanii
proteasomal proteins.

Archaeal cell surface proteins undergo a variety of post-
translational modifications. However, such proteins must
first be targeted to and traverse the plasma membrane.
Accordingly, Zwieb and Bhuiyan discuss the latest findings
on the archaeal signal recognition particle targeting system.
Storf et al. address questions related to the biogenesis of
one class of membrane proteins, namely, lipoproteins. An
article by Ellen et al. considers archaeal protein export and
describes different cell surface structures, while a report
by Jarrell et al. focuses on the S-layer glycoprotein and
flagella as reporters of choice of different protein processing
events. With this in mind, Peyfoon and colleagues describe
the N-linked glycan decorating the S-layer glycoprotein
of Sulfolobus acidocaldarius. Finally, Kaminski and Eichler
consider the workings of AglD, one of the enzymes which
is involved in Haloferax volcanii S-layer glycoprotein N-
glycosylation.

In this, the first special issue of Archaea dedicated to
archaeal protein biogenesis, we have tried to give the reader
a sampling of the current research scene. It is our sincere
hope that the community will find interest in the articles
included here. More importantly, it is our intention that the
work presented will stimulate other laboratories to begin
studying questions related to archaeal protein biogenesis,
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hopefully in time for the next installment of this special
issue.

Jerry Eichler
Julie Maupin-Furlow

Joerg Soppa
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A key element during the flow of genetic information in living systems is fidelity. The accuracy of DNA replication influences the
genome size as well as the rate of genome evolution. The large amount of energy invested in gene expression implies that fidelity
plays a major role in fitness. On the other hand, an increase in fidelity generally coincides with a decrease in velocity. Hence, an
important determinant of the evolution of life has been the establishment of a delicate balance between fidelity and variability. This
paper reviews the current knowledge on quality control in archaeal information processing. While the majority of these processes
are homologous in Archaea, Bacteria, and Eukaryotes, examples are provided of nonorthologous factors and processes operating
in the archaeal domain. In some instances, evidence for the existence of certain fidelity mechanisms has been provided, but the
factors involved still remain to be identified.

1. Introduction

Francis Crick first announced his central dogma of molec-
ular biology in 1958: the flow of sequential information
that occurs in living cells, including replication of stored
information (DNA), as well as expression of this information
via messengers (mRNA) to functional proteins [1]. This
dogma turned out to be a solid basis for molecular biology,
although additional roles of (small) regulatory and metabolic
RNA have been recognized more recently [2]. A key element
during this transfer of genetic information is fidelity: the
final accuracy depends on the combined error rates of the
processes that constitute the whole chain.

From the ancient RNA world on, replication fidelity has
been a major limiting factor of the amount of information
stored. It has been proposed that on average less than one
error per replicated genome is tolerated, as higher error rates
lead to a so-called “error catastrophe” with a fatal amount
of progeny not being viable [3–5]. The same rule applies
also for extant cellular life in which double-stranded DNA
is used for storage of genetic information. The increase
in genome size was allowed by the increased stability of
DNA [6] and by considerably lower error rates in DNA
replication [7]. One might expect a continuous selection
towards the highest possible fidelity. However, a very high
level of fidelity in replication will negatively affect both the

genome’s adaptation potential, and the replication velocity
and costs, posing the risk of being out-competed by more
efficient rival organisms [8, 9]. Overall, the delicate balance
between fidelity and mutation rate is in itself a trait of organ-
isms and can differ between individuals and species [10]. For
some species it is even known to change upon environmental
signals and may vary between different locations within
the same genome [11]. Fidelity of information processing
is thus a major factor driving the evolution of cellular
life.

Transcription and translation show significantly higher
error rates than replication. Although the risk on affecting
progeny is lower, erroneous gene expression might influence
the error rate of replication indirectly, for example, when
the replication machinery is affected [12]. On the one hand,
inaccurate gene expression may lead to the production of
nonfunctional proteins, and as such to a decreased fitness,
that is, generating selective pressure for increasing fidelity.
On the other hand, increasing the fidelity of transcription
and translation also correlates with decreasing velocity, what
also has an impact on fitness. Hence, natural evolution leaves
a narrow range for varying the level of fidelity [13, 14].

In this paper, we will, whenever possible, focus on the sys-
tems of Archaea that contribute to accurate replication and
expression of their genetic information. While the majority
of the archaeal processes are well conserved in Bacteria
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and/or Eukaryotes, a number of examples will be described
of factors and processes that appear to be restricted to the
archaeal domain. Despite the fact that research on Archaea
is generally lagging behind that of the other two domains,
the successful development of several Archaea as model
organisms has recently lead to some first insight in their
mechanisms to control fidelity of information processing.

2. Replication

Fidelity in replication is the result of three separate processes:
(i) base selection, (ii) proofreading, and (iii) postsynthetic
correction [15, 16]. These three processes contribute to very
accurate DNA replication: incorporating a mistake only once
every 106–1010 nucleotides for DNA-based microorganisms.
Interestingly, the genomic mutation rate (the number of
mutations per replicated genome) is quite constant for
all DNA-based microorganisms, including bacteriophages,
bacteria, and fungi: roughly 0.003-0.004 (Drake’s rule [7]),
what is largely below the above mentioned predicted upper
limit of 1 error per replicated genome [4]. Surprisingly, it has
recently been found that a thermophilic bacterium (Thermus
thermophilus) and a thermophilic archaeum (Sulfolobus aci-
docaldarius) have error rates that are 5-fold lower, supporting
the concept that there is an evolved balance between the need
for fidelity and the cost of reducing the mutation rate [17].

After a brief description of polymerases in living systems,
the three separate processes will be discussed in more detail.
The last paragraph will discuss systems that organisms have
evolved to overcome misincorporations.

2.1. DNA Polymerases. DNA is polymerized by DNA-de-
pendent DNA polymerases (DNAPs) that can be classified
into various families based upon their sequence similarity.
Most replication-related DNAPs and primases belong to
DNAP family B. Like Bacteria and Eukaryotes, Archaea
contain multiple DNAPs. Sulfolobus solfataricus, for example,
contains three family B DNAPs (B1 to B3) and one family Y
DNAP (Dpo4) [18]. Crenarchaeota are restricted to family
B for their replicative polymerases, while Euryarchaeota,
Korarchaeota, Nanoarchaeota, and Thaumarchaeota use
both a family B and a family D DNAP [19]. There is bio-
chemical evidence that in these species the family B DNAP
replicates the leading strand, while the family D DNAP
replicates the lagging strand [20]. Deviation between leading
and lagging strand replication has been found in other
domains of life as well [21, 22]. Lagging strand replication
involves Okazaki fragments that are produced by a lagging
strand replicative DNAP, initially extending an RNA primer
generated by a primase, a family B RNA polymerase. Archaea
possess homologs of eukaryotic primase proteins (PriS and
PriL) that can synthesize both RNA as DNA oligonucleotides
in vitro, but seem to prefer RNA polymerization in vivo [23,
24]. Interestingly the B family replicative DNAPs of Archaea
contain an uracil-specific pocket that scans the template for
the presence of uracil ahead of the polymerase. This feature is
apparently lost in eukaryotic and bacterial DNAPs, although
they still possess the reminiscent pocket structure. If uracil

is encountered the archaeal polymerase stalls, presumably
until the uracil is removed by Base Excision Repair (BER) or
until a Translesion Synthesis (TLS) DNAP takes over [25, 26].
TLS is a process in which the regular replicative DNAP is
substituted by a translesion DNAP. Translesion polymerases,
often family Y DNAPs, allow replication to occur past
otherwise impassable DNA lesions. This adaptation however
has led to a considerably lower fidelity than in case of
replicative DNAPs. Dpo4 from Sulfolobus solfataricus is a
family Y TLS DNAP. Dpo4 has a spacious solvent-exposed
active site in comparison to replicative DNAPs that permits
accurate bypass of the 8-oxoguanine oxidation product of
guanine. 8-oxoguanine preferentially base-pairs to adenine,
however in the active site a stabilizing hydrogen bond
network fixes 8-oxoguanine in such position that the correct
preference for cytosine is restored [15, 27].

2.2. Base Selection. The highest contribution to fidelity dur-
ing DNA replication is brought about by base selection. Soon
after the initial suggestion by Watson and Crick that selection
was the result of hydrogen bonding of complementary bases
[28], it became clear that the free-energy differences between
correct and incorrect base-pairs could only account for error
rates of approximately 0.01 [16]. Although the removal of
water from the active site of the DNAP leads to elevated
ΔG values, improving the selectivity between correct and
incorrect base pairings [29], studies with base analogs that
lost the capacity to create hydrogen bonds revealed the
importance of base pair geometry. In addition, structural
studies showed that a Watson-Crick pair, of which all four
are nearly identical in shape and size, fits nicely into the base
pair binding pocket of DNAP, while non-Watson-Crick base
pairs presumably cause steric clashes (reviewed in [15, 30]).

2.3. Proofreading. Like the replicative DNAPs of the Bacteria
and Eukaryotes, both family B as family D DNAPs from
Archaea possess intrinsic proofreading capabilities [26, 31,
32]. Because these enzymes are thermostable, and have
intrinsic proofreading, they are of commercialy interest as
exemplified by the high-fidelity Pfu DNAP from Pyrococ-
cus furiosus in polymerase chain reactions. Comparisons
between wild-type polymerases with intrinsic proofreading
capabilities and exonuclease-deficient mutants show that
on average proofreading improves fidelity between 3–100
fold. For Sulfolobus solfataricus DNAP B1, the commercially
available DNAP (Vent pol) from Thermococcus litoralis
and their respective exonuclease-deficient mutants, it was
measured to improve approximately 3 fold, a similar increase
as observed for E. coli DNA pol III [15, 32].

DNAPs have prolonged interaction with the newly
generated duplex DNA. Mismatches are recognized because
of abnormal base pair geometry, and generally result in
considerably decreased elongation rate. In DNAPs that have
intrinsic or associated 3′ → 5′ exonuclease activity, elonga-
tion rate drops below the exonuclease rate upon mismatch
recognition, leading to removal of mismatched nucleotides.
Polymerases without intrinsic exonuclease activity can either
recruit another protein that has exonuclease activity, or
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can dissociate and allow another polymerase with intrinsic
exonuclease activity to take over.

Other errors generated during elongation, at approxi-
mately the same rate as mismatches, are single-base dele-
tions and slightly less frequently single-base insertions.
These “indels” can occur by (i) DNA strand slippage, (ii)
misinsertion that is followed by primer relocation, or (iii)
misalignment at the polymerase active site, and can occur
especially at repetitive sequences. Whereas proofreading
corrects mismatches at a high rate, this mechanism is
relatively inefficient in correcting indels, especially if the
repetitive elements are longer. Strand slippage, for example,
occurs often upstream of the polymerase, is therefore not
sensed and does not decrease the elongation rate, preventing
the exonuclease activity from taking over (reviewed in
[15, 30]).

2.4. Postsynthetic Correction. Mismatches or indels that
slipped through the proofreading process, or that are
introduced by mutagenic factors, are to be repaired by
postsynthetic correction. Organisms generally have a set of
distinct systems, designed to repair a specific class of damage,
each with a different fidelity rate. A repair system directly
connected to replication is Mismatch Repair (MMR). This
system removes base substitutions and indels on the newly
synthesized strand directly after replication. MMR increases
fidelity of replication almost 100-fold [15]. In Bacteria and
Eukaryotes, essential proteins required for MMR belong to
the MutS and MutL family. These two families are largely
absent in the archaeal domain. Archaeal homologs have
only been found in some euryarchaeal species, probably the
result of a horizontal gene transfer from bacterial origin
[33]. Deletion mutants of a variety of MutS and MutL
homologs in Halobacterium salinarum, including a MutS
double mutant, had only little effect on mutation rates,
indicating that these genes are not essential for MMR in
this species [34]. A MutS2 ortholog is also present in the
euryarchaeote Pyrococcus furiosus and it was shown to have
ATPase and DNA binding activity, but no specific MMR
activity [35]. Despite the general absence of MutS and MutL
in Archaea, it is found that spontaneous base pair substitu-
tion rates in S. acidocaldarius are an order of a magnitude
lower than MMR-proficient E. coli suggesting the existence
of a powerful, yet unknown MMR system in Archaea
[17].

During MMR, a key step is to identify which of the two
strands is the (correct) parental strand and which one the
(mutated) daughter. In some bacterial systems, the methy-
lated strand is considered to be the parental strand, a signal
for MutH to cleave opposite of a methylated GATC sequence
near the mismatch [36]. Other Bacteria, Eukaryotes, and
Archaea use other mechanisms to distinguish between the
strands that are not yet fully understood. It is believed that in
Eukaryotes the newly synthesized daughter strand contains
discontinuities, caused by the separate Okazaki fragments
during lagging strand replication and by reinitiation or
low-level incorporation of dUMP during leading strand
replication. Archaea may also use the incorporation of uracils
as a marker for the daughter strand as well, in line with

the fact that DNA replication in Archaea cannot pass uracils
on the template strand [37].

2.5. Excision Repair. Two additional repair systems that
repair single strand damage by using the complementary
strand as a template include (i) Base Excision Repair
(BER) used to remove regularly occurring small, nonhelix-
distorting base lesions (e.g., modification by depurinations
and deaminations) and involves DNA glycosylases, and (ii)
Nucleotide Excision Repair (NER) used to remove bulky
distortions in the helix (e.g., thymine dimers formed by
oxidative stress or UV). The BER system appears to be
functional in Archaea, as archaeal BER-related thermostable
N-glycosylases have been characterized [38–42]. In contrast,
the archaeal NER system appears to lack important damage-
recognition proteins, but has structure-specific nucleases,
homologous to eukaryotic NER nucleases [37]. UV stress
experiments with Sulfolobus acidocaldarius show evidence
for the existence of an archaeal NER system, as its repair
capacity is at least half the capacity of NER-proficient E.
coli [43, 44]. Especially life at elevated temperatures asks
for efficient repair systems, as spontaneous decomposition
reactions are accelerated under these conditions [6]. The
high temperatures characterising the habitat of Sulfolobus
species causes high rates of depurinations and deaminations.
Although most of these types of damage are removed by BER,
the apparent absence of key factors for both NER and MMR
has been referred to as “the great irony” [37].

3. Transcription

During transcription mRNAs are generated by a DNA-
dependent RNA polymerase (RNAP). The polymerization
reactions of RNA and DNA show several similarities, for
example, the course of nucleic acids through the active
centre, and the mechanism of substrate binding, as reflected
by the similar location of the two metal binding sites in the
active sites of both polymerases [45]. Despite these similari-
ties there are also several differences: (i) RNA polymerization
incorporates NTPs instead of dNTPs, (ii) most RNAPs, with
the exception of bacteriophage and mitochondrial RNAPs,
are complexes that consist of 5–15 polypeptide subunits,
in contrast to most DNAPs and primases that contain a
single or only a few subunits, and (iii) while in DNAPs the
newly formed DNA duplex persists, the newly formed RNA
is removed from the DNA-RNA hybrid in RNAPs after which
the original DNA duplex is restored [45].

Two processes are relevant in terms of transcription
fidelity: base selection, and proofreading; post-synthetic
correction of RNA does not exist, although some systems
exist to monitor the quality of the transcripts that are used
as templates during translation. These surveillance systems
occur mainly during translation and will be discussed in
that section (later). Although the fidelity of the transcription
process is considerably lower than that of the replication
process, it has been reported to be less than one error
every 105 nucleotides that are being transcribed in organisms
ranging from E. coli to wheat [46–48].
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3.1. RNA Polymerases. The RNAP of Bacteria is a relatively
simple complex consisting of 5 subunits. In addition, a set
of up to 20 sigma factors allows for promoter selection
in response to changing conditions. Eukaryotes use up to
five variant RNAP complexes (I–V) that are responsible
for transcription of distinct genes: ribosomal RNAs (RNAP
I), protein-coding messenger RNAs (RNAP II), transfer
RNAs, and other small noncoding RNAs (RNAP III). RNAP
IV and RNAP V are restricted to plants and transcribe
small RNAs involved in silencing [49]. RNAP I and III are
similar to RNAP II, but have some additional subunits that
vary between the two. Archaea, in contrast, have only a
single RNAP complex that contains 12 orthologous subunits
of the eukaryotic RNAP II. There appear to be minor
variations among the complexes of the archaeal phyla [50,
51]. For instance, the RNAP from Sulfolobus shibatae has an
additional subunit in comparison to the eukaryotic RNAP
II (Rpo13) that has been proposed to play a role in the
formation of the transcription bubble [52]. The subunits of
these RNA polymerases can be assigned to three different
functional groups: (i) the “catalytic core” (the large subunits
A′A′′, and B′B′′; in some Archaea these subunits are fused
as in Bacteria and Eukaryotes) that harbours the active
site, (ii) the “assembly platform” (D, N, L, and P), and
(iii) the “auxiliary subunits” (H, K, F, E, and Rpo13).
The latter auxiliary set is the part of the complex that
differs between the archaeal and the different eukaryotic
RNAPs. These subunits that are not required for in vitro
transcription, but important to stabilize interactions with
RNA (F/E stalk), DNA (H and Rpo13), and transcription
factors (F/E stalk). Additionally, the F/E stalk is found to
be important for processivity during elongation, and correct
recognition of weak terminators during termination [51, 53].
Recently it was shown that subunit H is required during
promoter opening and initial transcription, and that it, in
contrast to its eukaryotic counterpart Rpb5, undergoes a
structural rearrangement in the transition from initiation
complex to elongation complex that might be specific for
archaeal RNAPs [54]. It was also shown recently that in
vitro reconstitution of the archaeal RNAP is similar in the
presence or absence of subunit P. Apparently it does not play
a key role in establishing the assembly platform in vitro. In
addition, subunit P seems to be involved in open complex
formation [55]. Interestingly, a putative ortholog of Rpc34,
which is a part of the eukaryotic RNAP III, has recently been
found to be present in all crenarchaeal and thaumarchaeal
genomes, as well as in several euryarchaeal genomes. This
finding suggests that in Archaea the single RNAP might use
a variable set-up of auxiliary proteins to transcribe different
sets of transcripts [56]. Archaeal RNAPs can be reconstituted
from single heterologously expressed subunits in contrast to
eukaryotic RNAPs [57, 58]. Recent success with a hybrid
archaeal enzyme that contain subunits Rpb5 and Rpb12 from
Eukaryotes confirms the high structural similarity of the
archaeal and the eukaryotic RNAPs [55, 59].

3.2. NTP Selection and Induced Fit. RNAPs discriminate
NTPs over dNTPs by recognizing the 2′-hydroxyl group of

incoming NTPs. Selection of NTPs by RNAPs is performed
by measuring the base pair geometry, in a similar manner
as in DNAPs, in a two step process. In the preinsertion state
of the open active center the NTP can come in. If the NTP
is complementary to the template nucleotide, the catalytic
subunit undergoes a conformational change to the closed
state, after which NTP is delivered to the insertion site. This
rearranges the active site in such a way that it promotes
polymerization by induced fit. If a noncomplementary
nucleotide is incorporated, the complex enters an off-line
state, in which elongation is slowed down considerably [60].

3.3. Proofreading. Incorporation of a noncomplementary
nucleotide induces an inactivated state, in which the
nucleotide is frayed. The fraying sites of the RNAP overlap
with the NTP-binding site, and as such the frayed nucleotide
does not allow elongation to proceed. This paused RNAP
complex favours backtracking, a process in which the RNAPs
moves one nucleotide backwards. During this process the
misincorporated nucleotide is moved from the fraying site
to the proofreading site. Multisubunit RNA polymerases
contain an intrinsic nucleolytic RNA cleavage activity that
hydrolyses a phosphodiester bond to remove the last two
nucleotides as a dinucleotide, resulting in a new RNA 3′-
OH group and an empty NTP-binding site. This restores
an active on-line state ready for elongation again [60].
This process of backtracking and subsequent cleavage is
transcriptional proofreading, and was also described in
Archaea. In contrast to Bacteria and Eukaryotes, it was
found that elongation in Archaea could not continue after
misincorporation, but stalled completely instead. TFS, like its
eukaryotic homolog TFIIS and its bacterial non-orthologous
counterparts GreA/GreB, is known to induce the cleavage
activity by direct interaction with the active centre of the
polymerase through the nucleotide entrance pore, and could
therefore rescue stalled elongation complexes. Stalling of the
elongation complex in Archaea appears to be an important
trigger for TFS induced cleavage in vitro [61]. Methanopyrus
kandleri has lost TFS during its evolution. Interestingly, this
organism shows a higher mutation rate in comparison with
closely related organisms, making it difficult to reconstruct
its phylogeny. Especially genes encoding proteins related to
transcription are affected, and could include compensatory
mutations for the loss of TFS [12].

4. Protein Synthesis

The overall missense substitution rate of in vivo bacterial
protein synthesis by ribosomes is in the range of 6 × 10−4

to 5 × 10−3 per amino acid [62, 63]. In line with those
findings are measurements of the rate of misreading in
Sulfolobus in vitro translation systems: 3 × 10−3 incorrect
leucine incorporations per amino acid on a poly(U) tem-
plate [64]. Rates of misincorporations during replication,
transcription, and aminoacyl-tRNA synthesis are all lower,
showing that the final step, the translation process itself,
is decisive with respect to fidelity of protein synthesis. The
importance of fidelity during protein synthesis is reflected
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in the organization and evolution of the genetic code.
The presumable primordial genetic code that codes for an
original set of 10 amino acids [65], as well as the 20 amino
acid genetic code, operating in extant cellular life forms, are
relatively robust, as most misincorporations will result in
substitutions by physicochemically related amino acids that
only in rare occasions will lead to a nonfunctional protein
[65]. Fidelity was thus a key determinant in the evolution of
the genetic code. Two separate processes are distinguished
during protein synthesis: the coupling of amino acids to
their respective tRNAs by a set of specific aminoacyl-tRNA
synthetases, and the actual translation itself by ribosomes.
In the next paragraphs both processes will be discussed,
after which it will be concluded with an overview of the
mRNA surveillance systems that are used to avoid the reuse
of erroneous templates.

4.1. tRNA Modification. tRNA molecules are among the
most strongly modified RNAs. This mainly concerns
nucleotides that are located within the 3D-core and in
the anticodon arm, especially at the wobble position N34
and N37 (conventional numbering). At present, over 120
different posttranscriptional modifications of nucleotides
have been described, ranging from quite simple methylations
to very complex multistep transformations [66]. These
nucleotide modifications are important for cellular function-
ality of tRNAs: they lower conformational flexibility, improve
(thermal) stability, and improve aminoacylation rate and
specificity. Interestingly, it is known that lack of modification
in in vitro translation systems can be compensated by
excess of magnesium ions, indicating the importance to
lower flexibility of tRNAs for translation (reviewed in [67]).
Modifications of the wobble position N34 are common in
all three domains of life and contribute to accuracy and
efficacy of decoding during translation. These modifications
are specific and vary between tRNAs. In contrast to unsplit
codon boxes in the genetic code, tRNAs coding the split
codon boxes are always modified at N34, suggesting that
modifications play an important role in increasing the
discriminative characteristics between near-identical codons.
Remarkably, many modifications of N34 are restricted to
specific phylogenetic Domains, or even to lower taxonomic
groups, and come with an enormous diversity. This suggests
that the corresponding modification enzymes evolved after
the divergence of the three domains, and that the extension of
the primordial code, and the accompanying increasing need
for higher discrimination capacity, has led to a multitude of
solutions (reviewed in [68]).

One of these wobble modifications in Bacteria and
Eukaryotes is the conversion from G34 to queuosine. The
replacement of guanine in this process is catalysed by
the enzyme tRNA-guanine Transglycosylase. In Archaea, a
related enzyme catalyses also the replacement step in the
conversion from a guanine to a the positively charged
archaeosine at position 15 [69]. G15 is part of the Levitt base-
pair, which is the base-pair between N15 of the D-loop and
N48 in the variable loop at the start of the T-loop, [70] and
also interacts with N59 in the T-loop (Figure 2) [71]. These
interactions between the D- and the T-loops establish the

L-shape of the tRNA, indicating that formation of archaeo-
sine is involved in stabilization of the RNA molecule. In
Eukaryotes and Bacteria, where position 15 is not restricted
to a G, and other variants of the Levitt base-pair exists,
stabilization of the Levitt base-pair is brought about by Mg2+

binding. Interestingly, binding of a metal, which is less stable
at high temperatures than chemical modification, is not
compatible with archaeosine formation, suggesting distinct
evolutionary mechanisms to stabilize the L-shaped structure
of tRNAs between the Domains [72]. For modification
of the deeply buried position 15, but probably also for
other modifications, the tRNA has to adopt a different
configuration, the λ-form. The energetics involved in such
rearrangement suggest that modification enzymes might act
together in a tRNA maturation complex [71]. Modifications
in tRNAs are important for fidelity, processivity, and velocity
of translation as they can directly affect decoding for example
by modifications in the anticodon loop or in sites that are
recognized by aminoacyl-tRNA synthetases, or indirectly by
decreasing the flexibility and increasing the stability of the
molecule.

4.2. Aminoacylation. The specific coupling of amino acids
to their tRNAs yields aminoacyl-tRNAs (aa-tRNAs) and is
catalyzed by specific aminoacyl-tRNA synthetases (aaRSs).
Two classes (I and II) of aaRSs are distinguished on the basis
of their structural topology of the active site [73]. Class I
aaRSs, are generally monomeric, attach to the minor groove
of the tRNA acceptor stem, and aminoacylate the terminal
adenosine of the tRNA at the 2′-OH position, while Class
II are generally multimeric, attach to the major groove, and
aminoacylate the 3′-OH position [74]. Aminoacylation is
a two-step process. First the amino acid is activated using
ATP, forming the intermediate aminoacyl-adenylate. Once
activated, the amino acid is transferred to the 3′ adenosine
of the corresponding tRNA [74]. In Archaea and Eukaryotes,
aaRSs are often organized in higher-order complexes that
contain multiple aaRSs and other cellular factors, for exam-
ple, the large multiaminoacyl-tRNA synthetase complex in
Haloarcula marismortui that might harbour all aaRSs [75],
or the LysRS-LeuRS-ProRS complex in Methanothermobacter
thermoautotrophicus that increases the kinetics of LysRS and
ProRS [76]. In Eukaryotes complex formation is sometimes
also associated with other noncanonical functions like trans-
lational silencing, transcriptional control, or antiapoptosis
(reviewed in [74]).

A cell might contain over 25 different types of aa-tRNAs
[77]. For translation purposes there are 20 canonical elon-
gator tRNAs, usually acylated by the corresponding syn-
thetases, and an initiator aa-tRNA, acylated by methionyl
tRNA synthetase. In Bacteria and eukaryotic organelles,
the initiator Met-tRNAMet is subsequently formylated by
a specific formyltransferase, in contrast to the situation in
Eukaryotes and Archaea. In addition, a small number of
noncanonical elongator tRNAs have been discovered (selen-
ocysteinyl-tRNA, and pyrrolysyl-tRNA; see below). After
coupling, aa-tRNAs are screened for their correctness by
the translation elongation factor EF-Tu (eEF1A/aEF1α in
Eukaryotes and Archaea) and delivered to the ribosome,
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Figure 1: Overview of the processes involved in genetic Information Processing in Archaea (TFS: Transcription Factor S; TME: tRNA
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with the exceptions of the initiator aa-tRNA that is
verified and delivered by translation initiation factors, and
selenocysteinyl-tRNA that is verified and delivered by SelB.

The second major group of aa-tRNAs is composed by
misacylated translation substrates. A part is due to mistakes
by the synthetases. Because elongation factor EF-Tu verifies
aa-tRNAs before delivery to the ribosomes, and due to rapid
editing by synthetases these errors are low: in most cases
once in 106 events or less [78, 79]. aaRSs have special editing
domains, which are located at a distant position from the
synthetic domain, to decouple amino acids from misacylated
tRNAs. It has been suggested that amino acid selection of
the aaRSs depends on a double sieve mechanism, in which
the substrate selection at the editing site is the inverse of the
substrate selection at the synthetic site. For example, during
coupling at the synthetic site, the amino acids larger than
the cognate will be rejected. Then subsequent translocation
to the editing site takes place where amino acids smaller
than the cognate will be removed [80]. Unfortunately, this
model is not complete as the editing site of some aaRSs
can still edit on the basis of substrate selection present

at the synthetic site. In a more recent model for class I
aaRSs, it is proposed that the resting state of an aaRSs has
the CCA of a bound tRNA at the editing site. When the
intermediate aminoacyl-adenylate is formed in the synthetic
site, the CCA of the tRNA is translocated to the synthetic
site, allowing aminoacyl transfer from the adenylate to the
CCA. After that the aminoacylated-CCA is translocated back
to the editing site, allowing inspection, and subsequent
hydrolysis or release of the aa-tRNA. This model uses two
translocation actions providing the opportunity for kinetic
proofreading (discussed later) [78]. Besides the editing
domains available in aaRSs themselves, free-standing editing
proteins, homologs to aaRSs that lack the acylation domain,
also exists in all three domains [81–83].

In addition to accidentally misacylated tRNAs, there
is also a group of aa-tRNAs that is deliberately misacy-
lated by aminoacyl-tRNA synthetases, and are subjected
to pretranslational amino acid modification. In a large
number of Archaea, for example, Methanothermobacter ther-
mautotrophicus [84], and Bacteria glutamate and aspartate
are coupled to tRNAGln and tRNAAsn, respectively, by a
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nondiscriminating aaRS, and then converted by a tRNA
amidotransferase into Gln-tRNAGln and Asn-tRNAAsn.Other
deliberate mis-acylation pathways include cysteinyl-tRNACys

(via O-phosphoseryl-tRNACys) in methanogenic Archaea
[85], and selenocysteinyl-tRNASec (via seryl-tRNASec) [86]
(reviewed in [77]).

4.3. Translation. Polymerization of amino acids is catalyzed
by the ribosome, a large ribonucleoprotein complex that
consists of 3-4 ribosomal RNAs and a large number of
ribosomal proteins [87]. Archaeal translation is initiated
by recognition of the small ribosomal subunit (30S) of
an initiation codon, and the formation of the initiation
complex, which includes the initiation factors, the initiator
tRNA (Met-tRNAMet) and mRNA. When the initiation
complex is formed, the large subunit (50S) joins and the
monomeric 70S ribosome is formed. Several mechanisms
are known for initiation site recognition. Best known for
prokaryotes is the mechanism that is associated with a Shine-
Dalgarno (SD) motif that is recognized by the anti-SD motif
on the 16S rRNA of the 30S. Although it is best known, it
is not primarily used by all Bacteria or Archaea. Sulfolobus
and Pyrobaculum, for example, use the SD mechanism only
on distal cistrons of polycistronic transcripts, and not for
the first cistron [88, 89]; in addition, Haloarchaea, hardly
make use of this mechanism at all [90]. In Eukaryotes,
that are devoid of the SD mechanism, the 40S cannot
interact directly with mRNA, but needs mediation by the
5′-cap binding complex eIF4F. After binding of mRNA, it

scans the RNA for an initiation codon by moving in the
3′ direction. Once located, the 60S joins the complex, the
initiation factors leave, and elongation can start [91]. Less
frequently, Eukaryotes use an IRES-dependent recognition
mechanism, in which the complex IRES structures, that
are located in the 5′-UTR, are recognized by IRES-binding
transacting factors that are involved in recruitment of the
small subunit [92]. All three domains of life also contain
leaderless mRNAs, transcripts that start with 5′-terminal
initiation codons, and that can be efficiently translated by all
ribosomes regardless of the source [93, 94]. While leaderless
transcripts are rare in Bacteria and Eukaryotes, they are
abundant in many Archaeal species, being the primary
mechanisms for monocistronic mRNAs and opening cistrons
[88–90, 95]. It is thought that these leaderless transcripts
are relics of primitive translation systems [93]. Recently,
a novel mechanism has been identified in Haloarchaea,
and although the exact molecular details are unknown, it
has been demonstrated to act on transcripts that do not
contain SD nor IRES motifs, however the efficiency of their
translation depends on the 5′-UTR sequence involved [94].

On the basis of structural and chemical similarities
between the homologous systems, translation elongation
in Archaea is most likely very similar to that in Bacteria
and Eukaryotes. Bacterial translation elongation occurs as
follows. First, a ternary complex, which consist of an
aminoacyl-tRNA, elongation factor EF-Tu (eEF1A/aEF1α in
Eukaryotes/Archaea), and GTP is delivered to the Aminoacyl
(A)-site. This complex reacts with the peptidyl-tRNA har-
boring the Peptidyl (P)-site. During this reaction, that is
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discussed below in more detail, the peptidyl is transferred
to the aminoacyl-tRNA, elongating the nascent chain by one
amino acid. Third the peptidyl-tRNA in the A-site and the
deacylated tRNA in the P-site move one position to the P
and the Exit (E)-site respectively, leaving the A-site empty
and ready for a new round. Energy for this translocation, in
which also the accompanying mRNA moves accordingly, is
delivered by GTP hydrolysis by EF-G (eEF2/aEF2 in Eukary-
otes and Archaea). Accuracy of the ribosome depends on (i)
kinetic proofreading, (ii) induced fit, and (iii) postpeptidyl
transfer quality control that will be discussed in more detail
in the next paragraphs (reviewed in [14]).

4.4. tRNA Selection by Kinetic Proofreading and Induced Fit.
Kinetic proofreading is a mechanism that allows discrimina-
tion between small energetic differences with low error rates
by repeated usage of those differences in distinct separate
steps and by coupling them to high-energy intermediates.
The error rate drops exponentially proportional to the num-
ber of repetitions [96, 97]. During translation elongation,
the energetic difference between the codon and anticodon
is measured first during the encounter between ribosome
and the ternary complex (initial selection), and then again
after hydrolysis of GTP, which is irreversible, when the
ribosome associates with either the ternary complex (with
GDP instead of GTP), or the free aminoacyl-tRNA when EF-
Tu is dissociated (proofreading) [14].

Recent models based on bacteria show that decoding
is composed out of seven steps [98]. (1) Initial binding:
the exceptionally fast codon-independent interaction of the
ternary complex to the ribosome is determined by EF-
Tu and the ribosome, probably with a key role for the
L7/L12 stalk. (2) Codon recognition: the formation of a
complementary codon-anticodon at the decoding centre,
what is reflected by a correct (presumably Watson-Crick)
geometry, induces conformational changes in the 16S rRNA,
while near-cognate geometry induces a different structural
change that leads to an almost 1000-fold higher dissociation
rate, although recognition rates remain almost similar.
(3) GTPase activation: the GTP hydrolysis rate is increased
by binding of cognate tRNAs compared to near-cognate
binding. The local 16S rRNA conformational changes upon
cognate binding (step (2)) lead to a closed conformation
of the 30S ribosomal subunit. This conformational signal is
communicated to the 50S ribosomal subunit and affects EF-
Tu GTP hydrolysis. Near-cognate binding induces a different
structural change in the decoding centre what most probably
does not lead to the closed conformation of the 30S subunit,
and thereby does not affect EF-Tu GTP hydrolysis. Slowing
down hydrolysis increases discrimination capacity, however
at the cost of velocity. (4) GTP hydrolysis: the rate of GTP
hydrolysis by EF-Tu depends on the activation state of EF-
Tu. (5) Conformational change of EF-Tu: EF-Tu changes from
the GTP-form to the GDP form. This conformational change
is limited by the rate of inorganic phosphate release. EF-
Tu releases the aa-tRNA probably during the transition.
(6) Accommodation or rejection: after release, the 3′ end of
the aa-tRNA has to move almost 70 Å from its binding

site on EF-Tu to the Peptidyl Transferase Centre (PTC),
while the codon-anticodon interaction should remain intact.
Accommodation in the PTC of cognate aa-tRNA is rapid and
efficient, in contrast to near-cognate aa-tRNA that is mostly
rejected because of the low stability of binding and lower
rate for accommodation. (7) Peptidyl-transfer: the Peptidyl
chain is transferred from the aa-tRNA on the P-site to the aa-
tRNA on the A-site, elongating the nascent peptide with one
amino acid. Initial selection occurs in steps (1) to (3), while
proofreading occurs in step (6).

The ribosome not only uses kinetic proofreading to
improve its selectivity it also uses an additional principle
to further improve it: induced-fit. Induced-fit is a principle
in which the correct substrate induces a conformational
change leading to an acceleration of the desired process,
while an incorrect substrate has the opposite effect. During
decoding a correct codon-anticodon interaction accelerates
both GTPase activation and accommodation steps, while
a noncorrect near-cognate interaction inhibits both steps,
leading to rejection [98]. It was reported that near-cognate
tRNAs showed an increase in GTP consumption relative
to the amount of amino acids incorporated, while other
noncognate tRNAs did not. This suggests that noncognate
tRNAs are already rejected during the second step whereas
near-cognate are expelled during the fifth step after GTP
hydrolysis, showing the importance of kinetic proofreading
and induced fit for reliable discrimination between cognate
and near-cognate tRNAs [99].

4.5. Postpeptidyl Transfer Quality Control. The molecu-
lar characteristics of Postpeptidyl transfer quality control
(PPQC) have only recently been discovered in detail using
bacterial in vitro systems [100], but it is likely to occur also
in Eukaryotes and Archaea. Like proofreading in nucleotide
polymerization, the ribosome senses mismatching after the
polymerization reaction (peptidyl transfer in this case).
However, where in replication and transcription exonucle-
ases could erase the mistake, the ribosome should take
more drastic actions to undo translation errors: abortive
termination of the nascent peptide chain. Trigger for PPQC
is mismatching between tRNA and template at the P-site of
the ribosome. A mismatch at the P-site increases selection of
noncognate tRNA at the A-site dramatically. After peptidyl
transfer and subsequent translocation, the nascent chain
contains two wrong subsequent amino acids, and both E-
site as P-site harbour a mismatching tRNA. Mismatching
at both E- and P-site leads to strongly stimulated release
of the nascent peptide chain, increasing the rate constants
for release in a range comparable to tRNA selection due to
increased binding of Release Factors [100].

4.6. Termination. Translation terminates when a stop-codon
reaches the A-site. Unlike other codons a stop-codon is rec-
ognized by proteins that mimic tRNAs: class-1 release factors
(RF1s). These factors induce hydrolysis of peptidyl-tRNA,
disconnecting the nascent chain from the tRNA. While
Bacteria use two release factors (RF1 and RF2) that recog-
nize different stop-codon pairs (UAA/UAG and UAA/UGA,
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resp.), most Archaea and Eukaryotes have a single one
(aRF1 and eRF1, resp.) that recognizes all three stop-codons.
Results from experiments with genuine archaeal release
factors and archaeal/eukaryotic chimeras in eukaryotic in
vitro translation systems suggest similar mechanisms for
both [101]. An interesting variant on this theme is found
in pyrrolysine-utilizing Archaea. Pyrrolysine (Pyl), the 22nd
amino acid, is only found in some archaeal species belonging
to the Methanosarcinaceae and two Bacteria (Desulfitobac-
terium hafniense and an uncultured δ-proteobacteria) [102].
It is encoded by the amber stop codon (UAG). Pyl-tRNAPyl

is normally recognized by EF-Tu, implicating normal incor-
poration during elongation [103]. Methanosarcina barkeri
contains two RFs of which only one appears to be active
in termination: it was found that aRF1-1 (at least when
combined as a archaeal/eukaryotic chimera) had a lower
release efficiency for the UAG codon than for UAA or
UGA. Comparative genomics also showed that pyrrolysine-
utilizing Archaea avoid UAG as a stop codon. This suggests
that in these Archaea the genetic code is changed to incor-
porate Pyrrolysine instead of termination [101]. Reassigning
stop codons is not restricted to Archaea: the Eukaryotic
ciliates Tetrahymena thermophila and Euplotes aediculatus
reassigned stop codons, UAG and UAA to glutamine, and
UGA to cysteine, respectively, and changed specificity of their
eRF1s accordingly [104, 105]. More prominent and present
in all domains of life is selenocysteine (Sec), the 21st amino
acid. In Archaea selenoproteins are found in Methanococcus,
Methanocaldococcus, and Methanopyrus species [106]. Sec
is encoded by the opal stop codon (UGA). However in
contrast to Pyr incorporation, Sec incorporation needs a
special elongation factor (SelB) that via an extended domain
recognizes an mRNA hairpin loop downstream of a UGA
codon (the selenocysteine insertion element or SECIS)
[107]. Binding of Sec-tRNASec-SelB-GTP to this structure
leads to insertion of Sec at in-frame UGA codons. In
contrast to Bacteria, the SECIS element is located outside
of the coding region in Archaea and Eukaryotes, while the
archaeal and eukaryotic SelB contain considerably shorter
extensions. To overcome the distance, Eukaryotes evolved
an additional adapter protein (SBP2). Additionally, it was
found that the ribosomal protein L30 binds SECIS elements
and influences Sec insertion. Although a similar mechanism
is proposed for Archaea the adapter protein is not found
[86].

4.7. mRNA Surveillance. In Eukaryotes mRNA quality con-
trol processes exist that act during translation to ensure the
quality of the transcripts. These processes, called mRNA
surveillance, are dependent on the eukaryotic release factors
eRF1 and eRF3 and their paralogs Dom34 (synonym Pelota),
and Hbs1 and Ski7, respectively. Three mRNA surveillance
pathways are known in Eukaryotes. (i) Nonsense Mediated
Decay (NMD): when premature stop codons are encoun-
tered, (ii) No-go Decay (NGD): to release stalled ribosomes,
and (iii) Non-stop Decay (NSD): to rescue ribosomes that
have read through a stop codon. NMD and NSD are
restricted to Eukaryotes: as eRF3 and other components of

the NMD system are missing in Archaea. Ski7, necessary for
NSD, is even only present in the Saccharomycetales, although
recent findings suggest that Hbs1 could take over what
could mean that NSD is more widespread in Eukaryotes. In
contrast, Dom34, necessary for No-go Decay is also found
in Archaea. This suggests that NGD might be functionally
present, although Hbs1p and eRF3 are missing in Archaea
[108]. In Eukaryotes a ternary complex Dom34-Hbs1-GTP
is formed, similar to the formation of the eRF1-eRF3-GTP
complex used in eukaryotic translation termination. This
Dom34-Hbs1-GTP ternary complex is able to recognize
stalled ribosomes, leading to endonucleolytic cleavage of
mRNA by Dom34 [109, 110]. In Archaea, aRF1 is able to
terminate translation without the help of a RF3 ortholog,
what could imply that the paralogous Dom34 might be able
to perform NGD without the help of an Hbs1p ortholog
[108].

To rescue stalled ribosomes, Bacteria have a system that
uses an intermediate between tRNA and mRNA: tmRNA, an
RNA molecule with a tertiary structure similar to tRNAs, but
with an extended anticodon loop that contains an mRNA-
like ORF. If the ribosome stalls, because a transcript is
finished without a proper termination, tmRNA in concert
with SmpB and EF-Tu binds to the empty A-site of the stalled
ribosome. After translocation to the P-site, the mRNA-like
ORF located in the anticodon loop of the tmRNA takes
over the role of messenger, and encodes for a degradation
tag and ends with a proper stop-codon. After release the
nascent peptide is thus tagged for degradation, and the
ribosomal subunits are released again. This system seems
to be restricted to Bacteria as tmRNA genes have not been
identified in Eukaryotes, with the small exception of a
few eubacterial-like organelles, or Archaea [111]. Interest-
ingly, in investigations of archaeal protein degradation in
Methanococcus jannaschii, green fluorescent proteins tagged
with a ssrA-extension were used. The ssrA extension is the 11
amino acid degradation tag encoded on the tmRNA, which
gene was designated ssrA. Tagged proteins showed a rapid
unfolding and degradation while untagged proteins did not
[112].

5. Turnover of RNA and Proteins

5.1. RNA Decay. Beside above mentioned mRNA surveil-
lance during translation, more general systems are involved
in RNA turnover. Main component in these mechanisms
in Archaea is the exosome, a protein complex that includes
Rrp41 and Rrp42, a homolog of RNasePH, a bacterial
phosphorolytic nuclease, and Rrp4 and Csl4, containing
KH/S1 RNA-binding domains. The archaeal exosome is
responsible for 3′ → 5′ degradation of RNA, as well as for
3′ polyadenylation. This complex is similar to the bacterial
PNPase and the eukaryotic exosome. All three have a double-
doughnut-like structure with a central hole with a core
ring of six RNasePH-type subunits. The narrow neck of the
archaeal structure only allows single-stranded RNA devoid
of secondary structures, suggesting a regulatory role for
cofactors, as observed in Eukaryotes [113–115].
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Polyadenylation occurs mainly on fragmented molecules
as part of an RNA decay pathway in Bacteria, Archaea, and
eukaryotic cell organelles, and recently has been described
for nuclear genes from Eukaryotes as well. Although, in
contrast, in Eukaryotes poly(A) tails are also added to mature
3′ ends of most nuclear encoded, full-length, mRNAs for
proper translation initiation, and mRNA stability. The gen-
eral scheme of RNA 3′ → 5′ degradation in prokaryotes is
as follows: (1) removal of the 5′ pyrophosphate, (2) endonu-
cleolytic cleavage of the transcript, (3) poly-adenylation of
cleavage products, and (4) rapid exonucleolytic degradation
of polyadenylated products. In Sulfolobus, the exosome is able
to generate a heteromeric poly(A)-rich tail and use NDPs
as a substrate. It has been suggested that polyadenylation is
used to overcome secondary RNA structures that otherwise
cannot pass the exosome neck. Interestingly, halophilic
Archaea, together with several methanogenic Archaea, like
Haloferax, and Methanococcus, are the only known organisms
that lack polyadenylation, and do not contain an exosome
or PNPase. In these organisms poly(A)-independent RNA
degradation is performed by RNase R [116–119].

Eukaryotes also use another pathway for mRNA degra-
dation that involves 5′ → 3′ exonucleases, like Xrn1p.
Eukaryotic transcripts are protected against this rapid form
of decay by a 5′ cap. To prevent transcripts from being
decapped unintentionally, they are protected by the eukary-
otic translation initiation factor eIF4E [120]. In Archaea,
mRNAs are similarly protected from 5′ → 3′ decay by
binding of the γ-subunit of the archaeal translation initiation
factor aIF2 to the 5′ end. The similarities between both
systems suggests that 5′ → 3′ decay is common to all
domains of life [121]. Additionally, this protection offers
a mechanism to discriminate between new versus already
translated transcripts. After translation aIF2 is removed from
the mRNA, making the mRNA vulnerable to 5′ → 3′

decay as soon as translation is terminated. Interestingly, a
tight coupling beyond the use of an initiation factor to
protect mRNA, exists between transcription and translation
in Archaea, as it has been found that multiple rounds
of translation already start before transcription is finished
[122]. This tight interplay might have to be extended to
mRNA degradation as well, what would provide Archaea
with a very efficient and short information processing
pipeline.

5.2. The Protein Waste Bin. The 20S proteasome, present in
Eukaryotes, Archaea, and actinobacteria, is a barrel-shaped
complex that consists of four heptameric rings of α- and β-
type subunits in an α7β7β7α7 configuration. Other Bacteria
use the simpler HslV protease, that is structurally related to
the β-type subunits of the 20S proteasomes. The function
of the proteasome is to breakdown proteins into short
peptides that in turn can be further degraded to amino
acids by peptidases to be recycled in protein synthesis or in
metabolism. The proteasome is therefore an essential com-
ponent for protein turnover and to maintain protein quality
control by degrading misfolded and denatured proteins
[123, 124].

The protease domains of β-type subunits are located
on the inside of the barrel. This creates a tightly regulated
environment, to circumvent uncontrolled protein break-
down. In Eukaryotes, the 20S proteasome can be capped
by 19S regulatory particles (a combination of a Rpt and
Rpn proteins forming a base and a lit), on one side (26S
proteasome), or on both sides (30S proteasome). These caps
play a role in recognition and degradation of polyubiquitin
tagged substrates. Archaea encode orthologs of Rpt called
Proteasome-activating Nucleotidase (PAN). PAN is able to
unfold proteins in a ATP-dependent manner, can open
the axial gate of the 20S proteasome, and subsequently
translocates the substrate into the 20S core. Interestingly, as
mentioned earlier, the archaeal PAN is able to distinguish
between a ssrA-tagged or untagged green fluorescent protein,
which suggests a role for ssrA-tagging in peptide degradation
in Archaea, although a tmRNA system responsible for ssrA-
tagging has not been identified [112, 123, 124].

In Eukaryotes, ubiquitin and ubiquitin-like proteins,
small stable proteins that contain a β-grasp fold and that
can be attached to a wide variety of other proteins, play an
important role in targeted degradation by the proteasome.
Ubiquitylation is also used in a number of other nonprote-
olytic mechanisms like endocytosis, intracellular trafficking,
chromatin-mediated regulation of transcription, and DNA
repair. Discrimination between those target processes is
thought to be dependent on the differences in ubiquitin
chains [125]. Ubiquitin-targeted degradation is used for
quality control in Eukaryotes. Misfolded proteins in the
cytosol are recognized by chaperones, because of their toxic
hydrophobic surfaces. These chaperones recruit ubiquity-
lation enzymes (e.g., CHIP), that attach a polyubiquitin
chain to the misfolded protein after which it is degraded
or refolded [126]. In the lumen of the endoplasmatic
reticulum, N-linked oligosaccharides indicate the folding
stage, but also appear to keep track of the time a polypeptide
resides within the lumen. If misfolding occurs and the
polypeptide is trapped within the lumen, they are directed
to a ubiquitin ligase and targeted for destruction [127].

Although ubiquitin-like tagging was long thought to be
restricted to Eukaryotes, an ubiquitin-like tagging system
was recently revealed in Haloferax volcanii that is able to
tag proteins with small archaeal modifier proteins (SAMPs).
SAMPs are small proteins that contain a β-grasp fold and
a C-terminal diglycine motif similar to ubiquitin, and are
widespread among the Archaea. It was shown that SAMPs
are coupled to a wide range of proteins. SAMP1 appears
to target proteins for destruction by the proteasome [128].
Alternative signalling objectives might also be present, as
SAMP2 was also found to be coupled to a wide range
of proteins like SAMP1, but showed decreasing levels in
proteasomal mutant strains [128]. It seems to be likely that
systems similar to eukaryotic ubiquitin-targeted systems, like
targeted destruction, are also present in the archaeal domain.
Opening up a potential role for the proteasome in regulation
of protein levels, quality control against misfolded proteins,
and recycling of nonfunctional polypeptides in archaeal
cells.
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6. Concluding Remarks

It is obvious that a certain level of fidelity of genetic
information processing is of major importance to the cell,
in order to maintain the delicate balance between accuracy
on the one hand and velocity on the other. At the moment,
a rather complete picture is emerging for the three main
polymerization reactions related to genetic information
processing in living cells in general. More and more is known
about the mechanisms and the role of factors that contribute
to fidelity in these systems. To some extent these crucial
cellular processes have successfully been studied in selected
Archaea. Despite this progress, however, it is obvious that
insight in fidelity-related mechanisms in Archaea is still
relatively scarce. For that reason, extrapolations on the basis
of analogous systems of Bacteria and Eukaryotes have been
used in this overview to bridge the gaps in our understanding
of the archaeal counterparts. Although we think that most of
the described processes work similarly in Archaea, we cannot
rule out that such generalisations may in some instances
turn out to be an oversimplification of the actual situation.
As many Archaea thrive in extreme environments, it will
be very interesting to learn how fidelity mechanisms of
these extremophilic organisms are adapted to overcome these
harsh conditions. It is therefore anticipated that Archaea will
continue to play an important role in future research to
elucidate details on the intriguing systems that control the
fidelity of information processing.
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Syväoja, “Characterization of the 3′ exonuclease subunit DP1
of Methanococcus jannaschii replicative DNA polymerase D,”
Nucleic Acids Research, vol. 32, no. 8, pp. 2430–2440, 2004.

[32] L. Zhang, H. Lou, L. Guo et al., “Accurate DNA synthesis by
Sulfolobus solfataricus DNA polymerase B1 at high tempera-
ture,” Extremophiles, vol. 14, no. 1, pp. 107–117, 2009.

[33] Z. Lin, M. Nei, and H. Ma, “The origins and early evolution
of DNA mismatch repair genes—multiple horizontal gene
transfers and co-evolution,” Nucleic Acids Research, vol. 35,
no. 22, pp. 7591–7603, 2007.

[34] C. R. Busch and J. DiRuggiero, “MutS and MutL are
dispensable for maintenance of the genomic mutation rate
in the halophilic archaeon Halobacterium salinarum NRC-1,”
PLoS ONE, vol. 5, no. 2, Article ID e9045, 2010.

[35] R. Vijayvargia and I. Biswas, “MutS2 family protein from
Pyrococcus furiosus,” Current Microbiology, vol. 44, no. 3, pp.
224–228, 2002.

[36] K. G. Au, K. Welsh, and P. Modrich, “Initiation of methyl-
directed mismatch repair,” The Journal of Biological Chem-
istry, vol. 267, no. 17, pp. 12142–12148, 1992.

[37] D. W. Grogan, “Stability and repair of DNA in hyperther-
mophilic archaea,” Current Issues in Molecular Biology, vol.
6, no. 2, pp. 137–144, 2004.
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[69] J. Sabina and D. Söll, “The RNA-binding PUA domain of
archaeal tRNA-guanine transglycosylase is not required for
archaeosine formation,” The Journal of Biological Chemistry,
vol. 281, no. 11, pp. 6993–7001, 2006.

[70] M. Levitt, “Detailed molecular model for transfer ribonucleic
acid,” Nature, vol. 224, no. 5221, pp. 759–763, 1969.

[71] R. Ishitani, O. Nureki, N. Nameki, N. Okada, S. Nishimura,
and S. Yokoyama, “Alternative tertiary structure of tRNA for
recognition by a posttranscriptional modification enzyme,”
Cell, vol. 113, no. 3, pp. 383–394, 2003.

[72] R. Oliva, A. Tramontano, and L. Cavallo, “Mg2+ binding and
archaeosine modification stabilize the G15-C48 Levitt base
pair in tRNAs,” RNA, vol. 13, no. 9, pp. 1427–1436, 2007.

[73] G. Eriani, M. Delarue, O. Poch, J. Gangloff, and D. Moras,
“Partition of tRNA synthetases into two classes based on
mutually exclusive sets of sequence motifs,” Nature, vol. 347,
no. 6289, pp. 203–206, 1990.

[74] C. D. Hausmann and M. Ibba, “Aminoacyl-tRNA synthetase
complexes: molecular multitasking revealed,” FEMS Microbi-
ology Reviews, vol. 32, no. 4, pp. 705–721, 2008.

[75] Y. Goldgur and M. Safro, “Aminoacyl-tRNA synthetases from
Haloarcula marismortui: an evidence for a multienzyme
complex in a procaryotic system,” Biochemistry and Molecular
Biology International, vol. 32, no. 6, pp. 1075–1083, 1994.

[76] M. Prætorius-Ibba, C. D. Hausmann, M. Paras, T. E. Rogers,
and M. Ibba, “Functional association between three archaeal
aminoacyl-tRNA synthetases,” The Journal of Biological
Chemistry, vol. 282, no. 6, pp. 3680–3687, 2007.
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Methanogenic archaea are a group of strictly anaerobic microorganisms characterized by their strict dependence on the process of
methanogenesis for energy conservation. Among the archaea, they are also the only known group synthesizing proteins containing
selenocysteine or pyrrolysine. All but one of the known archaeal pyrrolysine-containing and all but two of the confirmed archaeal
selenocysteine-containing protein are involved in methanogenesis. Synthesis of these proteins proceeds through suppression of
translational stop codons but otherwise the two systems are fundamentally different. This paper highlights these differences and
summarizes the recent developments in selenocysteine- and pyrrolysine-related research on archaea and aims to put this knowledge
into the context of their unique energy metabolism.

1. Introduction

Expansion of the amino acid repertoire of proteins beyond
the 20 “canonical” amino acids is a phenomenon observed
almost 50 years ago [1]. Numerous modifications of the
carboxyl- or amino-terminals or the individual side chains
of amino acids after ribosomal synthesis of the respective
polypeptide had finished were identified and the biosynthetic
path elucidated (reviewed in [2]). It is thus not surprising
that a similar process was assumed when selenocysteine,
2-selenoalanine, was discovered as constituent of eukaryal
and bacterial proteins [3]. What made selenocysteine special
is that subsequent efforts established the cotranslational
nature of its insertion into proteins at the position of a
UGA stop codon on the respective mRNA [4, 5]. Thus,
selenocysteine was designated the 21st proteinogenic amino
acid [6]. Discovery of pyrrolysine, lysine with εN in
amide linkage to (4R,5R)-4-methyl-pyrroline-5-carboxylate,
occurred in a different order, a single in-frame amber codon
within the gene encoding the monomethylamine (MMA)
methyltransferase in Methanosarcina barkeri [7, 8] was later

found to correspond to pyrrolysine in the crystal structure
[9, 10] and have its own tRNA [11]. As pyrrolysine was also
shown to be inserted cotranslationally, it was designated the
22nd proteinogenic amino acid [10]. Beside the fact that
translation of selenocysteine and pyrrolysine both involves
suppression of stop codons the two systems have little in
common (also reviewed in [12, 13]). To emphasize the dif-
ferences between the mechanisms underlying selenocysteine
and pyrrolysine translation, to summarize recent insights
from efforts to better understand the biology of these two
unusual amino acids, and to put this knowledge into the
physiological context of the unique energy metabolism of
methanogenesis are the aims of this paper.

2. Selenocysteine and Methanogenesis

The early observation that selenium supply influences
growth performance of some methanogens [14–16] is due
to the fact that most of their selenocysteine-(Sec-)containing
enzymes are involved in the organism’s primary metabolism,
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methanogenesis. This process is of profound global impor-
tance as ca. 2% of the net CO2 fixed into biomass is recycled
through methane [17, 18]. All known methanogens are
members of the domain archaea. The range of substrates
methanogenic archaea use for methanogenesis is rather
limited reflecting the narrow ecological niche methanogens
occupy; mostly simple C1- and C2-compounds such as
CO2 (with hydrogen as reductant), carbon monoxide,
methanol, methylamines (mono-, di-, and trimethylamine,
as well as tetramethylammonium ion), methylsulfides, and
acetate are converted to methane. The different substrate
classes are metabolized via distinct, but overlapping, path-
ways of methanogenesis (for reviews, see [19–21]). Of
the five established orders of methanogenic archaea [22],
the Methanococcales, Methanobacterales, Methanomicrobiales,
Methanopyrales, and Methanosarcinales, all (with very few
exceptions) but the latter are strictly hydrogenotrophic, that
is, only H2 + CO2 and/or formate serve as energy substrates.

It is intriguing that before Böck’s and Stadtman’s labo-
ratories became famous for their selenium-related research
they both studied (among other things) different aspects of
methanogens [32–34]. It, thus, seems a striking coincidence
that within the Archaea proteins containing selenocysteine
[35], are until now restricted to methanogens (Methanococ-
cales and the related Methanopyrales) [36, 37]. The known
archaeal Sec-containing proteins are listed in Table 1. It
should be emphasized that most methanogens do not employ
selenocysteine, which poses the question as to why they get
along just fine without it while others employ, and sometimes
even depend on, the residue. There is no straightforward
answer to this question but some considerations will be given
below.

If the methanogenic growth substrate is formate, it
is first oxidized to CO2 via (sometimes Sec-containing)
formate dehydrogenase (FDH, Figure 1) [24]. In the hydro-
genotrophic pathway of methanogenesis, CO2 is sequentially
reduced to methane in seven steps via coenzyme-bound
intermediates using H2 as the electron donor (Figure 1).
The eight-electron reduction proceeds through the redox
levels of formate, formaldehyde, and methanol. Formyl-
MF dehydrogenase (FMD), of which a subunit (FwuB) can
contain Sec [25] catalyzes CO2 reduction to the formyl-level
and attachment to methanofuran (a 2-aminomethylfuran
derivative). Of the three hydrogenases responsible for hydro-
gen activation in Methanococcus, subunits of two can contain
Sec. These are the large subunit of the F420-dependent hydro-
genase Fru (FruA, F420 is a hydride carrier functionally anal-
ogous to dinucleotide cofactors) [38] and two subunits of the
F420-independent Vhu hydrogenase (VhuU and VhuD) [39].
Vhu and the heterodisulfide reductase (HDR), of which the
large subunit (HdrA) can contain Sec [40], form a tight com-
plex [41]. The heterodisulfide of coenzyme M and coenzyme
B formed in the last step of methanogenesis serves as the
terminal electron acceptor, which is reduced by HDR [18].

3. Pyrrolysine and Methanogenesis

The Methanosarcinales have the most diverse catabolism of
all methanogens, largely due to the ability to use methy-

lated substrates. Methylotrophic methanogenesis requires
simultaneous oxidation and reduction of the methyl group
(Figure 2) on the same C1 carriers employed during
hydrogenotrophic methanogenesis. The reducing equiva-
lents from the oxidation of one methyl group, at least
some of which are produced as hydrogen [42], are used
to reduce three methyl groups to methane. Several steps
of both the reductive and oxidative branches of methy-
lotrophic methanogenesis may rely on distinct isozymes
from those essential for acetotrophic or hydrogenotrophic
methanogenesis [43]. Both oxidative and reductive branches
originate with methyl-Coenzyme M (methyl-CoM); thus,
key to the diverse substrate range of Methanosarcinales are a
number of methyltransferases with specificity for a particular
methylated substrate such as methanol [44, 45], MMA [46],
dimethylamine (DMA) [47], or trimethylamine (TMA) [48].
Each methyltransferase methylates a dedicated cognate cor-
rinoid protein, subsequently demethylated by one of several
corrinoid protein:CoM methyltransferases, such as MtbA,
or MtaA [49]. An iron-sulfur protein, RamA, reductively
activates the methylamine corrinoid proteins prior to initial
methyl transfer [50]. The corrinoid proteins are homologous
to the B12-binding domain of methionine synthase [7, 8,
51, 52] and share the double Rossman fold which binds
the cofactor, while the corrinoid:CoM methyltransferases
are closely related to uroporphorinogen decarboxylases
[51, 53]. Both corrinoid proteins and CoM methylases
are often erroneously classified as their more commonly
known homologs in genome annotations. In contrast, the
methanol, MMA, DMA, and TMA methyltransferases share
no sequence similarity with each other [7, 8]. However, both
the methanol [54] and MMA methyltransferases [9] have
TIM barrel structures in common with methyltransferases
interacting with homologous corrinoid proteins [55].

Multiple isoforms of each type of methyltransferase and
cognate corrinoid protein are often encoded in different
Methanosarcinales genomes [56–59]. Mutagenesis of all three
methanol methyltransferase genes is required to eliminate
methanol dependent growth in Methanosarcina acetivorans
[60]. Although two MMA methyltransferase genes (mtmB1
and mtmB2) are found in M. barkeri MS, only MtmB1 is
isolated as an abundant protein during growth on MMA [46,
61]. The mtmB2 gene of Methanosarcina mazei is most highly
expressed during growth on methanol, possibly representing
a nitrogen scavenging strategy [62]. MttB1, the predominant
TMA methyltransferase isoform [48, 61], may preferentially
interact with a TMA-specific permease in Methanococcoides
burtonii [63].

The abundance of the isolated methylamine methyltrans-
ferases added to the initial surprise of finding a single in-
frame amber codon in mtmB1 in two different strains of M.
barkeri [7]. An amber codon was also found in the M. barkeri
mtbB1, mtbB2, and mtbB3 genes encoding isozymes of DMA
methyltransferase, and the M. barkeri and Methanosarcina
thermophila TMA methyltransferase gene mttB [8]. The
genomes of M. barkeri, M. acetivorans, M. mazei, and M.
burtonii have since shown the amber codon is a conserved
trait in all methylamine methyltransferase genes [56–59]. In
each class of methyltransferase the amber codon placement
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Table 1: Sec-containing proteins of archaea.

Selenoprotein-containing enzyme Subunit Function Characteristic organism Reference

Formate dehydrogenase FdhA Methanogenesis Methanococcus vannielii [23][24]

Formyl-methanofuran dehydrogenase FwuB Methanogenesis Methanopyrus kandleri [25]

F420-reducing hydrogenase FruA Methanogenesis Methanococcus voltae [26]

F420-nonreducing hydrogenase
VhuD Methanogenesis

Methanococcus voltae

[26][27]

VhuU Methanogenesis

Heterodisulfide reductase HdrA Methanogenesis Methanocaldococcusa jannaschii [28]

Selenophosphate synthetase homomeric Sec synthesis Methanococcus maripaludis [28, 29]

HesB-like protein unknown Unknown (iron/sulfur cluster assembly?) Methanococcus maripaludis [29, 30]
aMethanococcus jannaschii was placed in a separate genus, Methanocaldococcus [31].
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Figure 1: Scheme of hydrogenotrophic methanogenesis involving Sec-containing proteins (orange); the Cys-containing isoforms are in
white. CoM-S-S-CoB, heterodisulfide of coenzyme M and coenzyme B; Fd, ferredoxin; Fdox, oxidized Fd; Fdred, reduced Fd; FDH, formate
dehydrogenase; FMD, formyl-methanofuran dehydrogenase; Fru, F420-reducing hydrogenase; F420, (oxidized) 8-hydroxy-5-deazariboflavin
derivative; F420H2, reduced coenzyme F420; H4MPT, tetrahydromethanopterin, HDR, heterodisulfide reductase; HS-CoB, coenzyme B (N-
7-mercaptoheptanoyl-O-phospho-L-threonine); HS-CoM, coenzyme M (2-mercaptoethanesulfonic acid); MF, methanofuran; Vhu, F420-
nonreducing hydrogenase.

is different, but conserved in genes encoding isozymes of a
particular methyltransferase. A single exception is the mttB3
gene of M. burtonii that lacks an in-frame amber codon
[63]. This gene is not expressed during growth on TMA
[63], but may instead be specific for a known or unknown
methylotrophic substrate. For example, the encoding gene
for tetramethylammonium chloride methyltransferase is not
yet identified [64]. The UAG codon remains in methylamine

methyltransferase transcripts [8], yet little detectable UAG
termination product of mtmB is detectable in cell extracts
[65, 66]. Peptide sequencing of HPLC isolated peptides
revealed the reading frame conserved before and after the
UAG-encoded position [8, 65], with a lysine observed at
the UAG-encoded position. Lysine codon usage is normal
in other genes in M. barkeri, and the possibility that a labile
lysine residue could be present at the UAG position that was
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Figure 2: Scheme of methylotrophic methanogenesis. Methyl groups from methanol, TMA, DMA, and MMA are mobilized into metabolism
by the action of a substrate-specific methyltransferase interacting with its cognate corrinoid protein in which the cofactor’s cobalt ion
cycles between methyl-Co(III) and Co(I) states. Methyltransferases that are pyrrolysyl-proteins are marked with an asterisk. The corrinoid
cofactor is then demethylated by the action of a methylcobamide:CoM methyltransferase such as MtbA (for methylamines) or MtaA (for
methanol). Adventitious oxidation can inactive the corrinoid proteins to the Co(II) state, which can be reductively reactivated by RamA (for
methylamines) and possibly by RamA homologs for other pathways. Reducing equivalents in the form of hydrogen, F420H2, or Fdred from the
oxidation of methyl-CoM are used to reduce methanophenazine (MP) and subsequently CoM-S-S-CoB, thereby generating ATP via electron
transport phosphorylation and the free HS-CoM and HS-CoB cofactors; CoM-S-S-CoB is then recycled by the reduction of methyl-CoM to
methane. See Figure 1 for cofactor abbreviations.

destroyed during peptide isolation [65] was addressed by
the structure of MtmB and the subsequent visualization of
pyrrolysine [9, 10]. Mass spectroscopy of MtmB, MtbB, and
MttB confirmed the mass of pyrrolysine corresponding to the
proposed structure at the UAG encoded position of all three
proteins [61].

4. Peculiarities of Archaeal Selenocysteine
Synthesis and Incorporation

The pathway of Sec biosynthesis and incorporation is well
understood in E. coli [67]. First, Sec-specific tRNA (tRNAsec)
is charged with serine by seryl-tRNA synthetase, and the
seryl moiety is subsequently converted to a selenocysteyl-
moiety by Sec synthase (SS). The selenium donor is
selenomonophosphate generated by selenophosphate syn-
thetase (SPS). The specialized translation elongation factor
SelB (homologous to EF-Tu) delivers in its GTP-bound form
the selenocysteylated tRNA to the ribosome via binding of a
secondary structure on the selenoprotein mRNA, the SECIS
element, located immediately adjacent to the UGA codon
[68–71]. This binding triggers a conformational change

in the quaternary Sec-tRNAsec-SelB-GTP-SECIS complex,
which allows for insertion of the charged tRNA into the
ribosomal A site [72, 73].

Both Sec synthesis and Sec insertion differ in Archaea
from the bacterial path (Figure 3). In fact, identical strategies
appear to be employed by archaea and eukarya—to the
exclusion of bacteria. Conversion of the seryl-moiety to Sec
proceeds via two steps: seryl-tRNAsec is phosphorylated to
O-phosphoseryl-tRNAsec in an ATP-dependent reaction by
phosphoseryl-tRNAsec kinase (PSTK) [74, 75]; subsequently,
the O-phosphoseryl-moiety is converted to the Sec-moiety
by O-phosphoseryl-tRNAsec:Sec synthase (SepSecS) [76].
SepSecS (also named SecS in the eukaryal system [77])
is (like SS) a pyridoxal phosphate-dependent enzyme, and
its proposed reaction mechanism is analogous to that
proposed for bacterial SS [76, 78]. Although it has been
shown for Trypanosoma brucei that only the PSTK- and
SepSecS-dependent pathway is present [79], and although
high-resolution structures of both enzymes have recently
become available [80–84], the physiological function of O-
phosphoseryl-tRNAsec and, thus, the selective advantage for
investing an additional ATP in Sec synthesis (as compared to
the bacterial system) is not evident. The possibility that this
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Figure 3: Schematic representation of selenocysteine biosyn-
thesis and incorporation in Archaea. 3′UTR, 3′-untranslated
region; PSTK, seryl-tRNAsec kinase, [Se], reduced Se-species; SelB,
Sec-specific elongation factor; SepSecS, O-phosphoseryl-tRNAsec:
selenocysteine synthase; Ser, serine; Se-P, seleno(mono)phosphate;
SerRS, seryl-tRNA synthetase; SPS, selenophosphate synthetase; see
text for details.

pathway renders activation of selenium in the SPS reaction
unnecessary [85, 86], turned out not to apply [29]. Severely
selenium deprived rats were shown to incorporate cysteine
at the selenocysteine-position of selenium-dependent thiore-
doxin reductase, probably in order to salvage at least some
enzymatic activity [87]. Furthermore, it was suggested that
O-phosphoseryl-tRNAsec might be converted to cysteinyl-
tRNAsec in Methanococcus maripaludis [88]. However, if
no highly stringent mechanisms to ensure the fidelity of
codon/amino acid correlation during translation under
“normal” physiological conditions were operative, such a
possibility would render any UGA codon within a seleno-
protein mRNA ambiguous for the amino acid to be inserted,
which in turn would have detrimental effects on the “mis-
translated” protein’s activity. Fortunately, M. maripaludis,
for which this scenario was proposed, is the ideal model to
study it and exciting new insights regarding the physiological
meaningfulness of the additional phosphorylation step await
us. The same is true for the in vivo role of selenium-binding
protein (SeBP), a 81 amino acid polypeptide which binds
one reduced selenium per tetrameric protein in vitro [89, 90]
and could therefore be involved in transport and intracellular
trafficking of selenium.

In eukarya and archaea, the SECIS element is located
in the nontranslated regions of selenoprotein mRNAs; note-
worthy, there is no relation between the SECIS elements in

terms of structure and/or sequence, which indicates that they
have distinct evolutionary origins [67] and that the modes
of SECIS-function, that is, SECIS recognition, might differ.
While the bacterial SECIS is specifically bound by the Sec-
specific translation elongation factor SelB, the archaeal and
eukaryal counterparts are not; there, the respective SelBs do
not contain a C-terminal extension shown to be responsible
for SECIS-binding in E. coli [91–93]. Instead eukaryal SECIS
elements are bound by “SECIS-binding protein 2” (SBP2)
and the ribosomal protein L30 [94, 95]. Other factors have
also been shown to be involved in SECIS-dependent UGA
recoding, but their exact function is not clear yet (current
knowledge is summarized in [96, 97]). So far, no SECIS-
binding factor has been identified in Archaea. Homologs of
SBP2 are not encoded in any available archaeal genome and
the two L30 homologs of Methanococcus maripaludis appear
not to be involved in selenocysteine insertion because their
homologous overproduction had no effect on selenoprotein
formation of the organism (Sattler and Rother, unpublished
data). Further, Methanocaldococcus jannaschii encodes three
L30 homologes [40] and the one most similar to SBP2 was
tested whether it could function in eukaryal selenoprotein
synthesis but did not [94]. This may not be too surprising as
both the structure/sequence and the distance of the archaeal
SECIS elements to the respective UGA codons they recode is
different to the eukaryal SECS elements [67], which may be
as far as 5.4 kb downstream of their cognate UGA [98] with
an average distance of 500–2,500 nt [30, 99]; the archaeal
SECIS structures are usually located in closer proximity
(80–1,300 nt [40, 100, 101]). It is possible that a distance
constraint is the reason for a unique situation regarding
the selenoprotein FdhA (encoding a subunit of formate
dehydrogenase; see Table 1); the putative SECIS element
is located in the 5′-nontranslated region of the respective
deduced mRNA, maybe because the distance of the Sec
codon and the 3′-nontranslated (>1,600 nt) region would
be too great. However, this scenario needs to be verified by
experimentation and fortunately, the tools required for such
an in vivo analysis are now available [102, 103].

5. Pyrrolysine Synthesis and
Incorporation Is Different from Sec

An amber decoding tRNAPyl (then called tRNACUA) was
identified as the product of the pylT gene [11] simultane-
ously with the discovery of pyrrolysine. This gene is the
first of the pylTSBCD gene cluster found in representative
Methanosarcinales [11]. The five pyl genes have proven
sufficient for the biosynthesis and genetic encoding of
pyrrolysine [66].

Initial scenarios suggested that tRNAPyl might be charged
with lysine, either by a complex of class I and class II lysyl-
tRNA synthetases [104], or by the pylS gene product, iden-
tified as a homolog of class II aminoacyl-tRNA synthetases
[11]. Both ideas proved incorrect. Loss of the genes encoding
one or the other LysRS from Methanosarcina acetivorans does
not affect UAG translation as pyrrolysine [105], and the
substrate of PylS is not lysine, but pyrrolysine itself [106].
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Figure 4: Schematic representation of pyrrolysine incorporation
into protein. The pylB, pylC, and pylD genes have been shown to
enable pyrrolysine biosynthesis in E. coli, but their exact roles are
unknown. A conceptual and speculative scheme is shown which is
keeping with the activities of proteins in their respective proteins
families. Lysine is likely to form the acyl of pyrrolysine, but may
also be coupled to an early precursor which subsequently cyclizes
after amide bond formation. Pyrrolysine is given entrance to the
genetic code by PylS in Archaea, the equivalent in Bacteria are the
products of the split gene pylSc and pylSn. The direct formation of
pyl-tRNAPyl is likely followed by binding to the elongation factor
used by the canonical amino acids, that is, EF-1α in Archaea.
The common bacterial elongation factor EF-Tu can bind charged
tRNAPyl both in vivo and in vitro. The recognition of pyl-tRNAPyl

by non-specialized elongation factors underlies the relatively high
level of UAG translation in a reporter gene such as uidA with
an introduced amber codon in organisms having tRNAPyl, PylS,
and pyrrolysine or an analog to charge tRNAPyl. The PYLIS is not
essential for this level of translation, as shown by replacement of
PYLIS in mtmB1, but may enhance UAG translation to some extent.
This effect is unlikely to require the structure formed by PYLIS. See
text for further details.

Quite unexpected by analogy to selenocysteine, pyrrolysine
is not made on tRNAPyl, but as a free amino acid which is
directly ligated to the tRNA (Figure 4).

PylS is a pyrrolysyl-tRNA synthetase, as shown by in
vitro activity with chemically synthesized pyrrolysine [10,
107, 108]. The 50 μM Km of PylS for stereochemically pure
pyrrolysine remains the lowest observed for any substrate or
pyrrolysine analog tested [107]. The function of the pylS and
pylT gene products was confirmed by in vivo synthesis of
pyrrolysine-containing proteins in E. coli transformed with
pylT and pylS and supplemented with exogenous pyrrolysine
[107]. As an orthologous pair, PylS and tRNAPyl have been
exploited in recent years to incorporate Pyl analogs with

modifiable tags for production of recombinant proteins
with derivatizable residues [109–111]. Several structures of
the catalytic core of M. mazei PylRS enzymes are now
available, although these lack the first 180 residues of the
protein [112–115]. The activated pyrrolysyl-adenylate made
prior to ligation to tRNAPyl lies in a deep groove with
the pyrroline ring buried in a hydrophobic pocket [113,
114]. A mobile loop can bring a tyrosine into H-bonding
distance of the imine nitrogen of pyrrolysine [113], but is
not essential for activity [114]. Analogs of pyrrolysine lacking
an electronegative group at this position are recognized
with a lowered specificity constant [116]. Mutation of the
hydrophobic pocket has led to enhanced activity with a
derivatizable pyrrolysine analog [117], or εN-acetyl-lysine
[118].

In contrast to the single archaeal pylS gene, bacteria such
as Desulfitobacterium hafniense encode pylS in two separate
genes, with the catalytic domain encoded by pylSc and the
N-terminal region encoded by pylSn [11, 13, 106]. PylSc is
competent in vitro as a pyrrolysyl-tRNA synthetase, but has
minimal detectable activity in vivo [115, 119]. This may be
due to high affinity binding of tRNAPyl by PylSn which pre-
sumably interacts with PylSc (Jiang and Krzycki, manuscript
in preparation). The structure of PylSc and tRNAPyl complex
[115] revealed the compact core of tRNAPyl enhancing
interaction with the catalytic domain. Interestingly, unique
elements of tRNAPyl such as the elongated anticodon stem,
small variable loop, and T-loop without the classical TψC
sequence [11, 120], were not directly contacted by PylSc.

Recombinant expression of pylTSBCD in E. coli results in
translation of UAG as internally biosynthesized pyrrolysine
in reporter proteins [66]. Transformation of only pylBCD
leads to pyrrolysine production, as determined by PylS-based
charging and amino acid activation assays [66]. The recom-
binantly produced amino acid comigrates with synthetic
pyrrolysine in TLC (Gaston and Krzycki, unpublished data).
The enzymatic activities of the pyrrolysine biosynthetic
genes, that is, PylB, PylC, and PylD are yet unknown but
they share homologies that lead to logical possibilities [11,
66, 121]. The pylB gene product is highly similar to biotin
synthase, while lacking key residues for binding dethiobiotin
but it has all other hallmarks of the radical SAM family whose
members catalyze various intramolecular rearrangements,
reductions, and methylation reactions [122]. PylB may
catalyze formation of the methylated ring or ring precursor.
The pylC gene product is related to the carbamoyl-phosphate
synthetase and D-alanine-D-alanine ligase superfamily and
might play a role in amide bond of pyrrolysine between lysine
and the ring precursor. PylD has an NAD-binding signature,
and could be involved in formation of the imine bond.

The ability of a single gene cluster, pylTSBCD, to trans-
form a naı̈ve organism to incorporate genetically encoded
biosynthesized pyrrolysine could underlie the far-flung dis-
tribution of pyrrolysine genes in microbes [66]. Although
only Methanosarcinales are known to have pyl genes in the
Archaea, all five pyl genes have been noted in Gram-positive
bacteria such as Desulfitobacterium hafniense [11], Desulfo-
tomaculum acetoxidans, and Acetohalobium arabaticum [13].
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A recently sequenced genome also reveals a complete pyl
operon in Thermincola sp. JR as well. Examples of pyl
genes are also found in Gram-negative bacteria such as a
δ-proteobacterial worm intestinal symbiont [123]. In the
Gram-positive bacteria, pylScBCDSn typically form a single
gene cluster (with the exception of A. arabaticum where pylSn
precedes pylSc), whereas in the δ-proteobacterium separate
pylBCD and pylTScSn gene clusters are found on different
contigs of the unclosed genome sequence.

UAG appears to serve globally as both sense and stop
codon in archaea having the pyl genes. An E. coli uidA
gene with an introduced amber codon transformed into M.
acetivorans resulted in mostly amber-terminated gene prod-
uct, but also produced full-length active β-glucuronidase,
complete with pyrrolysine, at an apparent efficiency of 20%–
30% [124]. When this data is considered in light of the
translation of mtmB1 or reporter genes with introduced
amber codons in E. coli dependent on pylT and pylS [66, 107,
124], it appears very likely that amber suppression underlies
this relatively high level of pyrrolysine incorporation.

Sec incorporation into protein requires the presence of
the SECIS element in the transcript as discussed above. An
analogous pyrrolysine insertion sequence (PYLIS) element
was proposed [125] whose basic structure exists in solution
[126]. In the initial sequencing of the first mtmB and mttB
genes, this same element was observed, but nothing similar
could be seen in mtbB [127], a result that was further
emphasized by a later more exhaustive bioinformatics study
[12]. Direct replacement of the PYLIS confirmed it was not
essential for incorporation of pyrrolysine into MtmB, albeit
with a decrease in full-length product in the absence of the
element [124]. Concomitant increase in amber-truncated
mtmB1 product indicated that some portion of the PYLIS
might enhance UAG translation or diminish UAG-directed
termination. The effect observed is unlikely to require the
entire structure formed by the PYLIS as comparison of the
PYLIS from ten methanogen mtmB genes shows only limited
evidence of covariance [128].

Again, unlike Sec, factors that might participate in
highly efficient translation of UAG as pyrrolysine during
mtmB expression have not been identified. Two release
factors are encoded in the genomes of M. mazei and M.
acetivorans, which were proposed to possibly participate in
UAG translation as pyrrolysine by differential recognition of
stop codons [12], but only one of these homologs is found in
the genomes of M. barkeri, M. burtonii, or Methanohalophilus
mahii suggesting this could not be a general method of
enhancing UAG translation. The two release factors from M.
acetivorans were tested and one was capable of recognizing all
three stop codons, whereas the other had no activity, leaving
its function an open question [129].

Unlike Sec-tRNASec, Pyl-tRNApyl can be recognized by
bacterial EF-Tu in vitro [120] and in vivo [107], and by
eukaryotic EF-1α as well [110, 111]. This would seem to
obviate the need for another elongation factor, although it
would be possible that an elongation factor with a higher
affinity for Pyl-tRNAPyl could function in pyrrolysine-
utilizing archaea or bacteria. The pyl genes-containing

Methanosarcinales encode an archaeal EF1α, as well as a SelB
homolog that could enhance recognition of Pyl-tRNAPyl

[130]. This idea has not yet been tested, but it should be
noted that close homologs of this same SelB-like protein
could be found in other methanogens that lack pyl genes,
indicating the role of this factor may not be connected to
pyrrolysine metabolism.

6. Why Use Sec?

Most of the organisms for which genome information is
available obviously do not employ Sec at all. Although
not abided by all bioinformaticians, more than a TGA-
interrupted gene and an orphan translation factor are needed
to conclude that an organism synthesizes selenoproteins
[131]. The simplest way would be to conduct an experiment
but at least tRNAsec and the Sec-biosynthesis factors (SS or
PSTK/SepSecS) have to be encoded as well.

Why organisms use Sec is still not understood, mostly
because for most characterized selenoproteins the specific
functions of Sec are still unknown. Furthermore, for all but
one of the selenoproteins of prokaryotes (clostridial glycine
reductase), homologous proteins with cysteine (Cys) at the
respective position exist [132]. This is true even within one
organism in Sec-utilizing methanogens. In M. maripaludis
strain JJ, for example, all of its selenoproteins are dispensable
during growth with H2 + CO2 because they can be substi-
tuted by a set of Cys-isoforms. On the other hand, a very
close relative, M. maripaludis strain S2, cannot do without
its selenoproteins, probably because for at least one of them
no complementing Cys-isoform exists or is sufficiently active
[29]. It was shown for strain JJ that the Cys-isoforms are
present at a much higher level than the selenoproteins they
replace, which was interpreted as a means to counteract
decreased kinetic efficiency of the Cys-containing proteins
in order to retain competitive substrate flux through the
methanogenic pathway [133]. Thus, using selenoproteins
could be a strategy to avoid unnecessary protein synthesis.
However, the notion that selenoenzymes are “super-cysteine-
enzymes”, an argument often used and derived from the
observed drastically lower enzymatic efficiencies of Sec to
Cys mutant variants of selenoproteins [134, 135], is proven
to not always be correct [136]. It can, thus, not be the sole
explanation for the use of Sec. The same is true for the
argument that Sec is more reactive than Cys due to the fact
that the selenol group is mostly deprotonated at physiological
pH while the thiol group is mostly protonated due to the
different pKa values (5.2 for Sec, 8.3 for Cys) [137, 138].
However, measuring the respective values in different Cys-
and Sec-containing peptide- and protein-contexts showed
that pKa cannot serve as the sole explanation for the
use of Sec [139, 140]. Selenoproteins have a lower redox
potential than their Cys-homologs in the cases where this
was determined [141, 142], a feature that is also often
used to explain the use of Sec. It was recently pointed
out that Sec has a higher nucleophilic character than Cys
and as a consequence might better facilitate initial high
rates in redox catalysis [143]. On the other hand, it has
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been argued that higher electophilicity of Sec than Cys
and ultimately protection of a Sec-containing enzyme from
overoxidation could be the “biological rationale” to employ
Sec [144]. However, all these arguments may be true for
some, but most probably not for all Sec-containing proteins.
Furthermore, a much more facile accessibility of the radical
oxidation state of Sec as compared to Cys has been observed
and although no known selenoproteins has been shown to
use a radical mechanism, the electrochemical difference is
remarkable. Therefore, it may have biological implications,
such as in mediation of one-electron- and two-electron-
transfer processes [145]. All of the mentioned potential
advantages of Sec over Cys might apply for methanogenic
archaea employing Sec, as most of the selenoproteins act
in the central metabolic pathway, methanogenesis, and the
organisms thrive at lowered redox potential conditions [146].
As such, methanogenic archaea would be ideal to study
the differences between selenoproteins and their cysteine-
containing isoforms in a naturally occurring system.

Today, there is broad consensus that Sec constitutes a very
ancient trait, present already in the last universal common
ancestor [76, 147, 148]. A simple explanation of why some
methanogens use Sec and others do not is unequal loss of
the trait due to different selective pressures during evolution.
Closely related Methanococcus species, or even strains of the
same species probably represent “moments” in this process
[29, 149]. The Sec-utilization trait was and is being lost in
archaea—and those still synthesizing selenoproteins might
just thrive under conditions, like permanent absence of
oxygen and low reductant concentration, which are not
selecting against this trait. On the other hand, very low
selenium availability should rapidly select against this trait
and with typical environmental concentrations of selenate
ranging from 20 nM to less than 100 pM [150, 151] such a
scenario is plausible. Furthermore, microbial and chemical
reduction of selenate [152, 153] and selenite [154] to
insoluble elemental selenium and gaseous hydrogen selenide
can deplete bioavailable selenium even further.

7. Why Use Pyl?

The major physiological reason apparent for pyrrolysine
remains methylamine methyltransfer. The pyl operon lies
adjacent to a separately transcribed MMA methyltransferase
operon in all Methanosarcina species examined to date [11].
The only essential activity lost by deletion of pylT and
the pyl promoter from M. acetivorans is the ability to use
methylamines, resulting in cells unable to grow on MMA,
DMA, or TMA, yet with no apparent defect in growth
or methanogenesis from methanol or acetate, save that
methylamines no longer are a nitrogen source [155]. This
result suggests that the only viable routes to metabolism of
methylamines in this organism are the corrinoid-dependent
methyltransferases made via UAG translation as pyrrolysine.

To date, every bacterial species found to have a pyl operon
has also had homologs of methylamine methyltransferase
genes with conserved amber codons. Nearby genes often
encode corrinoid proteins, and occasionally bacterial RamA

homologs, and corrinoid:pterin methyltransferases. These
genes suggest some of these bacteria have pathways to mobi-
lize methylamine into metabolism as methylated pterins to
serve as electron donors for anaerobic respirations and as
a source of cellular carbon and nitrogen. Few examples
exist of bacteria that use CoM (e.g., see [156]), however,
in D. acetoxidans a cluster of genes encoding homologs of
MtmB, its cognate corrinoid protein MttC, CoM methylase
MtbA, and bacterial RamA are found. It is tempting to
suggest this organism could employ CoM as a methyl-
donor. At times, the link between methylamine metabolism
and the pyl operon is even more intimate than seen with
the methylamine utilizing methanogens. For example, the
pyl gene cluster of A. arabaticum is interspersed with a
gene encoding a trimethylamine methyltransferase homolog
[13], and in D. acetoxidans an iron-sulfur protein encoded
between pylT and pylS is a member of the bacterial family
of proteins that are close homologs of RamA, demonstrated
to activate the methylamine:corrinoid methyltransferase
reaction in methanogenic archaea [50].

Homologs of the methanogen methylamine methyltrans-
ferases whose genes lack an amber codon are found in
the genomes of many bacteria and a few nonmethanogenic
archaea [11, 12, 123]. Such genomes always lack a complete
set of pyl genes, unless they also possess methylamine
methyltransferase genes with amber codons. Genes pre-
sumably encoding pyrrolysine-free homologs of the TMA
methyltransferase are relatively prevalent, and BLAST [157]
searches will readily retrieve such homologs predominantly
from various α-proteobacteria, as well as in Bacteriodes spp,
and the crenarchaeote Thermofilum pendulans. Rarer exam-
ples of DMA methyltransferase and MMA methyltransferase
gene homologs lacking the amber codon can also be found.
These proteins are diverged from the methylamine methyl-
transferases with pyrrolysine, and it remains to be seen if
these genes are actual methylamine methyltransferases. The
methylamine methyltransferases without amber codons have
at the site corresponding to pyrrolysine a small or bulky
hydrophobic residue, suggesting that these proteins will not
have similar chemistry.

This begs the question as to what function pyrrolysine
could serve in the demonstrated methylamine methyltrans-
ferases. Pyrrolysine brings a unique electrophilic nature to
the repertoire of genetically encoded amino acids, one that
can otherwise only be introduced into proteins by cofactors
or residue modification [158]. Pyrrolysine reactivity with
nucleophiles [9, 10] suggests the ability to participate in
corrinoid dependent methylamine methyltransferase reac-
tions by interacting with either the methylamine substrate or
product. In the case of the MMA methyltransferase, pyrroly-
sine lies in the bottom of an anionic cleft that corresponds
to the active site in corrinoid-dependent methyltransferases
that are structurally analogous to MtmB [9, 10]. The
pyrroline ring rotates by 90◦ upon forming an adduct
with a nucleophile such as ammonia or hydroxylamine,
and it is postulated that such a methylamine-pyrrolysine
adduct could facilitate methyltransfer to the Co(I) form
of the cognate corrinoid protein [9]. The ring rotation
would bring the methyl-group of the MMA-pyrrolysine
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adduct into roughly the same position occupied prior to
corrinoid transfer of the methyl-group during function
of the methyl-tetrahydrofolate:corrinoid methyltransferase
domain of methionine synthase [55]. Recently, site directed
mutagenesis and inhibitor studies showed that pyrrolysine
is crucial for rapid transfer of the methyl-group to corri-
noid cofactor or protein (Longstaff, Soares, and Krzycki,
manuscript in preparation). However, while these studies
will demonstrate the importance of pyrrolysine in methyl-
transfer, many aspects of the proposed model for pyrrolysine
function remain completely untested and are a priority for
the field.

Pyrrolysine has been physically observed in one protein
beyond methylamine methyltransferases, Thg1 from M.
acetivorans [159, 160]. Thg1 homologs are present in a
diverse number of methanogens, and in M. acetivorans only,
the gene has acquired an in-frame amber codon that can
be translated as pyrrolysine and is not essential for activity.
This result is not surprising, considering Methanosarcina
acetivorans will incorporate pyrrolysine into a recombinant
bacterial reporter protein whose gene has an introduced
amber codon [124]. Other examples of the ambiguity of UAG
codons in M. acetivorans are readily found. The pyl genes
themselves contain an example of a UAG codon serving as
stop rather than sense codon. The pylB gene has a TAA codon
ending the open reading frame in M. barkeri, but a TAG
codon corresponds to the same position in M. mazei, M.
acetivorans, and M. burtonii, and when the M. acetivorans
gene is expressed in E. coli with TAG changed to TAA,
the protein is functional in pyrrolysine biosynthesis [66]. A
family of transposase genes derived from a Bacillus insertion
element found in M. acetivorans and M. mazei [12, 56, 58]
may also prove an interesting story when the functionality
of these genes is investigated. Each representative has a
conserved in-frame amber codon. One of the M. acetivorans
transposase genes with an amber codon is most similar
to several from M. mazei, indicating possible transfer of
this transposase gene between species. The same family of
transposases is found in M. burtonii, but in spite of the
presence of pyl genes in this organism, these highly similar
genes lack the amber codon [128].

8. Conclusion

Selenocysteine and pyrrolysine are powerful examples of the
versatility inherent in the genetic code. They further provide
examples of how precedent, though valuable, is not always
the best predictor in scientific investigation, and that unpre-
dicted paths can often be found as solutions for apparently
similar phenomena. Selenocysteine was first thought to be
another example of a posttranslationally modified amino
acid, and was later found to be a genetically encoded amino
acid made and incorporated into protein in a way unlike the
canonical twenty amino acids. Pyrrolysine was subsequently
thought to be most likely analogous to selenocysteine, yet it is
biosynthesized and ligated to tRNA in a manner much more
reminiscent of the common twenty amino acids. The story
of each of these residues illustrates the immense information

and opportunity found in the sequenced genomes, but also
provides a reminder of the obligate pairing of prediction with
experimental investigation.
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“Nucleotide sequence and expression of the selenocysteine-
containing polypeptide of formate dehydrogenase (formate-
hydrogen-lyase-linked) from Escherichia coli,” Proceedings of
the National Academy of Sciences of the United States of
America, vol. 83, no. 13, pp. 4650–4654, 1986.
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Journal of Bacteriology, vol. 187, no. 17, pp. 6147–6154, 2005.

[63] T. J. Williams, D. W. Burg, H. Ertan et al., “Global proteomic
analysis of the insoluble, soluble, and supernatant fractions
of the psychrophilic archaeon Methanococcoides burtonii
part II: the effect of different methylated growth substrates,”
Journal of Proteome Research, vol. 9, no. 2, pp. 653–663, 2010.

[64] S. Asakawa, K. Sauer, W. Liesack, and R. K. Thauer,
“Tetramethylammoniumml:coenzyme M methyltransferase
system from Methanococcoides sp,” Archives of Microbiology,
vol. 170, no. 4, pp. 220–226, 1998.

[65] C. M. James, T. K. Ferguson, J. F. Leykam, and J. A. Krzycki,
“The amber codon in the gene encoding the monomethy-
lamine methyltransferase isolated from Methanosarcina
Barkeri is translated as a sense codon,” Journal of Biological
Chemistry, vol. 276, no. 36, pp. 34252–34258, 2001.

[66] D. G. Longstaff, R. C. Larue, J. E. Faust et al., “A natural
genetic code expansion cassette enables transmissible
biosynthesis and genetic encoding of pyrrolysine,”
Proceedings of the National Academy of Sciences of the United
States of America, vol. 104, no. 3, pp. 1021–1026, 2007.

[67] A. Böck, M. Thanbichler, M. Rother, and A. Resch,
“Selenocysteine,” in Aminoacyl-tRNA Synthetases, M. Ibba,
C. S. Francklyn, and S. Cusack, Eds., pp. 320–327, Landes
Bioscience, Georgetown, Wash, USA, 2005.

[68] F. Zinoni, J. Heider, and A. Böck, “Features of the formate
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“Cotranslational insertion of selenocysteine into formate
dehydrogenase from Escherichia coli directed by a UGA
codon,” Proceedings of the National Academy of Sciences of
the United States of America, vol. 84, no. 10, pp. 3156–3160,
1987.

[139] G. Bulaj, T. Kortemme, and D. P. Goldenberg, “Ionization-
reactivity relationships for cysteine thiols in polypeptides,”
Biochemistry, vol. 37, no. 25, pp. 8965–8972, 1998.
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Proteins can be acetylated at the alpha-amino group of the N-terminal amino acid (methionine or the penultimate amino acid after
methionine removal) or at the epsilon-amino group of internal lysines. In eukaryotes the majority of proteins are N-terminally
acetylated, while this is extremely rare in bacteria. A variety of studies about N-terminal acetylation in archaea have been reported
recently, and it was revealed that a considerable fraction of proteins is N-terminally acetylated in haloarchaea and Sulfolobus, while
this does not seem to apply for methanogenic archaea. Many eukaryotic proteins are modified by differential internal acetylation,
which is important for a variety of processes. Until very recently, only two bacterial proteins were known to be acetylation targets,
but now 125 acetylation sites are known for E. coli. Knowledge about internal acetylation in archaea is extremely limited; only two
target proteins are known, only one of which—Alba—was used to study differential acetylation. However, indications accumulate
that the degree of internal acetylation of archaeal proteins might be underestimated, and differential acetylation has been shown to
be essential for the viability of haloarchaea. Focused proteomic approaches are needed to get an overview of the extent of internal
protein acetylation in archaea.

1. Introduction

Many different forms of posttranslational modifications of
proteins have been characterized. Posttranslational modifi-
cations can influence many different features of proteins, for
example, their folding, activity, stability, antigenicity, intra-
cellular localization, and interaction with other proteins or
with nucleic acids. The fraction of posttranslationally mod-
ified proteins and thus the importance of posttranslational
modification is generally believed to be very different for
eukaryotes—having a high fraction of modified proteins—
and prokaryotes, which are thought to harbor only very few
modified proteins.

For eukaryotes it is thought that acetylation is the most
common covalent modification out of 200 types that have
been reported [1]. It has also been argued that acetylation
is a regulatory modification of the same importance as
phosphorylation [2]. The arguments were that acetylation,
like phosphorylation, affects many different proteins, can
have a variety of consequences, and can regulate key
cellular processes in response to extracellular signals [2].
Nevertheless, the wealth of experimental data on protein

phosphorylation in eukaryotes is much higher than on
acetylation, and in addition, it was typically generated earlier.

In stark contrast to eukaryotic proteins, until very
recently only very few bacterial proteins were known to
be acetylated. It has long been thought that this would
also be true for archaeal proteins, and thus several years
ago it was summarized that the available results underscore
the conviction that N-terminal acetylation is fundamentally
different in eukaryotes compared to archaea and bacteria
[3]. The belief that protein acetylation plays an insignificant
role in Archaea also held true in the archaeal community
for example, in a review about “posttranslation protein
modification in Archaea” only about 1% of the text was
dedicated to protein acetylation [4].

However, results obtained during recent years have
revealed that this belief is far from being true and that—
in contrast—N-terminal protein acetylation adds to the
ever growing number of biological functions that combine
eukaryotes and archaea to the exclusion of the bacteria.
Earlier recognized examples of similarity between eukaryotic
and archaeal systems are the proteins and DNA elements of
the transcription initiation machinery [5, 6], the presence of
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histones [7], the translation initiation factor repertoire [8],
and replication proteins [9].

However, the information about protein acetylation in
archaea is still pretty limited. Therefore, this paper plays
a dual role on the one hand it will summarize the results
about protein acetylation in archaea, and on the other hand
it has the hope to nudge further research in this fascinating
and mainly unexplored area. Two different types of protein
acetylation are known, which will be discussed sequentially,
that is, (1) the acetylation of the alpha-amino group of the
N-terminal amino acid of proteins and (2) the acetylation
of the epsilon-amino group of internal lysine residues. The
former reaction is irreversible, and acetylated proteins stay
modified until their degradation, in contrast to the latter,
which is reversible and its biological role is thought to be
the differential regulation of proteins, for example, the DNA-
binding affinity of histones, the most extensively studied
example of internally acetylated eukaryotic proteins.

2. N-Terminal Protein Acetylation in
Eukaryotes and in Bacteria

The occurrence of N-terminal acetylation of proteins in
eukaryotes was discovered very early; the first example was
described in 1958. In the next decades many examples
were found, typically when protein sequencing via the
standard method of that time, Edman degradation, was
unsuccessful because the N-terminus was “blocked” and
alternative methods were developed to unravel the nature
of the chemical modification of the alpha amino group. In
a review in 1985, already more than 300 examples were
listed, which represented more than 100 different proteins,
many of which had been analyzed from several species
[10]. Recently, techniques have been developed to specifically
enrich N-terminal peptides and use mass spectrometric
techniques for large-scale analyses of the correct start codon,
methionine removal, and covalent modification of the
alpha amino group [11, 12]. Examples for their application
are the determination of more than 900 N-termini from
human HELA cells and of more than 1200 N-termini from
Drosophila melanogaster proteins [13, 14]. The new large-
scale studies underscore that knowledge about N-terminal
protein acetylation in eukaryotes reviewed earlier [1, 3] still
holds true and give it a higher statistical validation. The
identity of the N-terminal amino acid is determined by the
activity of the methionine aminopeptidase (MAP). In fact
the methionine is removed by MAP from the vast majority
of eukaryotic proteins, and thus most proteins start with
the second (penultimate) amino acid of the genomically
encoded open reading frame. Eukaryotes contain three
different N-terminal acetyltransferases (Nat) termed NatA,
NatB, and NatC, which have different substrate specificities.
They acetylate a high fraction of proteins, for example,
around 60% in yeast, 30% in D. melanogaster, and more
than 80% in humans [14, 15]. NatA acetylates proteins
beginning with the N-terminal amino acids Ser, Ala, Gly, or
Thr. Therefore NatA depends on the prior action of MAP.
As the N-terminal methionine is removed from the majority

of proteins, NatA is the major player responsible for N-
terminal acetylation. It could be shown that NatA is highly
conserved and a yeast NatA mutant could be rescued by
human NatA, which acetylated in yeast nearly the same set of
proteins as the endogenous NatA, albeit only partially [15].
NatB is specific for proteins starting with methionine and a
bulky hydrophobic amino acid in the second (penultimate)
position, while NatC is specific for the N-termini Met-Glu
and Met-Asp. NatB and NatC are therefore independent
of methionine removal by MAP. N-terminal acetylation
in eukaryotes occurs cotranslationally, when the amino
terminus leaves the ribosome and is complete when the first
40–50 amino acids have been synthesized [3, 16]. In spite
of the fact that N-terminal protein acetylation in eukaryotes
is known for more than 50 years, the biological function
of acetylation of a major fraction of proteins is still not
really known. For several proteins, differences between the
acetylated and nonacetylated form have been described,
including differential activity, biological half life, or thermal
stability [3, 17], but a general role of acetylation has not
yet been found. An obvious function that has repeatedly
been discussed is stabilization of proteins from proteolytic
degradation, and the finding that acetylated proteins are
strongly overrepresented among the most abundant proteins
[18] is in line with this view. However, recently also the
opposite has been proposed, namely, that N-terminal acety-
lation creates specific degradation signals [19]. Irrespective
of the clarification of these opposing views, it is clear that N-
terminal acetylation is of great significance in vivo, because
single deletion mutants of all three genes encoding the
three Nats in yeast are highly impaired. Characterization of
the human homologs has revealed that depletion of hNatB
results in a disruption of normal cell cycle progression, while
depletion of hNatC induces apoptosis and cell death [20, 21].

In stark contrast to the high fraction of N-terminally
acetylated proteins in eukaryotes, only very few proteins were
found to be N-terminally acetylated in bacteria. Only five
E. coli proteins are known to be N-terminally acetylated,
three of them being the ribosomal proteins S5, S12, and
S18. In contrast to eukaryotes, acetylation in E. coli occurs
posttranslationally. Acetylation of S12 has been shown to sta-
blize the ribosomal stalk complex [22]. Three proteins with
Nat activity are known, RimI, RimJ, and RimL. However,
at least RimJ has a dual function; a native RimJ as well as
an acetylation-deficient variant could suppress the different
phenotypes of a ribosomal protein S5 (G28D) mutation,
that is, cold-sensitivity, anomalous ribosomal profiles and
mRNA misreading. RimJ was found to be associated with the
pre-30S subunit, and it was proposed that it is a ribosome
assembly factor in addition to being an N-terminal acetyl
transferase [23].

3. N-Terminal Protein Acetylation in
the Archaea

Already 20 years ago it was reported that a few ribosomal
proteins of haloarchaea are acetylated at their N-terminus
[24–26]. However, this did not increase the interest in
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protein acetylation in archaea because on the one hand it
perfectly fitted to the bacterial paradigm and thus seemed
to underscore that protein acetylation is a rare event also
in archaea, and on the other hand only extremely few
reports about the acetylation of archaeal proteins appeared.
The reason why the degree of N-terminal acetylation was
overlooked for so long is probably that the acetylation
typically is only partial (see below) and that therefore
the un-acetylated fraction allowed successful N-terminal
sequencing, and therefore ample “proof” was generated
that archaeal proteins are blocked in only extreme rare
cases.

One large-scale proteomics study with Halobacterium
salinarum and Natronomonas pharaonis completely changed
the picture and currently dominates the view about the
degree of N-terminal acetylation in “the archaea.” It should
be noted that this is no exception but that the current
view about protein acetylation in “the eukaryotes” and “the
bacteria” is also based on studies with only one or very few
species. The above-mentioned large-scale proteomic study
let to the identification of 606 N-terminal peptides from H.
salinarum and 328 N-terminal peptides from N. pharaonis,
adding up to a sum of 934 N-termini. On the one hand,
the results were used to enhance the reliability of start
codon assignments, which is not trivial in high G+C-rich
genomes, and to reveal the extent and the rules of N-terminal
methionine cleavage in haloarchaea [27].

On the other hand, the results were used to specifically
address the question of the degree of N-terminal protein
acetylation in haloarchaea [28]. It turned out that the N-
terminal methionine was cleaved from about two-thirds of
all haloarchaeal proteins. Cleavage occurred when the penul-
timate amino acid was small (glycine, alanine, proline, valine,
serine, threonine). The substrate specificity for haloarchaeal
methionine aminopeptidases (MAPs) matches the specificity
of bacterial and eukaryotic MAPs, and thus the biochemistry
of methionine removal appears to be universally conserved.
Surprisingly, it was found that N-terminal acetylation is not
uncommon in haloarchaea, but that 14% to 19% of the
proteins are N-terminally acetylated.

This is in stark contrast to E. coli and reminds more of
the situation in eukaryotes; albeit the fraction of acetylated
proteins is somewhat smaller. Acetylation occurred nearly
exclusively after methionine removal, and only serine and
alanine as penultimate amino acids were acetylated [28]. It
was found that also the antepenultimate position (position
three of the open reading frame and position two in the
protein after methionine removal) has a strong influence
on protein acetylation. Acetylation is favoured when serine,
alanine, and glycine are in the antepenultimate position,
while, in contrast, aspartic acid and glutamic acid in this
position strongly interfere with acetylation. Therefore, while
the degree of acetylation somewhat resembles that of eukary-
otic proteins, the substrate specificities of the respective NATs
are different as eukaryotic proteins are regularly acetylated
when acidic amino acids are in the antepenultimate position
[3]. The acetylation pattern is most similar to the substrate
specificity of the yeast NatA enzyme, while NatB- and NatC-
like activities are missing in haloarchaea.

Very few exceptions from the “haloarchaeal acetylation
rules” were observed, most of which were conserved between
both species. Examples are the alpha subunit of the pro-
teasome (see below), the beta subunit of prefoldin and a
hypothetical protein. This indicates that in addition to one
or more general Nats, also one or very few additional acetyl
transferases with a very high substrate specificity exist in
haloarchaea.

It was also shown that the acetylation efficiency for
the majority of acetylated proteins is not 100%, but that
it differed protein specifically from 13% to 100%. This
could be an indication that N-terminal protein acetylation in
archaea does not occur cotranslationally, like in eukaryotes,
but posttranslatinally. While the genes for putative Nats
have been detected in haloarchaeal genomes, as yet no
experimental data about the molecular mechanism of N-
terminal acetylation are available.

A few additional proteomic studies enable first esti-
mations about how general these results are true for “the
archaea.” A proteomic study with a third haloarchaeon,
Haloferax volcanii, representing a third genus, mostly under-
scored the results of the study discussed above [29]. N-
terminal peptides of 236 proteins were identified, and the
initial methionine was removed in 70% of all cases. 29% of
all proteins were N-terminally acetylated, a fraction that is
somewhat higher than for the other two haloarchaeal species.
One explanation could be that the degree of acetylation is
higher in Haloferax than in Halobacterium and Nitrosomonas;
an alternative explanation could be that the fraction of
identified proteins was lower for H. volcanii and that the
degree of acetylation is higher for abundant proteins (like in
eukaryotes). Nevertheless, the study showed that significant
N-terminal acetylation occurs in at least three different
haloarchaeal genera and thus can probably be generalized to
all haloarchaea.

The situation seems to be different for another group
of the Euryarchaeota, the methanogenic archaea. Two pro-
teomic studies are available for Methanococcus jannaschii,
which identified 72 proteins and 963 proteins, respectively
[30, 31]. Only a single acetylation site at an internal lysine
was reported [30], while N-terminal acetylation is not
mentioned at all. Of course one explanation could be that
it was overlooked based on the—at that time—general belief
that it does not occur in archaea anyhow. However, I find it
more probable to assume that it would have been detected,
like in haloarchaea, if it would also occur in methanogenic
archaea. Therefore, the two proteomics studies as well as
many studies about individual proteins can be taken as
an indication that N-terminal acetylation in methanogenic
archaea is very rare or does not occur.

A very limited proteomic survey of N-terminal acety-
lation was performed with Sulfolobus solfataricus, a species
belonging to the kingdom of Crenarchaeota [32]. Of the 26
N-terminal peptides identified, 17 were acetylated. Although
no “per cent” values can be calculated due to the low absolute
numbers of proteins, the fraction of N-terminally acetylated
proteins appears to be much higher than for haloarchaea.
Clearly a more general study is needed to clarify if these
values are of statistical significance. If this would turn out
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to be true, Sulfolobales and maybe Crenarchaeota as a whole
would be more alike eukaryotes than all hitherto tested
species of Euryarchaeota. For both Cren- and Euryarchaeota
it was found that acetylation occurred at penultimate serine
and alanine residues, and for both groups partial acetylation
was observed.

The S. solfataricus genome was found to contain one gene
encoding a putative Nat (sso0209), which was named ssArd1
based on a sequence identity of 37% with the human Ard1,
a homologue of yeast NatA. The protein was heterologously
produced, and it was confirmed that it can acetylate the N-
terminus of Alba, a DNA-binding protein of Sulfolobus [32].
A variety of Alba mutants as well as additional Sulfolobus
proteins were used to characterize the substrate specificity
of ssArd1. Surprisingly it was found that in addition to
N-terminal Ser and Ala (a NatA-like activity) also the N-
termini Met-Glu and Met-Leu were acetylated (NatC- and
NatB-like activity). Therefore, it was concluded that the
situation in Sulfolobus represents an ancestral state with a
single Nat, which is not part of a protein complex and
which has a broader substrate specificity compared to the
eukaryotic Nats. Eukaryotic Nats have later experienced
gene duplications and have evolved further into specialized
proteins [32]. The fact that some proteins with an N-terminal
Ala are not acetylated in vitro and in vivo was taken as a first
indication that N-terminal acetylation in Sulfolobus might
occur posttranslationally and the degree of folding of the
N-terminus determines whether a protein is a substrate for
ssArd1.

The exceptional acetylation of the N-terminus Met-Gln
was not only found for the alpha subunit of the proteasome
in H. salinarum and N. pharaonis (see above), but also in
Haloferax volcanii [33]. In the latter species the penultimate,
Gln was mutated to several other amino acids, and the
consequences for methionine removal and acetylation in
vivo were characterized [34]. As expected, the introduction
of an Ala at the penultimate position resulted in total
methionine removal and Ala acetylation, indicating that
the protein had been switched from a specific into the
default haloarchaeal acetylation pathway. Unexpectedly the
N-terminal methionine was not removed in the two mutants
Q2S and Q2V, in contrast to the usual substrate specificity of
the haloarchaeal MAP.

Both mutants (Q2S, Q2V) were acetylated at the methio-
nine, indicating that the presumed specific acetylase can
tolerate Ser and Val at the penultimate position. Three other
mutations (Q2D, Q2P, Q2T) resulted in protein mixtures
comprised of methionine cleaved and uncleaved, acetylated
and unacetylated forms, indicating that these variants are
partial substrates for MAP and specific/default Nat [34].
Clearly, further research is needed to identify the presumed
specific Nat and unravel its molecular mechanism. While it
does not belong to the topic of this paper, it is interesting
to note that the different single amino acid mutants affected
the phenotype of the cells, for example, osmotolerance, ther-
motolerance, or growth rate, underscoring the importance of
the proteasome for the physiology of haloarchaea [34].

Also the yeast proteasome, which consists of seven
different alpha and seven different beta subunits, is target

for N-terminal acetylation. In contrast to haloarchaea, no
specific Nat is required, but acetylation is performed by
the defaults Nats. However, the situation is rather complex:
NatA, NatB, and NatC are all required and responsible for the
N-terminal acetylation of a specific subset of subunits [35].

4. Internal Protein Acetylation in
Eukaryotes and Bacteria

In eukaryotes many proteins are differentially acetylated at
the epsilon-amino group of internal lysines. Only very little
is known about internal protein acetylation in archaea (see
below), therefore the overview about internal acetylation
in eukaryotes will be kept rather short. By far the most
studied eukaryotic target proteins for internal acetylation
are the histones, which in addition to acetylation can be
posttranslationally modified by phosphorylation, methyla-
tion, ubiquitination, and ADP ribosylation [36]. Acetylation
shields the charge of the lysine amino group and therefore
decreases the binding affinity to DNA; therefore differential
acetylation is a means for the regulation of gene expression
via differential DNA compaction. Several families of histone
acetyl transferases (HATs) and histone deacetylases (HDACs)
exist in eukaryotes (e.g., [37, 38]). The names HAT and
HDAC are used even when the enzymes have also or even
only other targets than histones. Special interest has been
given to the Sir2 subfamily of protein deacetylases (also
called Sirtuins), which are highly conserved and occur not
only in eukaryotes, but also in bacteria and archaea. They
are NAD-dependent deacetylases and have been shown
to be involved not only in a variety of gene regulatory
pathways, but also metabolism, cell motility, multicellular
development in social amoeba, longevity in response to
caloric restriction, and different kinds of cancers [39–42].
Therefore especially HDACs have been tested as possible
targets for anticancer treatments, and HDAC inhibitors have
in fact entered Phase I clinical trials [43]. Today many
different proteins in addition to histones are known to
be regulated by differential acetylation [17, 44] including
the cytoskeleton protein tubulin [45, 46]. Acetylation can
have an influence on transcriptional regulation, pre-mRNA
splicing, protein stability, protein interactions, cell cycle,
circadian rhythm, and others [17].

Until very recently it was believed that in bacteria internal
acetylation hardly occurs at all. Only two proteins were
known to be acetylated at an internal lysine, that is, the
chemotaxis protein CheY and the acetyl-CoA synthase. A
protein acetyl transferase (PAT) and the deacetylase CobB
(belonging to the Sir2 family) have been identified, which
regulate the acetylation level of both proteins [47–51].
However, an affinity enrichment of acetylated peptides from
E. coli led to the identification of 125 acetylation sites in
85 proteins, indicating that internal acetylation is much
more common in bacteria than previously thought [52].
The proteins belong to a variety of functional classes,
for example, protein synthesis, carbohydrate metabolism,
nucleotide metabolism, and TCA cycle. 83 of the 125 acetyla-
tion sites were exclusively modified during stationary phase
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and deacetylated when stationary phase E. coli cells were
inoculated into fresh medium. Therefore, it has been argued
that the main biological function of internal acetylation in E.
coli might be the downregulation of protein activities during
phases of starvation [52]

5. Differential Internal Protein Acetylation
Is Essential at Least for Haloarchaea

One genetic approach has been performed to elucidate the
importance of internal protein acetylation for the haloar-
chaeal species H. volcanii [53]. The genome of H. volcanii
was found to contain three genes for protein acetylases
and two genes for protein deacetylases. All three acetylases
belong to the Gcn5 family of acetylases and have been
named Pat1, Pat2 (Hvo 1756 and Hvo 1821), and Elp3
(Hvo 2888). One of the deacetylases (Hvo 2194) belongs to
the Sir2 subfamily, while the second (Hvo 0522) belongs
to the HdaI family. It was attempted to construct single
deletion mutants of all five genes. Four of the five mutants
could be generated and grew indistinguishably from the wild
type. However it turned out to be impossible to generate
the hdaI deletion mutant, indicating that the deacetylase
HdaI is essential for H. volcanii. This was experimentally
proven by the ability to delete the chromosomal hdaI gene
in a strain that carried a copy of the gene on a plasmid. As
the hdaI gene overlaps and is cotranscribed with the gene
encoding the histone, it is reasonable to assume that the
histone is one substrate for HdaI. It remains to be clarified
whether differential histone acetylation is essential for H.
volcanii or whether the acetylation of other target proteins of
HdaI is responsible for the phenotype. While single mutants
of all three acetylase genes could be obtained, the pat2
elp3 double mutant could not be generated. Therefore, the
two genes are synthetically lethal indicating that they have
overlapping substrate specificities and that the acetylation
of at least one protein is essential for H. volcanii. The fact
that the ability for reversible internal protein acetylation
is essential for H. volcanii underscores the importance for
this posttranslational modification at least for this archaeal
species. As genetic techniques for other archaeal species have
been developed [54, 55], it will be interesting to clarify
whether this is also true for additional species and can be
generalized to many or all Archaea.

6. Internal Protein Acetylation in
the Archaea: ALBA and a Little Bit More

The first archaeal protein with an internally acetylated lysine
was reported as early as 1978; it was a 2Fe-2S ferredoxin
from H. salinarum (at that time named H. halobium), which
was monoacetylated on lysine 118 near the C-terminus [56].
Shortly thereafter it was reported that the homologous 2Fe-
2S ferredoxin from H. marismortui (at that time named
“Halobacterium from the Dead Sea”) was acetylated at
the equivalent position [57]. However, these observations
did not trigger subsequent interest in differential protein

acetylation in archaea and are today known by only few
researchers.

Obvious candidates as targets for internal acetylation
are the archaeal histones. It has long been argued that
archaeal histones lack the N-terminal domain of eukaryotic
histones, which are heavily posttranslationally modified and
can therefore not be acetylated. However, meanwhile it has
been found that also positions in the conserved histone core
domain of eukaryotic histones are acetylated [58]. How-
ever, a proteomic approach that specifically addressed the
question of histone acetylation in Methanococcus jannaschii
and Methanosarcina acetivorans came to the conclusion that
histone acetylation does not occur in either of the two species
[59]. Cotranscription of the histone gene with the gene
of a deacetylase in H. volanii indicates that this might be
different in haloarchaea and candidate lysines, which are
acetylated in eukaryotes, are conserved in haloarchaea [53],
but experimental proof is still missing.

In the meantime another chromatin protein became
the second known target for internal protein acetylation in
archaea. It is an S. solfataricus protein that had originally been
named Sso10b and was renamed “Alba” (acetylation lowers
binding affinity) [60]. In this case the observation triggered
an intensive characterization of differential acetylation and
the responsible enzymes. It was shown that Alba carries two
acetyl groups; on the one hand it is N-terminally acetylated,
and on the other hand the epsilon-amino group of lysine
16 is acetylated [60]. The Sulfolobus member of the Sir2
(Sirtuin) protein family can deacetylate Alba in a NAD-
dependent manner. The nonacetylated Alba could repress
transcription in an in vitro transcription assay, in contrast to
the acetylated protein, and the different activities of the two
forms were verified after deacetylation of the native protein
in vitro with Sir2 [60]. The sequence of the Salmonella
protein acetyl transferase (PAT) was used to identify the
Sulfolobus homologue, and it was shown that Sulfolobus PAT
can acetylate Alba in vitro with a very high efficiency at the
native target amino acid, lysine 16 [61]. The acetylation was
shown to reduce the affinity of Alba for double-stranded
DNA as well as RNA by a factor of two [61]. The rather
moderate influence of the acetylation state of Alba on DNA
binding has led to the proposal that it therefore seems
probable that the specific acetylation of lysine 16 functions
as a modular signal to other proteins rather than as a direct
modulation of DNA binding affinity [62]. One interaction
partner of Alba is the DNA helicase MCM. It has been shown
that Alba strongly inhibits the activity of MCM in an in vitro
helicase assay. Acetylation of Alba reduced this antagonistic
activity of Alba, notably at concentrations at which acetylated
Alba bound DNA, excluding an indirect effect [63].

While the molecular details of the biological conse-
quences of the different activities of Alba remain to be
clarified, it seems to be clear that the acetylation state
of Alba influences the degree of “chromatin packaging”
in Sulfolobus, analogous to the differential acetylation of
eukaryotic histones. Structures of Alba from several species
are available, and its binding to DNA has been modeled
[64–66]. The structure of the Alba acetylase PAT has also
been reported [67], and further structures are on their
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way [68, 69]. In addition, the structure of the deacetylase
Sir2 has been determined both in complex with NAD and
with an artificial substrate, an acetylated peptide derived
from the human protein p53 [70, 71]. Therefore, the archaeal
chromatin protein Alba together with its cognate acetylase
and deacetylase is by far the best characterized example
for the relevance and mechanism of internal acetylation in
archaea, and it has the potential to enable the understanding
of the molecular mechanism in the near future.

However, it has been proposed that Alba is not the only
acetylated protein in Sulfolobus and might not even be the
major substrate for PAT and Sir2, because the binding affinity
between PAT and Alba is quite low compared to cognate
acetylase/protein target pairs in eukaryotes and because PAT
is encoded in the genome of species that do not contain
Alba [61]. Another argument for the presence of more
internally acetylated proteins than currently known is that
many archaea encode not only a single but several different
protein acetylases and deacetylases. In H. volcanii, the protein
levels of the protein acetylase Pat1 and the deacetylase
Sir2 (both nonessential) have been quantified using specific
antisera. It was revealed that Pat1 is constitutively present
in the cells while Sir2 is downregulated in stationary phase
(Hering and Soppa, unpublished results). This indicates that
the acetylation level of proteins increases in stationary phase,
reminiscent of the situation that has been described for E. coli
(see above).

The current situation concerning internal protein acety-
lation in archaea resembles the situation in bacteria before
the first focused large scale study aiming at the identification
of acetylated peptides was reported, which increased the
number of proven internally acetylated bacterial proteins
from two to about ninety. It seems safe to predict that also in
archaea many different proteins are differentially acetylated
at the epsilon amino groups of internal lysines. Therefore,
focused large scale approaches to identify differentially
acetylated archaeal proteins are badly needed.

7. Novel Approaches to Investigate
Protein Acetylation

During recent years several bioinformatic approaches have
been developed for a genome-wide prediction of N-terminal
acetylation or internal protein acetylation [72–75]. Currently
it is unclear whether the rules obtained from eukaryotic
proteins can also be used to predict acetylation in archaeal
proteomes. For N-terminal acetylation one approach has
already been modified using the H. salinarum and N.
pharaonis dataset described above [18]. For internal protein
acetylation, benchmarking of bioinformatic programs is
another reason why large-scale studies of acetylated lysines
are needed. The approach of affinity isolation of peptides
with acetylated lysines and their identification by mass
spectrometry [52] can and should also be established with
a few archaeal species. For the experimental characterization
of the influence of acetylation, it would be desirable to be able
to compare acetylated and nonacetylated protein variants in
vivo and in vitro. For N-terminal acetylation in Drosophila,

the (X)PX-rule (proline at first or second position inhibits
acetylation) was used to express mutated genes in cells
and flies and study the functional relevance of N-terminal
acetylation [14]. The authors propose that the (X)PX rule
could be applied universally and could be used for equivalent
approaches with many other species. For internal acetylation,
lysines have often been replaced by other amino acids, but
of course in this way not only the acetylation but also the
functionality of the lysine is lost. To circumvent this problem,
a system has been established for E. coli that enables the
acetylation of internal lysines in recombinant proteins at any
desired position [76].

8. Conclusion and Outlook

Knowledge about N-terminal protein acetylation in archaea
has increased tremendously in recent years. Several large
scale studies are available, and it became obvious that a
considerable fraction of proteins is N-terminally acetylated
in haloarchaea and in Sulfolobus. The situation seems to
be different in methanogenic archaea for which N-terminal
acetylation has not been mentioned despite the availability
of proteomic studies.

Knowledge about internal acetylation in archaea is still
very limited. Only two targets are known, and only one of
which has been experimentally characterized (cognate HAT
and HDAC, functional consequences). However, there are
ample indications that the number of internally acetylated
proteins is highly underestimated, including the presence
of Pat and Sir2 in species devoid of Alba, the presence of
several genes for HATs and HDACs in archaeal genomes,
essentiality of HdaI and Pat2/Elp3 in H. volcanii, and
differential regulation of Sir2 in the same species. The current
situation concerning internal acetylation of archaeal proteins
resembles the situation concerning E. coli proteins before
2008, when the number of known internal acetylation sites
was raised from two to 125 due to one proteomic study.
Similarly, the role of small noncoding RNAs (sRNAs) for
archaeal physiology was unknown a few years ago and today
their presence has been proven for any species that was
looked at. It can be predicted that differential internal protein
acetylation in archaea is another treasure that is waiting to
be lifted. It will add an additional layer of complexity to the
increasing regulatory network in archaea.
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In eukarya and bacteria, lysine methylation is relatively rare and is catalysed by sequence-specific lysine methyltransferases that
typically have only a single-protein target. Using RNA polymerase purified from the thermophilic crenarchaeum Sulfolobus
solfataricus, we identified 21 methyllysines distributed across 9 subunits of the enzyme. The modified lysines were predominantly in
α-helices and showed no conserved sequence context. A limited survey of the Thermoproteus tenax proteome revealed widespread
modification with 52 methyllysines in 30 different proteins. These observations suggest the presence of an unusual lysine
methyltransferase with relaxed specificity in the crenarchaea. Since lysine methylation is known to enhance protein thermostability,
this may be an adaptation to a thermophilic lifestyle. The implications of this modification for studies and applications of
recombinant crenarchaeal enzymes are discussed.

1. Introduction

Lysine methylation is found in all three domains of life.
In bacteria, this posttranslational modification is restricted
to a handful of ribosomal and flagellar proteins [1, 2]. In
eukaryotes, lysine methylation is also restricted to a subset of
proteins and catalysed by highly specific methyltransferases
that can generate mono-, di-, and trimethylated lysines
(reviewed in [3]). The most well-known examples are the
histone proteins, where lysine methylation is carried out by
sequence specific SET family methyltransferases using an S-
adenosyl methionine (SAM) cofactor. These modifications
result in changes in protein : protein interactions, chromatin
structure and gene expression (reviewed in [4]). A limited
number of other eukaryal proteins including notably the
large subunit of Rubisco [5] are also subject to lysine
methylation, though the function of these modifications
is often not known [6]. More recently, proteome-wide
studies of lysine methylation in the mouse brain [7] and
Saccharomyces cerevisiae [8] have been added to the list of

modified proteins. The latter study generated preliminary
evidence for 25 monomethylated and 20 dimethylated lysines
from a set of 2600 yeast proteins. The methylated proteins
tended to have a higher abundance and longer half-life than
average and included 11 ribosomal proteins [8].

The euryarchaeon Methanosarcina mazei encodes a clear
SET-domain protein that has been shown to methylate
a single lysine in the archaeal chromatin protein MC1,
suggesting that mechanisms to modulate chromatin by
posttranslational modification pre-date the divergence of the
archaeal and eukaryal domains [9]. However, the distribu-
tion of this archaeal SET domain protein is limited to a
few methanogens. Lysine methylation has also been noted
in a handful of enzymes from the crenarchaeal Sulfolobales.
Six methylated lysines were identified in glutamate dehy-
drogenase (GDH) from the hyperthermophile Sulfolobus
solfataricus [10] leading the authors to speculate on a role
in protein thermostability. Intriguingly, no lysine methy-
lation was observed in the orthologous protein from the
hyperthermophilic euryarchaeon Pyrococcus furiosus [11].
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For S. solfataricus β-glycosidase, 5 lysines were methylated
with an average of 3-4 modifications per protein [12]. The
recombinant, unmodified protein purified from Escherichia
coli showed an increase in denaturation and aggregation
events compared to the native version, supporting the
hypothesis that lysine methylation improves protein stability
in extremophiles [12]. The extent of methylation of the
Sulfolobus chromatin protein Sso7d was shown to increase
with increasing growth temperature [13], again consistent
with a potential role for methylation in thermostability.

Since the limited evidence available suggested that lysine
methylation in the crenarchaea might follow a different
pattern to that observed in other lineages, we decided to
investigate this phenomenon further by mass spectrometry.
Here we show that lysine methylation is common in the cre-
narchaea and is catalysed by an unknown methyltransferase
that lacks sequence specificity but is likely influenced by the
local structure of the protein target. This has implications
for the molecular biology of the crenarchaea, in particular
the physical properties of crenarchaeal proteins and their
recombinant counterparts.

2. Methods

2.1. Archaeal Biomass. S. solfataricus P2 biomass was a gift
from Neil Raven (CAMR, Porton Down, UK). Thermopro-
teus tenax biomass was a gift from Bettina Siebers (University
of Duisburg-Essen, Germany).

2.2. Purification of RNA Polymerase (RNAP). RNAP was
purified from S. solfataricus P2 biomass as described previ-
ously [14] by heparin and gel-filtration chromatography with
the addition of an anion-exchange column (GE Healthcare
MonoQ 5/5 column) as a final polishing step. Partly purified
RNAP following gel filtration was loaded onto this column
in buffer A (20 mM Tris-HCl pH 8.0, 50 mM NaCl, 1 mM
DTT, 1 mM EDTA) and eluted with a linear gradient of
buffer B (buffer A plus 1 M NaCl). Fractions containing pure
RNAP were analysed by SDS-PAGE, pooled, and stored until
required.

2.3. Mass Spectrometry. The purified RNA polymerase com-
plex (5 μL, 10 pmoles/μL) was dialysed into 50 mM ammo-
nium bicarbonate pH 8.0 using a membrane filter (Millipore,
Billerica, MA) and trypsin (0.5 μL, 0.1 μg, Promega, Madi-
son, WI) or clostripain (ArgC) (0.5 μL, 0.1 μg, Promega) was
added. The samples were incubated at 37◦C overnight.

After acidification (0.1% trifluoroacetic acid (TFA)),
the peptides were separated using a Dionex UltiMate
3000 nanoLC (Dionex, Sunnyvale, CA) equipped with a
PepMap100 C18 300 μm × 5 mm trap and 75 μm × 15 cm
column (Dionex), using a 3.5 hr gradient of increasing
acetonitrile concentration, containing 0.05% TFA (5%–35%
acetonitrile in 3 hours, 35%–50% in a further 30 minutes,
followed by 95% acetonitrile to clean the column). The
eluent was spotted onto a MALDI target plate, along with α-
cyano-4-hydroxycinnamic acid matrix solution (2 mg/mL in

70% acetonitrile, 0.1% TFA matrix solution) using a Dionex
Probot spotter.

The nLC-MALDI MSMS runs were analysed using
an Applied Biosystems 4800 MALDI TOF/TOF Analyser
(Applied Biosystems, Foster City, CA) equipped with a
Nd:YAG 355 nm laser in a plate-wide-data dependent
manner. All spots were initially analysed in positive MS mode
in the range 800 to 4000 m/z by averaging 1000 laser spots.
The MS ions that satisfied the precursor criteria (200 ppm
fraction-to-fraction precursor exclusion, S/N ratio >20) were
selected for subsequent MSMS from the spot where the
MS ion gave the highest counts, with up to 5 MSMS being
acquired from each spot, selecting the strongest precursor
ion first. MSMS spectra were acquired with a maximum of
3000 laser shots or until the accumulated spectrum reached
an S/N ratio of 35 for 10 peaks. All MSMS data were acquired
using 1 keV collision energy.

Peak lists were extracted from the MSMS spectra and
analysed using the Mascot 2.1 search engine (Matrix Science,
London, UK), against a database containing the S. solfatar-
icus proteome. The data were searched with tolerances of
100 ppm for the precursor ions and 0.5 Da for the fragment
ions, trypsin as the cleavage enzyme, assuming up to one
missed cleavage, carbamidomethyl modification of cysteines
as a fixed modification and mono and dimethylation of
lysine, acetylation and methionine oxidation selected as a
variable modification. The matches were then manually
validated.

For ESI analysis, the acidified digested sample was
separated using an UltiMate nanoLC (Dionex) equipped
with a PepMap C18 trap and column, using a 210-minute
gradient of increasing acetonitrile concentration, containing
0.1% formic acid (5%–35% acetonitrile in 180 min, 35%–
50% in a further 30 minutes, followed by 95% acetonitrile
to clean the column). The eluent was sprayed into a Q-
Star XL tandem mass spectrometer (Applied Biosystems)
and analysed in Information-Dependent Acquisition (IDA)
mode, performing 1 second of MS followed by 3 seconds
of MSMS analyses of the 2 most intense peaks seen by
MS. These masses are then excluded from analysis for the
next 60 seconds. MS/MS data for doubly and triply charged
precursor ions were converted to centroid data, without
smoothing, using the Analyst QS1.1 mascot.dll data import
filter with default settings. The MS/MS data file generated
was analysed as above with tolerances of 0.2 Da for the
precursor and fragment ions.

Specific components of the polymerase complex were
analysed from SDS-PA gel bands. The gel bands were excised
and cut into 1 mm cubes. These were then subjected to in-
gel digestion, using a ProGest Investigator in-gel digestion
robot (Genomic Solutions, Ann Arbor, MI) using standard
protocols [15]. Briefly, the gel cubes were destained by
washing with acetonitrile and subjected to reduction, with
dithiothreitol, and alkylation, with iodoacetamide, before
digestion with trypsin or clostripain at 37◦C. The peptides
were extracted with 10% formic acid and analysed as
described above. For the nLC-ESI MSMS analysis, shorter
gradients (60 or 90 minutes) were used. For MALDI analysis,
the digest solution (0.5 μL) was applied to the MALDI target
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along with α-cyano-4-hydroxycinnamic acid matrix (0.5 μL,
10 mg/mL in 50 : 50 acetonitrile: 0.1% TFA) and 0.1% TFA
(0.5 μL) and allowed to dry. MALDI analysis was performed
using the 4800 MALDI TOF/TOF Analyser. The spot was
analysed in MS mode as described above, and then the most
intense peptides (up to 15) were selected for MSMS analysis
and acquired as described above. The combined MS and
MSMS data were analysed as described above, using GPS
Explorer (Applied Biosystems) to interface with the Mascot
search engine.

T. Tenax samples were digested similarly in solution or
from SDS-PA gel bands and analysed by nLC-ESI MSMS on
the QStar XL as described above.

3. Results

3.1. Identification of Methylated Lysines in S. solfataricus
RNA Polymerase. We had previously purified archaeal RNA
polymerase (RNAP), a complex enzyme consisting of 12-
13 subunits, from S. solfataricus for transcription studies
[14]. As crystal structures of RNAP are available [16, 17]
and significant quantities of the protein could be purified,
it represented an ideal system to investigate the extent of
lysine methylation in this organism. RNAP was purified to
homogeneity from 50 g of S. solfataricus strain P2 cells by
sequential chromatography on heparin and Superdex 200
gel-filtration columns as described previously [14, 18]. A
final chromatography step using a MonoQ column yielded
pure RNAP as shown in Figure 1.

RNAP was digested in solution using trypsin or clostri-
pain (ArgC), and methylated peptides were identified by
either LC-MALDI or nLC-ESI MS/MS. Subunits RpoD,
E′, G, F, H, L, and K were also analysed individually
by excising the relevant bands from a gel following SDS-
PAGE and subjecting them to in-gel digestion and anal-
ysis by MALDI MS and MSMS or nLC-ESI MSMS. The
Mascot search algorithm was used to identify potential
sites of methylation. Subsequent manual validation centred
particularly on whether the monomethyllysine immonium
related ion at 98 m/z (immonium ion—17) and similarly
the dimethyllysine immonium-related ion at 112 m/z were
present, as well as assessing the confidence of the assignment
of the specific site of modification [19]. Lysine methylation
typically prevented cleavage by trypsin, providing further
evidence of modification. In total, 21 monomethylated lysine
residues were identified, from 9 of the RNAP subunits
(Table 1, see Supplementary Table 1 at supplementary
material available online at doi:10.1155/2010/106341). In
several cases, the modified lysines were also detected in
unmodified form, suggesting that the degree of methylation
is not 100% and that a stochastic mixture of proteins with
variable levels of methylation exists in vivo. In addition
to lysine methylation, N-terminal peptides modified by
acetylation were detected for four subunits: RpoA′ (Sso0225,
N-terminal seq. SEKNIK), RpoB′ (Sso3254, ASNLTI), RpoD
(Sso0071, SINLLH) and RpoF (Sso0751, SSVYIV). Only
one unmodified N-terminal peptide was identified, that
for RpoE′ (Sso0415, MYKLIK). These observations support
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Figure 1: SDS-PAGE showing the purified RNA polymerase from
S. solfataricus. In addition to all the expected subunits, a proteolytic
product of the A′′ subunit was observed at 17 kDa.
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Figure 2: Sequence analysis of methylation sites in RNAP subunits.
The frequency of each amino acid in an eleven-residue window
centred on the modified lysine shows that there is no clear sequence
specificity associated with methylation (generated by WebLogo
[21]).

previous work reporting acetylation of N-terminal serine and
alanine residues in S. solfataricus, catalysed by the acetylase
ssArd1 [20].

3.2. Sequence and Structural Context of Lysine Methylation.
The sequence context of methylation sites was analysed by
plotting the frequency of each amino acid residue found
at the 5 positions N- and C-terminal to the modified
lysine (Figure 2). There was no detectable bias in amino
acid residue or type (charged, hydrophobic, etc.) at any
of the positions. This suggests that lysine methylation is
catalysed by a methyltransferase that is largely sequence
independent. To determine whether methylation occurred
in a structural context, we examined the local structure of
each of the 17 modified lysines visible in the RNAP crystal
structures (Figure 3). All of the modified lysines were present
on the surface of the protein and would be accessible to
a modifying enzyme after protein folding had occurred.
We noticed a striking correlation between structure and
the site of modification, which was almost exclusively in
a helical region of the protein (Figure 4). Exceptions were
a lysine near the end of a β-turn in subunit RpoH and
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Table 1: Methylation sites identified in S. solfataricus RNA polymerase subunits†.

Protein Subunit Residue Peptide (methyllysine in bold)

1 Sso0225 RpoA′ 395 KELASTLAPGYIIER

2 Sso0225 659 KEIYNEIDR

3 Sso0227 RpoB′-C 12 IVEKTLYEMGVVPVEEVIR

4 Sso0227 311 GYKGKEYYR

5 Sso0227 349 FLQEFKELSPEQAKR

6 Sso0071 RpoD 115 DIKSEDPSVVPISGDIPIVLLGTNQK

7 Sso0415 RpoE′ 20 IPPNEFGKPLNEIALNELR

8 Sso0415 131 GIIFGEKSKKVIQKGDKVR

9 Sso0415 133 GIIFGEKSKKVIQKGDKVR

10 Sso0415 171 QPYLGKLEWITQTKK

11 Sso0415 179 LEWITQTKK

12 Sso0751 RpoF 54 CDAESAQKVIEELSNIVSR

13 Sso0751 102 TYTSEDIQKIIDIIR

14 Sso5468 RpoH 30 HEVLNIDEAYKILK

15 Sso5468 68 KSQLYGEVVSYR

16 Sso5577 RpoL 71 DALLKAIENIR

17 Sso5577 88 GMTSHYIDEIKGLTK

18 Sso5865 RpoP 19 TFTDEQLKVLPGVR

19 Sso0396 Rpo13 66 KLFEDNYK

20 Sso0396 98 KAKKAVSKKVKKTKKKEKSVEG

21 Sso0396 100 KAKKAVSKKVKKTKKKEKSVEG

Monomethylated lysines are shown in bold. All lysines are conserved in the S. shibatae RNAP sequence with the exception of the lysine in peptide 19, which is
an arginine in S. shibatae Rpo13.
†Supplementary Table 1 contains more detail and evidence supporting the identification of each modification site.

one in a hairpin turn in subunit RpoE′. Previous studies of
lysines methylated in S. solfataricus β-glycosidase revealed
two sites in α-helices and three in β-turns [12]. Together,
these data suggest that lysine methylation in S. solfataricus
is catalysed posttranslationally by a methyltransferase that
is sequence independent but shows some structural speci-
ficity.

3.3. Lysine Methylation Is Prevalent in Thermoproteus tenax.
Given the extensive methylation observed for RNAP sub-
units and β-glycosidase purified from S. solfataricus and
the lack of any sequence dependence, lysine methylation
in S. solfataricus is likely to be a general phenomenon
involving many cellular proteins. To determine whether
lysine methylation was specific to the Sulfolobales or more
widespread, we investigated proteins from the crenarchaeon
Thermoproteus tenax. In all, 90 proteins were represented
by 3 or more tryptic peptides. Of these, 30 showed strong
evidence for lysine methylation (52 sites in total, 6 of
which were di-methylated; Supplementary Table 2) whilst
about half the proteins showed no methylation and the
remainder had weak or equivocal evidence for methylation.
However, since the peptides identified did not provide

complete sequence coverage, it is reasonable to assume that
a proportion (and potentially a significant proportion) of
these proteins do carry some lysine methylation in vivo.
In other words, the incomplete peptide coverage leads to a
potentially high false-negative rate but a low false-positive
rate. These proteins had been partly purified from T. tenax
for experiments aimed at detecting novel single-stranded
DNA-binding proteins [22] and could be considered to
represent a reasonably random sampling of the total soluble
proteome. Although a bias towards more highly expressed
proteins is likely, the methylated proteins have a wide
variety of known or predicted functions. As with RNAP,
there was no detectable sequence motif close to methylation
sites.

The widespread methylation observed from our limited
sampling of these two species together with the absence of
any sequence-specific modification leads us to predict that
extensive lysine methylation may be a feature of the cre-
narchaea. In contrast, proteomic studies in the euryarchaea
Haloferax volcanii [23], Thermococcus gammatolerans [24],
Pyrococcus furiosus [25], and Methanococcus maripaludis
[26] have not reported any evidence of extensive lysine
methylation.
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Figure 3: Mapping lysine methylation sites on the RNA polymerase
crystal structure. The structure of RNAP from S. shibatae is shown
[16] with methylated lysines listed in Table 1 indicated in yellow.
This figure was generated using Pymol (The PyMOL Molecular
Graphics System, Version 1.2r3pre, Schrödinger, LLC.)
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Figure 4: Structural context of methylation sites in RNAP subunits.
Numbering is taken from Table 1. Fifteen of the sites are situated in
α-helices whilst site 7 is in a hairpin turn and site 15 is situated in
the β-sheet region of a β-hairpin. All structures are from S. shibatae
RNAP structure (PDB 2WAQ) with the exception of 8, 9 and 10
which are from the S. solfataricus RNAP structure (PDB 2PMZ) as
the two structures differ in this region of the E′ subunit.

4. Discussion

The data presented here expand previous work on lysine
methylation in the Sulfolobales and point to the existence of a
novel sequence-independent lysine methylase that is distinct
from the canonical SET-domain methylases prevalent in
eukarya. Indeed, no SET-domain protein is detectable in
any crenarchaeal genome using standard protein similarity
searches. This enzyme appears to target lysines in alpha
helices and near hairpin turns, suggesting that modification
is posttranslational and has some structural specificity. It
is of course possible that lysine methylation is catalysed
by multiple enzymes rather than a single one. Our limited
sampling of methylated proteins in S. solfataricus and T.
tenax suggest that this modification may be quite preva-
lent in the crenarchaea, with a significant proportion of
proteins carrying one or more methyllysine residues. It
will be important to extend these studies to provide a
more exhaustive survey of crenarchaeal proteomes. Whilst
the data currently available for euryarchaea suggests that
lysine methylation is not widespread, it will be interesting
to determine whether this modification is also found in
the thaumarchaea [27] or is an adaptation specific to a
hyperthermophilic lifestyle.

Methylation of lysine increases the pKa of the side chain,
allowing stronger ionic interactions to be made, and changes
the hydropathy and solubility of proteins [12]. There are
many examples in the literature where lysine methylation
has resulted in improved stability of a variety of proteins
and peptides. For example, methylation of human amyloid
peptide β(25-35) reduced aggregation and toxicity [28].
Methylation of the protease bovine trypsin has been shown
to increase the thermostability and reduce autolysis, resulting
in a more useful enzyme for trypsinolysis [29]. Reductive
(nonenzymatic) methylation is being used extensively in
crystallography to improve crystallisability of proteins, a
process that does not generally affect enzyme activity [30].
Our data suggest that crenarchaeal proteins expressed in
recombinant systems may have altered physical properties
due to a lack of lysine methylation compared to the
situation in vivo. Potentially, this could affect their efficacy in
biotechnological and other applications. The identification
of the as-yet unknown crenarchaeal lysine methyltransferase,
currently underway in our laboratory, could allow specific
modification of lysine residues in a wide variety of proteins
to improve stability and solubility.
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The general importance of the Fe-S cluster prosthetic groups in biology is primarily attributable to specific features of iron
and sulfur chemistry, and the assembly and interplay of the Fe-S cluster core with the surrounding protein is the key to in-
depth understanding of the underlying mechanisms. In the aerobic and thermoacidophilic archaea, zinc-containing ferredoxin is
abundant in the cytoplasm, functioning as a key electron carrier, and many Fe-S enzymes are produced to participate in the central
metabolic and energetic pathways. De novo formation of intracellular Fe-S clusters does not occur spontaneously but most likely
requires the operation of a SufBCD complex of the SUF machinery, which is the only Fe-S cluster biosynthesis system conserved
in these archaea. In this paper, a brief introduction to the buildup and maintenance of the intracellular Fe-S world in aerobic and
hyperthermoacidophilic crenarchaeotes, mainly Sulfolobus, is given in the biochemical, genetic, and evolutionary context.

1. Introduction

The structure of a metal site in metalloenzymes critically
influences the fine-tuning of redox and/or catalytic activities
in biology [1–3], and the substitution and/or displacement
events at the local metal-binding site(s) in a protein might
have greatly enhanced their capabilities of conducting a
wide range of unique redox chemistry in biological electron
transfer conduits which often use a limited number of
basic protein scaffolds. Iron-sulfur (Fe-S) cluster prosthetic
groups, consisting of nonheme iron and acid-labile inorganic
sulfide atoms, are functionally highly versatile and may
be among the most ancient modular metallocofactors to
sustain biologically and evolutionary indispensable pro-
cesses in the early days of primitive life on earth, such
as electron transfer, substrate binding/activation in the
iron/sulfur storage, hydrogen and nitrogen metabolisms,
anaerobic respiration, and photosynthesis—some of the
most complicated reactions in the chemistry of life processes
[1, 2, 4, 5]. Among protein-bound Fe-S redox sites, which
usually contain terminal sulfur ligands from cysteinyl groups,
the mononuclear Fe atom in a tetrahedral environment of
S ligands is the simplest form, as seen in the rubredoxin

family. Other major forms are polynuclear clusters, such
as those containing [2Fe-2S], [3Fe-4S], [4Fe-4S], or [8Fe-
7S] core units, found in a variety of ferredoxins and
complex Fe-S metalloenzymes. In addition to their electron
transfer roles, Fe-S proteins are also known to participate
in substrate binding/activation, environmental sensing and
gene regulation [2, 5–7], and more recently are suggested
to be potentially involved in several human diseases [8, 9].
The physiological importance of the Fe-S clusters is largely
attributable to specific features of iron and sulfur chemistry,
and the biogenesis and interplay of the Fe-S cluster core with
the surrounding protein is the key to in-depth understanding
of the underlying mechanisms at atomic resolution.

The archaeal domain contains organisms having the
most extraordinary optimal growth conditions, with mem-
bers flourishing at the extremes of pH, temperature, and
salinity. The majority of thermophilic archaea are anaerobic
organisms, because oxygen is often scarce in their habitats
[10–13]. Biochemical and genetic evidence indicates that
one of the characteristic features in the central metabolic
pathways of both anaerobic and more unusual aerobic
archaea is the involvement of small modular Fe-S proteins
called ferredoxins in electron transport, and many Fe-S
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enzymes are produced as well in the cells [4, 14–17]. The
cytoplasm of chemoheterotrophically-grown aerobic and
thermoacidophilic archaea such as Sulfolobus tokodaii and
Thermoplasma acidophilum is in fact remarkably enriched
with bacterial-type ferredoxin(s), containing at least ∼10
times more than some aerobic and thermophilic “fast-clock”
bacteria such as Thermus thermophilus HB8 (unpublished
results).

The variation of a common theme in the ferredoxin-
dependent pathways of anaerobic and aerobic archaea is
striking, especially considering the early days of living
organisms on earth, during which the atmosphere became
progressively oxidative due to the emergence of photo-
synthesis by cyanobacterial ancestors that leads to the
prevalence of environmental iron in the trivalent state.
Under these conditions microaerobic archaeal ancestors had
to adapt to the circumstances where, in some cases, the
concentration of soluble iron compounds is below their
physiological demands. Diminishing iron levels posed a
serious challenge for early aerobic archaea. Additionally, the
polynuclear Fe-S cluster prosthetic groups contain “acid-
labile” sulfide bridges, which are inherently unstable at very
acidic conditions [2, 5, 18]. The stunning capability of some
contemporary aerobic and thermoacidophilic archaea to grow
at extremely low pH with intact Fe-S clusters [19–22] has
implicit meaning in that the intracellular Fe-S world must
be protected not only by scavenging reactive oxygen species
but also by balancing their intracellular pH at an acceptable
value in the face of a huge proton gradient. This short
review provides a brief introduction to the buildup and
maintenance of the intracellular Fe-S world in aerobic and
thermoacidophilic archaea, mainly Sulfolobus. The properties
of Fe-S proteins from anaerobic and hyperthermophilic
archaea have been extensively reviewed elsewhere by others
[4, 23–26].

2. Zinc-Containing Ferredoxins
Are Abundant in the Aerobic and
Thermoacidophilic Archaeal Cells

The physiological significance of bacterial-type ferredoxins
in the aerobic and thermoacidophilic archaea, such as Sul-
folobus and Thermoplasma, was first recognized by Kerscher
et al. [15], who demonstrated that ferredoxins are abundant
in the cytoplasm and serve as an effective electron acceptor
of a coenzyme A-acylating 2-oxoacid:ferredoxin oxidoreduc-
tase. It is a key Fe-S enzyme of the oxidative tricarboxylic
acid cycle and of coenzyme A-dependent pyruvate oxidation
in aerobic archaea [15, 16, 27–30]. This oxidation takes the
place in a NAD+-dependent 2-oxoacid dehydrogenase mul-
tienzyme complex in most aerobic and mesophilic bacteria
and eukarya [15, 30]. Many 2-oxoacid:ferredoxin oxidore-
ductase paralogs have been identified in hyperthermophilic
archaea and bacteria, some of which participate in the
ferredoxin-dependent peptide fermentation pathways [24,
31]. It remains to be established how enzymatically reduced
ferredoxin is reoxidized in aerobic and thermoacidophilic
archaea.

The X-ray crystal structure of the A2-type pyru-
vate:ferredoxin oxidoreductase from Desulfovibrio africanus
has been determined by Chabrière et al. [32, 33] and
shown to contain one thiamine pyrophosphate, one Mg2+,
and three [4Fe-4S] clusters as prosthetic groups per pro-
tomer. The ab-/a2b2-type homologs from aerobic archaea
inherently lack the Fe-S subunit/domain called δ, which
harbors two [4Fe-4S] clusters [30, 34], presumably as
an evolutionary consequence of one protein adaptation
strategy occurring under permanently oxidative conditions.
Likewise, the superfamily of archaeal and bacterial 2-
oxoacid:ferredoxin oxidoreductases have different molecular
sizes and subunit compositions and exhibit highly mosaic
structures with respect to their domain/subunit arrange-
ments. This implies that they might have evolved through
multiple gene duplication, fusion, and reorganization events
of primordial smaller fragments [17, 30, 31]. Notably,
many other Fe-S enzyme complexes in biology seem to
have evolved by modular evolution in an analogous way
[35–38], through which the representative superfamily has
become functionally divergent to meet the physiological
demands.

Major ferredoxins from chemoheterotrophically-grown
aerobic and thermoacidophilic archaea such as Sulfolobus
and Thermoplasma, which serve as electron acceptors of
2-oxoacid:ferredoxin oxidoreductases, are characterized by
relatively higher molecular masses for bacterial-type ferre-
doxins (∼12–16 kDa) because of a long N-terminal extension
region and central loop attached to the ferredoxin core fold
[15, 16, 39–44]. Unlike small [4Fe-4S] ferredoxins from
some anaerobic and hyperthermophilic archaea such as
Pyrococcus furiosus [4, 25, 45] and Thermococcus profundus
[46], they harbor one each of low-potential [3Fe-4S]1+,0 and
[4Fe-4S]2+,1+ clusters. The most unusual feature of these
ferredoxins is the presence of an isolated zinc center [17, 41,
43, 44, 47–49], and hence they are called the “zinc-containing
ferredoxins” (Figure 1).

The isolated zinc site was first identified by the 2.00-Å
structure of the S. tokodaii ferredoxin (PDB code, 1xer.pdb)
in conjunction with the metal content analysis [41, 47, 48].
It is tetrahedrally coordinated with three histidine imidazole
groups (contributed by His16, His19, and His34 in the
N-terminal extension region, consisting of three β-strands
and one α-helix) and one carboxylate group (contributed
by Asp76 in the ferredoxin core fold). This zinc site is
buried within the molecule (about 5 Å deep from the protein
surface), in the boundary between the N-terminal extension
and the cluster-binding ferredoxin core fold, connecting
these together (Figure 1(a)). Subsequently, the zinc K-edge
X-ray absorption spectroscopic analysis has shown the
presence of an isolated and structurally conserved zinc center
in S. tokodaii and T. acidphilum zinc-containing ferredoxins.
This center is tetrahedrally coordinated with (most likely)
three histidine imidazoles and one carboxylate, with the
average Zn–N bond distance of 2.01 Å and the Zn–O bond
distance in the range 1.89–1.94 Å [43]. These values are very
similar to the average crystallographic Zn–N and Zn–O bond
distance of 1.96 Å and 1.90 Å, respectively, in the S. tokodaii
zinc-containing ferredoxin structure [47, 48]. The sequence
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Figure 1: Comparative structures by superposition of archaeal
zinc-containing ferredoxins from S. tokodaii (6Fe form, mostly gray,
and pink for Asp48 and Cys86; 1xer.pdb [47, 48]) and A. ambivalens
(7Fe form, transparent orange; 2vkr.pdb [49]), drawn in B-factor
putty mode with PyMOL <http://pymol.sourceforge.net/> (a), and
their close-up view by superposition of the cluster II site (c).
In panels (a) and (c), key residues are labeled; pink asterisk
indicates the special iron of the cluster II, which is missing in
the 6Fe form (1xer.pdb). Typical fast-scan film voltammogram (at
400 mV·s−1) of the 6Fe form of zinc-containing ferredoxin purified
from S. tokodaii [17, 44] (measured with a pyrolytic graphite
“edge” (PGE) electrode in 5 mM each of MES/PIPES/HEPES buffer,
pH 7.0, containing 100 mM NaCl and 0.2 mg/ml poly-L-lysine
(Sigma) as a protomer [16]; Couple A′ (for [3Fe-4S]1+/0), E1/2 =
−296 mV (versus NHE); Couple C′ (for [3Fe-4S]0/2−), E1/2 =
−700 mV (versus NHE); note that wave couple B for [4Fe-4S]2+/1+

(E1/2 = −530 mV versus NHE) [16] was undetectable in the cyclic
voltammogram) [T.I. and K. Tanaka, unpublished results] (b).

comparisons suggest that three histidine residues in the N-
terminal extension region and one conserved aspartate in the
ferredoxin core fold are strictly conserved in all archaeal zinc-
containing ferredoxins [17, 41, 43] (see Figure 1(a)), which
suggests that they probably serve as ligands to the isolated
zinc center. Although the isolated zinc site apparently con-
tributes in part to ferredoxin thermal stability [50–52], zinc-
lacking isoforms, for example, from Sulfolobus metallicus
[53] and Acidianus ambivalens [54], have devised a natural
strategy that accounts for an enhanced thermal stability
without using the zinc site. It remains unknown whether

another metal such as iron could replace the mononuclear
zinc site of zinc-containing ferredoxin, when the archaeal
cells are grown under zinc-limited conditions. Alternatively,
ferredoxin(s) without zinc may functionally replace a zinc-
containing ferredoxin under these conditions.

The overall protein fold of archaeal zinc-containing
ferredoxins is largely asymmetric due to the presence of
a long N-terminal extension and the insertion of central
loop region (Figure 1(a)). Nevertheless, the ferredoxin core
fold shows the strict conservation of a pseudo-two-fold
symmetry with respect to the local two Fe-S cluster binding
sites, as typically found for the bacterial-type 8Fe-containing
dicluster ferredoxins harboring two [4Fe-4S]2+,1+ clusters
[17, 44]. It seems reasonable to postulate that early zinc-
containing ferredoxins might have evolved as an 8Fe-
containing two-electron carrier without zinc, to which the
N-terminal extension and central loop regions were attached
in the later stage of modular evolution. Interestingly, zinc-
containing ferredoxins exhibit limited distribution in the
archaeal domain (such as the Sulfolobales, Halobacteriales,
and Thermoplasmatales) at the genomic sequence level,
and up to now have been purified exclusively from the
aerobic and thermoacidophilic archaea such as Sulfolobus and
Thermoplasma [17]. It is emphasized that, in thermophilic
euryarchaeotes, zinc-containing ferredoxin has been isolated
as a major ferredoxin from the Thermoplasmatales but
not Halobacteriales, an unexpected result based on the
universal 16S rRNA-based phylogenetic tree [41, 43]. Anal-
ogous observation has been reported for the functionally
equivalent ferredoxins of extremely halophilic and aerobic
euryarchaeotes [14, 55], which contain a single plant-type
[2Fe-2S] cluster and exhibit the sequence similarity to those
of extremely halophilic cyanobacteria [56, 57]. It should
be noted that the bacterial-type and (usually more oxygen-
tolerant) plant-type ferredoxins are totally unrelated at the
primary and tertiary structural levels. These observations
lend credence for possible phylogenetic distribution of these
archaeal ferredoxin genes driven in part by horizontal
(lateral) gene transfer in the extreme environments.

Biochemical and biophysical data showed that all
archaeal native zinc-containing ferredoxins contain one
[3Fe-4S]1+,0 cluster (cluster I) and one [4Fe-4S]2+,1+ cluster
(cluster II) [16, 39–44]. In S. tokodaii zinc-containing
ferredoxin, cluster I (Em = −280 mV) is selectively reduced
by the cognate 2-oxoacid:ferredoxin oxidoreductase during
the steady-state turnover in the presence of 2-oxoglutarate
and coenzyme A, while the bulk of cluster II (Em =
−530 mV) remains in the oxidized state [16]. This suggests
that the cluster I plays a crucial redox role in the physiological
electron transfer. Crystal structures of S. tokodaii (1xer.pdb)
[47, 48] and A. ambivalens (2vkr.pdb) [49] zinc-containing
ferredoxins indicate that the [3Fe-4S] cluster I is bound to the
polypeptide chain by three cysteinyl residues, Cys45, Cys51,
and Cys93 (Figure 1(a)). Residue Asp48 (a potential ligand
for a fourth site, if the cluster I were a [4Fe-4S] cluster) is not
bound and its carboxyl Oδ1 connects to the side chain Oγ and
the main chain amide NH of Ser50 by hydrogen bonds, away
from the [3Fe-4S] cluster I. It should be added that [4Fe-4S]
ferredoxins from anaerobic and hyperthermophilic archaea
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such as P. furiosus [25, 45] and T. profundus [46] contain
a conserved aspartate residue at the equivalent position,
serving as a ligand to the oxygen-labile [4Fe-4S]2+.1+ cluster.
It has been reported that a one-electron reduced [3Fe-
4S]0 cluster I of the Sulfolobales zinc-containing ferredoxins
undergoes a one-proton uptake reaction, and that further
two-electron hyper-reduction, which also involves uptake of
protons, reversibly produces a stable, hyper-reduced [3Fe-
4S]2− species containing the formal equivalent of three
ferrous ions [16, 39, 40, 42] (see Figure 1(b)).

An unexpected result from the structure of S. tokodaii
zinc-containing ferredoxin (1xer.pdb) [47, 48] was that the
cluster II is converted to a cuboidal [3Fe-4S] cluster, ligated
by only three cysteinyl residues, Cys55, Cys83, and Cys89,
in the lattice (Figures 1(a) and 1(c)). The side chain of
Cys86, a potential ligand for a fourth site, is not bound but
apparently rotated toward the solvent, away from the cluster
II. Additionally, the electron density for Cys86 is much lower
than those of other cysteinyl ligand residues (1xer.pdb).
Given the pseudo-two-fold symmetry of a ferredoxin core
fold of bacterial-type ferredoxins, the structure indicates
that, whenever a [3Fe-4S] cluster is present (and regardless
of the cluster site I or II), the missing corner (Fe) of the cube
is associated with either replacement (e.g., CysII → Asp, as
observed for archaeal zinc-containing ferredoxins) or tilting
away to the solvent of the second cysteine residue (CysII)
in the -CysI-XaaXaa-CysII-XaaXaa-CysIII-XaaXaaXaa-CysIV-
(Pro)- motif [17, 44] (Figure 1(c)). More recently, the
structure of the 2.01-Å structure of A. ambivalens zinc-
containing ferredoxin, harboring one [3Fe-4S] cluster and
one [4Fe-4S] cluster, was reported (PDB code, 1vkr.pdb)
[49], confirming this concept (Figures 1(a) and 1(c)).

The presence of two [3Fe-4S] clusters is very unusual
in the bacterial-type dicluster ferredoxins. Biochemical and
spectroscopic analyses of S. tokodaii zinc-containing ferre-
doxin showed that the 6Fe-containing species, harboring two
[3Fe-4S] clusters in the lattice (Figure 1(a)), is an artifact of
the crystallization procedures at pH 5; it also represents a
stable intermediate produced by mild oxidative degradation
of the cluster II site that occurs very slowly in solution at pH
5 in vitro and does not degrade Fe-S clusters to the point of
an apoprotein [44]. This raises the question of how the intact
Fe-S clusters of zinc-containing ferredoxins, abundant in the
cells, are maintained in vivo, given that the intracellular pH
value of aerobic and thermoacidophilic archaea is estimated
around pH 5.6–6.5 [21, 58–60]. One likely possibility is
that damaged Fe-S clusters are rapidly repaired in vivo as in
Escherichia coli [61], but nothing is known to date about the
mechanism of the archaeal Fe-S cluster repair system.

Contemporary aerobic and anaerobic archaea apparently
inherited the intracellular Fe-S world from their anaerobic
ancestors, which can be explained by the emergence of Fe-
S clusters as central catalysts of metabolism from when life
had evolved in an anaerobic environment. The stunning
capability of some aerobic and thermoacidophilic archaea to
grow at extremely low pH [19–22] has therefore implicit
meaning in that the intracellular Fe-S world must be
protected not only by scavenging reactive oxygen species
(e.g., see [62–67]) but also by balancing the intracellular pH

at an acceptable value (typically 5.6–6.5 in Sulfolobus and
Thermoplasma [21, 58–60]) in the face of a huge proton
gradient (ΔpH = pHin − pHout). The ΔpH across the
cytoplasmic membrane of these archaea is intrinsically linked
to the cellular energetics [21, 58, 68], because it is the primary
contributor to the proton motive force (PMF)

PMF = ΔΨ− 2.3
(

RT
F

)
ΔpH (mV), (1)

where ΔΨ is the membrane potential generated by the
transport of electrical charge, R the gas constant, T the
absolute temperature (K), and F the Faraday constant (the
effect of 1 unit pH difference is 2.3(RT/F), which equals
59 mV at 25◦C and 70 mV at 80◦C). However, the influx
of protons through the archaeal AoA1-ATP synthase upon
ATP production [22, 60, 69] intensifies cellular protonation,
and therefore need to be balanced by extrusion using
the cognate proton translocating systems to remove excess
protons from the cytoplasm (otherwise, this would simply
result in rapid acidification of the cytoplasm and dissipate
any ΔpH formation across the membrane [21, 58–60, 68]).
Thus, the balance between the proton permeability across
the membrane (kept very low in thermoacidoacidophiles),
the proton influx through the energetic and transport
systems, and the rate of outward proton pumping determines
whether an archaeal cell can sustain an appropriate PMF.
The mechanistic detail of how this thin-line balance could
be achieved has not been clearly understood.

A mechanism used by some acidophilic archaea such as
Thermoplasma to reduce the proton influx is the generation
of an inside positive ΔΨ [59], which is opposite to the
inside negative ΔΨ in mammalian mitochondria. It is
suggested that the reversed ΔΨ is generated by a difference
in electrical potential (Donnan potential) formed between a
greater influx of cations (such as potassium ions) and the
outward flux of protons [19, 21, 59]. This is in line with
our preliminary study on the aerobic respiratory chain of
T. acidophilum, which contains at least cytochrome bd as
a terminal oxidase (unpublished results) that is usually not
a proton pump. However, this concept is apparently not
applicable to Sulfolobus, where the inside negative ΔΨ is
rather low (about −20 to −40 mV at 45◦C) and the PMF
is largely composed of a ΔpH of greater than 2 units [58,
60].

As reviewed elsewhere [68, 70–75], the Sulfolobus species
have the unusual terminal oxidase segments of the aerobic
respiratory chain, consisting mainly of only a- and b-type
cytochromes, which most likely fulfill the role as an effective
proton pump in vivo and preserve the cognate Fe-S world.
Primary dehydrogenases, some of which are complex Fe-
S enzymes, provide the reducing equivalents (from the
respiratory substrates such as succinate, NADH, and sulfide)
to the central caldariellaquinone pool in the tetraetherlipid
membrane [35, 68, 71, 74, 75]. It should be commented
here; however, that most of key biochemical/genetic char-
acterization of the Sulfolobus respiratory chains (e.g., [68,
71, 72, 76–78]) were carried out before the availability of a
variety of the genome-wide sequence information [74, 75,
79, 80] and the mechanistically insightful 3D structures of
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the terminal segments of the tractable respiratory complexes
from bacteria and eukaryal mitochondria (reviewed in [81–
87]). In retrospect, many experimental data in the literature
from the pregenomic era were discussed in seemingly
oversimplified ways, perhaps inspired by an idea that an
archaeal aerobic respiratory chain might be “primitive and
simple”. The archaeal respiratory chains may be in fact
archaic, but not so primitive as they had seemed two
decades ago. For instance, the S. tokodaii genomic sequence
[74] shows at least seven paralogous genes coding for the
putative quinol/cytochrome oxidase subunit I superfamily,
two of which are homologs of SoxB [76] and SoxM [77]
of S. acidocaldarius; of course, not all of these proteins may
be spontaneously expressed to function as true respiratory
terminal oxidases (some of them may be induced only under
specific growth conditions [88–90] and/or serve as a putative
oxygen sensor(s) for aerotaxis [91]). Additionally, while
the terminal oxidase supercomplexes of S. acidocaldarius
(SoxABCD and SoxM supercomplexes [68, 76, 77]) and
S. tokodaii [71] (presumably SoxABCD-like supercomplex
as estimated from the similarity of the redox potentials
of heme AS centers [68]) have been shown to mimic a
genetic and functional fusion of mitochondrial respiratory
complexes III and IV, the number of the redox centers
resolved spectroscopically in the literature is insufficient
to explain the proposed intramolecular electron transfer
mechanism, particularly in the light of a modified Q-cycle
scheme of respiratory complex III, which is characterized
by bifurcation of electron transfer between two different
acceptor chains that allows coupling to proton transfer [85–
87, 92]. Thus, the Sulfolobus aerobic respiratory chain in a
mechanistic context is still in its infancy compared with the
mitochondrial and bacterial tractable model systems, and
needs to be explored in future studies.

In the thermoacidophilic archaea, the transmembrane
ΔpH-driven secondary transporters for peptides, sugars, and
inorganic compounds are preferred over primary (ABC)
transporter systems [19–21], which is not surprising given
a permanent huge ΔpH across the membrane. Available
genomic sequences of the Sulfolobus species [74, 75, 79, 93]
suggest the presence of metal transporter homologs [20, 22,
94, 95], some of which may be involved in trafficking iron
ions for the biogenesis of Fe-S proteins. Very little is known to
date about in vivo iron-trafficking and homeostasis systems
in these archaea (e.g., [88–90]), and further genome-wide
“omics” approaches in a functional context may bring a
better understanding of these mechanisms.

3. Formation of Intracellular Fe-S Clusters
Does Not Occur Spontaneously but Requires
Specific Biosynthetic Pathways

In contemporary bacteria and eukarya, the de novo Fe-
S cluster biogenesis and maturation in vivo have been
shown to require specific enzymes in the carefully regulated
Fe-S cluster biosynthesis systems [5, 7–9, 96–101], while
spontaneous assembly of the Fe-S clusters does occur in vitro.
At least three types of the Fe-S cluster biosynthesis systems

(ISC (iron sulfur cluster), SUF (mobilization of sulf ur),
and NIF (nitrogen f ixation)) are known, with significant
variations in terms of the phylogenetic distribution [7, 99–
101]. For example, in Escherichia coli the ISC pathway [102–
104] is the major system for in vivo Fe-S cluster assembly,
compared to the SUF pathway [98, 105]. In the eukaryal
domain [7, 8], ISC homologs are found to be localized
largely in mitochondria, while SUF homologs are found
in some chloroplasts. It is therefore possible to postulate
that the mitochondrial ISC system originated from the
endosymbiotic bacterial ancestor and the plastid SUF system
from the cyanobacterial ancestor. In these tractable model
organisms, the regulation of biological Fe-S cluster assembly
is further complicated by the involvement of other accessory
proteins required for the in vivo function [7, 8, 99, 101, 106,
107], and is not fully understood.

The common concept of the three de novo Fe-S cluster
biosynthesis systems is that in vivo cluster assembly requires
at least (i) cysteine desulfurases (such as NifS, IscS and SufS)
[105, 108–113] and (ii) Fe-S cluster scaffold proteins (such
as IscU, IscA, SufU, and likely SufBCD) with the capacity
to construct transient [2Fe-2S] or [4Fe-4S] clusters and
then transfer Fe-S clusters to target apo-proteins [114–120]
(as schematically illustrated in Figure 2). While pyridoxal
phosphate-containing cysteine desulfurases utilize L-cysteine
for mobilization of S for Fe-S core formation, there is as
yet no consensus concerning immediate iron donor for
Fe-S cluster assembly. The ISC machinery has been most
closely investigated, and bacterial genomic sequence analyses
showed the relatively conserved gene arrangement as iscR-
iscS-iscU-iscA-hscB-hscA-fdx [102, 109, 121], where IscR is a
transcriptional regulatory protein, HscA/HscB DnaK/J-type
heat-shock proteins, and Fdx an adrenodoxin-like [2Fe-2S]
ferredoxin.

The importance of the SUF machinery in the Fe-S cluster
biosynthesis function was clarified in E. coli by construction
of different combinations for altered expression of the ISC
and SUF operons [98, 122, 123]. Disruption of the E. coli
suf operon does not cause any major defects, whereas the
loss of both the ISC and SUF systems leads to synthetic
lethality. The components of the suf operon has been shown
to be preferred for Fe-S cluster biosnthesis under oxidative
stress conditions [124, 125] and during iron starvation
[122] although the ISC and SUF systems are principally
interexchangeable, especially in an anaerobic environment
[123]. In E. coli and Thermotoga maritima, the suf gene
cluster is arranged as sufA-sufB-sufC-sufD-sufS-sufE1 and
sufC-sufB-sufD-sufS-sufU, respectively, [98, 105] (Figure 2,
bottom). In some hyperthermophilic archaea and bacteria,
the SUF system has been proposed to be the sole pathway
for cluster assembly [98, 126]. This implies that some
components of the hyperthermophile SUF-related system
might represent a primordial pathway for the Fe-S cluster
biogenesis.

Although aerobic and anaerobic archaea produce numer-
ous Fe-S proteins, the major components of the bacterial and
eukaryal Fe-S cluster biosynthesis systems are not universally
conserved in archaea. In S. tokodaii [74] (and some other
archaeal species), only the sufB, sufC, and sufD genes
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Figure 2: Schematic illustration of the cysteine desulfurase (CDS)-mediated, transient Fe-S cluster assembly on Fe-S cluster scaffold proteins
and subsequent cluster transfer to various target apoproteins [7, 99, 116] (top), and the organization of the suf gene clusters annotated in
the E. coli, T. maritima, and S. tokodaii genomic sequences (bottom).

are conserved, which are arranged as the sufC(ST1201)-
sufB(ST1200)-sufD(ST1199) gene cluster (Figure 2, bottom).
SufB and SufD are paralogs and form a water-soluble,
unorthodox ATP-binding cassette-like complex with SufC
that has intrinsic ATPase activity [113, 127]. No sufA
homolog could be identified in this archaeal genomic
sequence [74, 126]. This is in line with a detection of archaeal
SufBCD complex by the native proteome approach from
native biomass using P. furiosus [128]. Recently, the E. coli
SufBC(2)D complex has been shown to function as a novel
Fe-S scaffold machine and interacts with SufA for the Fe-
S cluster transfer [119, 129], and formation of the oxygen-
labile [4Fe-4S] cluster was characterized by in vitro reconsti-
tution of SufBC2D under anaerobic conditions [120]. These
findings strongly argue for the archaeal SufBC(2)D complex
functioning as a possible Fe-S scaffold machine.

While SufA is absent in most archaea [126] (Figure 2,
bottom), the homologs of the bacterial apbC [130, 131]
and eukaryotic NBP35 [107, 132] genes, coding for Fe-
S cluster carrier proteins, are conserved in some archaea
[133] (ST0174 in the S. tokodaii genomic sequence [74]).
ApbC from Salmonella enterica is a homodimeric ATPase
which can bind an Fe-S (presumably [4Fe-4S]) cluster and
activate yeast apo-isopropylmalate dehydratase (apo-Leu1)
in vitro, in an ATP-independent manner [130, 131], and
the S. enterica strains defective in apbC (mrp in E. coli)
showed that alterned thiamine biosynthesis are impaired in
Fe-S cluster metabolism [134]. Likewise, the eukaryal ApbC
homologs Cfd1 and Nbp35 form the extramitochondrial
homotetrameric complex, and bind labile [4Fe-4S] clusters
(after in vitro reconstitution), which can be transferred to
target Fe-S apoproteins but only when other CIA (cytosolic
iron-sulfur protein assembly) proteins Nar1 and Cia1 co-
exist [107]. The archaeal ApbC/NBP35 homolog shows
similar properties as S. enterica ApbC [133], and is a
putative candidate for an Fe-S cluster shuttle that delivers a

preassembled Fe-S cluster to a recipient apoprotein, although
nothing is known to date about its interplay with the cognate
SUF system.

A missing piece in the SUF system of aerobic and
thermoacidophilic archaea is a cysteine desulfurase
(IscS/SufS/CsdA) homolog (see Figure 2, bottom). For
example, an archaeal SufS homolog was recently identified
from Haloferax volcanii [135] and a possible CsdA (but
not SufS) homolog is found in the genomic sequence of
Aeropyrum pernix K1 (APE2023 [136]), but they are poorly
conserved in S. tokodaii (presumably ST2140, tentatively
annotated as a hypothetical isopenicillin N epimerase [74]).
Thus, an alternative possibility is still open for novel cysteine
desulfurases in these archaeal SUF systems. There are very
few genetic and biochemical studies (e.g., [128, 133]) on the
archaeal Fe-S cluster biosynthesis system so far, and further
development of the genetic manipulation systems is needed
to verify these hypotheses in a functional context.

4. Geometric Tolerance of the Cluster Binding
Loop Region and the Thiophilicity with Iron
Ions Respect to the Fe-S Cluster Recognition

As described briefly in the preceding section, the de novo
Fe-S cluster biosynthesis, which is catalyzed and regulated
by a number of specific enzymes, can be divided into two
major steps (Figure 2). The first step is a transient de novo
Fe-S cluster assembly on a scaffold protein requiring sulfur
and iron donors. In the second step, the transient Fe-
S cluster is dislocated from the scaffold protein, followed
by transfer and insertion into recipient apoproteins, either
during or shortly after the apoprotein generation and before
the folding into its native-like conformation. A question of
how the required (and rather ill-defined) binding site of a
recipient protein-matrix, often categorized as the “binding
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Figure 3: Multiple sequence alignment of the metal-binding sites of selected Rieske-type proteins and rubredoxins (Rd). The cluster-binding
motif of S. solfataricus ARF is characteristic of Rieske-type ferredoxins involved in bacterial multicomponent oxygenases, containing two
histidyl (blue) and two cysteinyl (green) ligands, and lacks two conserved cysteine residues (black) that serve as the disulfide linkage in high
potential, respiratory Rieske proteins [138, 153]. DDBJ-EMBL-GenBank accession codes: bovine mitochondrial cytochrome bc1-associated
Rieske protein fragment, P13272; S. solfataricus ARF (hypothetical ORF c06009), CAA669492, AB047031; P. furiosus rubredoxin, P24297;
C. pasteurianum rubredoxin, P00268. The metal-binding motifs are underlined (left), and the structure of the cluster ligand residues of a
bovine mitochondrial Rieske protein domain fragment (PDB code, 1rie.pdb) [145] is shown, but with the S. solfataricus ARF numbering
(right). Brown square symbols (left), wild-type or mutant proteins containing a [2Fe-2S] cluster; magenta open circles (left), wild-type or
mutant proteins containing a Rd-like, mononuclear (Fe/Zn) center.

motif” in the genome-wide bioinformatics, could select and
bind a specific Fe-S cluster in the Fe-S protein biogenesis is
considered in this section.

Our group used an archaeal Rieske-type [2Fe-2S] ferre-
doxin (called ARF) from Sulfolobus solfataricus P1 [137–
142] as a tractable model (Figure 3). Rieske-type [2Fe-2S]
clusters are ubiquitous in a variety of organisms, playing
crucial electron transfer functions in respiratory chains, pho-
tosynthetic chains, and multicomponent oxygenase systems
for biodegradation of aromatic and alkene compounds [85,
143, 144]. In contrast to regular plant- and vertebrate-type
[2Fe-2S] ferredoxins having complete cysteinyl ligations, the
Rieske-type cluster has an asymmetric [2Fe-2S] core with the
Sγ atom of each of the two cysteine residues coordinated to
one iron site and the Nδ atom of each of the two histidine
residues coordinated to the other iron site (e.g., PDB codes,
1rie, 1rfs, 1ndo, 1fqt, 1jm1, 1nyk and 2nuk.pdb [145–151])
(Figure 3, right). The structure of a bovine mitochondrial
Rieske protein domain fragment suggests that its cluster-
binding loops have a similar geometry to those found in
the rubredoxin and zinc ribbon scaffolds [145]. We have
addressed the influence of substitution of each of the two
outermost histidine ligands (His44 and His64) by cysteine
on the properties of the Rieske-type [2Fe-2S] cluster in
S. solfataricus ARF (Figure 3). Replacement of one of the
histidine ligands, His64, by cysteine allowed the assembly of
a new low-potential [2Fe-2S] cluster with one-hisitidine plus
three-cysteine ligands in the archaeal Rieske-type protein
scaffold whereas replacement of the other ligand, His44, by
cysteine generated a protein that failed in cluster insertion
and/or assembly [138]. Replacement of the two histidine
ligands to the [2Fe-2S] cluster of S. solfataricus ARF by
cysteine residues (in the H44C/H64C double mutant) largely
impaired the cluster assembly in the recombinant variant
protein. In contrast, replacement of three residues (His-
44, Lys-45, and His-64) in ARF by cysteines and isoleucine

(H44I/K45C/H64C triple mutant), to mimic the mononu-
clear Fe(Cys)4 site in the P. furiosus rubredoxin [152], has
allowed a rational design of the thermostable rubredoxin-
like, mononuclear Fe(Cys)4 site in the recombinant ARF-
triple mutant protein [153] (Figure 3, left).

These experiments demonstrate that the in vivo assembly
of a [2Fe-2S] cluster in the Rieske protein scaffold is
determined primarily by the nature and spacing of the
ligands at the cluster binding loops which are often located
near the protein surface in modular Fe-S proteins [138,
153] (Figure 3). The two innermost cysteinyl ligand residues
(Cys42 and Cys61) of S. solfataricus ARF are also essential
for the cluster assembly and/or stability [138], suggesting
that the thiophilicity of iron ions with the thiol-containing
loop region is also important for the Fe-S cluster binding
and/or stability. It seems plausible that a (kinetic) “native-
like” semiordered structure of the cluster binding site in
a folding intermediate may behave as a substrate in the
enzyme-assisted [2Fe-2S] cluster assembly/maturation steps,
where (i) the geometric tolerance of the metal-binding
loops, allowed by the spacing and types of ligands near
the protein surface, and (ii) the thiophilicity of iron ions
with the thiol-containing loops should play decisive roles
[153]. This is in accord with the previous report by Meyer
et al. [154], clearly showing the (unexpected) assembly of an
oxidized [2Fe-2S] cluster into a recombinant, single-ligand-
substituted (C42A) variant of Clostridium pasteurianum
rubredoxin, whose polypeptide chain normally accommo-
dates a mononuclear Fe(Cys)4 site in the wild-type protein
(see Figure 3, left).

Although not experimentally tested, generality of this
“geometrical tolerance plus thiophilicity” concept seems to
also apply to the biogenesis of a cubane [4Fe-4S] cluster,
considering also the established interconversion of the Fe-
S cluster types (two [2Fe-2S] ↔ one [4Fe-4S]) on the IscU
scaffold protein [114, 116]. Here the minimal requirement
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for the number of terminal cysteinyl ligands to a cubane
[4Fe-4S] cluster is usually three in most simple and complex
Fe-S proteins, and the fourth ligand at a (spatially) particular
position can be an external ligand [2] (e.g., see Figure 1(c)).
This may be the reason why a cubane [4Fe-4S] core is often
employed for the substrate binding/activation in some Fe-S
enzymes, such as aconitase and related hydratases, and the
radical S-adenosylmethionine (SAM) superfamily [5, 6, 155,
156].

A likely biological and evolutionary benefit of having a
polynuclear cluster site in a complex metalloenzyme would
be that the cluster synthesis/assembly can be more strictly
controlled by one or more specific synthesis-and-assembly
apparatuses [5, 96–98], thereby facilitating a unique redox
chemistry for specific cellular needs—simple binding of
a mononuclear transient metal site in a primordial met-
alloprotein might have been more severely influenced by
the in vivo availability of environmental metal ions to the
last universal common ancestors (due to the simpler metal
binding equilibrium). Additionally, a cavity of sufficiently
large size to accommodate a polynuclear cluster might reduce
a potential problem of binding the wrong metal ion that
is correlated with the Irving-Williams series [157] of the
stability trend for aqueous metal-sulfur complexes in the
order, Mn2+ < Fe2+ <Co2+ <Ni2+ <Cu2+ >Zn2+ (even when
diminishing iron levels posed a serious challenge for early
aerobic archaea). Prototypal polynuclear cluster formations,
followed by early modular evolutionary events afforded
“stepwise” development of new catalytic and electron trans-
fer functions of primordial complex metalloenzymes. These
enzymes consist of ensembles of redox protein modules of
convergent/divergent evolutionary origins, using a limited
number of basic protein scaffolds, and could meet versatile
requirements of early metabolisms and environmental con-
ditions [153]. Contemporary aerobic and thermoacidophilic
archaea inherited the resultant intracellular Fe-S world from
their anaerobic ancestors, and this world keeps running in an
extraordinary environment by powering the enzyme-assisted
Fe-S cluster biogenesis machinery.

5. Conclusion

The majority of thermophilic archaea are anaerobic organ-
isms because molecular oxygen is often scarce in their habi-
tats. Early biochemical evidence has established that one of
the characteristic features in the central metabolic pathways
of both anaerobic and aerobic archaea is the involvement
of ferredoxins in electron transport. In the aerobic and
thermoacidophilic archaea, zinc-containing ferredoxin [17]
is abundant in the cytoplasm and functions as a key electron
carrier; in addition, many other Fe-S enzymes are operative
in the central metabolic and bioenergetic pathways [17,
35, 68]. These Fe-S proteins must be protected by keeping
intracellular pH at an acceptable value (typically 5.6–6.5 in
Sulfolobus and Thermoplasma [20, 21, 58–60]) in the face of
a huge proton gradient ΔpH across the membrane. Thus, in
addition to expected structural adaptations of a local Fe-S
cluster binding site by natural selection, the Fe-S enzymes

of aerobic and thermoacidophilic archaea obligately require
the stringent intracellular pH homeostasis mechanism, as
well as the reactive oxygen species-scavenging system. Some
thermoacidophilic archaea such as Thermoplasma do this
by reducing the proton influx by the generation of an
inside positive membrane potential ΔΨ, which is generated
by a difference in electrical potential formed between a
greater influx of cations (such as potassium ions) and the
outward flux of protons [19, 21, 59]. In Sulfolobus, the inside
negative ΔΨ is rather low and the PMFis largely composed
of a ΔpH of greater than 2 units [21, 58, 60, 68], where
the cognate aerobic respiratory chain probably fulfills the
role as an effective proton pump in vivo and preserves
the cognate Fe-S world descendant from their anaerobic
ancestors.

De novo formation of intracellular Fe-S clusters does
not occur spontaneously but requires specific biosynthetic
pathways: of three types of the Fe-S cluster biosynthesis
systems (NIF, ISC, and SUF) identified in the bacterial and
eukaryal systems [7, 98–101], the thermoacidophilic archaea
apparently contain only the SUF system. More specifically,
only the SufB, SufC, and SufD homologs are conserved
in some archaea including Sulfolobus, which most likely
function as a putative Fe-S scaffold complex [119, 120].
On the other hand, cysteine desulfurase (CdsA/IscS/SufS)
homologs are rather poorly conserved in these archaea, and
remain to be assigned in future study. A transient Fe-S cluster
dislocated from the archaeal SUF scaffold protein is sub-
sequently transferred (presumably using an ApbC/NBP35
homolog) and inserted into recipient apoproteins, either
during or shortly after the apoprotein generation and before
the folding into its native-like conformation. In many
recipient Fe-S protein modules, the Fe-S cluster is assembled
to loop regions and is often located near the protein
surface. The in vivo assembly of a biological Fe-S cluster
in a (recipient) protein scaffold is determined primarily
by the nature and spacing of the ligands in the cluster
binding loops. These loops probably define the geometric
tolerance and thiophilicity of iron ions and thereby play a
decisive role in a (kinetic) “native-like” semiordered folding
intermediate. I hope that this short review will stimulate
further research work, through which the answers to many
open questions will be integrated into a comprehensive view
on the biogenesis and maintenance of the archaeal Fe-S
world.
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The recent discovery of protein modification by SAMPs, ubiquitin-like (Ubl) proteins from the archaeon Haloferax volcanii,
prompted a comprehensive comparative-genomic analysis of archaeal Ubl protein genes and the genes for enzymes thought to
be functionally associated with Ubl proteins. This analysis showed that most archaea encode members of two major groups
of Ubl proteins with the β-grasp fold, the ThiS and MoaD families, and indicated that the ThiS family genes are rarely linked
to genes for thiamine or Mo/W cofactor metabolism enzymes but instead are most often associated with genes for enzymes
of tRNA modification. Therefore it is hypothesized that the ancestral function of the archaeal Ubl proteins is sulfur insertion
into modified nucleotides in tRNAs, an activity analogous to that of the URM1 protein in eukaryotes. Together with additional,
previously described genomic associations, these findings indicate that systems for protein quality control operating at different
levels, including tRNA modification that controls translation fidelity, protein ubiquitination that regulates protein degradation,
and, possibly, mRNA degradation by the exosome, are functionally and evolutionarily linked.

1. Introduction

Ubiquitination (ubiquitylation) of proteins is an ancestral,
pivotal process in eukaryotes that governs protein trafficking
and turnover, signaling, heterochromatin remodeling, and
other processes [1–3]. All eukaryotes possess an elaborate
system that includes a variety of small proteins of the
ubiquitin (Ub) family, E1 Ub-activating, E2 Ub-conjugating,
and E3 Ub-ligase enzymes, as well as a broad diversity
of deubiquitinating enzymes (DUBs) [1, 2, 4]. Ubiquitin
conjugation through the formation of isopeptide bonds
by the e-amino groups of two conserved lysines of the
Ub molecule (K48 and K63) determines the fate of most
proteins in eukaryotic cells, in terms of both topogenesis
and degradation. The functioning of Ub-centered signaling
systems is regulated through the activities of numerous,
specific Ub-binding domains and proteins.

Ubiquitin is one of the most highly conserved eukaryotic
proteins, and the evolution of the Ub system is fairly well
studied [1, 5–8]. In particular, it has been shown that Ub

homologs in bacteria and most likely in archaea are involved
in thiamine and molybdenum (Mo)/tungsten (W) cofactor
biosynthesis along with functionally linked homologs of E1
enzymes; in addition, E2 family proteins and homologs of
metal-dependent DUBs of the Jab1/MPN family have been
detected in several bacteria in association with Ub-like (Ubl)
and E1-like proteins, leading to the hypothesis that these
proteins could give rise to the Ub-system of eukaryotes; in
contrast, E3 enzymes appear to be specific to eukaryotes
[1, 7]. Indeed, there are some steps of thiamine and Mo/W
cofactor biosynthesis that are biochemically equivalent to Ub
conjugation. These steps include incorporation of sulfur into
the respective molecules mediated by the Ubl sulfur-carrier
proteins of the ThiS or MoaD family. These Ubl proteins are
activated by adenylating E1-like enzymes of the ThiF and
MoeB families, and in the next step, sulfur is incorporated
by sulfur transferases of the IscS or rhodanese family, that
transfer sulfur to its target via an intermediate persulfide (-S-
S-H) formed by the active site cysteine [1, 7, 9–13].
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The eukaryote Ub proteins and the prokaryote ThiS/
MoaD family proteins possess the same β-grasp fold [14, 15]
and a conserved carboxyl-terminal glycine which is crucial
for the activation by E1-like enzymes [9, 10, 12, 13]. Recently,
a protein modification system, known as pupylation, that
is functionally equivalent but not homologous to the Ub
system has been discovered in Mycobacterium tuberculosis
[16, 17]. The two key components of this system are the
small protein Pup and the enzyme PafA that is essential for
Pup conjugation to the ε-NH2 groups of lysines on several
target proteins [16, 17]. The pupylated proteins are targeted
for degradation by the mycobacterial proteasome [18]. Until
recently, there were no indications that in archaea Ubl
proteins perform functions other than cofactor biosynthesis,
especially given that no archaeal E2-like proteins have
been detected [7, 8]. Furthermore, there were some doubts
that ThiS-like proteins in archaea are actually involved in
thiamine biosynthesis because, unlike the bacterial case,
the respective genes do not belong in the same gene
neighborhoods with other thiamine biosynthesis genes, and
an alternative pathway for thiamine biosynthesis has been
proposed to function in archaea and eukaryotes [7, 19, 20].

In a striking recent development, the involvement of
two Ubl proteins called SAMPs (small archaeal modifier
proteins) in protein conjugation has been demonstrated in
the halobacterium Haloferax volcanii [21]. Because SAMPy-
lated proteins seem to accumulate in proteasome-deficient
mutants and the targets of SAMPylation include ubiquitous
metabolic and house-keeping systems of archaea, Humbard
et al. hypothesized that the eukaryotic Ub system evolved
from the SAMPylation machinery or a related archaeal
system [21]. These groundbreaking results prompted us to
perform an in-depth comparative genomic and sequence
analysis of archaeal Ubl proteins and associated gene prod-
ucts; this analysis led to a number of functional predictions
and a shift of the perspective on the likely ancestral functions
of Ub-like proteins.

2. Materials and Methods

The recent update of the arCOG database [22] that includes
70 complete archaeal genomes (ftp://ftp.ncbi.nih.gov/pub/
wolf/COGs/arCOG/) was used for the analysis of phyletic
patterns of the relevant genes. The same database was also
used for sequence retrieval. The NCBI Refseq database
[23] was used for retrieval of information on genomic
context. Protein sequence database searches were performed
using PSI-BLAST [24] with an inclusion threshold E-value
of 0.01 and no composition-based statistical correction.
Additional sequence database searches were performed using
the HHPred program which includes secondary structure
prediction as part of the search [25]. The PSI-BLAST and
HHPred searches allow prediction of protein fold through
similarity to proteins of known structure.

Multiple alignments of protein sequences were con-
structed using the Promals3D program [26], followed by
a minimal manual correction on the basis of local align-
ments obtained using PSI-BLAST [24]. Protein secondary
structure was predicted using the PSIPRED program that

constructs multiple alignments of the query proteins with
their homologs (whenever available) and employs these
alignments for prediction [27]. Maximum likelihood (ML)
phylogenetic trees were constructed by using MOLPHY pro-
gram [28] with the JTT substitution matrix to perform local
rearrangement of an original Fitch tree [29]. The MOLPHY
program was also used to compute RELL bootstrap values
from 10,000 replicates.

3. Results and Discussion

3.1. Ubl Proteins in Archaea and Their Classification. For the
purpose of this paper, we define Ubl proteins broadly and in
functional terms, rather than in terms of homology, that is,
as small proteins that function as sulfur carriers in coenzyme
biosynthesis and other metabolic reactions or that modify
other proteins through conjugation that includes isopeptide
bond formation. So defined, the Ubl proteins include the Ub
homologs that adopt the β-grasp fold, the Pup-like proteins,
and the additional proteins that are inferred to function via
a similar mechanism on the basis of gene fusions, genomic
neighborhoods and distinct sequence motifs (see below).

In order to identify potential Ubl proteins in archaea
as completely as possible, we employed two approaches.
First, we performed PSI-BLAST searches against the archaeal
subset of the NR database using as queries representatives of
all previously identified Ubl protein families [1, 7, 8]. All pro-
teins identified by these searches were linked to the updated
arCOG database (see [22] and Section 2). The list of arCOGs
that encompass potential Ubl proteins is given in Supple-
mentary Table S1 available at doi:10.1155/2010/710303. This
search allowed us to detect a few missing members of Ubl
protein families, including a ThiS-like protein (NEQ520) in
Nanoarchaeum equitans, an organism that was not previously
noticed to encode Ubl proteins. The second approach was
based on the identification of C-terminal motifs in multiple
alignments of arCOGs. It has been shown that Ubl proteins
(both β-grasp proteins and Pup-related proteins) possess a
functionally essential double glycine (GG) motif at the C-
terminus [1, 7, 8, 21]. Additionally, we noticed that one of the
β-grasp related arCOGs from Halobacteria (arCOG00539)
contains a double cysteine (CC) C-terminal motif. So we
reconstructed consensus sequences for multiple alignments
of all arCOGs and searched families that consisted of
small proteins (<200 aa) with a conserved GG or CC C-
terminal motif. Altogether we identified 8 arCOGs that met
these criteria: 6 of which belong to the β-grasp fold, the
7th one (arCOG06308) possesses a TATA-binding protein-
(TBP-) like fold (these proteins contain a C-terminal GG
motif and are unique to Halobacteria), and the 8th one
is an uncharacterized family (arCOG08988) with a “CC”
C-terminal motif that is also specific to Halobacteria. The
proteins in the latter family are predicted to possess a pattern
of secondary structure elements (helix-helix-β-strand) that
is clearly distinct from the β-grasp fold or the TBP-like
fold but resembles the Pup domain [7, 8]. The phyletic
patterns of all these arCOGs show that, among Archaea,
Ubl proteins (primarily, the β-grasp domain proteins) are
missing only from the genomes of several methanogens,
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namely, Methanococcus jannaschii, Methanopyrus kandleri
and Methanococcus aeolicus.

We analyzed all arCOGs that include β-grasp fold Ubl
proteins by constructing a multiple alignment (Supple-
mentary Figure S1) and a phylogenetic tree (Figure 1: The
maximum likelihood tree was reconstructed using MOLPHY
program [28] from 76 informative positions in the multiple
alignment. The RELL bootstrap values are indicated for
selected major branches: the branches supported at ≥50%
are marked by black circles. The sequences are denoted by
their GI numbers, abbreviated species name, and arCOG
number to which this sequence has been assigned in
arCOG database. Color codes for sequences are given as
follows: blue—euryarchaea; orange—crenarchaea; brown—
thaumarchaea; pink—korarchaea; black—Nanoarchaeum
equitans. Major haloarchaeal branches are shaded. Proteins
analyzed in the recent study of SAMPylation [21] are denoted
by Haloferax volcanii protein identifiers and colored red. For
the MoaD subtree, the expected associations with one or
more MoCo biosynthesis genes are shown by green circles.
Other gene neighbors are indicated on the right side of the
tree (red) by indication of gene name, by full protein name,
or by arCOG. Genes associated with Ubl are the following:
E1-Ubl activating enzyme, ThiF/HesA family; AOR, tungsten
cofactor containing enzyme aldehyde ferredoxin oxidore-
ductase; SseA, Rhodanese-related sulfurtransferase; GloB,
glyoxalase; SfsA, sugar fermentation stimulation protein;
OcmC, peroxiredoxin.). In this case, a highly reliable tree
topology could not be obtained owing to the small size of
the Ubl proteins resulting in a small number of informative
positions. This caveat notwithstanding, the tree consisted
of the two major previously established branches that
correspond, respectively, to the ThiS and MoaD families
[7]; moreover, the topology is reasonably compatible with
the archaeal taxonomy and with the classification of the
Ubl protein derived from the arCOGs (Figure 1). Therefore,
this tree provides a useful framework for classification
and potential functional inferences. The MoaD branch
includes almost twice as many proteins as the ThiS branch.
Several lineage-specific duplications are traceable in the
MoaD branch including Crenarchaea- and Halobacteria-
specific duplications. Several cases of likely horizontal gene
transfer are also noticeable, for example, several euryarchaeal
branches within the crenarchaeal part of the MoaD branch
and, conversely, some crenarchaea embedded within the
euryarchaeal part of the ThiS branch. The proteins in
arCOG00540 that is specific to Sulfolobales, which so far
have not been annotated as Ubl proteins, and those in
arCOG00537 that is specific to Thermoproteales appear
to cluster within the ThiS branch, pointing to additional
duplications in crenarchaea. The tree also reveals a probable
error in arCOG assignments for Thaumarchaea because two
Thaumarchaeal proteins (GI: 161528937 and GI: 118195088)
belong to arCOG00535 rather than arCOG00536. Given
the diversity within both branches in the Ubl protein
tree, it seems most likely that the last archaeal common
ancestor (LACA) encoded at least two Ubl proteins with
the β-grasp fold that represented the ThiS and MoaD
families.

3.2. Gene Context and Domain Fusion Analysis for Ubl Pro-
teins. Gene context and domain fusion analysis are central
tools of inference under the “guilt by association” approach
that is broadly used for prediction of functional connections
for uncharacterized genes [30–33]. Most domain fusions
can be automatically retrieved from arCOGs because the
algorithm of arCOG construction includes splitting proteins
into domains unless a fusion is conserved to the extent
that it dominates the corresponding arCOG [22]. To analyze
neighborhoods we retrieved three upstream and three down-
stream genes for each Ubl gene from a representative set of
archaeal genomes (Supplementary Table S2) and identified
the most common gene associations (Figure 1, Table 1, and
Supplementary Table S3). Generally, we observed the same
trends that have been pointed out previously [7, 20]. Most of
the genes from the MoaD subfamily in archaea are associated
with MoCo biosynthesis enzymes and the gene for aldehyde
ferredoxin oxidoreductase (AOR) which utilizes the tungsten
cofactor (a derivative of the molybdopterin cofactor). Like
in bacteria, many MoaD-family domains are fused to the
MoaE enzyme which is responsible for sulfur transfer to
activated MoaD-like protein. We also confirmed the absence
of contextual association of ThiS genes with any of the genes
for thiamine cofactor biosynthesis.

In addition, we identified several strong connections that
have not been noticed previously, partly, because recently
sequenced genomes help us to ascertain the evolutionary
conservation of these associations. Mostly, these new asso-
ciations are links between ThiS family genes and genes for
proteins involved in translation. The most notable case is the
association with PP-loop family ATPases that catalyze various
tRNA modifications. In particular, the connection with
the MesJ protein (arCOG0042) recurs in several archaeal
lineages (Figure 1). The MesJ protein is nearly ubiquitous
in prokaryotes and, in bacteria, is responsible for lysidine
formation [35].

Recently, a tRNA modification pathway in yeast and in
the nematode Caenorhabditis elegans that includes the Ubl
protein URM1, two PP-loop ATPases (Nsc6p and Ncs2p),
and two additional enzymes whose orthologs in bacteria
are involved in thiamine biosynthesis (E1-like protein and
rhodanese) has been characterized [36–38]. It has been
shown that URM1 acts as a sulfur carrier protein for
thiolation of uridine in the wobble position of some
tRNAs; this modification results in an increased transla-
tional fidelity, in particular, preventing frame shift errors
[37, 39]. Strikingly, three proteins that are homologous
to URM1 pathway components (HVO 0558, arCOG01676;
HVO 0025, arCOG02019; HVO 0580, arCOG00042) are
SAMPylated with both SAMP1 and SAMP2 in H. volcanii
[21]. The HVO 0580 protein, which is the ortholog of
Nsc6p and a member of arCOG00042, is SAMPylated only
with SAMP2 (HVO 0202), a ThiS family protein. Our
observations complement these results and suggest that, even
in those archaea where there is no genomic association
between Ubl and PP-loop ATPases of arCOG00042 genes
(which is the case in Halobacteria), these proteins function
in concert.
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 70606476   Sulac  arCOG00540
 15897228   Sulso  arCOG00540

 146305007  Metse  arCOG00540
 126353936  Calma  arCOG00537

 99900649   Thete  arCOG00537
 18313032   Pyrae  arCOG00537
 126459632  Pyrca  arCOG00537

 171185745  Thene  arCOG00537
 41615302   Naneq  arCOG00535

 18977854   Pyrfu  arCOG00535
 242399115  Thesi  arCOG00535

 212224959  Theon  arCOG00535
 170290827  Korcr  arCOG00535

 148642612  Metsm  arCOG00535
 15679735   Metth  arCOG00535
 84489151   Metst  arCOG00535

 150400275  Metva  arCOG00535
 134045956  MetmC  arCOG00535
 45358218   Metmp  arCOG00535

 73670982   Metba  arCOG00535
 21226239   Metma  arCOG00535
 20092115   Metac  arCOG00535
 20091769   Metac  arCOG00535
 20091575   Metac  arCOG00535

 91772430   Metbu  arCOG00535
 118431725  Aerpe  arCOG00535

 110622000  Uncme  arCOG00535
 116754290  Metsa  arCOG00535

 11498344   Arcfu  arCOG00535
 55379215   Halma  arCOG00535

 257387202  Halmu  arCOG00535
 169236841  Halsa  arCOG00535
 15791089   Halsp  arCOG00535
 76801103   Natph  arCOG00535

 222478868  Halla  arCOG00535
 257052995  Halut  arCOG00535

 219851847  Matpa  arCOG00535
 124485790  Metla  arCOG00535

 154151659  Metbo  arCOG00535
 124027477  Hypbu  arCOG00535

 16082411   Theac  arCOG00535
 13540947   Thevo  arCOG00535

 48477609   Picto  arCOG00535
 15921923   Sulto  arCOG00535
 70607385   Sulac  arCOG00535
 146304182  Metse  arCOG00535

 124026993  Hypbu  arCOG00535

 218884697  Deska  arCOG00535
 126466483  Stama  arCOG00535

 118195088  Censy  arCOG00536
 161528937  Nitma  arCOG00536

 33356745   Pyrab  arCOG00535
 212223374  Theon  arCOG00535
 240102862  Thega  arCOG00535
 242399406  Thesi  arCOG00535

 33359535   Pyrfu  arCOG00535

 18313447   Pyrae  arCOG00536

 212223899  Theon  arCOG00538

 18977977   Pyrfu  arCOG00538
 33356700   Pyrab  arCOG00538

 242398470  Thesi  arCOG00538

 222479689  Halla  arCOG00536
 16081733   Theac  arCOG00536

 257051106  Halut  arCOG00536

 15790749   Halsp  arCOG00536
 169236492  Halsa  arCOG00536
 257387698  Halmu  arCOG00536
 76803138   Natph  arCOG00536
 55379974   Halma  arCOG00536

 222480407  Halla  arCOG00536
 110669083  Halwa  arCOG00536

 76801893   Natph  arCOG00536

 222479963  Halla  arCOG00536
 55378769   Halma  arCOG00536

 73668043   Metba  arCOG00536
 20092879   Metac  arCOG00536
 21226933   Metma  arCOG00536
 91773385   Metbu  arCOG00536

 110667803  Halwa  arCOG00536
 110621538  Uncme  arCOG00536

 76802608   Natph  arCOG00536
 55378770   Halma  arCOG00539

 76801420   Natph  arCOG00539
 222480314  Halla  arCOG00539

 11499216   Arcfu  arCOG00536
 116753334  Metsa  arCOG00536

 154151667  Metbo  arCOG00536
 219851939  Matpa  arCOG00536

 88601825   Methu  arCOG00536
 126179282  Metcu  arCOG00536
 124485303  Metla  arCOG00536

 134045266  MetmC  arCOG00536
 45358920   Metmp  arCOG00536

 150399418  Metva  arCOG00536
 170289930  Korcr  arCOG00536

 88603453   Methu  arCOG00536
 219852168  Matpa  arCOG00536

 124485016  Metla  arCOG00536
 126178288  Metcu  arCOG00536
 18976915   Pyrfu  arCOG00536

 33356787   Pyrab  arCOG00536
 242399827  Thesi  arCOG00536

 212224774  Theon  arCOG00536
 240102133  Thega  arCOG00536
 126459675  Pyrca  arCOG00536
 18313123   Pyrae  arCOG00536

 119872459  Pyris  arCOG00536
 171185791  Thene  arCOG00536

 99901685   Thete  arCOG00536
 126458782  Pyrca  arCOG00536
 18314025   Pyrae  arCOG00536
 171185694  Thene  arCOG00536

 99901683   Thete  arCOG00536
 126354836  Calma  arCOG00536

 124027886  Hypbu  arCOG00536
 21228746   Metma  arCOG00536
 20090565   Metac  arCOG00536

 124027033  Hypbu  arCOG00536
 218883903  Deska  arCOG00536
 119719092  Thepe  arCOG00536

 11499688   Arcfu  arCOG00536
 240103969  Thega  arCOG00536

 18976717   Pyrfu  arCOG00536
 14521166   Pyrab  arCOG00536

 242398989  Thesi  arCOG00536
 13541625   Thevo  arCOG00536

 16081944   Theac  arCOG00536
 212223928  Theon  arCOG00536
 126465571  Stama  arCOG00536

 170290391  Korcr  arCOG00536
 15920744   Sulto  arCOG00536

 70606737   Sulac  arCOG00536
 238618682  Sul04  arCOG00536
 15899146   Sulso  arCOG00536

 146303428  Metse  arCOG00536
 156937613  Ignho  arCOG00536

 126465328  Stama  arCOG00536
 218884204  Deska  arCOG00536

 218884045  Deska  arCOG00536
 119719232  Thepe  arCOG00536

 242399599  Thesi  arCOG00536
 124027961  Hypbu  arCOG00536

 119872163  Pyris  arCOG00536
 18312133   Pyrae  arCOG00536

 145592561  Pyrar  arCOG00536
 99900700   Thete  arCOG00536

 48478128   Picto  arCOG00536
 13541400   Thevo  arCOG00536
 16082053   Theac  arCOG00536
 11497643   Arcfu  arCOG00536

 156937055  Ignho  arCOG00536
 14600831   Aerpe  arCOG00536

 218883523  Deska  arCOG00536
 242399593  Thesi  arCOG00536

 110621949  Uncme  arCOG00536
 11498162   Arcfu  arCOG00536
 161529056  Nitma  arCOG00536

 118195731  Censy  arCOG00536
 170289639  Korcr  arCOG00536

 218884699  Deska  arCOG00536
 126465688  Stama  arCOG00536

 HVO_0202 SAMP2  Halvo  arCOG00535
55379215 Halma arCOG00535

257387202 Halmu arCOG00535
169236841 Halsa arCOG00535
15791089 Halsp arCOG00535
76801103 Natph arCOG00535

222478868 Halla arCOG00535
257052995 Halut arCOG00535

HVO_0202 SAMP2 Halvo arCOG00535

ThiSMoaD

Fusion with KEOPS subunit Cgi121

 arCOG05553, membrane protein 

ribosomal protein S17e

AOR and OsmC family

arCOG01641, TRAM protein 

arCOG03852, uncharacterized

E1 and arCOG00535, Ubl of MoeD family

arCOG00042, MesJ-like tRNA modifying enzyme

arCOG00042, MesJ-like tRNA modifying enzyme

arCOG00042, MesJ-like tRNA modifying enzyme

arCOG00042, MesJ-like tRNA modifying enzyme

arCOG00042, MesJ-like tRNA modifying enzyme

arCOG04721, GNAT acetyltransferase

ATP-grasp enzyme PAC2

 HVO_0623  Halvo  arCOG00539

 HVO_2177  Halvo  arCOG00536

 HVO_2619 SAMP1  Halvo  arCOG00536
257051106 Halut arCOG00536

15790749 Halsp arCOG00536
169236492 Halsa arCOG00536
257387698 Halmu arCOG00536
76803138 Natph arCOG00536
55379974 Halma arCOG00536

222480407 Halla arCOG00536
110669083 Halwaww arCOG00536

HVO_2619 SAMP1 Halvo arCOG00536

p
55378770 Halma arCOG00539

76801420 Natph arCOG00539
222480314 Halla arCOG00539

HVO_0623 Halvo arCOG00539

76801893 Natph arCOG00536

222479963 Halla arCOG00536
55378769 Halma arCOG00536

HVO_2177 Halvo arCOG00536

AOR

AOR

AOR

AOR

AOR

AOR

E1

E1

arCOG00498 and 4115,
GloB- and SfsA-like proteins

arCOG02172, 6-pyruvoyl-tetrahydropterin synthase 

arCOG02172,
6-pyruvoyl-tetrahydropterin synthase 

AOR

arCOG00042,
MesJ-like tRNA modifying enzyme

E1

E1

E1

E1

E1

arCOG06307, 8, 9,
all uncharacterized

AOR

SseA

Figure 1: The phylogenetic tree and gene associations for the archaeal Ubl proteins of the β-grasp fold.
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Table 1: Components of Ubl-related pathways in archaea predicted in this papera.

Reference arCOG Representative of the
reference arCOG

arCOGs identified by
genomic context analysis

Lineage Comment

Genomic associations of genes for UBL (β-grasp) proteins

arCOG00540 70606476
arCOG01885
arCOG07188
arCOG00286

Sulfolobales

Predicted operon contains genes for
30 S ribosomal protein S17e, small
uncharacterized protein, and a distinct
membrane-associated HerA-like
ATPase of the SSO0283 family.
Thermosome beta subunit is a
divergently encoded gene located
within a conserved region which
includes a variety of informational
genes.

arCOG00537 18313032 arCOG05553 Thermoproteales Membrane protein

arCOG00535 15791089 arCOG04721 Halobacteria GNAT N-acetyltransferase

arCOG00535 15679735 arCOG00042 Many diverse archaea tRNA(Ile)-lysidine synthase MesJ

arCOG00535 70607385 arCOG03852 Sulfolobales Uncharacterized protein

Genomic associations of arCOG06308 (TBP-like fold protein with [GG] C-terminal motif)

arCOG06308 76801892
arCOG06307

Halobacteria Two small uncharacterized proteins
and MoaD-like Ubl proteinarCOG06309

arCOG00536

Genomic associations of arCOG08988 (uncharacterized protein with [CC] C-terminal motif)

arCOG08988 257373014 arCOG04404 Halobacteria
ComK-like protein, in bacteria, is
involved in regulation of competence;
in archaea, its role is unclear [34].

Genomic associations of genes for E1-like enzymes (ThiF/MoeB)

arCOG01677 15679158

arCOG04863

Methanococcales

First two genes are distant CinA
C-terminal domain homologs; next is
an NAD-binding domain containing
protein and an NIF3 homolog.

arCOG04865

arCOG04864

arCOG04454

Genomic associations of genes for the Jab protease

arCOG01139 257387955 arCOG01222 Many diverse archaea Cytidylyltransferase family protein
aThe table lists genes (arCOGs) that are consistently found within genomic neighborhoods of genes that encode components of Ubl-related pathways. On the
basis of theses associations and, in some cases, their domain content as well, the protein products of these neighboring genes are predicted to be functionally
related to Ubl systems as well.

In Thermococcales, several Ubl genes are associated
with genes encoding peroxiredoxins of the OcmC family
(Figure 1), and indeed, a highly similar homolog of these
proteins accumulates in proteasome mutants and is SAMPy-
lated in H. volcanii [21, 40].

Several representatives of Sulfolobales encode a distinct
family of Ubl proteins (arCOG00540) that are most similar
to the eukaryotic URM1 family (Supplementary Figure S2)
and therefore can be predicted to be involved in a URM1-
like pathway. These Sulfolobus proteins are encoded in a
distinct neighborhood which also includes genes for the
ribosomal protein S17, an uncharacterized small protein
of arCOG07188, a distinct membrane-associated HerA-like
ATPase of the SSO0283 family [41], and a gene for an
HSP60 family chaperonin, a thermosome subunit [42],
which is transcribed in the opposite direction compared
to the rest of the above genes (Table 1). Considering the

data on SAMPylation of proteins encoded by genes adjacent
to Ubl genes, it seems likely that the URM1 homologs
in Sulfolobales regulate translation, proteolysis, and/or cell
division through SAMPylation of, respectively, S17, HSP60,
or HerA proteins, in addition to or instead of functioning in
tRNA modification.

Another notable observation is the fusion of a Ubl
domain with the KEOPS complex subunit Cgi121. This
fusion is conserved in all available genomes of Thaumarchaea
(formerly known as mesophilic Crenarchaea [43]. The
KEOPS (kinase, endopeptidase, and other peptides of small
size) complex consists of 5 subunits (the names are those
of the respective yeast genes that have been studied in most
detail): Mn2+-dependent serine/threonine protein kinase
Bud32p, ATPase of the ASKHA family (Kae1p), and three
additional subunits: Pcc1p, Gon7p, and Cgi121p whose
functions remain unclear. KEOPS complex has been shown
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to be involved in telomere maintenance and transcription
in yeast [44–47]. The orthologs of the Kae1 and Bud32p
subunits are present in all Archaea, the Pcc1p ortholog is
missing only in a few archaeal genomes, and the Cgi121p
ortholog is absent in Sulfolobales/Desulfurococcales and
Nanoarchaeon. Taken together, comparative-genomic find-
ings suggest that the counterpart of the KEOPS complex
performs an essential function in archaea. The structure of
this complex has been solved but the details of its functioning
are still scarce although there are indications that it is
critical for the maintenance of genome integrity in archaea
[45–47]. The gene for the Pcc1 subunit shows a strong
genomic association with genes that encode subunits of the
archaeal exosome, the RNA degradation machine [48, 49].
Furthermore, the exosome genes themselves are associated
with genes for proteasome subunits suggesting that RNA
and protein degradation in archaea are tightly coordinated
[48]. Very recently, it has been shown that in bacteria
homologs of the KEOPS complex subunits are required for
a distinct, widespread tRNA modification, the formation of
N6-threonylcarbamoyladenosine (t6A) [50]. These findings
suggest the possibility of regulation of the KEOPS complex
by SAMPylation or coordinated functioning of the KEOPS
complex, along with the Ubl-based system, proteasome, and
exosome, in RNA and protein turnover control in archaea.
Interestingly, the gene for the Cgi121-Ubl fusion protein
is apparently cotranscribed with a gene for the ribosomal
protein S17 in Nitrosopumilus maritimus and some other
unfinished genomes of marine Thaumarchaeota, resembling
the gene neighborhood in Sulfolobales described above.

The emerging trend of the association of Ubl proteins
with genes involved in key information processing function
in archaea suggests that several less frequent associations seen
in a variety of different genomes also merit attention. For
example, in two Thermoplasma genomes, the genes for ThiS
family proteins are associated with the gene for the pro-
teasome assembly chaperone PAC2 (Figure 1). In Pyrococci,
ThiS family genes are associated with RNA-binding TRAM
domain (Figure 1). Proteins containing TRAM domains are
common in archaea; in particular, it is notable that a TRAM
domain is fused to the essential enzyme 2-methylthioadenine
synthetase that is involved in the thiolation of both tRNA
and ribosomal proteins in bacteria [51–53]. In this case,
again, the Ubl protein might possess a dual function: it
could be involved in thiolation of tRNA (and/or ribosomal
proteins) as a sulfur carrier or could regulate this process
by SAMPylation or both. Finally, the only Ubl protein in
Nanoarchaeon is located in the neighborhood of several
informational genes including the proteasome alpha subunit
and tRNA modification enzymes (Supplementary Table S2).

Surprisingly, it appears that either the functional speci-
ficity of Ubl proteins from different subfamilies can be easily
switched or functional flexibility is an intrinsic feature of
these proteins. For instance, the two functionally charac-
terized SAMP proteins of H. volcanii belong to the two
distinct branches of archaeal Ubl proteins, ThiS and MoaD
(Figure 1). This hypothesis seems to be further supported
by gene context and the dendrogram analysis, in particular,
the association of Ubl proteins of the MoeB family with

tRNA-modifying PP-loop ATPases and association of the
ThiS family genes with the AOR enzyme (Figure 1).

3.3. Gene Context and Domain Fusions of E1-Like Enzymes.
All known pathways involving Ubl proteins require E1
enzymes which activate these proteins via adenylation
of the carboxy-terminal glycine residue of the Ub/Ubl
polypeptide [54]. E1 enzymes possess a core Rossmann-
fold ATP-binding domain [5]. Four distinct families
of E1-like enzymes have been identified in archaea,
namely, MoeB/ThiF/MOSC3 like, MJ0639-like, PaaA-like,
and GodD-like enzymes [5] which in arCOGs are assigned to
arCOG1676, arCOG1677, arCOG4786, and arCOG02882-
2883,5002, respectively. However, PaaA and GodD-like
enzymes are probably not involved in pathways that rely
on Ubl proteins [5] and therefore are not considered here.
Representatives of arCOG1676 are present in most archaea
with the exception of the same methanogens that lack
Ubl proteins (see above). However, all these methanogens
encode a representative of the closely related arCOG1677
(Supplementary Table S1). The reconstructed phylogeny of
arCOG1676 shows that the major euryarchaeal branch is well
separated from the major crenarchaeal branch (Supplemen-
tary Figure S3). Some euryarchaea seem to have acquired
from different bacterial sources additional E1-like enzymes;
in Thermoplasma, these enzymes apparently have replaced
the ancestral form.

Most of the archaeal E1-like enzymes possess the same
domain architecture (E1 core and a TBP-like C-terminal
domain) as most of the bacterial homologs. There are also
several other telling fusions shared with bacteria: Ubl-E1-
TBP in Thaumarchaeota and Jab-E1 in methanogen RC1
(Jab is a predicted protease and/or DUB—see below). In
addition, a unique architecture, with a small C-terminal
small domain containing two conserved cysteines, is seen
in Sulfolobus genomes. Analysis of gene neighborhoods for
arCOG01676 did not reveal any new strong functional links.
We detected many associations with Ubl-like genes and fewer
links with enzymes of MoCo biosynthesis, thiamine biosyn-
thesis enzyme ThiI, and cysteine synthase, all of which have
been described before (see [5] and Supplementary Tables S2
and S3). However, it should be emphasized that the essential
function of ThiI-like enzymes in prokaryotes is 4-thiouridine
(S4U) modification of tRNAs [55], so it seems plausible
that in archaea, which apparently synthesize thiamine via
a distinct pathway [7, 19, 20], tRNA modification is the
only function of ThiI. Furthermore, recently it has been
shown that E1 enzymes and Ubl-proteins are also involved
in thiolation of tRNA in Thermus thermophilus [56]. Thus,
the same function can be proposed for at least some of the
E1-MoaD associations seen in archaea.

Interestingly, several representatives of the second E1-
like family (arCOG01677) in methanogens are located
in a conserved neighborhood which includes a gene
for PP-loop superfamily enzyme, a predicted subunit of
tRNA(5-methylaminomethyl-2-thiouridylate) methyltrans-
ferase (arCOG00037) [57]. However, the strongest potential
functional association of arCOG1677 family genes remains
enigmatic. In most methanogens, these genes are associated
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with genes for arCOG04865, which is homologous to the
C-terminal domain of CinA, and arCOG04454, a NIF3
homolog (Table 1). In bacteria, CinA is a competence-
induced gene often located in the same operon with RecA
[58]. The NIF3 gene encodes a conserved metal-binding
regulatory protein whose exact function remains unknown
[59]. Given that arCOG01677 genes are never associated with
genes for Ubl proteins, it seems unlikely that this group
of E1-like enzymes is functionally linked to Ubl-dependent
pathways.

3.4. Gene Context and Domain Fusions of Jab Proteases
and Rhodanese-Like Enzymes. Metal-dependent proteases of
the Jab family that in eukaryotes function as the primary
proteasome-associated DUBs [4, 60, 61] and rhodanese-
related enzymes that are involved in sulfur transfer reactions
together with Ubl proteins [62] show similar but not
identical distributions in archaea (Supplementary Table
S1). These proteins are missing in many crenarchaea and
methanogens. In archaea, the homologs of Jab proteases are
rarely associated with Ubl genes or other genes involved
in Ubl-related pathways. However, Jab genes are often
associated with a gene for a cytidylyltransferase (Table 1
and Supplementary Tables S2 and S3), an association that
could be of particular interest given that E2 and E3 enzymes
required for Ub conjugation in eukaryotes have not been
detected in archaea [6, 7]. A nucleotidyltransferase poten-
tially could transfer an adenylated (activated) Ubl to a target
protein, that is, perform the function of Ub ligase without
sulfur-containing intermediates. The Jab protease is likely to
function as a DUB similarly to its homologs in eukaryotes.
Thus, it is tempting to propose the cytidylyltransferase-Jab
tandem of enzymes as a candidate for an archaeal Ubl-
conjugation/deubiqiutination system.

Sulfur transferases of the rhodanese family catalyze the
incorporation of sulfur into activated Ubl proteins via an
intermediate persulfide. Rhodanese domains are often fused
to ThiI like enzymes that also contain an N-terminal RNA-
binding THUMP domain (Supplementary Tables S2 and S3).
Many bacteria posses the same domain architecture and,
as pointed out above, these enzymes are probably involved
in tRNA modification. Only a few other associations of
rhodanese-like proteins could be related to Ubl pathways
(with AOR genes, for example), but most of other proteins of
the rhodanese family are involved in either sulfur metabolism
or redox pathways, which are likely Ubl independent.

4. Discussion

Comparative-genomic analysis indicates that most archaea
encode members of two major groups of Ubl proteins
with the β-grasp fold, the ThiS and MoaD families. The
ThiS family genes are rarely found together with genes
for thiamine and Mo/W cofactor metabolism enzymes but
instead are often associated with various highly conserved
and probably essential genes with functions related to
translation, especially, tRNA modification. Thus, most if not
all ThiS family proteins are predicted to function as sulfur

carrier proteins for reactions similar to those recently char-
acterized for the URM1 pathway in yeast [37]. In contrast,
genomic associations suggest that the primary function of
the MoaD family proteins is indeed the Mo/W cofactor
biosynthesis. The absence of Ubl proteins and E1-like Ubl-
activating enzymes of the arCOG1676 in such autotrophic
archaea as M. jannaschii and M. kandleri and the absence
of association of Ubl genes with thiamine biosynthesis genes
(other than ThiI family enzymes which are probably involved
in tRNA modification) is compatible with the existence of an
alternative thiamine biosynthesis pathway in archaea.

Surprisingly, despite their apparent functional prefer-
ences, ThiS and MoaD family members appear to be
interchangeable in pathways that employ Ubl proteins either
as sulfur carriers or for protein modification. This possibility
is born out both through analysis of gene associations for
both subfamilies as described here and by the experimental
data on the two SAMP proteins of Haloferax volcanii one of
which belongs to the ThiS family and the other one to the
MoaD family [21].

The most prominent associations revealed by compara-
tive genomics for the archaeal Ubl proteins are with enzymes
of tRNA modification. This finding leads to the hypothesis
that the majority of the β-grasp Ubl proteins in archaea,
at least those of the ThiS family, are involved in sulfur
insertion steps of the biosynthesis of modified nucleotides.
Given the ubiquity of a variety of tRNA modifications
across cellular life [63], this is likely to be the ancestral
function of the Ubl proteins that subsequently were recruited
for other chemically similar reactions, such as MoCo and
thiamine biosynthesis, as well as protein modification. This
hypothesis is compatible with the role of the eukaryotic
Urm1 protein in specific tRNA modification and with fusion
of the Ubl domain to the KEOPS complex subunit Cgi121,
given the requirement of KEOPS for the t6A modification.
Experimental study of the involvement of Ubl proteins in
tRNA modification appears to be an extremely promising
research direction.

From a more general perspective, tRNA modification
is undoubtedly a major mechanism of the quality control
of translation [64, 65]. Considering also the association
of another KEOPS subunit (Pcc1) with the exosome and
the proteasome, it is tempting to view the Ubl proteins as
general devices for protein quality control, both at the most
fundamental level of translation fidelity and at the secondary
levels of regulated protein and RNA degradation. In eukary-
otes, the latter mechanisms assumed hugely diversified roles
which required the evolution of the enormously complex
Ub-centered signaling systems.

The comparative-genomic analysis of the genes for Ubl
proteins and the enzymes that appear functionally linked
to them suggests that archaea might possess still unchar-
acterized Ubl-related functional systems. In particular, the
association of the Jab protease with a cytidylyltransferase-
like enzyme appears to be a candidate for a Ubl conjuga-
tion/deubiquitination system. In addition, archaea are likely
to possess functional analogs of Ubl proteins that are struc-
turally and hence evolutionarily unrelated to the β-grasp
fold. This group includes small proteins of the TBP-like fold
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that bend at a GG doublet and are often fused to E1 family
enzymes, in a strong indication of their Ubl-type activity,
along with putative homologs of the bacterial Pup protein.

In conclusion, the comparative-genomic analysis trig-
gered by the seminal discovery of the SAMPylation reactions
in H. volcanii reveals unexpected potential complexity of
archaeal Ubl-centered systems and offers several directions
for further experimentation, the most important of which
arguably is the validation of the hypothesis on the involve-
ment of Ubl proteins in tRNA modification. In addition,
this analysis opens up an unexpected and potentially fun-
damental area of inquiry into the evolution of cells, namely,
the ancestral connection between systems of protein quality
control that operate at different levels.

Species Abbreviations

Aerpe: Aeropyrum pernix K1
Arcfu: Archaeoglobus fulgidus
Calma: Caldivirga maquilingensis IC-167
Korar: Candidatus Korarchaeum cryptofilum OPF8
Metbo: Candidatus Methanoregula boonei 6A8
Censy: Cenarchaeum symbiosum
Deska: Desulfurococcus kamchatkensis 1221n
Ferac: Ferroplasma acidarmanus fer1
Halma: Haloarcula marismortui ATCC 43049
Halsa: Halobacterium salinarum R1
Halsp: Halobacterium sp.
Halmu: Halomicrobium mukohataei DSM 12286
Halwa: Haloquadratum walsbyi
Halut: Halorhabdus utahensis DSM 12940
Halla: Halorubrum lacusprofundi ATCC 49239
Haltu: Haloterrigena turkmenica DSM 5511
Hypbu: Hyperthermus butylicus DSM 5456
Ignho: Ignicoccus hospitalis KIN4/I
Metse: Metallosphaera sedula DSM 5348
Metsm: Methanobrevibacter smithii ATCC 35061
Metin: Methanocaldococcus infernus ME
Metvu: Methanocaldococcus vulcanius M7
Metbu: Methanococcoides burtonii DSM 6242
Metmp: Methanococcus maripaludis S2
Metva: Methanococcus vannielii SB
Metla: Methanocorpusculum labreanum Z
Metcu: Methanoculleus marisnigri JR1
Metsa: Methanosaeta thermophila PT
Metac: Methanosarcina acetivorans
Metba: Methanosarcina barkeri str. Fusaro
Metma: Methanosarcina mazei
Metst: Methanosphaera stadtmanae
Matpa: Methanosphaerula palustris E1-9c
Methu: Methanospirillum hungatei JF-1
Metth: Methanothermobacter thermautotrophicus
Naneq: Nanoarchaeum equitans
Natph: Natronomonas pharaonis
Nitma: Nitrosopumilus maritimus SCM1
Picto: Picrophilus torridus DSM 9790
Pyrae: Pyrobaculum aerophilum
Pyrar: Pyrobaculum arsenaticum DSM 13514
Pyrca: Pyrobaculum calidifontis JCM 11548

Pyris: Pyrobaculum islandicum DSM 4184
Pyrab: Pyrococcus abyssi
Pyrfu: Pyrococcus furiosus
Pyrho: Pyrococcus horikoshii
Stama: Staphylothermus marinus F1
Sulac: Sulfolobus acidocaldarius DSM 639
Sulso: Sulfolobus solfataricus P2
Sulto: Sulfolobus tokodaii str. 7
Thega: Thermococcus gammatolerans EJ3
Theko: Thermococcus kodakarensis KOD1
Theon: Thermococcus onnurineus NA1
Thesi: Thermococcus sibiricus MM 739
Thepe: Thermofilum pendens Hrk 5
Theac: Thermoplasma acidophilum
Thevo: Thermoplasma volcanium
Thene: Thermoproteus neutrophilus V24Sta
Thete: Thermoproteus tenax
Uncme: Uncultured methanogenic archaeon.
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“Endonucleolytic RNA cleavage by a eukaryotic exosome,”
Nature, vol. 456, no. 7224, pp. 993–996, 2008.

[50] B. El Yacoubi, H. McGuirk, I. Hatin, D. Iwata-Reuyl, A. G.
Murzin, and V. De Crecy-Lagard, “Function of the YrdC/YgjD
conserved protein network: the t6A lead,” in Proceedings of the
23rd tRNA Workshop: From the Origin of Life to Biomedicine, T.
Weil and M. Santos, Eds., p. 7, 2010.

[51] V. Anantharaman, E. V. Koonin, and L. Aravind, “TRAM,
a predicted RNA-binding domain, common to tRNA uracil
methylation and adenine thiolation enzymes,” FEMS Micro-
biology Letters, vol. 197, no. 2, pp. 215–221, 2001.

[52] B. P. Anton, L. Saleh, J. S. Benner, E. A. Raleigh, S. Kasif, and
R. J. Roberts, “RimO, a MiaB-like enzyme, methylthiolates the
universally conserved Asp88 residue of ribosomal protein S12
in Escherichia coli,” Proceedings of the National Academy of
Sciences of the United States of America, vol. 105, no. 6, pp.
1826–1831, 2008.

[53] B. Esberg, H.-C. E. Leung, H.-C. T. Tsui, G. R. Bjork, and
M. E. Winkler, “Identification of the miaB gene, involved
in methylthiolation of isopentenylated A37 derivatives in
the tRNA of Salmonella typhimurium and Escherichia coli,”
Journal of Bacteriology, vol. 181, no. 23, pp. 7256–7265, 1999.

[54] B. A. Schulman and J. W. Harper, “Ubiquitin-like protein
activation by E1 enzymes: the apex for downstream signalling
pathways,” Nature Reviews Molecular Cell Biology, vol. 10, no.
5, pp. 319–331, 2009.

[55] E. G. Mueller, C. J. Buck, P. M. Palenchar, L. E. Barnhart, and J.
L. Paulson, “Identification of a gene involved in the generation
of 4-thiouridine in tRNA,” Nucleic Acids Research, vol. 26, no.
11, pp. 2606–2610, 1998.

[56] N. Shigi, Y. Sakaguchi, S.-I. Asai, T. Suzuki, and K. Watan-
abe, “Common thiolation mechanism in the biosynthesis of
tRNA thiouridine and sulphur-containing cofactors,” EMBO
Journal, vol. 27, no. 24, pp. 3267–3278, 2008.

[57] T. G. Hagervall, C. G. Edmonds, J. A. McCloskey, and G. R.
Björk, “Transfer RNA(5-methylaminomethyl-2-thiouridine)-
methyltransferase from Escherichia coli K-12 has two enzy-

matic activities,” Journal of Biological Chemistry, vol. 262, no.
18, pp. 8488–8495, 1987.

[58] B. Martin, P. Garcı́a, M.-P. Castanié, and J.-P. Claverys,
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Proteasomes are composed of 20S core particles (CPs) of α- and β-type subunits that associate with regulatory particle AAA
ATPases such as the proteasome-activating nucleotidase (PAN) complexes of archaea. In this study, the roles and additional sites
of post-translational modification of proteasomes were investigated using the archaeon Haloferax volcanii as a model. Indicative
of phosphorylation, phosphatase-sensitive isoforms of α1 and α2 were detected by 2-DE immunoblot. To map these and other
potential sites of post-translational modification, proteasomes were purified and analyzed by tandem mass spectrometry (MS/MS).
Using this approach, several phosphosites were mapped including α1 Thr147, α2 Thr13/Ser14 and PAN-A Ser340. Multiple
methylation sites were also mapped to α1, thus, revealing a new type of proteasomal modification. Probing the biological role
of α1 and PAN-A phosphorylation by site-directed mutagenesis revealed dominant negative phenotypes for cell viability and/or
pigmentation for α1 variants including Thr147Ala, Thr158Ala and Ser58Ala. An H. volcanii Rio1p Ser/Thr kinase homolog was
purified and shown to catalyze autophosphorylation and phosphotransfer to α1. The α1 variants in Thr and Ser residues that
displayed dominant negative phenotypes were significantly reduced in their ability to accept phosphoryl groups from Rio1p, thus,
providing an important link between cell physiology and proteasomal phosphorylation.

1. Introduction

Proteasomes are multicatalytic proteases found in all three
domains of life and are essential for growth in many organ-
isms, including haloarchaea and eukaryotes [1–5]. Accessory
proteins, such as 19S cap and proteasome activating nucleoti-
dase (PAN) complexes, and protein-modification pathways
such as ubiquitination are important in regulating protein
degradation by proteasomes. Proteasomal proteins are also
subject to co- and posttranslational modification (PTM)
including N-terminal acetylation [6–9], phosphorylation
[10–27], S-glutathionation [28], N-myristoylation [29], O-
linked glycosylation [30], and processing of N-terminal
propeptides including exposure of the Thr active site residues
of 20S core particles (CPs) [31].

Despite decades of study, the mechanisms and biological
significance of many of the posttranslational modifica-
tions of proteasomes are poorly understood. In partic-

ular, our knowledge of the phosphorylation of proteaso-
mes remains limited. Polo-kinase, casein kinase II and
calcium/calmodulin-dependent protein kinase II are known
to mediate the phosphorylation of 26S proteasomes in vitro
[11, 13, 14, 16–19, 27, 32, 33]. There is also evidence that
proteasomal phosphorylation is regulated by growth and/or
signaling molecules such as γ-interferon [11, 12, 17, 22, 24,
26].

Our previous work demonstrated that archaeal protea-
somes undergo a variety of PTMs and alterations in subunit
composition. In H. volcanii, these PTMs include N-terminal
acetylation of the CP α1 and α2, removal of the CP β-
propeptide and phosphorylation of the CP β Ser129 [34,
35]. The subunit composition of H. volcanii proteasomal
complexes also appears to change as cells enter stationary
phase. H. volcanii synthesizes two different proteasome-
activating nucleotidase proteins (PAN-A and PAN-B) and
three different CP subunits (α1, α2, and β) [36, 37].
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Proteasomal CPs and PAN complexes of different subunit
composition have been isolated from H. volcanii ([36], this
study and unpublished results). While the transcript levels
encoding these proteasomal proteins all increase as cells enter
stationary phase, only the protein levels of α2 and PAN-B
increase several-fold during this transition [37]. Thus, the
population of different proteasomal subtypes appears to be
modulated by growth.

In this report, we elaborate on the PTM of H. volcanii
proteasomal proteins including the mapping of additional
sites of phosphorylation as well as a new type of modification
for proteasomes, methyl-esterification. We also report a
correlation between the phosphorylation state of the CP
α1 protein and growth phase, provide evidence that Rio1p
Ser/Thr kinase phosphorylates α1 and suggest through site-
directed mutagenesis that the state of proteasomal phospho-
rylation influences cell physiology including viability and
pigmentation.

2. Materials and Methods

2.1. Materials. Biochemicals were purchased from Sigma-
Aldrich (St. Louis, MO). Other organic and inorganic
analytical-grade chemicals were from Fisher Scientific
(Atlanta, GA) and Bio-Rad (Hercules, CA). Radioactive
chemicals were purchased from Perkin Elmer (Waltham,
MA), and Strep chromatography resin was purchased from
Qiagen (Valencia, CA). Desalted oligonucleotide primers
were from Integrated DNA Technologies (Coralville, IA).
Site-directed mutagenesis materials were from Invitrogen
(Carlsbad, CA). Polyvinyl difluoride (PVDF) membranes for
Western blots were from Amersham Biosciences (Piscataway,
NJ). Alpha-casein was from ICN Biochemicals (Cleveland,
OH).

2.2. Strains, Media, and Plasmids. Strains and plasmids used
in this study are summarized in Supplementary Table 1 avail-
able online at doi:10.1155/2010/481725. H. volcanii strains
H26 and GZ130 (ΔpsmA) and E. coli strain BL21(DE3) were
used as hosts for protein production and purification. E. coli
strains were grown in Luria-Bertani medium at 37◦C and
200 rpm, and H. volcanii strains were grown in ATCC 974
medium at 42◦C and 200 rpm. Media were supplemented
with 100 μg/mL of ampicillin, 50 μg/mL of kanamycin, or
0.1 μg/mL of novobiocin as needed. For salt stress tests, the
concentration of NaCl was reduced from the typical 2.25 M
NaCl of the “normal” ATCC 974 medium to 1, 1.125, 1.25,
1.375, and 1.5 M NaCl. For the salt stress test inoculum,
cells were grown in “normal salt” ATCC 974 medium by
streaking cells from −80◦C glycerol stocks onto fresh plates
and growing these cells twice to log-phase in 2 mL medium.
Each subculture was inoculated to a final OD600 of 0.01 to
0.02. Experiments were performed in biological triplicate
and the mean ± S.D. was calculated.

2.3. Cloning and Site-Directed Mutagenesis. Site-directed
mutagenesis (SDM) was performed using the Quikchange
SDM kit as per manufacturer’s instructions (Stratagene, La

Jolla, CA) with the primers used for mutagenesis listed in
Supplementary Table 2. The fidelity of all PCR-amplified
products was confirmed by DNA sequencing (Genomics
Core, Interdisiplinary Center for Biotechnology Research,
University of Florida, Gainesville, FL) using the dideoxy
termination method with Applied Biosystems (Foster City,
CA) Model 3130 Genetic analyzer.

2.4. Protein Purification. Proteasomal proteins α1, α2, and
β with C-terminal hexahistidine-(His6) tags were puri-
fied from recombinant E. coli BL21 (DE3) strains after
induction isopropyl β-D-1-thiogalactopyranoside (IPTG)
at 0.4 mM for 2 hours as previously described [36]. In
addition, proteasomal proteins (α1, α2, β, PAN-A, and
PAN-B) with C-terminal His6-tags, a Rio1p kinase homolog
(HVO 0135) with a C-terminal -WSHPQFEK (-StrepII) tag
and CPs composed of α1-His6 and β-StrepII were purified
from recombinant H. volcanii. For protein purification,
the various H. volcanii strains expressing these derivatives
were grown to stationary phase (OD600 of 2.0–2.5), unless
otherwise indicated. Phosphatase inhibitor cocktail I and
II were included in all lysis buffers and diluted according
to supplier (Sigma). For His6-tagged proteins, cells were
lysed in 20 mM Tris pH 7.2 with 2 M NaCl (buffer A)
supplemented with 5 mM imidazole. Cell lysate was loaded
onto a nickel nitrilotriacetic acid (Ni-NTA) column (1.6 ×
2.5 cm, Pharmacia) with a step gradient at 60 mM imidazole,
and proteins were eluted from the column in buffer A with
500 mM imidazole. For StrepII-tagged proteins, cells were
lysed and applied to a StrepTactin column (0.5 × 5 cm,
Qiagen) in buffer A. Proteins were eluted from the column in
buffer A with 2.5 mM desthiobiotin. For cells expressing both
StrepII- and His6-tagged proteins, “two-step” purification
was performed which incorporated sequential Ni-NTA and
StrepTactin chromatography [38]. Native molecular mass of
Rio1p was determined by applying protein fractions eluted
from a StrepTactin column to a calibrated Superose 200
HR 10/30 column as recommended by supplier (Pharmacia-
GE Healthcare, Piscataway, NJ). Molecular mass standards
for calibration included cytochrome c (12.4 kDa), carbonic
anhydrase (29 kDa), bovine serum albumin (66 kDa), alco-
hol dehydrogenase (150 kDa), β-amylase (200 kDa), and
apoferritin (443 kDa) (Sigma). For molecular mass stan-
dards, the gel filtration column was equilibrated in 20 mM
Tris buffer at pH 7.2 supplemented with 150 mM NaCl. Salt
concentration was increased to 2 M NaCl for Rio1 kinase.

2.5. Two-Dimensional Gel Electrophoresis and Western Blot
Analysis. TRIzol-extracted and benzonase-treated protein
(up to 250 μg) was applied to an 11 cm immobilized pH
gradient (IPG) strip with a pH range of 3.9–5.1 (Bio-
Rad). Proteins were separated according to their pI using
manufacturer’s protocol and previously published methods
[39]. Proteins were further separated using either 10% or
12% SDS-PAGE Criterion gels (Bio-Rad) at 16◦C at 200 V
for 50 or 70 minutes, respectively. Proteins were transferred
from gels to PVDF membranes at 100 V and 4◦C for 90–100
minutes in 10 mM 2-(N-morpholino) ethanesulfonic acid
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(MES) buffer at pH 6.0 supplemented with 10% (vol/vol)
methanol. Polyclonal antibodies raised in rabbit against
PAN-A and α1 and phosphoamino monoclonal antibodies
(clone 22a, Becton Dickinson Biosciences, San Jose, CA)
were used for Western blot analysis as previously described
[37].

2.6. Phosphatase Treatment. Protein (up to 80 μg) was incu-
bated (30◦C, 20 minutes) in the presence and absence of
lambda phosphatase (400 U) in 100 μL 50 mM Tris buffer at
pH 7.5 supplemented with 0.1 mM EDTA, 5 mM dithiothre-
itol and 2 mM MnCl2 (lambda phosphatase buffer).

2.7. Peptidase Assay. Chymotrypsin-like peptide hydrolyz-
ing activity was assayed by release of 7-amino-4-methyl-
coumarin from N-Suc-Leu-Leu-Val-Tyr-7-amido-4-methyl-
coumarin (Suc-LLVY-AMC; Sigma) at 60◦C for 10–30
minutes by an increase in fluorescence (excitation = 348 nm,
emission = 440 nm) as previously described [40]. The
assay mixture (0.3 mL) contained 1–3 μg protein and 20 μM
fluorogenic substrate in buffer A with 0.4% (v/v) dimethyl
sulfoxide (DMSO).

2.8. Kinase Assay. A Rio1p kinase homolog (HVO 0135)
was expressed in H. volcanii with a C-terminal StrepII
tag (-WSHPQFEK) that included a GT linker (encoded by
a KpnI site) and purified to electrophoretic homogeneity
by StrepTactin chromatography as described above. The
purified kinase was dialyzed into 20 mM Tris buffer (pH
7.2) with 2 M NaCl or 2 M KCl at 4◦C using a D-tube
dialysis tube (EMD Chemicals, Gibbstown, NJ). Autophos-
phorylation was monitored by incubating purified Rio1p
(1 μg) with MnCl2 or MgCl2 (0–250 mM) for one hour at
37◦C in the presence of 200–400 μCi of [γ- 32P] adenosine
5′-triphosphate (ATP) (Perkin Elmer) in a reaction volume
of 20 μL. For in vitro phosphorylation, 10 μg of α1 variants
were included in the assay mixture. Kinase reactions were
inactived by addition of an equal volume of reducing SDS-
PAGE loading buffer and separated by 12.5% SDS-PAGE
gels. Gels were stained with Coomassie brilliant blue and
dried to Whatman paper. Blue sensitive X-ray film (Research
Products International Corp., Mt. Prospect, IL) was exposed
to the dried gel for 1–10 days at −80◦C.

2.9. Mass Spectrometry. Proteasomal fractions (3 to 6 μg
protein) from nickel affinity chromatography and/or two-
step affinity chromatography were separated by reducing
12% SDS-PAGE. Gels were stained with Bio-Safe Coomassie
(Bio-Rad). Protein bands corresponding to the molecular
masses of the CP subunits were excised from the gel
and destained with 100 mM NH4HCO3 in 50% (vol/vol)
acetonitrile (4◦C, overnight). Protein samples were reduced,
alkylated in-gel, and digested with trypsin (Promega, Madi-
son, WI). Capillary reverse-phase high-performance liquid
chromatography (HPLC) separation of the protein digests
was performed using a PepMap C18 column (75-μm inside
diameter, 15-cm length; LC Packings, San Francisco, CA)
with an Ultimate capillary HPLC system (LC Packings). A

gradient (90 or 120 minutes) from 5 to 50% acetonitrile
in 0.1% acetic acid was used at a flow rate of 200 nL
per min. Tandem mass spectrometry (MS/MS) analysis was
performed using a hybrid quadrupole time-of-flight (QTOF)
instrument (QSTAR) equipped with a nanoelectrospray
source and operated with Analyst QS 1.1 data acquisition
software (Applied Biosystems).

2.10. Database Searching. Tandem mass spectrometry (MS/
MS) data generated by information-dependent acquisition
with QSTAR were searched against the deduced proteome
of the H. volcanii DS2 genome sequence [41] by using
the Mascot (Matrix Science, Boston, MA) database search
engine. Probability-based Mascot scores were determined by
a comparison of search results against estimated random
match population and are reported as ∼10 ×log10(p), where
p is the absolute probability. Individual Mascot ion scores
greater than 32 were considered to indicate identity or
extensive homology (P < .05). Scores below this default
significant value were considered for protein identification
in addition to validation by manual interpretation of MS/MS
spectra. Carbamidomethylation of cysteine was used as
a fixed modification based on sample preparation. Vari-
able modifications that were implemented in the database
search included deamidation of asparagine and glutamine,
N-terminal acetylation, oxidation (single and double) of
methionine, and phosphorylation of serine, threonine, and
tyrosine.

3. Results

3.1. Isoforms of α1 Modulated during Growth-Phase Tran-
sitions. Posttranslational modification of α1, one of the
predominant proteasomal proteins in H. volcanii cells, was
examined during various stages of growth from log- to late-
stationary phase by 2-DE immunoblot of cell lysate. Two
α1-specific isoforms of pI 3.0 and 4.4 were detected, both
of which migrated at 37.5 kDa consistent with the mobility
of the α1 protein in reducing SDS-PAGE gels [34]. The α1-
isoform of pI 4.4 was present at all stages of growth while
the second more acidic α1-isoform of pI 3.0 was present in
earlier phases of growth and disappeared in late-stationary
phase (Figure 1(a)).

Affinity purification of CPs from early stationary-phase
cells expressing a hexahistidine tagged (-His6) derivative of
the catalytic β subunit revealed that both isoforms of α1 (pI
3.0 and 4.4) associate as CPs active in hydrolysis of the pep-
tide reporter Suc-LLVY-AMC (Figure 1(b)). The α1 isoform
of pI 4.4 was also detected in non-CP fractions. Treatment of
these purified 20S CPs with phosphatase resulted in a basic
shift in pI of both α1 and α2 proteins signifying both α-type
subunits were phosphorylated (Figure 1(c)).

Together these results suggest that the α-type proteins of
archaeal proteasomal CPs can be modified by phosphoryla-
tion. Our previous studies demonstrate that the β subunits
of H. volcanii CPs are also phosphorylated at Ser129 [35].
Thus, phosphorylation appears to be a major modification
of the proteasome system of this haloarchaeon. Based on
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Figure 1: Phosphatase-sensitive isoforms of α-type proteins of proteasomal CPs as a function of growth in H. volcanii cells. (a) An α1
isoform of pI 4.4 was present at all stages of growth with a more acidic isoform of pI 3.0 present in log- and early-stationary phase, but
absent in late-stationary phase. Cell lyase was prepared from various stages of growth as indicated (1 OD600 unit ∼1 × 109 CFU·mL−1),
separated by 2-DE and analyzed by immunoblot using anti-α1 antibody (α-α1). (b) The two α1 isoforms of pI 3.0 and 4.4 are associated in
proteasomal CPs. Proteasomal CPs were purified by Ni-NTA chromatography from early stationary-phase cells expressing β-His6. Proteins
were separated into two fractions: (i) flowed through the Ni-NTA column at 5 mM imidazole and (ii) bound and were eluted from the
column at 500 mM imidazole. Protein fractions were separated by 2-DE and analyzed by immunoblot using anti-α1 antibody (α-α1).
Fractions were also assayed for peptidase activity using Suc-LLVY-AMC. u.d., undetectable. (c) Both α1 and α2 isoforms are sensitive to
phosphatase treatment. Proteasomal CPs (purified as above) were treated with (red) and without (green) phosphatase, separated by 2-DE,
and probed by immunoblot with anti-α1 and anti-α2 antibodies as indicated (α-α1 and α-α2, resp.).

the isoelectric focusing (IEF) migration and phosphatase
sensitivity of both α1 isoforms of pI 3.0 and 4.4, we
propose that α1 harbors at least two phosphosites. The least
phosphorylated form of α1 (pI 4.4) was detected at all stages
of growth and occurred in both free and CP-associated
forms. In contrast, the more extensively phosphorylated
form of α1 (pI 3.0) was only detected in association with CPs
and was not detected in late-stationary phase. In addition
to these modified forms of α1, CP subtypes appear to
incorporate a phosphorylated form of α2. Thus, H. volcanii
not only modulates the types of subunits present in the
CP and PAN subtypes during the transition from log- to
stationary-phase growth [37], but appears also to posttrans-
lationally modify the CP proteasomal proteins during this
transition.

3.2. α1, α2, and PAN-A Are Phosphorylated at Ser/Thr
Residues. To further map the phosphosites of CPs and
PAN complexes, the various subunits (α1, α2, β, PAN-
A, and PAN-B) were enriched from H. volcanii by nickel
chromatography using His6 epitope-tags and analyzed by
MS after tryptic digest. Initially, CPs were purified from
log-phase H. volcanii H26-pJAM204 cells expressing α1-His6

and separated by SDS-PAGE prior to RP-HPLC MS/MS-
analysis. Using this approach, a high-probability phospho-
peptide was reproducibly detected in the α1-specific protein
band that mapped to amino acid residues 137 to 149 of
α1 (ALLIGGVENGpTPR, where pT represents phospho-
Thr147) (Supplementary Figure 1). MS/MS-fragmentation
of this peptide included a characteristic neutral loss (−98)
indicative of CID removal of the phosphoryl group and
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confirmed that Thr147 was a site of α1 phosphorylation.
The Thr147 residue was conserved in eukaryotic α-type CP
proteins and was predicted to be phosphorylated by NetPhos
(with a score of 0.851). An α2-specific phosphopeptide
was also detected by precursor ion scanning of α2-specific
tryptic peptides purified from H. volcanii H26-pJAM205
cells expressing α2-His6. The α2-specific phosphopeptide
was composed of amino acid residues 12 to 21 (GTSLF-
SPDGR) and again displayed a neutral loss characteristic of
phosphorylated peptides (Supplementary Figure 2). MS/MS,
however, could not distinguish between Thr13 and Ser14 as
the phosphosite due to the close vicinity of these residues
within the peptide. Of these two residues, Ser14 has a higher
probability of serving as a phosphosite compared to Thr13
based on modeling to known eukaryotic phosphoproteins
with NetPhos scores of 0.957 and 0.243, respectively. In
addition to the α1- and α2-specific phosphopeptides, a
PAN-A-specific phosphopeptide was reproducibly detected
by ESI-QTOF analysis of tryptic digestions of PAN com-
plexes purified from H. volcanii expressing either PAN-A-
His6 or PAN-B-His6 (DS70-pJAM650 or pJAM1012, resp.)
(Supplementary Figure 3). This phosphopeptide mapped to
amino acid residues 337 to 361 of PAN-A (MNVpSDDVD-
FVELAEMADNASGADIK, where pS represents phospho-
Ser340). MS/MS fragmentation confirmed that Ser340 was
the phosphorylated amino acid including a neutral loss
peak (−98 for phosphorylation) and several internal frag-
mentation ions. It is important to note that the PAN-
A-Ser340-specific phosphopeptide was detected in strains
expressing either PAN-A-His6 or PAN-B-His6. This indicates
that phosphorylated PAN-A associates with PAN-B in H.
volcanii cells. Interestingly, the PAN-A Ser340 and amino
acids surrounding this residue are highly conserved among
eukaryotic 26S proteasome Rpt-like proteins including those
of humans; however, the prediction of this as a phoshosite
by NetPhos was low with a score of 0.464. Similar to the
Ser129 phosphosite that was mapped to the CP β subunit
[35], analogous nonphosphorylated peptides also mapped
to α1 Thr147, α2 Thr13/Ser14, and PAN-A Ser340 residues.
These results suggest that the phosphosites of PAN and CP
complexes are not fully occupied by phosphoryl groups and,
thus, the phosphorylation of proteasomes may be regulated
in the cell.

3.3. Variant α1 Proteins Affect Pigmentation and Cell Viability.
Single and double knock-out of psmA (α1) and panA
(PAN-A) genes diminishes the ability of H. volcanii cells to
adapt to low salt and other stressful conditions [5]. These
phenotypes are readily complemented by providing a copy
of the corresponding wild type gene in trans and, thus,
provide an ideal assay for examining how phosphorylation
may influence in the function of α1 and PAN-A in the cell.

Initially, panA mutant cells were tested for their ability
to be complemented for growth on low-salt media with
panB, panA, or panAt1018g (PAN-A Ser340Ala) genes. For
complementation, the genes were expressed in trans from
a multicopy pHV2-based plasmid using a strong rRNA P2
promoter. While overexpression of panB from the plasmid
did not rescue the sensitivity of the panA mutant to low

α1 S58A α1 T158A

α1
Y28F

α1
T147A

α2 α1 wt

No α1

Blank

(a)

Mr α1 α1 α1 α1
wt S58A T147A T158AkDa

78

45
32

18

(b)

Figure 2: Analysis of an H. volcanii psmA (α1) knockout expressing
wild type and variant α-type proteasomal genes in trans. (a)
Growth and pigmentation of an H. volcanii psmA mutant (GZ130)
were influenced by expression of α1 variant proteins on ATCC
novobiocin plates. Synthesis of α1 Thr147Ala and α1 Thr158Ala
inhibited growth of the psmA mutant, while α1 Ser58Ala and α1
Thr147Ala altered pigmentation. (b) No significant difference in
α1 protein levels were detected in the H. volcanii psmA mutant
synthesizing the wild type and variant α1 proteins from genes
provided in trans. The α-type proteins encoded by the genes
expressed in trans are indicated with the following abbreviations:
wt, wild type; S58A, Ser58Ala; Y28F, Tyr28Phe; T158A, Thr158Ala;
T147A, Thr147Ala.

salt conditions, expression of either panA or panA Ser340Ala
restored growth to wild-type levels. This indicates that
phosphorylation of Ser340 is not important for response to
hypo-osmotic stress (data not shown) and suggests that panB
cannot substitute for panA under these growth conditions.

Site-directed mutations in the psmA gene encoding single
amino acid substitutions of Ser58Ala, Thr147Ala, Thr158Ala,
and Tyr28Phe in α1 were tested (along with overexpression
of psmC encoding α2) for their ability to complement the
hypo-osmotic stress response phenotype of a psmA mutant.
Similar to panA, the modified psmA and psmC genes were
provided in trans using a pHV2-based plasmid and strong
rRNA P2 promoter. The α1-residues selected for site-directed
modification were based on the following: α1 Thr147 was
detected in this study as a phosphosite by MS/MS (see
above for details), α1 Tyr28 was homologous to the Tyr27
phosphosite identified in the α2-type subunit of eukaryotic
CPs [22], and Ser58 and Thr158 are predicted to be phospho-
rylated based on on NetPhos 2.0 scores of 0.996 and 0.981,
respectively, (significantly above the significance threshold of
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0.500) [42]. Overexpression of the psmC (α2) gene did not
complement the psmA mutant while the psmA and psmA-
a83t (α1 Tyr28Phe) genes complemented the reduced growth
phenotype of the psmA mutant on low salt media to wild
type levels. In contrast, the other substitutions to the psmA
gene provided in trans severely inhibited overall growth of
the psmA mutant strain. While each of the constructs was
successfully transformed into the psmA knockout strain,
growth of the transformed cells was drastically reduced
after being transferred to liquid media or streaked onto a
fresh plate (Figure 2(a)). Some of the substitutions in α1
including Ser58Ala and α1 Thr147Ala appeared to affect
carotenoid biosynthesis as cells expressing these α1 variants
were whiter than cells expressing wild-type α1 or no α1 at all
(Figure 2(a)). Whole cell chymotrypsin-like (CL) peptidase
activity of the different α1 substitution mutants expressed
in trans was compared to wild type after initial transfer to
liquid media. Only modest differences in specific activity
were detected between the strains with the most pronounced
difference in cells expressing α1 Thr158Ala, which had a ∼2-
fold increase in CL activity compared to wild-type (data not
shown). It is unclear at this time if these modest differences
in CL activity can account for the phenotypes observed.
Anti-α1 immunoblot of cell lysate revealed all of the α1
variant proteins were produced at levels similar to wild
type when the psmA genes were expressed in trans in the
psmA knockout (Figure 2(b)). Both the hypo-osmotic stress
and pigmentation phenotypes were recessive based on the
observation that these α1 variants did not alter growth
or pigmentation when expressed in trans in wild-type H.
volcanii cells (data not shown).

3.4. Haloferax volcanii Encodes a Number of Putative Protein
Kinases. Based on genome sequence, H. volcanii encodes for
a number of putative serine/threonine kinases including two
different Rio-type protein kinases, type-1 (HVO 0135) and
type-2-like (HVO 0569) (Figure 3(a)) as well as homologs
of the serine protein kinase PrkA, originally described in
Bacillus subtilis [43]. Rio-type kinases are a relatively new
atypical protein kinase family with four unique types, Rio1,
Rio2, Rio3, and RioB. Rio-type kinases are widespread
throughout eukaryotes and archaea. Archaea typically have
two different Rio-type kinases, Rio1 and Rio2 [44]. Rio1
kinases are characterized by a consensus sequence STGKEA
in the N-terminal domain of the protein and a second region
of homology in the C-terminal domain, IDxxQ (where x
represents any amino acid residue). While the Rio2 kinases
can vary somewhat in domain structure, these kinases are
characterized by a helix-turn-helix motif in the N-terminus
followed by the amino acid sequence GxGKES and a C-
terminal IDFPQ sequence [45]. The Rio1p from H. volcanii
contains the signature domain sequence but the Rio2p does
not (Figure 3(a)).

3.5. H. volcanii Rio Type-I Kinase Catalyzes Autophospho-
rylation. To investigate the activity of the Rio1p of H.
volcanii, the C-terminal residue of this kinase was fused to
a StrepII tag and synthesized in recombinant H. volcanii
(H26-pJAM2558). Rio1p was purified to electrophoretic

HVO_0135 Rio1p -----GGPISTGKEANVFE------VVIDLGQA--

HVO_0569 Rio2p -----GAPLGVGKESDVFE------FDWPQAVP--

Residues:

Residues: 82–95 232–239

97–110 241–248

(a)

1 2

100 kDa

80 kDa

54 kDa

37 kDa

29 kDa

15 kDa

(b)

∗

Rio1p

Mg2+ Mn2+

[γ-32P] ATP

(c)

Figure 3: Rio-type protein kinases of H. volcanii. (a) Rio-type
protein kinase homologs of H. volcanii, type-1 (HVO 0135) and
type-2-like (HVO 0569), with conserved amino acid residues in
bold and underlined. While HVO 0569 does not have a complete C-
terminal domain, it does contain three of the five conserved residues
of Rio type-2 kinases. (b) Purification of Rio1p (HVO 0135) from
H. volcanii. Reducing SDS-PAGE gel of cell lysate (lane 1) and
Rio1p purified by StrepTactin chromatography (lane 2) from in
H. volcanii-pJAM2558. (c) Rio1p catalyzes its autophosphorylation.
Autophosphotransfer was detected in vitro by autoradiography
using [γ- 32P] ATP as a substrate with optimal activity detected at
10 to 50 mM MgCl2. ∗, identity of band remains to be determined.

homogeneity by StrepTactin chromatography (Figure 3(b))
and determined to be a 50-kDa monomer based on gel
filtration chromatography compared to migration by reduc-
ing SDS-PAGE and deduced polypeptide sequence. Rio1p
catalyzed its autophosphorylation in the presence of either
Mg2+ or Mn2+ as the divalent cation (Figure 3(c)). The
ideal concentration of cation was 10 to 50 mM Mg2+ in
20 mM Tris-buffer pH 7.2 supplemented with 2 M NaCl
with 4 μM enzyme. The levels of Rio1p autokinase activity
were comparable when assayed in the presence of either
2 M KCl or NaCl (data not shown). All subsequent kinase
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Figure 4: Rio1p phosphorylates α1 at Ser and Thr residues. (a)
Phosphotransfer of Rio1p to α1 is catalyzed using α1-His6 from
recombinant E. coli as a substrate. Phosphotransfer was assayed
using the protein substrates indicated as follows: α1-His6 (boiled
and unboiled) from recombinant E. coli, 20S CPs of α1-His6 and
β-StrepII subunits (boiled and unboiled) from H. volcanii and α-
casein from bovine milk (boiled), as indicated. (b) Phosphotransfer
of Rio1p to α1 is reduced by site-directed α1 protein variants
Ser58Ala, Thr147Ala and Thr158Ala. The α1 wild type and protein
variants were purified from recombinant E. coli and were not boiled
prior to assay. Phosphotransfer was detected by autoradiography
using Rio1p-StrepII purified by StrepTactin chromatography and
γ- 32P P-ATP as a substrate.

reactions were carried out in 20 mM Tris buffer (pH 7.2) with
2 M NaCl and 50 mM MgCl2. Multiple bands were visible
on autoradiographs after the Rio1p-mediated autophos-
phorylation reaction including a doublet at the apparent
molecular mass of the Rio1p monomer in addition to a band
running at approximately twice the mass. MS analysis of
Rio1p (from solution) did not identify any contaminating
proteins in the purified fraction (Supplementary Table
3). The multiple phospho-bands observed after assay may
represent a transient dimer that forms between two Rio1p
proteins in the presence of ATP. It is also possible that
there is a contaminating protein that is phosphorylated in
the reaction mixture and is not detected by MS or SYPRO
staining.

3.6. Rio1p Phosphorylates α1 Proteins In Vitro. Purified Rio1p
was assayed for its ability to phosphorylate α1-His6 purified
from recombinant E. coli, 20S CPs purified from H. volcanii
and α-casein from bovine milk. While the α1-proteins
purified from E. coli (α1EC) form a mixture of hexameric
rings and monomers, these recombinant proteins are not
anticipated to be phosphorylated in recombinant E. coli
based on their migration as a single spot by 2-DE (data
not shown) as well as the distant phylogenetic relationship
between E. coli and H. volcanii. Rio1p phosphorylated the
unboiled α1EC preparation but was unable to phosphorylate
the CPs or boiled α1EC or α-casein (Figure 4(a)). When equal
amounts of α1EC and site-directed α1 variants all purified
from E. coli were used in the kinase assay, varying levels of
α1-phosphorylation were observed. Wild-type α1EC was the
most heavily phosphorylated under these conditions. Both
α1EC Ser58Ala and α1EC Thr147Ala were phosphorylated
but to a lesser extent than wild-type α1EC (2.5-fold lower
based on densitometry of autoradiograph). The variant α1EC

Thr158Ala was not phosphorylated under these conditions
(Figure 4(b)). Based on these results, coupled with our earlier
findings by 2-DE, α1 is most likely phosphorylated at 2 or 3
different sites. It is unclear at this time why α1EC Thr158Ala
was not phoshporylated by Rio1p in vitro. There may be
drastic structural changes in this α1 protein that prevent
meaningful interaction with the kinase.

3.7. α1 Is Methylesterified on Acidic Residues. In addition to
phosphorylation, the α1 protein was also methylated. Five
unique methylation sites were reproducibly detected with
high probability by MS/MS for α1 (Asp20, Glu27, Glu62,
Glu112, and Glu161) (Supplementary Figure 4). Substanti-
ating this finding, several of the MS/MS-fragmentations also
showed neutral losses of methyl groups (−14). Unmodified
α1 peptides that mapped to the same residues as those
that were methylated were also detected. The analogous
peptide in its unmodified state was almost always present
in the same preparation, suggesting that methylated and
unmethylated α1 proteins exist simultaneously in the cell.
O-linked methylesterification is a reversible posttranslational
modification, and therefore α1 methylation may be regu-
lated. However, there was no clear correlation to growth
phase or environmental conditions examined that increased
or decreased the frequency of the methylated state of α1
protein (data not shown).

The psmA gene, encoding for the CP α1 protein,
is cotranscribed with a putative S-adenylosylmethionine-
dependent methyltransferase (HVO 1093) [46]. Whether
this enzyme mediates α1 methylation remains to be deter-
mined; its in vitro α1-metylating activity could not be
demonstrated (data not shown). Future work is needed to
better understand how and why this modification takes place.

4. Discussion

Our previous work established that the three CP subunits
of H. volcanii proteasomes (α1, α2, and β) are modified
post- and/or co-translational [34, 35]. The β subunit is
phosphorylated and cleaved to expose the active site Thr, and
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the α1 and α2 subunits are Nα-acetylated on the initiator
methionine residue. However, additional modifications were
suspected based on the detection of long isoform chains of
CP proteins including at least four α1 isoforms that were
separated by 2-DE [35].

In this study, the covalent modification of archaeal
proteasomal proteins was further examined using H. volcanii
as a model system. Additional sites of posttranslational
modification were identified including the phosphorylation
of α1, α2, and PAN-A as well as the methyl esterification of
α1. The phosphorylation of α1 was temporally regulated with
the number of phosphatase-sensitive α1 isoforms reduced
during late-stationary phase. The most acidic, presumably
most phosphorylated isoform of α1, was only detected in
association with β as 20S CPs and was not detected in late-
stationary phase.

In addition to elaborating on the prevalence and tem-
poral nature of archaeal proteasomal PTMs, a member of
the Rio-kinase family, Rio1p, was demonstrated to catalyze
the phosphorylation of α1 in vitro. Modification of Ser58,
Thr147, or Thr158 residues of α1 to alanine significantly
reduced this Rio1p-dependent phosphotransfer activity.
Although the finding that Rio1p phosphorylates α1 in vitro
does not imply that this interaction is physiological, prelimi-
nary data on this substrate/kinase pair may prove valuable in
understanding the role phosphorylation plays in regulating
20S CPs or other proteins in archaea. Substrate/kinase pairs
are rarely known in this domain of life [47].

In vivo expression of phosphosite mutant forms of α1
revealed a biological connection between the phosphoryla-
tion of proteasomes and the pigmentation and viability of
archaeal cells. While the details of this link remain to be
determined at the molecular level, cell division is known
to be highly regulated by the ubiquitin (Ub)-proteasome
system in eukaryotic cells [48]. In addition, 3-hydroxy-
3-methylglutaryl coenzyme A (HMG-CoA) reductase, a
key enzyme in the mevalonate pathway for production of
isoprenoids (including carotenoids) is heavily regulated by
proteasomes [49], and the Ub ligase CrgA is required for
proper regulation of carotenogenesis in fungi [50].

In addition to phosphorylation, the α1 subunit of 20S
CPs was found to be heavily methylated in H. volcanii.
Although methylation has not been previously reported as
a PTM of proteasomes in any organism, there are examples
of reversible methylation of proteins in bacteria and archaea.
Like bacteria, the haloarchaea have several taxis proteins that
are O-methylated resulting in altered protein-protein inter-
actions that enable cells to respond to external stimuli [51–
53]. Haloarchaea may regulate the activity of other systems,
such as proteasomes, using a similar strategy. Alternatively,
the methyl esterification of α1 may be used to reversibly
modulate the overall charge of proteasomal CPs. Most
haloarchaeal proteins, including α1, are highly acidic (low
pI) with the acidic residues typically on the surface of the
protein forming a hydration shell. This shell aids in “salting-
in” the protein and maintaining the activity of the protein
at the unusually high concentrations of salt found in the
cytosol of these microorganisms. Although we did not detect
quantitative differences in the methylation state of α1 under

different growth conditions, α1 is required for H. volcanii to
properly respond to low salt stress [5]. Whether the methyl
esterification of α1 modifies protein-protein interactions
in regulatory mechanisms such as PAN : CP interactions,
buffers α1 in the cytosol at different concentrations of salt
and/or mediates other physiological processes remains to be
determined.
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Archaea SRP is composed of an SRP RNA molecule and two bound proteins named SRP19 and SRP54. Regulated by the binding
and hydrolysis of guanosine triphosphates, the RNA-bound SRP54 protein transiently associates not only with the hydrophobic
signal sequence as it emerges from the ribosomal exit tunnel, but also interacts with the membrane-associated SRP receptor (FtsY).
Comparative analyses of the archaea genomes and their SRP component sequences, combined with structural and biochemical
data, support a prominent role of the SRP RNA in the assembly and function of the archaea SRP. The 5e motif, which in eukaryotes
binds a 72 kilodalton protein, is preserved in most archaea SRP RNAs despite the lack of an archaea SRP72 homolog. The primary
function of the 5e region may be to serve as a hinge, strategically positioned between the small and large SRP domain, allowing
the elongated SRP to bind simultaneously to distant ribosomal sites. SRP19, required in eukaryotes for initiating SRP assembly,
appears to play a subordinate role in the archaea SRP or may be defunct. The N-terminal A region and a novel C-terminal R region
of the archaea SRP receptor (FtsY) are strikingly diverse or absent even among the members of a taxonomic subgroup.

1. Introduction

Protein sorting fundamentally maintains the identity and
function of every cell with participation of the signal
recognition particle (SRP). SRP components have been
found in nearly all organisms [1]. Except in chloroplasts,
SRP is a ribonucleoprotein [2]. The SRP RNA is typically
composed of about 300 nucleotide residues and forms a
complex with an extraordinarily conserved protein named
SRP54 in archaea and eukarya or Ffh (fifty-four homolog) in
the bacteria. A 19 kDa protein, SRP19, is present in archaea
and eukarya, but absent in the bacteria. Polypeptides which
are homologous to the eukaryal SRP9/14 and SRP68/72
heterodimers have not been found in the archaea genome
sequences giving rise to an archaea SRP which is dominated
by RNA [3, 4].

SRP interacts with secretory signal or membrane-anchor
sequences upon their emergence from the ribosomal exit
tunnel. In vitro and in vivo experiments carried out
in eukaryotic protein sorting systems have shown that

the SRP delays or blocks the translation of the to-be-
targeted polypeptides. Translation resumes when the SRP-
bound ribosome nascent chain complex (RNC) binds to
the membrane-associated FtsY (filamentous temperature
sensitive Y) or, in eukaryotes, the alpha subunit of the
SRP receptor (SRα). The interaction between SRP54 and
the SR increases the affinity of the proteins for guanosine
triphosphate, promotes the release of the signal from the
SRP, and interjects the signal sequence of the nascent
polypeptide into the protein-conducting channel (PCC) of
the cell membrane. Translation and protein translocation or
membrane insertion take place during ongoing translation
(cotranslational translocation), and, upon hydrolysis of two
GTP molecules, the SRP returns to its free cytosolic state
ready to initiate another protein targeting cycle (Figure 1)
[5–9].

Even though archaea membranes differ significantly from
the cell membranes of eukaryotes and bacteria with regard
to the use of glycerol-ether lipids and isoprenoid side chains
[10, 11], no obvious adaptations for survival under extreme
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Figure 1: Hypothetical steps in the SRP-mediated targeting of archaea proteins. Step 1: A ribosome (gray, with A, P and E tRNA binding
sites) in the cytoplasm translates a mRNA molecule (black, 5′ and 3′ ends are indicated) which encodes a N-terminal signal or membrane-
anchor sequence (black dots). Step 2: As the signal emerges from the large ribosomal subunit, it is recognized by the elongated SRP and
further translation may be halted. Step 3: The SRP-bound ribosome nascent chain complex (RNC) binds to free or membrane-associated
FtsY (arrow). Step 4: After GTP hydrolysis, SRP has been released, translation resumes, and the targeted protein is threaded through the
protein-conducting channel (PCC). The surface (S) layer, present in most archaea, is anchored to a glycerol-ether lipids-containing cell
membrane.

conditions are apparent in the SRP components. Like bacte-
ria, archaea contain only one SRP receptor polypeptide, FtsY,
a homolog of the eukaryal SRα subunit. The signal sequences
of the archaea and bacteria are interchangeable [12, 13], and
archaea signal peptidases which remove the signal sequence
after protein translocation have been identified [14]. Archaea
lack homologs of the bacterial and eukaryal translocation
ATPases SecA and Kar2p/BiP. They possess, however, Sec61
(the PCC) and a Tat translocase system [15]. These SRP
independent means of protein delivery have been discussed
recently [16, 17] and will not be reviewed here.

Solving the structures of numerous archaea SRP com-
ponents and their complexes at high resolution (Table 1)
has been crucial for understanding the intricacy of protein
targeting in all organisms. Within this structural framework,
the increasing number of newly identified archaea genome
sequences provides an opportunity to review and discover
not only archaea-specific SRP features, but also draw phy-
logenic distinctions which may pave the way for a better
understanding of the function and evolution of every SRP.

2. Archaeal SRP RNA

Unlike the bacterial and eukaryal SRP RNAs, their archaea
counterparts vary little in shape and size (approximately
300 nucleotide residues). This may be due to relatively slow
evolutionary rates as has been observed previously when
the relative conservation of archaea protein sequences was
investigated [31]. Archaea SRP RNA secondary structures
possess extensively base paired regions which form a promi-
nent central helix flanked by a small (or Alu) and a large (or
S) domain (Figure 2(a)). Thus, they resemble the secondary
structures of the mammalian SRP RNAs. Helices have been
assigned numbers from one to eight, and helical section are
designated with letters a to f [32, 33]. The SRP RNAs of most

archaea as well as certain bacteria (e.g., Bacilli and Clostridia)
pair their terminal regions to form a helix 1. Helix 7 has been
found only in eukaryal SRP RNAs where it is most prominent
in some fungi and protozoans [1].

Using the previously described sequence identification
procedures and covariation rules (see Methods) we aligned
81 archaea SRP RNA sequences and arranged them according
to NCBI’s taxonomy [35]. The shared alignment pairing
mask allows to deduce phylogenetically supported SRP RNA
secondary structures for each of the aligned sequences. With
a few exceptions, a sequence corresponds to a known species.

The apical loops of SRP RNA helices 3 and 4 form a
tertiary interaction which is well supported by covarying
compensatory base changes. The UGUNR sequence motif
(N is A, C, G or U, R is a purine) located between these
helices (labeled UGU in Figure 2(a)) is part of a structurally
important U-turn. Both features promote the high degree
of compactness of the small SRP domain. It remains to be
determined how similar the structure of the protein-free
small domain of the archaea SRP is to the solved crystal
structure of the mammalian Alu domain in complex with the
SRP9/14 protein heterodimer [36].

As previously noted and confirmed by mining of the
larger collection of archaea SRP RNA sequences, deviations
from the UGUNR motif occur in several groups [37]. Con-
spicuous erosions of the small domain take place in the SRP
RNAs of several Desulfurococcales and in Nitrosopumilus
maritimus SCM1. Base pairs which typically participate in
the formation of helices 1 and 3 are absent in these sequences,
while other residues perhaps form an extended helix 4. Due
to the relatively small number of available sequences within
these subgroups it is not yet possible to conclusively prove or
disprove plausible base pairs.

Another hydrogen-bonded tertiary interaction engages
two adenosines within the apical tetraloops of helices 6 and 8
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Table 1: High-resolution structures of archaeal SRP components. Indicated are the archaea subdomains (Crenarchaeota or Euryarchaeota),
species names, components, and methods (X-Ray diffraction of NMR) used for structure determination. The pdb IDs allow easy retrieval
of the coordinates [18]. The protein-conducting channel is abbreviated as PCC. Additional nonarchaea SRP high-resolution structures are
listed at http://rnp.uthct.edu/rnp/SRPDB/srpstructures.html.

Subdomains Species Components Methods pdb References

Crenarchaeota Acidianus ambivalens SRP54NG X-Ray 1J8M,1J8Y [19]

Sulfolobus solfactaricus SRP54 with helix 8 X-Ray 1QZW [20]

SRP54 dimer X-Ray 1QZX [20]

SRP54 with signal peptide X-Ray 3KL4 [21]

SRP19 with helix 6 and helix 8 X-Ray 3KTV,3KTW [22]

Euryarchaeota Archaeoglobus fulgidus SRP19 NMR 1KVN,1KVV [23]

SRP54M NMR 2JQE [24]

Methanococcus jannaschii SRP19 with SRP54 with RNA X-Ray 2V3C [25]

SRP19 with helix 6 and helix 8 X-Ray 1LNG [26]

Helix 6 and helix 8 X-Ray 1Z43 [27]

PCC X-Ray 1RHZ,1RH5 [28]

Pyrococcus furiosus SRP19 X-Ray 3DLU,3DLV,3DM5 [29]

SRP54 X-Ray 3DLU,3DLV,3DM5 [29]

FtsY X-Ray 3E70,3DM9,3DMD [30]

Table 2: Taxonomic distribution of archaea SRP features. Indicated are the archaea subdomains, the number of species identified in each
group, and a representative species. Features are the UGUNR motif (N is any nucleotide and R is a purine residue), helices (typically 1 to
4) in the small SRP domain (SD), the GNAR tetranucleotide loop (tetraloop) of helix 6, the GGAA tetraloop of helix 8, proteins SRP19
and SRP54 (SRP19/54), and the acidic (A) domain of the FtsY receptor (FtsY-A). “+” shows presence, “−” absence, and “±” indicates
that this feature is present only in a subset of the group members. Sequences deviating from the top-listed motif (e.g., the GGGA in
the Thermoproteales) are given. The structural alignments of the 81 identified archaea SRP RNAs and the protein alignments of SRP19,
SRP54 and FtsY are provided online as listed in Supplementary Materials 2 available online at doi:10.1155/2010/485051 and are available at
http://rnp.uthct.edu/rnp/SRPDB/srprna.html. Features of the SRP RNA in all three domains of life have been recently described in detail in
[1].

Subdomains Groups (n) Prototypical Species UGUNR SD helices GNAR GGAA SRP19/54 FtsY-A

Crenarchaeota Desulfurococcales (5) Pyrodictium occultum − some
absent

+ + + −
Sulfolobales (12) Sulfolobus solfataricus ± + + + + +, varies

Thermoproteales (4)
Thermoproteus
neutrophilus V24Sta

− + + GGGA + −
Euryarchaeota Archaeoglobales (2) Archaeoglobus fulgidus + + + + + ±

Halobacteriales (10)
Halobacterium species
NRC-1

− + + + + ±, some
long

Methanobacteriales (3)
Methanobacterium
thermoautotrophicum

+ + + + + +, some
long

Methanococcales (12)
Methanocaldococcus
jannaschii DSM 2661

+ + varies + + ±
Methanomicrobiales
(1)

Methanoculleus
marisnigri JR1

UAUAA + + + + ±

Methanosarcinales (5)
Methanosarcina
acetivorans

+ + + + + ±

Methanopyrales (1)
Methanopyrus kandleri
AV19

+ + + GAGA + −

Thermococcales (14)
Pyrococcus horikoshii
OT3

+ + + + + ±, some
long

Thermoplasmatales (3)
Thermoplasma
acidophilum

− + AAAG + + −

Korarchaeota
Candidatus
Korarchaeum (1)

Candidatus Korarchaeum
cryptofilum OPF8

− + + + + −

Thaumarchaeota Nitrosopumilales (1)
Nitrosopumilus
maritimus SCM1

− some
absent

+ GGGA + −
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Figure 2: Archaea SRP RNA features. (a) Secondary structure of Archaeoglobus fulgidus SRP RNA. (b) Consensus-matching 5e motifs sorted
by their taxonomic membership. (c) Mismatching 5e motifs. Helices are numbered from 1 to 8 and helical sections are labeled with letters a
to f [33]. For example, helix 1 is composed of residues one to seven which are base paired with residues 303 to 310; helix 2 consists of residues
at positions ten to 13 base paired with the residues at positions 59 to 62. The extended helix 5 contains six helical sections, 5a to 5f. Helix 7 is
lacking in the SRP RNAs of the archaea. The 5′- and 3′-ends are shown, and residues are labeled in ten-residue increments. Base pairs were
determined by comparative sequence analysis [32] and by considering high-resolution data (Table 1). The approximate extents of the large
(S) and the small (Alu) domains are indicated. Shown in dark gray are the UGUNR motif (labeled UGU) in the small domain, the 5e motif
within helical section 5e at the indicated hinge [34], the GNAR apical tetraloop of helix 6 and the SRP54 binding motif of helix 8 in the large
domain. Dashed lines suggest tertiary interactions.

(A159 and A205 in Archaeoglobus fulgidus, Figure 2(a)). This
long-range interaction was first seen in the crystal structures
of Methanococcus jannaschii SRP RNA from the large domain
(Table 1). The adenosine clamp severely constraints the
arrangement of helices 6 and 8. It is highly conserved

and likely exists in all archaea and eukaryotic SRP RNAs.
The participating adenosine of helix 6 is presented within
a GNAR tetranucleotide loop (tetraloop) in most archaea
SRP RNAs, but deviates (AAAG) from the consensus in the
four SRP RNA sequences of the Thermoplasmatales. The
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interacting helix 8 has a GRRA loop with GGAA being the
most frequently represented tetranucleotide. GGGA is found
in the Thermoproteales and Thaumarchaeota (Nitrosopumi-
lales), and GAGA in the Methanopyrales. These helix 8
tetraloop sequences are probably useful when attempting to
identify and classify the archaea SRP RNAs (Table 2).

3. The 5e Motif: A Case for Molecular
Exaptation

The 11-nucleotide 5e element is the most recently discovered
SRP RNA motif and has been helpful in the prediction of
SRP RNA genes [38]. The motif consists of four base pairs
interrupted by a three-nucleotide loop. Two of the base pairs
are symmetrically arranged G-C pairs. The comparison of
141 eukaryal and 28 archaea sequences shows that the first
residue of the eukaryotic 5e loop is a conserved adenosine
(A240 in human SRP RNA) in the eukarya (Figure 2(b))
[39]. In the archaea, the corresponding nucleotide can be
any residue, and only two halobacterial sequences (Haloferax
volcanii, GenBank Accession AF395888, and Halomicrobium
mukohataei, GenBank Accession CP001688) possess an
adenosine.

Systematic site-directed mutagenesis of the 5e region
showed that human SRP RNA with a single A240G change
was unable to form a complex with full-length human SRP72
[39]. The 5e RNA was found to bind a 56 amino acid-
residue polypeptide of human SRP72 which contained the
consensus sequence PDPXRWLPXXER (X is for any amino
acid residue) [40]. Bioinformatic analyses identified two
relatively poor consensus sequence matches in the genomes
of archaea, one with a methyl coenzyme M reductase of
an uncultured methanogenic archaeon (GenBank Acces-
sion ABI18429), the other with a hypothetical protein of
Pyrobaculum islandicum DSM 4184 (GenBank Accession
ABL88435). These relationships are likely coincidental and,
until proven otherwise, are consistent with the notion that a
functional equivalent of the eukaryotic SRP72 is lacking in
the archaea.

The conserved adenosine in the 5e motif of the eukaryal,
but not the archaeal SRP RNAs suggests that the 5e element
was recruited in evolution to supply a new function to the
protein-rich eukaryotic SRP thereby providing a striking
example for molecular exaptation, defined as the utilization
of a feature for a function which differs from what it was
originally developed for [41, 42]. Because human SRP72
binds strongly to the Haloferax volcanii SRP RNA [40], the
structures of the 5e region of archaea and eukaryotes are
apparently very similar.

The 5e RNA fragment is remarkably resistant towards
ribonucleolytic attack [39] indicating that it is compactly
folded and may resemble the structure of an RNA kink-
turn [43]. Although 5e conforms only loosely to the K-
turn consensus secondary structure, 3D molecular modeling
demonstrates compatible structures (Zwieb, unpublished).
This suggest that 5e is part of the bend or hinge which allows
the elongated SRP to adjust to the curvature of the ribosome
and bind simultaneously to separate ribosomal sites [34].

Such an interpretation is supported by the finding that 5e
is present in SRP RNAs with a standard set of helices in their
small SRP domain [38]. Conversely, Figure 2(c) and the data
shown in Table 2 suggest that SRP RNAs deviate from the
5e consensus when they lack the UGUNR motif or when the
small SRP domain is eroded. These hinge-impaired archaea
SRP RNAs may function in a mode which resembles the SRP-
mediated protein targeting of the majority of bacteria which
lack the small SRP domain.

4. Protein SRP19, Is It Required?

Although protein SRP19 was thought to be absent in certain
archaea genomes [3], its genes (91 sequences) have now
been identified in all archaea subgroups (Table 2). SRP19
coexist with SRP RNA helix 6 as part of the large SRP
domain. Mainly due to the reduced size of its loop 4,
the archaea SRP19 is generally somewhat shorter than its
eukaryotic homolog (Figure 3, top, gray triangle). The NMR
structure of Archaeoglobus fulgidus has been solved [23], and
several crystal structures of the free and RNA-bound SRP19
have been determined (Table 1) revealing a single-domain
compactly folded protein.

Certain conserved amino acid residues (Y/W and GR
in loop 1; Figure 3, top) participate in the binding to the
SRP RNA through induced fit mechanisms involving both
the protein and the RNA. For example, loop 3 (Figure 3,
top) of Archaeoglobus fulgidus SRP19 reorders and adopts
a single conformation upon binding to RNA [23]. In the
Thermococcales, loop 3 is enlarged and disordered and,
upon binding, rearranges to assist in the proper folding of the
SRP RNA [29]. This mechanism of mutual conformational
adjustment has been observed in several other protein-RNA
complexes [44].

In eukaryotic cells, SRP is assembled in the nucleolus and
transported to the cytosol where it associates with SRP54
[45, 46]. Archaea SRPs contain only two proteins, SRP19
and SRP54, and assemble in the cytosol. The mammalian
SRP19 is required to position SRP RNA helices 6 and 8 in
a side-by-side fashion and expose the SRP54 binding site
through a conformational collapse in helix 8. In contrast,
archaea SRP RNA binds SRP54 even in the absence of
SRP19 [47, 48]. RNase susceptibility measurements of wild-
type and mutant Archaeoglobus fulgidus SRP RNAs show
that the conserved adenosine of the GNAR tetraloop in
helix 6, and not SRP19, is responsible for a compactly
arranged large SRP domain [49]. Indeed, helices 6 and
8 are closely packed in the protein-free crystal structures
of Methanococcus jannaschii and Sulfolobus solfataricus SRP
RNAs [22, 27].

Figure 4 indicates that helix 6 and helix 8 interact with
each other not only through their distal tetraloop adenosines
but also via internal looped-out residues. However, the
asymmetric internal loop of helix 8 engages in distinctly
different ways. In the human SRP RNA, two adenosines
protrude from the short strand of the asymmetric loop to
form A-minor motifs with helix 6 [50]. In contrast, in the
Methanococcus jannaschii RNA structures, two adenosines of
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helix 6 are bulged out and interact in the minor groove of
helix 8 [25].

Deletion of the yeast SRP19 homolog Sec65 was shown
to be lethal to the eukaryote Yarrowia lipolytica [51]. In
the archaea, structural and biochemical data as well as the
deviation from the GNAR tetraloop motif observed within
the Thermoplasmatales (Table 2) suggest that SRP19 is
not required for SRP assembly and dispensable for protein
sorting and survival. In fact, deletion of SRP19 from the
Haloferax volcanii genome had no effect on protein translo-
cation or membrane insertion. Increased levels of membrane
bacterioruberin were detected in the deletion mutant and
significant amounts of SRP19 mRNA were observed in
nonmutated cells [52] suggesting a relatively minor possibly
regulatory function for SRP19. Although the protein might
participate in a more substantive way when Haloferax volcanii
is challenged to survive in external environments, the data
demonstrate the diminished importance of the archaea
SRP19 when compared to its significant role for the survival
of eukaryotic cells.

5. SRP54

SRP54, or its bacterial homolog Ffh, is present in all organ-
isms, including the chloroplast SRPs which lack an SRP RNA
[2]. Deletion of the Haloferax volcanii SRP54 gene results in
the loss of cell viability as proof of the central role of SRP54
in archaea protein targeting [52, 53]. Sequence and three-
dimensional structure (Table 1) of the protein are highly
conserved. These properties are readily explained by the
numerous interactions which engage SRP54 in the binding
not only to the SRP RNA, but also the signal sequence
and the FtsY SRP receptor. The observed exceptionally high
level of conservation likely reflects the need to carry out
multiple binding reactions in a coordinated dynamically
GTP-regulated way to ensure proper and efficient delivery
of a wide variety of signal sequence-tagged proteins into the
PCC.

The functions of SRP54 are brought about by three
domains. The N-terminal (N) domain is composed of
a bundle of four alpha helices, the GTPase (G) domain
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contains a unique insertion (I-box) which serves as a
guanine nucleotide-exchange factors (GEFs) and stabilizes
the nucleotide free protein [54, 55], and the methionine-
rich (M) domain binds to the SRP RNA and the signal
sequence (Figure 3, center). The predominantly alpha helical
M domain contains an extended segment (the so-called
fingerloop) which delineates or is folded into a groove
which accepts signal sequences [20, 21, 56]. This wide
and short hydrophobic groove was observed also in the
crystal structure of the RNA-bound Escherichia coli Ffh
[57]. The NMR structure of the Archaeoglobus fulgidus
SRP54 M domain [24] is similar to these crystal structures
and disfavors another proposed mode whereby the signal
sequence binds within a long and narrow groove of SRP54M
[28, 50]. The conformations of the fingerloop in solution
suggest that it adaptively binds and stabilizes the signal
sequences. Binding is weak [24] and likely reversible in order
to permit signal sequence release upon the binding of SRP54
to the SRP receptor. The molecular details of the contacts
made by a signal peptide with the Sulfolobus solfataricus
SRP54 have been revealed recently and suggest that portions
of the fingerloop may adopt an alpha helical conformation
[21].

Adding to the intricacy of signal sequence recognition,
the M domain and the NG region of SRP54 are joined
together via a flexible linker. This region has the consensus
sequence RXLGXGD and allows the RNA-bound SRP54 to
undergo substantial structural rearrangements upon binding
to a signal sequence [20, 22]. Consistent with this assertion,
site-directed mutagenesis experiments of mammalian SRP
[58] and a recent crosslinking study of the Escherichia
coli SRP [59] demonstrate the involvement of the signal
sequence not only with the M domain, but also the NG
region. No evidence for the binding of NG to signal
sequences has been provided in the archaea. However, the

exceptional conservation of SRP54 throughout all domains
of life suggests that archaea employ a similar if not identical
signal recognition mechanism. The NG region can be in close
proximity to SRP RNA helix 8 and, in archaea, appears to
engage also helix 6 [25].

The alignment of 103 archaea SRP54 sequences reveals
several group-specific amino acid residue insertions, for
example a GY in the G domain of Sulfolobales which
might modulate the GTPase activity. Into the M domain,
Thermococcales insert the sequence LEKEV, Halobacteriales
GLMD, and Methanococcales GG (Figure 3). These amino
acid residues have the potential to contribute to the binding
of the protein to the SRP RNA, to signal peptide recognition
or other yet to be specified enhanced functions. Regardless
of their potential significance, these short peptide sequences
are useful for assigning SRP54 sequences to their proper
taxonomic group.

6. FtsY: The SRP Receptor

The SRP receptor (SR) of the eukarya is composed of
the peripheral membrane SRα and the integral membrane
SRβ proteins. Bacteria and archaea possess only FtsY, a
homolog of SRα [60]. Sequence comparisons of FtsY with
SRP54 suggest a gene duplication event [61] and support
the classification into the three domains of life as well as
the close rooting of archaea and eukarya [62]. Archaea FtsY
shares its conserved NG region with NG of SRP54, including
the I-box, but differs from SRP54 with respect to several
short amino acid stretches as revealed by the alignment of
95 archaea FtsY sequences (Figure 3, Supplementary Material
1). The NG regions are symmetrically arranged in three
dimensions to constitute the structural and functional core
of signal sequence release and nascent polypeptide delivery
into the cell membrane (Figure 4) by mutually catalyzing the
hydrolysis of GTP [63–65].

As has been observed within the bacterial genomes
[66, 67] several archaea FtsY sequences consist only of the
NG domain and lack an N-terminal acidic (A) domain.
Diversity with respect to the A domain is observed even
within a single archaea subgroup (Table 2). Full-length
Haloferax volcanii FtsY as well as polypeptides lacking the A
domain were shown to bind to inverted membrane vesicles
indicating that the A domain is dispensable for attaching
FtsY to the membrane. Instead, the A domain may play
a role in recruiting SRP to the haloarchaeal membrane
[68, 69]. Assuming a pool of free FtsY in the cytosol
[70, 71] (Figure 1) these findings are particularly relevant.
On the other hand, fluorescence microscopy showed that
almost all of the Escherichia coli FtsY associates in vivo with
the inner membrane, and any soluble FtsY is unlikely to
contribute to protein targeting [72]. Although archaea FtsY
might interact with the membrane in similar manners as
has been observed in bacteria and chloroplast [2, 73–76],
the molecular details of the binding could be quite different
given the differences in membrane lipid composition. FtsY
might also interact directly with a cytosolically exposed
portion of the PCC [77, 78]. In either case, one would
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expect functional synchronicity between GTP hydrolysis and
delivery of protein into the PCC [79].

In the FtsY sequences of the uncultured marine Crenar-
chaeota we discovered a C-terminal proline-rich extension,
named R for its motif repetitions (see Figures 3 and 4).
Up to 12 EPVP repeats (accession numbers ABZ10052,
ABZ08863, ABZ09152, ABZ09615) and five EPVV repeats
(ABZ098531) were present in the R region. Similar multiple
repeats with the sequence EPTP were seen also in the FtsY
of the Thaumarchaeotum Nitrosopumilus maritimus SCM1.
Details of the R-regions can be inspected in an updated
archaeal FtsY alignment provided at the SRPDB [37]. As with
much of our limited understanding of the role of FtsY in
the archaea, it remains to be determined if these repeats are
expressed and have a function in protein export.

7. Archaea SRP Function and Evolution

During the past years, several interesting puzzle pieces
with respect to SRP-mediated protein translocation and
membrane insertion in the archaea have been assembled.
The SRPs of the Crenarchaeotum Acidianus ambivalens and
the Euryarchaeota Archaeoglobus fulgidus, Pyrococcus furiosus
and Haloferax volcanii have been reconstituted [47, 48, 80–
82], and the ability of an archaea SRP54 to participate in
signal sequence recognition has been demonstrated [81].
Nevertheless, the role of SRP within the archaeal cell is
still poorly understood. Examples of both protein synthesis-
linked (cotranslational) and posttranslational translocation
have been provided [83–87], but to what degree these
findings are representative remains to be investigated further
[16].

The proposal that signal sequences might interact with
the SRP RNA has fed the imagination that the primitive
SRP was composed only of RNA [57, 88]. However, because
of the proteinaceous nature of the signal, a scenario in
which SRP RNA coemerged with evolutionary precursors of
SRP54/Ffh/FtsY appears to be more plausible. Furthermore,
the recent structure of the signal peptide-bound Sulfolobus
solfataricus SRP54 (Ffh) shows that the signal peptide is too
far removed from the SRP RNA to make direct contact [21].

If the small (Alu) SRP domain was a feature of the
primitive SRP which subsequently was lost in evolutionary
time; the majority of the bacteria is more difficult to discern.
As another possibility archaea and certain bacteria may have
been faced independently with the need to enlarge a small
primitive SRP, maybe to slow down translation rates and
provide more time for ensuring the delivery of proteins to
the membrane as has been observed in eukarya [89].

8. Future Directions

With respect to the RNA-rich archaea SRP it would be
desirable to better understand the structure and function of
the protein-free small SRP domain. For example, what, in
molecular detail, allows the small domain to fold back onto
helix 5 in order to approximate the shape and dimensions of
the eukaryal SRP [36]? What is the functional significance of

the conserved 5e motif and its relationship to a flexible hinge
or a bend in the elongated SRP? It will also be important
to further elucidate the role of the archaea FtsY, its role in
the cytosol as well as the molecular features which promote
its association with archaea membranes. As in the past, the
studies of the archaea SRP are expected to contribute in many
ways to our grasp of SRP-mediated protein targeting in all
organism.

9. Methods

Sets of representative sequences were used as input to Perl
scripts written to identify sequence homologs in the NCBI
databases [90]. RNA sequences were aligned semiautomati-
cally with SARSE [91]; protein sequences were aligned using
MUSCLE [92] followed by manual adjustments in Jalview
[93]. The alignments are available through the links listed
in Supplementary Material 2. In addition, the SRP database
provides tables of alphabetically and phylogenetically sorted
sequences at http://rnp.uthct.edu/rnp/SRPDB/SRPDB.html.
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Received 18 May 2010; Revised 4 July 2010; Accepted 12 July 2010

Academic Editor: Jerry Eichler

Copyright © 2010 Stefanie Storf et al. This is an open access article distributed under the Creative Commons Attribution License,
which permits unrestricted use, distribution, and reproduction in any medium, provided the original work is properly cited.

A conserved lipid-modified cysteine found in a protein motif commonly referred to as a lipobox mediates the membrane anchoring
of a subset of proteins transported across the bacterial cytoplasmic membrane via the Sec pathway. Sequenced haloarchaeal
genomes encode many putative lipoproteins and recent studies have confirmed the importance of the conserved lipobox cysteine
for signal peptide processing of three lipobox-containing proteins in the model archaeon Haloferax volcanii. We have extended
these in vivo analyses to additional Hfx. volcanii substrates, supporting our previous in silico predictions and confirming the
diversity of predicted Hfx. volcanii lipoproteins. Moreover, using extensive comparative secretome analyses, we identified genes
encodining putative lipoproteins across a wide range of archaeal species. While our in silico analyses, supported by in vivo data,
indicate that most haloarchaeal lipoproteins are Tat substrates, these analyses also predict that many crenarchaeal species lack
lipoproteins altogether and that other archaea, such as nonhalophilic euryarchaeal species, transport lipoproteins via the Sec
pathway. To facilitate the identification of genes that encode potential haloarchaeal Tat-lipoproteins, we have developed TatLipo,
a bioinformatic tool designed to detect lipoboxes in haloarchaeal Tat signal peptides. Our results provide a strong foundation for
future studies aimed at identifying components of the archaeal lipoprotein biogenesis pathway.

1. Introduction

Most precursors of secreted prokaryotic proteins are trans-
ported across cytoplasmic membranes via either the univer-
sally conserved Sec pathway or the Twin-arginine transloca-
tion (Tat) pathway [1, 2]. The targeting of secreted protein
precursors to these translocation pathways is dependent
upon the recognition of pathway-specific signal peptides
[1, 3]. In bacteria, most substrates transported via these
pathways contain a signal peptide processing site that is
recognized by signal peptidase I (SPase I) after transfer
through the cytoplasmic membrane [3, 4]. However, one
type of secreted protein, the bacterial lipoprotein precur-
sors, is processed by signal peptidase II (SPase II), which
specifically recognizes a conserved “lipobox” motif at the C-
terminus of the signal peptide [4, 5]. The lipobox contains

a cysteine residue to which a glyceride-fatty acid lipid is
attached by a prolipoprotein diacylglyceryl transferase (Lgt)
[6, 7]. SPase II cleaves the precursor immediately upstream of
this lipid-modified cysteine. In Gram-negative and some
Gram-positive bacteria, the conserved lipobox cysteine
residue is also acylated by apolipoprotein N-acyltransferase
[8, 9].

Sequence analyses of genomes isolated from archaea
that thrive in high salt environments have identified a
large number of open reading frames that encode putative
Tat substrates containing potential lipoboxes [10–13]. Mass
spectrometry results of the haloalkaliphilic halocyanin from
Natronomonas pharaonis was consistent with the presence of
an N-terminal cysteine residue modified by a lipid consisting
of two C20 phytanyl groups linked to a glycerol group and
also being acetylated at the amino group [13].
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When the conserved lipobox cysteine residue is replaced
with a serine residue, putative Hfx. volcanii lipoprotein
precursors are not processed, suggesting that these haloar-
chaeal Tat substrates are in fact lipoproteins [12]. Interest-
ingly, while unprocessed precursors of similar replacement
mutants remain cell-associated in bacteria, the three mutant
Hfx. volcanii precursors thus far tested are secreted into the
supernatant [12]. Homologs of bacterial lipid-modification
enzymes have not been detected in archaeal genomes. Con-
sidering this, release of the unprocessed mutant constructs
into the extracellular environment supports the hypothesis
that the molecular mechanisms underlying archaeal lipopro-
tein biosynthesis are distinct from their bacterial counter-
parts. It should also be noted that recently published data
has revealed that some Gram-positive bacterial lipoproteins
are also Tat substrates [14, 15]; however, little is known
about the lipid-anchoring process in these bacteria. One
possible interpretation of this result was that the release of
the haloarchaeal Tat precursor proteins into the supernatant
might reflect a difference in the mechanisms involved in
lipid-modification of Sec and Tat substrates.

In this study, we carried out additional in vivo and in silico
analyses to gain further insight into the processes involved
in archaeal Tat and Sec lipoprotein biosynthesis and the
diversity of archaeal lipoproteins. Although replacing the
lipobox cysteine of additional putative Tat lipoproteins with
a serine blocked precursor processing, these unprocessed
mutant proteins remained membrane associated, indicating
that secretion of unprocessed cysteine to serine replacement
mutants is not a universal phenomenon, for either archaeal
lipoprotein precursors or for Tat substrate lipoproteins.
Conversely, complementary in silico analyses suggest that
an extensive use of lipid-anchoring by membrane-associated
Tat substrates is restricted to haloarchaea while it appears
to be rare, or even non-existent, in other archaeal phyla.
To identify genes that encode putative lipoprotein precur-
sors, we employed existing lipoprotein prediction programs
primarily trained on sets of bacterial Sec lipoproteins. This
allowed us to compile a set of 484 putative lipoproteins from
six haloarchaeal genomes. These data were used to develop
a novel Tat-specific lipoprotein prediction tool for halophilic
archaea.

2. Materials and Methods

2.1. Reagents. All enzymes used in standard molecular biol-
ogy procedures were purchased from New England Biolabs,
except for iProof High-Fidelity DNA Polymerase, which was
purchased from Biorad. The ECL Plus Western blotting
system, horseradish peroxidase-linked sheep anti-mouse
antibody was purchased from Amersham Biosciences. The
anti-myc monoclonal antibody and polyvinylidene difluo-
ride membrane were purchased from Millipore. DNA and
plasmid purification kits, and the anti-Penta-His antibody
were purchased from QIAGEN. NuPAGE gels, buffers, and
reagents were purchased from Invitrogen. Difco agar and
Bacto yeast extract were purchased from Becton, Dickinson
and Company. Peptone was purchased from Oxoid. All other

chemicals and reagents were purchased from either Fisher or
Sigma.

2.2. Strains and Growth Conditions. The plasmids and strains
used in this study are listed in Supplementary Table 1
(available online at doi:10.1155/2010/410975). Hfx. volcanii
strains were routinely grown at 45◦C in 18% MGM [16].
MGM was supplemented with novobiocin (2.0 μg ml−1) and
thymidine (40 μg ml−1), when necessary. Escherichia coli
strains were grown at 37◦C in NZCYM and supplemented
with ampicillin (100 μg ml−1).

2.3. Construction of Expression Vectors. The Hvo B0139,
Hvo 1242, Hvo 1808, Hvo 1609, and Hvo 1580 genes were
placed under the control of P f dx [17] and cloned into
pMLH3 [18] with a C-terminal Myc tag generating plasmids
listed in Supplementary Table 1. P f dx was amplified from
pGB70 using the FdxFor and FdxRev primers, and the
substrate genes were amplified using the relevant primers
(see Supplementary Table 2). Substrate genes were then
placed under the control of P f dx by overlap PCR, using
both the substrate genes and the fdx promoter fragment
PCR products as template. The resulting P f dx, P f dx-B0139,
P f dx-1242, P f dx-1808, P f dx-1609, and P f dx-1580 fragments
were digested with BamHI and HindIII, and ligated into
pMLH3 that had been digested with BamHI and HindIII and
treated with Calf Intestinal Phosphatase. The sequence of the
construct inserts was confirmed by DNA sequencing.

In addition to the listed Myc-tagged wild-type substrate
constructs, several mutant constructs were generated. In
all cases, wild-type substrate constructs were used as DNA
templates for PCRs. The twin-arginine residues of these
gene products were altered to twin lysines via overlap PCR,
using the above constructs as DNA template and primers
that resulted in replacement of the arginine codons with
lysine codons (AAG) (Supplementary Table 2). For the
genes encoding putative lipoprotein substrates, likely lipobox
cysteine codons were altered to serine codons via overlap
PCR, using primers that resulted in replacement of the
cysteine codon with a serine codon (TCG) (Supplementary
Table 2). For signal sequence deletion mutants, the potential
signal sequence located prior to the N-terminal cysteine was
deleted via PCR using primers listed in Supplementary Table
2. The fidelity of these mutant constructs was confirmed
by DNA sequencing. Similar methods were used to clone
Hvo 0494 and Hvo 0494C20S, except that these constructs
were cloned into pRV1-ptna plasmid under the control of
the tryptophan-inducible promoter ptna [19]. Genes were
amplified using the primers listed in Supplementary Table 2
and inserted into pRV1-ptna digested with NdeI and EcoRI.

Wild-type and mutant constructs were extracted from
DH5α (Invitrogen) and passed through DL739 [20] to obtain
nonmethylated DNA, which was subsequently transformed
into Hfx. volcanii strain H99 [21] or KD5 [22] using the
standard PEG method [16].

2.4. Expression and Localization of Tat Substrates. Liquid
cultures of relevant strains were grown until mid-log
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(OD600 ∼ 0.5). Subsequently, cells were collected by
centrifugation at 4300 g for 10 min at 4◦C. The supernatants
were recentrifuged at 4300 g for 10 min to remove cellular
contamination, and secreted proteins were precipitated with
cold TCA (100% v/v) then washed twice with cold acetone
(80% v/v). The cell pellets were washed once with MGM then
pelleted again as described and resuspended in 1× NuPAGE
lithium dodecyl sulfate (LDS) Sample buffer.

2.5. Immunoblotting. All protein samples were stored at
−20◦C in 1× NuPAGE LDS sample buffer supplemented
with 50 mM dithiothreitol (DTT). Samples were run on
Bis-Tris NuPAGE gels under denaturing conditions using
either morpholinepropanesulfonic acid (MOPS) or 2-(N-
morpholino)ethanesulfonic acid (MES) running buffer, or
on Tris-Acetate NuPAGE gels using TA running buffer. Pro-
teins were transferred to polyvinylidene difluoride (PVDF)
membrane using the Bio-Rad Transblot-SD Semi-Dry Trans-
fer Cell at 15 V for 30 minutes. Three buffers were used in
semidry transfer: anode I [300 mM Tris, 10% (v/v) methanol,
pH 10.4], anode II [25 mM Tris, 10% (v/v) methanol,
pH 10.4], and cathode [25 mM Tris, 40 mM glycine, and
10% (v/v) methanol, pH 9.4]. PVDF membranes were
probed with the primary antibodies anti-Penta-His (1:1000)
or anti-Myc (1:1000) and secondary anti-mouse antibody
(1:10,000). All Western blots shown are representative of at
least two independent experiments.

2.6. Archaeal Secretome Analyses. Various commonly avail-
able bioinformatic tools were used to analyze the secreted
proteins of six haloarchaeal species, nine non-halophilic
euryarchaeal species, nine crenarchaeal species, as well as
three other archaeal species (see Supplementary Table 3).
For lipoprotein predictions, we used three independent
prediction programs: (i) the Prosite position-specific matrix
PS51257 (PROKAR LIPOPROTEIN) [23]; (ii) LipoP [24];
and (iii) predLipo [25]. To keep false positive predictions
minimal, candidate proteins are considered lipobox-positive
only when they are recognized by at least two of these predic-
tors (also see Supplementary Text and Supplementary Figure
1). To identify Tat substrates, we used TatFind [26]. Predicted
Tat substrates that were not predicted to be lipoproteins were
designated Tat substrates with an SPase I cleavage site in their
signal peptides. All predicted lipoproteins not identified by
TatFind were designated Sec substrates with signal peptides
processed by SPase II.

Phobius [27] was used to identify Sec substrate signal
peptides cleaved by SPase I. However, we used caution
when considering this data, as there is a strong tendency
for Phobius to predict false positives for both Sec signal
peptides and SPase I cleavage sites. Since both the Sec and
Tat pathway-specific signal peptides contain a charged region
followed by a hydrophobic core, and many contain an SPase
I cleavage site, Phobius is inclined to misclassify many Tat
signal peptides as Sec signal peptides [28]. Consequently,
we disregarded Phobius predictions of Sec signal peptides
in TatFind positives. Similarly, since SPase I has a relaxed
specificity, which therefore necessitates relaxed cleavage site
prediction constraints, many lipoproteins cleaved by SPase

II are predicted to have signal peptides processed by SPase
I by Phobius. Consequently, we disregarded Phobius pre-
dictions of SPase I cleavage sites for predicted lipoproteins,
as predicted by the method described above (also see
Supplementary Figure 1).

2.7. Tat Lipoprotein Prediction. To extract position-specific
amino acid statistics, amino acid sequences of 484
lipoproteins predicted from six haloarchaeal genomes were
“aligned” as follows: for 400 lipoproteins predicted to be Tat
substrates, the sequences of the lipobox and the Tat motif,
as predicted by the lipoprotein prediction programs and
TatFind, respectively, were aligned. These alignments were
attained by introducing a gap of variable length between the
fifth and sixth amino acid residue after the second arginine
of the twin arginine motif.

The lipoprotein set contains 50 TatFind negative
sequences that contain two consecutive arginines in the
charged region of the signal peptide. However, specific amino
acid residues at positions +1, +4, +5, and/or +6, relative to
these arginines are not allowed by TatFind. Some of these
sequences may be false negatives caused by the stringent rules
applied by TatFind. Therefore, the twin arginines in these
potential false negatives were aligned with the twin arginines
in the Tat motifs of the TatFind positives.

Most of the 34 remaining sequences that were examined
were found to contain a single arginine. We aligned this
arginine with the second arginine of the twin arginines of the
Tat motifs identified by TatFind unless the preceding residue
was the initiator methionine, in which case we aligned
this arginine with the first arginine of the Tat motifs (see
Supplementary Table 4).

The 484 aligned haloarchaeal lipoproteins (Supple-
mentary Table 4) were used to compute position-specific
amino acid frequencies. These frequencies were used to
develop an algorithm using a rule-based approach to detect
haloarchaeal lipobox motifs. For the positions with the
strongest composition bias, amino acids were categorized as
“required”, “frequent”, “normal”, “tolerated”, or “excluded”.
Required and excluded amino acids were used in regular
expressions, that is, no exceptions were allowed. Tolerated
amino acids are not excluded, although they have not been
found in the set of 484 aligned haloarchaeal lipoproteins
at the corresponding position. However, they are similar to
other amino acids, which have been found (e.g., tyrosine
or tryptophane in positions where phenylalanine is found)
(see also Supplementary Table 5). Moreover, tolerated amino
acid residues are allowed only when other positions are
occupied by frequent amino acids. The rule-based algorithm
is the basis of TatLipo (available at SignalFind.org), which
is an extension of TatFind, a program which identifies
haloarchaeal Tat substrates with a high degree of accuracy
[26, 29].

3. Results

3.1. Some Unprocessed Hfx. volcanii Lipobox Replacement
Mutant Proteins Remain Cell-Associated. To further investi-
gate the diversity of haloarchaeal lipoproteins secreted via
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Figure 1: Tat and Sec signal peptides containing lipobox motifs. N-terminal regions of the precursors of (a) Tat; and (b) Sec substrates with
lipoboxes (bold) predicted by at least two of the three lipoprotein prediction programs (PredLipo, LipoP and Prosite PS51257), with the
exception of Hvo 1242, which was only LipoP-positive. Tat motifs (red) were predicted by TatFind, hydrophobic stretches (underlined), and
SPase I cleavage sites (italics) were predicted by Phobius. An arrow indicates the predicted SPase II cleavage sites.
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Figure 2: Hfx. volcanii proteins Hvo B0139 and Hvo 1242 are Tat substrates that require the lipobox cysteine for processing but not for
anchoring to the cytoplasmic membrane. Western blot analyses of the wild-type (RR), twin lysine replacement mutants (KK), and cysteine
to serine replacement mutants (C21S and C26S for Hvo B0139, and Hvo 1242, resp.). All proteins expressed had C-terminal Myc-tags and
were detected using anti-Myc antibodies. Comparable amounts of protein were loaded in each lane. The migration of molecular weight
standards is indicated on the right. Predicted positions of precursor (p) and mature (m) proteins are indicated.

the Tat pathway, we chose to characterize two additional
proteins with distinct lipobox motifs, Hvo B0139 (VAGC),
predicted by three lipoprotein prediction programs (Prosite,
predLipo and LipoP) and Hvo 1242 (LSGC), which was only
predicted by LipoP (Figure 1(a) and see below). Consistent
with these putative Tat substrates being lipoproteins, we
determined that both are cell-associated (Figures 2(a) and
2(b)). Protein extracts isolated from Hfx. volcanii that express
C-terminally Myc-tagged versions of these proteins were
subjected to denaturing polyacrylamide gel electrophoresis
(PAGE), followed by Western blot analyses. When genes
are overexpressed from a plasmid, incomplete processing
of the encoded protein is frequently observed. Consistent
with the presence of a precursor and a processed protein,
anti-Myc antibody detected two distinct protein bands in
Western blots of extracts containing the Myc-tagged version
of Hvo B0139. Only a single protein band was detected
in extracts containing Myc-tagged Hvo 1242. To provide

evidence that these proteins are Tat substrates, we mutated
the essential twin arginines that have been shown to be
essential for protein export by the Tat translocase. Mutant
proteins in which twin arginine residues in the signal
peptide were replaced with twin lysines (Hvo B0139KK
and Hvo 1242KK, resp.) were overexpressed in wild-type
Hfx. volcanii, and protein extracts containing these mutant
proteins were subjected to denaturing PAGE, followed by
Western blot analyses. Hvo B0139KK migrated as a single
protein band, at a position on the gel similar to that of
the Hvo B0139 precursor protein (Figure 2(a)). Moreover,
Western blots of protein fractions isolated from Hfx. volcanii
that overexpress Hvo 1242KK detected one protein band,
which migrates at a slower rate than Hvo 1242, indicating
that this mutant protein is not processed (Figure 2(b)).

To determine the importance of putative archaeal protein
lipoboxes in signal peptide processing and membrane-
anchoring, we replaced the conserved lipobox cysteines in
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these archaeal Tat substrates with serines. Western blot
analysis of purified protein extracts subjected to denaturing
PAGE showed that Hvo B0139C21S and Hvo 1242C26S
replacement mutants migrate at a position on the gel
similar to that of the corresponding precursor, indicating
that the cysteine is required for signal peptidase processing
(Figures 2(a) and 2(b)). Interestingly, although Giménez
et al. showed that DsbA, Mbp, and Ibp cysteine to serine
replacement mutants are released into the supernatant [12],
the precursor forms of Hvo B0139C21S and Hvo 1242C26S
remain cell associated, which might be due to the unpro-
cessed signal serving as a membrane anchor (Figure 2).

3.2. The Transport of Lipobox-Containing Proteins Is Not
Dependent on a Particular Hfx. volcanii TatA Paralog.
Although TatAt is essential for Hfx. volcanii survival under
standard laboratory conditions, TatAo, the Hfx. volcanii
paralog of TatAt, is not [22]. To determine whether the
membrane association of unprocessed cysteine to serine
replacement mutants transported via the Tat pathway
depends upon a TatA paralog distinct from that involved
in transporting similar mutants that are released into the
extracellular environment, we investigated the transport of
the Hvo B0139 and Hvo 1242, as well as DsbA, in Hfx.
volcanii �tatAo mutants. We determined that these lipobox-
containing proteins are transported with similar efficiencies
in wild-type cells and �tatAo mutants (Figures 3(a)–3(c)).
Since the soluble Tat substrate arabinanase is also secreted in
a TatAo-independent manner (Figure 3(d)), it is clear that in
Hfx. volcanii the TatAt role in transport is not limited to the
secretion of lipoproteins.

3.3. Putative Hfx. volcanii Sec Substrate Lipobox C-S Replace-
ment Mutants Are Processed, but Are Relatively Unstable.
To determine whether archaeal Sec substrates containing
lipobox motifs require the conserved cysteine for processing,
we characterized three putative Hfx. vocanii Sec substrates
with potential lipoboxes: Hvo 1808 (LAGC), Hvo 1580
(LSGC), and Hvo 0494 (LAGC). Consistent with Hvo 1808
and Hvo 1580 being lipoproteins, they are primarily retained
in cell-associated protein fractions (Figures 4(a) and 4(b)).
Although the supernatant fraction of Hvo 1808 expressing
cultures contained a minor protein band that migrated
with one of the bands seen in the membrane-associated
fraction, it is likely that this results from protein shedding
during the isolation of protein fractions, as is the case
for many bacterial lipoproteins (also observed for the Hfx.
volcanii DsbA, [12]). Shedding may also be the reason why
a large portion of Hvo 0494 is found in the supernatant
fraction (Figure 4(c)). To confirm that these Sec substrates
are processed, we attempted to overexpress signal peptide
deletion mutants of these three proteins (Hvo 1808Δss,
Hvo 1580Δss, and Hvo 0494Δss), which should have the
same molecular weights as the processed proteins. Although
Hvo 1508Δss and Hvo 0494Δss appear to be unstable, as
no corresponding protein was identified by Western blot
analysis (data not shown), Hvo 1808Δss migrated at the
same position on the gel as the wild-type protein when

separated by denaturing PAGE, indicating that the wild-type
protein is processed (Figure 4(a)).

Interestingly, when the conserved lipobox cysteine in
these Sec substrates was replaced with a serine, Western
blot analysis showed that, when separated by denaturing
PAGE, Hvo 1808C19S and Hvo 1580C24S migrate at the
same position on the gel as the wild-type proteins and are
found in the same relative amounts in the cell-associated
and supernatant protein fractions, indicating that neither the
processing nor the membrane anchoring of these mutant
proteins is dependent on the lipobox cysteine (Figures 4(a)
and 4(b)). In fact, all three Sec substrates also contain
potential SPase I processing sites, as predicted by Phobius
[27] (Figure 1(b)). However, Western blot analyses also
revealed that all three mutant proteins are less abundant
than the corresponding wild-type proteins, in both the cell
associated and the supernatant protein fractions, suggesting
that these replacement mutants are less stable than the wild-
type proteins. In fact, in addition to the mutant proteins
being less abundant than the wild-type proteins, Western
blot analysis of protein fractions containing Hvo 0494C20S
revealed a faster migrating band in the supernatant fraction,
possibly a degradation product (Figure 4(c)).

3.4. Prediction of Archaeal Lipoproteins. Upon determining
that many predicted Hfx. volcanii Tat signal peptides con-
tain putative lipoboxes, and confirming that the conserved
lipobox cysteine in these substrates is important for pre-
cursor processing, we resolved to determine (i) whether Tat
substrates of other haloarchaea frequently contain SPase II
processed signal peptides—as has been suggested for at least
two additional haloarchaea species [10, 11]; (ii) whether
non-halophilic archaeal genomes also encode predicted
lipoproteins; and (iii) whether these putative non-halophilic
lipoproteins are typically predicted Sec or Tat substrates.

As there was no archaeal-specific lipoprotein
prediction program available, we used other existing
tools: (i) the Prosite position-specific matrix PS51257
(PROKAR LIPOPROTEIN) [23] and LipoP [24], which
have both been mainly trained on lipoproteins encoded
by Gram-negative bacterial genomes; and (ii) predLipo
[25], which has been trained on lipoproteins encoded by
Gram-positive bacterial genomes. The results of these three
predictors did not correlate well for archaeal genomes
(see the Supplementary Text). Only 43% of the initial
predictions were common to all three programs, while 24%
were specific to only one of them. To increase the reliability
of the prediction, we requested that at least two of the
three prediction programs must be positive for a protein to
consider it a lipoprotein (i.e., as having an SPase II cleavage
site). Excluding results obtained with only a single predictor
resulted in a set of 484 predicted lipoproteins from six
halophilic archaea (Supplementary Table 4). Of these, 56%
were positive by all three predictors and 44% were positive
by only two of the three predictors. In the following, we refer
to these as lipoproteins although experimental confirmation
in archaea is still lacking except for halocyanin from N.
pharaonis [13]. However, we consider the requirement for
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Figure 3: Putative Tat substrate lipoproteins Hvo B0139, Hvo 1242, DsbA and arabinanase are translocated independent of TatAo in Hfx.
volcanii. Western blot analyses of wild-type (RR) Hvo B0139, Hvo 1242, and DsbA (Hvo 1245) and arabinanase (Hvo B0232) expressed in
Hfx. volcanii wild-type (WT) or TatAo deletion mutants (�tatAo). All proteins expressed had C-terminal Myc-tags, and were detected using
anti-Myc antibodies. Comparable amounts of protein were loaded in each lane. The migration of molecular weight standards is indicated
on the right. Predicted positions of precursor (p) and mature (m) proteins are indicated. For comparisons of the unprocessed and processed
substrate migration see Figure 2.

positive results from two independent predictors a strong
constraint so that we expect only a small fraction will be
false positives.

The lipoproteins predicted by this method were used in
two ways. Predictions for a total of 27 archaeal genomes
were used for statistical analyses. The set of 484 haloar-
chaeal lipoproteins was used to determine position-specific
amino acid frequencies, results of which were used to
develop TatLipo, a haloarchaea-specific prediction program
for lipoproteins that are secreted by the Tat pathway.

3.5. Extensive Anchoring of Tat Substrates via Lipid Anchor
Appears to Be Unique to Haloarchaea. Consistent with previ-
ous analyses, we determined that 39–55% of the haloarchaeal
proteins are secreted via the Tat pathway (Figure 5(a)).
However, although most archaea appear to secrete some of
their proteins via the Tat pathway, Tat substrates account for
no more than 8% of any non-halophilic archaeal secretome
thus far analyzed (Figure 5(a), Supplementary Table 3) [29].
The lack of predicted Tat substrates in the euryarchaea M.
hungatei, M. jannaschii, and M. kandleri, or in N. equitans
and N. maritimus, is consistent with the absence of homologs
of Tat pathway components in these organisms ([29] and
data not shown).

Conversely, while proteins that contain signal peptides
with lipobox motifs are common in some euryarchaea, we
found that they are absent in many crenarchaea (Figure 5(b),
Supplementary Table 3). In the euryarchaea, the fraction of
predicted lipoproteins is somewhat higher among haloar-
chaea (26–36%) than it is among non-halophilic species (7–
20%). Six of the nine analyzed crenarchaeota completely
lack predicted lipoproteins. Ignicoccus hospitalis, the only

archaeon known to have an outer membrane [30]), is an
unusual crenarchaeon, having a secretome in which 4.2%
of the proteins have a lipobox-containing signal peptide
(Figure 5(b), Supplementary Table 3).

Although roughly half of the haloarchaeal Tat substrates
contain a lipobox motif (46–65%) (Figure 5(c), Supple-
mentary Table 3), we determined that only about 10%
of haloarchaeal Sec substrates contain one (Figure 5(d),
Supplementary Table 3). However, while haloarchaea are
unique among archaea with respect to the portion of
secreted proteins containing the Tat/lipobox combination,
they are relatively similar to other euryarchaea in regard to
the frequency of secreted proteins having the Sec/lipobox
combination (Figure 5(d)).

Furthermore, a large majority (78–87%) of putative
haloarchaeal lipoproteins are secreted via the Tat pathway
(Figure 5(e), Supplementary Table 3). In contrast, this
combination is extremely rare in other archaeal species. In
our in silico analysis, only a single exception was identified,
protein AF2235 of Archaeoglobus fulgidus has a Tat/lipobox
motif (Figure 5(e), Supplementary Table 3).

The difference in usage of the Tat pathway and lipid-
anchoring cannot be attributed to a general disparity in the
level of protein secretion in these organisms. While the frac-
tion of secreted proteins varies considerably among archaeal
species, ranging from 3.6% in S. acidocaldarius to 10.7% in
M. hungatei, no major differences in the range of the portion
of proteins secreted are evident between the various phyla of
archaea (Figure 5(f), Supplementary Table 3).

3.6. Development of TatLipo for Prediction of Haloarchaeal
Tat Lipoproteins. Although a large number of potential
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Figure 4: Cysteine to serine mutants of Hvo 1808, Hvo 1580,
and Hvo 0494 are less stable than wild-type constructs but appear
to be processed. Western blot analyses of wild-type proteins
(WT), cysteine to serine replacement mutants (Hvo 1808C19S,
Hvo 1580C24S and Hvo 0494C20S), and signal sequence deletion
mutants (�ss) of Hvo 1808. All proteins expressed had C-terminal
Myc-tags except for Hvo 0494 and Hvo 0494C20S, which were C-
terminally His-tagged. Myc and His-tagged proteins were detected
using anti-Myc and anti-His antibodies, respectively. Comparable
amounts of protein were loaded in each lane. The migration of
molecular weight standards is indicated on the right. Predicted
positions of precursor (p) and mature (m) proteins are indicated.

Tat substrate lipoproteins were detected using the available
prediction programs, our in vivo results show that our
requirement, that at least two of the three programs used
make a positive prediction, may be overly stringent (Figures
1(a) and 2(b)). This may be because these programs were
trained to search for lipobox motifs within the context
of Sec signal peptides, and although Tat and Sec signal
peptides have significant similarities, Tat signal peptides,
in addition to containing a unique twin arginine motif,
are generally longer and contain a less hydrophobic h-
domain than Sec signal peptides. Therefore, to identify
additional potential haloarchaeal lipoproteins, we modified
TatFind, which detects haloarchaeal Tat substrates, to include
haloarchaeal lipobox predictions. Since the vast majority of
haloarchaeal lipoproteins are secreted via the Tat pathway,
this program should identify Tat lipoproteins missed by the
other prediction programs used in this study.

Although there are no confirmed Tat lipoproteins to
use as a training set, the stringent lipoprotein prediction
as described above, provided 484 lipoprotein candidates to
be used in defining a consensus haloarchaeal lipobox motif

(Figure 6). Manual alignments of the N-termini of these
proteins, as described in Materials and Methods, were used
to compute position-specific amino acid composition and
determined that the most frequent haloarchaeal lipobox
motif is LAGC and that sequence conservation increases
along the motif (leucine: 60.5%, alanine: 83.5%, glycine:
98.8%, cysteine: 100%) (Figure 6 and Supplementary Table
5). Furthermore, we identified a bias in the amino acid
residue composition both upstream and downstream of the
LAGC sequence. A number of charged or hydrophilic amino
acids (D, E, R, H, K, N, Q) are strictly forbidden in front of
the lipobox motif, and at the position immediately following
the conserved cysteine, leucine and serine are frequent while
aspartic acid and cysteine are excluded.

Moreover, we determined the distance between the twin
arginine and the lipobox motif. The calculated number of
amino acid residues between the second arginine and the
conserved cysteine in the lipobox motif was in the range of
12–21.

To specifically predict Tat substrates with class II sig-
nal peptides, we incorporated the lipobox algorithm into
TatFind, generating the lipoprotein prediction program
TatLipo. Thus, TatLipo defines the prevalent haloarchaeal
lipobox motif in Tat substrates (Figure 6). TatLipo was
applied to the set of 400 predicted haloarchaeal lipoproteins
that are secreted via the Tat pathway. Only three proteins
in this set were not predicted by TatLipo: two of these
slightly exceed the distance constraint. TatLipo predicts 113
additional lipoprotein candidates. More than two-thirds of
the additional TatLipo assignments (78 of 113, 69.0%) were
also predicted by one of the three other lipobox prediction
programs, including Hvo 1242, which was LipoP-positive.
This may indicate that many of the additional predictions are
correctly called as lipoproteins. These partial confirmations
are relatively evenly distributed among the three prediction
programs (41 predLipo, 19 Prosite, 18 LipoP). Within the
subset of lipoprotein candidates secreted via the Tat pathway,
TatLipo confirmed most of the lipobox-containing proteins
that were predicted by only one of the three bacterial
lipoprotein prediction programs.

In conclusion, TatLipo is able to identify nearly all of the
Tat-secreted lipobox proteins in halophilic archaea. While
the stringent rules applied for lipobox assignment may
have resulted in a number of false negatives, experimental
confirmation in the future, will allow us to further improve
the lipobox prediction algorithms.

4. Discussion

Haloarchaea transport a large fraction of their secreted
proteins via the Tat pathway, possibly as an adaptation to the
high salt environments they inhabit. Computational analyses
of putative Tat substrates identified in several halophilic
archaea have revealed that many of these precursor proteins
also contain potential lipoboxes [10, 11, 22]. These findings
are supported by the results obtained in the studies presented
here, which also show that this predominance of SPase
II cleavage sites in Tat substrates, like the extensive use
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Figure 5: Only haloarchaeal Tat substrates are predicted to be predominantly lipoproteins. The predicted relative proportions are shown
for several types of secreted proteins for halophilic and non-halophilic euryarchaeal species as well as crenarchaeal species and three
species belonging to other archaeal phyla. (a) The percentage of secreted proteins that are Tat substrates. (b) The percentage of secreted
proteins that are lipoproteins. (c) The percentage of Tat substrates that are lipoproteins. (d) The percentage of Sec substrates that are
lipoproteins. (e) The percentage of lipoproteins that are secreted via the Tat pathway. (f) The percentage of proteins that are secreted
(predicted Tat and Sec substrates with SPase I or SPase II cleavae sites). Raw data are available in Supplementary Table 4. Organisms
are abbreviated as follows: haloarchaea (Hamar: Haloarcula marismortui; Hasal: Halobacterium salinarum; Hfvol: Haloferax volcanii;
Hqwal: Haloquadratum walsbyi; Namag: Natrialba magadii; Napha: Natronomonas pharaonis), other euryarchaea (Arcfu: Archaeoglobus
fulgidus; Mmaze: Methanosarcina mazei; Pyrfu: Pyrococcus furiosus; Thkod: Thermococcus kodakarensis; Methu: Methanospirillum hungatei;
Metja: Methanocaldococcus jannaschii; Metka: Methanopyrus kandleri; Picto: Picrophilus torridus; Theac: Thermoplasma acidophilum),
crenarchaea (Apern: Aeropyrum pernix; Calma: Caldivirga maquilingensis; Hypbu: Hyperthermus butylicus; Sulac: Sulfolobus acidocaldarius;
Sulso: Sulfolobus solfataricus; Thneu: Thermoproteus neutrophilus; Metse: Metallosphaera sedula; Pyrar: Pyrobaculum arsenaticum; Ighos:
Ignicoccus hospitalis), and other archaea (Nequi: Nanoarchaeum equitans; Kocry: Korarchaeum cryptofilum; Nitma: Nitrosopumilus
maritimus).
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Figure 6: Conserved lipobox motifs of haloarchaea. Consensus motif was generated using the lipobox motifs of 400 predicted haloarchaeal
Tat lipoproteins (see Supplementary Table 4). The alignment depicts the cleavage site G/A at position −1. Logos were generated using
weblogo (http://weblogo.berkeley.edu/).

of the Tat pathway to translocate secreted proteins, is a
feature that is likely unique to haloarchaea. Moreover, in
addition to revealing that a large portion of haloarchaeal Tat
substrates appear to be lipoprotein precursors, our in silico
analyses have also demonstrated that relatively few archaeal
Sec substrates contain a genuine lipobox.

In a previous study, we determined that some haloar-
chaeal Tat substrates contain functional lipoboxes, with core
amino acid sequences LAGC or TAGC, required for proper
processing of the precursor protein and for membrane-
association of the processed protein. While our in silico
and in vivo data indicate that the lipobox cysteine is
strictly conserved, we have determined that in addition to
lipobox glycine, which is found at position −1 in 98% of
the putative lipoboxes that we have identified, alanine is
occasionally found at position −1. We have now shown
that a haloarchaeal Tat substrate containing an alanine at
lipobox position−1 requires the putative lipobox cysteine for
proper processing. Moreover, a valine at the first position or
a serine at the second position of the lipobox, as observed
in the lipoboxes VAGC and LSAC, respectively, can also
be present in haloarchaeal lipoboxes. Similar to previously
tested replacement mutants, constructs lacking the lipobox
cysteine were not processed. However, while previously
tested mutant substrates were released into the supernatant
[12], in this study, precursors containing lipoboxes in
which the cysteine was replaced with a serine remained cell
associated. The cell association of these mutant proteins
is not that surprising since this is similar to what has
been observed for the majority of bacterial lipoproteins
containing a cysteine to serine lipobox substitution where
unprocessed bacterial Sec substrate lipoprotein replacement
mutants remain tethered to the cytoplasmic membrane via
the hydrophobic stretch of the signal peptide. Analogously, it
is possible that the unprocessed signal peptides of the mutant
Tat substrate lipoprotein precursors investigated in this study
serve a similar purpose: anchoring these unprocessed mutant
proteins to the archaeal cytoplasmic membrane. It is not
clear why some unprocessed lipoproteins are released into
the supernatant.

We have also determined that membrane-association
of an unprocessed Tat substrate containing a lipobox is
not dependent on a specific Tat pore component; in fact,

we have only identified a single archaeal Tat substrate
that specifically requires TatAo for successful translocation
(data not shown). Moreover, we have also shown that
the soluble secreted protein arabinanase is secreted via Tat
pores containing TatAt, demonstrating that no Tat pore
is specifically dedicated to the secretion of haloarchaeal
lipoproteins (Figure 3(d)).

Although our analyses clearly indicate that predicted
haloarchaeal lipoprotein precursors are generally trans-
ported to the cytoplasmic membrane via the Tat pathway,
the specific mechanisms involved in lipid modification
and signal peptide cleavage of these substrates are cur-
rently unknown. Lnt is the evolutionarily conserved N-
acyltransferase that catalyzes the acylation of the lipobox
cysteine in Gram-negative bacteria. The acylation of the
conserved lipobox cysteine of lipoproteins has also been
confirmed in the Gram-positive bacteria Bacillus subtilis
and Staphylococcus aureus, but Lnt homologs have not been
identified in either of these species, indicating that an
unrelated enzyme acylates lipoproteins in these organisms
[31, 32]. Given that archaea also lack Lnt homologs, archaeal
species that produce lipoproteins might also express a
novel, archaeal-specific N-acyltransferase, or perhaps the
lipoprotein acylation in archaea and Gram-positive bacteria
is performed by an enzyme that is conserved between them.
On the other hand, although both Gram-negative and Gram-
positive bacterial species express a conserved prolipopro-
tein diacylglyceryl transferase, an archaeal homolog of this
enzyme has not been identified, indicating that archaea are
likely to express a unique enzyme that performs an analogous
function.

In addition to putative haloarchaeal Tat substrate
lipoproteins, previously reported preliminary evidence has
indicated that some Gram-positive bacterial lipoproteins
may also be Tat substrates [14, 15]. Elucidating the mech-
anisms involved in modifying and processing Tat substrate
lipoproteins in bacteria and archaea will almost certainly
reveal important similarities and key differences in the
processing of Sec substrate and Tat substrate lipoproteins.

In this study, we determined that cysteine to serine
replacement mutants corresponding to two Sec substrates
containing a putative lipobox are processed, and also showed
that these processed mutants remain membrane-associated,
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perhaps by forming protein complexes with other
membrane-bound proteins. The fact that the putative
lipobox in these Sec substrates is conserved in homologous
proteins encoded by other haloarchaeal species is interesting
(data not shown). Although it is not clear whether these
conserved sequences are lipoboxes, their conserved nature
suggests that they may serve an important function. On
the other hand, in bacteria, some lipobox cysteine to serine
replacement mutants are processed by a bacterial SPase I
[33]. Interestingly, all three Sec substrates investigated here
contain predicted SPase I cleavage sites, as determined by
Phobius (Figure 1(b)). Consistent with the hypothesis that
SPase I may have processed these mutant Sec substrates, the
cysteine to serine replacement mutant of the Tat substrate
DsbA also contains a predicted SPase I processing site that
appears to be processed, albeit inefficiently [12]. Moreover,
Western blot analyses indicate that the cysteine to serine
replacement mutants are less stable than the corresponding
wild-type proteins, and in the case of Hvo 0494, a smaller
product was detected in the protein fraction isolated from
the supernatant.

Our in silico data suggests that haloarchaea are unique
in anchoring Tat substrates to the membrane via a lipid
anchor. However, in addition, while the vast majority of
the lipobox-containing proteins are secreted via the Tat
pathway, haloarchaea as well as non-halophilic euryarchaeal
genomes contain open reading frames that code for puta-
tive lipoproteins, which are secreted via the Sec pathway.
Therefore, with regard to determining the relative impor-
tance of lipoproteins in the various archaeal phyla, further
investigations of putative archaeal Sec substrate lipoproteins
are necessary. These include investigation of Hfx. volcanii
Sec substrates that contain lipoboxes, such as N-terminal
amino acid sequencing of wild-type substrates and their
corresponding cysteine to serine replacement mutants to
determine their processing sites as well as mass spectrometry
of these substrates to determine whether they are lipid
modified. Furthermore, in vivo analyses of putative Sec
substrate lipoproteins in non-haloarchaeal species, such as
those predicted to be encoded by the genome of M. mazei, a
genetically amenable methanogen, may be useful in shedding
light on the significance of putative lipobox motifs in
archaeal Sec substrates.

TatLipo, the first lipoprotein prediction program pri-
marily trained on the sequences of haloarchaeal Tat lipobox
motifs, predicts a vast array of haloarchaeal Tat substrates
missed by prediction programs trained solely on bacterial
Sec substrates. In fact, our in silico analyses predicted an
additional 113 haloarchaeal Tat substrate lipoproteins when
results generated by TatLipo were included with those of pro-
grams trained on bacterial Sec substrates, making the utility
of lipoprotein prediction programs that predict archaeal- and
Tat-specific lipoproteins abundantly clear. Moreover, TatLipo
detected nearly all of the proteins identified by integrating
the results of three bacteria-based predictors. In addition,
for the subset of Tat-secreted proteins, TatLipo confirmed
two-thirds of the predictions supported by only one of these
three programs, including Hvo 1242, a prediction that was
supported by in vivo mutagenesis data.

The inability of prediction programs trained on Sec sub-
strates to recognize a significant portion of the Tat substrate
lipoproteins may be due to key structural differences that
exist between Tat and Sec signal peptides. In particular, Tat
signal peptide hydrophobic stretches are less hydrophobic
and their highly charged regions are longer than the cor-
responding regions of Sec signal peptides [28]. Future in
vivo analyses of predicted archaeal Sec lipoproteins may help
clarify the diversity of archaeal lipoproteins and may also
allow the development of an archaeal Sec lipoprotein predic-
tion program, analogous to TatLipo. Moreover, considering
the fact that Gram-negative and Gram-positive bacterial Tat
substrates that contain lipoboxes have also been identified,
programs that will specifically determine the presence of
lipoboxes in bacterial Tat substrate signal peptides will also
be invaluable. TatLipo provides a solid foundation for the
development of such a program.
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and biochemical analysis of the twin-arginine translocation
pathway in halophilic archaea,” Journal of Bacteriology, vol.
187, no. 23, pp. 8104–8113, 2005.

[23] N. Hulo, A. Bairoch, V. Bulliard et al., “The 20 years of
PROSITE,” Nucleic Acids Research, vol. 36, no. 1, pp. D245–
D249, 2008.

[24] A. S. Juncker, H. Willenbrock, G. Von Heijne, S. Brunak,
H. Nielsen, and A. Krogh, “Prediction of lipoprotein signal
peptides in Gram-negative bacteria,” Protein Science, vol. 12,
no. 8, pp. 1652–1662, 2003.

[25] P. G. Bagos, K. D. Tsirigos, T. D. Liakopoulos, and S. J.
Hamodrakas, “Prediction of lipoprotein signal peptides in
Gram-positive bacteria with a Hidden Markov Model,” Journal
of Proteome Research, vol. 7, no. 12, pp. 5082–5093, 2008.
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Although archaea have a similar cellular organization as other prokaryotes, the lipid composition of their membranes and their
cell surface is unique. Here we discuss recent developments in our understanding of the archaeal protein secretion mechanisms,
the assembly of macromolecular cell surface structures, and the release of S-layer-coated vesicles from the archaeal membrane.

1. The Archaeal Cell Envelope

The ability of many archaea to endure extreme conditions
in hostile environments intrigues researchers to study the
molecular mechanisms and specific adaptations involved.
Very early, it was realized that the structure of the archaeal
cell envelope differs substantially from that of bacteria [1].
With the only exception of Ignicoccus which exhibits an outer
membrane enclosing a huge periplasmic space [2], known
archaea possess only a single membrane. This cytoplasmic
membrane is enclosed by an S-layer, a two-dimensional
protein crystal that fully covers the cells (see review Jarrell
et al. in this issue). In contrast to bacterial ester lipids,
archaeal lipids consist of repeating isoprenyl groups linked
to a glycerol backbone through an ether linkage [3, 4].
These lipids typically form diether bilayer membranes sim-
ilar to membranes of eukarya and bacteria. Hyperthermo-
acidophiles contain tetraether lipids that consist of C40

isoprenoid acyl chains that span the membrane entirely
forming a monolayer membrane [5]. These membranes are
extremely proton impermeable and enable these organisms
to survive under conditions that the extracellular pH is up to
4 units below that of the cytoplasm [6]. Another peculiarity
is that most of the extracellular proteins of archaea are
glycosylated via N- and O-glycosylation. Finally, Archaea
do not produce any murein, and only some methanogenic
species are known to produce pseudomurein [7].

As the archaeal cell surface is so different from that of
bacteria and eukarya, unique mechanisms must exist to form
and shape it. Until recently most of our knowledge of protein
secretion and on the assembly of the cell surface components
in archaea was obtained by comparative genomic studies.
However, in recent years tremendous progress has been made
in our understanding of the assembly and function of cell
surface structures and both the structural and functional
basis of protein translocation across the archaeal membrane.
Here we will discuss these topics with an emphasis on the cell
surface structures.

2. Protein Secretion

2.1. Transport of Unfolded Proteins Across the Cytoplasmic
Membrane. The ability to transport proteins across mem-
branes is vital for cell viability. In general, the systems
found in archaea that mediate protein transport across the
cytoplasmic membrane are similar to those of bacteria. In
archaea most proteins are secreted across the cytoplasmic
membrane by the general secretion (Sec) or Twin arginine
translocase (Tat) route (see Figure 1). The Sec pathway
consists of a universally conserved translocation complex
embedded in the membrane, which is termed SecYEG in
bacteria and Sec61p in the endoplasmic reticulum (ER)
of eukaryotes. The Sec system handles the transport of
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unfolded proteins but is also required for the integration
of membrane proteins into the cytoplasmic membrane [8].
In bacteria, the SecYEG complex either associates with the
ribosome for cotranslational membrane protein insertion or
with the motor protein SecA, to catalyze posttranslational
protein translocation. In the ER, Sec61p associates with
the ribosome for co-translational protein translocation and
membrane protein insertion and Sec61p associates with
the Sec63p complex and the ER luminal chaperone BiP
for post-translational protein translocation. The core of the
protein-conducting channel is composed of two essential
components, SecY and SecE in bacteria and Sec61α and
Sec61γ in eukaryotes [9]. Both proteins are found in all
archaea but the third, nonessential component, that is, SecG
in bacteria or Sec61β in eukaryotes, was identified only after
extensive bioinformatic analyses [10, 11]. In this respect, the
archaeal SecG homolog is more related to the eukaryotic
Sec61β than to the bacterial SecG. Therefore, the archaeal
translocon is often referred to as the SecYEβ complex [12].
The exact composition of the minimal protein translocase
of Archaea has, however, remained unclear. Archaea lack a
homolog of the bacterial SecA motor protein, a protein that is
well conserved among bacteria and the chloroplast thylakoid
[8]. Likewise, Archaea also do not contain homologs of the
eukaryal Sec63p complex, but they do contain DnaK (or
Hsp70) chaperones homologous to BiP. These chaperones
fulfill general functions in protein folding but in analogy
with the ER, a BiP homolog involved in protein transloca-
tion would need to be extracellular. However, no archaeal
Hsp70 homolog has been detected extracellularly and of
course the energy source ATP would be absent. Therefore,
it is generally assumed that protein translocation is co-
translationally coupled to chain elongation at the ribosome
[13]. However, in the euryarchaeon Haloferax volcanii, it was
noted that some proteins are present as fully synthesized
signal peptide bearing precursors in the cytoplasm before
they are secreted. Based on this finding, it has been proposed
that post-translational protein secretion also exists in archaea
[14]. Interestingly, euyarchaeota contain a homolog of the
bacterial SecDF protein complex [15], whereas this protein
is absent from crenarchaeota. The exact role of SecDF is
unknown, but it has been implicated in the proton motive
force-dependent release of translocated proteins from the
periplasmic face of the membrane. SecDF is not essential for
translocation per se, but it enhances the rate of translocation.
Other suggested roles of SecDF are that it may act on the SecA
ATPase catalytic cycle but since SecA is absent from archaea
such a role seems unlikely.

The structural analysis of the Methanocaldococcus jan-
nashii SecYEβ heterotrimer [12] has provided important
insights in how this channel may function in protein
translocation. The main subunit SecY consists of two halves
with an internal pseudo-twofold symmetry. These two halves
comprise transmembrane segments (TMSs) 1–5 and 6–
10, respectively, and are connected by a hinge region. In
this organization, the channel resembles a clamshell that
encompasses a central hourglass-shaped pore with a narrow
constriction ring in the middle of the membrane. This ring is
lined by hydrophobic amino acid residues and is proposed to
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Figure 1: Model of the archaeal cell envelope showing different
characterized secretion pathways. Proteins synthesized at the ribo-
some can follow several routes to the exterior of the cell. During co-
translational translocation, the ribosome-nascent chain complex is
targeted to the SecYEβ complex by the signal recognition particle.
At the SecYEβ complex protein synthesis and translocation across
the cytoplasm membrane occurs simultaneously. In the case of
a preprotein with a class I signal peptide, the signal peptide is
removed during translocation and the protein is released and folds
at the external face of the membrane. Class III signal peptide
containing proteins translocated via the SecYEβ complex are pro-
cessed by PibD and subsequently assembled into a flagellum, pilus,
bindosome or so far unknown cell surface structures. Alternatively,
folded proteins are transported across the cytoplasmic membrane
via the Twin arginine translocase pathway.

prevent leakage of ions in the “closed” state. SecE embraces
the SecY clamshell at the hinge side in a V-shaped manner.
The third subunit, Sec61β is peripherally associated with
the SecYE complex. The pore-like opening in the center
is obstructed by a plug-like domain also termed TMS 2a
that resides at the periplasmic side of the constriction ring.
Thereby, it closes the pore on the extracellular face of the
membrane. In the clamshell organization of SecY, the two
halves contact each other via TMS 2, TMS 7, and TMS
8. The opening between TMS2 and TMS7/8 is termed the
lateral gate and localizes at the front of the SecY pore.
When opened, it may provide an exit path for hydrophobic
polypeptide segments to enter the membrane. The lateral
gate also fulfills an important role in the channel opening
mechanism during protein translocation [16]. It is believed
that insertion of the signal sequence into the lateral gate
region results in a widening of the central constriction and
an opening of the channel. This in turn will destabilize the
plug domain that once released from the extracellular funnel
will vacate a central aqueous path for polar polypeptides to
cross the membrane. Because of the high conservation of the
core subunits of the translocon, the proposed mechanism
of channel opening is likely conserved in all domains of life
[8]. In this respect, it is remarkable that the structural work
with the archaeal SecYEβ complex has been instrumental to
define a unifying mechanism of protein translocation despite
the fact that the exact details of this process have not been
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resolved in archaea as so far no in vitro translocation system
has been established.

2.2. Transport of Folded Proteins Across the Cytoplasmic
Membrane. The Tat pathway mediates the transport of
protein in their folded state. This in particular, but not
only, concerns cofactor containing proteins that fold and
assemble in the cytoplasm. Typically, the bacterial Tat-
pathway consists of three integral membrane proteins, TatA,
TatB, and TatC. In archaea and in most Gram-positive
bacteria, the Tat complex consists of only two components,
TatA and TatC, whereas the third component TatB is missing
[11]. In current models, TatBC is involved in the initial
recruitment of a substrate while TatA, probably in concert
with TatC, forms the pore through which the folded protein
is transported across the membrane [17]. In most bacteria
and archaea, the number of Tat substrates is relatively
small as compared to the number of substrates that are
translocated by the Sec pathway. However, in halophilic
archaea the Tat pathway is the predominant route for protein
secretion [18]. This requirement for the Tat-pathway is
thought to be an adaptation to the high-salt environment
that may interfere with protein folding inside of the cell.
However, the halophilic bacterium Salinibacter ruber mostly
secretes proteins via the Sec route [19] suggesting that the
requirement for Tat is not an adaptation to high salt per se.
Another unique feature of the Tat pathway in haloarchaea
is that translocation is driven by the sodium motive force
whereas in many other microorganisms, the proton motive
force is used as a driving force [20]. It should be noted that
in the bacterium Streptomyces coelicolor, many of the proteins
that are typically secreted by the Sec-pathway utilize the Tat
pathway instead [21].

Proteins are routed to either the Sec or Tat pathway by
an N-terminal signal peptide that upon secretion is removed
by a signal peptidase. The basic tripartite organization of
the signal peptides utilized by these two pathways is very
similar. The Sec and Tat signal peptides have a three-domain
structure: a positively charged amino-terminal n-domain, a
central hydrophobic h-domain, and a polar c-domain which
contains a cleavage site for the signal peptidase [22]. Apart
from the presence of a pair of arginines in a SRRXFLK
(X = any amino acid) motif in the N-region of Tat signal
peptides [23], there is no sequence homology in the other
regions. The signal peptides of the three domains of life are
functionally interchangeable [24]. Remarkably, about 60%
of the Tat signal sequences in Escherichia coli are able to
route proteins to the Sec translocation machinery as well
[23]. In this respect, unfolded proteins are rejected by the
Tat pathway [25], although some other studies suggest that
the Tat pathway can handle intrinsically unfolded proteins
[26].

2.3. Transport Across the Outer Envelope. The most outer
border of the archaeal cell is usually a layer of crystalline
protein, that is, the surface (S-) layer. The S-layer contains
pore-like openings that have suggested to allow free passage
of nutrients and other small molecules [1]. However, little is

known on how proteins cross this barrier during secretion.
Protein secretion across the outer envelope, the outer mem-
brane, has been studied in great detail in didermic bacteria.
A total of seven different systems have been recognized
in these organisms and the protein secretion processes
associated with these systems are termed type I-VII secretion.
Archaea share components of some of these systems, but
since types III, V, VI, and VII secretion seem to be absent
from archaeal genomes, these will not be further discussed
here.

Type I secretion involves an ATP-binding cassette (ABC)
transporter that via a cytoplasmic membrane bound fusion
(or adaptor) protein (MFP) associates with an outer mem-
brane pore [27]. These systems secrete proteins directly
from the cytoplasm to the exterior of the cell. ABC type
transporters are relatively abundant in archaea but most
are involved in substrate uptake [11]. It is not clear if
type I secretion exists in archaea. However, no homologues
have been identified of the membrane fusion proteins and
porin proteins are absent because of the lack of an outer
membrane. Proteomic studies in thermophilic crenarchaea
show that a significant portion of the exoproteomes concerns
proteins devoid of signal sequences. For instance, in the ther-
moacidophile Sulfolobus solfataricus secretion of a superoxide
dismutase has been reported [28], but the gene encoding
this protein does not specify a signal sequence and thus it
remains unknown how this protein is released from the cells.
Therefore, it remains to be established whether the presence
of signal sequenceless proteins in the external medium is the
result of a specific protein secretion process or cell lysis [29–
31].

Type II secretion systems of didermic bacteria consist of
12 to 16 proteins that assemble into a secretion apparatus
that spans both the cytoplasmic and outer membrane. The
genes coding for the secretion system are often arranged into
a large operon. With type II secretion, substrate proteins
are first translocated to the periplasm by either the Sec-
or Tat pathway [32, 33]. These proteins fold into their
native state in the periplasm and may even assemble into
multisubunit protein complexes. Next, these folded proteins
are translocated across the OM through a large pore termed
the secretin. The targeting of proteins to the secretin is poorly
understood. For example, Pseudomonas aeruginosa secretes
various proteins, such as a lipase, an elastase, and exotoxin
A, via its type II secretion systems but these substrates share
no common recognition motif and it is generally believed
that the secretin recognizes structural folds rather than
amino acid sequences [32]. Transport through the secretin
is believed to involve a pseudopilus, a short filament that
assembles from subunits at the cytoplasmic membrane. It has
been proposed that the pseudopilus acts as a kind of piston
to push substrates through the secretin across the outer
membrane [32]. Although archaea do not possess an outer
membrane, their flagella and pili assembly systems contain
subunits reminiscent to proteins in the type II secretion
systems of bacteria and will be discussed in more detail
below.

Type IV secretion systems are involved in the transport
of effector proteins and of DNA, but are considered to be
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primarily protein exporters that secrete DNA through its
attachment to a secreted protein [34]. Very recently the
structure of the type IV secretion channel was solved. This
structure that contains 4 different subunits spans the entire
periplasmic space and resides in the cytoplasmic and outer
membrane [35]. Conjugative plasmids containing some
subunits of type IV secretion systems have been identified
in crenarchaea only [36–39]. In these homologs of the
cytoplasmic ATPase VirB4, the polytopic membrane protein
VirB6 and the coupling protein VirD4 were identified,
but these are significantly different than their bacterial
counterparts. No details are known about their involve-
ment in conjugative transfer of DNA in archaea. In the
euryarchaeote Haloferax volcanii, it was reported that bidi-
rectional chromosomal DNA transfer occurred during con-
jugation, and large structures (2 μm long and 0.1 μm wide)
bridging cells were postulated to mediate DNA transfer [40].
However, the system mediating this transfer has not been
identified.

Yet another well-studied system in bacteria is the assem-
bly machinery of type IV pili that are involved in a multitude
of functions such as surface adhesion, cell-cell contact,
autoaggregation, twitching motility, and DNA uptake [41].
Type IV pilins contain the so-called class III signal peptides
that prior to the pilus assembly reaction are processed by
PilD, a processing peptidase that also methylates the N-
terminal phenylalanine of the mature pilin [42]. Up to 15
proteins are involved in the correct assembly of the pilins
into the pilus structure, but the driving force for its assembly
is provided by the cytoplasmic ATPase PilB. This process is
antagonized by the action of the ATPase PilT causing the
disassembly of the pilus. Interestingly, the archaeal flagellum
biogenesis apparatus resembles a simplified type IV assembly
machinery and different archaeal surface structures have
been identified which belong to the same class [43] (more
details will be discussed in the section about archaeal surface
structures).

All type II/IV secretion and type IV pili assembly systems
contain a cytosolic ATPase that functions as a motor to
drive secretion or assembly. Because of the similarity, these
ATPases likely function by similar mechanisms and are
evolutionary related [44]. Secretion ATPases assemble into
a hexameric ring. The structure of the secretion ATPase
GspE2 of A. fulgidus shows that the N-terminal domain
alternates between a standing and laying down position,
and it has been suggested that this process is driven by
ATP and needed to deliver a piston-like movement that
would drive the movement (or assembly) of a pilus [45].
The relative shift of the N-terminal domain is 10 Å which
fits to the required movement of 10.5 Å for pilus assembly
[45]. The genomes of most archaea contain genes specifying
several type II/IV secretion ATPases [45]. These are often
arranged in an operon together with genes encoding pilin-
like proteins and a membrane protein. Therefore, it appears
that the archaeal assembly systems are of a lower complexity
than their didermic bacterial counterparts, at least lacking
the outer membrane protein components. In this respect,
they are more similar to those observed in monodermic
bacteria.

3. Signal Peptides and Secretomes

Three different classes of signal peptides which are processed
by their own designated signal peptidase have been recog-
nized [46]. Class I signal peptides are cleaved at the C-
domain by type I signal peptidases. Proteins containing class
I signal peptides are typically released as soluble proteins or
are, if they contain a C-terminal transmembrane helix, C-
terminally embedded in the membrane [47]. Class II signal
peptides are exclusively found in lipoproteins. Characteristic
of class II signal peptides is a conserved cysteine that is
present at the cleavage site. After cleavage of the signal
peptide, the cysteine forms the N-terminal residue of the
mature protein where it serves as a lipid attachment site
to anchor the protein to the membrane [48]. In bacteria,
several steps are involved in processing of the class II
signal peptide. First, a diacylglyceryl group is attached to
the cysteine. This reaction is catalyzed by prolipoprotein
diacylglyceryl transferase. After this modification the signal
peptide is cleaved by the type II signal peptidase. The final
step, that is, the attachment of a lipid, is then executed by
an apolipoprotein N-acyltransferase. Peculiarly, none of the
proteins involved in processing of class II signal peptides
have been identified in archaea, despite the presence of
functional class II signal peptides [49]. In archaea, Sec
and Tat signal peptides can be found in both class I or
class II signal peptides [46, 48]. Class III signal sequences
are processed at the N-domain by a specific membrane-
integrated peptidase that eliminates the positively charged
amino acids, thus, leaving the H-domain of signal peptide
attached to the protein. This processing event occurs at the
inner face of the cytosolic membrane, and because of the
removal of the positive charges the translocation block is
removed allowing the subsequent translocation of the pilin
subunit for downstream assembly. The latter involves the H-
domain that functions as an assembly scaffold to support
the formation of a pilus or pseudopilus on the outside of
the cell [41, 42]. In archaea, the best example of a class III
signal peptide bearing substrate is flagellin, the subunit of
the archaeal flagellum that is used for motility. The class III
signal peptides are processed by a specialized peptidase, that
is, the preflagellin peptidase that utilizes the same catalytic
mechanism as the bacterial prepilin peptidases [50, 51].
However, in archaea, class III signal peptides are not only
confined to flagellins, pilins, and/or pseudopilins but are also
found in a variety of other extracellular proteins such as
substrate-binding proteins or proteases [52].

The signal peptide plays a decisive role in initiating
the secretion process. In co-translational protein secretion,
the protein synthesizing ribosome is brought to the trans-
port machinery by a protein-RNA complex called Signal
Recognition Particle (SRP). The SRP binds to the signal
peptide of the protein being synthesized and to the ribosome.
The ribosome-SRP complex interacts with a membrane-
associated SRP receptor and upon entry of the signal peptide
into the Sec translocon the SRP and SRP receptor are released
[53]. In eukaryotes, the SRP contains six proteins together
with a 300 nucleotide RNA molecule, whereas the bacterial
version is much simpler as it consists of one protein, Ffh,
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and a 113 nucleotide RNA molecule. The archaeal SRP is
similar to the eukaryote SRP albeit much smaller. It consists
of two essential components; the SRP54 protein and a∼
300-nucleotide-long RNA molecule and the nonessential
accessory protein SRP19 [54]. The archaeal SRP receptor is
more similar to the bacterial SRP receptor FtsY than to the
eukaryotic SRP receptor that consists of two subunits, SRα
and SRβ [55].

3.1. The Secretome. Current knowledge of protein secretion
and the advancement of proteomics led researchers to define
the secretome [56] which is the collection of proteins that
is secreted by the cell. Essentially, these are the proteins that
contain a signal peptide and that are actively transported
across the cytoplasmic membrane, but proteomic studies
have also identified sets of secreted proteins that do not
contain an identifiable signal peptide but still can be
regarded as secreted. In principle any program able to
detect the presence of signal peptides can be used to create
an in silico secretome. For example, PSORTb predicts the
cellular localization of a protein and SignalP predicts the
likelihood that a protein contains a signal peptide [57, 58].
By means of these prediction programs, various in silico
secretomes of archaea have been drafted [30, 46, 59–61].
These vary from 1.2 up to 19% of the total proteome
depending on the specific program, stringency of criteria,
and the archaeal species analyzed. Of special interest are
the programs PRED-SIGNAL and Flafind [52, 62]. PRED-
SIGNAL has been designed exclusively for the prediction of
archaeal signal peptides, while it also distinguishes between
signal peptides and amino-terminal transmembrane helices.
Analysis of 48 archaeal genomes by PRED-SIGNAL predicts
that 5%–14% of the proteome specifies signal peptide-
containing proteins, while no significant differences between
crenarchaea and euryarchaea were found [62]. The program
Flafind recognizes class III signal peptides, which in archaea
are believed to be particularly important for the biogenesis of
cell surface appendages. Flafind indicated the presence of 308
class III signal peptide-bearing proteins amongst 22 archaeal
proteomes [52]. The majority of the Flafind positives are
hypothetical proteins that are associated with pilus assembly
systems.

A critical issue is the experimental validation of the in
silico secretomes. In the supernatant of the psychrophile
Methanococcoides burtonii only 7 signal peptide-containing
proteins have been identified [47]. In a later study, this
number was increased to 16 proteins by applying a whole
proteome analysis [63]. In S. solfataricus, attempts to cover
the whole proteome resulted in the identification of 32
proteins exclusively present in the supernatant [31]. When
an inventory was made of supernatant proteomes and cell
surface subproteomes of three Sulfolobus species, a total of
64 proteins was reported [29]. In these Sulfolobus species,
cell surface proteins dominated the supernatant proteome
suggesting that actual secretion is a rare event and that the
majority of the secreted proteins originate from cell surface
released proteins. This notion was further strengthened
by the observation that an extracellular α-amylase mostly
resides at the cell surface [29]. Similar observations were

made in the crenarchaeon Aeropyrum pernix in which 107
proteins were identified from both the cell surface and
the supernatant [30]. The proteomic studies demonstrate
that there are significant differences between predicted and
experimental secretomes. For example, proteins devoid of
an identifiable signal peptide are not predicted by the in
silico methods but appear in large numbers extracellularly.
An important source of proteins without signal peptides
are those associated with extracellular membrane vesicles
that appear to result from a specific secretion phenomenon
(discussed below). It has been suggested that cytosolic
proteins are secreted via yet unknown secretion systems
[30], but this phenomenon appears general in proteomic
studies in both bacteria and archaea and often concerns
different proteins. Overall, these cytosolic proteins may be
highly resistant against proteolysis and, therefore, show a
long retention time in the external medium after cell lysis.
None of the proteomic studies has achieved a full coverage of
the in silico secretome. The latter is due to various limitations
in the analysis. Often only one growth condition is used, and
thus only a subset of proteins is expressed. Also, the methods
are not optimized for the isolation of the extracellular cell
surface associated proteins, and only those are observed
that are released. By isolating the glycosylated cell surface
proteins using lectin columns [29, 64], the set of identified
extracellular proteins may be significantly expanded.

4. Membrane Vesicles as
a Novel Secretion Vehicle

A rather unusual and poorly understood protein secretion
mechanism is the release of proteins packaged into small
membrane vesicles that emerge from the cell surface. Many
didermic bacteria are known to release outer membrane
vesicles from their surface [65], but this process also
seems to occur in archaea where the membrane vesicles
are coated with S-layer proteins. In a screen for viruses
amongst the euryarchaeal order of Thermococcales it was
discovered that most of the strains tested released small
spherical vesicles [66]. These vesicles do not resemble viruses
and often have genomic DNA associated to their surface
[66]. Membrane vesicle release has been reported for many
different archaea, such as the thermophilic euryarchaeon
Aciduliprofundum boonei isolated from hydrothermal deep-
sea vents [67], and various crenarchaeota, in particular
Sulfolobus [68, 69]. With S. islandicus [70] and S. tokodaii
[68] (Ellen et al, unpublished), the membrane vesicles
appear to contain an antimicrobial protein(s) that inhibits
the growth of related Sulfolobus species. The antimicrobial
activity involves a proteinaceous component, but its identity
has not yet been elucidated. Overall, it seems that in S.
tokodaii, the antimicrobial protein(s) is specifically sorted
to the membrane vesicles, but it is unknown if membrane
vesicle formation is mechanistically linked to the secretion of
the antimicrobial protein factors. Also Ignicoccus species are
vigorous producers of membrane vesicles. These organisms
lack a cell wall and instead contain an outer membrane-
like structure. Electron microscopic investigations indicate
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Figure 2: Model for vesicle budding in crenarchaea. Archaeal
homologues of eukaryote ESCRT-III subunits are in equilibrium
between a freely diffusible state in the cytoplasm and a membrane-
bound state (1). If the equilibrium shifts towards the membrane
associated state a heterocomplex (2) of different ESCRT-III subunits
is formed leading to the creation of an outwardly growing bud
that is covered by S-layer protein. Recruitment of the last group of
ECRT-III subunits (3) creates the “neck” through which the bud is
attached to the cytoplasmic membrane just before the membrane
vesicle is pinched off and released into the medium.

that membrane vesicles are released from the cytoplasmic
membrane and released in the spacious periplasmic space
[2]. It has been suggested that these vesicles fuse with the
outer membrane and that they are either part of a specific
secretion system or involved in the biogenesis of the outer
membrane.

To date, only for the Sulfolobus derived vesicles a
proteomic analysis has been performed. The protein com-
position of these membrane vesicles is markedly different
from that of the cytoplasmic membrane [68] suggesting that
they may emerge from a specific release event. However,
the vesicles do not seem to contain a specific cargo that
would point to a specific role, except for the presence of
archaeal homologues of the eukaryotic endosomal sorting
complex required for transport-I (ESCRT) proteins [68].
This has led to the hypothesis that the membrane vesicles
emerge from the cytoplasmic membrane through an outward
budding event similar to the inward budding of vesicles in
the endosomal compartment of eukaryotes (see Figure 2).
The Sulfolobus vesicles vary in size from 50 to 200 nm and
are surrounded by a S-layer, as verified by proteomic analysis
and electron diffraction [70]. The presence of the S-layer coat
indicates that the membrane vesicles are pushed through the
cell envelope, which would be consistent with an assumed
flexibility of the S-layer. The ESCRT-III proteins have also
been implicated in cell division [71], and another possibility
would be that the membrane vesicles are remnants of the
cellular constriction and released during the cell division
processes. Intriguingly, ESCRT-III proteins are not present in
euryarchaea, although membrane vesicle formation has also
been observed in these archaea.

The release of membrane vesicles appears a general
feature observed in all three domains of life. In this respect,
despite the presence of a cell wall, membrane vesicle release
has also been reported for monodermic bacteria and fungi
[72, 73]. In didermic bacteria, release of outer membrane
vesicles is commonly observed feature and some indirect

genetic evidence suggests that this is an essential process [74].
The protein composition of the outer membrane vesicles (or
blebs) differs significantly from that of the outer membrane,
suggesting that proteins are specifically sorted to the vesicles
[75]. The exact function of membrane vesicle release has
remained obscure as they have been implicated in a variety of
processes. The membrane vesicles may function as a protein
secretion system to provide a protected environment for the
cargo. For instance, in E. coli α-haemolysin is secreted via
a type I secretion system. However, the majority of the α-
haemolysin remains tightly associated with outer membrane
vesicles that also contain TolC, the outer membrane porin
associated with the haemolysin type I secretion system. This
suggests a link between the secretion of a membrane active
toxin and membrane vesicle formation [76]. Membrane
vesicle release may be a stress phenomenon providing a
means to get rid of excess membrane material. In many cases,
DNA seems to be associated with the membrane vesicles.
For Thermococcales, it has been suggested that the associated
DNA is not specifically packaged into the membrane vesicles
but rather associates with the membrane vesicles after their
release into the medium [66]. The DNA may originate from
lysed cells, and because of the membrane association, it
may become resistant to nuclease activity and, thus, show
a greater persistence. Finally, membrane vesicle release may
provide a means to secrete insoluble hydrophobic substances
that partition into the lipid membrane. For example, many
microorganisms produce quorum-sensing molecules with
hydrophobic acyl chains of varying lengths. In Pseudomonas
aeruginosa such quorum-sensing molecules are packaged
into outer membrane vesicles [77]. The release of membrane
vesicles could also serve to restore cellular imbalances caused
by aggregates of denatured proteins as suggested for E. coli
[78]. Future studies should reveal the exact function of the
secreted membrane vesicles in archaea and provide clues on
their mechanism of biogenesis.

5. Assembly of Archaeal Surface Structures

5.1. Archaeal Flagella: Structure and Function. Archaeal
flagella have been studied at the genetic, structural, and
functional level for several archaeal strains. Early obser-
vations of these pili-like filaments by electron microscopy
led to the suggestion that they are functionally analogous
of bacterial flagella performing similar tasks in swimming
motility and biofilm formation. Cell motility by flagella has
been demonstrated for the archaea Halobacterium salinarum,
M. voltae, S. acidocaldarius and S. solfataricus [79–83]. In H.
salinarum, the bidirectional rotation of the flagellum creates
a motion to forward or reverse direction by instant switching
of the flagellum rotation which appears to be similar to
the rotation of bacterial flagellum [82]. Such a rotational
motion has not yet been observed for other archaeal flagella.
The flagella are also essential for surface attachment and
colonization as demonstrated for Pyroccocus furiosus and S.
solfataricus [84–86].

The subunit composition, structure, and assembly mech-
anism of the archaeal flagellum is very different from that of
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the bacterial flagellum [87, 88]. The archaeal flagellum has
a right-handed helical subunit packaging with a diameter
of approximate 10–14 nm which is much thinner than
the bacterial flagellum [80, 89]. Only in few cases thicker
filaments were found depending on the flagellins assembled
[90]. The archaeal flagellum is not hollow and the inner space
is most probably formed by coiled-coil interaction of the N-
terminal hydrophobic domains of the flagellins similar to
the assembled type IV pilus [91]. Moreover, recent studies
suggest that the energy required for the rotation of the H.
salinarum flagellum is directly gained from ATP hydrolysis
and not from the proton motive force. Therefore, the mecha-
nism of the H. salinarum flagellum rotation is fundamentally
different from that of the bacterial system [92]. The archaeal
flagellum is encoded by the fla operon, a single locus of 8–
10 genes present in many Crenarchaeota and Euryarchaeota.
The overall composition of the fla-operon shares homology
with bacterial type-IV pili assembly, type II and type IV
secretion systems [52, 80, 93–96]. Flagellins are the subunits
of the flagellum and contain a class III signal peptide that
is necessary for their membrane insertion and assembly into
the flagellum. Processing involves the membrane peptidase
FlaK (or PibD) [51, 97], and these enzymes are homologous
to the bacterial PilD but do not catalyze the N-methylation
of the newly formed N-terminus of the flagellin subunit. The
H-domain likely folds into an extended hydrophobic α-helix
that participates in coiled-coil interactions between subunits
within the inner core of the flagellum. Reconstruction studies
of the H. salinarum and S. shibatae flagella suggests that the
H-domains constitute a central hydrophobic core similar to
that of type-IV pili, but there is no direct evidence for a
structural role of the H-domain [98, 99].

Archaeal flagella differ in the number of the structural
subunits, the flagellins. The fla operon of M. voltae contains
4 structural flagellin genes: flaA, flaB1, flaB2, and flaB3
[100]. FlaB1 and FlaB2 are the major components of the
flagellum and the deletion of their corresponding genes
results in flagellum deficiency. FlaA is distributed throughout
the flagellum as a minor component and deletion of flaA
results in flagellated but less motile mutants [81]. FlaB3 is
localized proximal to the cell surface forming a curved shape
structure with similarity to the bacterial hook structure.
Deletion of flaB3 resulted in flagellated and motile mutants
[101]. The similarity between this suggestive archaeal hook
structure and the hook domain of bacterial flagella may
indicate that a similar torque-driven motion is generated
by the M. voltae flagellum. However, the mechanism of M.
voltae motility is unknown and the role of the archaeal hook
in rotation of the flagellum has not been demonstrated. In
H. salinarum, five fla genes in two loci (flaA1, flaA2 and
flaB1, flaB2, flaB3) encode flagellum subunits [102–104].
The flaA1 and flaA2 genes encode the major components
of the flagellum. The flagellum of H. salinarum does have
a bi-directional rotation mechanism which drives the cells
forward and backwards [82].

Possibly, the central core complex encoded by the fla-
operon is only involved in assembly of the flagellum much
akin that of bacterial type IV pilins, while another as
yet unknown system functions as the rotating motor. The

Sulfolobales fla operon contains only one structural flagellin
gene, FlaB [80, 105]. In P. furiosus, FlaB1 is the main
component of the flagellum, but the fla operon contains
a second flagellin subunit (FlaB2) with unknown function
[84]. FlaI is homologous to the bacterial type IV pili assembly
and type II secretion ATPases, PilB and GspE, respectively.
This further suggests a conserved mechanism for assembly
of the archaeal flagellum and bacterial type IV pili assem-
bly/type II secretion systems [89, 94–96]. ATPase activity
was demonstrated for S. solfataricus and S. acidocaldarius
FlaI proteins expressed and purified after overexpression in
E. coli [94, 106]. So far, FlaI is the only identified ATPase
component of the flagellum core complex and although its
role in flagellation has been demonstrated with the deletion
of the flaI gene, it remains unclear if FlaI is also involved in
energizing the motility of the cell. FlaJ is the only known
integral membrane component of the flagellar assembly
system [79, 80, 101]. FlaJ proteins contain 9 transmembrane
segments and two large cytoplasmic domains of about 25
and 15 kDa, respectively. These polar domains are thought
to function as the interaction site for FlaI as shown for the
membrane anchoring proteins of bacterial type II secretion
systems. Structural analysis of the interacting domains of
EpsE and EpsN, the assembly ATPase and the membrane
protein of the toxin type II secretion system of the bacterium
Vibrio cholerae, indicated that hydrophobic interactions
and salt bridges are responsible for this interaction [107].
Alignment of archaeal FlaI/FlaJ with EpsE/EpsN suggests
that this interaction might be conserved in the archaeal type
IV pili assembly systems. The function of FlaJ in flagella
assembly has not been examined. Although the flagellum
of S. solfataricus is essential for motility on surfaces [80], a
rotational motion and a hook-like structure in the flagellum
filament remain to be demonstrated. Overall, the mechanism
for twitching motility by means of the archaeal flagellum is
poorly understood.

The function of the other components of the archaeal
flagellum assembly operon is unknown, however, in H.
salinarum, it was recently demonstrated that the flagella
accessory proteins FlaCE and FlaD interact via two newly
identified proteins with three different proteins from the
Che signaling cascade (CheY,CheD, and CheC2), providing
the link between the flagellum and the sensory apparatus
[108]. As Che proteins are lacking in crenarchaeotes also the
FlaCEDs are absent in the flagella operon implying a different
mechanism for how stimuli will be transduced into a change
of motility direction.

5.2. Novel Archaeal Surface Structures. Archaea exhibit a wide
variety of cell surface appendages with intriguing structures
and biological functions. These appear to be highly special-
ized due to the specific adaptation of the microorganisms to
their hostile habitats. The cannulae network of Pyrodictium
abyssi is an example of such a structure [109, 110].

P. abyssi has been isolated from hydrothermal marine
environments and its optimal growth temperatures range
from 80 up to 100◦C [111, 112]. The cannulae network
seems crucial for cell survival as it is highly abundant in
the cell colonies. Cannulae tubes have an outside diameter



8 Archaea

of 25 nm and they consist of at least three different, but
homologous, glycoprotein subunits with identical N-termini
but with different molecular masses (i.e., 20, 22, and 24 kDa).
These proteins are highly resistant to denaturing conditions
such as exposure to temperatures up to 140◦C. From
the three-dimensional reconstruction of the cannulae-cell
connections, it appears that cannulae enter the periplasmic
space but not the cytoplasm forming an intercellular con-
nection of the periplasmic spaces between cells [109]. These
connections are formed when cells divide whereupon the
cells stay connected through the growing cannulae [111].
The function of the cannulae network is still unclear. It
might act to anchor cells to each other or function as a
means of communication, mediate nutrients exchange, or
even transport of genetic material [87]. It is also not known
which system(s) is (are) involved in the assembly of the
cannulae network.

Another unusual archaeal cell surface appendage is
the “hamus” [87, 113]. This structure represents a novel
filamentous cell appendage of unexpectedly high complexity.
Archaeal cells bearing these structures are found in macro-
scopically visible string-of-pearls-like arrangements which
also entangle bacterial cells mainly Thiothrix (SM) or IMB1
proteobacterium (IM) that grow in cold (10◦C) sulfidic
springs [114]. The archaeal cells are coccoids of approxi-
mately 0.6 μm in diameter with about 100 filamentous hami
attached to each cell. Hami are 1 to 3 μm in length and
7 to 8 nm in diameter and have a helical structure with
three prickles (each 4 nm in diameter) emanating from
the filament at periodic distances of 46 nm. The end of
filament is formed by a tripartite, barbed grappling hamus-
like hook. The hamus is composed mainly of a 120-kDa
protein. However, the sequence of this protein is unknown.
They are stable over a broad temperature (0 to 70◦C) and
pH range (pH 0.5 to 11.5) and mediate strong cellular
adhesion to surfaces of different chemical compositions. It
is proposed that the hami function in surface attachment
and biofilm initiation, much like flagella and pili in bacterial
biofilm formation, but in addition provides a strong means
of anchoring.

A new pili type was recently isolated from Ignicoccus
hospitalis which are 14 nm in width and up to 20 μm in
lenth and constitute up to 5% of cellular protein. They are
composed mainly of protein Iho670, which has a class III
signal peptide [115]. As I. hospitalis has an outer membrane,
it would be expected that the pili assembly would be located
in the outer membrane instead of the inner membrane as in
all other known archaea.

S. solfataricus expresses UV-induced pili at its cell surface
[116]. This system is encoded by the ups operon and
present in all Sulfolobales genomes [94]. This operon is
strongly induced when S. solfataricus is exposed to UV light;
subsequently the cells assemble pili at their surface and form
large cellular aggregates. The Ups pili are much shorter than
the wave-shaped flagella of S. solfataricus and are relatively
thin with a diameter of 7 nm [80]. They show a right-handed
helical symmetry similar to the flagellum. Mutants lacking
the upsE gene that encodes a GspE-like ATPase are deficient
in pili formation and cell aggregation. UpsE shares strong

homology with FlaI and other assembly ATPases, and it likely
energizes the assembly of the Ups pili. The upsF gene encodes
the transmembrane protein of the assembly system and is
it highly homologous to FlaJ. Another gene in the operon
is upsX. UpsX shows no homology with any other protein
and its function is unknown. The ups operon contains two
genes that encode pilins, UpsA and UpsB. Both proteins
contain a class III signal peptide and are processed by the
general class III signal peptidase PibD. Overexpression of
UpsA in S. solfataricus results in the formation of unusual
long pili. Interestingly, the Ups pili are also essential for
surface adhesion of S. solfataricus [86]. The Ups system and
the flagellum can initiate the attachment of S. solfataricus to
different surfaces and recent studies on Sulfolobales biofilm
formation reveal the Ups system is essential for lateral biofilm
formation (Koerdt and Albers, unpublished).

Recent studies on the flagella and novel pili structures
promoted an initiative to map archaeal pili-like biogenesis
clusters through bioinformatics analysis of a large number of
sequenced archaeal genomes [52]. The FlaFind program was
developed to search for proteins containing class III signal
sequences, which therefore encode putative structural surface
proteins. This in silico analysis identified 388 putative class III
signal sequence-containing proteins in 22 archaeal genomes,
from which 102 proteins were annotated with a function: 44
flagellin subunits and 33 as substrate-binding proteins. Also
extra cellular proteases and redox proteins were among this
list. A total of 120 of these proteins were found connected to
operons similar to bacterial type IV pilus assembly systems
and type IV pilin signal peptidases. The FlaFind hits were
analyzed for short and highly conserved motifs. Also eight
additional SBP and 19 euryarchaeal proteins containing a
QXSXEXXXL motif with unknown function were identified.
In the DUF361 domain, the Q residue was at +1 from the
cleavage site. Several of these proteins were identified in
an operon together with a novel type IV signal peptidase
called EppA from euryarchaeal Methanococcus maripaudis.
Experiments showed that EppA specifically processes pro-
teins belonging to the DUF361 group. The cleavage was
tested by coexpressing a DUF361-containing protein with
FlaK and EppA. It is probable that the DUF361 proteins
are functionally and structurally different than the well-
known flagellin and pilin proteins due to the requirement of
a homologue but yet different type IV signal peptidase for
the cleavage of their signal peptide. Recently, the structure of
the M. maripaudis pilus has been resolved with cryo electron
microscopy and it revealed a novel structure assembled from
two subunit packaging [117]. A one-start helical symmetry
filament and a ring structure of 4 subunits were combined in
the same filament.

Another intriguing archaeal type IV pilus assembly sys-
tem is the bindosome assembly system (Bas) in S. solfataricus
which is involved in assembly of sugar-binding proteins into
the bindosome, a structure that is expected to be localized
close to the cytoplasmic membrane or integrated within the
S-layer [118]. The main evidence in support of the presence
of this hypothesized structure is that the proposed structural
components, the substrate-binding proteins (SBPs), contain
class III signal peptide sequences, a feature typical of proteins
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which are well known to form oligomeric structures in
both archaea and bacteria. The oligomerization of sugar-
binding proteins was studied after isolation of the sugar-
binding proteins from the membrane of S. solfataricus on size
exclusion chromatography (Zolghadr et al., unpublished).
Previous studies demonstrated that the precursors of the
sugar-binding proteins are processed by PibD, the archaeal
type IV signal peptidase [50, 97]. The sugar binding-protein
oligomer is proposed to play a role in facilitating sugar
uptake, a function that enables S. solfataricus to grow on a
broad variety of substrates.

The Bas system is unique and it has only been identified
in S. solfataricus. The bas operon contains five genes that are
organized into 2 smaller operons: the basEF genes encoding
the main components of the assembly system which are
homologues of FlaI/FlaJ of archaeal flagellum assembly
system and UpsE/F from the Ups system of Sulfolobus [94]. A
second set of genes encompasses basABC that encodes small
pili-like proteins with class III signal peptides. BasABC is
unique and has only been identified in S. solfataricus. Pre-
vious studies showed that they are constitutively expressed
but the electron microscopic investigations did not reveal any
pili structure assembled by BasABC. The uptake of glucose
was strongly inhibited in a basEF deletion mutant and,
concomitantly, growth on glucose was strongly impaired.
However, the deletion of basABC only moderately affected
the growth rate and sugar uptake. These results suggested
that the Bas system is a novel assembly system involved
in correct localization of sugar-binding proteins to the cell
envelope, which have a pilin signal peptide. BasEF forms the
core of the assembly machinery in the membrane while the
BasABC assists the assembly of the binding proteins by an as
yet unresolved mechanism.

6. Extracellular Polysaccharides

Bacteria secrete glycosylated proteins and exopolymer sub-
stances (EPSs) into the medium for the synthesis of extra-
cellular structures and biofilm. EPS formation, not to be
confused with protein glycosylation, is the assembly of
long sugar polymers from diverse monosaccharides such as
glucose, mannose, and fructose. The EPS is in most cases
produced as a capsule surrounding the cell and thereby
increasing the adhesion to surfaces or strengthening cell-cell
contacts in cell aggregates which leads to biofilm formation
[119–121]. Other roles of EPS within biofilms are mainly
to provide stability for the structures of the biofilm and
protection against different contaminants in media like heavy
metals and toxic organic compounds. EPS production is in
general increased when cells are exposed to contaminants.
EPS and biofilm formation by archaea is a new research area.
Using fluorescently conjugated lectins, it was demonstrated
that surface attached S. solfataricus cells produced EPS
containing a variety of different sugars (glucose, mannose,
galactose, and N-acetylglucosamine) [86]. Interestingly, the
extracellular network produced by PBL2025, a deletion strain
appeared different to the wild-type strain S. solfataricus P2
strain. PBL2025 lacking a set of 50 genes, which are by
BLAST-search analysis predicted to be involved in sugar

metabolism/catabolism and transport of solutes across the
cytoplasmic membrane. The disruption of these genes has
led to the overproduction of EPS and an analysis of the
expression pattern of these genes in P2 demonstrated that
they are upregulated during surface attachment of the
cells on mica [86], identifying the first genes involved in
modulation of secreted polysaccharides. Most of the secreted
archaeal proteins are glycosylated, a process that is described
in detail by Eichler and Jarrell in this issue.

7. Conclusions and Outlook

Electron microscopic investigations of cultured and uncul-
tivable archaea have revealed a remarkable variety of cell sur-
face associated appendages. In recent years, the development
of genetic systems for a number of model archaea now allows
for experimental investigations on the assembly and function
of these structures in at least some organisms. These studies
now rapidly increase our understanding on how the archaeal
cell surface is assembled. Various cell surface structures such
as pili and flagella have been identified and their roles in cell-
to-cell and cell-surface interactions start to be uncovered.
Interestingly, also secreted vesicles have been identified in
different archaeal species that contain a specific subset
of proteins implied in an eukaryotic-like vesicle budding
systems. This exemplifies the mosaic nature of archaea, which
in many cases employ simplified eukaryotic-like mechanisms
implying a similar evolutionary origin.
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[11] S.-V. Albers, Z. Szabó, and A. J. M. Driessen, “Protein
secretion in the Archaea: multiple paths towards a unique cell
surface,” Nature Reviews Microbiology, vol. 4, no. 7, pp. 537–
547, 2006.

[12] B. Van den Berg, W. M. Clemons Jr., I. Collinson et al., “X-ray
structure of a protein-conducting channel,” Nature, vol. 427,
no. 6969, pp. 36–44, 2004.

[13] G. Ring and J. Eichler, “Extreme secretion: protein translo-
cation across the archael plasma membrane,” Journal of
Bioenergetics and Biomembranes, vol. 36, no. 1, pp. 35–45,
2004.

[14] V. Irihimovitch and J. Eichler, “Post-translational secretion of
fusion proteins in the halophilic archaea Haloferax volcanii,”
The Journal of Biological Chemistry, vol. 278, no. 15, pp.
12881–12887, 2003.

[15] N. J. Hand, R. Klein, A. Laskewitz, and M. Pohlschröder,
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Many archaeal proteins undergo posttranslational modifications. S-layer proteins and flagellins have been used successfully to
study a variety of these modifications, including N-linked glycosylation, signal peptide removal and lipid modification. Use of
these well-characterized reporter proteins in the genetically tractable model organisms, Haloferax volcanii, Methanococcus voltae
and Methanococcus maripaludis, has allowed dissection of the pathways and characterization of many of the enzymes responsible
for these modifications. Such studies have identified archaeal-specific variations in signal peptidase activity not found in the other
domains of life, as well as the enzymes responsible for assembly and biosynthesis of novel N-linked glycans. In vitro assays for some
of these enzymes have already been developed. N-linked glycosylation is not essential for either Hfx. volcanii or the Methanococcus
species, an observation that allowed researchers to analyze the role played by glycosylation in the function of both S-layers and
flagellins, by generating mutants possessing these reporters with only partial attached glycans or lacking glycan altogether. In
future studies, it will be possible to consider questions related to the heterogeneity associated with given modifications, such as
differential or modulated glycosylation.

1. Introduction

Carl Woese initially defined the third form of life, the
Archaea, on the basis of the novel oligonucleotide signatures
of their small ribosomal subunit RNA [1–3]. Specifically, by
generating phylogenetic trees based on 16S rRNA sequences,
Woese clearly showed that Archaea formed a unique group,
distinct from Bacteria or Eukarya. However, early analysis
also revealed that this unusual group of microbes shared a
variety of other characteristics, most notably ether-linked
membrane lipids, a variety of unusual cell walls (none of
which contained murein), atypical DNA-dependent RNA
polymerases and later, their own variation of flagella [4, 5].
Indeed, cell wall composition was one of the very first
phenotypical traits of the Archaea considered that allowed
for differentiation from Bacteria [6] and was considered
in the early days of archaeal research to be “the only
useful phylogenetic criterion, other than direct molecular
phylogenetic measurement” to distinguish between the two
prokaryotic domains [7]. A common feature of many genera

of Archaea, found in representatives of all the major lineages,
is the presence of an outermost component of the cell
envelope termed the surface (S)-layer, comprising protein or
often glycoprotein subunits that form a regularly structured
array.

In addition to their distinctive cell walls, cell surface
structures of Archaea are also unusual [8]. While many, such
as cannulae [9] and hami [10] are unique to Archaea, even
the more commonly found flagella and pili are unlike their
bacterial namesakes [11, 12]. Archaeal flagella are the best-
studied of the archaeal appendages and are unusual in many
aspects, including the initial biosynthesis of the component
flagellins with N-terminal class III signal peptides that are
cleaved by a prepilin peptidase-like enzyme. As considered
below, these traits are all similar to those found in bacterial
type IV pili systems but absent in bacterial flagella systems.

Both S-layer proteins and flagellins are among the
most abundant proteins synthesized by the archaeal cell
and both can be isolated with relative ease in substantial
amounts for biochemical and structural studies. In Archaea,
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the majority of these proteins appear to be glycoproteins,
mainly containing N-linked glycans, yet sometimes also
containing glycans O-linked to threonine residues. In fact,
archaeal S-layer proteins, especially those from extreme
halophiles, served to identify a novel class of prokaryotic
glycoproteins [13–16]. More recently, S-layer proteins and
flagellins have been widely used as reporter proteins for
the study of a variety of posttranslational modifications
in Archaea [17–20], including both class I and class III
signal peptide removal, N- and O-glycosylation and lipid
modification. Despite these advances, it is only in a very
small number of Archaea, including Haloferax volcanii and
Methanococcus species, that genetic studies linking specific
genes to a particular posttranslational modification have
been performed.

2. The S-layer of Haloarchaea and
Methanoarchaea

Although found in numerous archaeal species, the S-layers
of haloarchaea remain the best studied. Indeed, the first
description of a S-layer in Archaea was reported in 1956
when electron microscopic examination of Halobacterium
halobium (salinarum) cells revealed a surface presenting
morphological units organized in a hexagonal pattern
[21]. Later examination of thin-sectioned haloarchaeal cells
revealed the presence of a 17 nm thick cell wall beyond the
plasma membrane [22–24]. Blaurock et al. [25] later relied
on X-ray diffraction to demonstrate a protein layer laying
beyond the haloarchaeal plasma membrane at a distance of
8 nm, with a periplasmic-like space being formed from mor-
phological subunits assuming an “inverted-parabola shape”.
Enzymatic iodination of Hbt. salinarum surface proteins,
together with proteolytic treatment, revealed this surface (S)-
layer to contain the S-layer glycoprotein [13]. Kessel et al.
[26] next proposed a three-dimensional reconstruction of
the Halobacterium (later renamed Haloferax) volcanii S-layer
glycoprotein and cell envelope after considering the primary
sequence of the Hbt. salinarum S-layer glycoprotein [14],
as well as the earlier X-ray diffraction data and electron
microscopic images of negatively stained cell envelopes. In
this model, based on reconstruction to a 2 nm resolution,
six S-layer glycoproteins form a 4.5 nm thick dome-shaped
pore, with the open center expanding as one approaches
the membrane. The deduced C-terminal transmembrane
domain of each S-layer glycoprotein is thought to anchor
the structure to the membrane, while an O-glycosylated
domain of the S-layer glycoprotein lying upstream of the
transmembrane domain is proposed to act as a spacer
unit, propping up the domed structure. While the forces
responsible for maintaining the integrity of such assemblies
remain unknown, divalent cations have been shown to be
important [13, 26]. Given the use of intact cells maintained
in their growth medium and the high degree of sample
preservation afforded by the rapid freezing, reconstruction
of the Hbt. salinarum S-layer through the use of electron
tomography offered a more realistic view of this structure
[27]. It was thus shown that the Hbt. salinarum cell envelope

assumes the same basic architecture as does the Hfx. volcanii
S-layer. Despite similarities in their S-layer architecture,
Hbt. salinarum and Hfx. volcanii cells assume very different
shapes, with the former appearing as rods and the latter as
indented disks, pointing to factors other than the S-layer as
affecting cell shape.

Like their halophilic counterparts, numerous metha-
noarchaeal species, such as members of the genus
Methanococcus, are also surrounded by a glycoprotein-based
S-layer [28]. For many methanogens, study of the S-layer
has been relatively limited to identification of the major
S-layer component, its response to glycoprotein staining
procedures and determination of the lattice symmetry by
electron microscopy [29–31]. In the case of M. voltae, the
S-layer is formed from a 76 kDa protein arranged into an
hexagonal lattice with a center to center spacing of 10 nm
[32]. While the S-layer protein does not stain positively
with the periodic acid Schiff reagent, suggesting the absence
of protein glycosylation, subsequent mass spectrometry
analysis has shown it to contain a N-linked glycan identical
to that found on flagellins in this species [33]. Methodologies
were developed to create protoplasts of M. voltae by removal
and regeneration of the S-layer [34]. The protoplasts could
be used for transformation of plasmid DNA either directly
or by electroporation [35].

In some instances, such as Methanothermus fervidus
[36], the S-layer surrounds a sacculus of pseudomurein, a
peptidoglycan unique to certain methanoarchaeal species
and distinct from bacterial murein. In some Methanosarcina
species, the cell envelope is thought to consist of a protein-
based S-layer surrounded by a rigid cell wall composed of
methanochondroitin, a heteropolysaccharide reminiscent of
eukaryotic chondroitin [37].

A model of the S-layer of Methanolobus limicola, formed
from glycoprotein subunits, was determined using a variety
of microscopy techniques. Using standard electron crystallo-
graphic techniques, it was determined that the S-layer had p6
symmetry with a lattice constant of 14.7 nm and a thickness
of 4.5 nm [38]. Later examination by scanning tunneling
microscopy resulted in a thickness determination of 6.5 nm
[39]. As in Hbt. salinarum, the subunits are thought to
assemble into a dome-shaped structure. Moreover, although
no spacer elements have been identified linking the S-layer
to the cytoplasmic membrane, negative staining does reveal
a narrow space of about 5–10 nm between the two layers
[38].

Methanospirillum hungatei cells present a very compli-
cated envelope profile. Individual cells are surrounded by
a cell wall consisting of an S-layer [40] and then a second
unusual outer paracrystalline layer termed the sheath [41],
consisting of individual and discrete hoop-like components
[42]. The ensheathed cells are then separated from the
surrounding environment or from neighboring cells by
complicated end or spacer plugs [42].

Finally, in Methanocorpusculum sinense, examination
of the role of the S-layer in cell-shape maintenance and
cell division revealed that lattice faults in the normal p6
symmetry of the S-layer appear to be sites of incorporation
of new subunits and initiation points for cell division [43].
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3. Archaeal Flagella Assembly and Composition

Biochemical, genetic, and structural studies performed on
flagella from several different archaeal species over the last
2 decades have demonstrated the unique nature of this
motility apparatus [5, 44]. Flagella have been reported
in all of the major subgroupings of cultivatable archaea,
including species of extreme halophiles, haloalkaliphiles,
methanogens, hyperthermophiles, and thermoacidophiles
[45, 46]. Detailed biochemical, structural and/or genetic
studies have been reported in a variety of archaeal genera,
including Methanococcus [47–49], Methanospirillum [50–
52], Halobacterium [53–56], Haloarcula [57], Haloferax
[58], Sulfolobus [59], Natrialba [60, 61], Thermococcus
[62], and Pyrococcus [63]. However, the bulk of published
work on archaeal flagella is focused on Halobacterium and
Methanococcus; that is, members of the Euryarchaeota, and it
is not certain that findings in one organism or even within
one of the archaeal domains are applicable to all Archaea
or even to members of the other major archaeal domain
(i.e., crenarchaeotes). There may be fundamental differences
between the two domains; for instance, genes known to be
essential for flagellation in Methanococcus are not found in
crenarchaeotes [46, 64] and even something as fundamental
as the presence of the hook may be variable, as hooks have
not been observed in the crenarchaeote Sulfolobus [65].

Archaeal flagella are motility structures involved in
swimming and, in the one example where this has been
examined in any detail (i.e., Hbt. salinarum), the flagella can
switch their direction of rotation [66–68]. Other than this
superficial commonality, archaeal flagella do not bear other
similarities to their bacterial counterparts. For example,
there are no homologues of bacterial flagella structural
or biosynthetic genes contained in any sequenced archaeal
genome [67, 69]. Another fundamental difference between
the two prokaryotic flagella organelles may be in the driving
force for flagellar rotation. Proton or, more rarely, sodium
gradients are used to power bacterial flagellar motion [70],
while in the one instance where this has been examined in
Archaea, again in Hbt. salinarum, flagellar motor rotation
depends on ATP [71]. Structurally, archaeal flagella are
similar to bacterial type IV pili, surface structures involved
in a type of motility across solid surfaces called twitching
[72], and, critically, lack a central channel that could allow
the passage of subunits through the growing structure for
assembly at the distal tip [73–75]. Indeed, the archaeal
flagellum has been termed “a bacterial propeller with a
pilus-like structure” [75]. Accordingly, archaeal flagella share
several commonalities with bacterial type IV pili. Most
strikingly, the major subunits of the archaeal flagellum, the
flagellins, are made as preproteins with unusual, type IV
pilin-like signal peptides (class III signal peptides) that are
removed by a specific type IV prepilin signal peptidase
homologue (FlaK/PibD; see below) [47, 48, 76]. In addition,
both the archaeal flagella system and the type IV pili systems
contain a homologous ATPase and a conserved membrane
component that may serve as the platform for assembly of
the structures [77, 78]. These similarities to type IV pili and
the lack of a central channel indicate that assembly of the

archaeal flagellum takes place by addition of subunits to the
base of the structure, as is also the case in pili growth [45],
and fundamentally different from the growth of bacterial
flagella, where new subunits are added to the distal end after
their passage through the central channel [79].

A single fla operon encompassing up to thirteen flagella-
associated genes has been identified in various flagellated
archaea, although the core composition of genes involved in
flagellation and their arrangement in the genome can vary
in different organisms [44]. Unlike most bacterial species,
nearly all the flagellated archaeal species contain multiple
(i.e., 2–6) flagellin genes, a rare exception being Sulfolobus
spp., where only a single flagellin gene is found. Studies show
that each flagellin has its own function as deletion of a single
flagellin usually results in nonflagellated cells [64, 80, 81].
Interestingly, one of the flagellins forms the hook region in
Methanococcus species [49, 64, 82] and Hbt. salinarum [82].
The fla operon typically begins with the multiple flagellin
genes, followed by the conserved fla-associated genes, flaC-
flaJ, or a subset thereof. The preflagellin peptidase gene is
typically located outside this main locus. Deletion analysis
has demonstrated that all of the successfully deleted fla-
associated genes are essential for flagellation, even though
some of these genes are not found in all flagellated archaea
[64]. Of the fla-associated genes, flaHIJ are conserved in
all flagellated archaea [5]. FlaI and FlaJ are homologous to
ATPases (i.e., PilT/PilB) and conserved membrane protein
(i.e., PilC/TadB) of type IV pili systems. FlaI has been shown
to possess ATPase activity [83]. FlaH may also have ATPase
activity, as it contains a conserved Walker box A, although
a Walker box B has not been identified [84]. Thus, due
to their universal presence in all flagellated archaea and
their relationships to type IV pili-related proteins, FlaHIJ are
most likely key components in the export and assembly of
flagellin subunits. Deletions in any of these genes lead to
nonflagellated cells [56, 59, 64, 84, 85]. The roles for the other
fla associated genes are generally unknown, although recent
reports indicate FlaCE and FlaD of Hbt. salinarum associate
with various Che proteins of the chemotaxis system [86].

Finally, in addition to signal peptide removal, archaeal
flagellins also undergo a second posttranslational modifica-
tion, as most are glycoproteins. While Bacteria sometimes
contain glycosylated flagellins, the flagellin glycan is always
found in an O-linkage [87]. In Archaea, to date the glycan
has always been found to be N-linked to the flagellins [33, 88,
89]. As considered below, the presence and completeness of
the glycan has marked effects on the assembly and function
of the archaeal flagella.

In bacteria, flagella do not function only as organelles for
swimming but can also be involved in such diverse activities
as swarming motility across surfaces, sensing wetness and
playing a role in biofilm formation, for example [90–92].
Similarly, the flagella of Archaea have been recently shown
to be involved in other important biological functions in
addition to their presumably primary role in swimming.
In Pyrococcus furiosus, flagella can form cable-like con-
nections among cells and in adhesion to Methanopyrus
kandleri cell surfaces [63]. Interactions of P. furiosus with
Methanopyrus cells can occur through flagella, resulting in
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a two-component archaeal biofilm [93]. In Sulfolobus, in
addition to mediating swimming and swarming, flagella,
along with pili, have both been shown to be involved in
surface adhesion [94]. On the other hand, in Hfx. volcanii,
flagella were shown not to be involved significantly in surface
adhesion [58]. Instead, attachment is mediated by other
type IV pilin-like proteins processed by a type IV prepilin
peptidase-like enzyme. Swimming without flagella can occur
via different mechanisms in bacteria [12] but, to date,
no such nonflagellar-driven swimming modes have been
reported in Archaea.

4. Posttranslational Modification of
S-Layer Glycoproteins and Flagellins

In addition to serving important structural and physiological
roles, S-layer glycoproteins and flagellins, in particular those
from halophilic and methanogen archaea, are important
reporters of posttranslational modifications, including signal
sequence cleavage, glycosylation and lipid attachment (Fig-
ure 1).

4.1. Signal Peptide Cleavage. Bacteria can contain as many
as three distinct signal peptidases, essential for removing
the N-terminal signal peptides that target preproteins for
export from the cytoplasm [95]. Signal peptidase I (SPI) is
the housekeeping signal peptidase, responsible for cleaving
the signal peptides from most preproteins secreted from the
cell via either the Sec or TAT pathways. Signal peptidase II
(SPII) removes signal peptides specifically from lipoproteins.
Finally, type IV prepilin peptidases (TFPP, sometimes termed
signal peptidase III, SPIII) are necessary for the cleavage
of class III signal peptides from type IV pilins and related
molecules. In Archaea, only SPI and TFPP have been
identified [18].

Signal Peptidase I. Archaeal signal peptidase I was first
identified in Methanococcus voltae, where the gene was cloned
and the protein expressed and studied biochemically in vitro,
using a heterologously expressed, truncated S-layer protein
as substrate [96]. Site-directed mutagenesis studies on the
methanogen enzyme and that of Hfx. volcanii reached the
same conclusion; namely, that the archaeal enzyme relies
on a different grouping of essential amino acids than does
either the typical prokaryotic (P-type) enzyme found in
Bacteria or eukaryotic (ER-type) enzyme [97, 98]. Bacterial
P-type SPIs, found as well in mitochondria and chloroplasts,
utilize a Ser-Lys dyad for catalysis. Site-directed mutagenesis
studies revealed that Ser90 and Lys145 of Escherichia coli SPI
are critical for enzymatic activity [99], while subsequent
mutagenesis studies, based on crystal structure analysis, lead
to the identification of Ser278 as being necessary for optimal
activity [100]. In the case of ER-type SPIs, no lysine residues
are essential for activity, reflecting the use of a different
catalytic mechanism. Indeed, the conserved lysine of the P-
type SPI is replaced by a conserved histidine in the ER-type
SPI [101]. Further mutagenesis studies identified a conserved
serine, histidine and two aspartic acid residues as being

important for activity of the eukaryal enzyme, suggesting
a potential catalytic mechanism relying on a Ser-His-Asp
catalytic triad or a Ser-His catalytic dyad [101, 102]. Archaeal
SPI maintains the conserved amino acids of the ER-type
enzyme, notably the replacement of the conserved lysine by a
histidine. However, site-directed mutagenesis again revealed
archaeal-specific features. While the essential natures of the
conserved serine and histidine residues were demonstrated,
only one of the conserved aspartic acid residues was shown to
be essential, unlike the yeast SPI, where both are essential [97,
98]. Almost all archaeal SPIs contain these four conserved
amino acids [18], such that the mechanism of catalysis likely
involves the Ser-His-Asp triad, as in the ER-type enzyme.

In Hfx. volcanii, two functional SPIs, that is, Sec11a and
Sec11b, were identified, and although both are expressed,
only Sec11b was deemed essential [103]. Since the two
enzymes cleaved substrates differentially in an in vitro assay,
they may serve distinct physiological roles.

FlaK/PibD: Archaeal Type IV Prepilin-Like Peptidases. The
best studied of all archaeal signal peptidases are the TFPPs,
represented mainly by FlaK/PibD [48, 76, 104], as well
as by EppA [105]. These enzymes were first identified as
TFPP homologues, able to cleave class III signal peptides
from archaeal flagellins. Unlike bacterial flagellins, archaeal
flagellins are synthesized as preproteins containing unusually
short type IV pilin-like signal peptides. Such processing is
an essential step in the assembly of archaeal flagella, as flaK
mutants are nonflagellated [76].

Site-directed mutagenesis of both enzymes and substrate
has greatly contributed to our knowledge of the mechanism
of action and substrate range of archaeal TFPPs. Initial
studies involving mutation of conserved amino acids in the
signal peptide of model substrates, such as flagellins and
sugar-binding proteins, revealed general similarities to the
type IV pili system, where glycine at the −1 position of the
signal peptide (i.e., the position immediately upstream of
the cleavage site) was strongly preferred, with alanine shown
to be an acceptable substitute. The −2 and −3 positions
of the signal peptide are usually basic amino acids and,
in the case of Methanococcus FlaK, the presence of lysine
at the −2 position of the substrate is critical for cleavage
[106]. Sulfolobus PibD is much less stringent in this regard,
in keeping with the large number of potential substrates
processed by this enzyme [104]. As revealed initially by
signal peptide analysis of potential substrates [104] and
later shown directly by in vitro assays [107], PibD is also
able to accommodate extremely short signal peptides which
are not processed by FlaK. Indeed, it has been suggested
that PibD is a rarity among archaeal TFPPs in terms of its
range of substrates [46], since, in Methanococcus for example,
there are no sugar-binding proteins and type IV pilins are
processed by a different dedicated TFPP, EppA [105]. Key
to the activity of EppA seems to be the glutamine residue
at position 1 found in all pilins but not in flagellins, since
flagellins modified to include the pilin −2 to +2 amino acid
region were cleaved [105]. In keeping with their processing
of type IV prepilin-like molecules, site-directed mutagenesis
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Figure 1: Schematic depiction of the posttranslational modifications experienced by the Hfx. volcanii S-layer glycoprotein and Methanococcus
flagellins. A. Hfx. volcanii S-layer glycoprotein; B. M. voltae FlaB1; C. M. maripaludis FlaB1. Below each sequence, depicted by the elongated
rectangle, amino acid residue positions are provided. Above each sequence, the residue at that position is listed, as is the posttranslational
modification experienced by that residue or region of the protein. For sequon Asn residues, N-glycosylation, no N-glycosylation or unverified
(??) N-glycosylation is marked. Note that the three sequences are not drawn to scale.

of both FlaK [76] and PibD [108] revealed that the pair of
conserved aspartic acid residues that align with two aspartic
acid residues shown to be essential for the bacterial type IV
prepilin peptidase activity are also essential in the archaeal
enzymes. Other conserved aspartic acid residues are not
essential. Thus, both the bacterial and archaeal enzymes rely
on the same catalytic mechanism and belong to the same
family of novel aspartic acid proteases.

In Methanococcus maripaludis, both flagella and type IV-
like pili are composed of major structural proteins possessing
class III signal peptides. Interestingly, this species expresses
two TFPPs, with FlaK specifically processing flagellins and
EppA specifically cleaving the signal peptides from the
prepilins [105]. This is not the case in Sulfolobus solfataricus,
where PibD has a much broader substrate range, cleaving
flagellins and type IV pilins, as well as a number of
sugar binding proteins which have been hypothesized to
form a pilus-like extension from the cell surface, termed
the bindosome [8, 109]. In addition, the Iho670 fibers of

Ignicoccus hospitalis, representing a novel archaeal surface
structure, are also composed of subunits that contain class
III signal peptides cleaved by a TFPP [110]. It thus appears
that assembly of surface structures throughout the archaeal
domain may rely heavily on the type IV pilus-like model.

5. N-Glycosylation

While the glycoprotein-based composition of the Halobac-
terium cell envelope had been previously suggested [111,
112], it was Mescher and Strominger [13] who purified and
characterized the Hbt. salinarum S-layer glycoprotein, at the
same time presenting the first example of a noneukaryal N-
glycosylated protein. Initial efforts at describing the process
of archaeal N-glycosylation revealed similarities to the
parallel eukaryal process. In both cases, oligosaccharides are
assembled on dolichol lipid carriers and transferred to target
proteins following their delivery across a membrane; namely,
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the ER membrane in Eukarya and the plasma membrane
in Archaea (cf. [113]). However, it was only thirty years
later, with the availability of complete genome sequences,
that delineation of the biochemical pathways of archaeal N-
glycosylation began in earnest. Almost simultaneously, agl
(archaeal glycosylation) genes implicated in this posttrans-
lational modification were identified in Hfx. volcanii [114]
and M. voltae [115]. Subsequently, agl genes participating
in the Methanococcus maripaludis N-glycosylation pathway
were identified [116, 117].

Haloferax volcanii. In Hfx. volcanii, agl genes implicated in
the assembly and attachment of a pentasaccharide to select
Asn residues of the S-layer glycoprotein were first identified
on the basis of their homologies to known N-glycosylation
components in Eukarya or Bacteria (i.e., Campylobacter
jejuni), the only bacterium for which a complete N-
glycosylation pathway has been defined (cf. [118]). Subse-
quently, additional agl genes were identified either based
upon their proximity to previously identified agl sequences
or upon reannotation of that region of the genome where all
but one of the previously identified agl sequences clustered
[119–123]. In this manner, AglJ, AglG, AglI, AglE, and AglD,
glycosyltransferases responsible for assembly of the S-layer
glycoprotein-modifying pentasaccharide, comprising a hex-
ose, two hexuronic acids, a methylester of hexuronic acid and
a final hexose, were identified [123, 124]. AglB was shown
to be the oligosaccharyltransferase responsible for delivery
of the pentasaccharide, and apparently its precursors, to at
least two residues of the S-layer glycoprotein; namely, Asn-
13 and Asn-83 [123]. In addition, AglF, AglM, and AglP
have also been shown to participate in the assembly of the
pentasaccharide [120, 122, 124].

While involvement of each of these gene products in S-
layer glycoprotein N-glycosylation has been shown through
a combination of gene deletion and mass spectrometry
approaches, in several instances, biochemical characteriza-
tion has been carried out. In the case of AglF and AglM,
the proteins have been purified and assays compatible
with hypersaline conditions have been developed. Accord-
ingly, AglF was shown to be a glucose-1-phosphate uridyl-
transferase, able to generate UDP-glucose from glucose-
1-phosphate and UTP in a NAD+-dependent manner,
while AglM was revealed to function as a UDP-glucose
dehydrogenase, generating UDP-glucuronic acid from UDP-
glucose [122]. Indeed, a coupled reaction containing AglF,
AglM, glucose-1-phosphate, UTP and NAD+ led to the
appearance of UDP-glucuronic acid, thus representing the
first step towards in vitro reconstitution of the Hfx. volcanii
N-glycosylation process. In the case of AglP, purification
and subsequent development of an in vitro assay to test the
function of the protein confirmed AglP to be a S-adenosyl-L-
methionine-dependent methyltransferase [124], as predicted
by earlier bioinformatics analysis [121]. Specifically, AglP
acts on the fourth subunit of the pentasaccharide decorating
the Hfx. volcanii S-layer glycoprotein, adding a methyl
moiety to a hexuronic acid to yield the 190 Da methyl ester
of hexuronic acid found at this position [124]. These results
are summarized in Table 1.

Methanococcus voltae. The N-linked glycan described for
M. voltae PS is a trisaccharide component with struc-
ture β-ManpNAcA6Thr-(1–4)-β-GlcpNAc3NAcA-(1–3)-β-
GlcpNAc [33], although a strain harbouring a tetrasaccharide
variant of this (the same trisaccharide as above with an
extra 220 or 260 Da moiety attached) has been reported
[125]. The glycan is linked to select asparagine residues
present in flagellins and S-layer components via an N-
acetylglucosamine, rather than the hexose observed in Hfx.
volcanii. A combination of techniques, including insertional
inactivation of targeted genes, immunoblot, heterologous
expression studies and mass spectrometry analysis of puri-
fied flagella have identified the glycosyltransferases and
the oligosaccharyltransferase required for the assembly and
attachment of the glycan. AglH and AglA are responsible
for the addition of the first and last sugar residues to the
trisaccharide, respectively, [115, 126]. The role of AglH
was elucidated by its ability to successfully complement a
conditionally lethal mutation in alg7 (N-acetylglucosamine-
1-phosphate transferase) in yeast. AglC and AglK have both
been implicated in the transfer of the second sugar residue
[125]. Mutants in the oligosaccharyltransferase (aglB) con-
tain S-layer glycoproteins and flagellins presenting molecular
masses smaller than observed in any of the other agl mutants,
consistent with this enzyme being responsible for the transfer
of the N-glycan. The viability of strains carrying a disruption
of aglB indicates that the N-linked glycosylation pathway is
not essential in M. voltae [115].

Methanococcus maripaludis. With the development of
advanced genetic tools [127], elucidation of the N-linked
glycosylation pathway in methanogenic archaea has
continued in M. maripaludis, where a tetrasaccharide glycan
is N-linked to flagellin subunits [88]. The reported structure
of the N-linked glycan was Sug-4-β-ManNAc3NAmA6Thr-
4-β-GlcNAc3NAcA-3-β-GalNAc, where Sug was a
previously unreported (5S)-2-acetamido-2,4-dideoxy-5-O-
methyl-α-l-erythro-hexos-5-ulo-1,5-pyranose, representing
the first example of a naturally occurring diglycoside
of an aldulose [88]. Although the glycans of the two
Methanococcus species are related, an obvious difference
is that M. maripaludis uses N-acetylgalactosamine as the
linking sugar, as compared to N-acetyglucosamine in M.
voltae. In addition, the third sugar in both species is the same,
except for a 3-acetamidino group addition in M. maripaludis
that is carried out by the product of MMP1081 (K. F. J.,
unpublished results). Interestingly, a strong homologue of
MMP1081 is also found in the sequenced genome of M.
voltae A3. Should this gene also be present in M. voltae PS;
namely, that strain used for glycan structural study, it is
unclear why an acetamidino group would not also be added
here.

The genes MMP1079, MMP1080 and MMP1088, desig-
nated aglO, aglA and aglL, respectively, have been implicated
by deletion/complementation analysis and mass spectrome-
try as being the glycosyltransferases responsible for transfer
of the second, third and fourth sugars to the glycan structure,
respectively, [116]. As in M. voltae, but unlike the case in
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Table 1: Effects of Hfx. volcanii agl deletions.

Gene Role Effect1 of deletion on:

Hfx. volcanii
Growth in
high salt

S-layer
Assembly

Shedding
Susceptibility
to protease

S-layer
glycoprotein
SDS-PAGE
migration

N-linked glycan
structure

Reference

aglB OTase2 Decreased No effect Increased No effect Increased No glycan [114, 123]

aglD GTase3 (sugar 5) Decreased Perturbed Decreased Decreased Increased Tetrasaccharide [114, 123]

aglE GTase (sugar 4) No effect n.d. n.d. No effect No effect Trisaccharide [119]

aglF
Glucose-1-P
uridyltransferase
(sugar 3)

n.d.4 n.d. n.d. Increased Increased Disaccharide [120]

aglG GTase (sugar 2) n.d. n.d. n.d. Increased Increased Monosaccharide [120]

aglI GTase (sugar 3) n.d. n.d. n.d. Increased Increased Disaccharide [120]

aglM

UDP-glucose
dehydrogenase
(sugars 2, 3 (4?))

n.d. n.d. n.d. Increased Increased Monosaccharide [122]

aglP
Methyltransferase
(sugar 4)

n.d. n.d. n.d. Increased n.d.
Modified
tetrasaccharide

[124]

1
Relative to level detected in parent strain; increased, decreased or no effect.

2OTase: oligosaccharyltransferase.
3GTase: glycosyltransferase.
4n.d.: not determined.

Hfx. volcanii, where all but one of the agl genes are found
in one large cluster, aglB is located elsewhere on the M.
maripaludis chromosome. Its deletion leads to the appear-
ance of nonglycosylated flagellins [116]. The glycosyltrans-
ferase responsible for the transfer of the first sugar residue
has yet to be identified. Interestingly, mutants harboring
deletions in genes that lead to a nonflagellated phenotype
(i.e., aglB and aglO) initially synthesize normal levels of
the flagellins and other cotranscribed fla gene products.
However, upon continued laboratory sub-culturing, these
strains appear to stop transcription of the entire fla operon.
Other genes identified as involved in the glycan synthesis
include MMP0350, the product of which is likely responsible
for addition of one of the two acetyl groups found on
the second sugar [117] and MMP1085 which encodes a
protein responsible for attachment of the methyl group to
the terminal sugar (K. F. J. unpublished results). Available
information on N-glycosylation in the two Methanococcus
species is summarized in Table 2.

In addition to the genetic studies described, heterologous
expression and in vitro biochemical and enzymatic studies
of proteins predicted to be involved in the glycosylation
pathway have helped described the biosynthesis of the
acetamido sugar subunit precursors in methanococci [128].

6. O-Glycosylation

In addition to N-glycosylation, the Hbt. salinarum and Hfx.
volcanii S-layer glycoproteins also undergo O-glycosylation.
In each case, a Thr-rich region upstream of the predicted
membrane-spanning domain of the protein is decorated
at numerous positions by galactose-glucose disaccharides,

linked through the galactose subunit [13, 129]. Essentially
nothing is presently known of the archaeal O-glycosylation
process.

7. Lipid Modification

In addition to signal peptide cleavage and glycosylation,
haloarchaeal S-layer glycoproteins also experience cova-
lent posttranslational attachment of lipids. This was first
shown when Hbt. salinarum cells were incubated with
[3H]-mevalonate and other tritiated lipid tracers, leading
to selective incorporation of the radiolabel into the S-
layer glycoprotein [130]. The linked radioactive moiety was
subsequently revealed by mass spectrometry to be a novel
diphytanylglycerol phosphate. Although the precise location
of the attached lipid has yet to be defined, a 28 kDa trypsin-
generated fragment derived from the C-terminal region of
the protein (residues 731–816) was shown to contain the
linked group. In terms of attachment of the lipid, it is
thought that phosphodiester-based linkage to either a S-
layer glycoprotein Ser or Thr residue is responsible. Hence,
it would appear that in addition to the single membrane-
spanning domain located close to the C-terminus of the
haloarchaeal S-layer glycoprotein, deduced from primary
sequence analysis, a lipid moiety also anchors the protein
to the membrane. Moreover, given sequence similarities in
the same C-terminal region of the Hbt. salinarum, Hfx.
volcanii and Haloarcula japonica S-layer glycoproteins [14,
129, 131], it is likely that the latter two similarly experience
lipid modification [130]. Indeed, such lipid modification has
been demonstrated in the case of the Hfx. volcanii S-layer
glycoprotein [132, 133].
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Table 2: Effects of M. maripaludis and M. voltae agl deletions.

Gene Role Effect1 of deletion on:

Cell flagellation Motility
Flagellin SDS-PAGE
migration

N-linked glycan
structure

Reference

M. maripaludis

aglA GTase2 (sugar 3) Present Decreased Increased Disaccharide [116]

aglB OTase3 Absent Non-motile Increased No glycan [116]

aglL GTase (sugar 4) Present Decreased Increased
Modified
trisaccharide

[116]

aglO GTase (sugar 2) Absent Non-motile Increased Monosaccharide [116]

MMP0350
Acetyltransferase
(sugar 2) Absent Non-motile Increased Monosaccharide [117]

MMP1081
Acetamidino
transfer (sugar 3) Absent Decreased Increased

Modified
trisaccharide

unp

MMP1085
Methyltransferase
(sugar 4)

Present n.d. Increased
Modified
tetrasaccharide

unp

M. voltae

aglA GTase (sugar 3) Present n.d. Increased Disaccharide [115]

aglB OTase Absent Non-motile Increased No glycan [115]

aglC GTase (sugar 2) Absent n.d. Increased Monosaccharide [125]

aglK GTase (sugar 2) Absent n.d. Increased Monosaccharide [125]

N. B.: M. maripaludis wild type N-linked glycan is a tetrasaccharide, M. voltae wild type N-linked glycan is a trisaccharide.
1Relative to level detected in parent strain.
2GTase: glycosyltransferase.
3OTase: oligosaccharyltransferase.
4n.d.: not determined.
5unp: unpublished data.

8. Importance of Flagellin and S-Layer
Glycoprotein Posttranslational Modifications

The ability to generate deletion mutants of Hfx. volcanii,
M. voltae and M. maripaludis as well as the availability of
other molecular tools have allowed for the importance of
posttranslational modifications of reporter proteins in these
species to be addressed.

Haloferax volcanii. In Hfx. volcanii, the use of deletion
strains has provided considerable insight into the importance
of N-glycosylation to the cell. Strains lacking the ability to
perform N-glycosylation, due to the absence of the oligosac-
charyltransferase, AglB, or only able to partially recruit the
N-glycosylation pathway, due to an absence of other Agl
proteins, present various phenotypes, including an S-layer
of modified architecture showing increased susceptibility to
proteolytic digestion, enhanced S-layer glycoprotein release
into the growth medium, and slower growth in medium of
increasing salt [119, 120, 122, 123]. Indeed, differential tran-
scription of the various Agl proteins in response to differing
growth conditions, reflected by reverse transcription or real
time PCR, points to N-glycosylation as being an adaptive
process in Hfx. volcanii.

Studies addressing the biogenesis of the Hfx. volcanii
S-layer glycoprotein have also provided insight into the
importance of lipid modification. Metabolic [35S] pulse-
chase radiolabelling, together with the use of the ribosome-

targeted antibiotic, anisomycin, revealed the S-layer glyco-
protein to undergo a posttranslational maturation step on
the outer surface of the plasma membrane, reflected as
an increase in the hydrophobicity and apparent molecular
weight of the protein [133]. Support for lipid modification as
being responsible for S-layer glycoprotein maturation came
from experiments showing that growth in the presence of
[3H] mevalonic acid led to radiolabel being incorporated
into the S-layer glycoprotein and that mevinolin, an inhibitor
of 3-HMG-CoA reductase (responsible for converting acetyl-
CoA into mevalonic acid), prevented the maturation of the
S-layer glycoprotein [132].

Moreover, such lipid modification-based maturation
does not occur in the absence of Mg2+ [133], required
for maintaining haloarchaeal S-layer integrity [13, 26]. As
the Hbt. salinarum S-layer glycoprotein also undergoes a
similar lipid-based maturation step [132], this posttransla-
tional modification may be common to S-layer glycoprotein
biogenesis in other haloarchaea.

Methanococcus voltae and Methanococcus maripaludis. The
flagellins expressed by both M. voltae and M. maripaludis
undergo two major posttranslational modifications neces-
sary for their correct assembly into flagella, namely signal
peptide cleavage and N-linked glycosylation. Disruption or
deletion of the signal peptidase gene (flaK) results in cells that
are no longer able to assemble flagella, with the unprocessed
flagellins remaining in the cytoplasmic membrane [76]. In
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the case of M. maripaludis, these cells are, however, still
piliated, since the type IV pilin-like proteins are processed
by a separate prepilin peptidase-like enzyme, EppA [105].
Deletion of eppA in a cell that is already deleted for flaK
results in the appearance of nonflagellated and nonpiliated
cells (K. F. J., unpublished results).

Early studies pointed to a critical role for glycosylation
in flagella structure in Methanococcus. When incubated with
bacitracin, a known inhibitor of glycosylation, Methanococ-
cus deltae cells became nonflagellated, accompanied by a
decrease in apparent molecular weight of the flagellins,
suggestive of under-glycosylation [134]. More recently, in
both M. voltae and M. maripaludis, it was shown that
at least a two sugar-member glycan must be attached to
flagellin subunits for proper assembly of the protein into
flagella filaments [115, 116]. Deletion of genes involved
in the N-glycosylation pathway of both M. voltae and M.
maripaludis result in flagellin subunits that migrate faster
on SDS-PAGE, with the enhanced migration corresponding
incrementally to the degree of truncation of the glycan [115,
116]. Motility assays using semisolid agar demonstrated that
strains harboring deletions of genes in this pathway that are
still able to assemble flagella displayed impaired swimming
capabilities, as compared to cells able to produce the native
N-linked glycan [116]. Finally, deletion of a single gene, that
is, MMP0350, assigned as an acetyltransferase necessary for
the biosynthesis of the second sugar of the M. maripaludis
N-linked glycan, resulted in defects in both flagellation and
piliation. Since the glycan consisted of only a single sugar in
this mutant, the fact that the cells were nonflagellated was
not unexpected. However, further examination revealed that
while these mutants were generally nonpiliated, apparently
intact pili were found in the culture supernatants, indicating
that a defect in pili anchoring had occurred [117].

9. Conclusions

As the research spotlight begins to shift from the genome to
the proteome, it is becoming clear that numerous archaeal
proteins experience posttranslational modifications [135–
139]. As discussed here, the availability of well-characterized
reporters of protein processing events, such as haloarchaeal
and methanoarchaeal S-layer glycoproteins and flagellins,
offer excellent models in studies attempting to dissect the
pathways responsible for such modifications. Along with
the identification of additional reporter proteins, it will be
possible to consider questions related to the heterogeneity
associated with a given modification, such as differential or
modulated glycosylation. Moreover, with the development
of appropriate in vitro assays for these novel reporters,
future efforts can address the importance of posttranslational
modifications to enzyme function, stability and other traits.
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[63] D. J. Näther, R. Rachel, G. Wanner, and R. Wirth, “Flagella
of Pyrococcus furiosus: multifunctional organelles, made
for swimming, adhesion to various surfaces, and cell-cell
contacts,” Journal of Bacteriology, vol. 188, no. 19, pp. 6915–
6923, 2006.

[64] B. Chaban, S. Y. M. Ng, M. Kanbe et al., “Systematic deletion
analyses of the fla genes in the flagella operon identify
several genes essential for proper assembly and function
of flagella in the archaeon, Methanococcus maripaludis,”
Molecular Microbiology, vol. 66, no. 3, pp. 596–609, 2007.

[65] A. F. Ellen, B. Zolghadr, A. J. M. Driessen, and S. V. Albers,
“Shaping the Archaeal Cell Envelope,” Archaea, vol. 2010,
Article ID 608243, 2010.

[66] R. C. H. del Rosario, F. Diener, M. Diener, and D. Oesterhelt,
“The steady-state phase distribution of the motor switch
complex model of Halobacterium salinarum,” Mathematical
Biosciences, vol. 222, no. 2, pp. 117–126, 2009.

[67] T. Nutsch, D. Oesterhelt, E. D. Gilles, and W. Marwan, “A
quantitative model of the switch cycle of an archaeal flagellar
motor and its sensory control,” Biophysical Journal, vol. 89,
no. 4, pp. 2307–2323, 2005.

[68] W. Marwan, M. Alam, and D. Oesterhelt, “Rotation and
switching of the flagellar motor assembly in Halobacterium
halobium,” Journal of Bacteriology, vol. 173, no. 6, pp. 1971–
1977, 1991.

[69] D. M. Faguy and K. F. Jarrell, “A twisted tale: the origin
and evolution of motility and chemotaxis in prokaryotes,”
Microbiology, vol. 145, no. 2, pp. 279–281, 1999.

[70] D. F. Blair, “Flagellar movement driven by proton transloca-
tion,” FEBS Letters, vol. 545, no. 1, pp. 86–95, 2003.

[71] S. Streif, W. F. Staudinger, W. Marwan, and D. Oesterhelt,
“Flagellar rotation in the archaeon Halobacterium salinarum
depends on ATP,” Journal of Molecular Biology, vol. 384, no.
1, pp. 1–8, 2008.

[72] D. E. Bradley, “A function of Pseudomonas aeruginosa
PAO polar pili: twitching motility,” Canadian Journal of
Microbiology, vol. 26, no. 2, pp. 146–154, 1980.

[73] S. Cohen-Krausz and S. Trachtenberg, “The flagellar fila-
ment structure of the extreme acidothermophile Sulfolobus
shibatae B12 suggests that archaeabacterial flagella have a
unique and common symmetry and design,” Journal of
Molecular Biology, vol. 375, no. 4, pp. 1113–1124, 2008.

[74] S. Cohen-Krausz and S. Trachtenberg, “The structure of the
archeabacterial flagellar filament of the extreme halophile
Halobacterium salinarum R1M1 and its relation to eubacte-
rial flagellar filaments and type IV pili,” Journal of Molecular
Biology, vol. 321, no. 3, pp. 383–395, 2002.

[75] S. Trachtenberg and S. Cohen-Krausz, “The archaeabacterial
flagellar filament: a bacterial propeller with a pilus-like struc-
ture,” Journal of Molecular Microbiology and Biotechnology,
vol. 11, no. 3–5, pp. 208–220, 2006.

[76] S. L. Bardy and K. F. Jarrell, “Cleavage of preflagellins by an
aspartic acid signal peptidase is essential for flagellation in
the archaeon Methanococcus voltae,” Molecular Microbiology,
vol. 50, no. 4, pp. 1339–1347, 2003.

[77] D. P. Bayley and K. F. Jarrell, “Further evidence to suggest that
archaeal flagella are related to bacterial type IV pili,” Journal
of Molecular Evolution, vol. 46, no. 3, pp. 370–373, 1998.

[78] C. R. Peabody, Y. J. Chung, M.-R. Yen, D. Vidal-Ingigliardi, A.
P. Pugsley, and M. H. Saier Jr., “Type II protein secretion and
its relationship to bacterial type IV pili and archaeal flagella,”
Microbiology, vol. 149, no. 11, pp. 3051–3072, 2003.

[79] R. M. Macnab, “How bacteria assemble flagella,” Annual
Review of Microbiology, vol. 57, pp. 77–100, 2003.

[80] K. F. Jarrell, D. P. Bayley, V. Florian, and A. Klein, “Isolation
and characterization of insertional mutations in flagellin
genes in the archaeon Methanococcus voltae,” Molecular
Microbiology, vol. 20, no. 3, pp. 657–666, 1996.

[81] V. Y. Tarasov, M. G. Pyatibratov, S.-L. Tang, M. Dyall-Smith,
and O. V. Fedorov, “Role of flagellins from A and B loci
in flagella formation of Halobacterium salinarum,” Molecular
Microbiology, vol. 35, no. 1, pp. 69–78, 2000.



12 Archaea

[82] S. N. Beznosov, M. G. Pyatibratov, and O. V. Fedorov,
“On the multicomponent nature of Halobacterium salinarum
flagella,” Microbiology, vol. 76, no. 4, pp. 435–441, 2007.

[83] S.-V. Albers and A. J. M. Driessen, “Analysis of ATPases
of putative secretion operons in the thermoacidophilic
archaeon Sulfolobus solfataricus,” Microbiology, vol. 151, no.
3, pp. 763–773, 2005.

[84] N. A. Thomas and K. F. Jarrell, “Characterization of flagellum
gene families of methanogenic archaea and localization of
novel flagellum accessory proteins,” Journal of Bacteriology,
vol. 183, no. 24, pp. 7154–7164, 2001.

[85] N. A. Thomas, S. Mueller, A. Klein, and K. F. Jarrell, “Mutants
in flaI and flaJ of the archaeon Methanococcus voltae are
deficient in flagellum assembly,” Molecular Microbiology, vol.
46, no. 3, pp. 879–887, 2002.

[86] M. Schlesner, A. Miller, S. Streif et al., “Identification of
Archaea-specific chemotaxis proteins which interact with the
flagellar apparatus,” BMC Microbiology, vol. 9, article 56,
2009.

[87] S. M. Logan, “Flagellar glycosylation—a new component of
the motility repertoire?” Microbiology, vol. 152, no. 5, pp.
1249–1262, 2006.

[88] J. Kelly, S. M. Logan, K. F. Jarrell, D. J. VanDyke, and
E. Vinogradov, “A novel N-linked flagellar glycan from
Methanococcus maripaludis,” Carbohydrate Research, vol. 344,
no. 5, pp. 648–653, 2009.

[89] F. Wieland, G. Paul, and M. Sumper, “Halobacterial flagellins
are sulfated glycoproteins,” The Journal of Biological Chem-
istry, vol. 260, no. 28, pp. 15180–15185, 1985.

[90] R. M. Harshey, “Bacterial motility on a surface: many ways to
a common goal,” Annual Review of Microbiology, vol. 57, pp.
249–273, 2003.

[91] J. K. Anderson, T. G. Smith, and T. R. Hoover, “Sense and
sensibility: flagellum-mediated gene regulation,” Trends in
Microbiology, vol. 18, no. 1, pp. 30–37, 2010.

[92] Q. Wang, A. Suzuki, S. Mariconda, S. Porwollik, and R.
M. Harshey, “Sensing wetness: a new role for the bacterial
flagellum,” EMBO Journal, vol. 24, no. 11, pp. 2034–2042,
2005.

[93] S. Schopf, G. Wanner, R. Rachel, and R. Wirth, “An
archaeal bi-species biofilm formed by Pyrococcus furiosus and
Methanopyrus kandleri,” Archives of Microbiology, vol. 190,
no. 3, pp. 371–377, 2008.

[94] B. Zolghadr, A. Kling, A. Koerdt, A. J.M. Driessen, R. Rachel,
and S.-V. Albers, “Appendage-mediated surface adherence of
Sulfolobus solfataricus,” Journal of Bacteriology, vol. 192, no.
1, pp. 104–110, 2010.

[95] M. Paetzel, A. Karla, N. C. J. Strynadka, and R. E. Dalbey,
“Signal peptidases,” Chemical Reviews, vol. 102, no. 12, pp.
4549–4580, 2002.

[96] S. Y. M. Ng and K. F. Jarrell, “Cloning and characterization of
archaeal type I signal peptidase from Methanococcus voltae,”
Journal of Bacteriology, vol. 185, no. 20, pp. 5936–5942, 2003.

[97] S. L. Bardy, S. Y. M. Ng, D. S. Carnegie, and K. F. Jarrell,
“Site-directed mutagenesis analysis of amino acids critical
for activity of the type I signal peptidase of the archaeon
Methanococcus voltae,” Journal of Bacteriology, vol. 187, no.
3, pp. 1188–1191, 2005.

[98] E. Fink-Lavi and J. Eichler, “Identification of residues essen-
tial for the catalytic activity of Sec11b, one of the two type
I signal peptidases of Haloferax volcanii,” FEMS Microbiology
Letters, vol. 278, no. 2, pp. 257–260, 2008.

[99] W. R. Tschantz, M. Sung, V. M. Delgado-Partin, and R.
E. Dalbey, “A serine and a lysine residue implicated in the
catalytic mechanism of the Escherichia coli leader peptidase,”
The Journal of Biological Chemistry, vol. 268, no. 36, pp.
27349–27354, 1993.

[100] M. Paetzel, R. E. Dalbey, and N. C. J. Strynadka, “Crystal
structure of a bacterial signal peptidase apoenzyme. Impli-
cations for signal peptide binding and the Ser-Lys dyad
mechanism,” The Journal of Biological Chemistry, vol. 277, no.
11, pp. 9512–9519, 2002.

[101] R. E. Dalbey, M. O. Lively, S. Bron, and J. M. van Dijl, “The
chemistry and enzymology of the type I signal peptidases,”
Protein Science, vol. 6, no. 6, pp. 1129–1138, 1997.

[102] C. VanValkenburgh, X. Chen, C. Mullins, H. Fang, and N.
Green, “The catalytic mechanism of endoplasmic reticulum
signal peptidase appears to be distinct from most eubacterial
signal peptidases,” The Journal of Biological Chemistry, vol.
274, no. 17, pp. 11519–11525, 1999.

[103] A. Fine, V. Irihimovitch, I. Dahan, Z. Konrad, and J.
Eichler, “Cloning, expression, and purification of functional
Sec11a and Sec11b, type I signal peptidases of the archaeon
Haloferax volcanii,” Journal of Bacteriology, vol. 188, no. 5, pp.
1911–1919, 2006.

[104] S.-V. Albers, Z. Szabó, and A. J. M. Driessen, “Archaeal
homolog of bacterial type IV prepilin signal peptidases with
broad substrate specificity,” Journal of Bacteriology, vol. 185,
no. 13, pp. 3918–3925, 2003.

[105] Z. Szabó, A. O. Stahl, S.-V. Albers, J. C. Kissinger, A. J. M.
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Glycosylation of the S-layer of the crenarchaea Sulfolobus acidocaldarius has been investigated using glycoproteomic methodologies.
The mature protein is predicted to contain 31 N-glycosylation consensus sites with approximately one third being found in the
C-terminal domain spanning residues L1004-Q1395. Since this domain is rich in Lys and Arg and therefore relatively tractable to
glycoproteomic analysis, this study has focused on mapping its N-glycosylation. Our analysis identified nine of the 11 consensus
sequence sites, and all were found to be glycosylated. This constitutes a remarkably high glycosylation density in the C-terminal
domain averaging one site for each stretch of 30–40 residues. Each of the glycosylation sites observed was shown to be modified
with a heterogeneous family of glycans, with the largest having a composition Glc1Man2GlcNAc2 plus 6-sulfoquinovose (QuiS),
consistent with the tribranched hexasaccharide previously reported in the cytochrome b558/566 of S. acidocaldarius. S. acidocaldarius
is the only archaeal species whose N-glycans are known to be linked via the chitobiose core disaccharide that characterises the N-
linked glycans of Eukarya.

1. Introduction

In many Archaea the surface layer (S-layer) proteins are the
sole cell wall component [1]. These S-layer proteins assemble
into a natural 2-D crystal structure with very strong self
interactions. In Archaea, which do not possess other cell wall
components, the S-layer has to maintain the cell integrity
and stabilize as well as to protect the cell against mechanical
and osmotic stresses or extreme pH conditions. It is also
predicted that the S-layer has to maintain or even determine
the cell shape [2–6].

In Sulfolobus spp. the S-layer is composed of two proteins:
a small protein of approximately 45 kD, SlaB, and a large
protein, SlaA, of approximately 120 kDa. SlaB is an integral
membrane protein and its strong interaction with SlaA,
which covers the whole cell surface, tethers the S-layer to
the membrane [8, 9]. Taking into account the harsh growth

condition of the thermoacidophilic Sulfolobus spp. (pH 2-3
and 75–80◦C), the S-layer proteins will play an important
role in maintaining cell integrity and must be adapted to be
functional under these conditions.

One possible posttranslational modification proteins can
undergo is glycosylation, which has a major effect on stability
and half-life [10]. Indeed, all archaeal S-layer proteins which
have been structurally studied to date, have been found to
carry N-glycans [11–17].

Although Eukarya, Bacteria, and Archaea all share certain
characteristics of the N-glycosylation pathway, the result-
ing glycan structures in Bacteria and Archaea are more
diverse than in Eukarya [18, 19]. Notably a far greater
variety of monosaccharides is used, many of which carry
functionalities such as sulfate and methyl groups, or even
amino acids such as threonine [12]. In the last two years,
substantial progress in describing the enzymes involved in
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Figure 1: (a) Structure of the 6-sulfoquinovose-containing tribranched hexasaccharide identified in cytochrome b558/566 [7]. (b) This shows
a symbolic representation of the glycan which is used in the annotations of Figures 4–6.

archaeal N-glycosylation pathways has been made [19–23].
The archaeal N-glycosylation machinery combines aspects
of both the eukaryal and bacterial pathways. For instance
Archaea and Eukarya use dolichol as the lipid carrier whereas
Bacteria use undecaprenyl. On the other hand, in Archaea
and Bacteria the oligosaccharyltransferase is comprised of a
single subunit whereas in Eukarya it is a multimeric complex.

So far proteins from about 25 species of Archaea
have been reported to be glycosylated and about ten have
had their N-glycans partially or fully characterized [19,
24]. The best understood are S-layers of the halophiles
Halobacterium salinarum and Haloferax volcanii, and S-layers
and flagellins of the methanogens Methanothermus fervidus,
Methanococcus voltae, and M. maripaludis. In contrast to the
N-glycans of Eukarya, which are almost always branched
and usually considerably greater than six residues in size,
these archaeal glycoproteins contain unbranched glycans
most of which have fewer than six sugar residues. The
exception is Hbt. salinarum which, in addition to bearing
a trisaccharide composed of monosulfated glucuronic acid
linked via glucose at about ten consensus sites, has one
N-linked site occupied by a GalNAc-linked polysaccharide
comprised of multiple repeats of a sulfated pentasaccharide
(composed of GlcNAc, GalNAc, Gal, GalA, and 3-O-methyl-
GalA) [25]. In H. volcanii the S-layer glycoprotein is modified
by the attachment of a pentasaccharide, composed of two
hexoses, two hexuronic acids, and a methylester of hexuronic
acid [26, 27]. The N-glycans attached to the S-layer of
Methanothermus fervidus are hexasaccharides containing 3-
O-methylmannose, mannose, and GalNAc [28]. In M. voltae
the flagellins and S-layer proteins are glycosylated with a
complex trisaccharide composed of GlcNAc, GlcdiNAcA,
and a threonine-substituted ManNAcA [12]. A second strain
of M. voltae has been recently found to carry tetrasaccharides
which share this trisaccharide sequence capped by an unchar-
acterized sugar [29]. An even more unusual tetrasaccharide
has been found on the pilins and flagellins of M. maripaludis.

This has the sequence Sug-4-β-ManNAc3NAmA6Thr-4-β-
GlcNAc3NAcA-3-β-GalNAc where Sug is a highly unusual
aldolase diglycoside [30].

Glycosylation of extreme thermophile members of the
Archaea domain is quite poorly understood despite the fact
that one member of this class, Thermoplasma acidophilum,
from the Euryarchaeota kingdom of Archaea, was amongst
the first of the archaea to have its glycoproteins studied by
biophysical methods [31]. This early study, which reported
the presence of branched mannose-rich glycans linked via
GlcNAc to Asn, has not, however, been followed up with
more rigorous structure analysis. A second extremophile
member of the Euryarchaeota kingdom to have its glycosy-
lation studied is Pyrococcus furiosus, which, interestingly, has
also been shown to biosynthesis branched glycans [32]. The
oligosaccharyltransferase from this species has been purified,
and its ability to glycosylate a fluorescently labeled peptide
containing a consensus sequence has been assayed in the
presence and absence of lipid-linked oligosaccharide (LLO)
prepared from Pyrococcus furiosus cells. In the presence of
the LLO a glycopeptide was produced which was shown by
mass spectrometry to be a branched heptasaccharide having
a pentose sugar attached to each of the second and third
residues of a pentasaccharide of sequence HexNAc-HexA-
Hex-Hex-HexNAc [32].

Branching is also a feature of the only glycan so far
determined from a member of the Crenarchaeota kingdom.
Thus cytochrome b558/566 of Sulfolobus acidocaldarius, which
grows optimally at 75–80◦C and pH 2-3, was shown to be
modified with a tribranched hexasaccharide of composition
Glc1Man2GlcNAc2 plus 6-sulfoquinovose, an unusual sugar
which is characteristic of chloroplasts and photosynthetic
bacteria (see Figure 1 for structure) [7]). As, to date, this is
the only characterised glycan structure from a crenarchaeal
species our objective is to determine the glycan composition
of other extracellular proteins of the Sulfolobales. It is known
that nearly all extracellular proteins found in these organisms
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are glycosylated [8, 33, 34]. As a first model protein, the S-
layer protein of S. acidocaldarius was isolated and its glycosy-
lation investigated using glycoproteomic methodologies.

2. Materials and Methods

2.1. Strains and Growth Conditions. S. acidocaldarius
(DSM639) was grown in Brock medium at pH 3 and 76◦C
[35] and the medium was supplemented with 0.1(w/v) % of
tryptone as sole carbon and energy source. Growth of cells
was monitored by measuring the optical density at 600 nm.

2.2. S-Layer Isolation. Fresh cells or frozen cell pellets from
a 50 ml culture were resuspended in 40 ml buffer A (10 mM
NaCl, 1 mM PMSF, 0.5% Na-Lauroylsarcosine) with the
addition of a little bit of DNAse. The samples were shaken for
45 minutes at 37◦C and centrifuged for 20 min in an Optima
Max-XU Ultracentrifuge (Beckman Coulter) at 16.000 rcf,
yielding a brownish tan pellet. The pellet was resuspended
in 1,5 ml buffer A and incubated for 30 min at 37◦C. After
centrifugation in a tabletop centrifuge at 14.000 rpm the
pellet was purified by repeatable washes in buffer B (10 mM
NaCl, 0,5 mM MgSO4, 0.5% SDS), incubation for 20 min at
37◦C and subsequent centrifugation, until a translucent tan
pellet was obtained. Once the pellet was translucent the S-
layer proteins were once washed with water ad then stored in
water at 4◦C.

2.3. Proteolytic Digestion for Glycoproteomic Analysis. Puri-
fied S-layer samples of S. acidocaldarius were run on a
2–8% precast gel (Invitrogen, Paisley, UK) and stained
with Novex Colloidal blue stain (Invitrogen). The S-layer
was observed as a broadband between 116 and 160 kDa.
The band was then excised and cut into pieces, destained
using 400 μl of 50% (v/v) acetonitrile in 0.1 M ammonium
bicarbonate (pH 8.4) and dried in a SpeedVac. Reduc-
tion/carboxymethylation was carried out by swelling and
incubating the dried gel pieced in Dithiothreitol (10 mM)
(200 μl) in ammonium bicarbonate (AMBIC) (50 mM, pH
8.4) (Roche, West Sussex, UK) at 56◦C for 30 min. The
DTT solution was then removed and the gel pieces were
washed with acetonitrile (200 μl) and dried. The gel pieces
were incubated in dark at room temperature in 50 mM
iodoacetic acid (IAA) (200 μl) (Sigma-Aldrich Dorset, UK)
which was dissolved in ammonium bicarbonate (50 mM,
pH 8.4). The IAA was then removed and gel pieces were
washed in AMBIC buffer (500 μl) for 15 min. The AMBIC
was removed and gel pieces were shrunk in acetonitrile
(200 μl) for 5 min. The gel pieces were dried in SpeedVac and
then subjected to digestion with trypsin or chymotrypsin.
For the tryptic digest the dried gel pieces were reswelled in
AMBIC solution and incubated at 37◦C with 25ng/μl trypsin
(20 μl) (Promega cat V5111) overnight. The supernatant
was removed and placed in a clean eppendorf. The gel
pieces were then incubated in 0.1% TFA (50 μl) at 37◦C
for 10 min. Acetonitrile (100 μl) was added to the mixture

which was incubated at 37◦C for 15 min. The supernatant
was then pooled with the previous supernatant and the
process was repeated twice. The supernatant volume was
then reduced (to about 35 μl) in preparation for LC-MS.
For the chymotryptic digest re-swelled gel pieces were
incubated at 37◦C in 25 ng/μl chymotrypsin (Sigma C-3142)
dissolved in Tris-HCl (100 mM, pH 7.8), overnight. The
remainder of the experiment was carried out as for tryptic
digestion.

2.4. LC-MS Analysis. The extracted peptides/glycopeptides
from the gel pieces were analyzed a nano-LC-ES-MS/MS
employing a quadrupole TOF mass spectrometer (Q-
STAR Pulsar I, MDS Sciex). Separation of the pep-
tides/glycopeptides was carried out by using a nano-LC
gradient method generated by an Ultimate pump fitted with
a Famos autosampler and a Switchos microcolumn switching
module (LC Packings, Amsterdam, The Netherlands). The
system was coupled to an analytical C18 nanocapillary (75 m
inside diameter × 15 cm, PepMap) and a microprecolumn
C18 cartridge for online peptide/glycopeptide separation.
The digest was first loaded onto the precolumn and eluted
with 0.1% formic acid (Sigma) in water (HPLC grade, Purite)
for 4 min. The eluant was then transferred onto the column
and eluted at a flow rate of 150 nL/min using the following
gradient of solvent A [0.05% (v/v) formic acid in a 95:5 (v/v)
water/acetonitrile mixture] and solvent B [0.04% formic acid
in a 95:5 (v/v) acetonitrile/water mixture]: 99% A from 0 to
5 min, 99 to 90% A from 5 to 10 min, 90 to 60% A from 10
to 70 min, 60 to 50% A from 70 to 71 min, 50 to 5% A from
71 to 75 min, 5% A from 75 to 85 min, 5 to 95% A from 85
to 86 min, and 95% A from 86 to 90 min. Data acquisition
was performed using Analyst QS software with an automatic
information-dependent-acquisition (IDA) function.

2.5. Sugar Composition Analysis. Samples were hydrol-
ysed in 1 M methanolic hydrogen chloride at 80◦C for
16 h and the reagent was removed under a stream of
nitrogen. Hexosamines were re-N-acetylated in 500 μl of
methanol/pyridine/acetic anhydride (500:1:5, v/v/v) for
15 min at room temperature, then dried under nitrogen.
Trimethylsilyl derivatisation was performed in 200 μL of
Tri-Sil “Z” (Pierce) at room temperature for 30 min, after
which the reagent was removed under nitrogen. Derivatized
monosaccharides were resuspended in 1 ml of hexanes,
centrifuged at 3000 rpm for 10 min, and the supernatant
transferred and dried under nitrogen for analysis by gas
chromatography-mass spectrometry (GC-MS).

2.6. GC-MS Analysis. This was carried out using a Perkin
Elmer Clarus 500 instrument, fitted with a RTX-5 (30 m
× 0.25 mm internal diameter, Restek Corp.). Temperature
program: the oven was held at 65◦C for 1 min before being
increased to 140◦C at a rate of 25◦C/min, then to 200◦C at
a rate of 5◦C/min and finally to a temperature of 300◦C at a
rate of 10oC/min.
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Figure 2: Polypeptide sequence of the S. acidocaldarius S-layer. The N-terminal signal sequence has been omitted. Consensus sequences for
N-glycosylation are shaded and the predicted products of tryptic digestion are shown by underlining.

3. Results

3.1. Strategy for Glycoproteomic Analysis of the S. acidocaldar-
ius S-Layer. The polypeptide sequence of the S. acidocaldar-
ius S-layer SlaA protein (Saci 2355) is shown in Figure 2 [36].
The mature protein is predicted to comprise 1,395 amino
acids and to contain 31 consensus sites for N-glycosylation.
These are scattered throughout the S-layer with the greatest

density being in the C-terminal domain where about 25%
of the polypeptide contains one third of the consensus
sequences. This domain is rich in Lys and Arg, in contrast
to the remainder of the S-layer where these residues are quite
sparse. As shown in Figure 2, the majority of the predicted
tryptic peptides from Leu1003 onwards are smaller than about
40 residues, and are thus well suited to electrospray tandem
mass spectrometry (ES-MS/MS) whereas many of those in
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Table 1: Glycopeptides observed in LC-MS/MS analyses of proteolytic digests of the S-layer from S. acidocaldarius. Tryptic glycopeptides
are designated T24, T26 and so forth based on the in silico digest shown in Figure 2. Two chymotryptic glycopeptides derived from the
C-terminal domain of the S-layer are designated C-1 and C-2.

Glycopeptides
designation

Peptide
Residues

Theoretical Peptide
[M + H]+

Observed
glycopeptide

(m/z)

Deduced
glycopeptide

[M + H]+
Glycan Modification

T24 1004–1035 3566.00 [1561.5]3+ 4682.5 Hex3HexNAc2Qui (SO3
−)

[1507.5]3+ 4520.5 Hex2HexNAc2Qui (SO3
−)

[1377.7]3+ 4131.2 Hex1HexNAc2

[1256.4]3+ 3767.2 HexNAc1

T26 1048–1079 3484.82 [1151.6]4+ 4603.4 Hex3HexNAc2Qui (SO3
−)

[1111.3]4+ 4442.2 Hex2HexNAc2Qui (SO3
−)

[1014.1]4+ 4053.0 Hex1HexNAc2

T28 1093–1114 2141.22 [1087.3]3+ 3259.9 Hex3HexNAc2Qui (SO3
−)

[1033.2]3+ 3097.7 Hex2HexNAc2Qui (SO3
−)

[904.0]3+ 2710.0 Hex1HexNAc2

T30 1181–1198 1855.00 [992.2]3+ 2974.6 Hex3HexNAc2Qui (SO3
−)

[938.1]3+ 2811.0 Hex2HexNAc2Qui (SO3
−)

[809.0]3+ 2425.0 Hex1HexNAc2

T31 1228–1281 5445.19 [1537.0]5+ 7681.0 [Hex3HexNAc2Qui (SO3
−)]2

T34 1272–1288 1980.04 [1033.5]3+ 3098.6 Hex3HexNAc2Qui (SO3
−)

[979.5]3+ 2936.5 Hex2HexNAc2Qui (SO3
−)

[904.2]3+ 2709.5 Hex2HexNAc2

[850.1]3+ 2548.4 Hex1HexNAc2

T37 1364–1395 3407.85 [1509.7]3+ 4526.3 Hex3HexNAc2Qui (SO3
−)

[1325.7]3+ 3976.2 Hex1HexNAc2

C-1 1374–1395 2320.09 [1146.6]3+ 3437.8 Hex3HexNAc2Qui (SO3
−)

C-2 1164–1178 1582.71 [1350.6]2+ 2700.2 Hex3HexNAc2Qui (SO3
−)

[1075.6]2+ 2150.2 Hex1HexNAc2

500

290
240

160

116

97

66

55

40

Figure 3: SDS PAGE gel of the S. acidocaldarius S-layer showing the
band that was cut out for in-gel digestion.

the N-terminal domain are much larger and are therefore
expected to be far less tractable to proteomic analysis.
We decided, therefore, to focus our efforts on defining
glycosylation in the C-terminal domain by performing nano-
LC-MS/MS analyses of in-gel tryptic digests (Figure 3) of the
S-layer and manually searching the resulting MS/MS data
for potential C-terminal glycopeptides. First, we identified
spectra containing fragment ions suggesting the presence of
sugars. Then, promising MS/MS data were examined for the
presence of peptide sequence ions that could be attributed to
predicted tryptic peptides in the C-terminal domain. Finally,
glycopeptide structures were deduced taking into account
likely peptide and glycan compositions, the latter assignment
being assisted by knowledge of the glycan on the cytochrome
b558/566 of S. acidocaldarius (Figure 1). Additionally, all the
mass spectra acquired in, and adjacent to, the elution
windows of the identified glycopeptides were examined for
evidence of molecular ions consistent with glycoforms whose
abundance and/or m/z values had precluded their selection
for MS/MS analysis by the automatic software. The results of
these analyses are presented in the following sections.



6 Archaea

Pe
pt

id
e

Pe
pt

id
e

SO3
−

−Hex

1018.62

Mass (m/z)

1014.07

1034.57
1071.31 1090.64

1111.59

1151.09

1136.68

4+ 4+

4+

100

50

1000 1040 1080 1140 1180

In
te

n
si

ty
(%

)

Figure 4: Summed mass spectra recorded between 46 and 52 min
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1014.07, 1111.59 and 1151.09 are molecular ions of glycopeptides of
sequence GAGVVEFLLTAYPYTGNITFAPPWFIAENVVK carrying
the glycans shown in the annotations. Unassigned signals are
molecular ions of peptides from elsewhere in the S-layer.

3.2. Evidence That T-26 and T-24 Are Glycosylated. Following
on-line nano-LC-ES-MS analysis of the S-layer tryptic digest
and manual interpretation of the resulting data, a number
of multiply charged molecular ions were observed whose
product ion spectra were indicative of peptide glycosylation.
Once recognised, related glycoforms were identified by
summation across the appropriate nano-LC elution time.
The summed mass spectrum of components eluting between
46 and 52 min is shown in Figure 4. The signals labelled with
their charge states (4+) are glycopeptides corresponding to
the tryptic peptide T-26 of sequence GAGVVEFLLTAYPYT-
GNITFAPPWFIAENVVK (see Figure 2 for designation of
tryptic peptides). The [M + 4H]4+ signals at m/z 1151.09
and 1014.07 were automatically selected for MS/MS, and
the resulting spectra are shown in Figure 5. Both are rich
in peptide fragment ions that confirm the sequence. Both
also are dominated by sugar fragment ions in the low mass
region which are diagnostic for HexNAc (m/z 138, 168,
186, and 204) and for HexNAc (204) plus a 226 increment
(m/z 430). The latter increment is identical to the mass
of the unusual sugar in the S. acidocaldarius cytochrome
b558/566 glycan (Qui-sulfonate, Figure 1). The molecular
weights of the quadruply charged signals at m/z 1151.09
and 1014.07 (4600.36 Da and 4052.28 Da) correspond to
the molecular weights of the peptide (3483.82 Da) plus
a Hex3HexNAc2QuiS hexasaccharide and a Hex1HexNAc2

trisaccharide, respectively. The former is consistent with
the glycan composition characterised previously for S.
acidocaldarius cytochrome b558/566 (Figure 1). The signal at
m/z 1111.59 was not selected for MS/MS but its m/z value
is consistent with this component having one fewer hexose
than m/z 1151.09 (Figure 4). Without MS/MS data, we are
not able to determine whether Glc or Man are absent from
the glycan. It is interesting that we do not observe a molecular
ion corresponding to Hex2HexNAc2.

We observed similar patterns for all the other tryptic
glycopeptides, although there was some variation in relative
abundances, particularly of minor components. Some sites
had significant amounts of glycans that were truncated to
a single GlcNAc. An example is shown in Figure 6, which
is the tryptic glycopeptide T-24 having the sequence LLNL-
NVQQLNNSILSVTYHDYVTGETLTATTK. Triply charged
[M + 3H]3+ molecular ions are observed at m/z 1256.38,
1378.09, 1507.44 and 1561.45 corresponding to glycans of
composition HexNAc, Hex1HexNAc2, Hex2HexNAc2QuiS,
and Hex3HexNAc2QuiS, respectively. The MS/MS data con-
firmed the identity of the peptide T-24 (data not shown).
For this glycopeptide a relatively abundant ion for the
glycopeptides truncated to a single HexNAc was observed
(m/z 1256.4). This was not a significant glycoform in the case
of T-26.

3.3. All Observed Consensus Sequences in the C-Terminal
Domain Are Glycosylated. Using the same logic as applied
to T-26 and T-24 (see above) we unambiguously identified
all the remaining tryptic peptides in the C-terminal domain
with the exception of T-29. This is a 66 residue peptide
having three consensus sequences (A1115SVYY. . .SSLTK1180)
and is likely to be too large for the ES-MS experiment.
The identified glycopeptides are shown in Table 1 which
summarises the m/z values and compositions for glyco-
forms observed by ES-MS. In an attempt to identify the
consensus sites falling within the T-29 tryptic glycopeptide
we carried out a chymotryptic digestion. This is not an
ideal enzyme for glycoproteomics because it cleaves relatively
nonspecifically at large hydrophobic residues as well as at
aromatic residues. Hence it yields a very complex digest and
consequently the MS and MS/MS data are an enormous
challenge for manual interpretation. Fortunately, however,
two useful sets of glycopeptide data from the C-terminal
domain of the S-layer were revealed by manual inspection.
Firstly high quality spectra were found for the C-terminus
itself (AGGPVLSEYPAQLIFTNVTLTQ; designated C-1 in
Table 1), which includes the consensus sequence at Asn1390.
MS/MS results (not shown) confirmed the major glycoform
was the same as that assigned in the tryptic digest (Table 1)
where our evidence had been confined to MS data only. More
usefully the chymotryptic digest gave data corresponding
to a glycopeptide of sequence TIVPNNTVVQIPSSL which
spans the consensus site at Asn1168 within T-29 (designated
C-2). Once again the glycan profile was similar to other
observed sites with the hexa- and trisaccharides being the
most abundant components (Table 1).

3.4. Sugar Analysis Confirms Man, Glc, and GlcNAc Content.
The S. acidocaldarius S-layer was analysed for its sugar
composition by GC-MS of trimethylsilyl (TMS) methyl
glycoside derivatives and the data are shown in Table 2.
Consistent with both the MS data described earlier, and
the structure reported by Zähringer and colleagues [7], the
analysis showed Man, Glc, and GlcNAc as the only observable
sugars. No GalNAc was present, confirming the chitobiose
core sequence. The Man:Glc ratio is consistent with the
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Table 2: GC-MS analysis of TMS methyl glycoside sugar derivatives obtained from S. acidocaldarius S-layer glycoprotein. Note that for
experimental reasons GlcNAc recoveries are always poor in sugar analysis experiments. We consider it likely that this is the reason for the
GlcNAc:Mannose ratio being much lower than expected from the LC-ES/MS/MS data, although we cannot rule out the possibility that other
mannose-containing polymers are present in the sample.

Elution time
(min)

Characteristic
fragment ions

Assignment Relative
amounts

12.85 204, 217, 305, 361 Man 1

14.62 204, 217, 305, 361 Glc 0.38

18.04 173, 259, 314 GlcNAc 0.22
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Figure 6: Summed mass spectra of T24 recorded between 48.5
and 50.6 min from an on-line nanoLC-ES-MS/MS analysis of an
in-gel tryptic digest of the S-layer. The triply charged signals at
m/z 1256.38, 1378.09, 1507.28, and 1561.45 are molecular ions
of glycopeptides of sequence LLNLNVQQLNNSILSVTYHDYVT-
GETLTATTK carrying the glycans shown in the annotations.
Unassigned signals are molecular ions of peptides from elsewhere
in the S-layer.

mixture of glycans that we found in the glycoproteomics
experiments. The unusual quinovose sugar was not observed
because sulfonated sugars are not recovered under the
experimental conditions used for sugar analysis.

4. Discussion

In this study we have employed glycoproteomic methodolo-
gies to map the C-terminal domain of the S. acidocaldarius S-
layer, spanning residues L1004-Q1395. This domain has eleven
potential N-linked glycosylation sites, nine of which we have
shown to be glycosylated (Figure 7), including Asn1390 which
is only six residues from the C-terminus. The two sites
which were not identified, Asn1120 and Asn1154, fall within
a 66 residue tryptic peptide (T-29) that has three consensus
sequences, the third of which (Asn1168) was found to be
occupied via analysis of a chymotryptic digest of the S-layer.
Unfortunately the other two sites were not revealed by this
digest. It is noteworthy that we were successful in obtaining
good quality data on T-31, which is a 54 residue tryptic
glycopeptide carrying two N-glycans (see Figure 7 and

Table 1) whose size is not very different from the predicted
value for monoglycosylated T-29. We think it is likely,
therefore, that our failure to detect signals attributable to the
T-29 glycopeptide is probably due to either or both Asn1120

and Asn1154 being glycosylated, in addition to Asn1168, thus
moving this glycopeptide outside the observable m/z range
of the glycoproteomics experiment. Irrespective of whether
these two sites are indeed occupied, the glycosylation density
in the C-terminal domain is quite remarkable, averaging one
glycosylation site for each stretch of 30–40 residues.

Each of the observed glycosylation sites was found to
be heterogeneously glycosylated with a family of glycans,
the largest of which has a composition consistent with
it having the sequence of the tribranched hexasaccharide
found in cytochrome b558/566 of S. acidocaldarius (Figure 1,
[7]). The other members of the family appear to be
biosynthetic precursors of this glycan. The most abundant
is Man1GlcNAc2 (see annotations on Figures 4 and 6). In
addition, a nonextended GlcNAc is a minor component at
some sites (Figure 6), and a pentasaccharide lacking one of
the hexoses of the mature glycan was also observed (Figures
4 and 6). Interestingly Man2GlcNAc2 was only observed as
a very minor component at a single site (T-34, Table 1),
suggesting that either the second mannose is added after the
6-sulfoquinovose, or addition of the latter is rapid compared
with the second mannosylation. It is not surprising that the
S-layer and the cytochrome share a glycan sequence because
conservation of N-glycosylation within a species appears to
be characteristic of Archaea [24]. Moreover, the presence of
a family of biosynthetically related glycans is not unexpected
since the S-layer of H. volcani exhibits a similar phenomenon
[27].

With the exception of the two halophiles described in
the Introduction, whose glycans are linked via glucose, all
known archaeal glycans are attached to Asn via GalNAc or
GlcNAc. Interestingly, S. acidocaldarius is the only species
characterized so far whose glycans are linked via chitobiose
(GlcNAcβ1-4GlcNAc), the core disaccharide shared by the
N-linked glycans of Eukarya. Moreover the tribranched
topology of the Sulfolobus glycan is reminiscent of eukaryotic
glycans which are usually multiantennary.

Sulfolobus spp. are developing into model organisms
for studies on Eukarya-like mechanisms of transcription,
translation, and cell division, and the vast amount of
recently established genetic tools now make these organisms
a prime choice to study these phenomena. The glycan
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Figure 7: Sequence of the C-terminal domain of the S-layer which was mapped in the glycoproteomics experiments. Consensus sites (in
bold) which were shown to be glycosylated are underlined.

structural information reported in this paper will facilitate
the application of genetic tools to the elucidation of the
N-glycosylation pathway in S. acidocaldarius. It will be
very interesting to establish whether the commonalities in
core structure between the glycans of S. acidocaldarius and
those of Eukarya are mirrored in the biosynthetic pathways.
Moreover, identification of the glycosylation enzymes of
S. acidocaldarius could lead to interesting biotechnological
applications.
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In Haloferax volcanii, AglD adds the final hexose to the N-linked pentasaccharide decorating the S-layer glycoprotein. Not knowing
the natural substrate of the glycosyltransferase, together with the challenge of designing assays compatible with hypersalinity, has
frustrated efforts at biochemical characterization of AglD activity. To circumvent these obstacles, an in vivo assay designed to
identify amino acid residues important for AglD activity is described. In the assay, restoration of AglD function in an Hfx. volcanii
aglD deletion strain transformed to express plasmid-encoded versions of AglD, generated through site-directed mutagenesis at
positions encoding residues conserved in archaeal homologues of AglD, is reflected in the behavior of a readily detectable reporter
of N-glycosylation. As such Asp110 and Asp112 were designated as elements of the DXD motif of AglD, a motif that interacts with
metal cations associated with nucleotide-activated sugar donors, while Asp201 was predicted to be the catalytic base of the enzyme.

1. Introduction

Although the presence of N-glycosylated proteins in Archaea
has been known for over 30 years [1], the pathways responsi-
ble for this posttranslational modification have only recently
been addressed. In Methanococcus voltae, Methanococcus
maripaludis, and Haloferax volcanii, products of the agl
genes have been shown to participate in the assembly of
oligosaccharides decorating various glycoproteins in these
species [2–4]. At present, however, apart from the oligosac-
charyltransferase, AglB [5–7], virtually nothing is known
of the catalytic workings of the different Agl proteins. Of
the Hfx. volcanii Agl proteins identified to date, at least
five (i.e., AglD, AglE, AglG, AglI, and AglJ) are predicted
to act as glycosyltransferases (GTs), enzymes that catalyze
the formation of glycosidic bonds through the transfer of
the sugar moieties from nucleotide-activated saccharides to
appropriate targets [8].

Based on their amino acid similarities, GTs can be
classified into 91 family groups (http://www.cazy.org/fam/
acc GT.html; January, 2009), varying in size and number of

functions fulfilled by family members [9, 10]. Furthermore,
the different GT families can be clustered based on whether
the canonical GT-A or GT-B fold is employed and whether
sugar stereochemistry is retained or inverted upon addition
of a glycosyl donor [11]. Still, the ability to predict the
function of a given GT or to define its catalytic mechanism
remains a challenge. This is particularly true in the case
of the GT2 family, an ancient group of GT-A fold-bearing
GTs containing over 10,000 members derived from various
sources and serving at least 12 distinct functions [11, 12].
Like all GT-A fold-bearing GTs, GT2 family members con-
tain a DXD signature motif, shown to interact with a divalent
cation (usually Mg2+ or Mn2+) that facilitates the leaving of
the nucleoside diphosphate group of a nucleotide-activated
sugar donor as part of the SN2-like displacement mechanism
believed to be employed by these enzymes [11, 13–17]. The
DXD motif also serves to divide the GT-A fold into two
portions. The N-terminal portion, containing the sequence
that assigns the protein to the GT2 family [18], binds the
nucleotide-activated sugar donor [19–22]. By contrast, the
C-terminal portion is highly variable and generally serves
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to recognize the acceptor [17]. Despite such variability,
the C-terminal portion of GT2 family members includes
a conserved Asp or Glu residue that presumably serves as
the catalytic base, thought to assist in the protonation of
the nucleophilic hydroxyl group of the acceptor saccharide
[11, 21, 23–25].

The GT2 glycosyltransferase family includes Hfx. volcanii
AglD, previously shown to participate in adding the final
hexose to the pentasaccharide comprising two hexoses, two
hexuronic acids, and a methylated ester of hexuronic acid
decorating at least two sequons of the S-layer glycoprotein
[26, 27]. However, due to the fact that its natural substrates
have yet to be defined and the challenge of devising in vitro
assays for haloarchaeal enzymes due to their hypersaline
requirements, little is known of the catalytic workings of
AglD. Towards remedying the situation, an in vivo approach
has been developed in which the ability of plasmid-encoded
versions of AglD, modified through site-directed mutagene-
sis, to restore the absent function to an aglD deletion strain,
was tested. Results obtained employing this novel assay point
to Asp110-Thr111-Asp112 as corresponding to the DXD
motif and Asp201 as corresponding to the catalytic base of
Hfx. volcanii AglD.

2. Methods

2.1. Strains and Growth Conditions. The Hfx. volcanii back-
ground strain WR536 (H53) and the same strain deleted
for aglD were grown in complete medium containing
3.4 M NaCl, 0.15 M MgSO4·7H20, 1 mM MnCl2, 4 mM KCl,
3 mM CaCl2, 0.3% (w/v) yeast extract, 0.5% (w/v) tryptone
and 50 mM Tris-HCl, pH 7.2, at 42◦C [28]. A complete
description of the aglD deletion strain and the protocol used
to delete the gene have been previously published [5].

2.2. In Vivo AglD Assay. To assay AglD activity, Hfx. volcanii
cells deleted of aglD [5] were transformed to express
plasmid-encoded versions of AglD that included an N-
terminally fused Clostridium thermocellum cellulose-binding
domain (CBD) [29]. To introduce nonnative residues into
AglD, the plasmid-encoded version of aglD (GenBank acces-
sion number CAM91696.1) was modified by site-directed
mutagenesis. Restoration of AglD function lost as a result
of deletion of the genomic copy of the encoding gene
was determined by the ability of the transformed cells to
reverse the enhanced SDS-PAGE migration of the S-layer
glycoprotein and loss of PAS glycostaining of the same
reporter, that is, novel traits of the S-layer glycoprotein that
appeared in cells lacking AglD.

2.3. Site-Directed Mutagenesis. Mutated versions of aglD
were generated by site-directed mutagenesis using the
Quikchange (Stratagene) protocol, performed according
to the manufacturer’s instructions, with plasmid pWL-
CBD-AglD, encoding CBD-AglD [29], serving as template.
Oligonucleotide primers used to introduce the various muta-
tions are listed in Supplementary Table 1 (available online
at doi:10.1155/2010/315108). The introduction of mutations

was confirmed by sequencing, performed both before and
following introduction of plasmid-encoded mutated aglD
into Hfx. volcanii.

2.4. Other Methods. Periodic acid-Schiff (PAS) reagent glyco-
protein staining was performed as described previously [30].
Immunoblots were performed using polyclonal antibodies
raised against the C. thermocellum CBD (obtained from Ed
Bayer, Weizmann Institute of Science; 1 : 10,000). Antibody
binding was detected using goat antirabbit horseradish
peroxidase-(HRP-) conjugated antibodies (1 : 4000, BioRad,
Hercules, CA) and an ECL-enhanced chemiluminescence kit
(Amersham, Buckingham, UK).

3. Results

3.1. AglD Activity in AglD-Deleted Hfx. volcanii Cells Is
Restored Upon Complementation with Plasmid-Encoded AglD.
As a first step towards describing AglD function, efforts were
directed at creating an assay to allow for characterization of
the activity of the enzyme. Accordingly, cells deleted of the
encoding gene were transformed with a plasmid encoding a
version of the protein designed to include an N-terminally
fused Clostridium thermocellum cellulose-binding domain
(CBD) [29]. As previously reported [29], an 85 kDa band,
corresponding to the predicted molecular mass of the 17 kDa
CBD moiety and the 68 kDa AglD protein, was expressed
in the transformed cells and recognized in an immunoblot
using antiCBD antibodies (not shown).

Deletion of aglD results in the absence of the final hexose
of the pentasaccharide decorating the Hfx. volcanii S-layer
glycoprotein [26]. As such, the S-layer glycoprotein in the
deletion strain migrates faster in SDS-PAGE than does the
native protein in the background strain [5]. Moreover, the
S-layer glycoprotein is not recognized by PAS glycostain in
the mutant strain. However, as reflected in Figure 1, the
S-layer glycoprotein from cells of the aglD-deleted strain
transformed to express CBD-tagged AglD migrated to the
same position as did the protein from the background strain
and was similarly PAS-stained. As such, complementation
of Hfx. volcanii cells lacking aglD with an AglD-encoding
plasmid restores the absent activity to the deletion strain.

To demonstrate the involvement of a given AglD residue
in the activity of the enzyme, the return of AglD activity to
the aglD deletion strain, upon introduction of a plasmid-
encoded version of AglD modified at the amino acid
position in question, was assessed. In these experiments,
the SDS-PAGE migration of the S-layer glycoprotein from
cells of the background strain, from cells deleted of aglD,
and from AglD-lacking cells transformed to express select
mutant AglD proteins was addressed. In addition, the S-
layer glycoprotein in each of the three populations of Hfx.
volcanii cells was subjected to PAS glycostaining. While this in
vivo approach cannot distinguish between residues necessary
for catalytic activity from those important for proper AglD
folding, it, nonetheless, offers a facile route for identifying
important AglD residues until such time as AglD activity can
be directly assayed in vitro.
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bkgnd ΔaglD
ΔaglD/
CBD-aglD

CBB

PAS

Figure 1: aglD-complemented Hfx. volcanii cells regain the ability
to properly glycosylate the S-layer glycoprotein. The protein
contents of cells of the WR536 background strain (bkgnd), the
same strain deleted of aglD (ΔaglD) or the AglD-lacking strain
transformed with a plasmid encoding CBD-AglD (ΔaglD/CBD-
aglD) were separated by 5% SDS-PAGE and the S-layer glycoprotein
was detected by Coomassie stain (CBB) or periodic acid-Schiff
(PAS) reagent. In the presence of CBD-AglD, the migration and
positive glycostaining of the S-layer glycoprotein are as observed in
the background strain.

3.2. Identification of Conserved AglD Residues. To select
candidate residues for site-directed mutagenesis, the Hfx.
volcanii AglD sequence was aligned with selected homol-
ogous archaeal sequences using ClustalW (http://www
.ebi.ac.uk/Tools/clustalw2/index.html). It should be noted,
however, that it is not yet known whether the various
homologues considered indeed catalyze the same reaction as
does Hfx. volcanii AglD. Indeed, it remains to be confirmed
that N-glycosylation occurs in all of the species listed.
Nonetheless, such alignment revealed the presence of a
stretch of amino acids in the N-terminal region of AglD
showing substantial overlap with similarly situated regions
in the various archaeal homologues considered (Figure 2).
In the Hfx. volcanii protein, this stretch corresponds to
the region between Asp110 and Glu203, a portion of the
protein previously localized to the cytoplasm [29] and
which includes seven residues absolutely conserved in the
sequences considered, namely, Asp110, Asp112, Asp133,
Arg139, Arg152, Asp173, and Gly177. Between Asp133 and
Arg139, between Trp198 and Glu203, and in the region
surrounding Asp173 and Gly177, several highly conserved
residues were also detected. To determine whether any of
these residues contribute to AglD function, the correspond-
ing aglD codons were modified by site-directed mutagenesis
using the primer pairs listed in Supplementary Table 1,
and the ability of plasmid-encoded versions of the mutant
proteins to restore AglD function in the aglD deletion strain
was considered.

3.3. The DXD Catalytic Motif of AglD Likely Comprises Asp110
and Asp 112. The GT-A fold found in GT2 family members
includes a DXD motif that contributes to the catalytic activity
of the enzyme [11, 13, 14, 16, 17]. Sequence alignment-based
examination of the Hfx. volcanii AglD sequence points to
Asp110-Thr111-Asp112 as comprising this motif (Figure 2).
To directly test this hypothesis, the site-directed mutagenesis
approach described above was enlisted. Figure 3 addresses
the effects of replacing either AglD Asp110 or Asp112
with other residues. Transformation of AglD-lacking cells to

express AglD D110A resulted in both the failure of plasmid-
encoded AglD to restore S-layer glycoprotein migration to
the position of this reporter in the background strain as
well as the lost ability of PAS glycostain to label the S-
layer glycoprotein. The same was true in cells transformed
to express AglD D110E, a mutation that retains the negative
charge at this position (Figure 3), or upon introduction of an
Asn residue at this position (not shown).

When AglD Asp112 of the plasmid-encoded protein was
replaced with an Asn, no recovery of AglD function in
the transformed aglD deletion strain was realized, reflected
in the inability of cells expressing the mutated version of
AglD to restore SDS-PAGE migration and PAS glycostaining
of the S-layer glycoprotein, as realized in the background
strain (Figure 3). By contrast, transformation of the deletion
strain to express AglD D112E led to a restoration of SDS-
PAGE migration of the S-layer glycoprotein to the position
seen in background cells but only a partial recovery (6% ±
0.5% (standard deviation), n = 3) of PAS glycostaining
(Figure 3).

The importance of Asp110 and Asp112 for Hfx. volcanii
AglD activity points to these two residues as comprising
the DXD motif found in GT-A fold-bearing GTs. However,
while the Asp residue at position 110 is apparently essential
for activity, the presence of Glu at position 112 yields
a functional enzyme that apparently acts differently from
the native enzyme, as reflected in the limited PAS staining
detected with this mutant.

3.4. Asp201 Is Likely the Catalytic Base of AglD. In addition
to the DXD motif considered above, the activity of GT2
family members also relies on an Asp or Glu residue
found in the acceptor-binding domain of the protein. First
identified in the solved three-dimensional structure of
Bacillus subtilis SpsA as Asp191 [20], this residue and its
equivalents in other GTs are thought to serve as the base
catalyst in the direct displacement mechanism apparently
employed by these enzymes [11, 20]. To identify the Hfx.
volcanii AglD equivalent of B. subtilis SpsA Asp191, the
sequence of the soluble region of AglD (residues 1–259)
was aligned with the sequence of B. subtilis SpsA, as well as
with those of the other GT2 enzymes where the functional
equivalent of B. subtilis SpsA Asp191 is known, namely,
Sinorhizobium meliloti ExoM and Salmonella enterica WbbE.
Earlier site-directed mutagenesis efforts had revealed ExoM
Asp187 and WbbE Glu180 to serve the same role as SpsA
Asp191 [21, 22]. Tcoffee (http://tcoffee.vital-it.ch/cgi-bin/
Tcoffee/ tcoffee cgi / index.cgi? stage1=1anddaction=TCOF-
FEE::Regular) aligned AglD Asp201 with SpsA Asp191,
ExoM Asp187 and WbbE Glu180. The MAFFT program
(v6.531b; http://www.ebi.ac.uk/Tools/mafft/index.html) also
aligned AglD Asp201 with the same SpsA, ExoM and
WbbE residues. On the other hand, alignment of archaeal
homologues of Hfx. volcanii AglD using the ClustalW
(Figure 2), Tcoffee or MAFFT programs revealed that
AglD Asp173 but not Asp201 is conserved. In all cases, the
programs consulted were used with their default settings.

As a next step towards identifying the AglD equivalent
of SpsA Asp191, the importance of Asp173, Asp195, and
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Figure 2: Conserved residues in archaeal AglD proteins. The sequences of Hfx. Volcanii AglD (accession number AM698042) and
AglD homologues in Archaeoglobus fulgidus (NP 069415.1; Aful), Aeropyrum pernix (NP 147774.1; Aper), Haloarcula marismortui
(YP 136461.1; Hmar), Halobacterium sp. NRC-1 (NP 279416.1; HNRC), Haloquadratum walsbyi (YP 657261.1; Hwal), Methanosarcina
acetivorans (NP 618739.1; Mace), Methanosarcina barkeri (YP 304067.1; Mbar), Methanospirillum hungatei (YP 503949.1; Mhun),
Methanopyrus kandleri (NP 614163.1; Mkan), Metallosphaera sedula (YP 001191894; Msed), Natronomonas pharaonis (YP 326773.1;
Npha), Pyrococcus abyssi (NP 127133.1; Paby), Picrophilus torridus (YP 024256.1; Ptor), Sulfolobus solfataricus (NP 342803.1; Ssol),
Thermococcus kodakarensis (YP 182777.1; Tkod), and Thermoplasma volcanium (NP 111403.1; Tvol) were aligned by ClustalW2
(www.ebi.ac.uk/Tools/clustalw2/index.html), using the default settings. The region of the highest similarity is shown. Completely conserved
residues are shown against a black background, while largely conserved residues (i.e., similar residues conserved in at least 11 sequences) are
shown against a grey background. Amino acid numbers are shown at the start and end of each sequence. Asterisks are placed under Hfx.
volcanii AglD D110, D112, R139, D173, D195, and D201 (see text for details).
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Figure 3: Hfx. volcanii AglD Asp110 and Asp112 residues likely participate in the GT2 DXD motif involved in the catalytic activity of the
enzyme. Site-directed mutagenesis was performed to generate CBD-AglD containing mutations of Asp110 (left column) or Asp112 (right
column), as listed on the left of each panel. For each mutant, the upper and lower panels, respectively, show the Coomassie- and PAS-
stained S-layer glycoprotein from the background strain (lanes 1 and 5), from the aglD deletion strain (lane 2), from the aglD deletion strain
complemented with a plasmid encoding CBD-AglD (lane 3), or from the aglD deletion strain complemented with a plasmid encoding CBD
fused to mutated AglD (lane 4).

Asp201 for AglD activity was considered by site-directed
mutagenesis.

Transformation of Hfx. volcanii ΔaglD cells with a
plasmid encoding AglD D173E (Figure 4) did not restore
the SDS-PAGE migration or glycostaining of the S-layer
glycoprotein. However, as these S-layer glycoprotein traits

were fully restored in cells expressing AglD D173N, it would
appear that the conserved Asp173 does not serve as the
catalytic base of the enzyme but is likely important for AglD
structure. This idea may be supported by the observation
that the D173A mutant could not be expressed (not shown).
The importance of Asp195, another somewhat conserved
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Figure 4: Hfx. volcanii AglD Asp201 is apparently the catalytic base of the enzyme. Site-directed mutagenesis was performed to generate
CBD-AglD containing mutations of Asp173 (upper left column), Asp195 (lower left column), and Asp201 (right column), as listed on the
left of each panel. For each mutant, the upper and lower panels, respectively, show the Coomassie- and PAS-stained S-layer glycoprotein from
the background strain (lanes 1 and 5), from the aglD deletion strain (lane 2), from the aglD deletion strain complemented with a plasmid
encoding CBD-AglD (lane 3), or from the aglD deletion strain complemented with a plasmid encoding CBD fused to mutated AglD (lane
4).

Asp residue in this region, was also considered. Hfx. volcanii
ΔaglD cells transformed to express AglD D195A (Figure 4)
or D195E (not shown) readily replaced the actions of the
missing enzyme, showing that the Asp at this position is
not necessary for AglD activity. By contrast, if the aglD-
deleted strain was transformed to express AglD D201A or
D201N, SDS-PAGE migration and glycostaining of the S-
layer glycoprotein were as observed in cells lacking native
AglD (Figure 4). When, however, Hfx. volcanii ΔaglD cells
were transformed to express the D201E mutant, the S-
layer glycoprotein behaved as in the background strain
(Figure 4). These results thus point to Asp201 as being
the catalytic base of AglD and the functional equivalent
of SpsA Asp191. Furthermore, as is the case with other
GT2 family members [22], Asp201 can be replaced by
Glu.

Homology modeling of Hfx. volcanii AglD residues
Asp110-Asp112, Asp173, Asp195, and Asp201, based on the
available three-dimensional structural of B. subtilis SpsA
[20], further supports the assignment of AglD D201 as
being equivalent to subtilis SpsA Asp191. As reflected in
Figure 5, considerable overlap in term of both position and
orientation exists between AglD D201 and B. subtilis SpsA
Asp191. The same cannot be said for either AglD Asp173 or
Asp195.

3.5. The Conserved Arg139 Residue Is Needed for AglD Activity.
Hfx. volcanii AglD and its archaeal homologues also contain
several other fully conserved residues in that part of the
soluble N-terminal region under consideration in this study.
The contribution of these residues, as well as that of their
neighbors, was next considered. Complementation of ΔaglD
Hfx. volcanii cells with plasmid-encoded AglD R139A failed
to restore either S-layer glycoprotein migration in SDS-
PAGE or the ability of PAS glycostain to label this reporter
(Figure 6). The same was true in cells expressing AglD
R139E, R139K or R139M (not shown). Thus, AglD Arg139
is apparently essential for enzyme activity. By contrast,
complementation of AglD-lacking Hfx. volcanii cells with
plasmid-encoded AglD D133A or G177A restored S-layer
glycoprotein SDS-PAGE migration to that observed for the
native protein, although less S-layer glycoprotein is detected
in the cells expressing AglD D133A. The significance of this
observation is not clear. In addition, the S-layer glycoprotein
in both AglD D133A- and G177A-expressing cells could
be glycostained (Figure 6). As such, although conserved in
Hfx. volcanii AglD and its archaeal homologues, Asp133
and Gly177 do not appear to be essential for the catalytic
workings of the enzyme. Similarly, the introduction of
CBD-tagged AglD G137A, S138A, Q175A, C176A, F178A
or K179A mutants into Hfx. volcanii ΔaglD cells led to a
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Figure 5: Homology modeling of Hfx. volcanii AglD residues based on the available three-dimensional structure of B. subtilis SpsA.
Structural modeling was performed by using the SWISS-MODEL program (http://swissmodel.expasy.org/) and visualized using PyMol
(http://www.pymol.org/). B. subtilis SpsA Thr97, Asp98, Asp99, and Asp191 are shown in blue, while Hfx. volcanii AglD Asp110, Thr111,
Asp112, Asp173, Asp195, and Asp 201 are shown in brown. The ribbon diagram in the background corresponds to the three-dimensional
structure of SpsA [20]. The RMS value, reflecting the quality of the homology modeling, is 0.61 angstroms.

restoration of AglD activity, indicating that none of these
residues contribute to the reaction catalyzed by the enzyme
(not shown).

Finally, to eliminate the possibility that the inability of
certain plasmid-encoded versions of the protein to restore
absent AglD activity was due to poor or no expression, the
level of each CBD-AglD considered in this study was assessed
by immunoblot using antiCBD antibodies (Figure 7).

4. Discussion

When one considers that Nanoarchaeum equitans, the
archaeon containing the smallest genome identified to date
[31, 32], encodes only 3 GTs, namely, one member of the
GT2 family and two members of the GT4 family [33], it
is fair to say that analysis of archaeal GTs can provide
unique insight into the evolution of such enzymes, as well
as adding to our comprehension of protein processing in
extreme conditions. Despite such promise, only limited
experimental data on archaeal GTs involved in protein
glycosylation is presently available. The crystal structure of
Stt3/AglB from Pyrococcus furiosus, the sole component of
the archaeal oligosaccharyltransferase [5, 6], has been solved
[7], shedding new light on the workings of this central
component of the N-glycosylation machinery. Still, although
P. furiosus has been reported to contain glycoproteins [34],
the oligosaccharyltransferase in this species has been thus far

only demonstrated to modify an artificial substrate [7, 35].
Similarly, while both Thermoplasma acidophilum [36] and
Pyrococcus horikoshii [37] have been reported to contain
glycoproteins, the participation of biochemically character-
ized dolichyl phosphomannose synthases from these species
[37, 38] in protein glycosylation has yet to be demonstrated.
As such, the present analysis of Hfx. volcanii AglD represents
the first examination of a glycosyltransferase experimentally
verified as participating in the modification of an identified
archaeal glycoprotein, namely, the S-layer glycoprotein.

In the present study, sequence alignment was combined
with site-directed mutagenesis to identify AglD residues
important for the function of the enzyme, as reflected in
AglD-mediated modulation of the SDS-PAGE migration
and glycostaining of a reporter glycoprotein, the S-layer
glycoprotein. This approach assigned AglD Asp110, Thr111,
and Asp112 as the DXD motif typical of inverting GT-A fold-
bearing GTs. AglD Asp110 was shown to be essential for
catalytic activity, while a negative charge at position 112 was
deemed necessary. In the case of the AglD D112E mutant,
recovery of S-layer glycoprotein SDS-PAGE migration was
noted, yet the loss of PAS glycostaining associated with the
deletion strain was largely not restored. This could reflect
the generation of an enzyme possessing different activity
than that of the native protein, one that adds a different
sugar to the final position of S-layer glycoprotein-bound
pentasaccharide. Indeed, the failure of PAS glycostain to label
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Figure 6: The conserved Arg139 residue is needed for AglD activity,
unlike the conserved Asp133 or Gly177 residues. Site-directed
mutagenesis was performed to generate CBD-AglD containing
mutations of Asp133, Arg139, and Gly177, as listed on the left of
each panel. For each mutant, the upper and lower panels respec-
tively show the Coomassie- and PAS-stained S-layer glycoprotein
from the background strain (lanes 1 and 5), from the aglD deletion
strain (lane 2), from the aglD deletion strain complemented with a
plasmid encoding CBD-AglD (lane 3), or from the aglD deletion
strain complemented with a plasmid encoding CBD fused to
mutated AglD (lane 4).

the tetrasaccharide N-linked to the S-layer glycoprotein in
cells lacking AglD points to inability of this labeling reagent
to interact with certain sugar subunits. Moreover, within the
GT2 family (whose members include Hfx. volcanii AglD),
differences in the organization and importance of DXD motif
constituents exist. In the case of S. meliloti ExoM, where
the DXD motif includes Asp96 and Asp98, it was shown
that replacing the former with Ala completely eliminated
enzymatic activity, whereas the same replacement at position
98 only led to a 70% loss of activity [21]. In S. enterica
WbbE, where the DXD motif is expanded to include Asp93,
Asp95, and Asp96, it was shown that exchanging either
Asp93 or Asp96 with Ala abolished enzyme activity, while
the same replacement at Asp95 only reduced that activity
[22].

The site-directed mutagenesis approach developed here,
along with sequence alignment and homology modeling,
also indicate Asp201 as likely serving as the AglD catalytic
base. Just as the corresponding residue in S. enterica WbbE,
that is, Glu180, could be functionally replaced by Asp [22],
AglD D201E was also active. By contrast, replacing the
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Figure 7: Expression levels of the various versions of CBD-AglD.
Hfx. volcanii cells expressing the various AglD mutants considered
in this study were grown to OD550 1.0 and their protein contents
were separated on 10% SDS-PAGE. The CBD-AglD content of each
strain was subsequently assessed by immunoblot using polyclonal
antiCBD antibodies. Antibody binding was detected using HRP-
conjugated secondary antibodies and an enhanced chemilumines-
cence kit.

Asp187 catalytic base in S. mililoti ExoM led to a complete
loss of function [21]. Such nuances may be indicative of
differences in the donors and/or acceptors employed by
each enzyme or point to unique mechanistic traits. In addi-
tion, although conserved in the archaeal AglD homologues
examined in this study, Hfx. volcanii AglD Asp173 was
not assigned as the catalytic base of the enzyme, given its
functional replacement by a similarly sized Asn but not a
similarly charged Glu. Hence, it would appear that Asp173
is of structural, rather than catalytic, importance to AglD
activity. In addition to these residues, at least another Hfx.
volcanii AglD amino acid seems to be needed for enzyme
function, that is, Arg139. The AglD counterparts of other
residues shown to be important for the catalytic activity of
GT2 family members, such as S. meliloti ExoM Asp44 and
Asp96 [21], may also play a role in the activity of the archaeal
enzyme.

In conclusion, this paper describes an in vivo assay
designed to consider the contribution of various AglD
residues to the activity of the enzyme. In the assay, the ability
of plasmid-encoded versions of AglD, selectively mutated at
positions suspected of being important for enzyme function,
to restore both S-layer glycoprotein SDS-PAGE migration
and glycostaining affected in ΔaglD cells is assessed. In this
manner, Asp110, Asp112, and Asp201 were all determined as
being important for AglD activity, as was Asp139.
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