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This special issue is dedicated to the study of microbial
enzymes and their applications in various industries. The
biocatalytic uses for enzymes have grown immensely in
recent years since they are ecologically correct, have a high
specificity, present chemo-regio-enantio selectivity, and have
a wide diversity of reactions. Moreover, the conditions to
obtain and optimize the production of enzymes in terms
of nutrients, pH, temperature, and aeration are easily con-
trolled in bioreactors. Microorganisms can also be manip-
ulated genetically to improve the desirable characteristics
of a biocatalyzer. Additionally, the substrates used in the
cultural medium are sustainable and industrial residuals
can be used to produce value-added products. All these
characteristics together have encouraged the ever-growing
search for biocatalytic processes. The main industries that
apply microbial enzymes are the food, textile, leather, phar-
maceutical, cosmetics, fine chemicals, energy, biomaterials,
paper, cellulose and detergent industries. Immobilization
processes allow the reuse of these enzymes and increase
stability. The enzymes and the microorganisms themselves
have also been much used for bioremediation processes.

In this issue, the paper by B. Joseph et al. is about the
production of cold-active lipases by semisolid fermentation
and the paper by A. L. Willerding et al. is a study about lipases
obtained from microorganisms isolated from soils in the
Amazon. Studies with lipases immobilized for the synthesis
of isopropyl acetate and isopropyl ferulate are presented in
the papers by M. Lal Verma et al., A. Kumar and S. S. Kanwar,
respectively.

The results of cellulase production optimization studies
with cellulosic substrates and delignified Bambusa bambos
are presented in the papers by D. Deka et al. and A. Kuila et al.
The paper by R. C. Kuhad et al. is a review of the innumerous
industrial applications of the cellulases.

The papers entitled “Bioconversion of agricultural waste to
ethanol by SSF using recombinant cellulase from clostridium
thermocellum,” “Petroleum-degrading enzymes: bioremedia-
tion and new prospects,” and “Assessment of the morphological,
biochemical, and kinetic properties for Candida rugosa lipase

immobilized on hydrous niobium oxide to be used in the
biodiesel synthesis” are about enzymes and biofuels: the use of
a recombinant cellulase from Clostridium thermocellum for
the production of ethanol from agro-industrial residues, a
brief review on the role of enzymes that degrade oil, the use
and description of the properties of a Candida rugosa lipase
immobilized for the production of biodiesel.

The paper entitled “Laccase: microbial sources, production,
purification, and potential biotechnological applications” is a
review of the industrial applications of laccases, while the
“Isolation, purification, and characterization of fungal laccase
from Pleurotus sp.” and “Application of asymetrical and Hoke
designs for optimization of laccase production by the white-
rot fungus Fomes fomentarius in solid-state fermentation” are
studies on laccases from fungi and production optimization.
The paper by A. Arsenault et al. shows that a laccase from
Coriolopsis polyzona was insolubilized as cross-linked enzyme
aggregates (CLEAs) for the first time with chitosan as the
cross-linking agent. Also, within the laccase theme, the paper
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entitled “VoEnzyme-catalyzed oxidation of 17β-estradiol using
immobilized laccase from Trametes versicolor” is about the
oxidation of 17β-estradiol using immobilized laccase from
Trametes versicolor. The paper by M. Neifar et al. is about
the decolorization of Solophenyl red 3BL (SR), a polyazo
dye extensively used in the textile industry using a laccase-
mediator system. The last article about laccase, entitled
“Improved laccase production by Trametes pubescens MB 89
in distillery wastewaters,” is a study of its production by
Trametes pubescens using distillery wastewaters.

The paper by A. S. Galdino et al. describes the char-
acterization of amylases of the Cryptococcus flavus fungus
expressed in the yeast Saccharomyces cerevisiae. The paper by
I. Akpan et al. demonstrated the use of activated Charcoal in
order to recovery glucoamylase.

The paper by E. F. Ries and G. A. Macedo reports on
the improvement of phytase activity of a new strain of S.
cerevisiae using optimization statistics.

The paper by A. Flores-Maltos et al. describes the
catalytical properties of free and immobilized Aspergillus
niger tannase, and, in the paper by L. V. Rodrı́guez-Durán et
al., novel strategies for upstream and downstream processing
of tannin acyl hydrolase are described.

The paper by M. F. S. Teixeira et al. shows the improve-
ments that occur in cupuacu juice after treatment with crude
enzyme extract produced by Aspergillus japonicus 586 in
the food industry. The use of proteases with potential in
the food and animal feed industry are focused on in two
articles: the one by B. Tchorbanov et al. describes the use
of Lactobacillus LBL-4 proteases to remove the bitter taste of
proteinic hydrolysates, and the paper by A. M. Mazotto et
al. describes how strains of Bacillus sp. were used to ferment
feather flour so that it could be transformed into more
easily absorbed hydrolysates. And within the same theme, the
paper by F. C. Lopes et al. shows that a strain of Aspergillus
niger was able to grow in feather meal producing proteases
and keratinases.

Optimization of the proteases from Bacillus licheniformis
NCIM 2042 and the effect of different culture media on
Bacillus sp. isolated from soil sample of Lavizan Jungle Park
are focused on in the papers by B. Bhunia and A. Dey; L.
Jabalameli and A. A. Sepahy, respectively.

The xylanase enzymes are described in the paper by A.
A. Sepahy et al. that reports on the cost effective production
and optimization of this enzyme (alkaline xylanase) using
indigenous Bacillus mojavensis AG137 with agricultural
residues.

In the paper by K. Praveen et al., the lignolytic enzymes
of the mushroom Stereum ostrea, isolated from wood logs,
are described.

Naringinase (NGase) is an enzyme complex with high
potential for the pharmaceutical and food industries. The
paper by M. H. L. Ribeiro and M. Rabaça describes the
process of enzyme immobilization with cross-linked enzyme
aggregates (CLEAs). The enzymatic synthesis of the flavone
glucosides, prunin and isoquercetin, and the aglycones,
naringenin, and quercetin, with selective α-l-rhamnosidase
and β-D-glucosidase activities of naringinase is described in
the paper by H. Vila-Real et al.

In the paper by J. de A. Figueira et al., a set of supports
(Eupergit, Amberlite, alginate, gelatin, polyvinyl alcohol-
PVA-) based matrices (Lentikats), and sol-gel) for the immo-
bilization of a partially purified extract of β-glucosidase was
screened.

The paper by S. Ou et al. describes the production of
feruloyl esterase from Aspergillus niger by solid-state fermen-
tation using different substrates, and the paper by S. Shukla
and A. Goyal identifies the hyperproductive strains of glucan.

We believe that this special issue that gathers together
updated studies under the theme “Microbial Enzyme: Appli-
cations in Industry and in Bioremediation” offers an impor-
tant contribution to microbial enzyme studies, encom-
passing their production and optimization, immobilization
techniques and, industrial applications. We would like to
thank the collaboration of all the authors and the reviewers
for their analyses of the papers.

Alane Beatriz Vermelho
Claudiu T. Supuran

Jose M. Guisan
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The optimization of physiochemical parameters for alkaline protease production using Bacillus licheniformis NCIM 2042 were
carried out by Plackett-Burman design and response surface methodology (RSM). The model was validated experimentally and
the maximum protease production was found 315.28 U using optimum culture conditions. The protease was purified using
ammonium sulphate (60%) precipitation technique. The HPLC analysis of dialyzed sample showed that the retention time is
1.84 min with 73.5% purity. This enzyme retained more than 92% of its initial activity after preincubation for 30 min at 37◦C in
the presence of 25% v/v DMSO, methanol, ethanol, ACN, 2-propanol, benzene, toluene, and hexane. In addition, partially purified
enzyme showed remarkable stability for 60 min at room temperature, in the presence of anionic detergent (Tween-80 and Triton
X-100), surfactant (SDS), bleaching agent (sodium perborate and hydrogen peroxide), and anti-redeposition agents (Na2CMC,
Na2CO3). Purified enzyme containing 10% w/v PEG 4000 showed better thermal, surfactant, and local detergent stability.

1. Introduction

The protease is ubiquitous in nature. It is found in all living
organisms and required for cell growth and differentiation.
Alkaline proteases are one of the most important groups of
industrial enzymes. They are extensively used in leather,
food, pharmaceutical, textile, organic chemical synthesis,
wastewater treatment, and other industries [1]. Alkaline
proteases hold a major share of the enzyme market with two-
third share in detergent industry alone [2, 3]. Due to en-
hancement of such demand of proteases for specific prop-
erties, scientists are looking for newer sources of proteases.
For effective use in industries, alkaline proteases need to be
stable and active at high temperature and pH and in the
presence of surfactants, oxidizing agents, and organic sol-
vents [4–7]. Although there are many microbial sources
available for protease production, only a few are considered
as commercial producers [8]. Of these, species of Bacillus
dominate in the industry [9].

Only large-scale production of alkaline protease can
fulfill the demand and usefulness of the proteases in the

industry. In industry, microbial protease production was
carried out by fermentative process. It is necessary to
improve the yield of protease without increasing the process
cost through fermentative process. Rapid enzyme production
can be achieved by manipulation of media composition
and culture conditions. Thus, optimization of fermentation
conditions is the most important step in the development of
a cost-effective fermentation process [10]. In our previous
study, we reported partial characterization of serine protease
from Bacillus licheniformis NCIM 2042. Maximum enzyme
activity was found to be at pH 9.0, temperature 75◦C. The
enzyme was stable at 50◦C for 1 h, over a broad pH range
(6.0–12.0) and in the presence of H2O2, SDS, Triton X-100,
DMSO, methanol, ethanol, ACN, and 2-propanol [7].

In this study, a systematic and sequential optimization
strategy was applied to enhance the production of alkaline
protease from Bacillus licheniformis NCIM 2042. Screening of
the significant variables was carried out by 2-level fac-
torial designs using the Plackett-Burman design. Then,
optimization of the screened variables was carried out
by response surface methodology (RSM) for extracellular
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alkaline protease production from Bacillus sp. Furthermore,
various attempts have been made to enhance stability of
partial purified enzyme using different additives.

2. Materials and Methods

2.1. Chemicals and Analysis. Bradford Reagent (Sigma,
USA), bovine serum albumin (BSA) (Himedia, India),
Dialysis sacks (Sigma, USA), Methanol for HPLC (E-Merck,
Germany), Acetonitrile for HPLC (E-Merck, Germany),
Triton X-100 (E-Merck, Germany), 2-propanol (Merck,
India), benzene (Merck, India), toluene (Merck, India),
hexane (Merck, India), Tween-80 (Merck, India), PEG 4000
(Merck, India), PEG 600 (Merck, India), Trichloroacetic
acid (Merck, India), Mannitol (Himedia, India), Glycerol
(Himedia, India), SDS (Himedia, India), DMSO (Himedia,
India), and Casein (Himedia, India) were used in this study.
Water used for the HPLC analysis was prepared by Ultrapure
Water System (Arium, 611UF, Sartorius, Germany). All other
chemicals used were of analytical grade and commercially
available in India. The statistical software package “Design
Expert” 7.0.0 (Stat-Ease Inc., Minneapolis, USA) was used to
analyze the experimental design and the regression analysis
of the experimental data.

2.2. Microorganism and Seed Culture. The protease produc-
ing Bacillus licheniformis NCIM 2042 was procured from
NCL, Pune, India, and grown on nutrient agar slants at 37◦C
at pH 7.4. It was maintained by subculturing on nutrient
agar slants kept at pH 7.4. For production experiments, the
culture was revived by adding a loop full of pure culture into
50 mL of sterile nutrient broth (pH 7.4).

2.3. Protease Production. A 2% fresh culture (OD550 ≈ 0.2)
was inoculated in 50 mL complex media of 250 mL Erlen-
meyer flask, containing optimized media (gl−1); starch,
30.8; soybean meal, 78.89; K2HPO4, 3; KH2PO4, 1; MgSO4,
0.5; NaCl, 5.27. The culture was centrifuged at 10,000×g
for 10 min at 4◦C. The cell pellet was discarded and the
supernatant was used for assay of protease activity.

2.4. Enzyme Assay and Determination of Protein Concentra-
tion. Protease activity was determined by a modified method
of Folin and Ciocalteu [7]. Protein concentration was
determined by the method of Bradford using bovine serum
albumin (BSA) as the standard [11]. All the experiments were
done in triplicate.

2.5. Optimization of Alkaline Protease Production

2.5.1. Selection of Physical Parameter. Inoculum percentage,
temperature, pH, agitation, and incubation time [12–14] are
considered to contribute alkaline protease production from
Bacillus sp.

2.5.2. Screening of Significant Media Components by Plackett-
Burman Factorial Design. The screening of the physical
parameters was done by Plackett-Burman design with

Table 1: Plackett-Burman experimental design for screening of
important physical parameters of alkaline protease production by
Bacillus licheniformis NCIM 2042.

Factor Name
Low level

(−1)
High level

(+1)

A Inoculum percentage (%) 2 3

B Temperature (◦C) 30 40

C pH 7 8

D Agitation (RPM) 120 180

E Incubation time (h) 72 96

respect to their main effects and not to their interaction
effects [15]. For the alkaline protease production, five factors
were selected, namely, inoculum percentage (A), temperature
(B), pH (C), agitation (D), and incubation time (E). The
effect of five factors on protease production was studied using
statistical approach. Each parameter was experimented at
two levels, (high and low), which was decided from previous
unreported work. A set of 12 experiments was carried out
to determine alkaline protease production under different
combinations as given in Table 1. The effect was calculated
by changing the response as the factor changes from its lower
(−1) level to its higher (+1) level using student’s t-test. The P
value of individual variables was also evaluated. The variables
with P values less then 0.05 (P value <0.05) were considered
as significant factors for protease production.

2.5.3. Optimization of Key Determinants by Response Surface
Methodology. RSM is employed for multiple regression
analysis. It solves polynomial equations using quantitative
data obtained from properly designed experiments [16,
17]. In this experiment RSM was used to determine the
optimum culture condition for the production of alkaline
protease. A central composite rotatable design (CCRD) was
used for five independent variables to obtain optimum
value. Inoculum percentage, temperature, pH, agitation, and
incubation time were selected as the physical parameters
(independent variables) for the optimization. Regression
analysis was performed on the data obtained from the design
experiments. A set of 50 experiments including eight center
points was carried out. Each numeric factor is varied over 5
levels (−2.38,−1, 0, +1, +2.38), that is, plus and minus alpha
(axial point), plus and minus one (factorial points), and zero
(center point). The full experimental plan with respect to
their actual and coded forms is listed in Table 2. The response
values (Y) in each trial were the average of the triplicates.

Analysis of variance (ANOVA) was used for analysis
of regression coefficient, prediction equations, and case
statistics. The experimental results of RSM were fitted via the
response surface regression procedure, using the following
second order polynomial equation:

Y =
βo +

∑
βiX +

∑
βiiXi2 +

∑
βi jXiX j.

i ii i j
(1)

In this polynomial equation, Y is the predicted response,
XiXj are independent variables, βo is the intercept term, βi is
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Table 2: Experimental range of the five numerical variables studied using rotatable CCD in terms of actual and coded factors.

Factor Name
Range of variables

−α(−2.38) Low (−1) Mid (0) High (+1) +α (+2.38)

A Inoculum Percentage (%) 1.3 2 2.5 3 3.7

B Temperature (◦C) 23 30 35 40 47

C pH 6.3 7 7.5 8 8.7

D Agitation (RPM) 79 120 150 180 221

E Incubation time (h) 55.5 72 84 96 112.5

the linear coefficient, βii is the quadratic coefficient, and βi j
is the interaction coefficient.

However, in this study, the independent variables were
coded as A, B, C, D, and E. Thus, the second-order poly-
nomial equation can be represented as follows:

Y = βo + β1A + β2B + β3C + β4D + β5E

+ β11A
2 + β22B

2 + β33C
2 + β44D

2

+ β55E
2 + β12AB + β13AC + β14AD

+ β15AE + β23BC + β24BD + β25BE

+ β34CD + β35CE + β45DE.

(2)

The second-order polynomial coefficients and Response
surface plots were obtained using the Design Expert software.

2.5.4. Validation of the Experimental Model. The statistical
model was validated with respect to all the three variables
within the design space. A random set of 6 experimental
combinations was used to study protease production in
250 mL shake flasks.

2.6. Partial Purification and Characterization. The fer-
mented broth was centrifuged at 10000 rpm for 30 min
at 4◦C. At first, solid ammonium sulphate was added to
the supernatant for 30% saturation and centrifuged at 4◦C
for 30 min. Again, solid ammonium sulphate was added
to the supernatant for 60% saturation and centrifuged
at 4◦C for 30 min. The precipitate was resuspended in
50 mM phosphate buffer (pH 9). The precipitated sample
was desalted by dialysis through semipermeable membrane
(molecular weight cutoff 12 kD, Sigma) against same buffer
for overnight.

2.6.1. Organic Solvent Stability of Partially Purified Protease.
Stability of the enzyme in organic solvents was studied by
incubating the enzyme solution (3 mL) with various organic
solvents (1 mL), namely, DMSO, methanol, ethanol, ACN, 2-
propanol, benzene, toluene, and hexane at 37◦C with shaking
at 150 rpm for 30 min. The remaining activity of the enzyme
was measured. The activity of the enzyme solution without
organic solvent was considered as control (100%).

2.6.2. Effect of Nonionic Detergent, Surfactants, and Bleach
Agents on Partially Purified Protease. The enzyme was

incubated with some nonionic detergents (5% v/v Tween-
20, Tween-80, and Triton X-100), surfactants (0.5% w/v
SDS), bleaches (5% v/v H2O2, 0.5% w/v sodium perborate),
and anti-redeposition agents (10% w/v Na2CMC, 100 mM
Na2CO3) for 60 min at room temperature and remaining
activity was measured. The activity of the enzyme solution
without modifier was considered as control (100%).

2.6.3. Effect of Different Additives on Thermal Stability of
Partially Purified Enzyme. Thermal stability was determined
by incubating the partially purified enzyme at 60◦C (pH 9),
in the presence of 2.5 and 5 mM CaCl2 and in the presence of
various polyols (5, 10% w/v). Polyols used in this study were
PEG-4000, PEG-600, mannitol, and glycerol. Aliquots were
withdrawn at 15 min intervals and the residual activity was
determined. The activity of the enzyme solution kept at 4◦C
was considered as control (100%).

2.6.4. Effect of Polyols on Surfactant Stability. The surfactant
stability was determined by incubating the partial purified
enzyme in the presence of surfactants (0.5% w/v SDS) and
in the presence or absence of various polyols (10% w/v) for
60 min at room temperature. Polyols used in this study were
PEG-4000, PEG-600, mannitol, and glycerol. Remaining
activity of the enzyme was measured. The activity of the
enzyme solution without modifier was considered as control
(100%).

2.6.5. Effect of Polyols on Detergent Stability. For detergent
stability study, the purified alkaline protease (0.05 mg/mL)
was incubated at 40◦C using Surf excel (7 mg/mL) in the
presence of various polyols (10% w/v). At every 15 min
interval, the residual protease activity was determined up to
1 hour. The purified alkaline protease without detergent was
considered as control (100%).

2.6.6. Evaluation of Washing Performance Using Blood Stain.
Clean cotton cloth pieces were stained with 25 μL of human
blood and allowed to dry. The stained-cloth pieces were
treated with tap water, Rin (0.7% (w/v), in tap water) and
detergent added with partially purified enzyme (2000 U).
Each flask was incubated at 50◦C for 60 min under agitation
(150 rpm). After incubation, the cloth pieces were taken out,
rinsed with water, and dried.

2.7. HPLC Analysis of Partially Purified Enzyme. Partially
purified enzyme was qualitatively analyzed using HPLC.
For sample preparation, the sample was centrifuged at
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Table 3: Estimated effect and analysis of variables for protease activity from Plackett-Burman design experiment.

Factor Name
Studentized

effect
Sum square

Percentage of
contribution

Standard error t-value P value

A Inoculum percentage (%) 15.92 760.29 2.72 0.34 47.44 <0.0001

B Temperature (◦C) 29.35 2585.08 9.26 0.34 87.48 <0.0001

C pH 27.49 2267.32 8.12 0.34 81.93 <0.0001

D Agitation (RPM) 82.11 20228.37 72.46 0.34 244.71 <0.0001

E Incubation time (h) 26.25 2067.06 7.40 0.34 78.23 <0.0001

10000 rpm for 10 min at 4◦C and the supernatant filtered
through 0.45 μm nylon membrane filters. After appropriate
dilutions with phosphate buffer, sample was analyzed. For
the analysis of purity of sample, Waters-600-Pump-based
HPLC system equipped with Waters 2489 UV/Visible Detec-
tor was used. Water Empowered software (Version: Empower
2 software Build 2154) was used for data acquisition and
mathematical calculations. Chromatographic separation of
protease was performed on a C18 hypersil column (4.6 mm ×
250 mm; 5 μm particle size; Waters, USA). Mobile phase
used was acetonitrile water (70 : 30 vv−1), at a flow rate of
1 mL/min. Temperature of the column oven was maintained
at 30◦C. The sample (20 μL) was injected and analyzed at
280 nm using UV-visible detector.

3. Result and Discussion

3.1. Optimization of Alkaline Protease Production from

Bacillus licheniformis NCIM 2042

3.1.1. Screening of Significant Physical Parameters. Plackett-
Burman design was adopted to select most significant˜phys-
ical components. The studentized effect corresponding sum
of square, standard error, percentage of contribution, t-value
and P value are given in Table 3. The experimental design
along with the responses of different experimental trials is
shown in Table 4. studentized effect allows the determination
of the effect of each component. A large Studentized effect
either positive or negative indicates that a factor has a large
impact on production, while an effect close to zero means
that a factor has little or no effect. The P value is the prob-
ability which serves as a tool for checking the significance of
each of the parameter. A low P-value indicates a “real” or
significant effect. The significance of each variable was deter-
mined by applying the Student’s t-test [18]. In our study,
the five key determinants namely inoculum percentage (A),
temperature (B), pH (C), agitation (D), and incubation time
(E) having lower P value (P value < 0.05) were identified
to be the significant variables for extracellular protease
production.

As Plackett-Burman design is inappropriate to study
the mutual interaction of process variables, therefore the
level of significant factors needed further optimization. In
this investigation, RSM was applied for the optimization
of significant factors in protease production to study the
importance of screening factors at different levels. The RCCD
design plan of RSM was used in the present study and the

Table 4: Plackett-Burman design for five variables with actual
values along with the observed protease activity.

Sl. number A B C D E
Protease

activity (U)

1 3 40 7 180 96 257.23

2 2 40 8 120 96 166.03

3 3 30 8 180 72 176.52

4 2 40 7 180 96 275.47

5 2 30 8 120 96 134.25

6 2 30 7 180 72 218.98

7 3 30 7 120 96 147.30

8 3 40 7 120 72 150.14

9 3 40 8 120 72 122.58

10 2 40 8 180 72 219.67

11 3 30 8 180 96 201.53

12 2 30 7 120 72 136.41

physicochemical components were optimized for maximum
protease production.

3.1.2. Optimization of the Key Determinants. The full exper-
imental plan of CCD design for studying the effects of five
independent variables, namely, inoculum percentage (A),
temperature (B), pH (C), agitation (D), and incubation time
(E) are listed in Table 5. The statistical significance of the
second-order polynomial equation was checked by an F-test
(ANOVA) and data shown in Table 6. The Model F-value of
5602.23 implies the model is significant. It may be mentioned
that the probability of obtaining high model F-value due
to creation of noise is only 0.01%. Values of “prob > F”
less than 0.0500 indicate model terms are significant. In this
case A, B, C, D, E, AB, AD, AE, BC, BD, BE, CD, CE, DE,
A2, B2, C2, D2, E2 are significant model terms. Moreover,
“lack of Fit F-value” of 0.07 implies that it is not significant
relative to the pure error. Nonsignificant lack of fit indicates
a good fitness of model. There is only 100% chance that this
magnitude of “Lack of Fit F-value” could occur due to noise.
The correlation coefficient (R2) of polynomial equation was
found to be 0.9997 indicating that 99.97% of the variability
in the response (alkaline protease production) could be
explained by the model. Thus, quadratic model was chosen
for this analytical work. The adjusted R2 value corrects the
R2 value for the sample size and for the number of terms in
the model. The adjusted R2 (0.9996) is also very high that
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Table 5: Rotatable CCD matrix for five variables with actual protease activity.

Sl. number A B C D E Protease activity (U)

1 2 30 7 120 72 132.49

2 3 30 7 120 72 122.78

3 2 40 7 120 72 157.69

4 3 40 7 120 72 152.79

5 2 30 8 120 72 115.42

6 3 30 8 120 72 102.48

7 2 40 8 120 72 136.70

8 3 40 8 120 72 131.90

9 2 30 7 180 72 233.79

10 3 30 7 180 72 215.84

11 2 40 7 180 72 261.54

12 3 40 7 180 72 249.97

13 2 30 8 180 72 213.10

14 3 30 8 180 72 193.58

15 2 40 8 180 72 239.87

16 3 40 8 180 72 223.89

17 2 30 7 120 96 170.54

18 3 30 7 120 96 152.69

19 2 40 7 120 96 200.84

20 3 40 7 120 96 190.84

21 2 30 8 120 96 134.84

22 3 30 8 120 96 116.60

23 2 40 8 120 96 164.75

24 3 40 8 120 96 151.32

25 2 30 7 180 96 242.52

26 3 30 7 180 96 215.75

27 2 40 7 180 96 276.16

28 3 40 7 180 96 257.23

29 2 30 8 180 96 203.78

30 3 30 8 180 96 177.30

31 2 40 8 180 96 236.54

32 3 40 8 180 96 216.43

33 1.3 35 7.5 150 84 286.35

34 3.7 35 7.5 150 84 250.07

35 2.5 23 7.5 150 84 101.30

36 2.5 47 7.5 150 84 174.75

37 2.5 35 6.3 150 84 160.24

38 2.5 35 8.7 150 84 88.85

39 2.5 35 7.5 79 84 103.75

40 2.5 35 7.5 221 84 300.87

41 2.5 35 7.5 150 55.5 131.02

42 2.5 35 7.5 150 112.5 163.67

43 2.5 35 7.5 150 84 273.31

44 2.5 35 7.5 150 84 274.10

45 2.5 35 7.5 150 84 272.82

46 2.5 35 7.5 150 84 132.49

47 2.5 35 7.5 150 84 122.78

48 2.5 35 7.5 150 84 157.69

49 2.5 35 7.5 150 84 152.79

50 2.5 35 7.5 150 84 115.42
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Table 6: Regression analysis for the production of alkaline protease by Bacillus licheniformis NCIM 2042 for quadratic response surface
model fitting (ANOVA).

Source
Sum of
squares

Degree of
freedom

Mean
square

Coefficient t
estimate

Standard error F-value P value prob > F

Model∗ 181834.9 20 9091.75 — — 5602.23 <0.0001 Significant

Intercept — — — 271.59 0.45 — <0.0001

A 2598.525 1 2598.53 −7.75 0.19 1601.18 <0.0001

B 10664.44 1 10664.44 15.69 0.19 6571.31 <0.0001

C 9597.122 1 9597.12 −14.89 0.19 5913.64 <0.0001

D 74093.66 1 74093.66 41.36 0.19 45655.68 <0.0001

E 2104.942 1 2104.94 6.97 0.19 1297.04 <0.0001

AB 77.25183 1 77.25 1.55 0.23 47.60 <0.0001

AC 5.974906 1 5.97 −0.43 0.23 3.68 0.0649

AD 133.704 1 133.70 −2.04 0.23 82.39 <0.0001

AE 92.57182 1 92.57 −1.70 0.23 57.04 <0.0001

BC 8.381578 1 8.38 −0.51 0.23 5.16 0.0306

BD 22.72784 1 22.73 0.84 0.23 14.00 0.0008

BE 95.25979 1 95.26 1.73 0.23 58.70 <0.0001

CD 14.67836 1 14.68 −0.68 0.23 9.04 0.0054

CE 569.8502 1 569.85 −4.22 0.23 351.14 <0.0001

DE 1741.185 1 1741.19 −7.38 0.23 1072.90 <0.0001

A2 19.17653 1 19.18 −0.59 0.17 11.82 0.0018

B2 30951.91 1 30951.91 −23.60 0.17 19072.22 <0.0001

C2 37519.93 1 37519.93 −25.98 0.17 23119.36 <0.0001

D2 8321.356 1 8321.36 −12.24 0.17 5127.53 <0.0001

E2 26782.87 1 26782.87 −21.95 0.17 16503.30 <0.0001

Residual 47.0635 29 1.62

Lack of Fit 8.692591 22 0.40 0.07 1 Not significant

Pure Error 38.37091 7 5.48

Cor Total 181882 49
∗

SD: 1.27; Mean: 198.51; R-Squared: 0.9997; Adj R-Squared: 0.9996; C.V.%: 0.64; PRESS: 81.03.

indicates that the model is very significant. The “Pred R-
Squared” value of 0.9996 is in reasonable agreement with
the “Adj R-Squared” value of 0.9996. This indicated a good
adjustment between the observed and predicted values. Adeq
Precision” measures the signal to noise ratio. A ratio greater
than 4 is desirable. Our ratio of 256.23 indicates an adequate
signal. This model can be used to navigate the design space.
The coefficient of variation % (CV%) is a measure of residual
variation of the data relative to the size of the mean. Usually,
the higher the value of CV, the lower is the reliability of
experiment. Here a lower value of CV (0.64%) indicates
a greater reliability of the experimental performance. The
predicted residual sum of squares (PRESS) is a measure of
how well the model fits each point in the design. The smaller
the PRESS statistic, the better the model fits the data points.
Our value of PRESS is 81.03. The model shows standard
deviation and mean value of 1.27 and 198.51, respectively.

The normal probability plot given in Figure 1(a) shows
some scatter along the line indicating that the residuals
follow a normal distribution. Residuals versus predicted plot
in Figure 1(b) indicate the residuals versus the ascending
predicted response values. The plot shows a random scatter

(constant range of residuals across the graph). Actual versus
predicted plots (Figure 1(c)) also represents a high degree
of similarity that was observed between the predicted and
experimental values. From the three diagnostic plots (Figures
1(a)–1(c)) it can be concluded that the model has satisfied
the assumptions of the analysis of variance. This model also
reflected the accuracy and applicability of RSM to optimize
the process for protease production. Perturbation plot in
Figure 2 represents comparison of the effect of physical
parameters at the midpoint (coded 0) in the design space.
A curvature curve were found with all factors shows that the
response is sensitive to all factors.

The special features of the RSM tool are contour
plot generation and point prediction from, where we can
determine the optimum value of the combination of the five
physical parameters for the maximum production of alkaline
protease. The contour plot (Figures 3(a)–3(d)) determines
the interaction of the physical parameters. These plots were
obtained from the pairwise combination of independent
factors, while the keeping other factor at its center point
level. From the eliptical contour plot, it is clearly indicated
that the mutual interaction is prominent among factors.
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Figure 1: (a) Normal plot of residual; (b) residual versus predicted plot; (c) Predicted versus Actual Response plot for protease production
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The predicted results from the point prediction method
showed that maximum protease production was obtained
with optimum inoculum percentage (2%), temperature
(36.6◦C), pH (7.35), and agitation (180 RPM) after 85 h
fermentation in the shake flask. The maximum predictable
response was calculated using regression equation by substi-
tuting level of factors and was experimentally verified.

In our previous experiment 184.27 U of protease was
found after media optimization (data not shown). A sig-
nificant improvement (1.71-fold) in the alkaline protease
production by Bacillus licheniformis NCIM 2042 was found
after optimization of culture condition. In this experiment
we attempt to optimize the culture condition because each
microorganism has its own individual physicochemical and
nutritional requirements for growth and enzyme secretion.
Accurate process optimization influences the activities of

microorganisms and improves the production significantly,
which is desirable for minimization of processing cost.
In this experiment the maximum production of alkaline
protease obtained experimentally using optimization of
culture condition was 315.28 U which is likely similar with
predicted value (314.65 U) by the model. There are previous
reports of optimum pH and temperature conditions for
alkaline protease activity from B. licheniformis NCIM-2042 to
be 8 and 30◦C, respectively [19, 20]. But a higher optimum
pH and temperature of alkaline protease was found in our
previous work, which might be of significant industrial
importance [7].

3.1.3. Validation of the Experimental Model. The model was
validated for all five variables within the design space. A
random set of six production combinations was prepared
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Table 7: Validation of quadratic model within the design space.

Number Inoculum percentage % Temperature ◦C pH Agitation RPM Incubation time h Actual response (U) Predict response (U)

1 2 35 7 120 72 165.24 168.68

2 2.5 37 7.5 150 72 242.03 244.48

3 3 40 8 160 96 199.17 205.25

4 2.5 30 7.8 180 84 139.65 242.2

5 3 37 7.4 150 74 248.21 247.53

6 2.0 36.6 7.35 180 85 315.28 314.65
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Figure 4: Effect of (a) organic solvent and (b) detergent, surfactant, bleach, and anti-redeposition on protease activity.

and tested for protease production (given in Table 7). The
experimentally determined production values were in close
agreement with the statistically predicted ones, confirming
the model’s authenticity and applicability of the statistical
model (RSM) for the optimization of the medium nutrients.

3.2. Partial Purification and Characterization of Partially
Purified Enzyme. Partial purification of crude enzyme was
done by salting out technique using ammonium sulphate as
the salt. The specific activity of the partially purified enzyme
was found to be 158.52 (U/mg). The purification fold and
yield of protease from the crude enzyme solution were 17.34
fold and 82.43%, respectively (data not shown).

3.2.1. Organic Solvent Stability of Partially Purified Protease.
The organic solvents are also used as the media for enzymatic
reactions. But the enzymes are easily deactivated in organic
solvent. Usually, presence of organic solvent reduces the
structural flexibility of enzyme which is required for catalysis.
There are published reports of protease inactivation in
the presence of water immiscible organic solvent (benzene,
toluene, xylene, and hexane) [6, 21] and water miscible
organic solvents like ethanol, acetone, and DMSO [22,
23]. Therefore, proteases that are stable in the presence of

organic solvents are very useful for synthetic reactions. The
structural stabilities of protease are highly dependent on the
solvent-protein interactions and the enzyme structure [24].
The stability of the enzyme also depends on the chemical
composition of organic solvents because solvent polarity is
one of the factors determining the stability of biocatalyst
[21].

The effects of organic solvents on protease activity differ
among proteases. Organic solvents with a different log P
between −1.378 and 3.5 were used in this study. Log P is
the logarithm of the partition coefficient of a solvent in
a defined octanol-water mixture. It is commonly used for
measurement of the lipophilicity of a solvent. The effect
of different organic solvents on protease activity is shown
in Figure 4(a). In the present study, the partially purified
protease remained more than 92% of its initial activity after
30 min of preincubation with most of the tested organic
solvents. The organic solvent stability was observed in the
following order: methanol (log P −0.764) > DMSO (log P
−1.378) > ethanol (log P −.235) > benzene (log P 2.0) >
toluene (log P 2.5) > hexane (log P 3.5) > 2-propanol (log
P 0.074) > acetonitrile (log P −0.394). The results obtained
in the above set of experiments indicate that protease enzyme
is mostly stable in water miscible and water immiscible
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Figure 5: Stabilizing effect of additives on protease stability in presence of (a) high temperature, (b) surfactant, and (c) local detergent.

organic solvent up to 30 minutes. So this enzyme can be used
for peptide synthesis.

3.2.2. Effect of Oxidizing Agents, Surfactants, and Bleach
Agents on Protease. This study showed that the enzyme was
more than 94% stable at 5% v/v of non ionic detergent
(Tween-80, Triton X-100) and 60% residual activity was
obtained after incubation with 0.5% w/v SDS. Such effect
variation of detergent can be explained due to their dif-
ferent hydrophilic/lipophilic balance (HLB) number. HLB
of detergent is defined as the way a detergent distributes

between polar and nonpolar phases [1]. The HLB number
of Triton X-100 and Tween-80 is 13.5 and 15. So they are
less detrimental as compared to SDS with high HLB number
(40). Enzyme was also very stable against bleaching agents
since it retained 94.67% and 99.80% of its initial activity
after treatment with 0.5% (w/v) sodium perborate and 5%
(v/v) hydrogen peroxide, respectively. Such characteristics
of protease is an important behaviour because detergent,
surfactant, and bleach-stable wild-type enzymes are rarely
reported [25]. These results are closely similar with previous
reports [1, 26–28]. Besides, the protease was almost stable in
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Figure 6: Washing performance analysis of enzyme in the presence of the commercial detergent RIN. (a) Cloth stained with blood, (b) cloth
stained with blood and washed with tap water; (b) blood-stained cloth and washed with RIN; (c) blood-stained cloth and washed with RIN
added with crude enzyme.

the presence of anti-redeposition agents (10% w/v Na2CMC,
100 mM Na2CO3). It is interesting to note that activation of
enzyme activity was found in presence of 10% w/v Na2CMC
which is similar with previous report [25]. From the result,
it is clearly indicated that our purified enzyme is mostly
stable in the detergent components (Figure 4(b)). Therefore,
enzyme could be considered as a potential candidate for use
as cleaning additive in detergents.

3.2.3. Effect of Different Additives on Thermal Stability. Ther-
mostability profile of purified enzyme was determined by
incubating the enzyme at various temperatures that is, 40, 50,
60, 65, 70, 75, and 80◦C for 1 hr. The residual activity of
the enzyme was determined at standard assay condition.

Results showed that enzyme was stable and retained almost
its full activity after 60 min incubation at 40 and 50◦C. The
enzyme was found to be 57.22, 23.7, 13.45, and 1.07% stable
at 60, 70, 75 and 80◦C respectively after 60 min incubation
(data not shown). So further study was done to evaluate the
effect of different additives on thermal stability. The data
presented in Figure 5(a) showed that most used additives
improve thermal stability. However, thermostabilization was
more effective with 10% w/v PEG 4000. Result showed
that the enzyme was stable 100, 88, 79.49,76, and 65.59%
at 10% w/v of PEG 4000, PEG 600, mannitol, glycerol,
and 5 mM calcium chloride, respectively, after 60 min incu-
bation. The protective effect of polyols was explained by
the strengthening of the hydrophobic interactions inside
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protein molecules and by indirect action of polyols on water
structure. The improvement of thermostability at higher
temperature with respect to incubation time in the presence
of Ca2+ is due to strengthening of interaction inside protein
molecule and binding of Ca2+ to autolysis site. These results
were similar to earlier reports indicating that the addition
of calcium chloride and polyhydric alcohols such as PEG,
mannitol, and glycerol increased in thermal stability of
alkaline proteases [29, 30].

3.2.4. Effect of Polyols on Surfactant Stability. The influence
of some polyols on the stability of enzyme against SDS
was also examined by incubating with SDS (0.5% w/v) at
37◦C in the presence or absence of polyols (10%, w/v) for
60 minutes, and residual enzyme activity was measured.
The data presented in Figure 5(b) showed that 60% residual
activity was obtained after incubation with 0.5% w/v SDS
with out polyols. But 87.86, 79, 75.54, and 72% residual
activity was found with 10% of PEG 4000, PEG 600,
mannitol, and glycerol, respectively, after 60 min incubation.
From the result, it is clearly indicated that the enzyme
stability was significantly found stimulated by polyols. Such
type of improvement was also observed in an alkaline
protease by the addition of polyols [31, 32]. Therefore,
enzyme could be used as a potential candidate for use as a
detergent additive without PEG-4000.

3.2.5. Effect of Polyols on Detergent Stability. The detergents
stability study was done in the presence of locally available
detergents (Tide, Surf Excel, Ariel, and Rin), and results
showed that the maximum protease stability was observed
with Rin (91%) after incubation with this detergent at 40◦C
for 1 hr, followed by Tide (89.65%), Ariel (81%), and Surf
Excel (31.89%) (data not shown). So, further study was done
to evaluate the effect of polyols on detergent stability. In
present study, the purified alkaline protease (0.05 mg/mL)
was incubated at 40◦C using Surf Excel (7 mg/mL) in the
presence of various polyols (10%). At every 15 min interval,
the residual protease activity was determined up to 1 hour.

The data presented in Figure 5(c) showed that most
used polyols improve detergent stability. In the absence
of any polyols, enzyme retained 57, 48, 47, and 32% of
its initial activity after 15, 30, 45, and 60 min incubation.
However, maximum stabilization was found with 10% w/v
PEG 4000. Result showed that the enzyme was stable 71,
67, 67, and 64% at 10% of PEG 4000, PEG 600, mannitol,
glycerol, respectively after 60 min incubation. Therefore,
enzyme along with PEG 4000 may be used as detergents
additive.

3.2.6. Evaluation of Washing Performance Using Blood Stain.
Result showed that the better wash performance was found
in combinations of commercial detergents (7 mg/ml) with
purified enzyme preparations (2000 U). Result showed that
significant removal of the blood stains was found in the
presence of the detergent and the protease enzyme (Figure 6)

and detergent along with protease enzyme can act synergis-
tically in efficient removal of blood stain. Therefore alkaline
protease could be used as detergent additives.

3.3. HPLC Analysis of Partially Purified Enzyme. From the
HPLC chromatogram of dialysed 60% ammonium sulphate
fraction, it was evident that the retention time of our target
protein is 1.84 min. The chromatogram represented that this
protein is 73.5% pure.

4. Conclusion

Due to efficiency and economic concern, the present study
was focused on optimization of a variety of culture con-
ditions, for maximal alkaline protease production through
microbial fermentation. This is important for obtaining
higher alkaline protease production as well as reduction
of operating cost in processing. The mathematical analysis
has been carried out by standard software, and the pro-
cedure followed is user friendly. Taking the characteristics
of protease together our protease might be an interesting
candidate for the detergent industry in combination with
polyols. Use of proteases in detergent can also reduce the
volume of detergents which indirectly reduce pollution load
in the world.
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The potential of activated charcoal in the purification of fungal glucoamylase was investigated. Various concentrations of activated
charcoal (1–4% w/v) were used to concentrate crude glucoamylase from Rhizopus oligosporus at different temperature values (30–
50◦C). Effects of pH (3.0–6.0) and contact time (0–60 min) on enzyme purification were also monitored. Activated charcoal
(3% w/v) gave a 16-fold purification in a single-step purification at 50◦C for 20 min and pH 5.5. The result of SDS-PAGE analysis of
purified glucoamylase showed two major protein bands with corresponding molecular weight of 36 kDa and 50 kDa. The method
is inexpensive, rapid, and simple which could facilitate downstream processing of industrial enzyme.

1. Introduction

Enzyme purification is a necessary prerequisite for a full
understanding of the nature and mechanism of action of
the enzyme [1]. This is usually carried out by a multi-
step process involving biomass separation, concentration,
primary isolation, purification, and polishing as the main
unit operations [2]. The conventional methods for the
removal of colloidal particles and enzymatic impurities from
fermentation broth using ammonium sulphate precipitation
may require extensive dialysis for about 12–16 hour for
product recovery and often cause protein denaturation due
to conformational changes [3]. The use of carbowax or
polyvinyl alcohol for protein and enzyme concentration is
also limited by poor water absorbing capacity [4]. Similarly,
the use of carboxy-methyl cellulose, tannic acid, and edible
gum as precipitants and as well as organic solvents also
poses the problem of product recovery [5, 6]. Gel filtration
technique is also considered laborious and expensive in the
developing countries [6, 7].

Activated charcoal is an adsorbent widely used in the
treatment of wastewater and industrial contaminants by
virtue of its high removal capacity and adaptability for a
wide range of pollutants [8]. It is made from any essentially
carbonaceous materials. Tree bark, coal, cotton waste, palm

kernel shell, and many agricultural by- products can be used
to produce activated carbon and their ability to remove
colours have been reported [9].

Activated charcoal is used to remove compounds that
cause objectionable taste, colour, and odour in water treat-
ment while its industrial applications involve removal of
toxic gases and pesticides and as well as purification of
organic compounds [10, 11]. It is known that around 80%
of the world production of activated charcoal is used in
aqueous-phase adsorption of both organic and inorganic
compounds [12, 13]. Although application of activated
charcoal in the decolorization of enzyme-converted glucose
syrup had been reported, its uses in the purification of
microbial enzymes have been scanty. This study reports
application of activated charcoal in the recovery of fungal
amylases.

2. Materials and Methods

2.1. Microorganism. Amylolytic strains of Rhizopus oligospo-
rus were obtained from the culture collection center, Depart-
ment of Microbiology, University of Agriculture, Abeokuta,
Nigeria. It was maintained on potato dextrose agar (PDA)
slants at 4◦C and subcultured bimonthly.
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2.2. Chemicals. Activated charcoal, 3, 5-dinitrosalicylic acid
and polyacrylamide were from Sigma. All chemicals were
reagent grade.

2.3. Amylase Production. Rice bran solid-state medium was
prepared and inoculated with spores of Rhizopus oligosporus
according to the method of Akpan et al. [14]. Incubation was
at 30◦C for 72 h. The crude amylase was recovered by mixing
the moldy bran. Moldy bran was mixed with acetate buffer
(0.2 M) (pH 4.5) in the ratio 1 : 4 (w/v) in a conical flask. The
mixture was shaken on an orbital shaker at 150 rpm at 28◦C
for 1 h. The extract was then filtered using muslin cloth. The
filtrate was used as the crude amylase and kept at 4◦C.

2.4. Determination of Amylase Activity. The amylase activity
was determined by mixing crude amylase with 4% w/v
gelatinized cassava starch (pH 4.5) and incubated at 60◦C
for 1 h. Reducing sugar was determined using dinitrosalicylic
acid method of Miller [15]. Protein concentration was
estimated using biuret method as described by Koch and
Putnam [16].

2.5. Purification of Crude Amylase with Activated Charcoal.
Studies were carried out on the purification of glucoamylase
using activated charcoal (0.8 mm). Various concentrations
of activated charcoal (1–4% w/v) were added to crude
glucoamylase (pH 4.5) and incubated at 30◦C for 30 mins
with occasional stirring. The mixture was then centrifuged
at 2500 rpm in a bench centrifuge for 10 min. The effect of
temperature on enzyme purification capacity of activated
charcoal was evaluated at different temperature values (30–
60◦C). Effect of pH on the purification of glucoamylase was
also determined at different pH values (3.5–6.0).

2.6. Electrophoresis. Molecular weight of the purified enzyme
was estimated using Sodium dodecyl sulphate (SDS) poly-
acrylamide gel electrophoresis as described by Laemmli [17].
The gels were stained with Coomassie Brilliant blue R-
250 (BioRad, USA). The protein bands were estimated and
compared with standard protein markers (BioRad, USA).

3. Results and Discussion

3.1. Effect of Concentration of Charcoal. The result presented
in Figure 1 showed the effect of various concentrations of
activated charcoal on the purification of fungal amylase. A
significant increase was noted in the specific activity of the
glucoamylase as the concentration of charcoal increases up
to 3% w/v with the optimum-specific activity of 250 U/mg.
A further increase beyond 3% (w/v) led to a decrease in
their specific activity. About 90% reduction in turbidity was
observed in the treated sample. It was observed that the rate
of absorption changed in magnitude with the increase in the
amount of charcoal used. The degree of absorption has been
reported to be influenced by accessibility of the adsorbate to
the adsorbent [18].

3.2. Effect of Temperature on Amylase Purification. The result
presented in Figure 2 summarized the effect of time and

Table 1: Effect of pH on purification of glucoamylase by activated
charcoal.

pH
Amylase activity

U/mL
Protein conc.

mg/mL
Specific activity

U/mg

3.0 1430 14.16 101

3.5 1478 9.60 154

4.0 1598 8.83 181

4.5 1675 3.57 469

5.0 1684 3.20 526

5.5 1686 3.38 496

6.0 1640 3.87 424
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Figure 1: Effect of concentration of activated charcoal on purifica-
tion of glucoamylase.

temperature on the purification of amylase using activated
charcoal. It was evident that purification of fungal amy-
lase by charcoal at elevated temperatures gave a marked
increase in the specific activity of fungal amylase. At 50◦C,
optimum specific activity of 520 U/mg was attained at
20 min resident time. However, enzyme treatment with
charcoal at temperature beyond 50◦C and at a longer period
beyond 30 min resulted in a decrease in amylase activity.
It is evident that elevated temperature enhanced protein
absorption and decolorizing capacity of activated charcoal.
The rate and capacity of absorption depends mainly on the
surface chemistry of activated charcoal, contact time, and
temperature [8, 19].

3.3. Effect of pH on Glucoamylase Purification. Table 1
showed the effect of pH on the purification of fungal glu-
coamylase by activated charcoal. It was observed that pH
values between 4.5 and 5.5 enhanced the specific activity of
the fungal amylase with optimum purification index at pH
5.5. However, at pH ≥5.5 there was a decrease in the specific
activity of the enzyme. This paper conforms with optimum
pH range for amylases [20]. Ability to purify the amylase at
pH 4.0–5.5 which falls within the optimum pH values for
amylase is also an added advantage.

3.4. Purification of Glucoamylase under Optimized Conditions.
Purification profile of glucoamylase with charcoal under
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Table 2: Summary of purification of glucoamylase.

Steps Amylase activity U/mL Protein mg/mL Specific activity U/mg Purification fold Yield %

Crude amylase 1702 50 33 — 100

Activated charcoal 1684 3.2 526 16 81
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Figure 2: Effect of temperature on purification of glucoamylase
using activated charcoal (3% w/v).
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Figure 3: Molecular weight of purified glucoamylase on SDS-PAGE
gel.

optimized conditions gave a 16-fold purification in a single
step (Table 2). The result is a marked improvement over
the conventional method of enzyme purification such as
ammonium sulphate precipitation. Interestingly, the glu-
coamylase was left in the supernatant and the effectiveness
of activated charcoal at low concentration had been noted as

an added advantage at pH 4.5. The fact that enzyme does not
precipitate with activated charcoal may be due to the selective
absorption of proteins which is attributed to fine network of
pores, distribution of pore sizes, the type of functional group
on the surface, contact time, and temperature [8, 19].

Rapid purification of enzyme from a complex fermen-
tation broth mixture at a high purification fold put activated
charcoal at an advantage over conventional purification tech-
niques. The conventional methods of enzyme purification
including salting out technique, solvent precipitation, and
gel filtration are not always economical from an industrial
stand point because, they are associated with some problems
particularly such as difficulty of scaling up and plugging
when treating crude extracts which often contain viscous
and particulate materials [18, 21]. Furthermore, recovery
or disposal of materials used in the separation process may
increase the cost of the separation step, and therefore, it is
expensive for developing economy [19]. Therefore, the use
of activated charcoal is considered as alternative method of
enzyme purification. The result of SDS-PAGE analysis of
purified glucoamylase (Plate 1) showed two major protein
bands with corresponding molecular weight of 36 kDa and
50 kDa which falls within apparent molecular weights for
fungal glucoamylases (see Figure 3) [18].

Efficient surface absorption characteristics in addition
to the low cost of activated charcoal can be harnessed for
depolarization of fermented medium for effective recovery
and purification of industrial enzymes which can make the
downstream processing in large-scale industrial bioprocesses
more cost effective [19, 21]. The result confirms activated
charcoal as a good clarifying agent and unveils its potential
as material for enzyme concentration.

4. Conclusion

In this study, glucoamylase was recovered from the fermen-
tation broth by activated charcoal at 50◦C for 20 minutes.
After the elution process, a highly concentrated and purified
glucoamylase was obtained in less than 30 minutes. This
technique looks promising, cheap, and rapid in downstream
processing of industrial enzymes.
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Soil samples of Tehran jungle parks were screened for proteolytic Bacilli. Among eighteen protease producers one of the isolates
obtained from Lavizan park, in north east of Tehran, was selected for further experimental studies. This isolate was identified as
Bacillus sp. strain CR-179 based on partial sequencing of 16S rRNA. Various nutritional and environmental parameters affected
protease production by Bacillus sp. strain CR-179. Protease production by this Bacillus cultivated in liquid cultures reached a
maximum at 24 h, with levels of 340.908 U/mL. Starch and maltose were the best substrates for enzyme production while some
pure sugars such as fructose, glucose, and sucrose could not influence production of protease. Among various organic nitrogen
sources corn steep liquor, which is commercial, was found as the best substrate followed by yeast extract, whey protein, and beef
extract. The optimal pH and optimal temperature of enzyme production were 8.0 and 45◦C, respectively. Studies on enzymatic
characterization revealed that crude protease showed maximum activity at pH 9.0 and 60◦C, which is indicating the enzyme to be
thermoalkaline protease.

1. Introduction

Proteases are one of the most important industrial enzymes
and are used in a variety of industrial applications, such
as laundry detergents, pharmaceutical industry, leather
industry in dehairing and bating of hides, manufacture of
protein hydrolyzates, food industry like meat tenderizing,
cheese flavour development, treatment of flour in the
manufacture of baked goods, improvement of dough texture,
flavour and colour in cookies, and so forth [1–6], silver
recovery from X-ray films [7], and even in waste processing
industry [8, 9]. These enzymes account for about 60%
of the total enzyme market [10–12]. Microbial proteases
are preferred to enzymes from plant and animal sources,
since they possess almost all the characteristics desired for
biotechnological applications [13]. Commercial proteases
are mostly produced from various bacteria, and it was
reported that about 35% of the total microbial enzymes used
in detergent industry are the proteases from bacteria sources
[14]. Among bacteria Bacillus sp. are specific producers of

extracellularly proteases [15] and can be cultivated under
extreme temperature and pH conditions to give rise to
products that are, in turn, stable in a wide range of harsh
environments [16]. Furthermore, many Bacillus sp. secrete
large amounts of proteases than that required for their
physiological activities [17]. The cost of enzyme production
is a major obstacle in its successful industrial application
[18], so it should be produced in high yields in a low-cost
medium.

In the present study we report the isolation of alkaline
protease producer Bacillus sp. strain CR-179, from soil
sample of Lavizan jungle park, and then focus on optimizing
the production of extracellular protease by testing various
environmental and nutritional factors.

2. Materials and Methods

2.1. Microorganism. Soil samples were taken from Tehran
jungle parks included Lavizan, Chitgar, Sorhke hesar,
Taleghani, and Khojr. The isolated bacteria were inoculated
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on to skim milk agar plates and incubated at 37◦C for 24–
72 h. Appearance of clearing zones formed by hydrolysis of
skim milk revealed the capability of bacteria for producing
protease. The protease producers were then subcultured on
to nutrient agar plates in order to obtain pure isolates of
bacteria species. The resulting isolated colonies were sub-
cultured on to nutrient agar slants, grown at 37◦C for 24 h,
maintained at 4◦C, and subcultured at four-week intervals.
They were identified as Bacillus species based on gram
staining, cellular morphology, and some biochemical tests.
Genetical analysis was also done for one of the species. For
sequencing analysis, the genomic DNA was extracted from
the isolate, using Roche kit. The amplification of the16S
rDNA was performed through PCR technique, using Taq
DNA polymerase, genomic DNA as a template, and 3′for-
ward and 5′ reverse universal primers. The primers used have
nucleotide sequence as

3 f: 5′ - AGAGTTTGATCCTGGC-3′,

5 r: 5′- TACCTTGTTACGACTT-3′.

PCR products were sent to SQ lab Co. (Germany). By
receiving the results, the 16S rDNA nucleotide sequence of
isolate has been deposited in GenBank and aligned with
the 16S rRNA sequences available in nucleotide database
in NCBI, (National Center for Biotechnology Information,
Available at: http://www.ncbi.nlm.nih.gov/), using BLAST
software, (Basic Local Alignment Search Tool) [19].

2.2. Protease Production. The culture medium used in this
work for protease production contained (g/L of distilled
water): corn steep liquor 4.0, starch 10.0, KCl 0.3, MgSO4

0.5, K2HPO4 0.87, and CaCl2 0.29. The pH was adjusted to
7.0-8 with 1% Na2CO3, and this medium was sterilized by
autoclaving at 121◦C for 15 min. The above medium (50 mL
in 250 mL Erlenmeyer flasks) was inoculated with 1 mL of an
overnight culture and incubated at 45◦C in a rotary shaker
operated at 150 rpm for 24 h. At the end of fermentation
period, the contents were centrifuged at 15500 g for 15 min at
4◦C, and the cell-free supernatant was used as crude enzyme
for enzyme assay.

2.3. Protease Assay. The activity of protease was assessed in
triplicate by measuring the release of trichloroacetic-acid
soluble peptides from 0.5% (w/v) casein in 50 mM glycin
NaOH (pH 9.0) at 60◦C for 10 min. The 1 mL reaction was
terminated by adding 0.5 mL of 10% trichloroacetic acid.
It was left for 15 min and then centrifuged at 14000 g for
10 min. One unit of enzyme activity was defined as the
amount of enzyme required to release 1 µg of tyrosine/min
under standard conditions [20].

2.4. Effect of Culture Components on Protease Production.
The effect of carbon sources 1% (w/v) and nitrogen sources
0.4% (w/v) on enzyme production was determined by
growing the isolate in production media with different
carbon and nitrogen sources. In this study various carbon
sources such as glucose, galactose, maltose, lactose, starch,
sucrose, and fructose were used. Sources of nitrogen included

yeast extract, beef extract, corn steep liquor, whey protein,
peptone, tryptone, and urea.

2.5. Effect of pH on Protease Production. The effect of pH on
protease production was determined by growing the isolate
in production media with an initial pH range of 6 to 10 using
1% Na2CO3.

2.6. Effect of Agitation Rate on Protease Production. The effect
of agitation rate on enzyme production was investigated by
incubating culture flasks at different agitation speed of 110,
130, 150, and 180 rpm.

2.7. Effect of pH on Protease Activity. The optimum pH for
enzyme activity was determined with casein 0.5% (w/v) as
substrate dissolved in different buffers (sodium phosphate,
pH 6-7, Tris-HCl, pH 8-9, and glycine NaOH, pH 9–11).

2.8. Effect of Temperature on Protease Activity. The effect
of temperature on enzyme activity was determined by
performing the standard assay procedure at pH 9 within a
temperature range from 40◦C to 75◦C.

3. Results and Discussion

Members of the genus Bacillus are widely used in industry in
the large-scale production of enzymes, such as proteases. Of
particular industrial importance are proteases with activity at
alkaline pH and high temperature [21]. In the present study
forty bacterial isolates were obtained from soil samples of
which eighteen isolates were identified as proteolytic Bacillus
species based on gram staining, cellular morphology, and
some biochemical tests such as lecithin, gelatin, and casein
hydrolysis in which all the species were positive in these tests.
The proteolytic activity was assayed using skim milk agar
and expressed as diameter of clear zones in mm. One of
the Bacillus isolated from Lavizan jungle park (L7) exhibited
the highest proteolytic activity with a clear zone diameter of
55 mm after 72 h, although other isolates from soil samples
of Khojir and Chitgar parks exhibited clear zone diameter
of 45 and 40 mm, respectively. Figure 1 compares clear zones
of proteolytic Bacillus species from different soil samples on
skim milk agar.

The isolate L7 was selected for further experimental
studies in order to optimize the production of protease.
The BLAST search of 16S rRNA gene sequence against se-
quences in nucleotide database has shown 97% homology
with Bacillus sp. strain CR-179 16S rRNA gene sequence with
accession number of AJ82128.

3.1. Culture Conditions for Enzyme Production. Figure 2
reports the time course of protease production by Bacillus
sp. strain CR-179 in liquid medium containing starch (1%)
as carbon source and corn steep liquor (0.4%) in 250 mL
erlenmeyer flasks. The formation of protease significantly
started from early stationary phase and reached a maximum
in 24 h, with levels of 340.980 U/mL and then began to
fall. In a similar study maximum protease activity was
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Figure 1: Diameter of the clear zones of proteolytic Bacillus species
on skim milk agar.
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Figure 2: Protease production as a function of cultivation time by
Bacillus sp. strain CR-179 grown on starch (1%) and corn steep
liquor (0.4%) in shake flasks at initial pH 8 and at 45◦C.

determined at the 18th hour, which occurred in the late
stationary phase, when most of the bacteria sporulated
[22]. Bacillus sp. are spore-forming bacteria; thus during
sporulation and also germination, it increases protease
activity [23]. Scientists acclaimed that during sporulation
and germination, hydrolyzed proteins were used to compose
proteins for endospores or vegetative cells [24, 25]. This
process requires an increase of protease production. This is
in contrast to previous report which showed that Bacillus sp.
usually produce more protease during the late exponential
phase [26]. Another investigation done by Asokan, S. and
Jayanthi, C. [27] revealed different results; they observed that
the optimum incubation time for enzyme production is 96
hours.

In an earlier investigation maximum activity of protease
was attained after 48 hours of fermentation, after which the
activity started to decline [28].

Using of cost-effective growth medium for the produc-
tion of alkaline proteases from an alkalophilic Bacillus sp.
is especially important [20]. Therefore, there is a need to
find new strains of bacteria with the ability of producing
proteolytic enzymes with novel properties and the devel-
opment of low-cost media. The present investigation was
aimed at optimization of medium components which have

Table 1: Effect of carbon source on Bacillus sp. strain CR-179
growth and protease activity. The culture density and extracellular
protease activity determined during 24 h incubation at 45◦C and
initial pH 8.

Carbon source
Culture density
(OD 600 nm)

Maximum enzyme
activity (U/mL)

Starch 1.428 337.532

Lactose 1.322 229.740

Fructose 1.125 76.493

Galactose 1.512 297.272

Maltose 1.620 303.766

Glucose 1.121 52.597

Sucrose 1.117 49.740

Table 2: Effect of nitrogen source on Bacillus sp. strain CR-179
growth and protease activity. The culture density and extracellular
protease activity were determined during 24 h incubation at 45◦C
and at initial pH 8.

Nitrogen source
Culture density
(OD 600 nm)

Maximum enzyme
activity (U/mL)

Corn steep liquor 1.410 336.233

Whey protein 1.114 239.870

Beef extract 1.383 203.246

Yeast extract 1.391 308.961

Tryptone 0.954 190

Peptone 1.030 119.350

Urea 0.666 46.883

been predicted to play a significant role in enhancing the
production of alkaline proteases [29]. Bacillus sp. strain CR-
179 was capable of using a wide range of carbon sources,
but production of protease varied according to each carbon
source (Table 1). In the present study starch was the best
substrate for enzyme production, followed by maltose, while
glucose, fructose, and sucrose were less effective. Moderate
to good amount of protease activity was produced in the
presence of lactose and galactose. This is in agreement with
previous report which showed that starch caused high level
of enzyme expression in Bacillus species [30]. But this is in
contrast to a recent report which showed that maltose and
starch caused low protease production [31].

Utilization of maltose and galactose was also shown to
result in better growth than consuming starch, although
starch was the best substrate for enzyme production. It
suggests that optimum conditions for protease production
are not necessarily the same as the best conditions for growth.
This observation is in contrast to previous study done by
Camila Rocha da Silva et al. They showed that starch was the
best carbon source for both growth and protease production
[32].

Organic nitrogen sources such as corn steep liquor, beef
extract, yeast extract, whey protein, tryptone, and peptone
were tested on the growth and protease production of
Bacillus sp. (Table 2).
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Table 3: Effect of pH on growth and protease activity by Bacillus sp.
strain CR-179 cultivated in a liquid medium containing starch (1%)
and corn steep liquor (0.4%) in shake flasks during 24 h at 45◦C.

Initial pH
Culture density
(OD 600 nm)

Maximum enzyme
activity (U/mL)

6 0.980 168.18

7 1.335 260.129

8 1.402 335.454

9 1.012 253.37

10 0.734 163.506

Results obtained revealed that corn steep liquor, which is
commercial, led to both maximum protease production and
growth. So by using corn steep liquor in the growth medium,
the production cost of the enzyme can be lessened. In some
organisms, however, organic nitrogen sources were found to
be better nitrogen sources both for growth and also protease
production [33, 34]. In a similar study Singh et al. used cheap
nitrogen sources such as corn steep liquor for the production
of a thermostable acid protease by a strain of Aspergillus niger
F2078 [35]. Although in this study other organic nitrogen
sources such as yeast extract, beef extract, and whey protein
could result in good amount of enzyme production, they
were less effective than corn steep liquor. This finding is in
contrast to Shafee et al. They found beef extract as the best
substrate for protease production [30]. In an earlier report
Uyar et al. found skim milk to have significant effect on the
production of the extracellular protease [36].

Protease activity varied with initial pH of the culture
medium (Table 3). The highest levels of protease activity
were detected in the cultures grown at pH 8. The growth was
the highest at pH 8 too. It suggests that Bacillus sp. strain CR-
179 can be classified as alkaliphilic Bacilli, since alkaliphiles
are defined as organisms that grow optimally at alkaline pH,
with pH optima for growth being in excess of pH 8 and some
being capable of growing at pH > 11 [37, 38]. In a similar
study Das and Prasad considered the pH of 8.0 as the best
pH for protease production [39].

Microorganisms vary in their oxygen requirement.
In particular, O2 acts as a terminal electron acceptor for
oxidative reactions to provide energy for cellular activities.
The variation in the agitation speed has been found to
influence the extent of mixing in the shake flasks and also
affect the nutrient availability [40]. Agitation rates have
been shown to affect protease in various strains of bacteria
[41, 42]. In the present investigation, Bacillus sp. strain
CR-179 grown in culture media containing starch and corn
steep liquor showed maximum protease activity at 150 rpm
agitation speed after 24 h incubation (Table 4). At this speed,
aeration of the culture medium was increased which could
lead to sufficient supply of dissolved oxygen in the media
[43]. Nutrient uptake by bacteria also will be increased
[44] resulting in increased protease production. At 180 rpm
pro-tease activity was found to be reduced. This was perhaps
due to denaturation of enzymes caused by high agitation
speed [45]. High agitation rates could also damage bacterial

Table 4: Effect of agitation rate on growth and protease activity by
Bacillus sp. strain CR-179 cultivated in a liquid medium containing
starch (1%) and corn steep liquor (0.4%) in shake flasks during 24 h
at 45◦C.

Agitation rate
(rpm)

Culture density
(OD 600 nm)

Maximum enzyme
activity (U/mL)

110 1.327 301.688

130 1.388 320.389

150 1.418 345.844

180 1.330 307.142
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Figure 3: Optimum pH profile of the Bacillus sp. strain CR-179
protease grown at 45◦C for 24 h.

cells, so that reduction of protease producers will result in
decreased protease production. Agitation speed of 110 and
130 rpm affected the growth of the organism considerably. At
this agitation rates, insufficient aeration and nutrient uptake
perhaps caused the inability of bacteria to grow efficiently. In
a similar study a notable increase in the protease production
with the high agitation rate (>200 rpm) was reported. It
was also revealed that a decrease in agitation rate drastically
lowered the total protease yield [46].

3.2. Effect of pH on Protease Activity. From an industrial
prospective, the protease must exhibit considerable activity at
high pH (s) and temperature (s). A pH range between 6.5 and
11.0 was used to study the effect of pH on protease activity
(Figure 3). The crude protease had a relatively wide pH range
between 8.0 to 10.5, with maximum enzyme activity at pH
9.0. Proteases that have pH optima in the range of 8.0 −11.0
are grouped under the category of alkaline proteases [47–
49]. Maximum activity at pH 9.0 indicates the enzyme to be
alkaline protease. Hence this protease can be introduced as an
industrially and economically feasible enzyme. In a similar
study Ibrahim et al. found an alkaline protease which had
maximum activity at pH 10.0 [50].

3.3. Effect of Temperature on Protease Activity. The protease
activities were assayed at different temperatures ranging from
40◦C to 70◦C at a constant pH of 9.0 (Figure 4). Enzyme
activity increased with temperature within the range of
40◦C to 60◦C and showed reasonable activity at temperature
range of 50◦C–65◦C, with maximum activity at 60◦C. A
reduction in enzyme activity was observed at values above
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Figure 4: Temperature profile of the Bacillus sp. strain CR-179
protease grown at 45◦C for 24 h.

60◦C. Maximum activity at 60◦C indicates the enzyme to be
thermoprotease. This observation was similar to the report of
Nascimento et al. They worked on a thermophilic Bacillus sp.
which produced a protease with maximum activity at 60◦C
[40]. Maximum protease activity at high temperatures is a
very suitable characteristic for its industrial acceptability.

4. Conclusion

In the present investigation we report the isolation of
proteolytic Bacilli from Tehran jungle parks. As the char-
acterization and optimization for each factor of growth,
nutritional requirement, and production yields are essential
requirements before the selected strain is used for further
investigation, the yield improvement of alkaline protease, in
general by any microbial system, depends on the physio-
logical, nutritional, and biochemical nature of the microbe
employed, and these factors vary from organism to organism
[14, 51–53]; one of the strongest isolates, Bacillus sp. strain
CR-179, was selected in order to optimize the culture
conditions for protease production. Scientists preferred
studying new isolates because they could be alternative for
commercial use [54–56]. This strain can be used for large-
scale production of alkaline protease to meet the present day
demand of the industrial applications. Starch and corn steep
liquor are cheap carbon and nitrogen sources which led us
to propose a low-cost medium formulation for maximum
protease production. Major industrial units are continuously
trying to identify enzymes that have potential industrial
applications, either to use them correctly or to create popular
enzymes with enhanced catalytic activity for well-adapted
large-scale industrial processes [57]. The optimum pH and
temperature for enzyme activity were determined as 9.0 and
60◦C, respectively. As the thermoactivity and pH stability of
proteases are of great importance in industrial uses, enzy-
matic properties indicate the potential use of this bacterium
and its protease for various industrial applications.
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Various culture parameters were optimised for laccase synthesis by Trametes pubescens MB89, including pH, carbon source,
nitrogen source, lignocellulosic supplements, and reported inducers. Glucose, in conjunction with a complex nitrogen source at
pH 5.0, resulted in the highest laccase yield. Adding ethanol, copper, or 2,5-xylidine prior to inoculation further improved laccase
concentrations. The addition of 2,5-xylidine was further investigated with multiple additions applied at varying times. This novel
application substantially improved laccase production when applied regularly from inoculation and during the growth phase,
and also countered glucose repression of laccase synthesis. Single and multiple factor changes were studied in three distillery
wastewaters and a wine lees. A synergistic increase in laccase synthesis was observed with the addition of glucose, copper, and
2,5-xylidine. Single addition of 2,5-xylidine proved most beneficial with distillery wastewaters, while copper addition was most
beneficial when using the wine lees as a culture medium.

1. Introduction

Laccase and various microorganisms that produce the en-
zyme have been studied intensively due to their potential ap-
plications in industrial and remediative processes. However,
one of the factors inhibiting the application of laccase is the
cost associated with using large quantities of the enzyme.
A possible strategy is to improve laccase yields using waste
substrates as a culture media for solid or submerged fer-
mentations. Numerous studies have investigated the most
favourable conditions for laccase production by various
fungi with solid and submerged fermentations [1]. The pro-
duction of laccase is dependent on a number of factors,
which include the strain of microorganism (or genetic ma-
nipulation thereof), the composition of the culture medium
(compounds that provide a nitrogen and carbon source or
that act as inducers), the cultivation method (solid substrate
or submerged), and the culture conditions (oxygen availabil-
ity, pH, temperature). Laccase is generally produced in ap-
preciable concentrations during the idiophase, where growth
remains static due to a decrease in available substrate, but

may be significantly enhanced by adding inducer com-
pounds. In order to provide laccase in the quantities required
and at a low cost, it is vital that yields are increased or that
production costs are reduced [2].

A variety of agroindustrial waste residues may be utilized
to produce laccase and thereby lower the substrate costs in-
volved in production. Barley bran [3], a common waste from
the brewing industry, chestnut shell waste from glacé chest-
nut production [4], banana skins [5], mandarin peels [6],
kiwi fruit wastes [7], grape seeds [8], and distillery wastew-
aters [9] have all been assessed as substrates for laccase syn-
thesis using white rot fungi. Distillery wastewaters are par-
ticularly attractive for monocultures as they can be consid-
ered as a sterilised growth medium, notably lowering costs
associated with heat sterilisation. Although these waste sub-
strates have been investigated as potential substrates for
laccase production, this needs to be taken further and laccase
yields using waste residues need to be increased. Minor
adjustments to the culture conditions, supplementation, or
inducer addition could significantly improve laccase produc-
tion when utilizing waste substrates.
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Inducers are compounds that significantly increase lac-
case production while occurring at concentrations that are
extremely low relative to available carbon sources. Many in-
ducers are phenolic or aromatic compounds related to lignin
or are lignin derivatives. Non-phenolic compounds such as
ethanol [11] and metal ions such as copper [12, 13] have
also increased laccase synthesis. The presence of the inducer
(or possibly its metabolite) and the availability of copper
can trigger significant increases in laccase productivity in
response to environmental conditions. The extent to which
laccase synthesis is enhanced depends upon the inducer’s
concentration and its time of addition [1]. If it occurs at
too low a concentration then no effect is observed, while a
toxic effect (growth inhibition) is often observed when the
concentration is too high. Although the time at which as
inducer is added does affect laccase synthesis, the majority of
studies add the compound prior to inoculation. Fungal gen-
era differ markedly regarding laccase stimulus by inducers.
The inductive effect also depends on very small differences in
molecular structure, as large differences in enzyme synthesis
have been noted for very similar compounds [10].

The objective of this study was to enhance laccase syn-
thesis by Trametes pubescens MB89 with pH adjustment,
carbon and nitrogen supplementation, and the addition of
a variety of reported inducers at two time periods. The most
stimulatory compound was then assessed further using dif-
ferent numbers of additions, at different times to determine
which would have the greatest positive impact on enzyme
yields. The changes or additions that resulted in increased
laccase synthesis were assessed in wine-related wastewaters to
establish whether the improvements would have a universal
effect or if they were particular to a specific culture medium.

2. Materials and Methods

2.1. The Effect of pH, Different Carbon, Nitrogen, and Lignin/
Cellulose Substrates on Laccase Synthesis. The optimal pH
was assessed using a full-strength distillery wastewater (COD
29.5 g/L, total phenolic compounds 280 mg/L, and pH 3.75)
adjusted to 3.5, 4.0, 4.5, 5.0, 5.5, and 6.0 using hydrochloric
acid or Na2CO3 powder (both Saarchem, uniLAB, Merck).
Aliquots of 65 mL of the wastewater were placed in 250 mL
Erlenmeyer flasks, covered with aluminium foil (to prevent
contamination), and autoclaved for fifteen minutes. Dupli-
cate flasks were inoculated with T. pubescens MB89 (0.87 ±
0.28 g/L) from stock cultures grown in a liquid culture con-
taining 2% malt extract, 1% glucose, and 0.2% yeast extract
(all Merck, Biolab) at pH 5.5.

Different carbon sources in the form of fructose, glucose,
mannitol, maltose, sucrose, cellobiose, and lactose (all Saar-
chem, univAR, Merck) were added to a low-strength brandy
distillery wastewater (COD 10.5 g/L, total phenolic com-
pounds 35 mg/L, and pH 3.9) to assess their individual effects
on laccase synthesis. The amount added was equivalent to the
molar equivalent of carbon atoms in 10 g/L of glucose. Differ-
ent nitrogen sources in the form of NH4NO3, NH4Cl, KNO3

(Saarchem, univAR, Merck), and H2NCNH2 (analaR, BDH)
were added at a molar equivalent of nitrogen atoms in 2 g/L

of KNO3, while malt extract, yeast extract, and peptone were
added at 2 g/L. Cellulose and lignin-containing supplements
in the form of cellulose powder, blue gum powder, rooibos
tea leaves (Aspalathus linearis), and sugarcane bagasse were
added at 1 g/L, and phosphorus (H3PO4, 50 mM) was as-
sessed. In all cases, the wastewater pH was adjusted to 5.0
using sodium carbonate powder. Aliquots of 65 mL of the so-
lutions were placed in 250 mL Erlenmeyer flasks, covered
with aluminium foil (to prevent contamination), and auto-
claved for fifteen minutes. Triplicate flasks were inoculated
with T. pubescens MB89 (1.27 ± 0.31 g/L) from the stock
cultures described above. The flasks were placed in a shaking
incubator (Labcon) at 150 rpm at 28◦C for 15 days. Control
samples were inoculated in the media containing no stim-
ulatory compounds. Samples were taken from the flasks at
least every second day, centrifuged in 1.5 mL Eppendorf con-
tainers at 9660 g for two minutes (Heraeus Biofuge, Ger-
many) and the supernatant was diluted appropriately and
tested for laccase activity using the ABTS assay as described
in [9].

2.2. The Effect of Reported Inducers

2.2.1. Addition Prior to Inoculation. All inducers were as-
sessed in 250 mL Erlenmeyer flasks containing 65 mL of
a synthetic medium containing: 2% glucose (Saarchem,
uniLAB, Merck), 0.3% peptone, 0.3% malt extract (both Bio-
lab, Merck), KH2PO4 (1 g/L), Na2HPO4·2H2O (100 mg/L),
MgSO4·7H2O (500 mg/L), CaCl2 (10 mg/L), FeSO4·7H2O
(10 mg/L), MnSO4·4H2O (1 mg/L), ZnSO4·7H2O (1 mg/L),
and CuSO4·5H2O (2 mg/L) (all Saarchem, uniLAB, Merck).
Reported inducers in the form of 3,4-dimethoxybenzyl
alcohol, 2,5-xylidine (2,5-dimethylalinine), syringic acid,
hydroxybenzotriazole (HBT), violuric acid (all Fluka, Sigma
Aldrich Ltd, Cape Town), guaiacol, p-coumaric acid, 2,6-
dichloroindophenol (DI), quercetin dehydrate, o-cresol, gal-
lic acid (all Sigma), n-hydroxyphthalimide, 4-methylcatechol
(both Aldrich), phenol, phenol red, and copper sulphate (all
Saarchem, uniLAB, Merck) were all tested at 1 mM, while
cycloheximide (Sigma-Aldrich), an antibiotic, was tested at
0.1 mM. Tannic acid (Sigma), cellulose powder (Aldrich, 20
micron diameter), Aspalathus linearis tea leaves, and absolute
ethanol (Merck) were tested at 0.1% (w/v). All reported
inducers, other than ethanol, were autoclaved in the synthetic
medium (pH adjusted to 5.0 individually after the addition of
the inducer). Absolute ethanol was autoclaved separately and
added immediately prior to adding the inoculum.

2.2.2. Addition Four Days after Inoculation. Autoclaved flasks
containing only the synthetic medium described in Section
2.2.1 were inoculated and placed on a shaking incubator
(Labcon) at 150 rpm at 28◦C. After four days of growth,
the reported inducers were added individually under aseptic
conditions. All reported inducers and controls were assessed
in triplicate over a 20-day period. Samples of <0.5 mL were
taken every 48 hours, except for 2,5-xylidine—which was
sampled daily for the first six days after addition and every
48 hours thereafter.
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2.2.3. Multiple Additions of 2,5-Xylidine. One reported in-
ducer, 2,5-xylidine, was additionally tested in the synthetic
medium by varying the both time and number of additions.
It was added aseptically such that the concentration increased
by 1 mM with each addition. One, two, or three doses were
administered at 48-hour intervals. Dosing commenced at
different times after inoculation (see Table 3, Section 3.2.2
for the exact times and numbers of addition) to determine the
effects of dosing during different stages of the growth cycle.

2.3. Laccase Synthesis in Modified Wine-Related Wastewaters.
Four wastewaters were obtained from a winery and two dis-
tilleries near Worcester in the Western Cape Province of
South Africa and stored at 4◦C. After assessment for growth
inhibition, two distillery wastewaters were tested at full
strength, while two of the wastewaters (a wine lees and a dis-
tilled wine lees after tartaric acid extraction) were tested
at 30% concentration. Wastewater controls consisted of the
raw, unadjusted wastewater. Additions of 2% glucose, 1 mM
copper sulfate, or three 1 mM additions of 2,5-xylidine were
assessed in the four wastewaters. In addition, a synergistic
reaction was studied by combining pH adjustment, glucose,
copper, and 2,5-xylidine addition. Triplicate flasks of all wast-
ewaters were inoculated with biomass of Trametes pubescens
MB89 (0.76 ± 0.25 g/L) from the stock cultures described
above. The flasks containing the wastewater samples were
placed on a benchtop shaker (Labcon SP015 + UPF75, Mar-
aisburg) at 150 rpm at 28◦C for 14 days. Laccase activities
were tested every 48 hours for all flasks except for 2,5-xyli-
dine, which was tested every 24 hours for the first eight days
and every 48 hours thereafter.

3. Results and Discussion

3.1. The Effect of Different Carbon, Nitrogen, and

Lignin/Cellulose Substrates on Laccase Synthesis

3.1.1. pH. Laccase synthesis varied significantly over the pH
range tested in the brandy distillery wastewater. A peak in
production was evident at pH 5.0—as laccase synthesis de-
creased by more than 40% at a pH only 0.5 units more acidic
and basic (Figure 1). Variations in growth and metabolic
requirements could be attributed to the change in laccase
production. A visibly longer lag phase in growth occurred
at more acidic pH values, and less mycelia growth was evi-
dent. The optimal range for the laccase isoforms secreted by
this fungal strain has been reported between pH 3.0 and 4.5
[12], potentially indicating that laccase may be produced and
function optimally under conditions that are not favourable
to growth. The presence of inducers may increase laccase
synthesis by providing contact with compounds that may
naturally elicit a stress response and further increase pro-
duction. In the current experiment, all of the highest laccase
activities occurred from day 12 onwards, which is typical of
many submerged cultures where the highest activities were
reported to occur in the secondary growth phase.

3.1.2. Carbon Source. The greatest laccase synthesis was ob-
tained when fructose, glucose, sucrose, and cellobiose were
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Figure 1: The highest laccase concentration produced at various
starting pH values (n = 2).

used as carbon sources (Table 1). These sugars all improved
laccase yield 1.7-fold relative to the control. Lactose and
maltose also yielded relatively high laccase production and
improved synthesis 1.5-fold. Mannitol was the only supple-
ment that resulted in a relative decrease in laccase synthesis,
as these cultures produced approximately half the laccase
produced in the control. Mannitol differed from the other
carbon sources in that it was a sugar alcohol (or polyol) and
was not a cyclic compound. Revankar and Lele [14] investi-
gated the effect of different carbon sources (glucose, fructose,
sucrose, lactose, starch, and glycerol) on laccase production
by T. versicolor MTCC138. They observed a 3-fold increase
of laccase production when glucose was used instead of fruc-
tose, and starch further improved laccase production by 12%.
Although not attempted in this study, Revankar and Lele
[14] obtained interesting results when combining starch and
glucose (1 : 1) as carbon sources and further improved lac-
case synthesis by 57%. They attributed lower laccase syn-
thesis with glucose alone due to glucose repression of en-
zyme synthesis but when used in combination with a more
complex carbon source, the glucose was rapidly utilized for
growth, while the starch was consumed during stationary
phase and aided laccase production.

3.1.3. Nitrogen Source. The nitrogen source that improved
laccase synthesis to the greatest extent was peptone (1.8-
fold increase). Lower yields were obtained with an inorganic
nitrogen source. The effects of inorganic nitrogen upon lac-
case synthesis in this study were corroborated by Revankar
and Lele [14], who obtained highest laccase activities by
Trametes versicolor MTCC 138 using a complex nitrogen
source (yeast extract) and also obtained low laccase activities
when using inorganic nitrogen sources. In the present study,
improved growth resulting from the carbon present in pep-
tone may have improved total laccase synthesis.

Although an inorganic nitrogen source such as aspara-
gine aids downstream processes such as enzyme extraction
and purification [15], researchers have observed negligible
growth and laccase secretion when they replaced the complex
nitrogen source with asparagine as the sole nitrogen source
for Trametes pubescens [13]. Literature exists supporting both
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Table 1: Laccase synthesis with different carbon, nitrogen, lignin/cellulose sources, and phosphorus (n = 2).

HLA∗± std dev (units/L) Day of HLA Increase (fold)

Carbon sources

Fructose 3160± 179 9± 0.6 1.7± 0.09

Glucose 3238± 793 9± 0.6 1.7± 0.42

Mannitol 1091± 161 6± 0.0 0.6± 0.08

Maltose 2755± 188 9± 0.0 1.5± 0.10

Sucrose 3239± 781 9± 0.6 1.7± 0.41

Cellobiose 3306± 262 9± 0.0 1.7± 0.14

Lactose 2933± 164 10± 0.6 1.5± 0.09

Nitrogen sources

NH4NO3 1759± 218 6± 0.0 0.9± 0.11

NH4Cl 1521± 290 5± 0.0 0.8± 0.15

KNO3 1879± 313 10± 0.0 1.0± 0.16

H2NCNH2 1485± 166 5± 0.0 0.8± 0.09

Malt extract 2080± 489 10± 0.0 1.1± 0.26

Yeast extract 2243± 35 5± 0.0 1.2± 0.02

Peptone 3428± 422 5± 0.0 1.8± 0.22

Lignin/cellulose

Cellulose 1289± 220 8± 0.6 0.7± 0.12

Bluegum 1919± 206 10± 0.0 1.0± 0.11

Rooibos 2031± 452 9± 0.6 1.1± 0.24

Bagasse 1788± 288 9± 0.0 0.9± 0.15

Phosphorous source H3PO4 1978± 44 9± 1.2 1.0± 0.02

Control 1899± 38 10± 0.6 1.0± 0.02
∗

HLA: highest laccase activity.

high [13] and low [16] nitrogen concentrations for enhanc-
ing laccase synthesis, but a high nitrogen concentration is
generally favoured [1]. This has also been demonstrated at a
molecular level, where increasing the nitrogen concentration
in cultures of Trametes versicolor increased in laccase gene
transcription levels [17].

3.1.4. Lignin/Cellulose. Trametes pubescens MB89 did not
increase laccase synthesis in response to the four lignin/cellu-
lose additions. The main constituent of green rooibos (Aspal-
athus linearis, used to make a herbal tea) is dihydrochalcone
aspalathin, but it is also known to contain hydroxylated ben-
zoic and cinnamic acids, the flavonoids: luteolin, chrysoeriol,
quercetin, and isoquercetin [18, 19]. Sugarcane bagasse is
known to contain an array of phenolic compounds, which
includes both ferulic acid and p-coumaric acid [20]—both
known to be potent laccase inducers in some white-rot fungi
[21]. Although plant extracts and lignocellulosic wastes do
contain tannins and phenolic compounds known to enhance
laccase synthesis [21, 22], the concentrations in the liquid
media may have been too low to elicit a response.

3.2. The Effect of Reported Inducers

3.2.1. Addition Prior to or Four Days after Inoculation. A syn-
thetic media was used to assess a number of reported induc-
ers (Table 2) that were either added before inoculation or
four days thereafter. The greatest increase in laccase synthesis
for both times of addition resulted from 2, 5-xylidine. Gen-
erally, the greatest increases in laccase synthesis were ob-
served when the stimulatory compounds were added to the

medium prior to inoculation. Ethanol and copper were most
beneficial when added prior to inoculation, while 4-meth-
ylcatechol and n-hydroxyphthalimide resulted in greatest in-
creases when added four days after inoculation. Gallic acid,
tannic acid, and quercetin led to a modest improvement in
laccase activities when added prior to inoculation. The other
compounds elicited no significant improvement, or a neg-
ative response regarding laccase production. Addition of the
reported inducer prior to inoculation could be more effective
than addition after the biomass is actively growing, as it effec-
tively exposed a lower biomass concentration to the stim-
ulatory compounds for a longer time period. This was evi-
dent for 4-methylcatechol where cell growth was visibly re-
duced and grew in a few large clumps instead of a slurry of
fine pellets that was evident in nearly all other shake-flask
cultures. The exposure to cycloheximide was fatal, as no
change in the medium pH or laccase activity was observed.

There have been many studies regarding the effects of in-
ducers using a plethora of fungal genera, species, and even
strains. Differences in laccase stimulation were already ob-
served in very early studies more than half a century ago.
Fåhraeus et al. [23] studied the response of a number of fungi
to various laccase inducers. These inducers improved laccase
activities from various T. versicolor strains, but only guaiacol
induced enzyme synthesis in Stereum hirsutum. Ethanol has
improved laccase synthesis significantly when used as a car-
bon source [24] for a monokaryotic strain Pycnoporus cinna-
barinus ss3. Later work by this group indicated that ethanol
improved gene expression and inhibited protease activity,
thereby playing an important regulatory role in laccase
production by the fungus [25]. Further work performed in
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Table 2: Laccase synthesis obtained with the addition of various reported inducers prior to inoculation or four days thereafter (n = 3).

Reported inducer
Added prior to inoculation Added after four days

HLA∗ (units/L) Day of HLA Increase (fold) HLA (units/L) Day of HLA Increase (fold)

2,5-Xylidine 8419 2 3.7 2944 11 2.4

Ethanol 6701 20 2.9 292 6 0.2

Copper 5492 20 2.4 1044 13 0.9

4-Methylcatechol 1153 20 0.5 2253 13 1.9

n-hydroxyphthalimide 1636 14 0.7 2283 13 1.9

Gallic acid 3303 14 1.4 820 8 0.7

Tannic acid 3114 20 1.4 1111 13 0.9

Quercetin 2966 14 1.3 588 13 0.5

Syringic acid 1862 14 0.8 1404 11 1.2

Guaiacol 2580 16 1.1 1292 11 1.1

Dimethoxybenzyl alcohol 1939 16 0.8 1247 13 1.0

Phenol 2149 14 0.9 1270 11 1.0

Violuric acid 2035 14 0.9 1039 11 0.9

Phenol red 2601 12 1.1 663 13 0.5

Cellulose 2474 16 1.1 328 13 0.3

p-Coumaric acid 2370 14 1.0 1227 13 1.0

Rooibos 2119 16 0.9 372 13 0.3

o-Cresol 2064 12 0.9 558 11 0.5

Dichloroindophenol 127 12 0.1 795 8 0.7

Hydroxybenzotriazole 977 14 0.4 656 13 0.5

Cycloheximide 20 4 0.0 455 5 0.4

Control 2305 12 1.0 1214 13 1.0
∗

HLA: highest laccase activity.

the current study found the combination of copper, 2,5-
xylidine, and glucose enhanced laccase synthesis significantly
(Section 3.3).

3.2.2. Multiple Additions of 2,5-Xylidine. Following on from
the success of 2,5-xylidine at greatly improving laccase titres,
the effects of time of addition and multiple dosing were
assessed to determine whether laccase stimulation could be
improved further. The time of the initial dose and the num-
ber of additional doses were varied—as per Table 3. The
highest relative increases in laccase synthesis were observed
for cultures where the inducer was applied very early in the
batch culture. A single dose of 1mM 2,5-xylidine at the time
of inoculation improved laccase synthesis 7.7-fold. Three
doses of 2,5-xylidine applied from the time of inoculation at
48-hour intervals improved laccase synthesis 10.3-fold. It was
evident that multiple applications of 2,5-xylidine increased
laccase synthesis to a greater extent than single applications.
These increases were most beneficial when added early in the
growth phase.

Numerous studies have shown 2,5-xylidine to be a potent
inducer amongst a variety of fungal genera [3, 16, 26]. An
8.2-fold increase was observed in laccase synthesis by T. ver-
sicolor [27], while a 9-fold increase was observed when added
to a culture of Pycnoporus cinnabarinus [28]. However, to
the authors knowledge, the current study is the first that
illustrates the effectiveness of pulsed dosing of an inducer,

which resulted in a significant improvement in laccase ac-
tivity (33%) compared to the single dose strategy.

Another significant finding was that the presence of 2,5-
xylidine countered glucose repression of laccase synthesis. In
the control samples, the highest laccase concentrations were
observed in the stationary phase at the end of the fermenta-
tion period; which has been published in prior work [9, 29].
However, with multiple doses of 2,5-xylidine, laccase expres-
sion peaked early in the fermentation period. Some fungi,
such as Lentinus edodes, produce high concentrations of
laccase during primary growth (known as constitutive pro-
duction). This is advantageous as it shortens the fermenta-
tion period [22, 26]. This is highly advantageous as it may
greatly lower the costs of laccase production in submerged
cultures as costs associated with energy and aeration can be
significantly lowered. Additionally, potential contamination
that could ruin a lengthier fermentation is less of a concern
when the product is produced in a shorter time.

3.3. Laccase Synthesis in Modified Wine-Related Wastewaters.
Raw wastewaters were adjusted to pH 5, supplemented with
either copper, glucose, ethanol, dosed three times with 1 mM
2,5-xylidine or supplemented with a combination of glucose,
copper and dosed three times with 2,5-xylidine. The initial
pH, chemical oxygen demand (COD), and total phenolic
compounds were measured and displayed in Table 4. The
high phenolic content of the wine lees would suggest that
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Table 3: Laccase synthesis when varying 2,5-xylidine dosage time and number (n = 2).

Days added HLA (units/L) Std Dev Day of HLA Std Dev Increase (fold)

Control 1295 152 13 1 1.0

0 9999 411 2 0 7.7

0 + 2 11012 688 3 1 8.5

0 + 2 + 4 13294 627 7 1 10.3

2 7529 321 4 0 5.8

2 + 4 7589 346 4 1 5.9

2 + 4 + 6 7817 661 4 1 6.0

4 1972 323 6 0 1.5

4 + 6 3579 417 9 1 2.8

4 + 6 + 8 5033 327 13 2 3.9

6 4058 366 11 1 3.1

6 + 8 3399 192 9 1 2.6

6 + 8 + 10 3930 298 9 1 3.0

8 1454 154 13 1 1.1

10 1134 78 13 0 0.9
∗

HLA: highest laccase activity.

Table 4: Wastewater characteristics [9].

pH COD (g/L)
Total phenols

(mg/L)

Brandy distillery wastewater 3.67 19.9 320

Distilled wine 3.58 34.8 290

Distilled wine lees 5.09 45.5 540

Wine lees 3.72 211.8 1720

there were likely naturally occurring phenolic inducers
present. Results obtained are displayed in Figure 2, which
represents the average highest laccase activity of the triplicate
samples for each individual modification tested in each of the
four wastewaters separately. Of the various modifications,
only the addition of copper, 2,5-xylidine, or the combination
of glucose, copper, and 2,5-xylidine elicited major improve-
ments of the laccase yield.

The simultaneous addition of glucose, copper, and 2,5-
xylidine resulted in the greatest increase in laccase synthesis
in all four wastewaters. This would be expected as the wast-
ewaters now contained carbon, copper (an essential metal
component of the enzyme), and a reported inducer. Syner-
gistic effects using 2,5-xylidine and other compounds have
been observed before. Fåhraeus et al. [23] tested various cop-
per concentrations with and without 2,5-xylidine and ob-
served very little difference when copper was tested from 0
to 2500 µg/L by itself. However, when copper was tested with
2,5-xylidine, there were large increases in laccase synthesis—
illustrating the synergistic effect when the two inducers were
added simultaneously.

The addition of 2,5-xylidine led to the most significant
increases in laccase activity in the two distillery wastewaters
that were tested at full strength (Figure 2). There was no in-
crease in the two wastewaters that were diluted to a 30% con-
centration. Interestingly, the flasks containing 30% wine lees
that were supplemented with 2,5-xylidine were the only ones

in which the fungus grew in a single mass instead of loose
pellets and mycelial fragments, indicating a possible physi-
ological response to the phenolic compound. However, lac-
case synthesis was not improved. The wine lees had the great-
est concentration of phenolic compounds (590 mg/L after
dilution), which could have acted as stimulatory compounds,
and thereby lessened the effect of 2,5-xylidine.

In the current study, laccase repression normally occur-
ring in the presence of excess glucose was countered by the
addition of 2,5-xylidine. The phenolic compound altered lac-
case synthesis such that the highest concentration was re-
corded earlier in the batch culture, as opposed to idiophasic
production. When glucose was added as the only modifica-
tion, the maximum laccase concentration occurred much
later (approximately 11.3 days) than it did with the combi-
nation of glucose, copper, and 2,5-xylidine (approximately
6.1 days).

Copper supplementation only increased laccase synthesis
in the diluted wine lees, where the combination of the metal
with organic acids, sugars, ethanol, and the various phenolic
compounds could have elicited greater enzyme synthesis.
Copper addition by itself was of little benefit to any of the
distillery wastewaters. Copper is vital to laccase synthesis as
the enzyme requires four copper atoms to be catalytically
active, but lack of an adequate carbon or nitrogen source or
inducer may have hampered laccase synthesis. Other studies
have confirmed little difference regarding laccase synthesis by
T. versicolor when copper by itself was tested in a range from
0 to 2500 µg/L [23].

Glucose addition did not improve laccase yields. Some
studies have found an abundance of glucose inhibits laccase
synthesis. Moreira et al. [30] found high glucose concentra-
tions lowered laccase production during secondary metab-
olism. They hypothesized that low laccase production was
due to the low pH resulting from extended primary metab-
olism. In the current study, the biomass from the glucose-
supplemented wastewaters had of a thick, clear band of
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Figure 2: Laccase synthesis of Trametes pubescens in four wine-related wastewaters with various modifications (n = 3).

mucilaginous growth (consistent with an external polysac-
charide layer). When copper and 2,5-xylidine were included
with glucose, this mucilaginous growth was notably dimin-
ished and the solution was less viscous. This suggested that
the change in physiology during growth resulting from glu-
cose would significantly affect laccase production; and the
addition of 2,5 xylidine was beneficial with regard to both
yield and downstream processing.

There was great variability in fungal growth and enzyme
synthesis in wine-related wastewaters. The wine lees and the
distilled wine lees had both inhibited the growth of T. pubes-
cens at full strength. These had to be substantially diluted to
allow for growth, which would render their use impractical
at large-scale. Although there is literature pertaining to the
utilisation of wastewaters as a medium or as a supplement to
produce laccase [4, 21], there is little that demonstrates sup-
plementation of wastes or wastewaters in order to enhance
the production of laccase by white-rot fungi. A recent pub-
lication has illustrated that the addition of 2 mM of copper
could enhance the laccase yield 3-fold using wheat bran
under solid substrate fermentation [31]. The present study
has shown that significant improvements can be achieved
in wastewaters with slight modifications. The two distillery
wastewaters that were tested at full strength had substantial
increases in laccase activity when 2,5-xylidine was added by
itself, while the 30% wine lees had a significant increase with
the addition of 1 mM copper. The most pragmatic strategy
would be to adopt a repeated dosage of 2,5-xylidine with
the inclusion of a copper supplement. This would have lower
associated costs, and the potential for contamination would
be significantly less than if glucose were also added. Nominal
copper concentrations would be added to ensure that the
microelement was present as laccase synthesis is negligible
if the microelement is not present. It appeared that no
single factor could be altered to enhance enzyme synthesis
over a broad spectrum of wine-related wastewaters. How-
ever, it was evident that supplementation with 2,5-xylidine
could significantly increase laccase synthesis in full-strength
distillery wastewaters.

4. Conclusions

Conditions tested in this study indicated that a number of
factors could significantly increase laccase synthesis using T.
pubescens in wastewaters. A pH of 5.0, a number of carbon
sources (fructose, glucose, sucrose and cellobiose) and pep-
tone all improved laccase concentrations. Under the condi-
tions tested, 2,5-xylidine, ethanol, and copper effectively in-
creased laccase when added prior to inoculation, while 4-
methylcatechol and n-hydroxyphthalimide promoted laccase
synthesis when added later in the growth phase. The addition
of 2,5-xylidine was further investigated, and greater laccase
synthesis was achieved using multiple doses applied at the
early growth stage. Another significant finding was that the
presence of 2,5-xylidine countered glucose repression of lac-
case synthesis. This is highly advantageous as it may greatly
lower the costs of laccase production in submerged cul-
tures as costs associated with energy and aeration can be
significantly lowered. Additionally, potential contamination
that could ruin a lengthier fermentation is less of a concern
when the product is produced in a shorter time. The highest
laccase concentrations were produced in all four wastewaters
when the combination of copper, 2,5-xylidine, and glucose
was added. The two distillery wastewaters that were tested
at full strength had a substantial increase in laccase activity
when supplemented with 2,5-xylidine, while the laccase
concentration in the 30% wine lees was enhanced by the
addition of 1 mM copper. Although no single factor could be
altered in order to enhance enzyme synthesis over a broad
spectrum of wine-related wastewaters, multiple doses of
2,5-xylidine could significantly increase laccase synthesis in
distillery wastewaters.
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[23] G. Fåhraeus, V. Tullander, and H. Ljunggren, “Production of
high laccase yields in cultures of fungi,” Physiologia Plantarum,
vol. 11, no. 3, pp. 631–643, 1958.

[24] A. Lomascolo, E. Record, I. Herpoël-Gimbert et al., “Overpro-
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Cupuaçu (Theobroma grandiflorum Schum) is an Amazonian Basin native fruit whose fruit pulp is consumed as a juice which
presents high density, viscosity, and turbidity. Pectic enzymes, usually yielded by microorganisms, are used to reduce the juice
viscosity and turbidity. The present study aims to evaluate the use of pectic enzymes when processing cupuaçu juice. The cupuaçu
juice was obtained by using Aspergillus japonicus 586 crude enzyme extract and incubation at 50◦C with agitation (140 rpm) for
one hour. Enzyme activities were determined, and the juices were evaluated as to their yield, turbidity, viscosity, and chemical
composition. The juice produced by using crude enzyme extract presented higher soluble solids, reducing sugars, and lower
viscosity and turbidity.

1. Introduction

Commercial preparations of pectic enzymes used in food
industries are frequently derived from filamentous fungi [1],
mainly strains of Aspergillus niger [2–4]. Species of this group
include fungi with asexual reproduction (deuteromycete),
included in the class Hyphomycetes, which are characterized
by morphological structures typical of the genus Aspergillus.
In the Amazon, Aspergillus japonicus 586, niger group, are
preserved in the mycology collection (collection of microor-
ganisms) of the Universidade Federal do Amazonas. They
are thermotolerant species, isolated from various natural
substrates, such as wood shavings and parts (peel, pulp and
seeds) and kept in a liquid medium with pH 2–5 [5].

In recent decades, the highlight of deuteomycetes is
associated with the production of bioactive compounds,

such as enzymes (cellulases, pectinases, and proteases),
which present many advantages for being recognized as safe
(GRAS). Highlighted by the production of biocatalysts, fun-
gal species are used in food industry and in bioremediation
processes, contributing, respectively, to lower the residue rate
and biodegradation need [6, 7].

Pectinases have application in the food industry to
degrade pectin. These enzymes are used in the fruit juice
extraction process on account of facilitating the filtration,
increasing yield, and reducing the viscosity and turbidity
caused by pectin [8–10]. Among the pectic enzymes, poly-
galacturonase and pectinesterase bring about pectin depoly-
merization and de-esterification, respectively. Traditionally,
crude preparations containing several pectinases are used by
fruit juice and alcoholic beverage industries, although some
processes require only a few of them [6].
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The Amazon presents high fruit species diversity, some
of them are already part of traditional crops [10], yet
most still come from natural extractivism. Some are known
worldwide, but most are only known and consumed locally.
Some fruits whose chemical composition is known arouse
great interest due to the presence of bioactive substances.
Other fruits are preferred by their very attractive flavor
[11, 12]. Cupuaçu is a native fruit which is cultivated in
the Amazon [13, 14]. Its pulp has high consumer accept-
ance and is used for the preparation of juices, ice creams,
candies, cream, jam, dessert, and liquors. Due to the
consumer’s preference within and outside the Amazon, the
cupuaçu is a fruit that stands out as the most promising for
industrialization. Thus, the development of studies can help
to encourage industrialization and, especially, to give value to
the Amazonian biodiversity.

The pulp of cupuaçu presents a pseudoplastic behavior
[15]. Among the traditional juices, the cupuaçu is preferred
by consumers in the Amazon. This juice is thick and viscous
and has high concentrations of colloids and solids particles.
These features cause problems for the industrialization of the
juice. The flow of juice inside the tubular system of industrial
equipment is complicated, and the physical stability of the
manufactured product is low.

The present study is undertaken so as to couch the
pulp industrialization, the increase on the demand for
cupuaçu nectars, and the importance of microbial enzymes
for improving the process and especially the Amazonian
biodiversity valorization. This research aims to evaluate the
effect of crude extract of enzymes produced from Aspergillus
japonicus 586 on the cupuaçu juice physicochemical charac-
teristics.

2. Material and Methods

2.1. Microorganism. In this study, Aspergillus japonicus 586
was selected randomly from the collection (Culture Col-
lection DPUA) maintained by the Federal University of
Amazonas (Universidade Federal do Amazonas (UFAM)),
located in Manaus, Amazonas, Brazil. The stock culture was
obtained in test tubes (148 × 230 mm) containing Czapek
yeast extract agar (CYA). The cultures were kept for seven
days at 30◦C, and their viability was monitored every 24
hours [16].

2.2. Crude Enzyme Extract. A suspension of 5×
106 spores/mL of liquid medium containing 0.5% (w/v)
citric pectin was obtained (aseptically) from the stock culture
in CYA. The pectinolytic enzymes were produced in the
culture medium containing (g/L of distilled water) KH2PO4

(2.0), NH4SO4 (1.0), MgSO4·7H2O (0.1), Na2HPO4·7H2O
(0.9), yeast extract (1.0), and citric pectin (5.0), and the
pH was adjusted to 3.0 with a dilute sulfuric acid solution.
The medium was sterilized during 15 min at 120◦C. After
autoclaving, a spore suspension plus 5 mL of polidimetilsi-
lorano (1% w/v) aqueous solution was added to 5 L of
liquid culture medium to give a final concentration of 5 ×
106 spores/mL. The fermentation was carried out in Bioflo
III fermenter (New Brunswick Scientific, USA) containing

5,000 mL of liquid culture medium using the following
conditions: temperature of 28◦C, shaking of 140 rpm,
and aeration rate of 0.6 v/v/min (volume of air/volume
medium/minute) during 120 hours. The crude enzyme
extract was recovered by vacuum filtration through a
0.45 mm membrane [5, 17].

2.3. Cupuaçu Pulp. Mature fruits were collected from crops
cultivated in the vicinity of Manaus, Amazonas, Brazil. The
fruits were washed, and the shell was broken. The pulp was
the separated from the seed by hand with the aid of scissors
and immediately used in the experiments.

2.4. Treatments. In the experiment four juice samples (in
duplicate) were obtained by varying the liquid phase (crude
enzyme extract or water) and process (incubated and not
incubated). To obtain the juice quantities of 100 g of
pulp and 100 mL of water or crude enzyme extract were
used. The trituration was done for three minutes in a
blender (high speed). The incubation was conducted using
300 mL beakers (opened), Dubnoff shaker digital model NT
232, with shaking of 140 rpm, temperature 50◦C for one
hour. Enzyme activity was interrupted by heat treatment
(immersion immediately after trituration to control without
incubation and after incubation for the others) for five
minutes in boiling water bath and cool immediately in ice
water bath. Filtration (under manual pressure) was done
with gauze tissue (folded eight times) and with quantitative
recovery of juice and residue.

2.5. Physicochemical Characteristics. The volume (mL) of
juice was measured, and the residue (filtration under
compression) was weighed after drying (constant weight)
in an oven at 80◦C. The pH was determined by pH
meter (Procyon-10) and acidity (expressed as percentage
of citric acid) by titration with 0.1 M NaOH (phenolph-
thalein as indicator). Ascorbic acid was extracted with
0.5% oxalic acid and measured by titration with 2,6-
dichlorophenolindophenol [18]. The sugars were extracted
with water and quantified by the Somogyi-Nelson [19].
Reducing sugars were determined prior to and total sugars
following heated-acid hydrolysis. The nonreducing sugars
were determined by the difference found between total
and reducing sugars. On account of presenting very high
absorbance (1.49 to 2.81) it was necessary to dilute the juice
(10 times) with water so as to perform the turbidity analysis.
To evaluate the turbidity, the volume of 5 mL of juice was
diluted into 50 mL of distilled water and the absorbance read
on a Perkin-Elmer spectrophotometer at 660 nm [20]. The
findings were expressed as diluted-juice absorbance units.
The viscosity was determined by Ostwald viscometer reading
[21].

2.6. Endopolygalacturonase Activity. Endopolygalacturonase
activity was measured viscosimetrically by the Tuttobello and
Mill method [21] by using 250 µL of the samples and 5.75 mL
of 0.2% (w/v) citric pectin in 0.025 M acetate buffer (pH 5.0)
containing 1 mM ethylenediaminetetraacetic acid (EDTA).
The blank was prepared with 250 µL of buffer solution. The
incubation was conducted at 50◦C during 10 and 60 minutes
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for the crude enzyme extract and juices, respectively, and
then cooled in an ice water bath. The readings were made
on the same Ostwald viscometer. Viscosimetric unit (U) was
defined as the enzyme quantity required to decrease the
initial viscosity by 50%. The enzymatic activity was expressed
as U/mL/min.

2.7. Exopolygalacturonase Activity. Exopolygalacturonase
activity was determined using the 3,5-dinitrosalicylic
acid (DNS) reagent [22]. The reactive mixture contained
250 µL of 0.5% (w/v) citric pectin in 0.025 M acetate buffer
(pH 5.0), 1 mM ethylenediaminetetraacetic acid (EDTA),
and 250 µL of the crude enzymatic extract or 500 µL of
the juice. The incubation time was 10 (crude enzymatic
extract) and 60 (juices) minutes at 50◦C. After incubation,
500 µL of DNS solution was added to each tube and boiled
for 5 minutes. After cooling, 5 mL of distilled water was
added. The absorbance at 575 nm was measured. One
enzymatic unit (U) was defined as the enzyme quantity that
releases one µmol of reducing group per minute under the
assay conditions. The enzymatic activity was expressed in
nmol/mL/min.

2.8. Pectinesterase Activity. Pectinesterase activity was eval-
uated by the pH decrease of the medium and by titration
of carboxylic groups released according to the modified
methods [23, 24]. For the activity analysis the volumes of
2 mL of 1% (w/v) citric pectin solution in 0.025 M Tris-
acetate buffer (pH 6.5) and 1 mL of crude enzyme extract or
3 mL of juice were used. The blank was prepared in the same
way except that the samples were substituted by the buffer
solution. After incubation for 2 hours at 50◦C the reaction
was stopped in a boiling water bath for 3 minutes. The
samples were cooled in an ice bath and titrated with 0.1 M
NaOH solution. A pectinesterase unit (U) was defined as
the quantity of enzyme which liberates a microequivalent of
carboxylic group in one hour of reaction under the described
conditions. The results were expressed as U/mL/min.

2.9. Amylase and Cellulase Activity. To detect the presence
of amylase and cellulase a solid medium was used and each
8 mm diameter “cup-plate” was completed with 100 µL of the
samples. The Petri plate was protected by aluminum paper
enclosing it (so as to prevent evaporation) and incubated
at 37◦C for 18 hours. Following incubation and addition
of 0.1 N iodine solution (amylases) or 0.1% Congo red
(cellulases) positive reaction was detected by a translucent
halo display (measured in cm) around each “cup-plate.”
Enzyme extracts from Aspergillus awamori (amylase positive)
and celluzyme (Novo Nordisk) were used as controls for
amylase and cellulase, respectively [5, 25].

3. Results and Discussion

3.1. Enzymatic Activities. Differences in the activities of
pectinases were detected in the crude enzyme extract pro-
duced by Aspergillus japonicus 586, as well as in the cupuaçu
juices (Figure 1). The pectic enzymes (pectinesterase and
polygalacturonases) were detected in crude extract from
Aspergillus japonicus 586, and their activities were affected by
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Figure 1: Pectinase activities in the crude enzyme extract produced
by Aspergillus japonicus 586 and juices of cupuaçu (Theobroma
grandiflorum Schum).

singled or combined carbon source different concentrations
[5]. Exopolygalacturonase activity was also detected in the
juice obtained without the addition of crude enzyme extract.
The incubation decreased the activity of exopolygalactur-
onase. On the other hand, incubation during one hour at a
temperature of 50◦C increased the activity of pectinesterase,
which showed higher values, especially in the juice from the
crude enzyme extract. The activity of pectinesterase detected
in juices was higher compared to crude enzyme extract.

Positive reaction (90 mm halo) to the cellulase was
detected in the crude enzyme extract from Aspergillus
japonicus 586. Amylase was neither in the juice nor in crude
enzyme extract. Qualitative detection of cellulase may also
indicate the possibility of reducing agroindustrial residue
and thus minimizing the negative effect on the environment,
when being used in large quantities needed by major agroin-
dustries.

Commercial products of pectic enzymes, containing
pectinesterase, polygalacturonase, and pectin lyase, have
been used in wine and juice industries to increase the yield
and improve pigment, flavor, transmittance, and viscosity
quality [6]. On account of there being no commercial
enzyme available at the time the present experiment was
carried out we were obliged to use the traditional method
of making cupuaçu juice by using water.

3.2. Yield, Viscosity, and Turbidity. The major aim of this
study is to evaluate the use of enzymes extracted from
a fungus isolated in Brazilian Amazon for processing the
juice from a native plant consumed by local people. In this



4 Enzyme Research

research, the beneficial effect of crude enzyme extract from
Aspergillus japonicus 586 is indicated by the results shown
in Figure 2. In addition to increasing the juice yield, the
amount of waste to be discharged was diminished. As the
agroindustrial waste is polluting, the smallest volume to
be discharged into the environment implies a lesser need
for bioremediation processes. With the exception of juice
extracted with water and subjected to incubation, the others
showed high yield in the range from 94 to 100%. Pulp yield
increase and waste reduction were also achieved with the use
of commercial pectinase when obtaining cupuaçu pulp [26].

Produced with the ratio of 1 : 1 (pulp : liquid) and
subjected to filtration (with manual pressing), the juice still
presented high turbidity and had to be diluted so as turbidity
could be assessed. The incubation of the juice obtained
with water caused an increase in turbidity and a remark-
able decrease in viscosity. However, during incubation the
enzymes present in crude enzyme extract caused a significant
reduction in the turbidity especially in the viscosity in the
cupuaçu juice. The results also show that the incubation
process was essential to enzyme activity since optimum
temperature and time lapse are essential for the activity of
any enzyme.

The results shown in Figure 2 indicated that the incuba-
tion process is essential for the action of enzymes, reducing
viscosity and lowering turbidity and, therefore, altering
the characteristics of the final product. This is the most
interesting result, confirming the usefulness of this technique
for the quality control analysis and improving the industrial
process.

3.3. Chemical Composition. The effect of the enzymes alone
or in combination with incubation is shown by the data
presented in Table 1. Taking just incubation into account the
juice obtained with the crude enzyme extract shown to be
sweeter. This characteristic is indicated by the lowest values
of pH and Brix/acidity ratio and the highest acidity. More-
over, in degradation of pectin by the action of pectinesterase,
there occurs the release of methanol and H+. Thus, this ion
also contributes to the decrease in pH [6].

However, incubation for one hour on recipient (beaker)
open and under shaking (140 rpm) at 50◦C resulted in loss
of volatile acids, with more intensity in the juice obtained
with water (3.67 mg/min) than in the one with enzyme
extract (2.0 mg/min). The incubation also caused oxidation
of ascorbic acid, and as this vitamin is more stable in acidic
medium [18], the loss in the juices (more acidic) obtained
with crude enzyme extract was lower. The conversion of
sugars by hydrolysis is also favored by heating and acidity
[19]. The occurrence of such conversion during incubation
is indicated by the increase and decrease of reducing and
nonreducing sugars, respectively.

The methanol production was not evaluated. However,
information about toxicological aspects is necessary since
this handmade method could be replaced by industrial
process. The methanol production is positively associated
with enzyme activities of pectinesterase and pectate lyase.
Several studies have found that methanol can be produced
from the hydrolysis of methyl ester groups in pectins by
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Figure 2: Effect of crude enzyme extract produced by Aspergillus
japonicus 586 on the yield and characteristics of juices of cupuaçu
(Theobroma grandiflorum Schum).

endogenous pectinesterases and occurs naturally at a low
level in fresh squeezed juices, stored and canned fruit juices,
and most of the alcoholic beverages. The addition of pectic
enzymes can cause an increase in methanol level during
mashing, fermentation, and aging stages fruit wines and
distilled fruit spirits [27–29].

As a consequence, this process probably intensifies the
release of methanol and increases the risk for consumers.
Methanol is toxic to human through ingestion and inhala-
tion. Accidental intake of the compound will result in severe
intoxication due to accumulation of toxic metabolites. In the
body, methanol is metabolized in the liver and converted first
to formaldehyde and then to formate. Acute intoxication of
methanol usually causes headache, vertigo, fatigue, nausea,
vomiting, blurred vision, blindness, and even death [30–32].

The presence and amount of methanol were not deter-
mined in this study. The incubation was conducted for
one hour at 50◦C in open beaker with stirring. Later, the
juices were subjected to heat treatment for five minutes in
boiling water, also in open beakers. Methanol is a volatile
compound (the boiling point is 65◦C), and its absence
in the controlled cashew apples wine may be due to its
loss by evaporation during pasteurization [33]. To avoid
potential health hazard, the analysis of this methanol content
in the fresh juice or in the processed beverage is desirable
because the equipments for industrial process are closed. It
is important to note that the methanol is an undesirable
product in juice processing and is a common problem in the
industrial beverages production.

In the Amazon, cupuaçu pulp is frozen and stored under
freezing. At the time of consumption, this pulp is added with
water and sugar to get the juice. Currently this handmade
process of obtaining juice tends to be replaced by the
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Table 1: Effect of crude enzyme extract produced by Aspergillus japonicus 586 on the chemical composition of juices cupuaçu (Theobroma
grandiflorum Schum).

Juice characteristics
Not incubated Incubated

Juice (water) Juice (enzyme extract) Juice (water) Juice (enzyme extract)

pH 3.0 2.9 3.0 2.9

Titratable acidity (%) 0.92± 0.02 1.04± 0.02 0.70± 0.01 0.92± 0.01

Ascorbic acid (mg%) 13.87± 0.32 14.11± 0.31 5.44± 0.20 8.1± 0.02

Soluble solids (◦Brix) 6.6± 0.13 6.6± 0.13 6.8± 0.13 7.1± 0.14

Brix/acidity ratio 7.17± 0.01 6.35± 0.09 9.71± 0.20 7.72± 0.33

Reducing sugars (%) 0.49± 0.03 0.58± 0.03 0.61± 0.01 1.09± 0.08

Nonreducing sugars (%) 1.83± 0.01 1.73± 0.01 1.34± 0.22 1.05± 0.13

industrial process [31, 32]. Thus, the use of pectic enzymes
produced by microorganisms, and especially selected in the
Amazon, is a suggestion to improve the process and also
obtain the desirable characteristics [9, 33] of the processed
product. The results shown in Figure 2 indicated that the
incubation process is essential for the action of enzymes,
reducing viscosity and lowering turbidity and agroindustrial
residues, therefore altering the characteristics of the final
product. This is the most interesting result, confirming the
usefulness of this technique for the quality control analysis
and to improve the industrial process.

4. Conclusion

The reductions in viscosity, turbidity, and the amount of
waste are the major positive contribution of the use of crude
enzymatic extract yielded by Aspergillus japonicus 586 for
the production of juice of cupuaçu. Also, it stands out as a
positive contribution to efforts to encourage future research
in the Amazon, concerning the isolation and selection
of microorganisms, and specially investigating the use of
these processing enzymes in sound and acceptable products
from this and other fruits, which make up the Amazonian
biodiversity. The joint efforts, consequently, will contribute
to sustainable development and extractivism Amazonian
biodiversity.
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A fungal isolate with capability to grow in keratinous substrate as only source of carbon and nitrogen was identified as Aspergillus
niger using the sequencing of the ITS region of the rDNA. This strain produced a slightly acid keratinase and an acid protease
during cultivation in feather meal. The peak of keratinolytic activity occurred in 48 h and the maximum proteolytic activity in
96 h. These enzymes were partly characterized as serine protease and aspartic protease, respectively. The effects of feather meal
concentration and initial pH on enzyme production were evaluated using a central composite design combined with response
surface methodology. The optimal conditions were determined as pH 5.0 for protease and 7.8 for keratinase and 20 g/L of feather
meal, showing that both models were predictive. Production of keratinases by A. niger is a less-exploited field that might represent
a novel and promising biotechnological application for this microorganism.

1. Introduction

Aspergillus niger is one of the most important microorgan-
isms in biotechnology. It has been already used to produce
extracellular enzymes such as glucose oxidase, pectinase, α-
amylase and glucoamylase, organic acids, and recombinant
proteins. In addition, A. niger is used for biotransformations
and waste treatment [1–3]. Among the various enzymes
produced by the fungus are included proteases. The major
extracellular proteolytic activities in A. niger appear to be
due to acid proteases [4]. Acid proteases [E.C.3.4.23] are
endopeptidases that depend on aspartic acid residues for
their catalytic activity and show maximal activity at low pH.
These enzymes offer a variety of applications in the food,
beverage industry, and medicine [5].

Keratin is a fibrous protein that occurs in vertebrates and
exerts protective and structural functions. It is the major
component of feathers, wool, scales, hair, stratum corneum,

horns, scalps, and nails [6]. Keratin is insoluble and presents
high mechanic resistance, as well as recalcitrance to common
proteolytic enzymes like pepsin, trypsin, and papain [7]. This
resistance is because of the tight folding of protein chain in
α-helix (α-keratin) and β-sheets (β-keratin) in a super-coiled
polypeptide chain, kept by strong association by disulfide
bonds [8, 9]. Keratinases [EC 3.4.21/24/99.11] are specific
proteases that display the capability of keratin degradation.
These enzymes are gaining importance in the last years, with
many applications associated with hydrolysis of keratinous
substrates, mainly byproducts of agroindustrial processes
[10]. Generally, keratinases have optimum pH from neutral
to alkaline [11].

The utilization of agroindustrial wastes may represent
an added value to the industry and meets the increasing
awareness for energy conserving and recycling [12]. This
fact stimulates the investigation for alternatives to convert
keratinous waste into valuable products [10]. One example
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is the poultry industry that generates huge amount of
byproducts, which may represent a potential environmental
hazard if they are incorrectly destined or processed. The
processing and/or treatment of slaughterhouse waste have
been one of the great concerns of poultry industry, mainly
because of the restrictions on environmental questions [13].

In this work, the production of proteolytic enzymes by
a new keratinolytic strain of A. niger was investigated. The
enzyme activity was partially characterized, and a culture
medium based on keratinous substrate was selected, eval-
uating the influence of growth substrate concentration and
medium pH on the production of proteolytic enzymes.

2. Materials and Methods

2.1. Microorganism. The fungus used in this work was iso-
lated from citrus waste and belongs to the collection
of Laboratório de Bioquı́mica e Microbiologia Aplicada
(Porto Alegre, Brazil). The strain was maintained on Potato
Dextrose Agar (PDA; Himedia, Mumbai, India) slants with
mineral oil at 4◦C and subcultured periodically.

2.2. DNA Isolation. Genomic DNA was extracted according
to the method described by Casali et al. [14] with modifi-
cations. A culture of 5 days in 5 mL of brain heart infusion
broth (BHI; Oxoid, Hampshire, England) was vortexed, and
the whole mycelia was transferred to a microtube containing
0.5 mL of TENTS (2% Triton X-100; 1 mM EDTA; 200 mM
NaCl; 10 mM Tris-HCl Buffer pH 7.5; 1% SDS) and 0.2 mL
of glass beads (200 μm). This mixture was vortexed for
4 cycles of 2 min alternating with ice bath of 30 s. After
0.5 mL of chloroform was added, it was vortexed for 30 s
and centrifuged for 15 min at 13,000× g. The aqueous
phase was washed again with chloroform. The nucleic acids
were precipitated with 2 vol of absolute ethanol containing
200 mM NaCl. The microtubes were incubated at −20◦C
overnight and centrifuged for 15 min at 13,000× g. The
precipitate was washed with 0.2 mL of 70% (v/v) ethanol.
After ethanol evaporation, the precipitate was resuspended
in 20 μL MilliQ water. The extracted DNA was observed on
0.9% agarose gels.

2.3. PCR Assay. The fungus was identified using the partial
sequencing of the intergenic region of the rDNA. An ITS
region was selected as a target sequence for PCR using
universal primers ITS 1 (5′-TCCGTAGGTGAACCTGCGG-
3′) as a forward primer and ITS 4 (5′-TCCTCCGCTTTA-
TTGATATGC-3′) as a reverse primer. A PCR using the ther-
mocycler (Eppendorf, Hamburg, Germany) was performed
with the following parameters: an initial denaturation of
5 min at 95◦C, 30 cycles of 30 s at 95◦C for denaturation, 30 s
at 46◦C for annealing, 80 s at 72◦C for extension, and a final
extension of 7 min at 72◦C, according to Horisawa et al. [15]
with modifications. All PCR products were stored at −20◦C
until analyzed. Aliquots of PCR products were examined
after electrophoresis on 0.9% agarose gels.

2.4. DNA Sequencing. PCR products were sequenced in
the ACTGene Laboratory (Centro de Biotecnologia, UFRGS,

Porto Alegre, Brazil) using the automatic sequencer ABI-
PRISM 3100 Genetic Analyzer armed with 50 cm capillaries
and POP6 polymer (Applied Biosystems). Sequencing data
were collected using the software Data Collection v1.0.1
(Applied Biosystems). The sequences obtained were edited
using the software BioEdit (1997–2005 Tom Hall) and then
submitted to the BLAST algorithm to retrieve for homolo-
gous sequences in GenBank (National Center for Biotechnol-
ogy Information (http://www.ncbi.nlm.nih.gov/)).

2.5. Phylogenetic Analyses. The sequence data were obtained
from Genbank submissions and were used for comparisons
with the 599 bp from our isolate. The sequences were aligned
using software ClustalX version 2.0 [16], and the phylo-
genetic analyses were performed using MEGA 4.0 [17] for
neighbor-joining and bootstrap analysis. A. fumigatus and
A. ellipticus were used as outgroups. Bootstrap values were
generated by 1,000 replications.

2.6. Conidia Suspension. A. niger was routinely cultivated on
PDA plates at 30◦C until sporulation. After that, the conidia
was suspended with sterile distilled water and collected
with a Pasteur’s capillary. The material was centrifuged at
10,000× g for 10 min. The supernatant was discarded, and
the spores were suspended again in distilled water. The
conidia concentration was determined with a Neubauer’s
chamber. The concentration used in the experiments was
106 conidia/mL [18].

2.7. Keratinous Growth Substrates and Culture Media. Five
keratinous substrates were used as carbon and nitrogen
sources for fungal growth: human hair, pig hair, feather
meal, chicken feathers, and bovine horn. Human hair was
previously washed with distilled water. Feathers were washed
with 0.1% (v/v) Triton X-100 and distilled water and then cut
into small pieces to enhance the contact surface. The other
substrates were not submitted to pretreatments.

The keratinous substrates were used in the concentration
of 10 g/L in an aqueous solution. The microorganism was
cultivated in Erlenmeyer flasks (250 mL) containing 50 mL
of medium, for 120 h at 30◦C, in a rotary shaker (Marconi,
Piracicaba, Brazil) at 120 rpm. Aseptic samples were collected
each 24 h and filtered through Whatman filter no 1. The
filtrate was used for the enzyme assays.

The medium that provided the higher proteolytic and
keratinolytic activity was selected, and then the optimum pH
was determined. The buffers used were glycine-HCl (pH 2.5),
citrate (pH 3.5–5.5), and phosphate (pH 6.5–8.5), all in the
concentration 25 mM. The utilization of this pH 2.5 and 3.5
buffers to protease was not possible because this pH caused
azocasein precipitation. The composition analysis of feather
meal was developed according to AOAC [19].

2.8. Enzymatic Activity on Azocasein. The proteolytic activity
was determined using azocasein (Sigma, Steinheim, Ger-
many) as substrate. The assay mixture contained 100 μL of
25 mM citrate buffer pH 4.5, 100 μL of enzyme sample, and
200 μL of 20 mg azocasein/mL in water. A blank tube was
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prepared with the immediate addition of 800 μL of 20%
(w/v) trichloroacetic acid. Then, the tubes were incubated
for 15 minutes at 50◦C. After incubation, 800 μL of TCA
were added to stop the reaction. The tubes were centrifuged
for 10 min at 10,000× g. The activity was estimated spec-
trophotometrically by reading the absorbance at 400 nm. In
this assay, one enzyme unit was expressed as the amount
of enzyme that caused an increase of 0.1 in the absorbance
at 400 nm per hour [20]. The assays were performed in
triplicate.

2.9. Enzymatic Activity on Azokeratin. Azokeratin was syn-
thesized as described by Riffel et al. [21]. The assay was
conducted for 1 h at 50◦C by incubating 100 μL of enzyme
sample, and 500 μL of a 20 mg azokeratin/mL suspension in
25 mM citrate buffer, pH 6.5. The reaction was stopped by
adding 800 μL of 20% (w/v) TCA solution. The controls were
prepared by adding the TCA solution prior to the enzyme.
The tubes were centrifuged (10,000× g for 10 min), and
activity was calculated from the increase in absorbance at
440 nm. One enzyme unit was expressed as the amount of
enzyme that caused an increase of 0.1 in the absorbance at
440 nm per hour. The assays were performed in triplicate.

2.10. Zymography. The samples of 24, 48, 72, 96, and 120 h
of cultivation, previously lyophilized and concentrated 10
times, were submitted to electrophoresis on 12% poly-
acrylamide gels containing gelatin (1 mg/mL). After elec-
trophoresis, gels were washed twice with citrate buffer
(25 mM, pH 4.5) or phosphate buffer (25 mM, pH 6.5)
containing 2.5% (v/v) Triton X-100 for 30 min, and then
with the same buffer without detergent for 45 min. After
12 h of incubation at 30◦C, gels were stained with Coomassie
Brilliant Blue R-250 during 2 h and then destained. Protease
bands appeared as clear zones on a blue background due to
gelatin hydrolysis [22].

2.11. Characterization Using Protease Inhibitors. Culture
supernatants corresponding to peaks of enzymatic activity
(48 h for keratinolytic activity and 96 h for proteolytic
activity) were characterized using the protease inhibitors
EDTA and o-phenanthroline (for metalloproteases), PMSF
(for serine protease), pepstatin (for aspartic protease), and
iodoacetamide (for cysteine protease). Each inhibitor was
preincubated with enzyme extracts for 10 min at room tem-
perature before assaying for keratinase or protease activity.

2.12. Central Composite Design and Response Surface Method-
ology. The influence of the keratinous substrate concentra-
tion and the initial medium pH on the production of pro-
tease and keratinase was evaluated using a 22 experimental
model with 4 replicates of the central point, resulting in 12
experiments plus axial points. In the statistical model, the
coded variables correspond to feather meal concentration
(X1) and initial pH (X2), which are the independent vari-
ables; the enzymatic activity (Y) is the dependent variable,

and bi, bii, and bij represent model parameters. The model is
demonstrated as follows:

Y = b0 + b1X1 + b2X2 + b12X1X2 + b11X
2
1 + b22X

2
2 . (1)

The software Statistica version 6.0 (Statsoft Inc., Tulsa,
Okla, USA) was used in the regression analysis of experimen-
tal results. The quality of fit of the first-order model equation
was expressed by the coefficient of determination R2, and its
statistical significance was determined by F-test (Fischer’s F-
Test).

The production medium (50 mL in 250 mL Erlenmeyer
flask) was inoculated as described above and incubated for
48 and 96 h. To adjust the initial pH, media were prepared
with the following buffers: 100 mM glycine-HCl (pH 2.2);
100 mM citrate (pH 3.0 and pH 5.0); 100 mM phosphate
buffer (pH 7.0 and pH 7.8).

The existence of a correlation between the predicted and
the experimental values justifies the model validity [23].
Initially, substrate concentration and initial pH points were
chosen, and for these points, the predicted enzyme activities
were calculated using the generated equation. For model
validation, these activity values were then compared with
enzyme activities obtained in actual experiments.

3. Results and Discussion

3.1. Identification of the Fungus. The fungus was identified
as Aspergillus niger using molecular tools. A sequence of
599 bp showed 97% identity with A. niger. The phenotypic
features are according to the results obtained in the molec-
ular identification, since the micro- and macromorphology
(Figures 1(a) and 1(b)) show similarities to those described
to Aspergillus niger [24]. A phylogenetic tree was developed
based on the alignment of the sequences (Figure 1(c)).
Giraud et al. [25] reported that A. awamori was not a separate
species within the A. niger aggregate. Besides, the species A.
foetidus, based on β-tubulin analysis, is considered synonyms
to A. niger [26, 27].

According to Schuster et al. [2], the name A. niger is
predated by the names Aspergillus phoenicis and Aspergillus
ficuum, and it is accepted that these three taxa are all
conspecific, as implied by most molecular studies, the latter
two taxa would have nomenclatural priority. Since these
latter two names are nowadays rarely used, it was proposed
at the Second International Workshop on Penicillium and
Aspergillus that the name A. niger has to be conserved and A.
phoenicis and A. ficuum have to be rejected. This purpose is
justified mainly because of the major economic importance
of A. niger.

3.2. Selection of Culture Medium. Due to the record of acid
protease production by A. niger, the production of these
proteases during the cultivation (120 h) using different
keratinous sources was first investigated. The proteolytic
activities observed on different culture media are shown
in Figure 2(a). It is possible to observe that the substrate
feather meal induced the higher production of proteolytic
enzymes (10.27 U/mL) after 96 h of culture. The probable
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Aspergillus isolated

HQ170509 A. niger

AY373852 A. niger ATCC

AM087614 A. awamori ATCC

GU183168 A. niger

FJ545246 A. foetidus ATCC

HM037959 A. tubingensis

FJ629368 A. vadensis

EU821329 A. ellipticus

HQ214632 A. fumigatus

FJ878652 A. niger

(c)

Figure 1: (a) Macromorphology of A. niger on PDA. (b) Micromorphology of A. niger using optic microscope (1000x). (c) The neighbor-
joining tree inferred from the partial sequence of the ITS region data set using Mega 4.0 according to Jukes-Cantor Modell. Bootstrap values
from 1000 replications are indicated by the nodes.
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Figure 2: (a) Production of proteolytic activity and (b) production of keratinolytic activity by A. niger growing on different keratinous
substrates (10 g/L). (�) Bovine horn, (�) chicken feathers, (�) feather meal, (�) human hair, and (•) pig hair.
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Figure 3: (a) Proteolytic activity of a 96-hour culture and (b) keratinolytic activity of a 48-hour culture of A. niger growing on 10 g/L feather
meal at different pH (2.5–8.5).

reason could be the higher availability of keratin in feather
meal in comparison to the other keratinous materials, mainly
because of the thermal and mechanical treatment suffered
by this substrate. The process consists in the treatment of
feathers, which are pressure cooked in a steam-heated batch
cooker at about 207–690 kPa, with a moisture content about
60–70%, for about 30–60 min. This permits the hydrolysis
and causes the feathers to break up into a final meal [28]. This
product contains a high content of crude protein, ranging
between 78 and 92%, being this protein mostly keratin [29].
These values of protein are consistent with the values found
in the compositional analysis of the feather meal used in this
study (protein 83.7 g/100 g; ash 2.0 g/100 g, fat 4.4 g/100 g).

Since A. niger was capable of using keratin as the only
source of carbon and nitrogen, the production of keratinases
was then evaluated (Figure 2(b)). The samples collected at
24, 48, 72, 96, and 120 h were used to determine the peak of
keratinolytic activity and the optimum pH. The feather meal
substrate also induced the higher keratinolytic activity. The
peak of keratinolytic activity occurred in 48 h of cultivation,
and the optimum pH was 6.5. The keratinolytic activity
in this condition was 3.0 U/mL (Figure 3(b)). Reports on
keratinolytic activity of A. niger are scarce. The keratinolytic
potential of A. niger was described by Anbu et al. [30]. Other
keratinolytic species belonging to the genus Aspergillus were
Aspergillus fumigatus and Aspergillus oryzae [31]. Besides,
keratinases generally have optimum pH ranging neutral to
alkaline [11, 31].

From the different cultivation times required for maxi-
mal production of keratinase (48 h) and protease (96 h) by
A. niger (Figure 4), a possible mechanism of feather meal
utilization by this strain could be suggested. The proba-
ble mechanism of the feather meal degradation could be
described as the synergistic activity of both keratinase, which
hydrolyzes keratin, a more refractory protein to render
polypeptides of less complexity that could be substrate for
other protease(s). Moreover, the maximal activity of these
enzymes over the time interval analyzed in this study suggests
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Figure 4: Enzymatic activity of protease (�) and keratinase (•)
during the 120-hour culture. The assay was performed in the
optimum pH of each enzyme.

that keratinase would be the first to act, followed by other
proteolytic enzymes.

3.3. Partial Characterization of Crude Enzymes. To charac-
terize the proteolytic enzymes present in the crude extract,
protease inhibitors were used to assay the samples obtained
at 48 and 96 h. The proteolytic activity was only inhibited
in the presence of pepstatin (Table 1), suggesting an aspartic
protease. This is in agreement with the optimum pH of
4.5 (Figure 3(a)), since acidic pH values are characteristic of
aspartic proteases. Siala et al. [32] reported the purification
of an aspartic protease produced by A. niger I1 with optimum
pH 3.0, and another study described the production of
acid proteases along the growth phases of A. niger NRRL
1785 in a five-day cultivation period. The fungus produced
a maximum proteolytic activity in 96 h of culture, and
the protease was characterized as an aspartic protease with
optimum pH 4.0 [33]. These results are in good agreement
with those found in the present study.
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Table 1: Characterization of proteolytic and keratinolytic activity
using protease inhibitors.

Residual activity (%)

Inhibitor Concentration Proteolytic Keratinolytic

None — 100 100

EDTA 5 mM 83 176

PMSF 5 mM 99 58

1,10-
phenantroline

1 mM 107 145

Pepstatin 5 μM 18 100

Iodoacetamide 100 μM 89 92

Table 2: Experimental design and results of the 22 factorial design.

Run
X1

(concentration,
g/L)

X2 (pH)

Y1

(proteolytic
activity
U/mL)

Y2

(keratinolytic
activity
U/mL)

1 −1 (10) −1 (3) 2.25 0

2 −1 (10) +1 (7) 0.38 1.19

3 +1 (30) −1 (3) 3.69 0.29

4 +1 (30) +1 (7) 4.32 1.22

5 0 (20) 0 (5) 10.87 0.54

6 0 (20) 0 (5) 10.36 0.84

7 0 (20) 0 (5) 12.03 0.75

8 0 (20) 0 (5) 10.80 0.68

9 0 (20)
−1.41
(2.20)

4.17 0.52

10 0 (20)
+ 1.41
(7.80)

1.12 1.73

11 −1.41 (6) 0 (5) 3.73 0.55

12 +1.41 (34) 0 (5) 11.77 0.20

Table 3: Main effects and interaction analysis for protease produc-
tion by A. niger growing on feather meal.

Factors
Effect

protease
Standard

error
t value P value

Medium 11.02078 0.355983 30.9588 0.000074∗

Feather
meal (L)

4.19157 0.504191 8.3135 0.003647∗

Feather
meal (Q)

−4.54622 0.565214 −8.0434 0.004013∗

pH (L) −1.39211 0.504191 −2.7611 0.070089∗

pH (Q) −9.68345 0.565214 −17.1324 0.000433∗

Feather
meal × pH

1.25000 0.711972 1.7557 0.177405

R2 = 0.90.
∗Significant factors, P < 0.1.

Regarding the keratinolytic activity, the inhibition was
observed using PMSF, resulting in a residual activity of
58%. Most of the microbial keratinases are alkaline or
neutral proteases showing optima pH ranging from 7.5 to
9.0. However, some enzymes are optimally active outside

1 2 3 4 5

Figure 5: Zymogram analysis of (1) 24, (2) 48, (3) 72, (4) 96, and
(5) 120-hour cultures supernatants of A. niger using citrate buffer
pH 4.5.

this range, even at extreme alkalophilic pH or at slightly
acidic pH [11, 31]. Keratinases mostly belong to the class
of serine or metalloproteases irrespective of the microorgan-
ism. Therefore, PMSF, EDTA, and 1,10-phenantroline are
potential inhibitors of these enzymes [11]. In this study,
the keratinolytic enzyme showed a neutral pH optimum
(pH 6.5) and a serine protease character. The keratinases of
the genus Aspergillus reported in the literature are a serine
protease with optimal pH varying between 6.5 and 9.0 for A.
fumigatus [34] and a metalloprotease produced by A. oryzae
with optimum pH 8.0 [35].

The zymogram revealed two bands, indicating the pres-
ence of two proteases (Figure 5). The same activity pattern
was observed in the gels incubated in different buffers (data
not shown).

3.4. Response Surface Methodology. The experimental con-
ditions and the results of RSM are presented in Table 2. In
this study, setting the keratinous substrate (feather meal) and
initial pH as variables, the higher keratinolytic activity was
1.73 U/mL with 20 g/L feather meal and pH 7.8, and the
proteolytic activity was 12.03 U/mL using 20 g/L of feather
meal and pH 5.0.

Using the software Statistica 6.0, it was possible to analyze
the effect of the independent variables on enzyme production
with confidence level of 90% and R2 of 0.90 for protease
and 95% and R2 of 0.93 for keratinase (Tables 3 and 4,
resp.). Deviation from the central points (20 g feather meal/L
and pH 5.0) usually resulted in less protease production.
The linear effect of feather meal concentration was the
most expressive variable for protease production, increasing
the enzymatic activity in 4.19 U/mL (Table 3), but was not
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Figure 6: Response surface plots of protease (a) and keratinase (b) production by A. niger as a function of pH and feather meal concentration.

significant for the keratinase production (Table 4). The axial
feather meal points were shown to negatively affect enzyme
yields. Although acidic initial pH values were demonstrated
to enhance protease production when compared to near-
neutrality pH values (Table 3), the opposite was observed
for keratinase production, that is, the yield of keratinase
tended to be higher at near-neutrality pH (pH 7.0–7.8;
Table 4). In fact, the initial pH was the most important
variable for keratinase production. The interaction between
pH and feather meal concentration was not significant for
both activities.

To construct a second-order model, which can predict
the enzymatic activity as a function of the independent
variables, the variance analysis (ANOVA) was used to
evaluate the model significance. The calculated F-value was
33.05 for keratinase and 18.13 for protease, whereas the
tabulated F-value was 4.76 and 3.18, respectively. As the
calculated F-values were higher approximately 7 and 6 times
than the tabulated F-value, the model is predictive. For
biological assays, the calculated F-value must be higher than
3 times of tabulated F-value; thus, the model is considered
predictive and significant [36]. It was possible to generate the
surface graphics (Figure 6) through (2) and (3), describing
the keratinolytic and proteolytic activities as a function of the
independent variables

Ykeratinase = 0.70− 0.18x2
1 + 0.48x2 + 0.19x2

2, (2)

Yprotease = 11.02 + 2.10x1 − 2.27x2
1 − 0.70x2 − 4.84x2

2 .
(3)

The values of the keratinase activity obtained in the factorial
design were smaller than the cultures without initial pH
adjust. The conditions chosen in the experimental design

Table 4: Main effects and interaction analysis for keratinase
production by A. niger growing on feather meal.

Factors
Effect

keratinase
Standard

error
t value P value

Medium 0.702720 0.063294 11.10241 0.001566∗

Feather
meal (L)

−0.045272 0.089646 −0.50501 0.648314

Feather
meal (Q)

−0.369430 0.100496 −3.67606 0.034853∗

pH (L) 0.959379 0.089646 10.70186 0.001744∗

pH (Q) 0.387574 0.100496 3.85660 0.030803∗

Feather
meal × pH

−0.130000 0.126590 −1.02694 0.380013

R2 = 0.93.
∗Significant factors, P < 0.05.

were more favorable to protease production, obtaining
an increase in the proteolytic activity. Nevertheless, the
equations obtained in this study could predict the enzymatic
activity of each enzyme and could be used to optimize
conditions of the bioprocess.

To validate the RSM, four points were chosen, and exper-
imental and predicted enzymatic activities were determined
to these points (Table 5). In biological processes, a difference
until 20% between experimental and predicted results is
acceptable [37], and as all values are within this range, the
model describes adequately the influence of feather meal
concentration and pH on enzyme production.

Feather meal was selected as substrate for protease and
keratinase production by A. niger. This strain produces
an aspartic protease with general proteolytic activity and
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Table 5: Experiments for model validation.∗

Enzymatic activity

Run∗∗
Feather

meal (g/L)
pH Experimental Predicted Difference (%)

1 26 6.2 1.01 0.99 1.99

9.03 10.94 17.46

2 30 6.2 0.97 0.88 9.28

7.92 8.69 8.86

3 26 5.0 0.55 0.63 13.00

11.04 11.46 3.66

4 26 9.0 2.59 2.35 10.21

0 −9.30 0
∗

Models for keratinase and protease production are represented by (2) and
(3), respectively (see text).
∗∗The first line for each run shows the keratinolytic activity and the second
line the proteolytic activity.

a serine protease with keratinolytic activity. The optima
conditions were different for the production of each enzyme,
and the models were validated and can predict the enzymatic
activity. A. niger has potential to be used in biotechnological
process involving keratin hydrolysis, mainly because of the
GRAS status of these products. Thus, more studies are
necessary to better exploit this keratinolytic potential.
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The objective of this study was to select lipase-producing bacteria collected from different counties of the Amazon region. Of the
440 bacteria strains, 181 were selected for the lipase assay in qualitative tests at Petri dishes, being 75 (41%) lipase positive. The
enzymatic index was determined during fifteen days at different temperatures (30◦, 35◦, 40◦, and 45◦C). The highest lipase activity
was observed within 72 hours at 30◦C. Twelve bacteria strains presented an index equal to or greater than the standard used like
reference, demonstrating the potential of microbial resource. After the bioassay in Petri dishes, the selected bacteria strains were
analyzed in quantitative tests on p-nitrophenyl palmitate (p-NPP). A group of the strains was selected for other phases of study with
the use in oleaginous substrates of the Amazonian flora, aiming for the application in processes like oil biotransformation.

1. Introduction

Lipase (triacylglycerol acylhydrolase E.C. 3.1.1.3) has an ex-
tensive industrial application by hydrolysing acyl ester bonds
from acylglycerols at the interface between oil and water,
acting also in the esterification and transesterification reac-
tions [1–3]. Lipases are produced by many microorganisms.
Most commercially useful lipases are of microbial origin. The
increasing tendency of its market shows the importance to
search new microbial resources to produce these enzymes
[4, 5]. Lipase-producing microorganisms have been found in
different habitats such as industrial wastes, vegetable oil pro-
cessing factories, dairies, soil contaminated with oil, oilseeds,
and decaying food [6]. Lipase from different microorganisms
presents different chemical characteristics, which may be
useful for industries. A specific lipase activity of P. fluorescens
S1K W1 was found in a medium which contained emulsified
olive oil as carbon source. The enzyme showed a high lipo-
lytic activity towards tricaproic (C6) and tricaprylin (C8)

compared to the other triacylglycerols examined; also, it pref-
erentially hydrolyzed the ester bonds in 1 and 3 of triolein
[7]. Temperature and pH activity also may be different
among lipases [8].

The environmental conditions of Amazon favor high
metabolic activities and growth of several microorganisms.
This microbial diversity may be useful to find new good
enzymatic resources. The aim of this study was to evaluate
the production of lipase from the collection of soil microor-
ganisms from the National Institute for Amazon Research
(INPA), aiming for the application in processes like oil bio-
transformation.

2. Materials and Methods

2.1. Organisms, Maintenance, and Culture Condition. The
bacterial strains were obtained from the Soil Microorganisms
Collection from the National Research Institute of Amazonia
(INPA). The microorganisms were isolated from soils and
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roots of agricultural and forest environment as phosphate-
solubilizing bacteria at specific phosphatase medium [9] in a
research looking for this bacterial ability to be applied in low
available phosphorus Amazonian soils. Stock cultures were
started in basic medium containing glucose (1.0%), yeast
extract (0.2%), KH2PO4 (0.5%), MgSO4 (0.2%), CaCl2
(0.1%), and agar (1.8%), pH 6.5, and incubated at 30◦C. For
this study, 440 phosphate-solubilizing bacteria strains were
tested for lipase activity. Strains that grew up to 72 hours were
selected for lipase assay.

2.2. Lipase Production. The enzyme production was in an
inducing medium (pH 8.0) containing olive oil (2.0% v/v),
Tween 80 (1.0% v/v) and Rhodamine B (0.001% w/v), which
makes easy the detection of the enzymatic activity, visualized
by a halo close around the colonies [10–12]. Additionally,
each Petri dish was subjected to UV irradiation (UV-A,
350 ηm) mark model BIO-RAD UV Lamp 1660500. The
enzymatic activity was measured by lipase activity index
(LAI), a rate between the halo diameter close to the colony
and the diameter of the colony during 15 days [7, 13,
14], with five replicates. The activity was measured at four
temperatures (30◦, 35◦, 40◦, and 45◦C).

2.3. Quantitative Lipase Assay. The quantitative analysis was
performed with bacterial strains that grew in basic medium
up to 72 hours and incubated at 160 rpm for 48 h at
30◦C in shaken flasks. After 72 hours, an aliquot (1000 μL)
was transferred to 49 mL of the inducing liquid medium.
After 72 hours, an aliquot (2000 μL) was centrifuged at
12000 g for 20 min at 4◦C. The supernatant was used as the
enzymatic crude extract. The activity was determined by
p-nitrophenylpalmitate (p-NPP) hydrolysis by spectropho-
tometer model UV Mini 1240 Shimadzu at 410 ηm [15]. An
aliquot (50 μL) from crude extract of each strain selected was
added in 950 μL of p-NPP solution containing 0.189 g of the
substrate in 200 mL sodium acetate buffer (pH 8; 50 mM)
added with 2,1% Triton X-100 [16]. The effect of tempera-
tures was studied (from 25 to 55◦C). The lipase activity was
determined by the rate of p-nitrophenol production (p-NP).
One unit of enzyme activity was defined as the amount of
lipase required to release one μmol of the p-NP·min−1.

3. Results and Discussion

From the 440 strains tested in the basic medium, 181 were
chosen for testing lipase activity, since they presented a good
preliminary development in that medium (up to 72 hours).
From these, 75 strains (41%) showed enzymatic activities
(Table 1).

The ability of microorganisms to produce enzyme is
influenced by environmental conditions such as tempera-
ture, pH, and presence of inductors or repressors. Many
experiments reported in the literature showed different times
for analysis, varying from 1 hour to 120 hours in lipase
qualitative assay [6, 7, 13, 14]. Most of the bacteria tested
in this study started lipase synthesis within 24 hours, but
it was possible to observe the increase of the quantitative
lipase activity until 72 hours, when occurred a declining

Table 1: Amount of lipolytic bacteria for each group analyzed.

Origin (city,
state)

Group
No. of
strains

Activated
strains

Lipase
positive

%

(1) Acre (several
towns)

A 4 1 1 100%

(2) Barreirinha
(AM)

B 19 8 5 63%

(3) Rondônia
(several towns)

D 11 2 0 0%

(4) Rio Preto da
Eva (AM)

E 196 79 39 49%

(5) Manaus
(Brasileirinho)

M 22 4 2 50%

(6) Projeto RECA
(RO)

R 61 36 17 47%

(7) Urucu (AM) U 86 42 10 24%

(8) Amazonas
(several towns)

Z 41 9 1 11%

Total 440 181 75 41%
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Figure 1: Evolution of the lipase activity index (LAI) in Petri dishes
at 30◦C (average of the 75 strains).

subsequently (Figure 1). These data corroborate with the
literature, indicating this time for selecting bacteria.

The LAI analysed in each temperature at 72 hours
decreased with the increase of temperature (Figure 2). Some
bacteria had a different behavior but prevailed the highest
averages at 30◦C. At this temperature, LAI increased linearly
with the time, while, at higher temperatures, occurred a
decline of the LAI values during the time of evaluation, with
48 hours being the best at 35◦C and 45◦C and 24 hours at
45◦C (Figure 3).

In an overview, bacteria presented more lipase activity
in lower temperatures, perhaps because their metabolisms
accelerate when temperatures increases, resulting in deple-
tions of enzymes activities faster. At 40◦C, the lipase produc-
tion presents low variation, while, at 45◦C, the highest LAI
occurred at 24 hours, with a strong decline after that.

This result is similar to the observed by Dong et al. [17]
with Pseudomonas, which presented optimum lipase activity
to Pseudomonas at 30◦C for 72 hours at pH range 7–9.
However, with Burkholderia sp., lipase activity was analyzed
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(average of the 75 strains).

0

0.2

0.4

0.6

0.8

1

1.2

1.4

1.6

1.8

24
h

48
h

72
h

24
h

48
h

72
h

24
h

48
h

72
h

24
h

48
h

72
h

30◦C 35◦C 40◦C 45◦C

LA
I

Time/temperature

Figure 3: Lipase activity index (LAI) up to 72 hours at different
temperatures (average of the 75 strains).

at a temperature range of 25–65◦C, and the highest lipase
activity was obtained when the reaction was conducted at
55◦C [18]. Liu et al. [18] observed that the lipase response
decreased when temperature increased, remaining 96, 92,
90, and 78% of its original activity after being incubated at
25, 37, 42,5, and 55◦C, respectively. This suggests that the
Burkholderia was fairly stable during the temperature range
examined. The lipases tested in this work appear to follow the
same behavior.

When the application of microorganisms is wanted for
industrial processes, the mechanisms of selection become
important [4]. So, the analyzed parameters are decisive in
screening. The highest average of the LAI happened at 30◦C
at 72 hours. The results corroborate with others reported,
where the best lipase production occurred at 30◦C [3, 6,
19, 20]. The lipase activity from Bacillus megaterium was
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Figure 4: Classification of lipase activity index (LAI) for 75 strains
after 72 h at 30◦C in Petri dishes (olive culture).

analysed by Lima et al. [21] in the temperatures from 30
to 85◦C, with the peak occurring between 55◦C and 65◦C,
but they obtained good results at 29◦C. Snellman et al.
[27], studying an extracellular lipase of Acinetobacter in
p-NPP, observed a peak of activity at 55◦C, with the enzyme
remaining activating up to 70◦C. The optimum temperature
of reaction presented in this work is higher than the reported
for many bacterial lipases under similar conditions’ assay.
Sharma et al. [6], studying the environmental influence on
lipase production, observed that Lactobacillus plantarum had
differentiated behaviour according to the change of temper-
ature, where the lipase activity was analyzed from 22◦C to
45◦C, with peak at 30◦C. Sant’Anna Jr. et al. [22] tested the
productivity of the enzyme at 25◦C, 30◦C, and 35◦C, with the
best results at 30◦C. Stamford et al. [23] presented a process
of screening lipolytic bacteria in vitro at 28◦C. George et al.
[24] presented the best results at 37◦C. Sharma et al. [6]
describe several works that present the best temperatures for
the enzyme varying from 30◦C to 60◦C.

After the definition of the ideal time and temperature,
a classification was applied for the qualifying index, which
revealed different levels of enzymatic activity, and it considers
as reference, the strain Bacillus subtilis ATCC 6633 [23],
that has a lipase enzymatic index of 1.80 (Figure 4). So,
twelve bacteria presented a higher or similar index to the
ATCC 6633. Nine bacteria were classified as “very good” and
three as “excellent”, which demonstrates the potential of the
studied microbiota. However, all the bacteria with enzymatic
index 1.60 and a high LAI were selected to quantitative
tests, totalizing 24 bacteria strains. This screening took into
account that bacteria which presented a medium classifica-
tion in the tests in solid medium can present better results
on p-NPP.

The behavior of 24 bacteria in the bioassay with different
temperatures and pHs was similar to the average obtained
with the 75 bacteria strains (Figure 5); there was also
a highest activity at 30◦C and pH 8.0. This information is
important for lipase kinetic studies, when they must be tested
in large scales of fermentation. The respective enzymatic
indices for the 24 bacteria selected with LAI > 1.60 are in
Table 2.
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Figure 5: Classification of lipase activity index (LAI) for 25 strains
at different treatments in Petri dishes (olive culture).

Table 2: Lipase activity index from selected strains on olive culture
medium.

Origin Bacteria strains Average SD Tukey (P < 0.05)

(1) INPA P-146 E-089 2.41 0.05 a

(2) INPA P-784 U-053 2.20 0.32 ab

(3) INPA P-697 U-015 2.15 0.29 abc

(4) INPA P-632 R-024 1.98 0.21 abcd

(5) INPA P-616 R-016 1.95 0.16 abcd

(6) INPA P-613 R-048 1.97 0.26 abcd

(7) INPA P-691 U-027 1.93 0.20 abcd

(8) INPA P-124 E-170 1.89 0.18 bcd

(9) INPA P-112 E-005 1.81 0.13 bcd

(10) INPA P-108 E-100 1.81 0.15 bcd

(11) INPA P-493 E-139 1.80 0.25 bcd

(12) INPA P-799 U-068 1.80 0.28 bcd

(13) INPA P-348 Z-034 1.77 0.12 bcd

(14) INPA P-478 E-066 1.71 0.19 bcd

(15) INPA P-423 E-039 1.72 0.35 bcd

(16) INPA P-803 U-078 1.69 0.19 cd

(17) INPA P-798 U-067 1.68 0.12 cd

(18) INPA P-093 E-024 1.68 0.27 cd

(19) INPA P-082 E-111 1.66 0.25 cd

(20) INPA P-117 E-012 1.63 0.12 d

(21) INPA P-540 E-087 1.62 0.09 d

(22) INPA P-106 E-099 1.62 0.22 d

(23) INPA P-392 E-053 1.61 0.17 d

(24) INPA P-593 R-006 1.60 0.12 d

3.1. Lipase Activity. The lipases present different affinity for
the substrate [24–26]. The activity varies in accordance with
the chain length of the fat acids. So, some bacteria can
present affinity to p-nitrophenylacetate (C2 small chains)
or p-nitrophenycaprilate (C8 medium chains). Other lipase
isoforms present a better affinity for esters with long carbon
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Figure 6: Effect of the temperature on lipase activity from crude
extract on p-nitrophenylpalmitate (behavior of the 24 strains).

chain like p-nitrophenylaurate (C12) or p-nitrophenylpal-
mitate (C16) [6, 7, 17].

The lipase activity of the crude extracts solution of each
strain selected was analyzed under p-NPP at different tem-
peratures (Figure 6). The best lipase activity in the crude
extract was at 45◦C for the strains U-067, U-068, and U-078.

For all bacteria, the peak of activity occurred at 37◦C.
These three bacteria were always superior to the rest in all test
conditions. This suggests the highest affinity by lipase from
these bacteria on the substrate p-NPP. When the peaks of
the enzymatic activity are compared, the difference between
the outstanding bacteria and other bacteria, at 37◦C, is the
double. At 45◦C, the results become even 4 times bigger. The
bacteria strains with the best results in this phase of the work
were not those with the best results in the qualitative tests,
where the analysis happened under agar medium with olive
oil. Physical differences at these conditions can influence the
lipase liberation. Even among the bacteria strains can be
found isoforms enzymes that are differentiated by molecular
weight, for example, and this may result in variation of
migration in agar, but in broth culture these difficulties do
not happen [27]. Though both substrates have long chains
of carbon, oleic acid (C18), the principal component of the
olive oil, and p-NPP (C16) are not the same thing. So, it
is noticed that, for some bacteria, the lipase presented high
affinity with the oil for others, the affinity was better with
the p-NPP. Though they are in different assay conditions,
the results presented the potential of the strains studied and
indicate the group of 24 bacteria strains that was selected
for other phases of study using oleaginous substrates of the
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Amazonian flora, aiming for the application in processes as
oil biotransformation.
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Magalhães, L. A. Oliveira, and R. M. Pereira, “Levantamento
quantitativo de microrganismos solubilizadores de fosfato
na rizosfera de gramı́neas e leguminosas forrageiras na
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Laccases are blue copper oxidases (E.C. 1.10.3.2 benzenediol: oxygen oxidoreductase) that catalyze the one-electron oxidation of
phenolics, aromatic amines, and other electron-rich substrates with the concomitant reduction of O2 to H2O. They are currently
seen as highly interesting industrial enzymes because of their broad substrate specificity. A positive strain was isolated and
characterized as nonspore forming Basidiomycetes Pleurotus sp. Laccase activity was determined using ABTS as substrate. Laccase
was purified by ionexchange and gel filtration chromatography. The purified laccase was a monomer showed a molecular mass
of 40 ± 1 kDa as estimated by SDS-PAGE and a 72-fold purification with a 22% yield. The optimal pH and temperature were 4.5
and 65◦C, respectively. The Km and Vmax values are 250 (mM) and 0.33 (μmol/min), respectively, for ABTS as substrate. Metal
ions like CuSO4, BaCl2, MgCl2, FeCl2, ZnCl2 have no effect on purified laccase whereas HgCl2 and MnCl2 moderately decrease
enzyme activity. SDS and sodium azide inhibited enzyme activity, whereas Urea, PCMB, DTT, and mercaptoethanol have no effect
on enzyme activity. The isolated laccase can be used in development of biosensor for detecting the phenolic compounds from the
effluents of paper industries.

1. Introduction

Laccases (EC 1.10.3.2; benzenediol: oxygen oxidoreductases)
are multicopper enzymes belonging to the group of blue
oxidases that catalyses oxidation of a wide variety of organic
and inorganic compounds, including diphenols, polyphe-
nols, diamines, and aromatic amines. One electron at a time
is removed from the substrate, and molecular oxygen is used
as the electron acceptor [1]. The substrate loses a single
electron and forms a free radical. The unstable radical under-
goes further nonenzymatic reactions including hydration,
disproportionation, and polymerization [2]. The substrates
of laccases may vary from diphenols and polyphenols to
diamines, aromatic amines, benzenethiols, and substituted
phenols [3]. Laccases are common enzymes in nature, espe-
cially in plants and fungi. Besides fungal laccases, which are
the most frequently studied form of laccase, bacterial laccases
from Pseudomonas putida F6, Pseudomonas sp. LBC1, and
Escherichia coli have also been purified and characterized [4].
Most of the laccases studied are of fungal origin especially

from the classes of white-rot fungi. Fungal laccases play an
important role in plant pathogenesis, pigment production,
and degradation of lignocellulosic materials [1, 2]. White-
rot basidiomycetes are microorganisms able to degrade
lignin efficiently. However, the degree of lignin degradation
with respect to other wood components largely depends
on the environmental conditions and the fungal species
involved. The ability of laccase producing microorganisms
or purified laccases to eliminate a wide range of pollu-
tants is currently one of the most interesting subjects for
researchers in environmental biotechnology [5]. Laccases
can be used in detection of catecholamine neurotransmitters
such as dopamine, norepinephrine, [6], laccase-oxidized
form of morphine in the presence of codeine by coupling
its oxidation with glucose dehydrogenase has been studied
[7]. Some fungal laccases degrade toxic fungal metabolites,
such as aflatoxin B1 [8], and are also useful in the field
of food microbiology. Ethanol is produced from pulp,
manufacturing of lightening cream, wine clarification, and
is also used in industrial applications such as an oxidizing
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biocatalyst [6, 9]. Potential application of laccases include
textile dye bleaching, pulp bleaching, effluent detoxification,
biosensors, and bioremediations [1, 10]. However, a serious
problem often encountered with industrial exploitation of
fungal laccases is the low production level by the native hosts.
This problem may be overcome by heterologous production
in fungal hosts capable of producing high amounts of extra-
cellular enzymes generally Trichoderma reesei or Aspergillus
sp.

The aim of the present paper is to screen and isolate
laccase-producing fungi from soil samples using laccase
enzyme indicators [11] and identifying a new source of
extracellular laccase. The extracellular fungal laccase in the
culture medium was subjected to purification, biochemical
characterization, and its substrate specificity studies.

2. Materials and Methods

Chemicals: all chemicals were of the GR grade, (ABTS), syr-
ingaldazine were from Sigma (St. Louis, Mo), 2,6-dime-
thoxyphenol (DMOP), o-toluidine were from Fluka (Switz-
erland). DEAE-Cellulose and Sephadex G-100 (Pharmacia
Biotech, Uppsala, Sweden), Protein Molecular weight mark-
ers (Bangalore Genei, Pvt, Ltd).

2.1. Isolation of Microorganism. Samples of decomposed
stumps, leaf litter, biowaste of municipal compost and
fruiting bodies of mushrooms were collected in sterile plastic
bags from Lalbagh Botanical Garden, Banerghatta National
Park, and saw mill. Samples were inoculated on culture
medium (B and K agar) after processing and subcultured
to obtain a pure culture. The pure cultures were tested for
the presence of laccase using α-naphthol. Laccase oxidizes
α-naphthol to a deep purple complex, giving a visual
confirmation for the presence of the enzyme.

2.2. Laccase Enzyme Assay. Laccase activity was determined
by the oxidation of ABTS method [12]. The nonphenolic dye
ABTS is oxidized by laccase to the more stable and preferred
state of the cation radical. The concentration of the cation
radical responsible for the intense blue-green color can be
correlated to enzyme activity and is read at 420 nm [13]. The
assay mixture contained 0.5 mM ABTS, 0.1 M sodium acetate
(pH 4.5), and a suitable amount of enzyme. Oxidation
of ABTS was monitored by determining the increase in
A420 (ε420, 3.6 × 104 M−1·cm−1). The reaction mixture
contained 0.5 mM substrate (ABTS), 2.8 mL of 0.1 M sodium
acetate buffer of pH 4.5, and 100 μL of culture supernatant
and incubated for 5 min. Absorbance was read at 420 nm
in a spectrophotometer against a suitable blank. One unit
was defined as the amount of the laccase that oxidized
1 μmol of ABTS substrate per min. Protein concentration was
determined by the dye-binding method of Bradford using
BSA as standard [14].

2.3. Plate Assay. The laccase plate assay allowed rapid
determination of the presence of laccase in the extracellular

fluid. 15 mL of sterile agarose (0.5%) medium containing
0.5 mM of ABTS per mL in sodium acetate buffer (pH
4.5, 0.1 M) was placed on a glass plate (5 × 5 cm). The
development of an intense bluish-green color around the
wells was considered as a positive test for laccase activity [15].

2.4. Purification of Enzyme. Purification of Laccase was
carried out by the method of Chefetz et al. [16]. The
culture filtrate was first filtered and centrifuged at 5000 rpm,
supernatant was then subjected to ammonium sulfate
precipitation. The precipitate obtained was dialyzed and
lyophilized and then loaded onto a DEAE-Cellulose anion-
exchange column 1.5 × 18 cm, equilibrated with 10 mM
sodium acetate buffer (pH 4.5), with a linearly increasing
NaCl concentration gradient (0 to 0.5 M) in the same
buffer. The six fractions containing laccase activity were
pooled, concentrated, and dialyzed overnight against same
buffer. Gel filtration chromatography was performed using
sephadex G-100 column 2.0 × 40 cm. The DEAE-purified
sample was loaded on to the column and 3 mL fraction
were collected. The eluted active fractions were dialyzed and
protein content was determined by Bradfords method [8]
with crystalline bovine serum albumin as the standard.

2.5. Gel Electrophoresis. To determine the purity of the
protein and its molecular weight, sodium dodecyl sulfate-
polyacrylamide gel electrophoresis [17] was performed with
a 12% polyacrylamide gel and protein was visualized by
staining the gel with silver staining [18] for determining
homogeneity and relative molecular mass using standard
molecular weight markers (Genei India Pvt. ltd).

Native PAGE was performed at room temperature with
12% gel according to the Davis 1964 [19]. After electrophore-
sis, the slab gels were subjected to the activity staining for
the laccase and it was fixed with a solution containing 10%
(vol/vol) acetic acid and 40% methanol (vol/vol). The gel
was then stained by 300 mM ABTS solution for 5 min for
color development. The bands of protein that were associated
with laccase activity were seen as green bands in a white
background [20].

2.6. Laccase Characterization. Optimum temperature and
pH were determined by performing enzymatic assays at
different temperatures (20–80◦C) and pH levels (3–8),
respectively. The pH level was adjusted using the following
buffers: 0.1 M citrate buffer (pH 3–5), 0.1 M phosphate
buffer (pH 6–8), and 0.1 M carbonate buffer (pH 9). The
stability of the purified laccase at various temperatures was
investigated by preincubating the purified laccase at different
temperatures between 4 and 70◦C for 1 h, followed by
determination of the residual activity. The effect of pH on the
laccase stability was determined by incubating the purified
enzyme at 4◦C in different pH levels for 24 h and determining
the residual activity. Substrate concentration ranges of 50–
500 l M, 500–1500 l M, and 1000–2500 l M were used for
kinetic studies against ABTS, DMP, respectively. The effects
of metal ions including Cu2+

, Ba2+
, Mg 2+

, Mn2+
, Fe2+

, and Hg2+

and inhibitors (EDTA, 1 and 10 mM; NaN3, DTT, Urea, and
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Figure 1: Rate of laccase activity at pH 6.5 with and without
inducer.

SDS on laccase activity were investigated by incorporating
them in to assay mixture prior to determination of residual
activity [21].

2.6.1. Kinetic Constants. The reaction rate was determined at
five different substrate (2,6-DMP, syringaldazine, and ABTS)
concentration in the range of 0.01 to 10 mM. All assays were
performed in triplicate. The kinetic constants (Km, andVmax)
for purified laccase using DMP as a substrate [21].

3. Results

3.1. Screening for Laccase Positive Strains. In all, 28 sam-
ples were isolated which included Aspergillus sp., Rhizopus
sp., Fusarium sp., Penicillium sp., Alternaria sp., and few
unidentifiable fungal strains out of which one fungal strain
gave positive reaction with α-naphthol indicating it to be
a laccase producer. The positive strain was found to be a
nonspore forming Basidiomycetes with clamp connection,
and tentatively identified as Pleurotus sp. by Agarkar Research
Institute, Pune (India).

3.2. Laccase Activity Assay. Laccase activity in the medium
reached a maximum on the 19th day. The activity was
83.83 U/mL at pH 5.8 with inducer (Tannic acid) and was
112.88 U/mL at pH 6.5 without inducer (Tannic acid) at
room temperature (Figure 1).

3.2.1. Plate Assay. The laccase plate assay showed the pres-
ence of laccase activity in the partially purified sample. The

Figure 2: Plate assay for demonstration of laccase activity in
purified sample.

Phosphorylase b

Bovine serum albumin

Laccase

Ovalbumin

Carbonic anhydrase

Lysozyme

Figure 3: SDS-PAGE of purified laccase from Pleurotus sp.

heat-treated sample showed less intense green color than that
of the partially purified sample as shown in (Figure 2).

3.3. Purification of Extracellular Laccase . The extracellular
laccase from Pleurotus sp. was purified to 72.2-fold with a
yield of 22.4% (Table 1), using a series of purification steps
that included ammonium sulphate precipitation, DEAE-
Cellulose column chromatography, and gel permeation using
sephadex G-100 column chromatography. The purified
enzyme was homogenous showing a single-protein band
on SDS-PAGE with a molecular mass of 40 ± 1 kDa when
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Figure 4: Activity staining of native PAGE gel.
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Figure 5: Temperature optima with ABTS as substrate.

compared to authentic standards (Figure 3). Activity staining
of crude and purified enzyme showed that only one extra
cellular laccase is secreted (Figure 4). The molecular weight
of the purified laccase was further confirmed to be 40±1 kDa
by Gel chromatography using sephadex G-100 which was
compared with known standard proteins (data not shown).

3.4. The Effect of pH and Temperature on Purified Laccase.
The purified laccase was active in broad pH range of 3–5 with
optimum activity at pH 4.5 (Figure 5). The purified laccase
has a broad temperature sensitive 35–70◦C and the optimum
temperature for the laccase was observed at 65◦C (Figure 6).
Temperature kinetics of the laccase suggests that the enzyme
activity increases sharply from 60 to 65◦C followed by a
decline after 70◦C. The laccase was stable in at 60◦C for 8 hrs.
The enzyme at 75◦C was stable up to 30 min, and after 90 min
it retained 38% of the activity. The purified enzyme at room
temperature was stable for 20 days and stable for 60 days
when stored at −4◦C.
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Figure 7: Lineweaver-Burk plot with 2,6-DMP as substrate.

3.5. Kinetic Studies. The Km and Vmax values for purified
laccase were 250 (mM) and 0.33 (μmol/min), respectively,
for ABTS as substrate where as Km values for phenolic com-
pound 2,6-DMP were 38.46 mM and Vmax 20 (μmol/min)
which shows that phenolic compounds are better substrates
for purified laccase (Figure 7).

3.6. The Effect of Metal Ions and Inhibitors/Group Specific
Reagents. Zinc inactivated the enzyme completely at 2 mM
concentration. Nearly 60% activity was lost in the presence
of 2 mM of Mn2+

, Hg2+ and Fe2+ (Table 2). None of the
metal ions stimulated the laccase activity. Sodium azide
was a potent inhibitor of enzyme, inactivated the purified
laccase completely, and nearly instantaneously with a ki
value of 0.03 mM compared to that of EDTA which had
moderately inhibited the purified laccase with an ki value of
3.2 mM. At 0.1% SDS concentration, complete activity was
lost, hence it was much more effective denaturant. The Urea
(5 M), mercaptoethanol, DTT, and PCMB did not inhibit the
enzyme (Table 3).

4. Discussion

Laccases were first described in 1883 from the Japanese
lacquer tree Rhus vernicifera [22]. Since then, several laccases
have been studied with respect to their biological function,
substrate specificity, copper binding structure, and industrial
applications [1, 2, 23]. Pleurotus sp. is a wood rotting basid-
iomycetes and laccase is the dominant ligninolytic enzyme
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Table 1: Summary of purification of laccase from Pleurotus sp.

Purification step Volume (mL) Protein (mg) Total activity (U) Specific activity (U/mg) Purification (fold) Yield (%)

Culture filtrate 800 2300 29000 36 1 100

Ammonium sulfate fraction 60 1300 18000 107 2.97 62

DEAE Cellulose chromatography 15 125 14500 1300 12.14 50

Sephadex G-100 chromatography 8 12 6500 2600 72.2 22.4

Table 2: Effect of metal ions on purified laccase enzyme from
Pleurotus sp.

Metal ions (2 mM) Relative activity (%)

CuSO4 90

BaCl2 72

MgCl2 75

MnCl2 40

FeCl2 55

HgCl2 25

ZnCl2 41

Table 3: Effect of inhibitors and detergents on purified laccase
enzyme from Pleurotus sp.

Inhibitors/detergents Relative activity (%)

SDS (0.1%) 0

Sodium azide 10

Urea (5 M) 35

EDTA (10 mM) 65

PCMB (1 mM) 76

DTT 71

Mercaptoethanol (0.1%) 84

synthesized by this species. Laccase and other ligninolytic
activities have been previously reported to be related to the
stationary phase of growth in different fungi and are often
triggered due to nutrient limitation [24–26]. Attempts were
made to increase laccase production by the addition of the
reported laccase inducer like tannic acid to enhance the
expression of laccase gene at the transcription level in the
growth media which showed mixed results [27]. The activity
of laccase obtained from the isolated strain without inducer
is comparable with that seen in T. versicolor without inducer,
[28, 29] and Trametes trogii with copper as inducer [30].

Two potential inhibitors (sodium azide and EDTA) were
evaluated to test the inhibition properties of laccase. Sodium
azide was the most efficient inhibitor with Ki of 0.03 mM
and EDTA inhibited laccase to a lesser extent with a Ki of
3.2 mM which is similar to that of laccases from Chaetomium
thermophilum [16].

The optimal temperature range for fungal laccase activity
was ranging from 30◦ to 60◦C [31–33]. Laccase examined in
this study had an optimal temperature range of 30◦–65◦C
which is similar to that of values obtained for laccases from
Sclerotium rolfsii SRL [34]. Generally growth of the fungi is
ideal at low pH. The partially purified enzyme has an opti-
mum pH of 4.5 for ABTS as substrate, which is comparable to

the values obtained from Tricholoma giganteum [35] and pH
6 for syringaldazine which is comparable to Trametes villosa
[36] and Polyporus anceps [37].

The SDS-PAGE results showed that Pleurotus spp. laccase
has a molecular weight of 40±1 kDa, close to that of laccases
from P. chrysosporium having molecular weight of 46.5 kD
which is in the range reported for other basidiomycetes
[38]. Molecular weights of most fungal laccase proteins fall
between 43,000 and 110,000 Daltons [2, 39]. A majority
of laccases from basidiomycete fungi were reported to have
molecular weights in the range of 55,000 to 72,000 Daltons
[2, 37].

The parameters Km and Vmax for ABTS of partially
purified laccase from Pleurotus sp. were 0.25 mM and
0.33 μmoL/min, respectively, which is very similar to that
of laccase from Melanocarpus albomyces (0.28 mM). The Km
and Vmax values for phenolic compound such as 2,6-DMP
were 0.038 mM and 20 μmol/min which are near to that
of Trametes spp., AH28-2-A which is (0.025 mM) [38]. For
nonphenolic ABTS Km values around 0.03–0.05 mM have
been observed for most fungal laccases [16]. On the other
hand, the Km values for phenolic compound 2,6-DMP were
very low indicating that phenolic compounds are better
substrates for Pleurotus sp. laccase than commonly used
ABTS.

5. Conclusion

The fungi Pleurotus sp. extracellular laccase was purified
from the culture filtrate of the soil isolate during two-step
purification and subsequently characterized against pH 4.5
and temperature 65◦C, and laccase was stable at 60◦C for
8 hrs and enzyme activity was unaltered for most of the
ions except Hg+2. The inhibitors like SDS and sodium azide
completely inhibited enzyme activity. The molecular mass of
the enzyme was determined to be 40± 1 kDa with an 72-fold
and 22.4% yield. The purified enzyme had an Km and Vmax

of 250 (mM) and 0.33 (μmol/min), respectively, for ABTS
as substrate where as Km values for phenolic compound
2,6-DMP were 38.46 mM and Vmax 20 (μmol/min). The
statistical optimization of a suitable medium to increase
the production level of the enzyme and the factors that
affect the bioelimination of a number of industrial phenolic
compounds and can be detected by developing biosensor
with the pure laccase are currently under progress.
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Production of lignolytic enzymes by the mushroom fungus Stereum ostrea in liquid medium under conditions of vegetative growth
was examined for 10 days in comparison to the reference culture Phanerochaete chrysosporium. Though growth and secretion of
extracellular protein by S. ostrea were comparable to those of P. chrysosporium, yields of laccase enzyme by S. ostrea were higher
than laccase titres of P. chrysosporium by more than 2 folds on the peak production time interval (IVth day of incubation). S. ostrea
yielded titres of 25 units of laccase/ml as against 8.9 units of laccase/ml on the IVth day of incubation. Stereum ostrea also exhibited
activities of other lignolytic enzymes, lignin peroxidase (LiP) and manganese peroxidase (MnP), higher than the reference culture.
Growth of S. ostrea on the medium in the presence of Remazol orange 16 resulted in the decolourisation of dye, confirming the
presence of lignolytic enzymes. S. ostrea appears to be a promising culture with complete lignolytic system.

1. Introduction

Lignin is the second most abundant aromatic polymer in
nature with three-dimensional structure composed of phenyl
propanoid units linked through several carbon-carbon and
ether bonds [1, 2]. Such complex structure of lignin is de-
signed in plant cell wall to protect plant cells from microbial
attack [3]. Degradation of recalcitrant lignin requires an ox-
idative process mediated by lignolytic enzymes. Lignolytic
enzymes include laccase (Lcc) (EC 1.10.3.2), lignin peroxi-
dases (LiP) (EC 1.11.1.4), manganese peroxidases (MnP) (EC
1.11.1.3), and versatile peroxidases and are secreted by white
rot fungi [2, 4, 5]. A few of them, in particular, Phanerochaete
chrysosporium and Trametes versicolor, have been the focus of
intensive research and a greater understanding of physiology
biochemical and molecular biology of lignolytic enzymes in
the above organisms have been gained [6]. Activities of lig-
nolytic enzymes appear only in the culture medium after
attainment of peak growth with exhaustion of nutrients—
C, N, and S in respect of P. chrysosporium and T. versicolor

[7]. Production of lignolytic enzymes in these organisms
is enhanced by inducers [8]. Lignolytic enzymes in other
organisms, Cereporiopsis subvermispora, Trametes trogii and
Panus tigrinus, are constitutive and produced even under
conditions of nitrogen sufficiency [9–11]. Profiles of enzymes
of lignolytic system depend on growth conditions and vary
from one organism to another. Peroxidases are dominant in
lignolytic system in respect of P. chrysosporium, where laccase
is a major component in lignolytic system of Ganoderma
adspersum [6, 12, 13]. In view of broader specificity and
oxidation of wider range of xenobiotic compounds including
chlorinated phenolics, synthetic dyes, pesticides, and pol-
ycyclic aromatic hydrocarbons, lignolytic enzymes offer ad-
vantages for biotechnological applications. Although the
majority of earlier studies have been on lignin-degrading
enzymes of organisms, P. chrysosporium, Pleurotus ostreatus
and Trametes versicolor, there has been a growing interest
in studying lignolytic enzymes of wider array of white-rot
fungi from the standpoint of comparative biology but also
with expectation of finding better lignin degrading system.
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Activity of laccase enzyme was detected in the culture filtrate
of Stereum ostrea [14]. In that direction, the present inves-
tigation has been undertaken to study lignolytic enzymes of
a mushroom, Stereum ostrea in comparison to the reference
culture Phanerochaete chrysosporium.

2. Materials and Methods

Stereum ostrea was kindly supplied by Professor M. A.
Singaracharya, Department of Microbiology, Kakatiya Uni-
versity, Andhra Pradesh, India, and was isolated from wood
logs. The reference culture, Phanerochaete chrysosporium
was obtained from IMTECH, India. Both the cultures
were maintained on Koroljova-Skorobogat’ko medium [15]
because of good growth [14].

Sterile Koroljova-Skorobogat’ko medium was dispersed
into sterile 250 mL Erlenmeyer flasks at a rate of 50 mL
of medium per flask. The flasks were inoculated with ho-
mogenized mycelial suspension and incubated in an orbital
shaker (Orbitek, Chennai, India) at 30◦C and speed of
200 rpm. The flasks with growing cultures of Stereum
ostrea and Phanerochaete chrysosporium were withdrawn at
different time intervals during the course of the experiment
for processing. The entire culture medium in flasks was
used for processing in the same manner as mentioned
earlier [14]. The fungal cultures were aseptically filtered
through preweighed Whatman no 1 filter paper to separate
mycelial mat and the culture filtrate. The filter paper along
with mycelial mat was dried at 70◦C in an oven until
constant weight. Difference between the weight of the filter
paper having mycelial mat and weight of only filter paper
represented biomass of fungal mat. Fungal growth was
expressed in terms of mg/flask. pH of the culture filtrate was
measured. Content of extracellular protein in culture filtrates
of both fungi was estimated according to Lowry et al. [16].

2.1. Enzyme Assay. Activities of lignolytic enzymes in the
cultural filtrate of both fungal cultures were estimated
following the standard protocols. Laccase activity was assayed
using 10 mM guaiacol in 100 mM acetate buffer (pH 5.0)
containing 10% (V/V) acetone. The change in absorbance of
the reaction mixture containing guaiacol was monitored at
470 nm (ε = 6740 M−1 cm−1) for five minutes of incubation
[17] Laccase activity was expressed in International Units
(IU), where one unit corresponded to the amount of
enzyme that oxidized one micromole of guaiacol per minute.
Lignin peroxidase activity was determined by oxidation of
veratryl alcohol at 310 nm (ε = 9, 300 M−1 cm−1) [18]. The
reaction mixture was composed of 0.5 mL culture filtrate,
0.4 mM H2O2 and 50 mM tartaric acid (pH 2.5) and 2 mM
veratryl alcohol. The enzyme activity was expressed in IU,
where one unit of LiP corresponded to the amount of
enzyme that oxidized one micromole of veratryl alcohol
per min. MnP activity was determined by oxidation of
phenol red at 610 nm [19]. The assay mixture included
0.5 mL culture filtrate, 0.25 M sodium lactate (pH 4.5), 0.5%
bovine albumin, 200 mM MnSO4, 2.0 mM H2O2 (prepared
in 0.2 mM sodium succinate buffer pH 4.5) and 0.1% phenol

red. The changes in the absorbance of reaction mixture was
monitored at 610 nm (ε = 22, 000 M−1 cm−1) for 5 min.
MnP activity was expressed in IU, where one unit of MnP
was defined as the amount of enzyme that oxidized one
micromole of phenol red per min.

2.2. Decolourisation of Dye. Another experiment was con-
ducted by growing both fungal cultures in the same liq-
uid medium in the presence of dye Remazol orange 16
(λmax = 530 nm) at concentration within a range of
0.02 to 0.10% in 250 mL Erlenmeyer flasks in the same
manner as mentioned earlier. Medium without dye and
inoculum and dye-amended medium without inoculum
were maintained as controls. At regular intervals flasks were
withdrawn for processing for determination of decolouri-
sation of dye in addition to parameters mentioned in the
previous experiment. Absorbance of colour of dye in the
uninoculated medium amended with dye was measured
against uninoculated medium without dye at 530 nm at any
given time interval and is treated as absorbance of control.
Absorbance of colour of dye in the culture filtrate derived
from the growth of fungi was measured against uninoculated
medium without dye at 530 nm at the respective time interval
and was considered as observed absorbance. Decolourisation
was expressed as activity (%)

% Decolourisation

= Control absorbance− observed absorbance
Control absorbance

× 100

(1)

3. Results and Discussion

Biomass of cultures of Stereum ostrea and Phanerochaete
chrysosporium upon growth in liquid medium under shaking
conditions was determined and is presented in (Figure 1).
Growth of both cultures was initially slow for 4 days and then
picked up and remained steady from 8th day of incubation.
Stereum ostrea produced maximum biomass of 1.89 g/flask
on the 10th day of incubation as against 1.78 g/flask in
respect of P. chrysosporium.

The secretion of extracellular protein into liquid medium
under shaking conditions for 10 days was measured
(Figure 2). The secretion of extracellular protein by both
fungal cul-tures increased with increase in incubation time
and reached maximum on 6th day of incubation and there-
onwards dropped. Stereum ostrea secreted maximum protein
content of 750 μg/mL into medium as against 770 μg/mL by
P. chry-sosporium on 6th day of incubation.

Wood-rot fungi are a large group of microorganisms with
a potential to metabolise lignin by action of three major
groups of enzymes: Lignin peroxidase, Mn peroxidase, and
Laccase outside cell. Our knowledge in the understanding
of nutritional requirements for growth of the organisms,
Phanerochaete chrysosporium, and Trametes versicolor, Pleu-
rotus ostrea, Trametes trogii, has been improving with
continuous efforts of probing. There are many wood-rot or-
ganisms which have not been explored. The present study
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Figure 1: Biomass of the fungal cultures.
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Figure 2: Extracellular protein of the fungal cultures.

examined the growth of an unexplored wood-rot fungus-
Stereum ostrea, in comparison to the model lignolytic culture
P. chrysosporium. Both the test organism and the model
culture grew well on Korlojova liquid medium used in this
study under shaking and noninducing conditions as reflected
by large biomass of both cultures and high protein secretion.

Both cultures exhibited laccase activity when grown
on medium under noninducing conditions (Figure 3). Un-
like extracellular protein secretion, laccase production by
both cultures touched peak on 4th day of incubation and
thereonwards declined. Stereum ostrea gave titres of laccase
3 times higher than P. chrysosporium. Maximum yields of
laccase to the tune of 25 Units/mL by S.ostrea was recorded as
against only 9.0 units/mL by P. chrysosporium. Thus, results
clearly show that S. ostrea was better than the reference
culture on the score of laccase production.

Production of lignolytic enzymes was studied in only
a few wood-rot organisms: Phanerochaete chrysosporium,
Trametes versicolor, Pleurotus ostrea, and Trametes trogii.
Stereum ostrea notably displayed higher capacity of laccase
production (25 Units/ml) under noninducing conditions
than even other white-rot fungi Ganoderma sp. [13], newly
isolated basidiomycete PM1 [20] and Trametes versicolor
[21] and Trametes hirsuta [22] reported elsewhere. Baldrain
and Šnajdr [23] compared the production of laccase by
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Figure 3: Laccase activity of the fungal cultures.

litter-decomposing basidiomycetes with reference white-
rot fungi Trametes versicolor and Pleurotus ostreatus on
HNHC medium and found yields of laccase by only one
basidiomycete Collybia dryophila close to figures of laccase
yields of Trametes versicolor (60 Units/lit). Growth of the
white-rot fungus Coriolopsis rigida [24] and Trametes trogii
[10] in liquid medium under induced conditions produced
maximum levels of 40 Units/ml and 90 Units/ml of laccase
activity, respectively. In the majority of the above studies,
laccase assay was determined with use of 2, 2′-Azino-bis(3-
Ethylbenzthiazoline-6-Sulfonic Acid) as a substrate, whereas
guaiacol was employed as substrate in assay medium for
laccase in the present study. As Kcat of laccase of different
organisms Pleurotus ostreatus POXA and Trametes trogii with
substrate ABTS was higher than Kcat of laccase of the same
organisms with guaiacol as substrate, yields of laccase in
cultures of organisms determined on the basis of ABTS
method is expected to be higher [25]. This fact is taken into
consideration along with production of laccase carried out
under noninduced conditions in the present study, yields of
laccase by Stereum ostrea were comparable and may be even
higher than yields of laccase by C. rigida and Trametes trogii.

Growth of both fungal cultures resulted in drop in pH
of Koroljova medium which was initially set to pH 6.0
(Figure 4). During the course of growth of fungal cultures,
pH of culture medium was not regulated. Decrease in pH of
the culture medium of both fungal cultures occurred up to
4th day of incubation, and there was recovery in pH of the
culture medium towards the end of the experiment. Drop in
pH of the medium was sharper in respect of S. ostrea and fell
below 4 on the 4th day of incubation.

Another experiment was conducted with the selected
fungal cultures in liquid Koroljova medium to find out
whether other lignolytic enzymes lignin peroxidase and
manganese peroxidase are present in lignolytic system of
S. ostrea. LiP activity was detected in the culture filtrate of
S. ostrea and P. chrysosporium throughout the incubation
period (Table 1). There was an increase in activity of LiP
up to 6th day of incubation followed by declining trend.
Maximum activities of LiP recorded in respect of S. ostrea
and P. chrysosporium on 6th day of incubation were 0.516 and
0.472 U/mL, respectively. Stereum ostrea displayed activity of
even LiP on higher side than P. chrysosporium.
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Table 1: Lignin peroxidase activity of the fungal cultures.

Incubation Period (days)
Lignin peroxidase activity (U/mL) of

S. ostrea P. chrysosporium

II 0.300 0.216

IV 0.432 0.344

VI 0.516 0.472

VIII 0.260 0.241

X 0.172 0.165

Table 2: Manganese peroxidase activity of the fungal cultures.

Incubation Period
(days)

Manganese peroxidase activity (U/mL) of

S. ostrea P. chrysosporium

II 0.164 0.036

IV 0.292 0.220

VI 0.590 0.272

VIII 0.328 0.200

X 0.200 0.144

Like LiP, Mn peroxidase of both cultures followed the
similar trend during the course of incubation (Table 2). Both
cultures secreted MnP into broth throughout the incubation
period. But maximum activities of MnP in both cultures
was observed on 6th day of incubation. S. ostrea exhibited
MnP activity two folds higher than P. chrysosporium. S.
ostrea yielded titres of 0.590 U/ml of MnP as against titres
of 0.272 U/mL by P. chrysosporium on 6th day of incubation.

Breakdown of lignin is mediated by action of the enzymes
lignin peroxidase, and manganese peroxidase apart from
laccase. Titres of both LiP and MnP yielded by both cultures
under noninducing conditions were low when compared
to laccase by the same cultures and did not exceed one
Unit/ml. However, these yields of lignolytic peroxidases by
S. ostrea in the present study were considerable in com-
parison to other organisms including P. chrysosporium on
different growth media under different conditions. Growth
of P. chrysosporium in submerged fermentation generated
MnP and LiP with specific activity of 144 and 14 U/mg,
respectively [26]. Yields of lignolytic peroxidase enzymes in

majority of studies with different strains of P. chrysosporium
in liquid medium occurred within a range of 0.07–0.8 U/mL
[12, 27–30]. Growth of other organisms—Trametes versicolor
[23, 31], hyperlignolytic fungus IZU-154 [32], the strain
K1 isolated from polyphenol polluted site [33], Nematoloma
forwardii [34], and Pleurotus pulmonarius [35] in solid state
fermentation/submerged fermentation produced lignolytic
peroxidases at low levels. However, two organisms Phellunus
robusties [13] and Schizophyllum commune [27], with high
production of MnP in liquid medium to the extent of 10
and 580 U/mL, respectively were spotted in the literature.
Differences in titres of enzyme yielded by organisms in
different studies may be due to differential inherent capacity
of organisms to synthesize lignolytic enzymes, growth condi-
tions, nutritional requirements and inducer. Organism like P.
chrysosporium produced higher yields of lignolytic enzymes
under conditions of starvation for nitrogen and carbon
[36, 37], whereas in other cases—Panus tigrinus lignolytic
enzymes were generated under even conditions of nitrogen
sufficiency. The presence of inducers veratryl alcohol induced
2-fold increase in yields of lignolytic enzymes by P. chrysospo-
rium [37]. Yields of lignolytic enzymes by S. ostrea in the
present study were determined only under noninducing
conditions. Exposure of S. ostrea to inducer may further
improve yields of lignolytic enzymes. Laccase appears to be
a dominant component in lignolytic enzymes of S. ostrea
under growth conditions employed in the present study.
Similar observation of dominance of laccase in lignolytic
system of Ganoderma adspersm was made [13]. In contrast,
lignolytic peroxidases are major component of lignolytic
system of P. chrysosporium Schizophyllum commune [27].

Textile dye Remazol orange-16, has undergone decolori-
sation even at the highest concentration (0.10%) in both
grown cultures (Table 3). Decolourisation of dye by both
cultures followed the pattern of growth. Decolourisation was
initially slow later picked up and reached maximum on VI
day of incubation in both cultures but values were lower side
in case of Phanerochaete chrysosporium.

Maximum decolorisation of dye by Stereum ostrea at 3
different concentrations—0.01, 0.05, and 0.10% was found
to be 84.42, 81.27, and 70.85%, respectively, where as the cor-
responding figures in respect of Phanerochaete chrysosporium
was 77.66, 66.74, and 65.47 at the 6th day of incubation.

Decolourisation of dye Remazol orange-16 in the present
study by both cultures indicates indirect evidence for pres-
ence of lignolytic enzymes in the culture filtrates of both
cultures used in the present study. Activities of lignolytic
enzymes Lcc, MnP, and LiP in the culture filtrate of both
fungal cultures grown on the medium in the presence of
Remazol orange-16 at regular intervals were measured. As
activities of these enzymes in the culture filtrate, derived
from growth of fungi in the medium amended with dye,
followed the similar trend to those of the same enzymes in
the culture filtrate of the same cultures grown in the medi-
um without dye, the results are not represented here. Colour
changes of dyes may also occur due to sensitivity of dyes
to pH changes that took place in medium upon growth of
fungal cultures. It was tested whether Remazol orange-16
undergoes change in colour in a medium with pH up to 3.
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Table 3: Decolorisation of textile dye, Remazol orange, 16 by the fungal cultures.

Incubation period (days) % decolorisation of dye by

Stereum ostrea at Phanerochaete chrysosporium at

0.01% 0.05% 0.10% 0.01% 0.05% 0.10%

II 31.12 29.15 28.42 17.52 15.25 10.76

IV 77.31 70.56 62.80 70.56 68.13 60.75

VI 84.42 81.27 70.85 77.66 66.74 65.47

VIII 81.17 75.26 60.13 71.19 60.11 58.75

X 81.18 75.63 60.97 71.31 60.20 58.85

The possibility of decolourisation due to pH changes was
ruled out because of stability of colour of Remazol orange-
16 under low pH. Generally, decolorisation of dyes is
probably due to physical adsorption of dye to mycelial mat
or participation of lignolytic enzymes or combination of
both. Appearance of colour on mycelial mat followed by
loss of colour from mycelial mat was an observation made
in the present study and supports involvement of lignolytic
enzyme in decolorisation of dye. Similarly, a clearance
of purple colour around fungal growth on agar medium
with poly-R Assay was considered as a positive result for
production of lignolytic enzymes and was used for screening
basidiomycetes for the presence of lignolytic enzymes [35].
Decolourisation of dyes was also demonstrated even with
purified lignolytic enzyme Laccase [14]. For this simple
reason, protocols with use of dyes as possible substrate for
lignolytic enzymes have been developed and permit rapid
assay of lignolytic enzymes [8, 38].

4. Conclusions

The following conclusions can be drawn from the results of
the present study. The white-rot fungus S. ostrea produces
a complete lignolytic system Lcc, LiP, and MnP under
conditions of vegetative growth. Lcc appears to be a dom-
inant component in the lignolytic system of S. ostrea. For
production of lignolytic enzymes, Stereum ostrea culture is
more promising and potential culture than the reference
culture P. chrysosporium.
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Tannin acyl hydrolase also referred as tannase is an enzyme with important applications in several science and technology fields.
Due to its hydrolytic and synthetic properties, tannase could be used to reduce the negative effects of tannins in beverages, food,
feed, and tannery effluents, for the production of gallic acid from tannin-rich materials, the elucidation of tannin structure, and the
synthesis of gallic acid esters in nonaqueous media. However, industrial applications of tannase are still very limited due to its high
production cost. Thus, there is a growing interest in the production, recovery, and purification of this enzyme. Recently, there have
been published a number of papers on the improvement of upstream and downstream processing of the enzyme. These papers
dealt with the search for new tannase producing microorganisms, the application of novel fermentation systems, optimization
of culture conditions, the production of the enzyme by recombinant microorganism, and the design of efficient protocols for
tannase recovery and purification. The present work reviews the state of the art of basic and biotechnological aspects of tannin acyl
hydrolase, focusing on the recent advances in the upstream and downstream processing of the enzyme.

1. Introduction

Tannin acyl hydrolase also known as tannase is an enzyme
(EC 3.1.1.20) that catalyzes the hydrolysis of ester bonds
present in gallotannins, complex tannins, and gallic acid
esters [1, 2]. Tannase has several important applications in
food, feed, chemical and pharmaceutical industries, but high
scale use of this enzyme is severally restricted due to high
production costs [3, 4].

Thus, there is a growing interest on basic and applied as-
pects of tannase. In the last decade, there have been a number
of efforts to improve the production, recovery, and purifica-
tion processes of the enzyme. These efforts include the look-
ing for new tannase sources [5–12], the development of novel
fermentation systems [13–15], the optimization of culture
conditions [16–19], the production of the enzyme by recom-
binant microorganism [20–24], and the design of efficient
protocols for tannase recovery and purification [25–27].

Technological advances on tannase processing must be
supported by basic investigation. The induction and repres-
sion systems have been studied in submerged- (SmF) and
solid-state fermentation systems (SSF) [28, 29]; the physico-
chemical properties of several tannases have been character-
ized [7, 12, 20, 30–35], and there have been a special interest
in the description of tannase and tannase gene structure
[21, 36–44].

The present work reviews the state of the art of basic and
biotechnological aspects of tannin acyl hydrolase, focusing
on the recent advances in the upstream and downstream
processing of the enzyme.

2. Tannase Substrate: Tannins

Tannins are natural polyphenolic compounds that are wide-
ly distributed in several parts of vascular plants. They are
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the second most abundant group of phenolics in nature and
are considered as secondary metabolic compounds of plants
because they play no direct role in plant metabolisms [9].
Tannins are characterized by their ability to form strong
complexes with different minerals and macromolecules, such
as proteins, cellulose, and starch among others [45]. Due to
their strong ability to bind with proteins, they have been used
for tanning for thousands of years [46].

Tannins have several interesting biological activities. Ac-
tive principles of medicinal plants are often polyphenolic
compounds, and, in recent years, there has been a great
scientific interest for this group of compounds due to their
antioxidant, antiviral, and anticancer properties [47, 48].
In traditional medicine of China and Japan, the plant ex-
tracts rich in tannins have been used as astringent, anti-
diarrheal, diuretic, anti-inflammatory, antiseptic, and anti-
hemorrhagic agents. Similarly for their ability to precipitate
heavy metals and some alkaloids, tannins can be used in the
treatment of poisoning caused by these substances [49].

In the other hand, presence of tannins in the diet of rumi-
nants affects their growth and milk production in different
ways. Interaction of tannins with macromolecules form
complexes that interfere with digestion of certain nutrients,
digestive enzymes in saliva and rumen, and thereby reduce
the degradation of nutrients. In addition, tannins impart a
bitter taste, and this could significantly reduce the feed intake
by livestock [50, 51].

High concentrations of tannins in beverage such as iced
tea, beer, wine, fruit juices, and coffee-flavored beverages can
result in the formation of precipitates due to their interaction
with other molecules present in these beverages. These
undesirable effects of tannins can be reduced or eliminated
by a chemical or enzymatic treatment [50, 52].

Tannins are resistant to biodegradation, and the accumu-
lation due to discharge of tanneries and coffee-processing
industries effluents can result in environmental pollution
[53, 54]. Tannins are toxic to fungi, bacteria, and viruses.
However, many microorganisms have developed the mecha-
nisms to overcome the effects of tannins. These mechanisms
include tannin modification, degradation, dissociation of
tannin-substrate complexes, tannin inactivation by high-
affinity binders, membrane modification, and metal ion
sequestration [8]. Tannase is involved in the biodegradation
of tannins and is an ecologically important biocatalyst.

3. Basic Aspects of Tannin Acyl Hydrolase

As previously mentioned, tannase catalyzes the hydrolysis of
ester and depside bonds present in gallotannins, complex
tannins, and gallic acid esters [1, 2] but do not affect the car-
bon-carbon bonds, thus tannase is unable to hydrolyze
condensed tannins [55].

It is well known that tannase catalyzes the hydrolysis of
tannic acid (nonagalloyl glucose) to nine molecules of gallic
acid and one molecule of glucose, but the mechanism and
the intermediary compounds are not clearly understood.

3.1. Substrate Specificity. It has been a matter of dispute
whether the esterase and depsidase activities of microbial

tannases were due to two separate enzymes or to only one
enzyme catalyzing both reactions [56]. Toth and Barsony
[57] proposed that tannase activity is composed by two
separated enzymes: a “depsidase” that hydrolyzes the depside
bonds (galloyl ester of gallic acid) and an “esterase” that
catalyzes the cleavage of ester (galloyl ester of an alcohol
moiety). Later, Haslam and Stangroom reported that the
esterase/depsidase ratio of Aspergillus niger tannase may
be modified by cultural methods and isolation procedures,
suggesting the presence of two different enzymes. But further
analysis indicated that esterase and depsidase are isoenzymes
with low specificities capable of hydrolyzing both esters and
depsides of gallic acid but with different relative specificity
for each substrate [55]. Beverini and Metche [58] isolated
two separate isoenzymes, tannase I and tannase II from
A. oryzae, with esterase and depsidase activity, respectively.
But several other authors have purified tannases with both
esterase and depsidase activity [20, 21, 59].

Studies on the regulation of tannase indicated that the
enzyme would react with any phenolic hydroxyl group [60].
But, for the formation of a true enzyme-substrate complex,
the substrate has to be an ester compound of gallic acid,
although there is no restriction on the structure of an alcohol
composing a substrate ester. These studies also indicated that
the ester or carboxyl does not link to the enzyme by itself,
since an ester or carboxylic compound is not hydrolyzed
by or inhibits the enzyme unless it has phenolic hydroxyls
[24]. Further studies revealed that esters of protocatechuic
acid (3,4-dihydroxybenzoic acid) can also be hydrolyzed by
tannase [20, 61]. An exceptional case is a tannase analogue
extracted from pedunculate oak (Quercus robur) leaves.
This plant tannase is an unspecific esterase, capable of
hydrolyzing simple galloyl esters (methyl, ethyl, and propyl
gallate). naphthyl acetate, mono- to hexa-substituted galloyl-
β-D-glucoses, variously ring-substituted 1-O-benzoyl-β-D-
glucoses and with depsides like meta-digallic acid or chloro-
genic acid [56].

On the other hand, a few bifunctional tannases have
been reported. Ramı́rez-Coronel and coworkers found an
Aspergillus niger tannase with sequence similarity to an
A. kawachi β-glucosidase. Purified tannase was capable to
hydrolyze cellobiose efficiently. However, no β-glucosidase
activity was detected when the enzyme was assayed in the
presence of tannic acid [42]. Garcı́a-Conesa et al. [62] found
an A. oryzae capable to hydrolyze several synthetic diethyl
diferulates. The efficiency of this esterase activity on most
diferulates is low compared to that of a cinnamoyl esterase,
FAEA, from A. niger.

Summarizing, tannases are a group of esterases with
more or less specificity for a substrate. This specificity de-
pends on the source and the methods utilized for its pro-
duction and isolation. Additionally, it is evident that, from a
certain organism, several tannase isoenzymes with different
substrate affinity could be isolated.

3.2. Mechanism of Action. Tannase completely hydrolyzes
tannic acid to gallic acid and glucose. Iibuchi et al. [60] stud-
ied the intermediary compounds formed during this hydrol-
ysis by thin layer chromatography. They found the formation
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of 2,3,4,6-tetragalloylglucose, two kinds of monogalloyl-
glucose and free gallic acid. They detected the same pro-
ducts in the hydrolysate of 1,2,3,4,6,-pentagalloylglucose.
With this information they proposed a degradation pathway
(Figure 1).

Tannase hydrolyzes other substrates such as methyl gal-
late, propyl gallate, digallic acid, epicatechin gallate, and epi-
gallocatechin gallate-releasing gallic acid [20, 63]. Tannase
also acts on ellagitannins such as rosacyanin or phyllanembli-
nin. In those cases, tannase selectively hydrolyses the galloyl
moieties, yielding gallic acid and degalloylated ellagitannins
[64, 65]. These reactions are illustrated in Figures 2 and 3.

3.3. Physicochemical Properties. One of the most studied top-
ics on tannase is that related to its physicochemical proper-
ties. Several fungal, bacterial, and plant tannases have been
purified and characterized. Important differences have been
found between characterized tannases. These differences are
related to the organism that produced the enzyme, the source
of the organism, and the production conditions [4].

All known tannases are serine esterases, as inferred from
inhibition studies with phenyl-methyl-sulfonyl fluoride
(PMSF) and diisopropyl fluorophosphate (DFP) [31, 32, 37,
59] and the presence of the pentapeptide motif (-Gly-X-Ser-
X-Gly-) in the sequence of tannase gene [21, 66]. However,
literature reveals that the protein tannase is very diverse in its
structural properties (Table 1).

The molecular weight of characterized tannases was
found to be in the range of 50–320 kDa [21, 32, 40, 43, 69]
depending on the source. Most of fungal tannases have
been reported to be multimeric proteins formed by 2 to 8
subunits. For example, Ramı́rez-Coronel et al. [42] purified
and characterized an Aspergillus niger tannase which is active
in monomeric and dimeric isoforms of 90 and 180 kDa,
respectively; Böer and coworkers found that tannase from the
dimorphic yeast Arxula adeninivorans is composed homote-
tramer with subunits of 80 kDa [21]; Beena et al. reported
a tannase of A. awamori formed by six identical subunits
of 37.8 kDa [37]; otherwise, Hatamoto et al. reported that
native tannase of A. oryzae consists of four pairs of two types
of subunits (30 and 34 kDa, resp.) linked together by disulfide
bonds, forming a heterooctamer of 310 kDa [43]. Further-
more, all bacterial tannases characterized are monomeric
with a molecular weight ranging from 50 to 90 kDa [39, 40,
68].

All fungal and yeast tannases are glycoprotein with a vari-
able content of carbohydrate ranging from 5.4 to 64% [12,
21, 37, 58, 59, 67, 70, 71]. On the contrary, bacterial tannases
seems not to present such posttranslational modifications
[40, 68]. Tannase glycosylations consist primarily of neutral
sugars like mannose, galactose, and hexosamines [24].

The biological function of this high carbohydrate content
is unknown but may be related to ability to tolerate the
denaturing action of tannin [52]. The carbohydrate coating
probably protects the polypeptide backbone, which would
then be less accessible to tannin molecules. Consequently,
binding of tannin by glycoprotein probably occurs with
the carbohydrate rather than with the protein, perhaps

creating a weaker and more readily reversible complex. This
hypothesis is supported by the observation that tannase and
other tannin-resistant proteins are glycoprotein with a high
content of carbohydrate [72].

The above variation in the tannase structure can be
attributed to the presence of various isoforms of the enzyme,
or it may be also due to the presence of signal sequences
which are required to transport the enzyme molecule from
the cytosolic part of cell to the outside [4, 39].

Despite the structural differences between the tannases
known, there are some physicochemical properties that
remain more or less similar, as shown in Table 2. Most of
tannases have been reported to have optimal temperature
of activity between 30 and 40◦C [3]. However, there are
some information on the characterization of psychrophilic or
thermophilic tannases; for example, Ramı́rez-Coronel et al.
[42] and Battestin et al. [35] reported the production of
thermo-stable tannases by Aspergillus niger and Paecilomyces
variotii in SSF; these enzymes have their optimal activity
at 70◦C. On the other hand, Kasieczka-Burnecka et al.
[12] purified and characterized two psychrophilic tannases
from an Antarctic strain of Verticillium sp., with an optimal
temperature of 20 and 25◦C, respectively.

In the case of optimum pH, most of the studied tannases
showed their maximum activity at acid pH values (4.3–6.5),
with isoelectric point ranged from 4.3 to 5.1 in most of the
cases and are found to be stable in a wide range of pHs (2.0–
8.0) [24, 59, 73, 77–79]. Recently, it has been reported that
several tannases are highly active in extreme conditions of
pH. Beena et al. [37] characterized an acidophilic tannase
with optimal activity at pH 2.0; also the enzyme retained
around 80% of its maximal activity at pH 1.0. On the other
hand, the tannase of Lactobacillus plantarum ATCC 14917
has an optimal pH of 8.0 and retains about 88% its maximal
activity at pH 9.0 [40].

It has been reported that the KM value of tannase for
different fungi with tannic acid was different. The KM values
were 0.28, 0.95, 1.05, 0.048, and 0.00061 for tannase of A.
niger, Cryphonectria parasitica, Verticillium sp., Penicillium
chrysogenum, and Paecilomyces variotii, respectively [12, 79–
81].

3.4. Tannase Gene. Hatamoto et al. [43] first reported the
complete sequence of a tannase gene. They found the absence
of introns in Aspergillus oryzae tannase gene and that it coded
for a sequence of 588 aminoacids with a molecular weight
of about 64000 kDa. Analysis of native protein indicated that
the tannase gene product is translated as a single polypeptide
that is cleaved by posttranslational modification into two
tannase subunits linked by a disulfide bond. They concluded
that mature protein consisted of four pairs of the two
subunits, forming a hetero-octamer with a molecular weight
of about 300 000. Since then, the tannase gene of a number
of organisms has been identified by structural homology, but
only a few have been confirmed at protein level.

Recently, León-Galván and coworkers [38] cloned and
sequenced the complete cDNA of a tannase gene from As-
pergillus niger. The open reading frame (ORF) was found to
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Figure 1: Tannic acid hydrolysis pathway as proposed by Iibuchi et al. [60].

be of 1833 bp. The 5′ untranslated (UTR) region consisted of
1822 bp and a 3′ UTR of 1015 bp; both regions are substan-
tially larger than the previously reported for the tannase gene
of A. oryzae. Homology analysis of tannase ORF displayed a
75% identity with A. oryzae. Beena et al. [37] isolated and
sequenced the tannase gene from a marine A. awamori strain
and found an ORF of 1,122 bp. Homology studies revealed a
higher similarity of the A. awamori gene with A. niger gene
(82% identity) than with the A. oryzae gene (77%). Böer
et al. [21] identified the tannase-encoding gene from the
dimorphic yeast Arxula adeninivorans. The gene has an ORF
of 1764 bp and encodes a 587-amino acid protein, preceded
by an N-terminal secretion sequence comprising 28 residues.
The deduced amino acid sequence was similar to those of
tannases from A. oryzae (50% identity) and A. niger (48%).

On the other hand, Noguchi et al. [36] first reported
a tannase gene from bacteria. They cloned and sequenced
a novel gene (tanA) from Staphylococcus lugdunensis that

encodes a polypeptide of 613 amino acids with tannase
activity. The tanA gene was found to be specific for S. lugd-
unensis and has no significant similarity with genes of fun-
gal tannases [82]. Later, Iwamoto and coworkers cloned
and sequenced the tannase gene from Lactobacillus plan-
tarum (tanLpl). The tanLpl gene was almost identical to a
nucleotide sequence of L. plantarum WCFS1 designated as
lp2956 (99.6% identity), encoding a hypothetical protein
but with a single base substitution at four positions and
was similar (46.7%) to tanA from S. lugdunensis [40]. More
recently, Sharma and John [39] reported the characterization
of the tannase gene from Enterobacter sp. Multiple alignment
showed that Enterobacter sp. Tannase is not very much simi-
lar to tannase of S. lugdunensis and L. plantarum, since only
10% and 13% amino acid residues of Enterobacter sp. tannase
are similar to those of S. lugdunensis and L. plantarum tan-
nases, respectively. Additionally, bacterial tannase genes are
not closely related to fungal tannases, as shown in Figure 4.
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O
O

O

O
O

O

HO

HO
O

O

OH

OH
HO

O

OH
HO

OH

O

HO

HO

HO

OH

OH
HO

O

O

O
O

O

OH

OH

OH

HO

HO

HO O

O
O

O

OH
O

O

HO

HO
O

O

OH

OH
HO

O

HO

HO

HO

OH

OH
HO

O

O

O
O

O

OH

O
H

OH

HO

HO

HO O

O
O
HO

OH

OH

O

HO

HO
O

O
HO

HO

HO

O

O
O

O

OH

OH

OH

HO

HO

HO O
+

+
+

Rosacyanin A1

Tannase Tannase

Rosacyanin A2Degalloyalted rosacyanin

Figure 3: Selective hydrolysis of galloyl moieties of ellagitannins catalyzed by tannase.

4. Applications of Tannin Acyl Hydrolase

Tannase has several interesting applications in food, feed,
chemical, and pharmaceutical industries. At the moment,
the principal uses of tannase are in the elaboration of
instantaneous tea and the production of gallic acid ester
by depolymerization of tannin-rich materials [52]. But, due
its hydrolytic and synthetic properties, tannase has several
other potential applications. Several patents on these uses of
tannases are showed in Table 3.

4.1. Instantaneous Tea Elaboration. After water, tea is the sec-
ond most highly consumed beverage worldwide [83]. It is
an infusion obtained from leaves of Camellia sinensis and is
consumed by two-thirds of the world’s population [84]. Tea
drinking is associated with the reduction of serum choles-
terol, prevention of low-density lipoprotein oxidation, and
decreased risk of cardiovascular disease and cancer [85].

During the production of tea beverages, hot and clear
tea infusions tends to form turbid precipitates after cooling.
These precipitates, called tea cream, are formed by a complex
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Table 1: Structural properties of some characterized tannases.

Microorganism Culture system MW (kDa) Subunits Glycosylation (%) Reference

Arxula adeninivorans SmF 320 4 × 80 31.2 [21]

Aspergillus awamori SmF 230 6 × 37.8 8.0 [37]

Aspergillus niger SSF 225 50 + 75 + 100 n.d. [31]

Aspergillus oryzae SmF 310 4 × (30 + 33) 22.7 [43]

Candida sp. SmF 250 2 × 120 64 [67]

Enterobacter sp. SmF 90 1 × 90 0 [39]

Lactobacillus plantarum SmF 50 1 × 50 0 [40]

Quercus robur
Plant 150 2 × 75 n.d. [56]

leaves 300 4 × 75

Selenomonas ruminantium SmF 59 1 × 59 0 [68]

n.d.: Not determined.

Table 2: Physicochemical properties of some characterized tannases.

Microorganism Substrate
Temperature

optimum
(◦C)

Stability
temperature

(◦C)
pH optimum Stability pH pI KM (mM)

VMax

(μmol/min·mg)
Reference

Arxula
adeninivorans

Methyl
gallate

40 ≤50 6.0 5.0–7.0 n.d. 4.4 n.d. [21]

Aspergillus
awamori

Methyl
gallate

30 ≤30 2.0, 8.0 2.0 4.4 1.9 830 [37]

Aspergillus flavus Tannic acid 50–60 ≤60 5–5.5 5.0–5.5 n.d. 0.05 n.d. [71, 73]

Aspergillus niger
Methyl
gallate

30 ≤60 5.0–6.5 4.5–6.5 n.d. 0.6 5 [74]

Aspergillus niger
Aa20

Tannic acid 60–70 ≤90 6.0 3.5–7.0 3.8 n.d. n.d. [42]

Aspergillus niger
ATCC 16620

Methyl
gallate

30–40 ≤65 6.0 4.0–8.0 n.d. 103 4.25 [75]

Aspergillus niger
GH1

Methyl
gallate

60 ≤50 6.0 4.0–6.0 3.5 0.041 11.03 [31]

Aspergillus niger
LCF8

Tannic acid 35 ≤45 6.0 3.5–8.0 4.3 n.d. n.d. [59]

Aspergillus niger
van Tieghem

Methyl
gallate

60 ≤60 6 4.5–7.5 n.d. 0.2 5 [76]

Aspergillus oryzae Tannic acid 40 ≤45 5.5 4.5–6.0 n.d. 7.35 83 [77]

Candida sp. Tannic acid 50 ≤70 6.0 3.5–7.5 n.d. n.d. n.d. [78]

Lactobacillus
plantarum

Methyl
gallate

40 ≤45 8.0 7.5–9.0 n.d. 0.62 n.d. [40]

Paecilomyces
variotii

Tannic acid 55 ≤55 5.5 4.5–6.5 n.d. 6.1 × 10−4 5.6 [34]

Penicillium variable Tannic acid 50 ≤80 5.0 3.0–8.0 n.d. 32 1.11 [32]

Verticillium sp.
(TAH 1)

Tannic acid 25 ≤30 5.5 4.5–6.0 5.8 1.05 n.d. [12]

Verticillium sp.
(TAH 2)

Tannic acid 20 ≤30 5.5 5.0–7.5 6.2 1.05 n.d. [12]

n.d.: Not determined.

mixture of polyphenols. Tea cream formation is a quality
problem and may have antinutritional effects [86]. Tannase
can hydrolyze the ester bonds of catechins to release free gal-
lic acid and water-soluble compounds with lower molecular
weight, reducing turbidity and increasing solubility of tea
beverage in cold water. Thus, tannase has been widely used
to hydrolyze tea cream in the processing of tea [87].

Enzymatic treatment of tea beverage leads to a better
color appearance, less cream formation, better taste, mouth
feeling, and overall acceptance [86]. Also, the hydrolysis
of the main tea phenols epigallocatechin gallate and ep-
icatechin gallate to epigallocatechin and epicatechin, re-
spectively, increases the antioxidant activity of tea beverage
[88].
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Lactobacillus plantarum
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Aspergillus oryzae

Aspergillus niger

Aspergillus awamori

Arxula adeninivorans
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Figure 4: Phylogenetic tree showing the relationship between the
reported sequences of the tannase-encoding gene.

4.2. Beverage Clarification. New fruit juices (pomegranate,
cranberry, raspberry, etc.) have recently been acclaimed for
their health benefits, in particular, for their antioxidant
properties. However, the presence of high tannin content in
those fruits is responsible for haze and sediment formation,
as well as for color, bitterness, and astringency of the juice
upon storage. Enzymatic treatment with tannase may be
used to improve the quality of these juices [3].

Rout and Banerjee [89] reported the use of tannase
for pomegranate juice debittering. Enzymatic treatment
resulted in 25% degradation of tannin, while a combination
of tannase and gelatin (1 : 1) resulted in 49% of tannin
degradation. This treatment has no negative impact on
the biochemical and quality attributes of the fruit juice.
Hydrolysis by immobilized tannase removed up to 73.6%
of the tannin present in Indian gooseberry (Phyllanthus
emblica) juice. This enzymatic treatment reduced the content
of tannin but increased the gallic acid concentration with a
minimum reduction in vitamin C (only 2%) [90, 91].

Tannase is used as clarifying agent in refreshing drinks
with coffee flavor [50], and, recently, a process for the en-
hancement of the antioxidant properties of coffee by tannase
and other enzymes has been patented [92].

Tannase has also been utilized in grape musts and barley
worts as a prefermentative treatment, coupled with conven-
tional fining for stabilizing wine and beer [93]. Tannase is
employed for the elaboration of acorn wine. Its use in this
process favors the production of a better beverage with an
alcoholic content of 10%, reducing sugars content of 7%
and a pH of 4.0. In this process, tannase produced by an
Aspergillus strain helps improving the flavor of the beverage
[4].

4.3. Gallic Acid Production. Gallic acid (3,4,5-trihydroxy-
benzoic acid) is a phenolic compound and the monomeric

unit of the gallotannins and complex tannins. Gallic acid
and related compounds possess many potential therapeutic
properties including anticancer and antimicrobial properties
[94]. Its major application area is in the manufacture of
the antibacterial agent trimethoprim. It is also used in
leather industry, in manufacturing gallic acid esters, such as
propyl gallate, a potent antioxidant utilized as antioxidant
in fats and oils, in the manufacture of pyrogallol and as a
photosensitive resin in semiconductor production [10].

Conventionally, gallic acid is produced by acid hydrol-
ysis of tannins, but this process releases a large amount
of toxic effluent that causes environmental hazards [95].
Thus, biotechnological production of gallic acid by tannin
fermentation or enzymatic hydrolysis should be preferred.
However, these biological methods should be optimized to
offer highly productive bioprocesses [96].

Several fungi, bacteria, and yeasts have been used to pro-
duce gallic acid from tannin-rich materials with the simulta-
neous production of tannase. Microbial production of gallic
acid from tara (Caesalpinia spinosa) [97], sumac (Rhus cori-
aria) [98], myrobalan (Terminalia chebula) [99], teri pods
(Caesalpinia digyna) [100], creosote bush (Larrea triden-
tata), and tar bush (Flourensia cernua) [101], among others,
has been published. The main difficulty in the development
of a successful bioconversion process is the sensitivity of the
microorganisms to tannin and the oxidation of the unused
tannin [102]. Additionally, gallic acid, released from tannin,
can be easily assimilated by microorganisms. However, sev-
eral strategies such as coculture, strain improvement and
optimization of culture conditions have led to the develop-
ment of fermentation processes with yields higher than 90%
of theoretical value [13, 99, 103].

On the other hand, there are only a few papers on the
enzymatic production of gallic acid. Battestin and coworkers
[104] described the simultaneous production of gallic acid
and EGC from an extract of green tea by free Paecilomyces
variotii tannase. More recently, Curiel et al. [27] reported
a process for the enzymatic production of gallic acid. They
immobilized a recombinant tannase from L. plantarum
expressed in Escherichia coli then utilized the immobilized
enzyme for the hydrolysis of commercial tannic acid. At
least 95% of tannic acid was transformed into gallic acid,
obtaining an almost pure compound.

4.4. Synthesis of Gallic Acid Esters. Tannase, is an enzyme
characterized for catalyzing the hydrolysis of gallic acid es-
ters. But, under appropriate conditions, this enzyme can
synthesize esters of gallic acid. Toth and Hensler discovered
the ability of soluble tannase to produce gallic acid esters.
Weetall [105] reported the enzymatic synthesis of a variety
of gallic acid esters. He applied an immobilized tannase
from Aspergillus niger to a solution of gallic acid in different
alcohols (C1–C12) and diols (C3–C6). Tannase was capable of
catalyze the synthesis of esters and diesters of gallic acid, and
maximum esterification efficiency was found with alcohol
an diol with 4-5 carbon chain. Raab et al. [106] utilized
an A. oryzae tannase immobilized in Eupergit C for the
galloylation of catechins in room temperature ionic liquids
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Table 3: Selected patents on tannase application published during the last 10 years.

Year Assignee Title Patent no.

2001 Quest International Nederland Process for the production of beer having improved flavour stability. EP 1122303

2002 Unicafe Inc.
Tea extracts stabilized for long-term preservation and method of producing
same.

USP 6,365,219

2002
Purdue Research Foundation
Pharmanex, Inc.

Tea catechin formulations and processes for making same. USP 6,428,818

2004 University of South Florida Vasodilating compound and method of use. USP 6,706,756

2004 Purdue Research Foundation
Compositions based on vanilloid-catechin synergies for prevention and
treatment of cancer.

USP 6,759,064

2004
Lipton, division of Conopco,
Inc.

Cold brew tea. USP 6,780,454

2004 Kyowa Hakko Kogyo Co., Ltd. Process for purification of proanthocyanidin oligomer. USP 6,800,433

2004
Lipton, division of Conopco,
Inc.

Cold water infusing leaf tea. USP 6,833,144

2006 Nestec S A Soluble coffee product. EP 1726213

2006 Eisai Co., Ltd. Diagnostic agent and test method for colon cancer using tannase as index. USP 7,090,997

2006 Unilever Bestfoods Black tea manufacture. USP 7,108,877

2007 Eisai R&D Man Co. Ltd. Novel tannase gene and protein thereof. EP 1837400

2008 Probelte Pharma S A Process for preparing pomegranate extracts. EP 1967079

2008 Novozymes, Inc. Methods for degrading lignocellulosic materials. USP 7,354,743

2008
The Procter & Gamble
Company

Foam-generating kit containing a foam-generating dispenser and
a composition containing a high level of surfactant.

USP 7,402,554

2008 Novozymes, Inc. Methods for degrading or converting plant cell wall polysaccharides. USP 7,413,882

2009 Kirin Brewery Method of enzymatically treating green tea leaves. EP 2036440

2009 Kao Corp. Beverage packed in foam container. EP 2036446

2009 Kao Corp. Green tea drink packed in container. EP 2098121

2009 Colgate-Palmolive Co. Antiplaque oral composition containing enzymes and cyclodextrins. USP 7,601,338

2009 Novozymes, Inc. Methods for enhancing the degradation or conversion of cellulosic material. USP 7,608,689

2010 Kao Corp. Process for producing purified tea extract. EP 2225952

2010 University of California
Method for lowering blood pressure in prehypertensive individuals and/or
individuals with metabolic syndrome.

USP 7,651,707

2010 J.M. Huber Corporation High-cleaning silica materials and dentifrice containing such ones. USP 7,670,593

2010 Novozymes, Inc.
Polypeptides having cellulolytic enhancing activity and nucleic acids encod-
ing the same.

USP 7,741,466

2010 Constellation Brands, Inc. Grape extract, dietary supplement thereof, and processes therefore. USP 7,767,235

2011 Taiyo Kagaku Co., Ltd Composition for inhibiting thrombosis. USP 7,914,830

2011 Danisco US Inc. Polyol oxidases. USP 7,919,295

(RTIL). RTIL are generally composed of organic cations
and inorganic anions and are characterized by not being
crystallized at room temperature. The biocatalyzed reactions
in ionic liquids have higher selectivity, faster rates, and
increased enzyme’s thermal stability.

Mycelium-bound tannase from Aspergillus niger has been
employed to catalyze the synthesis of propyl gallate in organic
solvents. After evaluating the reaction parameters, a maxi-
mum molar conversion of 65% was achieved. These results
were more promising than those of immobilized pure tan-
nase (49.4% yield) or microencapsulated mycelium-bound
tannase (36.2% yield) previously reported by the same
research group [107, 108]. Since under optimum fermenta-
tion conditions tannase is strongly bound to the mycelium

[109], the use of whole cells as biocatalyst could offer several
technical and economical advantages such as the avoidance
of costly and time-consuming purifications [108].

Another interesting approach is the direct synthesis of
propyl gallate by direct transesterification of tannic acid.
Sharma and Gupta [110] immobilized an Aspergillus niger
tannase on Celite and applied it to a solution of commer-
cial tannic acid in n-propanol. After optimizing the pro-
cess parameters, they obtained a reasonable product yield of
about 86%.

4.5. Elucidation of Polyphenolic Compounds Structure. Tan-
nase has been widely utilized in research and fine chemistry
for the elucidation of polyphenolic compounds structure.
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For example, Armitage et al. [111] studied the structure of
Chinese, Turkish, Sumac, and Tara tannins. They found,
after hydrolysis by tannase, that such tannins have a core of
glucose and suggested that contains 8-9 galloyl moieties per
tannin molecule.

More recently, ellagitannins and complex tannins have
attracted the attention of many researchers because of their
diverse biological activities and their potential as therapeu-
tic agents. Since tannase selectively hydrolyzes the galloyl
residues present in these tannins, it has played an important
role in the elucidation of complex polyphenolic compounds.
Tanaka et al. [112] reexaminated the structure of cercidinin
A, an ellagitannin isolated from the bark of Cercidiphyllum
japonicum. They utilized a commercial tannase for selectively
hydrolyzing the galloyl groups of molecule and deduced
the location of the esters on the glucopyranose by two-
dimensional NMR spectral analysis. Ivanov and coworkers
[113] isolated two catechins from an aqueous ethanol
extract of Bergenia crassifolia rhizomes [(+)-catechin 3,5-di-
O-gallate and (+)-catechin 3-O-gallate]. These compounds
strongly inhibited human pancreatic lipase and exhibited a
remarkable free radical-scavenging ability. The structure of
these molecules was elucidated using MS NMR before and
after degalloylation by tannase.

4.6. Animal Feed Preparation. It is well known that high lev-
els of dietary tannins have negative effects on animal nutri-
tion; these effects are related to their capacity to bind macro-
molecules. Tannins form strong complex with enzymes,
minerals, and other nutrients. They are also responsible of a
bitter taste, which considerably reduces the feed intake [50].

Tannins are ubiquitous in nature and are widely found in
feedstuffs, forages, fodders, and agroindustrial wastes, affect-
ing livestock production [114]. Antinutritional effect of tan-
nin could be reduced by a treatment with tannase or tannase-
producing microorganism. For example, there are some
cultivars of sorghum with high content of tannins. Tannin
content could be decreased by an enzymatic treatment, and
this material could be used as complement in animal diet [4].

Nuero and Reyes [115] reported the production of an
enzymatic extract containing tannase from mycelial wastes of
penicillin manufacture. This preparation was applied to sev-
eral flours used as animal feed (barley, bran, maize, oat, rye,
soya, and wheat flour). The enzymatic extract from mycelia
waste released similar amounts of reducing sugars from all
flours when compared with a commercial enzymatic additive
used in animal feeding. These observations indicated that
tannase-containing preparation has a high potential as sup-
plements for animal feeding.

4.7. Nutritional Improvement of Legume Flours. Legumes are
of major nutritional importance, especially in developing
countries. Seed legumes have high protein contents, and this
protein is of good biological value. However, they also have
several antinutritional factors, affecting the digestibility of
nutrients [116]. Different thermal and biological processes
have been used to reduce the antinutritional factors content,
increasing their nutritional value. The flours obtained from

the processed legumes can be used as ingredients in food
preparations.

Several researchers have proposed the use of tannase
alone or in combination with other enzymes for the degra-
dation of some antinutritional factors (tannins) present in
legume flours. Dueñas et al. [117] studied the effect of the
addition of tannase and other enzymes to a lentils (Lens
culinaris) flour. They found the production of several phe-
nolic compounds (gallic acid, gallic aldehyde, protocatechuic
acid, and quercetin 3-O-rutinoside, among others) after the
treatment with tannase, the decrease of other phenolics such
as catechin, epicatechin, and catechin 3-O-glucose, and sig-
nificant increment on the antioxidant activity. However, fur-
ther investigations, from the same research group, demon-
strated that these biochemical changes cannot be completely
attributed to the action of tannase. But during enzymatic
hydrolysis with tannase, endogenous enzymes were activated.
These enzymes can bring out synergic and/or antagonist
effects depending on the structure of phenolic compound
[118].

On the other hand, the application of tannase on pea
(Pisum sativum) led to a decrease on all the phenolic com-
pounds studied and a reduction of the antioxidant capacity
[119]. But, in a different experiment, the hydrolysis of pea
flour by tannase led to a significant improvement in daily
weight gain of rats. This increment was associated with a
higher dietary intake of food and total available sugars [120].

4.8. Bioremediation of Tannin-Contaminated Wastewaters.
Tannins occur commonly in the effluents derived from sev-
eral agroindustries. The treatment of this kind of wastewaters
is usually difficult because tannins are highly soluble and
inhibit the growth of many microorganisms [121]. Tannase
can be potentially used for the degradation of tannins in
those effluents [50].

Several authors have reported the biodegradation of tan-
nin-containing wastewaters using model systems. Kachouri
and coworkers [122] studied the biodegradation and
decolourisation of olive-mill wastewater by Aspergillus flavus.
The microorganism removed 58% of color and 46% of
the chemical demand of oxygen of the wastewater after
6 days of cultivation. Authors associated this degradation
with deconcomitant production of tannase, since no lignin
peroxidase nor manganese peroxidase were detected, and
laccase activity was much lower than tannase activity.

More recently, Murugan and Al-Sohaibani [123] re-
ported the use of immobilized tannase from Aspergillus
candidus for the removal of tannin and the associated color
from a tannery effluent. Enzymatic treatment removed about
42% of the tannin content and 20% of the color of tannery
wastewater. These findings suggest than tannase or tannase-
producing microorganism could be utilized for a pretreat-
ment of tannin-rich wastewaters. However, more research is
needed to implement this biological treatment at large scale.

4.9. Other Potential Applications of Tannase. Fuel ethanol
production from agroindustrial wastes has gained much at-
tention in recent years. When these feed stocks are pretreated
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for delignification, simple or oligomeric phenolics and de-
rivatives are generated from lignin. These compounds can
inhibit the hydrolysis catalyzed by cellulases. Tannase could
be utilized for degradation of these oligomeric phenolics and,
by doing so, mitigate the inhibition on cellulolysis [124].

Tannase gene and tannase activity could be utilized for
the identification of Staphylococcus lugdunensis in humans
and as an indicator of colon cancer [36]. Tannase has been
utilized for the production of molecules with therapeutic
applications, such as some esters derived from prunioside
A with anti-inflammatory activity [125]. Other potential
applications of tannase are found in the manufacture of laun-
dry detergents as an additive, in cosmetology to eliminate
the turbidity of plant extracts, and in the leather industry
to homogenize tannin preparation for high-grade leather
tannins [52, 126].

5. Upstream Processing of Tannin
Acyl Hydrolase

Despite the many applications of tannase, industrial-scale
production is very limited, mainly because of its high pro-
duction cost. At our knowledge, only a few companies pro-
duce and sell tannase [50], and the cost of this enzyme is
often much more expensive that other industrial-grade en-
zymes, even from the same supplier.

Therefore, many efforts have been made to improve the
productions systems. These works include the screening for
new tannase-producing microorganisms, the application of
novel fermentation systems, the optimization of culture con-
ditions, and the production of the enzyme by recombinant
microorganism, among other strategies.

5.1. Tannase Sources. Tannase can be obtained from tannin-
rich plants and animal tissues, but, for its industrial pro-
duction, microbial sources are preferred. Enzymes produced
by microorganisms are usually more stable than their coun-
terparts of plant or animal. In addition, the fermentation
process can produce large amounts of enzymes in a constant
and can be controlled more easily [52].

It is well known that tannins inhibit the growth of many
microorganisms, but there are species that have developed
mechanisms to degrade and use them as sole carbon source.
These mechanisms include the production of tannase and
other related enzymes [127]. It was previously stated that
only a few microorganisms are able to produce tannase.
However, it has been identified that more than 70 species
produce this enzyme, and the number keeps growing as
a result of the continuing search for new sources of this
enzyme [128]. Tannase is mostly produced by fungi from the
Aspergillus and Penicillium genus and lactic acid bacteria.

Several research groups have recently carried out a search
for new sources of tannase. These researches are made for
finding out microorganisms able to produce higher enzy-
matic titers or enzymes with desirable properties, such as
more stability at a broad range of temperature and pH.

The most common strategy is to isolate microorganisms
from tannin-rich environments and investigate their ability

to produce tannase. For example, Murugan et al. [129] iso-
lated 10 morphological different fungal strains from a tan-
nery effluent in India. They isolated the microorganism by
serial dilution in PDA slants and investigated for tannase
production by a simple plate assay. Selected microorganisms
were tested for tannase production under SmF in a stirred
tank bioreactor. Pepi and coworkers isolated 3 bacterial
strains capable of degrading tannic acid from olive mill waste
mixtures. The isolated bacteria, belonging to the Pantoea and
Serratia genus, were able to grow in SmF with tannic acid
as sole carbon source and completely degraded a 1% tannin
solution within 24 h [9].

Other common approach is to investigate the tannase
presence in microorganisms obtained from culture collec-
tions. Pinto and coworkers investigated the tannase activity
of 17 wild type and 13 mutant strains of Aspergillus niger
from a local culture collection in Brazil (EMBRAPA/Food
Technology stock collection). They selected the potential
tannase producers by their ability to grow in agar plates with
tannic acid as sole carbon source. Then the selected microor-
ganisms were utilized for tannase-production under SSF
[130]. A similar strategy was developed by the group of Bat-
testin and Macedo [81]. They screened the tannase pro-
ducing potential of five hundred fungal cultures from the
Food Science Department, UNICAMP Culture Collection
(Brazil) and identified the best tannase-producing fungus as
Paecilomyces variotii.

On the other hand, a few researches have isolated micro-
organism from extreme environments to find extremophile
tannases with particular characteristics desired. For example,
Cruz-Hernández and coworkers [5] isolated and character-
ized eleven fungal strains from soil and tannin-rich plants of
the Mexican semidesert. These xerophilic fungi were able to
produce tannase and degrade high tannin amounts in low-
humidity conditions. Kasieczka-Burnecka et al. [12] isolated
an Antarctic filamentous fungus from the soil of the King
George Island (South Shetlands). This strain (identified as
Verticillium sp.) produced two psychrophilic tannases with
an optimal temperature of 20 and 25◦C, respectively.

5.2. Production System. Traditionally, industrial production
of tannase was carried out exclusively in SmF systems.
However, in the recent years a number of investigations have
shown the benefits of SSF for production of this and other
enzymes. These advantages are higher degrees of activity,
increased productivity, extracellular nature of the enzyme,
and increased stability to pH and temperature changes. In
addition, the SSF allows the construction of more compact
reactors with less energy requirements and causing less dam-
age to the environment [52, 131].

Cruz-Hernández et al. [132] evaluated the effect of cul-
ture system on the production of tannase by an Aspergillus
niger strain. They found that enzyme production was about
four times higher in SSF compared with SmF. These results
are similar to those previously obtained by Aguilar et al.
[28, 29] with another strain of A. niger. They obtained an
activity and productivity at least 2.5 times higher in SSF
and associated the low productivity of the SmF to a possible
degradation of the enzyme that is not present in SSF.
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Lekha and Lonsane [133] compared the production of
tannase in SSF, SmF, and Liquid Surface Fermentation (LSF)
by Aspergillus niger PKL104 and found that the enzyme
production in SSF was about 2.5 and 4.8 times higher than
that obtained by SmF and LSF, respectively. In addition, the
activity peak reached in SSF was obtained in about half the
time required by the other two systems. Results obtained by
Rana and Bhat [74] with another A. niger strain also showed
that the SSF system is better for tannase production; in that
case, the maximum yield achieved in SSF was 1.6 times
higher than that obtained by SmF; also tannase produced by
SSF was more stable at a wide range of temperatures and pHs.

SSF traditionally involves the microbial growth on a
moistened natural solid substrate in the absence of free-
flowing water. But, in the last years, a second type of SSF
system is gaining acceptation. This second system involves
the utilization of an inert solid support impregnated with a
defined culture media [134]. This culture system facilitates
the quantification of biomass, substrate, and products during
fermentation and is particularly useful in basic studies on
SSF.

Among the natural supports that have been used for the
production of tannase are sugarcane bagasse [135], wheat
bran [75], tamarind seed powder [136], palm kernel cake
[136], cashew apple bagasse (Anacardium occidentale), fruits
of Terminalia chebula [99], pod cover of Caesalpinia digyna
[99], ber leaves (Ziziphus mauritiana) [137], jamun leaves
(Syzygium cumini) [137], amla leaves (Phyllanthus emblica)
[137], jawar leaves (Sorghum vulgaris) [137], and Creosote
bush leaves (Larrea tridentata) [138]. The most commonly
used inert support for the production of tannase is the
polyurethane foam [28, 29].

There are several papers on the production of tannase in
innovative systems. For example, Kar et al. [100] reported
the simultaneous production of tannase and gallic acid
by Rhizopus oryzae in a modified solid-state fermentation
system (mSSF). The mSSF was carried out in a Growtek
bioreactor and showed several advantages over traditional
SSF, including increased production of tannase (1.7 times)
and a gallic acid yield almost three times higher. Van de
Lagemaat and Pyle [14, 139] developed a prototype of con-
tinuous solid-state fermentation (cSSF) for fungal tannase
production; the bioreactor achieved a good mix that allowed
their operation with a sterile food; however, the rotation
resulted in reduced growth and sporulation.

Another interesting approach is the production of tan-
nase by immobilized cells. The immobilization of cells offers
many advantages over the utilization of free cells, such as
immobilized cell particles are more easily to handle and can
be packed in fermenter system for industrial processes; the
support materials provide a stabilizing effect on the cellular
activities; the enzymes secreted are largely free of cells and
cell debris which facilitates downstream processing [140].
Das Mohapatra and coworkers immobilized active cells of
Bacillus licheniformis in Ca alginate beads and used them
for tannase production under semicontinuous fermentation.
Tannase production by immobilized cells was about 1.70-
fold higher than that obtained by free cells in the same
incubation period. The immobilized cells were reutilized

over 13 repeated cycles and reached a maximum level at the
third cycle [141]. More recently, Darah et al. [140] reported
the immobilization of Aspergillus niger cells by entrapment
in scouring mesh cubes. The immobilization of cells led to
a 41.6% increment in tannase production and allowed the
reutilization of the cells.

5.3. Optimization of Culture Parameters. The tannase pro-
duction remains a challenge for biotechnologists, due to its
high processing cost. In the previous sections, it was men-
tioned that different research groups have devoted consider-
able efforts in finding new sources of tannase and designing
better production systems. However, the conditions for
obtaining the maximal production of the enzyme depend on
two factors: the system utilized and the source of the enzyme.
Thus, recently there have been published a number of papers
dealing with the optimization of solid-state fermentation
systems for the production of tannase [16–18, 142–145]. In
most of those cases, optimization was carried out by chang-
ing one independent variable at a time while fixing all the
others at a certain level. This method is very time consuming
and requires a large number of experiments to determine
the optimum levels. Also, this approach does not include the
interactive effects among the variables and is, therefore, unre-
liable. Thus, an statistical optimization is preferred [146].

Raaman et al. optimized the extracellular tannase pro-
duction by Paecilomyces variotii in SSF changing one factor
at time and obtained an increase of 1.23-fold in enzyme pro-
duction. Das Mohapatra and coworkers reported the opti-
mization of tannase production by Bacillus licheniformis in
SmF using Taguchi’s methodology. They reached a 2.18-fold
increment in tannase [19].

Sharma and coworkers [147] optimized tannase produc-
tion by Aspergillus niger using response surface methodology
and obtained 2.01-fold improvement on enzyme production.
Naidu et al. [148] optimized the tannase production by
Aspergillus foetidus in SmF utilizing subsequently two statis-
tical methods: first, a Plackett-Burman design was employed
for find out the key factors for tannase production, then these
factors were optimized by response surface methodology
using a central composite design. With this strategy, they
obtained a twofold increase in tannase activity in comparison
to the medium optimized by the conventional one factor at a
time method. In addition, the number of nutrients for the
production of tannase was reduced from ten to four after
optimization.

5.4. Recombinant Tannases. Because of the many technical
difficulties involved in production of tannase using tradi-
tional technologies; in recent years, there has been a great
interest for the production of this enzyme by recombinant
microorganisms. In 1996, Hatamoto et al. cloned and
sequenced for the first time the gene encoding tannase from
Aspergillus oryzae. This gene was further expressed in a
tannase low-producing A. oryzae strain. Tannase production
in transformants was at least threefold higher than that in
the wild strain. Southern blotting confirmed that the increase
in the tannase level was due to the presence of additional
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copies of the tannase gene in the genome of the trans-
formants [43]. Based on these results, Albertse sequenced
the tannase gene from four tannase-producing Aspergillus
species. He cloned and inserted the tannase gene from A.
oryzae in Saccharomyces cerevisiae. However, the biological
activity of the recombinant tannase was expressed at very
low level, probably due to differences in posttranslational
modifications in the heterologous system with respect to the
wild microorganism [24].

Zhong and coworkers successfully cloned and sequenced
a tannase gene from Aspergillus oryzae in the methylotrophic
yeast Pichia pastoris. The inserted gene was under the
control of AOX1 promoter and inframe with α-factor signal
sequence. Large amounts of extracellular tannase (7000 U/L)
were obtained with transformed yeast in fedbatch SmF
system, using glycerol as carbon source and methanol as
tannase inducer [23]. Yu and coworkers achieved efficient
intracellular expression of A. oryzae tannase in P. pastoris
under the control of the AOX1 promoter. The recombinant
P. pastoris were used to synthesize propyl gallate in organic
solvent, and the yield of propyl gallate was 53%.

More recently, Böer and coworkers reported the over-
expression of the tannase gene ATAN1 in the auxotrophic
mutant strain Arxula adeninivorans G1212. The ATAN1 gene
was under the control of the strong, constitutive TEF1
promoter, and its product was directed into the secretion
pathway by its own 28-amino acid secretion sequence. The
recombinant A. adeninivorans produced levels of up to
400 U/L when grown in glucose medium in shake flasks.
Whereas the wild type strain LS3 secreted amounts of tan-
nase equivalent to 100 U/L under inducing conditions [21].

On the other hand, Iwamoto et al. [40] identified the tan-
nase-encoding gene from Lactobacillus plantarum. The tan-
nase gene was cloned and hyperexpressed in Escherichia
coli; the recombinant tannase was further purified through
several chromatographic steps and biochemically character-
ized. For improving the purification of the recombinant L.
plantarum tannase, Curiel and coworkers used the vector
pURI3 to express the tannase gene in E. coli. The pURI3
vector was created using the pT7-7 vector as template
and contained an amino-terminal His-tag that allowed the
purification of the recombinant protein directly from the
crude cell extracts in a single-step procedure [20].

Moreover, Yao et al. [149] isolated a novel gene encoding
tannase (tan410) from a cotton field metagenomic library
by functional screening. The tan410 gene was cloned and
expressed in E. coli as an N-terminal His-tag fusion protein
using pET-28a expression system under the control of T7
lac promoter. The recombinant tannase was purified and
characterized, and it was found to have interesting properties
for biotechnological applications.

6. Downstream Processing of Tannase

In the previous section, it was established the need for
improvement of the tannase production processes (upstream
processing). Another important aspect on industrial tannase
manufacture is the downstream processing operations.

Downstream processing of proteins involves all the oper-
ations after the production process that is, recovery, concen-
tration, and purification. The number and the type of these
operations depend on the nature of the raw material and
the necessary purity in the final product. Anyway, during
the downstream processing, it should not lose more of the
product than that absolutely necessary [150].

In the case of tannase, there are a number of papers
describing different protocols for enzyme recovery, concen-
tration, and purification. Most of them are focused in the
purification of tannase for analytical purposes, such as bio-
chemical or molecular characterization. These protocols are
useful for obtaining high-purity protein, but the operations
utilized are slow, expensive, and inefficient for industrial pur-
poses. The degree of purity required for industrial enzymes is
much lower. It is often sufficient that the purity of the enzyme
ensures the stability and the absence of undesirable reactions.
In other cases, it also must be guaranted the product safety.
Thus, it should be designed specific protocols for enzyme
purification for industrial applications. In this section, the
main advances in downstream processing of tannase will be
discussed.

6.1. Recovery. The method for tannase recovery depends
on the production system, the microorganism used, and
the time of extraction. In SSF, tannase is produced mainly
extracellularly and recovery is easily achieved, simply add
two or three volumes of extractant (distilled water or buffer)
mixing and compression, to obtain an enzyme extract. In the
case of the SmF, the location of the enzyme depends on the
microorganism and the incubation time [3].

In SmF, fungi produce intracellular tannase during the
first hours of incubation. At this stage, enzyme recovery im-
plies cell disruption and extraction with an appropriate
agent. Tannase is lately excreted, making its recovery easy.
However, at the moment of maximal production, 75% of the
enzyme remains bound on the mycelium [59]. On the other
hand, most of the bacterial strains produce extracellular
tannase in SmF. However, recently, it has been found an inter-
esting cell-associated tannase from Serratia ficaria produced
in SmF [8].

Cell disruption may be achieved by chemical, enzymatic,
or mechanical procedures. Barthomeuf et al. [109] reported
that the classical physical and chemical methods were unable
to release the tannase attached to the Aspergillus niger
mycelium. No more than 5% of the enzyme was recovered by
grinding mycelium with sand or glass beads or pulverizing
with a homogenizer; osmotic shocks or ultrasonic waves
in various buffers neither were productive. For the efficient
recovery of this mycelium-bound tannase, they proposed
an enzymatic hydrolysis of cell walls using a chitinase from
Streptomyces griseus followed by reverse micellar extraction.
This protocol resulted in a recovery of 43% active enzyme.

On the other hand, Bhardwaj and coworkers found that
tannase extraction from the mycelium of Aspergillus niger
strongly depends on the pH of the extractant agent and
that maximum enzyme recovery is reached at pH 5.5. In
addition, they found that homogenization and detergent
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pretreatments do not have any remarkable effect on the ex-
traction of tannase [151].

6.2. Concentration. Water is considered as a major contam-
inant in enzyme preparations, particularly in those that are
excreted to a fermentation broth. Thus, protein concentra-
tion operations are often the first step in protein purification
protocols.

Traditionally, tannase concentration has been carried out
by precipitation with salts or solvents. These techniques are
simple, rapid, economical, and do not require sophisticated
equipment. But they often lead to low-recovery yield of enzy-
matic activity due to irreversible denaturation of protein. For
example, Battestin and Macedo concentrated a Paecilomyces
variotii tannase by sulfate precipitation; they obtained a 1.9-
fold purification with a recovery yield of 34% [81]. Lekha and
Lonsane [133] precipitated an Aspergillus niger GH1 with
acetone. They obtained a 6.2-fold purification but with a low
recovery yield of 28%.

Another method utilized for downstream processing of
tannase is the concentration with polyethylene glycol. The
enzymatic extract is put into a dialysis membrane bag and
placed on a layer of PEG 6000 [76]. This technique allows a
rapid and efficient concentration and does not require any
specialized equipment. But the method has several compli-
cations, especially for scaling up. Enemuor and Odibo used
a variation of this methodology for tannase concentration.
They assayed the dialysis of an enzymatic extract against 6 M
sucrose and obtained a 23-fold concentration. However, the
recovery yield was extremely low (1.9%) [153].

On the other hand, ultrafiltration has been used to effi-
ciently concentrate tannase. This technique is rapid and leads
to a high-recovery yield. In addition, when using appropriate
membranes, ultrafiltration can be used for simultaneous
concentration and purification of proteins. It has the disad-
vantage of requiring specialized equipment but then can be
used on a large-scale downstream processing. Sharma and
coworkers reported the use of ultrafiltration for the con-
centration of a Paecilomyces variotii tannase. They utilized a
100 kDa MWCO membrane and concentrated 5.4 times the
crude extract. Using this methodology, they achieved a 5.2-
fold purification with a recovery yield of 97% [32].

6.3. Purification. The purification process is one of the less
developed aspects on tannase. Most of the published purifi-
cation protocols consist on multistep procedures able to ob-
tain a highly purified enzyme but with a low-recovery yield.
Table 4 summarizes several protocols utilized for this aim.

Probably the most common strategy used for the purifi-
cation of tannase based on protein concentration followed
by ion exchange and/or gel filtration chromatography [7,
151, 152]. Sharma and coworkers purified to homogeneity
the intracellular tannase from Aspergillus niger MTCC 2425.
They designed a protocol consisting in protein concentration
with polyethylene glycol followed by ionic exchange chro-
matography in a DEAE-cellulose column and gel filtration
using a Sephadex G-150 column. This strategy led to a high-
purity enzyme but with a low-recovery yield (2.7%) [76].

The efficiency of a purification protocol mainly depends
on the number and the type of operations utilized. But this
is not the only important factor; the order of operations can
drastically affect the process performance. Bhardwaj et al.
[151] improved the above-mentioned protocol by changing
the order of chromatographic steps. This strategy helped
to overcome the problem of binding of fungal pigment to
the matrix of DEAE column; since the fungal pigment did
not bind to Sephadex G-150 and was eluted after the pro-
teins, the performance of ionic exchange chromatography
was improved.

Other authors have applied more sophisticated technolo-
gies for tannase purification. Beverini and Metche [58] puri-
fied two isoforms of tannase from a commercial enzyme
powder prepared from culture broth of Aspergillus oryzae.
They subsequently used precipitation with acetone, gel filtra-
tion on Sephadex G-50 and Biogel P-300 columns, and affin-
ity chromatography on Con-A Ultrogel. Ramı́rez-Coronel
and coworkers purified an A. niger tannase by preparative
isoelectric focusing followed by ionic exchange (MonoQ col-
umn) and gelfiltration chromatography (Sephadex G-100)
[42].

Another interesting approach is related to the purifica-
tion of recombinant tannases. Zhong and coworkers report-
ed that the recombinant tannase from Aspergillus oryzae ex-
pressed in Pichia pastoris was easily purified to homogeneity.
They purified the enzyme by ultrafiltration followed by ionic
exchange and obtained 72 mg of pure protein from 1000 mL
of culture broth (50 U/mg) with a recovery yield about
50% [23]. Curiel et al. described a high-yield protocol for
the purification of a recombinant Lactobacillus plantarum
tannase expressed in Escherichia coli. The protein was cloned
containing an affinity hexa-His tag, this allowed to purify
the recombinant tannase directly from the crude extract
using a His-Trap-FF chelating column. By this strategy,
they obtained high amounts of pure recombinant tannase
(17 mg/L) by a one-step affinity procedure [20].

On the other hand, a few authors have developed strate-
gies for downstream processing of tannase based on rapid,
economic, and easily scalable unit operations. Gupta and
coworkers developed a rapid procedure for partial purifica-
tion of extracellular tannase based on the precipitation of
protein with a combination of tannic acid and PEG-6000.
They obtained eightfold purification by a twostep protocol
and a recovery yield about 50% [25]. Naidu et al. Partially
purified an Aspergillus oryzae by a procedure involving
ammonium precipitation and liquid-liquid extraction in
aqueous two-phase systems [26]. This protocol led to a puri-
fication fold of 2.70 and yield of 82.0%. These strategies
are simple and convenient. Therefore, they have potential
application in the processing of tannase for industrial use,
where absolute purity is not necessary, or in the early stages
of a total purification.

7. Concluding Remarks

Tannase is an enzyme with a number of potential applica-
tions in biotechnology. However, many of these applications
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Table 4: Summary of protocols for tannase purification.

Source
Production

system
Extra-/intra-
cellular

Operations
Purification

factor
Recovery yield

(%)
Reference

Aspergillus
awamori

SmF Extracellular
Aluminum oxide treatment,
ultrafiltration (30 and 100 kDa), and gel
filtration (Sephadex G-200).

6.32 0.51 [37]

Aspergillus
flavus

SmF Intracellular

Ammonium sulfate and tannic acid
precipitation, ionic exchange
(DEAE-cellulose), gel filtration
chromatography (Sephadex G-200), and
acetone fractionation.

31 49 [73]

Aspergillus
foetidus

SmF Extracellular
Ammonium sulfate precipitation and
ATPS extraction

2.7 82.5 [26]

Aspergillus
heteromorphus

SmF Extracellular
Ammonium sulfate precipitation and
ionic exchange chromatography
(DEAE-cellulose)

39.7 19.3 [7]

Aspergillus
niger

SmF Intracellular
Ultrafiltration (100 and 200 kDa) and
high-pressure size-exclusion
chromatography (SW 300).

29.1 15.1 [59]

Aspergillus
niger

SmF Intracellular

Concentration with PEG 6000, ionic
exchange (DEAE-Sephadex), and gel
filtration chromatography (Sephadex
G-150).

29 2.7 [76]

Aspergillus
niger

SmF Intracellular
Gel filtration (Sephadex G-150) and ionic
exchange chromatography
(DEAE-Sephadex).

51 20 [151]

Aspergillus
niger

SSF Extracellular
Ultrafiltration (1 kDa), ionic exchange
(DEAE-cellulose), and gel filtration
chromatography (Sephacryl S-300).

46 0.3 [31]

Aspergillus
oryzae

SmF Extracellular
Ionic exchange (DEAE-Sephadex), gel
filtration (Sephadex G100),
ultracentrifugation.

12.8 11.5 [69]

Candida sp. SmF Extracellular

Pervaporation, rivanol precipitation,
ionic exchange (ECTEOLA-cellulose),
ultrafiltration, and gel filtration
chromatography (Sepharose 6B and
Sephadex G200).

613 7.3 [78]

Enterobacter sp. SmF Intracellular

Ammonium sulfate precipitation, ionic
exchange (DEAE-cellulose) and gel
filtration chromatography (Sephadex
G-100).

162 7.1 [39]

Lactobacillus
plantarum in
E. coli

SmF Intracellular

Ammonium sulfate precipitation and
three ionic exchange chromatographic
steps (Q Sepharose, Hydroxyapatite, and
Mono Q columns).

11.2 4.8 [40]

Lactobacillus
plantarum in
E. coli

SmF Intracellular
Affinity chromatography (poorly
activated nickel chelate supports).

15 95 [27]

Paecilomyces
variotii

SmF Extracellular

Activated charcoal treatment,
ammonium sulfate precipitation, ionic
exchange (DEAE-cellulose), and gel
filtration chromatography (Sephadex
G-200).

30.5 17.6 [152]

Paecilomyces
variotii

SSF Extracellular
Ammonium sulfate precipitation and
ionic exchange chromatography
(DEAE-Sepharose).

19.3 3 [34]
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Table 4: Continued.

Source
Production

system
Extra-/intra-
cellular

Operations
Purification

factor
Recovery yield

(%)
Reference

Penicillium
chrysogenum

SmF Intracellular

Ammonium sulfate precipitation, ionic
exchange (DEAE-cellulose), and gel
filtration chromatography (Sephadex
G-200).

24 18.5 [80]

Penicillium
variable

SmF Extracellular
Ultrafiltration (100 kDa) and gel
filtration chromatography (Sephadex
G-200).

135 91 [32]

Verticillium sp.
(TAH 1)

SmF Extracellular
Ammonium sulfate precipitation and
ionic exchange chromatography
(DEAE-cellulose).

7.9 1.6 [12]

Verticillium sp.
(TAH 2)

SmF Extracellular
Ammonium sulfate precipitation and
ionic exchange chromatography
(DEAE-cellulose).

10.5 0.9 [12]

have been missed due to the high cost of the enzyme. In this
regard, in recent years, it has been made significant progress
for improving the upstream and downstream processing of
tannase. Several research groups have developed economic
and ecofriendly processes for the production and purifica-
tion of the enzyme at laboratory level. On the other hand, the
use of modern techniques of molecular biology has allowed
the development of highly efficient processes for production
and recovery of the enzyme, and this appear to be the trend to
continue in the coming years. The results have been positive,
but more research is needed on basic and applied aspects of
tannase, such as regulation of the enzyme, metagenomics,
new expression systems, design of new bioprocesses using
emerging large-scale cultivation technologies, efficient and
cost-effective downstream processing and design of new
applications for the enzyme such as the production of
antioxidants from waste materials or the bioremediation of
tannery effluents.

Acknowledgments

The authors thank the Mexican National Council on Science
and Technology (CONACYT) for funding this study. Luis V.
Rodrı́guez thanks CONACYT for the financial support pro-
vided for their postgraduate studies in the Food Science and
Technology Program, Universidad Autónoma de Coahuila.

References

[1] H. Rodrı́guez, J. A. Curiel, J. M. Landete et al., “Food phe-
nolics and lactic acid bacteria,” International Journal of Food
Microbiology, vol. 132, no. 2-3, pp. 79–90, 2009.

[2] L. Ramı́rez, J. Arrizon, G. Sandoval et al., “A new microplate
screening method for the simultaneous activity quantifica-
tion of feruloyl esterases, tannases, and chlorogenate esteras-
es,” Applied Biochemistry and Biotechnology, vol. 151, no. 2-3,
pp. 711–723, 2008.

[3] C. N. Aguilar, R. Rodrı́guez, G. Gutiérrez-Sánchez et al., “Mi-
crobial tannases: Advances and perspectives,” Applied Micro-
biology and Biotechnology, vol. 76, no. 1, pp. 47–59, 2007.

[4] C. N. Aguilar and G. Gutiérrez-Sánchez, “Review: sources,
properties, applications and potential uses of tannin acyl
hydrolase,” Food Science and Technology International, vol. 7,
no. 5, pp. 373–382, 2001.

[5] M. Cruz-Hernández, J. C. Contreras-Esquivel, F. Lara, R.
Rodrı́guez, and C. N. Aguilar, “Isolation and evaluation of
tannin-degrading fungal strains from the Mexican desert,”
Zeitschrift fur Naturforschung. Section C, Journal of Bio-
sciences, vol. 60, no. 11-12, pp. 844–848, 2005.

[6] S. Mahapatra and D. Banerjee, “Extracellular tannase pro-
duction by endophyitc Hyalopus sp,” Journal of General and
Applied Microbiology, vol. 55, no. 3, pp. 255–259, 2009.

[7] V. Chhokar, Seema, V. Beniwal et al., “Purification and char-
acterization of extracellular tannin acyl hydrolase from As-
pergillus heteromorphus MTCC 8818,” Biotechnology and
Bioprocess Engineering, vol. 15, no. 5, pp. 793–799, 2010.

[8] P. D. Belur, M. Gopal, K. R. Nirmala, and N. Basavaraj,
“Production of novel cell-associated tannase from newly
isolated Serratia ficaria DTC,” Journal of Microbiology and
Biotechnology, vol. 20, no. 4, pp. 732–736, 2010.

[9] M. Pepi, L. R. Lampariello, R. Altieri et al., “Tannic acid
degradation by bacterial strains Serratia spp. and Pantoea
sp. isolated from olive mill waste mixtures,” International
Biodeterioration and Biodegradation, vol. 64, no. 1, pp. 73–80,
2010.

[10] N. Y. Sariozlu and M. Kivanc, “Isolation of gallic acid-
producing microorganisms and their use in the production
of gallic acid from gall nuts and sumac,” African Journal of
Biotechnology, vol. 8, no. 6, pp. 1110–1115, 2009.

[11] R. A. Peterson, J. R. Bradner, T. H. Roberts, and K. M. H.
Nevalainen, “Fungi from koala (Phascolarctos cinereus) faeces
exhibit a broad range of enzyme activities against recalcitrant
substrates,” Letters in Applied Microbiology, vol. 48, no. 2, pp.
218–225, 2009.

[12] M. Kasieczka-Burnecka, K. Kuc, H. Kalinowska, M. Knap,
and M. Turkiewicz, “Purification and characterization of two
cold-adapted extracellular tannin acyl hydrolases from an
Antarctic strain Verticillium sp. P9,” Applied Microbiology and
Biotechnology, vol. 77, no. 1, pp. 77–89, 2007.

[13] J. S. Purohit, J. R. Dutta, R. K. Nanda, and R. Banerjee,
“Strain improvement for tannase production from co-
culture of Aspergillus foetidus and Rhizopus oryzae,” Biore-
source Technology, vol. 97, no. 6, pp. 795–801, 2006.



16 Enzyme Research

[14] J. van de Lagemaat and D. L. Pyle, “Solid-state fermenta-
tion: a continuous process for fungal tannase production,”
Biotechnology and Bioengineering, vol. 87, no. 7, pp. 924–929,
2004.

[15] B. Kar and R. Banerjee, “Biosynthesis of tannin acyl hydrolase
from tannin-rich forest residue under different fermentation
conditions,” Journal of Industrial Microbiology and Biotech-
nology, vol. 25, no. 1, pp. 29–38, 2000.

[16] N. Raaman, B. Mahendran, C. Jaganathan, S. Sukumar, and
V. Chandrasekaran, “Optimisation of extracellular tannase
production from Paecilomyces variotii,” World Journal of
Microbiology and Biotechnology, vol. 26, no. 6, pp. 1033–1039,
2010.

[17] M. Selwal, A. Yadav, K. Selwal, N. Aggarwal, R. Gupta, and
S. Gautam, “Optimization of cultural conditions for tannase
production by Pseudomonas aeruginosa IIIB 8914 under
submerged fermentation,” World Journal of Microbiology and
Biotechnology, vol. 26, no. 4, pp. 599–605, 2010.

[18] R. Paranthaman, R. Vidyalakshmi, S. Murugesh, and K. Sin-
garavadivel, “Manipulation of fermentation conditions on
production of tannase from agricultural by-products with
Aspergillus oryzae,” African Journal of Microbiology Research,
vol. 4, no. 13, pp. 1440–1445, 2010.

[19] P. K. Das Mohapatra, C. Maity, R. S. Rao, B. R. Pati, and K.
C. Mondal, “Tannase production by Bacillus licheniformis
KBR6: optimization of submerged culture conditions by
Taguchi DOE methodology,” Food Research International,
vol. 42, no. 4, pp. 430–435, 2009.

[20] J. A. Curiel, H. Rodrı́guez, I. Acebrón, J. M. Mancheño, L.
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González, “Production of tannase by Aspergillus niger Aa-
20 in submerged and solid-state fermentation: influence of
glucose and tannic acid,” Journal of Industrial Microbiology
and Biotechnology, vol. 26, no. 5, pp. 296–302, 2001.

[29] C. N. Aguilar, C. Augur, E. Favela-Torres, and G. Viniegra-
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and C. Augur, “A novel tannase from Aspergillus niger with β-
glucosidase activity,” Microbiology, vol. 149, no. 10, pp. 2941–
2946, 2003.

[43] O. Hatamoto, T. Watarai, M. Kikuchi, K. Mizusawa, and H.
Sekine, “Cloning and sequencing of the gene encoding
tannase and a structural study of the tannase subunit from
Aspergillus oryzae,” Gene, vol. 175, no. 1-2, pp. 215–221, 1996.
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The production of flavonoid glycosides by removing rhamnose from rutinosides can be accomplished through enzymatic
catalysis. Naringinase is an enzyme complex, expressing both α-L-rhamnosidase and β-D-glucosidase activities, with application in
glycosides hydrolysis. To produce monoglycosylated flavonoids with naringinase, the expression of β-D-glucosidase activity is not
desirable leading to the need of expensive methods for α-L-rhamnosidase purification. Therefore, the main purpose of this study
was the inactivation of β-D-glucosidase activity expressed by naringinase keeping α-L-rhamnosidase with a high retention activity.
Response surface methodology (RSM) was used to evaluate the effects of temperature and pH on β-D-glucosidase inactivation. A
selective inactivation of β-D-glucosidase activity of naringinase was achieved at 81.5◦C and pH 3.9, keeping a very high residual
activity of α-L-rhamnosidase (78%). This was a crucial achievement towards an easy and cheap production method of very
expensive flavonoids, like prunin and isoquercetin starting from naringin and rutin, respectively.

1. Introduction

The production of monoglycosylated flavonoids is an inter-
esting application field of enzymatic biocatalysis by removing
the rhamnose radical, namely, of rutinosides, as well as
in the production of rhamnose itself. The deglycosylation
of flavonoids can improve biological activity through its
bioavailability improvement [1]. Such improvement may be
related not only to pharmacokinetics and pharmacodynam-
ics, but also, to the overall molecule structure. This result
supports that monoglycosylated flavonoids and its aglycones
are more easily absorbed, than the original lead compound.
Flavonoids show a wide range of beneficial effects on human
health, including cardiovascular and chronic diseases and
certain forms of cancer activity [2–4], as well as antimi-
crobial, antioxidant, antiviral, antiplatelet, anti-ischemic,

antitumor, anti-inflammatory, antiallergic, estrogenic, and
radical-scavenging activities [5, 6].

Quercetin, isoquercetin, and other flavonoids have been
shown to modify eicosanoid biosynthesis (antiprostanoid
and anti-inflammatory responses), protect low-density
lipoprotein from oxidation (prevent atherosclerotic plaque
formation), prevent platelet aggregation (antithrombic
effects), and promote relaxation of cardiovascular smooth
muscle (antihypertensive, antiarrhythmic effects) [6]. Most
beneficial health effects of quercetin are related to absorp-
tion, metabolism, and bioavailability into the human body.
In addition, flavonoids, like prunin, have been shown to
have antiviral properties [5]. The activity of flavonoids
as inhibitors of reverse transcriptase suggests a place for
these compounds in the control of retrovirus infections,
such as acquired immunodeficiency syndrome. Moreover, to
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specific effects the broad-modulating effects of flavonoids
can serve as starting material for drug development. Due to
these numerous properties and applications, flavonoids have
gained growing interest.

Conventional chemical methods for the preparation of
flavonoids and saponins usually produce side reactions. In
this context enzymatic modification is advantageous due to
selectivity and mildness of the reaction conditions.

Naringinase is an enzyme complex used in compounds
deglycosylation and with a high potential in food and
pharmaceutical industries. Naringinase provides both α-L-
rhamnosidase and β-D-glucosidase activities (Figure 1) and
has been used to accomplish some glycosides hydrolysis [7–
9].

Statistical design of experiments is a useful tool to pro-
vide experimental schemes where the parameters (factors)
under study are combined at different levels to determine
the influence of a particular factor on the response. Addi-
tionally, an adequate experimental design not only allows the
determination of individual effects but also the interactions
between them can be uncovered.

Response surface methodology (RSM) is an efficient
statistical technique for the modelling and optimization of
multiple variables in order to predict the best performance
conditions with a minimum number of experiments [10]. It
consists of a group of mathematical and statistical procedures
that can be used to study relationships between one or
more responses and a number of independent variables.
RSM defines the effect of the independent variables, alone
or in combination, on the process. In addition, to analyze
the effects of the independent variables, this experimental
methodology generates a mathematical model that may
accurately describe the overall process. These methods find
major importance when the effect of one variable is affected
by the setting of another. Such “interaction effects” between
variables are difficult to detect by a traditional experimental
setup where one variable is changed at a time. The coef-
ficients of the mathematical model (usually a polynomial
equation) representing the variations of the experimental
response of interest may be evaluated with high precision.
Additionally, RSM has the advantage of being less expensive
and time consuming than the classical methods [11].

RSM is a nonconventional approach that has been
successfully used for the optimization of enzymatic reactions
conditions [11–13], medium composition [14, 15]. In this
work, central composite rotatable design (CCRD) and RSM
were used to compare the combined effects of temperature
and pH on β-D-glucosidase activity of naringinase.

To produce monoglycosylated flavonoids with naring-
inase, the presence of β-D-glucosidase activity expression
leads to the need of using selective inhibitors or even
expensive methods of α-L-rhamnosidase purification [16].
In the current study the effect of pH and temperature on β-
D-glucosidase inactivation from naringinase were evaluated
using a central composite face-centered design. It was possi-
ble to define the best factor combination of β-D-glucosidase
inactivation from naringinase, keeping α-L-rhamnosidase
expression in a high activity. This naringinase with inac-
tivated β-D-glucosidase and expressing α-L-rhamnosidase

allowed the production of two very expensive flavonoid
glucosides, prunin and isoquercetin, in an easy and cheap
bioprocess starting from naringin and rutin, respectively.

2. Materials and Methods

2.1. Chemicals and Enzyme. p-Nitrophenyl α-L-rhamnopy-
ranoside (4-NRP) and p-nitrophenyl β-D-glucopyranoside
(4-NGP) were from Sigma-Aldrich. All other chemicals were
of reagent grade and were obtained from various sources.

Naringinase (CAS no. 9068-31-9, cat. no. 1385) from
Penicillium decumbens was obtained from Sigma-Aldrich and
stored at −20◦C. The lyophilized naringinase powder was
dissolved in the appropriate buffer solution 24 hours before
experiments and was kept at 4◦C.

2.2. Analytical Methods. The concentration of p-nitrophenol
produced after the hydrolysis of 4-NRP and 4-NGP was
evaluated spectrophotometrically (Zenith 3100 spectrofluo-
rimeter) at λ = 340 nm, using a calibration curve of each
compound.

The flavonoid rutinosides, glucosides, and aglycones
were eluted running a TLC on an RP-18 silica-gel plate
with methanol-water-acetic acid (50/44/6, v/v/v) [17]. The
spot visualization was evaluated under UV light at 254 nm
followed by spraying with a freshly prepared solution
of acetic acid/sulphuric acid concentrated/p-anisaldehyde
(100/2/1, v/v/v) heated at 150◦C for 5 min [18].

The HPLC-DAD-ESI-MS/MS experiments used to iden-
tify the produced compounds (prunin, naringenin, iso-
quercetin, and quercetin) were performed with a liquid
chromatograph (Alliance, Waters 2695 Separation Module)
system with a photodiode array detector (DAD, Waters
2996) set at 280 nm (for monitoring) in tandem with a
mass spectrometer (Micromass Quattro Micro API) with a
Triple Quadrupole (TQ) and an electrospray ion source (ESI)
operating in negative mode. Chromatographic conditions
were as follows: column C18 (Synergi, Phenomenex) 100 mm
× 2.0 mm, 2.5 μm; eluent (A) water-formic acid (99.5 : 0.5,
v/v), (B) acetonitrile (LC-MS grade, Merck). The linear
gradient was at initial time 95% eluent A, and at 30 min
60% eluent A, at 45 min 10% eluent A. The flow rate
was 0.25 mL/min and the column temperature 35◦C. Mass
range was measured from 100–1000 amu. The ESI source
conditions were adjusted as follows: source capillary oper-
ating at 2.5 kV and the extraction cone at 30 V; the source
temperature was 150◦C and the desolvation temperature was
350◦C.

2.3. Activity Measurement. The activity of α-L-rhamnosidase
expressed by naringinase was evaluated using 0.20 mM of 4-
NRP in 20 mM citrate buffer at pH 3.4, while the activity of
expressed β-D-glucosidase was determined using 0.20 mM 4-
NGP in 20 mM citrate buffer at pH 3.4. A naringinase con-
centration of 50 mg L−1 was used in these experiments. The
enzymatic hydrolysis was followed spectrophotometrically.
The absorption was measured every 1 min during 30 min,
at 30.0◦C. In both reactions 1 mol of substrate led to 1 mol
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Figure 1: Scheme of the production of flavonoid glucosides and aglycones starting from its rutinosides precursors using an enzymatic
approach (α-L-rhamnosidase and β-D-glucosidase activities of naringinase).

of product. A calibration curve was built for each substrate
and respective product. The enzyme activity (A) of α-L-
rhamnosidase and β-D-glucosidase activities of naringinase
was calculated by linear regression on the first data-points
during the initial 30 min reaction time.

2.4. pH Profile. The influence of pH on β-D-glucosidase and
α-L-rhamnosidase specific activity (A) can be described by

A = Amax

1 + 10pK1−pH + 10pH−pK2
, (1)

where Amax is the maximal enzyme-specific activity and K1,
K2 are the equilibrium constants of enzyme deprotonation
[19, 20].

The naringinase activity pH profiles were obtained
through nonlinear regression by minimising the residual
sum of squares between the experimental data points of
the specific activity versus pH and those estimated by the
model, using Solver add-in from Microsoft Excel 2003 for

Windows XP and considering the following options: Newton
method; 100 iterations, precision of 10−6, 5% of tolerance,
and 10−4 convergence. The experimental optimum pH values
were used as initial parameters of the nonlinear regression,
and no constraints were used. Optimum pH values were
then determined from the zero calculation of (1) first
derivative.

2.5. Inactivation Kinetics. In order to study β-D-glucosidase
and α-L-rhamnosidase inactivation kinetics, a temperature
range of 75–85◦C and a pH range of 3.19–6.01 were used.
Naringinase thermal inactivation was carried out in Eppen-
dorf tubes (1.5 mL), at isothermal conditions (±0.1◦C) using
a thermostatic water bath (Julabo Hc/F18). The inactivation
time ranged from 2.5 to 160 min according to the tempera-
ture used. Inactivation was stopped by removing the enzyme
samples to an ice water bath for 5 min. Enzyme activity was
measured, in triplicate, immediately as well as one day after
thermal inactivation, without occurring reactivation. A0 was
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Table 1: Coded and decoded levels of the experimental factors used
in experimental design.

CCRD pH Temperature (◦C)

−√2 3.2 75.0

−1 3.6 76.5

0 4.6 80.0

+1 5.6 83.5

+
√

2 6.0 85.0

the activity of the control, that is, the enzyme sample without
being submitted to inactivation.

First-order inactivation rate constants and α1 parameter
were determined by nonlinear regression minimising the
residual sum of squares between the experimental data points
of the residual activity versus time and those estimated by
the model, using Solver add-in from Microsoft Excel 2003
for Windows XP, considering the following options: Newton
method; 100 iterations, precision of 10−6, 5% tolerance,
and 1 × 10−4 convergence. The first-order deactivation rate
constant obtained form linear regression of ln Ar versus t
was used as the initial values for the nonlinear regression
k1 parameter. The nonlinear regression parameters were
restricted to positive numbers, and also α1 was restricted to
the gap between 0 and 1.

The time needed to achieve a specific activity of
β-D-glucosidase 0.01% of the specific activity of α-L-
rhamnosidase was t0.01%. At these time (t0.01%) the β-D-
glucosidase was considered completely inactivated. The t
values were determined through extrapolation of the kinetic
inactivation profiles obtained under different conditions
of pH and temperature. The relative activity of α-L-
rhamnosidase at this time values (t) was determined for each
specific condition of pH and temperature.

2.6. Experimental Design. The optimized temperature and
pH inactivation conditions of β-D-glucosidase activity of
naringinase were established via Response Surface Method-
ology (RSM). Using this methodology two variables were
tested simultaneously with a minimum number of trials,
according to adequate experimental designs, which enables
to find interactions between variables [21]. The experimental
design methodology makes use of statistical tools for select-
ing a minimum set of experiments adequately distributed in
the experimental region (experimental matrix).

In this study, β-D-glucosidase inactivation was car-
ried out following a central composite rotatable design
(CCRD). For the design setup, three different coded levels
for each factor were used, low (−1), center (0), and
high (+1), as indicated in Table 1. The response vari-
ables were β-D-glucosidase and α-L-rhamnosidase activities
(mg mL−1 min−1). The experiments were performed in ran-
dom order. Triplicate experiments were carried out at all
design points.

The choice of experimental domains resulted from
preliminary studies. The hydrolysis was carried out in 20 mM
citrate buffer. A total of 11 experiments were carried out in

each CCRD: four factorial points (coded levels as (+1) and
(−1)), four star points (coded as (+

√
2), and (−√2)) and

three centre points (coded as 0) (Table 1).

2.7. Statistical Analysis. With CCRD, 5 levels for each factor
were used which enabled to fit second-order polynomials
to the experimental data points. The results of each CCRD
were analyzed using the software “Statistic,” version 6, from
StatSoft, USA. Both linear and quadratic effects of the two
variables under study, as well as their interactions, on β-D-
glucosidase and α-L-rhamnosidase activities were calculated.
Their significance was evaluated by analysis of variance.

Experimental data were fitted to a second-order poly-
nomial model and the regression coefficients obtained. The
generalized second-order polynomial model used in the
response surface analysis was as follows:

Y = β0 + β1X1 + β2X2 + β11X
2
1 + β22X

2
2 + β12X1X2, (2)

where β0, β1, β2, β11, β22, and β12 are the regression
coefficients for intercept, linear, quadratic and interaction
terms, respectively, and X1 and X2 are the independent
variables, temperature and pH.

The fit of the models was evaluated by the determination
coefficients (R2) and adjusted R2 (R2

adj).

2.8. Verification Experiments. Optimal conditions for the
inactivation of β-D-glucosidase activity of naringinase keep-
ing α-L-rhamnosidase with a high activity were dependent
on temperature and pH conditions obtained using the
predictive model equations of RSM. The experimental and
predicted values were compared in order to determine the
validity of the model.

2.9. Methods for Flavonoid Production and Purification.
Prunin was obtained through the hydrolysis of a 10 mM
naringin solution, using 50 mg L−1 of naringinase, with its β-
D-glucosidase selectively inactivated, in 20 mM citrate buffer,
pH 3.4, 60.0◦C for 6 hours. Prunin precipitated after 12
hours at 4◦C and was recovered through vacuum filtration.
Consecutively it was dissolved in hot water and was filtered.
Prunin was obtained through recrystallization from water.

Naringenin was obtained through the hydrolysis of a
10 mM naringin solution, using 50 mg L−1 of naringinase in
20 mM acetate buffer, pH 4.0, 60.0◦C for 6 hours. Naringenin
precipitated after 12 hours at 4◦C and was recovered through
vacuum filtration. Consecutively it was dissolved in hot
ethanol and filtered. Naringenin was obtained through
recrystallization from ethanol and water.

Isoquercetin was obtained through the hydrolysis of a
5 mM rutin solution, using 50 mg L−1 of naringinase, with
β-D-glucosidase activity selectively inactivated, in 20 mM
citrate buffer, pH 3.4, 60.0◦C for 6 hours. Isoquercetin
precipitated after 12 hours at 4◦C and was recovered through
vacuum filtration. Consecutively it was dissolved in hot
ethanol and was filtered. Isoquercetin was obtained through
recrystallization from ethanol and water.

Quercetin was obtained through the hydrolysis of a
5 mM rutin solution, using 50 mg L−1 of naringinase in
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Table 2: Optimum pH values for the hydrolysis of 4-NGP and
4-NRP with β-D-glucosidase and α-L-rhamnosidase activities of
naringinase.

Substrate Optimum
pH

Nonlinear
parameters

r2

4-NGP 4.1
Amax = 0.060,

pK1 = 2.6,
pK2 = 5.5

0.892

4-NRP 3.4
Amax = 0.181,

pK1 = 1.3,
pK2 = 5.6

0.984

0

0.05

0.1

0.15

0.2

2 3 4 5 6

pH

A
(μ

m
ol
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−1
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g−
1
)
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Figure 2: pH profile of 4-NGP and 4-NRP hydrolysis using
naringinase in sodium citrate buffer 20 mM (mean value± standard
error).

20 mM acetate buffer, pH 4.0, 60.0◦C for 6 hours. Quercetin
precipitated after 12 hours at 4◦C and was recovered through
vacuum filtration. Consecutively it was dissolved in hot
ethanol and was filtered. Quercetin was obtained through
recrystallization from ethanol and water.

3. Results and Discussion

3.1. pH Profile. The activity pH profile of both α-L-
rhamnosidase and β-D-glucosidase activities of naringinase
was studied hydrolysing the specific substrates, 4-NRP and
4-NGP, respectively. This pH profile was studied between 2.5
and 5.8, in citrate buffer. Figure 2 shows the distinct activity
pH profiles of α-L-rhamnosidase and β-D-glucosidase activ-
ities of naringinase. From these studies and adjusting the
model of (1), the optimum pH was found to be 3.4 and
4.1, respectively, with a maximum specific activity of 0.181
and 0.060 μmol mg−1 min−1, for α-L-rhamnosidase and β-
D-glucosidase activities of naringinase (Table 2). Jurado et al.
[19] adjusted a similar model to the experimental data of β-
D-galactosidase activity versus pH.

In a previous work [20] the specific activity of
β-D-glucosidase in 20 mM acetate buffer, pH 4.0 was
0.086 μmol min−1 mg−1, while in this study, in 20 mM citrate
buffer, pH 4.0 it was found to be 0.060 μmol min−1 mg−1.
This lower β-D-glucosidase specific activity corresponded
to a 30% activity decrease when citrate buffer was used
instead of acetate. These results highlight the importance
of buffer (citrate) and pH (3.4) to selectively inactivate β-
D-glucosidase activity of naringinase. Norouzian et al. [22]
observed a naringinase activity inhibition with 20 mM citric
acid buffer. In further studies of β-D-glucosidase inactivation
citrate buffer was used as bioreaction media.

3.2. Inactivation Kinetics. Naringinase was inactivated using
combined temperature and pH conditions, between 75.0–
85.0◦C and 3.2–6.0, respectively. Thus, temperature and pH
on stability of β-D-glucosidase and α-L-rhamnosidase were
evaluated on a minimum set of optimal selected experiments.
The inactivation behaviour for β-D-glucosidase and α-L-
rhamnosidase activities of naringinase was distinct from
each other under the same temperature and pH conditions
(Figure 3).

To describe the inactivation kinetics for β-D-glucosidase
and α-L-rhamnosidase activities of naringinase, residual
activity (Ar) was defined as the ratio between the specific
activity after each time inactivation period (A) and the
specific activity without inactivation (A0).

Both pH and temperature treatments could be described
adequately by a series-type enzyme inactivation model (3)
involving first-order steps in an inactivation sequence as well
as an active intermediate:

A0
k1−→ A1

k2−→ A2. (3)

A biphasic inactivation nature was observed for β-D-
glucosidase with a final state totally inactivated (α2 = 0)
adjusted to (4) [23].

Ar =
[

1 +
α1k1

k2 − k1

]

e−k1t −
[

α1k1

k2 − k1

]

e−k2t (4)

k1 and k2 were the first and second deactivation rate coeffi-
cients, respectively; A0, A1, and A2 were the specific activities
of the initial active enzyme, enzyme intermediate, and final
enzyme state, respectively; α1 was the specific activities ratio
A1A

−1
0 and A2A

−1
0 , respectively. A first inactivation step was

followed by a second one with the existence of an enzymatic
intermediate having a lower specific activity than the initial
enzyme native state (α1 < 1) (Table 3) and a final state where
the enzyme is completely inactivated (α2 = 0) [23]. The
first faster deactivation step observed may correspond to the
unfolding of the carbohydrate portion, lowering its activity
relative to the initial state (α1); afterwards, the second slower
step may apply to the embodiment of enzyme inactivation.

On the other hand, α-L-rhamnosidase inactivation as
well as the inactivation of β-D-glucosidase under the con-
ditions of 80.0◦C and pH 4.6, occurred according to the
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Figure 3: Thermal inactivation under combined temperature and pH conditions of β-D-glucosidase (a) and α-L-rhamnosidase (b) activities
of naringinase.

classical first-order inactivation model (Figure 3)

Ar = e−k1t . (5)

Table 3 shows the inactivation parameters determined at
different temperature and pH conditions for both β-D-
glucosidase and α-L-rhamnosidase.

Tsen et al. [24] and Ellenrieder and Daz [25] reported
naringinase (from Penicillium decumbens) deactivation pro-
files at pH 3.5–3.7. α-L-Rhamnosidase from Aspergillus
terreus [26] and Aspergillus nidulans [27] when incubated
at pH values lower than 4.0 rapidly lost activity, whereas
Aspergillus aculeatus [28] was shown to be insensitive to
pH in the range 3–8. Comparing our results with available
stability data of purified fungal α-L-rhamnosidases referred
by different authors [26, 27, 29, 30], it can be pointed
out that our developed method avoiding α-L-rhamnosidase
purification with β-D-glucosidase inactivation is an effective
and cheap method.

3.3. RSM. In this study a central composite design and
response surface methodology (RSM) were applied in
order to acquire pH-temperature conditions to selectively
inactivate β-D-glucosidase activity expression from naring-
inase, keeping α-L-rhamnosidase with high activity. The
experiments were carried out according to a design 22

and a CCRD, as a function of both the temperature (T)
and pH. The obtained results, α-L-rhamnosidase residual
activity of naringinase corresponding to a β-D-glucosidase

inactivation, were used to calculate the significant effects,
either linear or quadratic, of the 4-NRP hydrolysis reac-
tion.

The experimental results showed that α-L-rhamnosidase
residual activity and β-D-glucosidase inactivation were
affected by pH and temperature individually and interac-
tively (Figure 4). In Table 4 are presented the effects and
respective significant levels (P) of the temperature (T),
pH, and interaction (T × pH) on the α-L-rhamnosidase
residual activity. Therefore, negative effects of the factors
temperature (T) or pH or their interaction (T × pH)
indicate that the response decreased with the increase in
these factors. Linear and quadratic terms of temperature
were highly significant, P < 0.001, while the linear and
quadratic terms of pH were significant (P < 0.05) for α-
L-rhamnosidase activity (Table 4). A negative interaction
between the variables tested (T × pH) on α-L-rhamnosidase
activity indicated that higher activities are obtained at
higher temperatures and lower pH within the experimental
domain.

In addition, RSM was also applied to the first deactiva-
tion rate coefficients (k1) for α-L-rhamnosidase and β-D-
glucosidase obtained at the different experimental conditions
tested (Table 3). It was not possible to apply RSM to the
parameters α1 and k2, as shown in Table 3, because the
models are adjusted at different conditions.

Moreover, in Figure 4 is presented the effects of tem-
perature and pH on the first deactivation rate coefficient
(k1) for α-L-rhamnosidase and β-D-glucosidase activities
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Figure 4: Response surfaces fitted to the experimental data points corresponding to (a) α-L-rhamnosidase residual activity and (b) to first
deactivation rate coefficients (k1) for (b.1) α-L-rhamnosidase (rhase) and (b.2) β-D-glucosidase (gase) activities of naringinase, as a function
of temperature (T) and pH.

of naringinase. Highly significant effects (P < 0.001)
were obtained for k1 of β-D-glucosidase inactivation at
different pH and temperature conditions (Table 4). The
first deactivation rate coefficient (k1) of α-L-rhamnosidase
and β-D-glucosidase increased with temperature and pH
(Figure 4).

A least-squares technique was used to fit quadratic
polynomial models and obtain multiple regression coef-
ficients for α-L-rhamnosidase activity which are summa-
rized in Table 5. Examination of these coefficients indi-
cated that temperature effects on α-L-rhamnosidase activity
both linear and quadratic terms were highly significant,
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Table 3: Thermal inactivation parameters of β-D-glucosidase and α-L-rhamnosidase activities of naringinase, under combined temperature
and pH conditions.

T (◦C) pH
β-D-glucosidase α-L-rhamnosidase

Ar (α-L-rhamnosidase)
α1 k1 (h−1) k2 r2 k1 (h−1) r2

75.0 4.6 0.376 0.283 0.017 0.999 0.0023 0.990 0.33

76.5 3.6 0.327 0.990 0.084 0.997 0.0062 0.994 0.57

76.5 5.6 0.226 0.486 0.093 0.999 0.0073 0.980 0.56

80.0 3.2 — 0.579 — 0.971 0.0323 0.989 0.73

80.0 4.6 — 0.428 — 0.980 0.0154 0.979 0.74

80.0 4.6 — 0.434 — 0.990 0.0149 0.991 0.75

80.0 4.6 — 0.431 — 0.992 0.0149 0.996 0.75

80.0 6.0 — 0.547 — 0.953 0.0375 0.995 0.71

83.5 3.6 — 0.869 — 0.987 0.0589 0.989 0.71

83.5 5.6 — 0.838 — 0.953 0.0711 0.991 0.65

85.0 4.6 — 0.868 — 0.997 0.0646 0.979 0.68

Table 4: Effects and respective significance levels (P) of temperature
(T) and pH on α-L-rhamnosidase residual activity (Ar) and on first
deactivation rate coefficient (k1) for α-L-rhamnosidase and β-D-
glucosidase activities of naringinase.

Variable
Ar k1 k1

(α-L-
rhamnosidase)

(α-L-
rhamnosidase)

(β-D-
glucosidase)

T (linear term) 18.1467∗∗∗ 0.0509∗∗∗ 1.0856∗∗∗

T (quadratic term) −23.8667∗∗∗ 0.0188∗∗ 0.6455∗∗∗

pH (linear term) −2.5064∗ 0.0052 0.1745∗∗∗

pH (quadratic term) −2.4592∗ 0.0211∗∗ 0.9921∗∗∗

T × pH −2.3500 0.0055 0.223∗∗∗

∗P < 0.05; ∗∗P < 0.01; ∗∗∗P < 0.001.

P < 0.001 (Table 5). The linear and quadratic terms of pH
were significant on α-L-rhamnosidase activity (P < 0.05)
(Table 5). Moreover, linear and quadratic terms had high
and significant effects (P < 0.001 and P < 0.05) on first
deactivation rate coefficient of α-L-rhamnosidase, while for
β-D-glucosidase significant effects are presented (P < 0.01
and P < 0.05) (Table 5).

Therefore, curved surfaces were fitted to the experimental
data (Figure 4). Partial differentiation of these polynomial
equations was used to find the optimum points, that is,
the stationary points. The least-square estimates of the
coefficients of the model were calculated from the values of
the response for each experiment in the chosen experimental
matrix. The relationships between independent and depen-
dent variables in the three-dimensional representations are
convex surfaces, for α-L-rhamnosidase activity (Figure 4).
The obtained response surface (Figure 4) was described by
second-order polynomial equations to the experimental data
points, as a function of temperature and pH (Table 5). In
the design of these models, the significant effects (P < 0.05)
and those that presented a confident range smaller than the
value of the effect or smaller than the standard deviation
were included in these model equations. In fact, these later

effects have a lower probability, but their values are not small
enough to be neglected.

The high values of R2 and R2
adj of the model (Table 5)

showed a close agreement between the experimental results
and the theoretical values predicted by the model [10]. The
adjusted coefficients of determination for α-L-rhamnosidase
activity (R2

adj = 0.936) implied that 93.6% of the variations
could be explained by the fitted model.

The ANOVA for the two response variables (temperature
and pH) indicated that the model developed for α-L-
rhamnosidase activity was adequate with the linear and the
quadratic term with high significant effect (<0.05%) (data
not showed).

The regression models allowed the prediction of the
effects of the two parameters, temperature and pH on α-
L-rhamnosidase activity and β-D-glucosidase inactivation.
These optimal conditions were a temperature of 81.5◦C and
pH 3.9 (Table 6).

Once tested, the model may be used to predict the
value of the response(s) under any conditions within the
experimental region.

These results showed how naringinase can be used
to selectively catalyze reactions like glycosides hydrolysis
towards monoglycosylated flavonoids.

3.4. Verification of the Optimal Temperature and pH Inactiva-
tion Conditions. The optimal conditions of temperature and
pH found using RSM (Table 6) were tested experimentally in
order to confirm the predicted results.

Figure 5 shows the inactivation profiles of both β-D-
glucosidase and α-L-rhamnosidase under 81.5◦C and pH
3.9. Moreover, the verification experiments proved that
the predicted values for α-L-rhamnosidase residual activity
(0.77) for the model was satisfactorily achieved within more
than 95% confidence interval. The time needed for β-D-
glucosidase activity to reach 0.01% of α-L-rhamnosidase
activity was determined through extrapolation of β-D-
glucosidase inactivation and corresponded to 15 minutes
and 26 seconds. At this time the α-L-rhamnosidase residual
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Table 5: Second-order model equations for the response surfaces fitted to the experimental data points of α-L-rhamnosidase residual
activity (Ar), on first deactivation rate coefficient (k1) for α-L-rhamnosidase and β-D-glucosidase activities of naringinase, as a function
of temperature (T) and pH, and respective R2 and R2

adj.

Coefficient Ar P k1 P k1 P

(α-L-rhamnosidase) (α-L-rhamnosidase) (β-D-glucosidase)

β0 −63.6717 0.0004 4.8541 0.0068 178.4516 0.0419

Linear

β1 1.5645 0.0004 −0.1193 0.0064 −4.2067 0.0456

β2 0.3661 0.0322 −0.1579 0.0436 −7.0252 0.1032

Quadratic

β11 −0.0095 0.0004 0.00077 0.0055 0.0263 0.0443

β22 −0.0123 0.0355 0.01056 0.0039 0.4961 0.0106

Cross-product

β12 0.0033 0.0530 0.00079 0.3056 0.03186 0.4793

R2 0.936 — 0.9812 — 0.9047 —

R2
adj 0.872 — 0.9624 — 0.8095 —

Table 6: Verification of the developed model for β-D-glucosidase
inactivation at optimal temperature and pH conditions leading the
best α-L-rhamnosidase residual activity of naringinase.

Predicted Experimental

Temperature (◦C) 81.5 81.5

pH 3.9 3.9

Time (min) 16 16

α-L-rhamnosidase
residual activity

0.77 0.78

β-D-glucosidase
residual activity

0.0001 0.0001

activity was 0.78 which is quite similar to the value predicted
with RSM (Table 6).

3.5. Production and Identification of Bioactive Compounds.
Once β-D-glucosidase of naringinase was selectively inacti-
vated, the residual α-L-rhamnosidase activity was used for
the production of flavonoids glycosides starting from ruti-
nosides, (c.f. Section 2.9) (Figure 6). Adequate purification
procedures were used, and compounds identification was
carried out through HPLC LC-MS analysis.

Naringin enzymatic hydrolysis lead to prunin, a very
expensive product. Isoquercetin was obtained from rutin
enzymatic hydrolysis in a production yield of 61%.

The aglycones were also produced from rutinosides using
native naringinase, expressing α-L-rhamnosidase and β-D-
glucosidase. As long as a sugar moiety was removed from the
rutinoside to the aglycone, a polarity decrease was observed,
as shown in Figure 6. Naringenin was obtained with a
production yield of 49% from naringin, while quercetin was
obtained from rutin (Figure 2) in a yield of 86%.

These outcomes showed the high potential of the
developed method on the production of monoglycosylated
flavonoids.
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Figure 5: Inactivation kinetics of β-D-glucosidase and α-L-
rhamnosidase activities of naringinase at 81.5◦C and pH 3.9.

4. Conclusions

The inactivation of β-D-glucosidase activity of naringinase
was affected by pH and temperature individually and
interactively, in citrate buffer. This inactivation could be
described by response surfaces that enabled to fit second-
order polynomials equations. A closed agreement between
the experimental α-L-rhamnosidase residual activity (0.78)
and the predicted value by the model (0.77) made RSM an
appropriate tool to achieve temperature and pH optimized
values for the selective inactivation of β-D-glucosidase
activity of naringinase, at 81.5◦C, pH 3.9 for 16 minutes.

These are high innovative and sounding results showing
the potential of the efficient and cheap developed method
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(a) Naringin 0.62 Invisible Visible

Visible

Visible
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Orange

(b) Prunin 0.58 Invisible Orange

(c) Naringenin 0.3 Invisible Orange

(d) Rutin 0. 55 Yellow Yellow

(e) Isoquercetin 0.53 Yellow Yellow

(f) Quercetin 0.3 Yellow visible Yellow

Figure 6: TLC of (a) naringin (Rf = 0.62), (b) prunin (Rf = 0.58), (c) naringenin (Rf = 0.30), (d) rutin (Rf = 0.55), (e) isoquercetin (Rf =
0.53), and (f) quercetin (Rf = 0.30). All of compounds were visible with UV light (254 nm). After acid revelation + heating (150◦C), naringin,
prunin, and naringenin showed orange spots and rutin, quercetin, and isoquercetin, yellow.

for the production of flavonoid glycosides starting from
rutinosides.
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A fungal tannase was produced, recovered, and immobilized by entrapment in calcium alginate beads. Catalytical properties of
the immobilized enzyme were compared with those of the free one. Tannase was produced intracellularly by the xerophilic fungus
Aspergillus niger GH1 in a submerged fermentation system. Enzyme was recovered by cell disruption and the crude extract was
partially purified. The catalytical properties of free and immobilized tannase were evaluated using tannic acid and methyl gallate
as substrates. KM and Vmax values for free enzyme were very similar for both substrates. But, after immobilization, KM and Vmax

values increased drastically using tannic acid as substrate. These results indicated that immobilized tannase is a better biocatalyst
than free enzyme for applications on liquid systems with high tannin content, such as bioremediation of tannery or olive-mill
wastewater.

1. Introduction

Tannin acyl hydrolase (TAH) also known as tannase is an
enzyme (EC 3.1.1.20) that catalyzes the hydrolysis of ester
bonds present in gallotannins, complex tannins, and gallic
acid esters [1, 2]. The major applications of tannase are in the
elaboration of instantaneous tea and acorn liquor, as well as
in the production of gallic acid from tannin-rich agrowastes
[3, 4]. Tannase is also utilized as clarifying agent in wine,
beer, fruit juices, and coffee-flavored soft drinks [5, 6].
Moreover, it has been proposed the use of this enzyme for
bioremediation of effluents from tanneries and to improve
the nutritional properties of tannin-rich forage [7].

Despite the several important applications of tannase
in food, feed, chemical and pharmaceutical industries, high
scale use of this enzyme is severally restricted due to high
production costs. Thus tannase is considered a specialty
enzyme. Therefore, there is a continuous search for new
sources of tannase [8–10], as well as improved methods

for production, recovery, and application of the enzyme
[11–13].

In order to overcome some limitations of free tannase,
several attempts have been made to immobilize the enzyme
on a suitable matrix [14–24]. Enzyme immobilization facil-
itates the efficient recovery and reuse of costly enzymes and
enables their use in continuous, fixed-bed operation. Immo-
bilized enzymes are more easy to handle and to separate
from the product, thereby minimizing or eliminating protein
contamination of the product. Additionally, immobilized
enzymes are often more stable than the free ones, allowing
the repeated reuse of the biocatalyst [25].

One of the most convenient methods for enzyme im-
mobilization is the entrapment in Ca-alginate beads. The
major advantage of this technique is the simplicity by which
spherical beads can be obtained by dripping a polymer-
cell suspension into a medium containing positively charged
ions. The particles formed are transparent, mechanically sta-
ble, nontoxic, and cheap [26, 27].
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We previously reported the production, and purification
of a novel tannase from the xerophilic fungus Aspergillus
niger GH1 [28]. This enzyme showed interesting properties
such as good activity and stability at high temperature, low
inhibition by metal ions and other additives and considerable
stability at a wide range of pH. Therefore, in the present
study, tannase from A. niger GH1 was immobilized in Ca al-
ginate beads and the catalytical properties of immobilized
tannase were compared with those of free enzyme.

2. Materials and Methods

2.1. Microorganism and Culture Conditions. Aspergillus niger
GH1, utilized for tannase production, was obtained from the
UAdeC-DIA culture collection. This strain was previously
isolated from Mexican semidesert and characterized as
tannase producer [29]. Fungal spores were stored at −40◦C
in a cryoprotectant medium composed of glycerol and skim
milk.

Microorganism was propagated by transferring con-
served spores to Erlenmeyer flasks with Czapek-tannic acid
agar and incubating at 30◦C for 4–6 days. After this,
spores were harvested with Tween 80 (volume ratio of
0.01%) and counted in a modified Neubauer chamber before
inoculation.

Tannase was produced by A. niger in submerged cul-
ture. The culture medium for tannase contained (g/L)
KH2PO4: 2.19; (NH4)2SO4: 4.38; MgSO4·7H2O: 0.44;
CaCl2·7H2O: 0.044; MnCl2·6H2O: 0.009; NaMoO4·2H2O:
0.004; FeSO4·7H2O: 0.06. Salt solution was autoclaved at
12◦C for 15 min and cooled at room temperature. Tannic
acid was added to the salt solution to a final concentration
of 12.5 g/L, then the pH was adjusted at 5.5 with 1 N NaOH,
and then the culture media was sterilized again by filtration
through 0.45 μm nylon membranes. Tannase production was
carried out in 1 L Erlenmeyer flasks containing 250 mL of
culture medium inoculated with 1 × 107A. niger spores/mL.
Flasks were incubated for 24 h at 30◦C with constant
agitation at 250 rpm.

2.2. Tannase Recovery. Crude enzymatic extracts from SmF
were obtained by filtering the biomass through Whatman
no. 41 filter paper. Mycelial cells retained were washed
with physiological solution, frozen with liquid nitrogen
and milled in a mortar. The macerate was recovered with
acetate buffer (100 mM, pH = 5.5). Crude extract was
put into a 10 kD MWCO cellulose membrane (Sigma, St.
Louis, USA) and dialyzed against water. Dialyzed extract
was concentrated (12.5-fold) with polyethylene glycol-6000
as described by Sharma and coworkers [30]. Concentrated
extract was applied into a HiTrap G25 column, eluted with
citrate buffer (100 mM, pH 5.0) and fractionated in an AKTA
prime FPLC system (Amersham, Piscataway, USA).

2.3. Enzyme Immobilization. Tannase from A. niger was
immobilized in Ca alginate beads. 4 mL of partially purified
tannase (288 U/L) were mixed with 46 mL of 2.0% sodium
alginate solution to get homogeneity. Then the mixture was

added with constant agitation and a temperature of 4◦C to
0.6 M CaCl2 solution as droplets using a glass burette. The
beads were kept in 0.1 M CaCl2 at 4◦C for about 2 h and then
washed briefly with sterile water.

2.4. Kinetic Constants of Tannase. Values of KM and Vmax

were calculated for free and immobilized tannase using
methyl gallate and tannic acid as substrates in citrate buffer
(50 mM, pH 5.5). Hydrolysis was carried out in a 250 mL
glass jacketed bioreactor. 50 beads of immobilized tannase
or the equivalent in free enzyme was added to 100 mL of
substrate with constant agitation and controlled temperature
at 30◦C, and 1 mL samples were withdrawn at regular
intervals. Reaction was stopped with 0.2 mL of 2 N HCl, and
the reaction mixture was filtered through a 45 μm membrane
and analyzed for gallic acid by an HPLC procedure [31].
Tannase activity rate was estimated as V (IU) following the
Michaelis-Menten equation. Estimation of different parame-
ters for the equation was obtained through the linearization
method of Lineweaver-Burk, using the Solver utility of the
program Excel (Microsoft, Redmond, USA).

2.5. Analytical Methods. Tannase activity was assayed using
HPLC methodology, essentially as described by Beverini and
Metche [31] with slight modifications. In brief, the enzyme
(50 μL) was added to 1 mL of methyl gallate 3 mM. The
reaction mixture was incubated at 30◦C for 30 min. The
reaction was stopped with 2M HCl. Each sample was filtered
through a 45 μm membrane prior to HPLC analysis. One
unit of enzyme (IU) was defined as the amount of enzyme
able to release 1 μmol gallic acid per minute of culture filtered
under the standard assay conditions. Protein estimation was
done as described by Bradford [32].

3. Results and Discussion

3.1. Tannase Production and Recovery. Tannase production
was carried out by A. niger GH1 in submerged fermentation.
Under the described conditions, tannase was expressed
mainly intracellularly (data not shown). At the end of in-
cubation, 1.16 g of biomass were obtained from 2 L of culture
broth. After cell disruption it were recovered 200 mL of a
crude extract with 15.68 IU of tannase per liter and a specific
activity of 7.29 IU per mg of protein.

Tannase production was significantly lower than pre-
viously reported by our group [28]. This may be related
with the culture system utilized. In that case, Mata-Gómez
and coworkers [28] utilized a tannase produced by A. niger
GH1 in a solid-state fermentation system. The enzyme was
produced mainly extracellularly, and the volumetric activity
reached about 400 IU/L. Lekha and Lonsane [33] reported
that in submerged fermentation, tannase production by A.
niger is intracellular during the first 48 h and the enzyme
is subsequently excreted. In contrast, tannase production in
solid-state fermentation is completely extracellular.

On the other hand Barthomeuf and coworkers found
that, during the first hours of submerged fermentation, tan-
nase remains strongly bound to the mycelium of Aspergillus
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Table 1: Kinetic constants of free and immobilized tannase.

Microorganism Substrate
Free tannase Immobilized tannase

Reference
KM

mM
VMax

μmol/min
KM

mM
VMax

μmol/min

Rhizopus oryzae Sal seed 30.9∗ 4.4∗∗ 39.9∗ 4.0∗∗ [18]

Rhizopus oryzae Myrobalan 26.3∗ 9.4∗∗ 29.0∗ 2.4∗∗ [18]

Rhizopus oryzae Tea leaf 26.4∗ 0.47∗∗ 30.5∗ 0.46∗∗ [18]

Aspergillus oryzae Tannic acid 7.35 80 11.76 40 [14]

Aspergillus niger Tannic acid 0.3 0.013 0.6 0.020 [24]

Aspergillus niger Tannic acid 1.1× 10−5 416 1.1× 10−5 131 [22]

Aspergillus niger Tannic acid 0.400 0.05 23.75 0.25 This study

Aspergillus niger Methyl gallate 0.433 0.033 0.529 0.003 This study
∗

These results are expressed as mg/mL.
∗∗These results are expressed as U/mL/h.

niger and no more than 5% of the enzyme may be removed
by physical methods, such as cell disruption [34]. However,
at industrial level tannase is produced mainly by submerged
fermentation due to more standardized methodology and
equipment.

Crude extract was subjected to a recovery process con-
sisting of dialysis, concentration, and gel filtration chro-
matography. This protocol led to 5.4-fold purification and
5.6-fold concentration with a recovery yield higher than
90%.

We previously reported the purification of an extracel-
lular tannase from A. niger. In that case, through a protocol
consisting of ultrafiltration, ionic exchange, and gel filtration
chromatography, a 42-fold purification was obtained with
0.3% yield [28]. In the present paper, we concentrated and
partially purified the enzyme according with the needs of
an enzyme for industrial use. Industrial enzymes require a
certain degree of purity to avoid undesirable reactions and
the presence of proteins and other foreign compounds in
the final product. The degree of purity required is lower for
immobilized enzymes due to entrapment of the biocatalyst
[25].

Most of the reported protocols for tannase involve sev-
eral precipitation and chromatographic steps. For example,
Mahendran and coworkers purified a Paecilomyces variotii
tannase by a treatment with activated charcoal followed by
precipitation with ammonium sulfate, ionic exchange chro-
matography, and gel filtration. They obtained a 30.5-fold
purification of the enzyme, but with a recovery yield of
17.6% [20]. On the other hand, Sharma and coworkers
purified a Penicillium variable tannase through a two-step
procedure. They utilized ultrafiltration and gel filtration and
obtained a 135-fold purification with a recovery yield of 91%
[21].

3.2. Enzyme Immobilization. Tannase was efficiently immo-
bilized in Ca alginate beads. During immobilization, it was
obtained 253 beads of 3.5 mm of diameter per mL of enzyme
extract. Since no residual activity or protein was detected in
CaCl2 solution or in the wash water, it was assumed that the
enzyme was completely trapped.

Recently, Schons and coworkers reported the immobi-
lization of a Paecilomyces variotii tannase by entrapment
into several polysaccharide matrixes [35]. Besides the fact
that the best encapsulation efficiency (57%) was obtained
with pectin, tannase immobilized in alginate beads (15% of
encapsulation efficiency) was more efficient for hydrolysis of
tannic acid.

3.3. Kinetic Constants of Tannase. Kinetic parameters of free
and immobilized were evaluated at 30◦C and a pH of 5.5
using tannic acid and methyl gallate as substrate. KM and
Vmax were obtained with the linearization method of Lin-
eweaver-Burk. The kinetic constants are summarized in
Table 1, Lineweaver-Burk plots are showed in Figures 1 and 2.

KM values for free enzyme using methyl gallate and
tannic acid as substrate are very close among them (0.433
and 0.400 mM, resp.). When tannase was immobilized, these
KM values were notoriously increased (1.3- and 59-fold for
methyl gallate and tannic acid, resp.).

These results indicate that A. niger GH1 tannase pro-
duced in submerged fermentation has almost the same
affinity for methyl gallate and tannic acid. In contrast,
the tannase produced by this microorganism in solid-state
fermentation has more affinity for tannic acid than for
methyl gallate [28]. These catalytical disparities among the
tannases could be related to differences in glycosylation
among the enzyme produced in solid-state and submerged
fermentation, as suggested by Renovato and coworkers [36].

The KM value of tannase increased significantly after
immobilization in Ca alginate, especially when tannic acid
was used as substrate. This is a common phenomenon during
enzyme immobilization [14, 18, 22, 24]. The increase of KM
is partially due to mass transfer resistance of the substrate
into the polymer matrix, and mass transfer resistance appears
to be drastic in substrates such as tannins [14]. For example,
Yu and coworkers [24] immobilized an A. niger tannase with
a coacervate calcium alginate membrane. In that case, theKM
value increased 4 times with immobilization. Similar results
were reported by other authors (Table 1).

Hydrolysable tannins have the ability to complex with
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Figure 1: Lineweaver-Burk plots for free tannase using methyl gallate (a) and tannic acid (b) as substrate.
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Figure 2: Lineweaver-Burk plots for immobilized tannase using methyl gallate (a) and tannic acid (b) as substrate.

macromolecules such as carbohydrates but, to maintain its
binding capacity, tannins must have more than two acidic
unit constituents esterified to the glucose core [4]. Thus, the
interaction between alginate and tannic acid is much higher
than that with methyl gallate, as indicated by these results.

On the other hand, the Vmax value for intracellular
tannase from A. niger is higher using tannic acid as
substrate in both free and immobilized forms. In addition,
immobilization resulted in an increase in Vmax when tannic
acid was used as substrate. Typically, immobilized enzymes
have lower Vmax values than their free counterparts [37], and
this phenomenon is associated with conformational changes
of the enzyme during immobilization [18]. Higher Vmax

values after immobilization have been reported for inulinase
[38], invertase [39], and β-galactosidase [40]. However, this
is an unusual behavior and the mechanistic basis for this
positive feature requires further investigation [37].

The increase of the maximal velocity of reaction and the
KM value makes the immobilized tannase a better biocatalyst
than free enzyme for applications on liquids with high tannin
content, such as bioremediation of tannery or olive-mill
wastewater. In addition, the immobilization technique allows
the recovery and reutilization of the enzyme.

4. Conclusions

Tannase was efficiently immobilized in Ca alginate beads.
The immobilized enzyme presented interesting catalytical
properties, different from the free enzyme. These catalytical
differences could be related with mass diffusion coefficients
and conformational changes of the protein as well as the
interaction of the substrate with the polymer matrix. These
properties of the enzyme and the possibility of recovery and
reutilization make the immobilized tannase from Aspergillus
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niger GH1 an interesting biocatalyst with potential appli-
cation in liquid systems with high tannin content, such as
bioremediation of tannery or olive-mill wastewater.
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A set of supports were screened for the immobilization of a partially purified extract of β-glucosidase from Aspergillus sp. These
supports, namely, Eupergit, Amberlite, alginate, gelatin, polyvinyl alcohol- (PVA-) based matrices (Lentikats), and sol-gel, have
proved effective for the implementation of some other enzyme-based processes. The initial criterion for selection of promising
supports prior to further characterization relied on the retention of the catalytic activity following immobilization. Based on such
criterion, where immobilization in sol-gel and in Lentikats outmatched the remaining approaches, those two systems were further
characterized. Immobilization did not alter the pH/activity profile, whereas the temperature/activity profile was improved when
sol-gel support was assayed. Both thermal and pH stability were improved as a result of immobilization. An increase in the apparent
KM (Michaelis constant) was observed following immobilization, suggesting diffusion limitations.

1. Introduction

β-Glucosidases (β-D-glucoside glucohydrolases, EC 3.2.1.21)
are enzymes that transfer a glycosyl group between oxy-
gen nucleophiles. They are, therefore, accountable for the
hydrolysis of β-glycosidic linkages in amino-, alkyl-, or aryl-
β-D-glucosides, cyanogenic glycosides, and di- and short
chain oligo-saccharides [1, 2]. β-glucosidases can be used in
the production of aromatic compounds, in the stabilization
of juices and beverages, and in the improvement of the
organoleptic properties of food and feed products; they
are also used in biomass degradation, in the production
of fuel ethanol from cellulosic agricultural residues, and
in the synthesis of alkyl- and arylglycosides from natural
polysaccharides or their derivatives and alcohols, by reversed
hydrolysis or trans-glycosylation, leading to products with
applications in pharmaceutical, cosmetic, and detergent
industries [1, 3–5]. The immobilization of β-glucosidase in
a solid carrier offers the prospect of cost savings and widens
the flexibility of process design, by enabling continuous

operation (or multiple cycles of batch operation on a
drain-and-fill basis) and simplifying downstream processing.
Enzyme immobilization also allows for a high-biocatalyst
load within the bioreactor, thus leading to high-volumetric
productivities [6, 7]. Guidelines for cost analysis of bio-
conversion processes have been recently suggested [8]. In
the present work, several immobilization methods were
screened as suitable approaches for the immobilization
of a β-glucosidase from an Aspergillus sp. Specifically,
immobilization in calcium alginate, in Eupergit, in gelatin,
in glutaraldehyde-activated Amberlite, in polyvinyl alcohol-
(PVA-) based matrices (Lentikats), and in sol-gel was eval-
uated, since these approaches have been shown to provide
convincing approaches for the design of different bioconver-
sion systems anchored in immobilized biocatalysts [6–10].
The primary screening criterion relied on the determination
of the relative activity after immobilizations. According to
such feature, the most promising results were obtained
when β-glucosidase was immobilized in either lens-shaped
Lentikats or in a tetramethoxysilane- (TMOS-) based xerogel
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support. These were,therefore, selected for more detailed
studies. Within the authors’ knowledge, immobilization of β-
glucosidase in Lentikats supports has not been reported yet,
and references to immobilization in TMOS-based supports
are relatively scarce [11–13]. Lentikats technology is relatively
recent [14] but has been proving effective for the immo-
bilization of enzymes targeted for applications in food and
feed and pharmaceutical industries, such as oxynitrilase [15],
penicillin acylase [16], dextransucrase [17], glucoamylase
[18], invertase [19], and galactosidase [20]. The application
of sol-gel methodologies for the immobilization of enzymes
is also relatively recent [21] but has expanded rapidly [22].
Accordingly, several enzymes have been immobilized using
this method [23], among them lipase [24, 25], penicillin
acylase [26], and horseradish peroxidase [27].

In the present work, when the effect of the pH in bio-
catalyst activity was assessed, no influence resulting of im-
mobilization was evident. On the other hand, when the
effect of temperature in enzyme activity was assessed, sol-
gel immobilization did not lead to a change in the optimal
temperature but apparently minimized thermal deactivation
for temperatures in excess of 60◦C. This pattern was also
observed when the thermal stability was assessed. Lentikats
could not be used for temperatures in excess of 55◦C, due
to melting of the support, a feature previously reported
[18, 19]. An increase in the apparent KM (Michaelis constant)
was observed following immobilization, suggesting diffusion
limitations. Both methods allowed for consecutive 15 min-
utes batch runs without decay in catalytic activity.

2. Materials and Methods

2.1. Chemicals. LentiKat liquid, a PVA-based material, and
LentiKat stabilizer came from GeniaLab (Braunschweig,
Germany), tetramethoxysilane (TMOS) ≥99%, 4-Nitro-
phenyl-β-D-glucopyranoside (p-NPG), sodium alginate,
and Amberlite IRC86 were from Sigma Aldrich (St. Louis,
USA), and Amberlite IRC 50 was from Rohm and Haas
(Darmstadt, Germany). Eupergit C and Eupergit C 250 L
were a kind gift of Evonik Röhm GmbH (Darmstadt, Ger-
many). All solutions were prepared in distilled water. All
other chemicals used were of analytical grade from various
suppliers.

2.2. Production of β-Glucosidase. A fungal Aspergillus sp.
strain belonging to the culture collection of the Biochemistry
and Food Laboratory, Faculty of Food Engineering, State
University of Campinas, Brazil, was used as source of β-
glucosidase. The fungi were grown in potato dextrose agar
slant tubes and kept in a protective layer of Vaseline during
storage. Spores were then spread on Petri dishes containing
agar potato dextrose and incubated for 5 days at 30◦C.

The culture medium used for the production of the
enzyme was prepared from a mixture of (g) wheat bran (95)
and sugar cane bagasse (5) in 100 mL distilled water. After
thorough mixing, amounts of 20 g of culture medium were
transferred into 500 mL Erlenmeyer flasks and the whole
sterilized in an autoclave (20 minutes, 121◦C). 10 mm discs
were taken from the Petri dish cultures, and 15 disks were

transferred to each Erlenmeyer flask containing the culture
medium. The Erlenmeyer flasks were incubated for 5 days at
30◦C.

Enzyme extraction from the cultures was performed by
adding 100 mL of distilled water to the Erlenmeyer flasks and
shaking at 150 rpm for 20 minutes. The resulting suspension
was filtered through filter paper. Salting out from the filtrate
was carried out by adding an ammonium sulfate solution
(80% of saturation) and storing at 3◦C overnight. The
suspension was centrifuged for 10 minutes at 10000 rpm, and
the precipitate was suspended in sodium phosphate buffer
0.05 M pH 7.0. This extract was lyophilized for 48 hours and
was stored in a refrigerator at 4◦C.

2.3. Screening of Supports for β-Glucosidase Immobilization

2.3.1. β-Glucosidase Immobilization in Polyvinyl Alcohol—
Lentikats. The enzyme preparation was diluted 1000-fold in
100 mM acetate buffer pH 4.5. Immobilization in Lentikats
was performed according to the protocol provided by
GeniaLab (http://www.genialab.de/download/tt-english.pdf,
assessed on the 21st March, 2011), adding 0.1 mL of the
diluted enzyme preparation to 1 mL of LentiKat liquid.
The resulting solution was extruded to Petri dishes. After
dehydration, under 30◦C, to 30% (w/w) of the original
weight to allow for gelation, the resulting lens-like particles
were incubated in 100 mL of a 15 GL−1 solution of LentiKat
Stabilizer for two hours at room temperature. The lenses
were then washed and stored in 100 mM acetate buffer pH
4.5 at 4◦C until use.

2.3.2. β-Glucosidase Immobilization in Sol-Gel. Immobiliza-
tion in sol-gel was performed as described elsewhere [28].
Briefly, 0.16 mL of the diluted enzyme preparation were
mixed with a solution containing 100 μL TMOS and 40 μL
HCl (10 mM), which had been previously sonicated in a
Transsonic T 460 sonicating water bath for 10 min. The
sol-gel solution thus obtained was immediately added to
6 mL of a 150 mM AOT/isooctane solution. The mixture was
vortexed for 1 min, washed twice with 100 mM acetate buffer
pH 4.5, and aged under room temperature and controlled
water activity, aw = 0.75, for one week. The particles
obtained, with size under 100 μm [28], were suspended in
1 mL of the same acetate buffer and stored at 4◦C until use.

2.3.3. β-Glucosidase Immobilization in Calcium Alginate.
β-Glucosidase was immobilized in calcium alginate as
described by Kawaguti et al. [29, 30] with modifications.
Briefly, the enzyme was added to a sterile solution of sodium
alginate (3%). After thorough mixing, the resulting solution
was extruded to a sterile calcium chloride solution (0.3 M).
The resulting beads were recovered by filtration, transferred
to the calcium chloride solution, and hardened by incubating
at 4◦C for about 2 hours. The beads were thoroughly washed
with distilled water for the removal of excess calcium chloride
and used for the determination of activity.

2.3.4. β-Glucosidase Immobilization in Eupergit C and Euper-
git 250 L. 200 mg of Eupergit were washed with 5 mL of
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distillated water. The suspension was centrifuged (10 min-
utes, 4000 rpm), and the supernatant was disposed of 5 mL
of enzyme solution (0.1 g/L) in pH 4, 5 and 6 buffers
were added to the support. The resulting suspension was
incubated at 28◦C–30◦C under magnetic stirring (200 rpm)
during 24 to 48 hours. Samples of 0.1 mL of supernatant
were taken periodically, and the protein concentration in
the supernatant was monitored at 280 nm until stabilization.
Eupergit particles were recovered by centrifugation and
washed with 5 mL acetate buffer pH 4.5, 0.1 M, and the
supernatant was discarded. The support with enzyme was
stored at 4◦C until use. Aliquots of washing buffers and
of supernatants were collected to establish immobilization
efficiency.

2.3.5. β-Glucosidase Immobilization in Amberlite IRC 50 and
Amberlite IRC 86. Immobilization was basically performed
according to Obón et al. [31]. Briefly, 1.0 g of Amberlite
was added to test tubes, and Amberlite particles were
washed with 5 mL of distilled water. The resulting suspension
was centrifuged at 4000 rpm during 10 minutes at room
temperature. The supernatant was discarded, the precipitate
was washed with 5 mL of acetate buffer 0.1 M, pH 4.5, and the
supernatant again discarded. 2.5 mL of a polyethyleneimine
solution (100 g/L) were then added to the precipitate, and
the suspension was incubated at room temperature under
stirring during 2 hours. The mixture was centrifuged, the
precipitate was washed with distilled water, and centrifuged
again, and the supernatant was discarded.

5 mL of a glutaraldehyde solution 10% (v/v) were added
to the tubes containing the support, and the mixture was
incubated during 16 hours under stirring at room temper-
ature. The tubes were centrifuged at 4000 rpm during 10
minutes, the supernatant was discarded, and the precipitate
was washed with 5 mL of acetate buffer 0.1 M, pH 4.5.
The suspension was filtered through qualitative filter paper,
and 1.0 mL of enzymatic solution in acetate buffer pH
4.5; 0.1 M (0,1 g/L) was added to the activated Amberlite.
The suspension was incubated at 28◦C–30◦C under stirring
(200 rpm) during two hours then was centrifuged, and the
precipitate was washed twice with acetate buffer pH 4.5;
0.1 M. The support with enzyme was maintained at 4◦C until
use. Aliquots of washing buffers and of supernatants were
collected to establish encapsulation efficiency.

2.3.6. β-Glucosidase Immobilization in Gelatin. Immobiliza-
tion was basically performed according to Assis and co-
workers [32]. To tubes containing 1 g of gelatin (Merck)
10 mL of acetate buffer pH 4.5, 0.1 M were added, and the
resulting mixture was heated to dissolve the gelatin. Then,
2 mL of gelatin solution was transferred to another tube,
and 200 μL of enzyme solution in acetate buffer pH 4.5;
0.1 M (0,1 g/L) were added, and the whole was thoroughly
mixed under magnetic stirring. The mixture was transferred
to a Petri dish and stored at 5◦C during 1 hour to allow
for solidification. 4 mL of a glutaraldehyde solution (10%,
v/v) were added above the gelatin layer for promoting cross-
linking, and the whole was maintained at 5◦C during 1 hour.
The supernatant was then discarded, and the gelatin was

cut with a scalpel in cubic shaped particles of similar sizes
(roughly 2 mm), which were maintained in acetate buffer
pH 4.5; 0.1 M at 5◦C, until use. Aliquots of washing buffers
and of supernatants were collected to establish encapsulation
efficiency.

2.4. Determination of β-Glucosidase Activity. The determina-
tion of β-glucosidase activity of both free and immobilized
biocatalyst was performed according to Matsuura and co-
workers [33]. The spectrophotometric method is based
on the determination of p-nitrophenol released from the
enzymatic hydrolysis of p-NPG in acetate buffer-based
reaction medium. Reaction mixtures contained 0.3 mL 5 mM
p-NPG in sodium acetate buffer 0.05 M pH 5.0 and an
appropriate amount of free or immobilized β-glucosidase
in 0.3 mL sodium acetate buffer. Reaction mixtures were
incubated at 50◦C for 15 min with 400 rpm magnetic
stirring, followed by the addition of 0.3 mL 0.5 M Na2CO3

solution, pH 12, to stop the reaction. These conditions were
established after preliminary confirmation that the initial
rate of product formation was linear, therefore allowing for
a simple calculation of the initial reaction rate based on
single datum point, according to a methodology suggested
by Doig and co-workers [34]. Hydrolysis was determined
by monitoring the release of p-nitrophenyl at 410 nm with
reference to a standard curve prepared using p-nitrophenol.
Activity is expressed in international units (IUs), where 1 IU
corresponds to the release of 1 μmol p-nitrophenol per min.
All runs were performed in triplicate, at least.

2.5. Immobilization Yield. The immobilization yield was
calculated through β-glucosidase activity balance. Activity
was determined according to 2.4.

2.6. PH and Temperature Profile. The activities of free and
immobilized enzyme were compared. To observe the effect
of the temperature, the tubes containing substrate were
incubated under temperatures ranging from 40◦C to 80◦C.
The effect of the pH in the enzymatic activity was determined
by incubating the bioconversion medium in acetate buffer
solutions (pH 4.0 to 6.0). The conditions of enzymatic assays
were performed according to 2.4.

2.7. Kinetic Parameters. The effect of substrate concentration
in the immobilized and free β-glucosidase activity was
tested in different concentrations of p-NPG. The assays were
performed under optimal pH and temperature. The KM

(Michaelis constant) and Vmax (maximum reaction rate)
values were determined through Lineweaver-Burk or Hanes-
Woolf linearization and through nonlinear method using the
Solver Excel tool.

2.8. Stability Evaluation. The thermal and pH stabilities of
free and immobilized enzymes were examined by measuring
the activity of enzyme, determined as described in 2.4. , after
incubation of enzyme preparations in buffer solutions for 1
to 3 hours, at different temperatures (40◦C–70◦C) and pH
values (4.0-5.0).
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2.9. Repeated Batch Hydrolysis. Consecutive batch runs were
performed under the conditions described in 2.4 , at 50◦C,
pH 4.5, and an initial concentration of p-NPG of 5 mM.
After each cycle, the immobilized biocatalyst was harvested,
thoroughly washed with acetate buffer, and used for the next
run.

3. Results and Discussion

3.1. Immobilization Yield. Within the supports screened, the
best results regarding immobilization yield were obtained for
sol-gel encapsulation roughly in excess of 80% (Figure 1).

Immobilization in lenticular shaped Lentikats particles
proved marginally more successful than in bead-like par-
ticles, the former exceeding 30%, whereas the later was a
little over 20%. Encapsulation yield in gelatin was slightly
lower than in lenticular shaped particles. Calcium alginate
proved the least efficient support among gel-type supports.
This could be ascribed to leakage of enzyme from the gel,
which has been shown to be particularly relevant for most
hydrogels, namely, for calcium alginate supports [7, 35].
The composition of the sol-gel used is likely to present
a relatively low pore size, particularly when compared to
hydrogels although some controversy exists on this matter
on the effect of the nature of the sol-gel precursors on the
pore size of the sol-gel particles [36–39]. Immobilization by
binding to Amberlite or to Eupergit led to poorer results than
those observed for entrapment methods safe for alginate.
Glutaraldehyde used for immobilization in Amberlite could
have a deleterious effect on the activity of the enzyme, hence
the relatively low yields observed [40, 41]. When Eupergit
is considered, an increase in efficiency can nevertheless be
observed with the increase of the pH of the incubation media
used for immobilization. Still, the increase in immobilization
yield was nevertheless quite mild with pH, and even at pH
6.0, yields were still quite minute as compared with the
other methods screened. Since Eupergit is known to bind
to proteins through the oxirane groups of the support, that
react with the amino groups of the protein molecules at
neutral and alkaline pH, or with the sulfhydryl groups and
carboxyl groups in the acidic, neutral, and alkaline pH range
[9], it can be suggested that the former binding method
should be favored, and eventually, immobilization in increas-
ingly alkaline media would favor immobilization. All matters
considered, and since some fungal glucosidases present the
best operational stability at pH 4 to 6 [42], the optimal pH for
activity is within 3 to 7 [43], no further research efforts were
made, at the present stage, on the matter of immobilization
in Eupergit. In a previous published works with a commercial
β-glucosidase, Novozyme 188, immobilized in Eupergit C,
the reported immobilization efficiency was 12%, roughly in
accordance with the present work although with the use of
additives this could be increased to 30% [44]. Several other
supports were also screened for immobilization of Novozym
188, namely, activated charcoal, nylon, chitosan, bentonite,
kaolin, silica gel, and titanium dioxide, but the authors only
considered promising for further work immobilization on
silica gel and on kaolin, where immobilization efficiencies of
35% and 95% were reported [45]. Screening of supports for
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Figure 1: Immobilization efficiency of β-glucosidase for the
supports screened.

the immobilization of a β-glucosidase enzyme preparation,
Cytolase PCL 5 from Genencor, was also reported. Cellulose
PEI, alpha- and gamma-alumina, and chitosan, occasion-
ally functionalized with 3-aminopropyl-trimethyoxysilan
(APTS) supports, were tested, with immobilization yields
within 1.3% and 18% [46]. Immobilization of β-glucosidase
from Pyrococcus furiosus in gelatine gel by cross-linking with
transglutaminase allowed immobilization yields within 25 to
39 although when β-glucosidase from almonds was immo-
bilized, the yield was only of 5% [47]. As compared with
this previous information, the results gathered in the present
work, namely, when sol-gel immobilization is concerned,
lens-shaped particles, Lentikats, seemed also promising, and
both were, therefore, selected for characterization.

3.2. Temperature and PH Profiles. The effect of immobi-
lization in the initial reaction rate of p-NPG hydrolysis
was evaluated within a given range of pH (Figure 2) and
temperature (Figure 3). The immobilization in either sol-
gel or Lentikats hardly altered the enzymatic pH-activity
profile, as compared to the free form, with the pH optimum
remaining unaltered at 4.5.

Only the activity decay of the free enzyme was slightly
more pronounced at higher pH values, a feature also ob-
served by Nagatomo and co-workers [47]. This can be tenta-
tively ascribed to the protective role of the microenvironment
surrounding the biocatalyst.

Roughly similar patterns, where optimum pH profile is
not significantly altered with immobilization, were reported
previously [44, 47] Martino and co-workers, on the other
hand, observed a shift of the pH optimum from 5.0 to 4.0 as
result of immobilization in chitosan [46]. Chang and Juang
also reported a shift towards a more acidic environment as a
result of immobilization in chitosan-clay composites [40].

The enzymatic temperature-activity profile displayed
significant differences for the three forms of the biocatalyst
(Figure 3).

Lentikats biocatalyst proved effective up to 55◦C, with
no enzyme leakage observed, but above this temperature,
melting of the support was observed. This later behavior
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Figure 2: Effect of pH in the activity of free (triangle), sol-gel
(diamonds), and Lentikats (squares) immobilized β-glucosidase.
Bioconversion runs were performed at 50◦C.
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Figure 3: Effect of temperature in the activity of free (trian-
gles), sol-gel (diamonds), and Lentikats (squares) immobilized β-
glucosidase. Bioconversion runs were performed at pH 4.5.

was also reported [19] and prevented further evaluation of
this support at higher temperatures, namely, up to 65◦C
which could be considered the optimum temperature for the
activity of the free enzyme and sol-gel formulation. Above
this temperature, there is a sharp decay of activity of the free
enzyme, unlike what is observed for the sol-gel entrapped
enzyme, which still retains about 65% of the initial activity
at 80◦C. A similar pattern was observed by Nagatomo and
co-workers [47]. Chang and Juang also reported a higher
tolerance range to heat of the clay composite immobilized β-
glucosidase when compared to the free enzyme. The optimal
temperatures of free and immobilized enzymes were within
55◦C and 60◦C. [40]. Martino and co-workers [46] and
Synowiecki and Wołosowska [48] also reported an increased
tolerance towards heat as a result of immobilization albeit
without shifts in the optimal temperature.

3.3. Determination of Kinetic Parameters. The KM value of
the immobilized enzyme was increased around 2- and 4.8-
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Figure 4: Thermal stability of free (free, open symbols) and
Lentikats immobilized (LK, closed symbols) β-glucosidase. Runs
were performed at pH 4.5.

fold to sol-gel and Lentikats, respectively, when compared
with the KM of free enzyme (Table 1), suggesting that
the immobilization decreased the apparent affinity to the
substrate, most likely as a result of diffusion limitations.

A roughly 4-fold increase in the KM was also reported as
a result of β-glucosidase on chitosan [46]. Increased KM as
a result of immobilization was also reported for immobiliza-
tion of β-glucosidase on Eupergit C albeit cellobiose was used
as substrate [44].

3.4. Thermal and pH Stability. Thermal stability was im-
proved by immobilization in Lentikats, since after 3 hours
of incubation, no significant loss of activity was observed
irrespectively of the temperature used (Figure 4). An activity
decrease for the free form of the enzyme was observed for
temperatures in excess of 40◦C, particularly noticeable when
incubation was performed at 55◦C, where a roughly 40%
activity decay was observed after a 3-hour incubation period.
Furthermore, this result was marginally lower than when
incubation was performed under 45◦C and 50◦C.

The thermal stability of the sol-gel immobilized enzyme
was evaluated in a broader range of temperature (Figure 5),
given the higher physical stability of the sol-gel material
to temperature, as compared to Lentikats. However, the
stabilizing effect of the support was only noticeable for
the highest temperature tested. Thus, under incubation at
70◦C, the free enzyme was rapidly denatured, while the
immobilized enzyme still retained 20% of the initial activity
after 2 hours.

The immobilization support can have a protecting effect
which may result of the changes in the conformational
flexibility of the enzyme as an outcome of immobilization.
The immobilization step increases enzyme rigidity, com-
monly reflected by an increase in stability towards thermal
denaturation [49].

The pH stability was strongly improved following immo-
bilization with both methods (Figure 6).
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Table 1: Kinetic parameters for free and immobilized β-glucosidase. Standard deviation did not exceed 10%.

Biocatalyst
Lineweaver-Burk Hanes-Woolf Solver

KM (mM)
Vmax

(mM L−1 min−1)
KM (mM)

Vmax

(mM L−1 min−1)
KM (mM)

Vmax

(mM L−1 min−1)

Free enzyme 1.4 0.02 1.54 0.02 1.6 0.02

Sol-gel 5.0 0.44 8.06 0.20 7.33 0.63

Lentikats 12.0 0.27 6.14 0.58 4.16 0.17
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Figure 5: Thermal stability of free (free, open symbols) and sol-
gel immobilized (SG, closed symbols) β-glucosidase. Runs were
performed at pH 4.5.

The enzyme entrapped in Lentikats was more stable in
pH 4.0 and 4.5, with no significant activity decay, retaining
around 90% of relative activity after 3 hours. However in pH
5.0 the relative activity was 65%.

The behavior of the enzyme entrapped by the sol-gel
method was very similar for pH 4.0 and 4.5, retaining around
60% of relative activity after 3 hours. Incubation at pH 5.0
favored stability, because the final relative activity was about
75% of the initial value.

3.5. Operational Stability. The selected supports were reused
in consecutive 15 minutes batch runs using p-NPG synthetic
substrate as reaction medium, and the activity of the
immobilized enzyme established throughout the different
runs (Figure 7). The possibility of the reuse of immobilized
enzyme preparations is important, because this is a key
feature for the economic viability of bioprocesses anchored
in immobilized enzyme systems [50].

The different immobilized enzyme formulations tested
were stable for more than 10 batch runs, suggesting the
potential for application in systems with industrial relevance
(namely, cellobiose hydrolysis). Chang and Juang [40] also
reported on the possibility of the reuse of chitosan immobi-
lized β-glucosidase, but these authors performed the runs in
a clearly suboptimal temperature, 25◦C, whereas the optimal
temperature for activity was within 55◦C to 60◦C.
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Figure 6: pH stability of free, sol-gel, and Lentikats immobilized
β-glucosidase. Runs were performed at 55◦C.
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Figure 7: Effect of the repeated use of immobilized β-glucosidase
in sol-gel (diamonds) and Lentikats (squares) on relative activity.
Batch runs were performed at 50◦C and pH 5.0. Standard deviation
did not exceed 10%.

4. Conclusions

As a result of screening of different commercially available
supports and methodologies for the immobilization of β-
glucosidase, entrapment in sol-gel beads emerged as the most
promising approach although Lentikats lenses also displayed
potential for prospective applications. Neither method led to
cant changes in the pH/activity profile, but the activity decay
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of the free enzyme was slightly more pronounced for pH 6.
Entrapment in sol-gel did not result in significant changes
in the optimal temperature, but immobilization resulted in
a higher tolerance towards higher temperatures. Lentikats
could only be used in suboptimal temperatures, since lenses
were not physically stable beyond 55◦C. In both methods,
mass transfer limitations were observed, more noticeably in
Lentikats, possibly given the larger size of the particles. Both
methods enhanced the thermal stability of β-glucosidase,
and both supports were used in consecutive batch runs
without activity decay.

These results suggest that these methods have potential
for the use of immobilized β-glucosidase in industrially rel-
evant processes, namely, hydrolysis of cellobiose. Achieving
such goal will require further significant work in order to
evaluate the feasibility of these approaches under process
conditions using said substrate.
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Microbial cellulases have shown their potential application in various industries including pulp and paper, textile, laundry, biofuel
production, food and feed industry, brewing, and agriculture. Due to the complexity of enzyme system and immense industrial
potential, cellulases have been a potential candidate for research by both the academic and industrial research groups. Nowadays,
significant attentions have been devoted to the current knowledge of cellulase production and the challenges in cellulase research
especially in the direction of improving the process economics of various industries. Scientific and technological developments
and the future prospects for application of cellulases in different industries are discussed in this paper.

1. Introduction

Biotechnological conversion of cellulosic biomass is poten-
tially sustainable approach to develop novel bioprocesses
and products. Microbial cellulases have become the focal
biocatalysts due to their complex nature and wide spread
industrial applications. Cellulases are composed of inde-
pendently folding, structurally and functionally discrete
units called domains or modules, making cellulases module
[1]. Cellulases are inducible enzymes synthesized by a
large diversity of microorganisms including both fungi and
bacteria during their growth on cellulosic materials (Table 1)
[2, 3]. These microorganisms can be aerobic, anaerobic,
mesophilic or thermophilic. Among them, the genera of
Clostridium, Cellulomonas, Thermomonospora, Trichoderma,
and Aspergillus are the most extensively studied cellulase
producer [4–7].

Structurally fungal cellulases are simpler as compared
to bacterial cellulase systems, cellulosomes [8–10]. Fungal
cellulases typically have two separate domains: a catalytic
domain (CD) and a cellulose binding module (CBM),
which is joined by a short polylinker region to the catalytic
domain at the N-terminal. The CBM is comprised of
approximately 35 amino acids, and the linker region is
rich in serine and threonine. The main difference between
cellulosomes and free cellulase enzyme is in the component

of cellulosomes-cohesin containing scaffolding and dockerin
containing enzyme. The free cellulase contains cellulose
binding domains (CBMs), which are replaced by a dockerin
in cellulosomal complex, and a single scaffolding-born CBM
directs the entire cellulosomes complex to cellulosic biomass
[11, 12].

Mechanistically, cellulase is a family of at least 3 groups of
enzymes [10, 13–15], endo-(1,4)-β-D-glucanase (EC 3.2.1.4)
exo-(1,4)-β-D-glucanase (EC 3.2.1.91), and β-glucosidases
(EC 3.2.1.21). The exoglucanase (CBH) acts on the ends
of the cellulose chain and releases β-cellobiose as the
end product; endoglucanase (EG) randomly attacks the
internal O-glycosidic bonds, resulting in glucan chains of
different lengths; and the β-glycosidases act specifically on
the β-cellobiose disaccharides and produce glucose [8, 16].
Although the mechanism of cellulose degradation by aerobic
bacteria is similar to that of aerobic fungi, it is clear that
anaerobic bacteria operate on a different system [10, 11].
Cellulosomes located on the cell surface mediate adherence
of anaerobic cellulolytic bacteria to the substrate, which
thereafter undergo a supramolecular reorganization, so that
the cellulosomal subunits redistribute to interact with the
different target substrates [12].

Cellulases have been commercially available for more
than 30 years, and these enzymes have represented a target
for both academic as well as industrial research [16, 17].
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Table 1: Microorganisms having cellulolytic abilities.

Fungi

Soft rot fungi

Aspergillus niger; A. nidulans; A. oryzae; A. terreus; Fusarium solani; F. oxysporum; Humicola insolens; H.
grisea; Melanocarpus albomyces; Penicillium brasilianum; P. occitanis; P. decumbans; Trichoderma reesei; T.
longibrachiatum; T. harzianum; Chaetomium cellulyticum; C. thermophilum; Neurospora crassa; P. fumigosum;
Thermoascus aurantiacus; Mucor circinelloides; P. janthinellum; Paecilomyces inflatus; P. echinulatum; Trichoderma
atroviride

Brown rot fungi

Coniophora puteana; Lanzites trabeum; Poria placenta; Tyromyces palustris; Fomitopsis sp.

White rot fungi

Phanerochaete chrysosporium; Sporotrichum thermophile; Trametes versicolor; Agaricus arvensis; Pleurotus
ostreatus; Phlebia gigantea

Bacteria

Aerobic bacteria

Acinetobacter junii; A. amitratus; Acidothermus cellulolyticus; Anoxybacillus sp.; Bacillus subtilis; B. pumilus; B.
amyloliquefaciens; B. licheniformis; B. circulan; B. flexus; Bacteriodes sp.; Cellulomonas biazotea; Cellvibrio gilvus;
Eubacterium cellulosolvens; Geobacillus sp.; Microbispora bispora; Paenibacillus curdlanolyticus; Pseudomonas
cellulosa; Salinivibrio sp.; Rhodothermus marinus

Anaerobic bacteria

Acetivibrio cellulolyticus; Butyrivibrio fibrisolvens; Clostridium thermocellum; C. cellulolyticum; C. acetobutylium;
C. papyrosolvens; Fibrobacter succinogenes; Ruminococcus albus

Actinomycetes Cellulomonas fimi; C. bioazotea; C. uda; Streptomyces drozdowiczii; S. lividans; Thermomonospora fusca; T. curvata

Basic and applied studies on cellulolytic enzymes have
demonstrated their biotechnological potential in various
industries including food, animal feed, brewing and wine
making, agriculture, biomass refining, pulp and paper, tex-
tile, and laundry. In the present paper, the potent industrial
applications of cellulases have been critically reviewed.

2. Application of Cellulases in
Various Industries

Microbial cellulases find applications in various industries as
shown in Table 2.

2.1. Pulp and Paper Industry. Interest in the application
of cellulases in the pulp and paper industry has increased
considerably during the last decade [18]. The mechanical
pulping processes such as refining and grinding of the woody
raw material lead to pulps with high content of fines, bulk,
and stiffness. While in contrast, biomechanical pulping using
cellulases resulted in substantial energy savings (20–40%)
during refining and improvements in hand-sheet strength
properties [17, 19–21].

Mixtures of cellulases (endoglucanases I and II) and
hemicellulases have also been used for biomodification of
fiber properties with the aim of improving drainage and
beatability in the paper mills before or after beating of pulp
[22]. Mansfield et al. [23] studied the action of a commer-
cial cellulase preparation on different fractions of Douglas
fir kraft pulp and observed that the cellulase treatment
decreased the defibrillation reducing the fibre coarseness.
While endoglucanases have the ability to decrease the pulp
viscosity with a lower degree of hydrolysis [24], cellulases
have also been reported to enhance the bleachability of

softwood kraft pulp producing a final brightness score
comparable to that of xylanase treatment [17, 25].

Cellulases alone, or used in combination with xylanases,
are beneficial for deinking of different types of paper
wastes. Most applications proposed so far use cellulases
and hemicellulases for the release of ink from the fiber
surface by partial hydrolysis of carbohydrate molecules [26].
It has been postulated that improvements in dewatering
and deinking of various pulps result in the peeling of the
individual fibrils and bundles, which have high affinity for
the surrounding water and ink particles [27]. The main
advantages of enzymatic deinking are reduced or eliminated
alkali usage, improved fiber brightness, enhanced strength
properties, higher pulp freeness and cleanliness, and reduced
fine particles in the pulp [26, 28]. Moreover, deinking
using enzymes at acidic pH also prevents the alkaline
yellowing, simplifies the deinking process, changes the ink
particle size distribution, and reduces the environmental
pollution. Although enzymatic deinking can lower the need
for deinking chemicals and reduce the adverse environmental
impacts of the paper industry [29], the excessive use of
enzymes must be avoided [29], because significant hydrolysis
of the fines could reduce the bondability of the fibers [30].

Interestingly, the use of cellulases in improving the
drainage has also been pursued by several mills with the
objective to increase the production rate. Enzyme treatments
remove some of the fines or peel off fibrils on the fiber
surface and dissolved and colloidal substances, which often
cause severe drainage problems in paper mills. In this
aspect, cellulases have shown considerable improvement in
the overall performance of paper mills [21, 31]. Enzymatic
treatment also destabilizes the lipophilic extractives in the
filtrates and facilitates their attachment to thermomechanical
pulping fibers. These enzymes are also used in preparation of
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Table 2: Applications of cellulases in various industries.

Industry Applications

Agriculture
Plant pathogen and disease control; generation of plant and fungal protoplasts; enhanced seed germination and
improved root system; enhanced plant growth and flowering; improved soil quality; reduced dependence on
mineral fertilizers

Bioconversion
Conversion of cellulosic materials to ethanol, other solvents, organic acids and single cell protein, and lipids;
production of energy-rich animal feed; improved nutritional quality of animal feed; improved ruminant
performance; improved feed digestion and absorption; preservation of high quality fodder

Detergents
Cellulase-based detergents; superior cleaning action without damaging fibers; improved color brightness and
dirt removal; remove of rough protuberances in cotton fabrics; antiredeposition of ink particles

Fermentation
Improved malting and mashing; improved pressing and color extraction of grapes; improved aroma of wines;
improved primary fermentation and quality of beer; improved viscosity and filterability of wort; improved must
clarification in wine production; improved filtration rate and wine stability

Food

Release of the antioxidants from fruit and vegetable pomace; improvement of yields in starch and protein
extraction; improved maceration, pressing, and color extraction of fruits and vegetables; clarification of fruit
juices; improved texture and quality of bakery products; improved viscosity fruit purees; improved texture,
flavor, aroma, and volatile properties of fruits and vegetables; controlled bitterness of citrus fruits

Pulp and Paper

Coadditive in pulp bleaching; biomechanical pulping; improved draining; enzymatic deinking; reduced energy
requirement; reduced chlorine requirement; improved fiber brightness, strength properties, and pulp freeness
and cleanliness; improved drainage in paper mills; production of biodegradable cardboard, paper towels, and
sanitary paper

Textile
Biostoning of jeans; biopolishing of textile fibers; improved fabrics quality; improved absorbance property
of fibers; softening of garments; improved stability of cellulosic fabrics; removal of excess dye from fabrics;
restoration of colour brightness

Others
Improved carotenoids extraction; improved oxidation and colour stability of carotenoids; improved olive oil
extraction; improved malaxation of olive paste; improved quality of olive oil; reduced risk of biomass waste;
production of hybrid molecules; production of designer cellulosomes

easily biodegradable cardboard [32], manufacturing of soft
paper including paper towels and sanitary paper [33, 34], and
removal of adhered paper [35].

2.2. Textile Industry. Cellulases are the most successful
enzymes used in textile wet processing, especially finishing
of cellulose-based textiles, with the goal of improved hand
and appearance [36, 37]. Traditional stonewashing of jeans
involves amylase-mediated removal of starch coating (desiz-
ing) and treatment (abrasion) of jeans with pumice stone
(1-2 kg/pair of jeans) in large washing machines. Cellulases
have been successfully used for the biostoning of jeans and
biopolishing of cotton and other cellulosic fabrics. During
the biostoning process, cellulases act on the cotton fabric
and break off the small fiber ends on the yarn surface,
thereby loosening the dye, which is easily removed by
mechanical abrasion in the wash cycle. The advantages in the
replacement of pumice stones by a cellulose-based treatment
include less damage of fibers, increased productivity of the
machines, and less work-intensive and environment benign
[5, 17, 38, 39].

While the biopolishing is usually carried out during
the wet processing stages, which include desizing, scour-
ing, bleaching, dyeing, and finishing. The acidic cellulases
improve softness and water absorbance property of fibres,
strongly reduce the tendency for pill formation, and provide
a cleaner surface structure with less fuzz [40]. Cellulase
preparations rich in endoglucanases are best suited for
biopolishing enhancing fabric look, feel, and color without

needing any chemical coating of fibers [39]. The action
of cellulases removes short fibers, surface fuzziness, cre-
ates a smooth and glossy appearance, and improves color
brightness, hydrophilicity and moisture absorbance, and
environmentally friendly process [21].

Similarly, endoglucanase activity-rich cellulase is also
proved better for biofinishing. Most cotton or cotton-
blended garments, during repeated washing, tend to become
fluffy and dull, which is mainly due to the presence of
partially detached microfibrils on the surface of garments.
The use of cellulases can remove these microfibrils and
restore a smooth surface and original color to the garments
[36, 41]. The use of cellulase also helps in softening the
garments and in removal of dirt particles trapped within the
microfibril network.

Interestingly, there are several reports where the per-
formance of the whole cellulase preparations was quite
different from the enzyme rich in endoglucanase activity,
and that the latter offered better performance in applications
where losses in fabric strength and weight were minimum.
Depilling/cleaning and/or ageing effects are the result of
the synergistic action of cellulases and mechanical action,
simultaneously or sequentially [42]. Attempts have also been
made via cellulases treatment to improve the dimensional
stability of cellulosic fabrics and to upgrade the surface and
dyeing properties of bleached cotton, mercerized cotton,
and cotton/polyester blend fabric (50/50), using the pad-
wet batch technique, followed by subsequent washing under
mechanical action [41, 43].
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2.3. Bioethanol Industry. Enzymatic saccharification of lig-
nocellulosic materials such as sugarcane bagasse, corncob,
rice straw, Prosopis juliflora, Lantana camara, switch grass,
saw dust, and forest residues by cellulases for biofuel pro-
duction is perhaps the most popular application currently
being investigated [5, 6, 44]. Bioconversion of lignocel-
lulosic materials into useful and higher value products
normally requires multistep processes [6, 45, 46]. These
processes include; pretreatment (mechanical, chemical, or
biological), hydrolysis of the polymers to produce readily
metabolizable molecules (e.g., hexose and pentose sugars),
bioconversion of these smaller molecules to support micro-
bial growth and/or produce chemical products, and the
separation and purification of the desired products. The
utility cost of enzymatic hydrolysis may be low compared
with acid or alkaline hydrolysis because enzyme hydrolysis
is usually conducted at mild conditions (pH 4–6 and
temperature 45–50◦C) and does not have corrosion issues
[26, 44].

Technologies are currently available for all steps in
the bioconversion of lignocellulosics to ethanol and other
chemical products [4, 13, 47, 48]. However, some of these
technologies must be improved to produce renewable biofuel
and other byproducts at prices, which can compete with
more conventional production systems. Not only the recal-
citrance of the substrate, but also several other factors that
also limit cellulase efficiency during the hydrolysis process
including end product inhibition, thermal deactivation of
the native protein, nonspecific binding to lignin [49], and
irreversible adsorption of the enzymes to the heterogeneous
substrate [50].

To reduce the enzyme cost in the production of fuel
ethanol from lignocellulosic biomass, two aspects are widely
addressed: optimization of the cellulase production and
development of a more efficient cellulase-based catalysis sys-
tem. Protein engineering and directed evolution are powerful
tools that can facilitate the development of more efficient
thermophilic cellulases [42]. Strategies for recycling and
reusage of the enzymes may also be used to reduce enzymatic
hydrolysis costs [4, 48, 51, 52]. The recovery of enzymes is
largely influenced by adsorption of the enzymes onto the
substrate, especially to lignin and enzyme inactivation. There
are several reports where the nonspecific and irreversible
adsorption of cellulase to lignin has been observed [53, 54].
Besides, there are also reports where the compounds that
mimic cellulose or the compounds have high affinity towards
lignin have been used to prevent the adsorption of cellulases
to lignin [55, 56]. Moreover, recently Scott and coworkers
[57] have filed a US patent (20100221778) on novel lignin-
resistant cellulase enzyme, in which linker peptides have
been modified to prevent their adsorption onto lignin and
enhance the enzyme activity. Among different strategies to
recover and reuse the cellulases are concentration of the
cellulose fraction by ultrafiltration to remove sugars and
other small compounds that may inhibit the action of the
enzymes [58] and recycling of immobilized enzymes, which
enables separation of the enzymes from the process flow
[48, 59]. However, the recycling techniques are mostly tested
at laboratory scale. Therefore, the ability to scale up the

techniques, the robustness, and feasibility still needs to be
demonstrated.

2.4. Wine and Brewery Industry. Microbial glucanases and
related polysaccharides play important roles in fermentation
processes to produce alcoholic beverages including beers and
wines [5, 17, 39, 60]. These enzymes can improve both
quality and yields of the fermented products [60]. Glucanases
are added either during mashing or primary fermentation to
hydrolyze glucan, reduce the viscosity of wort, and improve
the filterability [60, 61].

In wine production, enzymes such as pectinases, glu-
canases, and hemicellulases play an important role by
improving color extraction, skin maceration, must clarifi-
cation, filtration, and finally the wine quality and stability
[17, 39]. β-Glucosidases can improve the aroma of wines by
modifying glycosylated precursors. Macerating enzymes also
improve pressability, settling, and juice yields of grapes used
for wine fermentation. A number of commercial enzyme
preparations are now available to the wine industry. The
main benefits of using these enzymes during wine making
include better maceration, improved color extraction, easy
clarification, easy filtration, improved wine quality, and
improved stability [39].

Beer brewing is based on the action of enzymes activated
during malting and fermentation. Malting of barley depends
on seed germination, which initiates the biosynthesis and
activation of α- and β-amylases, carboxypeptidase, and β-
glucanase that hydrolyze the seed reserves [60]. In an earlier
study, Oksanen et al. [62] observed that endoglucanase II
and exoglucanase II of the Trichoderma cellulase system
were responsible for a maximum reduction in the degree of
polymerization and wort viscosity.

Significant and reproducible improvements in grape
pressability, settling rate, and total juice yield were achieved
using a combination of macerating enzymes. Such improve-
ments were noticeable only with a correct balance of
pectinases, cellulases, and hemicellulases. Using three vari-
eties (Soave, Chardonnay, and Sauvignon) of white grapes,
Galante et al. [39] assessed the performance of Cytolase
219 (mixture of cellulase, pectinase, and xylanase) in wine
making and reported a 10–35% increase in the extraction of
the first wine must, a 70–80% increase in the must filtration
rate, 50–120 minutes decrease in pressing time, 30–70%
decrease in must viscosity, 20–40% saving of energy during
cooling of fermenter, and a significant improvement in wine
stability. A range of improved enzymes like cellulase and
pectinase that would be exogenously added to the process
are expected to enhance the productivity of existing brewing
processes in future [60].

2.5. Food Processing Industry. Cellulases have a wide range
of potential applications in food biotechnology as well. The
production of fruit and vegetable juices requires improved
methods for extraction, clarification, and stabilization. Cel-
lulases also have an important application as a part of
macerating enzymes complex (cellulases, xylanases, and
pectinases) used for extraction and clarification of fruit
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and vegetable juices to increase the yield of juices [63, 64].
The use of macerating enzymes increases both yield and
process performance without additional capital investment.
The macerating enzymes are used to improve cloud stability
and texture and decrease viscosity of the nectars and purees
from tropical fruits such as mango, peach, papaya, plum,
apricot, and pear [5, 17, 21, 64]. Texture, flavor, and aroma
properties of fruits and vegetables can be improved by
reducing excessive bitterness of citrus fruits by infusion
of enzymes such as pectinases and β-glucosidases [65–
67]. Enzyme mixtures containing pectinases, cellulases, and
hemicellulases are also used for improved extraction of olive
oil. Use of macerating enzymes not only improves the cloud
stability and texture of nectars and purees, but also decreases
their viscosity rapidly [68]. Thus, the macerating enzymes,
composed of mainly cellulase and pectinase, play a key role in
food biotechnology, and their demand will likely increase for
extraction of juice from a wide range of fruits and vegetables
[59]. Furthermore, infusion of pectinases and β-glucosidases
has also shown to alter the texture, flavor, and other sensory
properties such as aroma and volatile characteristics of fruits
and vegetables [17, 21, 37, 69, 70].

2.6. Animal Feed Industry. Applications of cellulases and
hemicellulases in the feed industry have received consider-
able attention because of their potential to improve feed
value and performance of animals [71]. Pretreatment of
agricultural silage and grain feed by cellulases or xylanases
can improve its nutritional value [72]. The enzymes can also
eliminate antinutritional factors present in the feed grains,
degrade certain feed constituents to improve the nutritional
value, and provide supplementary digestive enzymes such
as proteases, amylases, and glucanases. For instance, the
dietary fiber consists of nonstarch polysaccharides such as
arabinoxylans, cellulose, and many other plant components
including resistant dextrins, inulin, lignin, waxes, chitins,
pectins, β-glucan, and oligosaccharides, which can act as
anti-nutritional factor for several animals such as swine [73]
(http://www.nal.usda.gov/fnic/DRI//DRI Energy/339-421
.pdf). In this case, the cellulases effectively hydrolyse the
anti-nutritional factor, cellulose, in the feed materials into
easily absorbent ingredient thus improve animal health and
performance [74] http://www.kdnbiotech.com/en/product
list.aspx?id=10101.

β-Glucanases and xylanases have been used in the feed of
monogastric animals to hydrolyze nonstarch polysaccharides
such as β-glucans and arabinoxylans. Cellulases, used as feed
additives alone or with proteases, can significantly improve
the quality of pork meat. Glucanases and xylanases reduce
viscosity of high fibre rye- and barley-based feeds in poultry
and pig. These enzymes can also cause weight gain in
chickens and piglets by improving digestion and absorption
of feed materials [17, 21, 37, 75, 76].

Most low-quality feedstuffs contain higher concentra-
tions of cellulose, small amounts of protein and fat, and
relatively high ash contents when compared with high-
quality feedstuffs. Cellulases can be used to improve silage
production for cattle feeding, which involves enhancement
of the digestibility of grasses containing large amounts

of potentially total digestible nutrients and energy values
together with only small amounts of water-soluble car-
bohydrates. The forage diet of ruminants, which contains
cellulose, hemicellulose, pectin, and lignin, is more complex
than the cereal-based diet of poultry and pigs. Enzyme prepa-
rations containing high levels of cellulase, hemicellulase, and
pectinase have been used to improve the nutritive quality of
forages [77, 78]. Nevertheless, the results with the addition of
enzyme preparations containing cellulase, hemicellulase and
pectinase to ruminant diet are somewhat inconsistent.

Animal feedstock production processes generally include
heat treatments that inactivate potential viral and microbial
contaminants. Application of thermophilic cellulase in feed-
stock production has the potential to reduce pathogens as
well as to enhance digestibility and nutrition of the feed,
thereby facilitating a combination of heat treatment and
feed transformation in a single step [21]. The cellulases
and hemicellulases are responsible for partial hydrolysis of
lignocellulosic materials, dehulling of cereal grains, hydrol-
ysis of β-glucans, and better emulsification and flexibility
of feed materials, which results in the improvement in the
nutritional quality of animal feed [39–80]. Moreover, these
enzymes can cause partial hydrolysis of plant cell wall during
silage and fodder preservation.

The use of enzymes in animal nutrition became more
important after the prohibition of using some nutritive
ionophore antibiotics, which were previously used in the EU
countries [73]. There is a large variation in the digestibility
of starch origins. The low digestibility of some starches
promotes the appearance of some digestive tract diseases
because the nondigested and nonabsorbed starch reaching
the large intestine can act as a substrate for bacterial
fermentation supporting the proliferation of some poten-
tially hazardous pathogenic bacteria [81, 82]. Cellulases
have a positive effect on the caecal fermentation processes
by increasing the production of propionic acid, which
act as a bacteriostatic material and thus can decrease the
colonization of pathogenic bacteria [81, 83].

2.7. Agricultural Industries. Various enzyme preparations
consisting of different combinations of cellulases, hemi-
cellulases, and pectinases have potential applications in
agriculture for enhancing growth of crops and controlling
plant diseases [21, 84]. Plant or fungal protoplasts produced
using microbial hydrolases can be used to produce hybrid
strains with desirable properties. Cellulases and related
enzymes from certain fungi are capable of degrading the
cell wall of plant pathogens in controlling the plant dis-
ease [21]. Fungal β-glucanases are capable of controlling
diseases by degrading cell walls of plant pathogens. Many
cellulolytic fungi including Trichoderma sp., Geocladium sp.,
Chaetomium sp., and Penicillium sp. are known to play a key
role in agriculture by facilitating enhanced seed germination,
rapid plant growth and flowering, improved root system and
increased crop yields [85–87]. Although these fungi have
both direct (probably through growth-promoting diffusible
factor) and indirect (by controlling the plant disease and
pathogens) effects on plants [85, 86], it is not yet clear
how these fungi facilitate the improved plant performance.
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It has been reported that β-1,3-glucanase and N-acetyl-
glucosaminidase from T. harzianum strain P1 synergistically
inhibited the spore germination and germ tube elongation
of B. cinerea [88]. Moreover, the exoglucanase promoters
of Trichoderma are used for the expression of the different
proteins, enzymes, and antibodies in large amount. The
exoglucanase promoters of Trichoderma have been used
for the expression of chymosin [89] and other proteins:
glucoamylase, lignin peroxidase, and laccase [90–92].

Cellulases have also been used for the improvement
of the soil quality. Traditionally straw incorporation is
considered an important strategy to improve soil quality
and reduce dependence on mineral fertilizers [93, 94]. Many
studies have attempted to hasten straw decomposition via
microbial routes. Cellulolytic fungi applications such as
Aspergillus, Chaetomium, and Trichoderma, [95, 96], and
actinomycetes [97] have shown promising results. Fontaine
et al. [98] showed that exogenous cellulase supplementation
accelerated decomposition of cellulose in soil. Therefore,
using exogenous cellulase may be a potential means to
accelerate straw decomposition and increase soil fertility
[99].

2.8. Olive Oil Extraction. In recent years, extraction of
olive oil has attracted the interest of international market
because of its numerous health claims. Extraction of olive
oil involves (1) crushing and grinding of olives in a stone
or hammer mill; (2) passing the minced olive paste through
a series of malaxeurs and horizontal decanters; (3) high-
speed centrifugation to recover the oil [39]. To produce high-
quality olive oil, freshly picked, clean, and slightly immature
fruits have been used under cold pressing conditions [39,
100]. However, high yields have been obtained with fully
ripened fruit, when processed at higher than ambient
temperatures, but this resulted in oil with high acidity,
rancidity, and poor aroma [39]. Hence, an improved method
for the extraction of high-quality olive oil was needed
to meet the growing consumer demand. The commercial
enzyme preparation, Olivex (a pectinase preparation with
cellulase and hemicellulase from Aspergillus aculeatus), was
the first enzyme mixture used to improve the extraction
of olive oil [101]. Furthermore, the use of macerating
enzymes increased the antioxidants in extravirgin olive oil
and reduced the induction of rancidity [39]. The main
advantages of using macerating enzymes during olive oil
extraction are (1) increased extraction (up to 2 kg oil per
100 kg olives) under cold processing conditions; (2) better
centrifugal fractionation of the oily must; (3) oil with high
levels of antioxidants and vitamin E; (4) slow induction
of rancidity; (5) overall improvement in plant efficiency;
(6) low oil content in the waste water [39]. Likewise, the
macerating enzymes could play a prominent role in the
extraction of oils from other agricultural oilseed crops.

These enzymes can also be used during olive paste
malaxation. The presence of collateral activities of a cellulase
and hemicellulase nature of the enzymatic formulation
guarantees a rapid and intense disintegration of the cell
walls and membranes of the olive fruits, thereby favoring
the passage of noble substances (particularly the polyphenols

and aromatic precursors) into the final product. It is also
used to decrease olive paste viscosity in olive oil production
and to intensify the process of extracting the polyphenolic
substances contained in the olive fruit [102]. It is necessary
to underline that the selected enzymes are naturally present
inside the olive fruit, but they are strongly deactivated during
the critical pressing step, probably because of oxidation
phenomena [103]. So, the replacement of these enzymes is
expected to be appropriate in relation with the role they play
in determining the final product quality [100].

2.9. Carotenoid Extraction. Carotenoids are the main group
of coloring substances in nature being responsible for many
plant colors from red to yellow [104]. There is a continuously
growing market for carotenoids as food colorants due to
their desirable properties, such as their natural origin,
null toxicity, and high versatility, providing both lipo- and
hydrosoluble colorants with colors ranging from yellow to
red [104]. In addition, provitamin A activity, a role in
lipid oxidation, and anticarcinogenic properties are very
important biological functions of these pigments [104].

Usually a combination of cellulolytic and pectinolytic
enzymes accelerates the rate of hydrolysis for achieving
complete liquefaction. Cellulase randomly splits cellulose
chains into glucose whereas commercial pectinase prepa-
rations from Aspergillus niger have pectinesterase (PE),
polygalacturonase (PG), and pectin lyase (PL) activity [104,
105]. The use of pectinase and cellulase enzymes disrupts
the cell wall of orange peel, sweet potato and carrot, and
releases the carotenoids in the chloroplasts and in cell fluids.
These pigments remain in their natural state still bound with
proteins. This bonded structure prevents pigment oxidation
and also affects color stability [104, 106], whereas solvent
extraction dissociates the pigments from the proteins and
causes water insolubility and ease of oxidation [104, 107].

2.10. Detergent Industry. Use of cellulases along with pro-
tease and lipase in the detergents is a more recent innovation
in this industry [17]. Cellulase preparations capable of
modifying cellulose fibrils can improve color brightness,
feel, and dirt removal from the cotton blend garments. The
industrial application of alkaline cellulases as a potential
detergent additive is being actively pursued with a view to
selectively contact the cellulose within the interior of fibers
and remove soil in the interfibril spaces in the presence of the
more conventional detergent ingredients [5, 17]. Nowadays,
liquid laundry detergent containing anionic or nonionic
surfactant, citric acid or a water-soluble salt, protease,
cellulose, and a mixture of propanediol and boric acid or its
derivative has been used to improve the stability of cellulases.
As most of the cellulose fibers in the modern textile industry
enzymes are used increasingly in the finishing of fabrics and
clothes are arranged as long, straight chains of some small
fibers can protrude from the yarn or fabric. The cellulases are
applied to remove these rough protuberances for a smoother,
glossier, and brighter-colored fabric [37].

2.11. Waste Management. The wastes generated from forests,
agricultural fields, and agroindustries contain a large amount
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of unutilized or underutilized cellulose, causing environ-
mental pollution [108, 109]. Nowadays, these so-called
wastes are judiciously utilized to produce valuable products
such as enzymes, sugars, biofuels, chemicals, cheap energy
sources for fermentation, improved animal feeds, and human
nutrients [6, 13, 37, 44, 69, 110, 111].

3. Conclusions

The biological aspects of processing of cellulosic biomass
become the crux of future research involving cellulases and
cellulolytic microorganisms. Cellulases are being commer-
cially produced by several industries globally and are widely
being used in food, animal feed, fermentation, agriculture,
pulp and paper, and textile applications. With modern
biotechnology tools, especially in the area of microbial
genetics, novel enzymes and new enzyme applications will
become available for the various industries. Improvements
in cellulase activities or imparting of desired features to
enzymes by protein engineering are probably other areas
where cellulase research has to advance.
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[18] C. Mai, U. Kües, and H. Militz, “Biotechnology in the wood
industry,” Applied Microbiology and Biotechnology, vol. 63,
no. 5, pp. 477–494, 2004.

[19] M. Akhtar, “Biochemical pulping of aspen wood chips with
three strains of Ceriporiopsis subvermispora,” Holzforschung,
vol. 48, pp. 199–202, 1994.

[20] J. Pere, A. Puolakka, P. Nousiainen, and J. Buchert, “Action
of purified Trichoderma reesei cellulases on cotton fibers and
yarn,” Journal of Biotechnology, vol. 89, no. 2-3, pp. 247–255,
2001.

[21] M. K. Bhat, “Cellulases and related enzymes in biotechnol-
ogy,” Biotechnology Advances, vol. 18, no. 5, pp. 355–383,
2000.
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Cross-linked enzyme aggregates (CLEAs) have emerged as interesting biocatalyst design for immobilization. These new generation
enzyme biocatalysts, CLEAs, in addition to exhibiting good mechanical stability, can be highly active, since they do not include
large amounts of foreign particulate nonenzymatic material and may have increased stability. Naringinase (NGase) is an enzyme
complex with high potential in pharmaceutical and food industries. In fact, NGase can be used in the biotransformation of
steroids, of antibiotics and mainly on glycosides hydrolysis. In this paper, the formation of CLEAs was tried using ammonium
sulphate, polyethylene glycol 6000 and tert-butyl alcohol as precipitant agents and glutaraldehyde as cross-linking agent, at
different pH, time, and temperature conditions. However, among the precipitant agents tested, only tert-butyl alcohol cross-
linked with glutaraldehyde allowed the formation of CLEAs, at pH 4.0 and at temperature between 7 and 10◦C. Different enzyme
loadings were tested. The NGase-CLEAs were highly effective in naringin hydrolysis. The operational stability of the NGase-CLEAs
aggregates was studied through six successive reutilizations.

1. Introduction

Cross-linked enzyme aggregates (CLEAs) have emerged as
interesting biocatalysts design for immobilization. Addition-
ally, since precipitation can be used on the purification of
enzymes, and on the preparation of CLEAs, this technique
may integrate in a single/or reduced operation: enzyme
purification and immobilization.

This new generation of biocatalysts, CLEAs, in addition
to exhibiting good mechanical stability, can be highly
active, since they do not include large amounts of foreign
particulate nonenzymatic material and may have increased
stability. The CLEAs technology present many advantages
on different applications, as it is simple and amenable to
rapid optimization, leading to low costs and short time-
to-market processes. The self-immobilization techniques of
CLEAs are referred to as providing higher volumetric and
specific activity.

The cross-linking agents such as glutaraldehyde, ethylene
polymers and aldehyde dextran, bind to the enzymes without
the need for support when they are close [1–3].

Immobilization by cross-linked enzyme aggregates
(CLEAs) involves the precipitation mechanism of enzymes
by salting out, addition of nonionic polymers or mixture of
solvents. The most common used precipitating agents are
ammonium sulphate, polyethylene glycol (PEG 6000, PEG
8000), or ter-butyl alcohol among others [3, 4].

Therefore, the formation of CLEAS comprises two
distinct steps. The first involves the physical aggregation of
the enzyme by nondenaturing methods, to further establish
the chemical bonds between the enzymes by cross-linked via
cross-linking agents [1, 3–5]. Precipitation, by the addition
of salts, organic solvents, or nonionic polymers to aqueous
solutions of proteins, is a commonly used method for
protein purification [1]. The resulting physical aggregates
of enzyme molecules are supramolecular structures that are
held together by noncovalent bonding and can be easily
redissolved in water. The formation of CLEAs is based on the
reaction between glutaraldehyde or other cross-linking agent
and the NH2 groups located on the surface of the enzyme,
leading to formation of insoluble aggregates, stable and
catalytically active [2–6]. Due to the different biochemical
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and structural properties of proteins the best precipitant and
cross-linker can vary from one enzyme to another.

The nature of the enzyme, the residues of serine and
lysine mainly present in the enzyme protein, the number
of protein subunits are among the many factors that
influence the formation of CLEAs [1, 5, 6]. In addition
to the properties of enzymes, the mode and duration of
the precipitation process, the concentration of cross-linking
agent, and the conditions of temperature and pH are other
factors with great importance [1, 5].

This method of immobilization can lead to changes in
enzyme activity due to the establishment of chemical bonds
that can alter the enzyme structure and lead to a loss or
increase in activity [1, 5]. These modifications may be used to
model the selectivity of the enzyme for a particular substrate
or product formation, or lead to a change in the main
use of the enzyme [1, 2, 5]. In fact, it is not unusual to
have a modification of enzyme activity and selectivity when
resorting to the formation of CLEAs, which may lead to
different applicant with additional benefit in the stabilization
of enzymes, including their three-dimensional structure [1,
2, 4, 5].

Therefore, the technology of CLEAs an alternative immo-
bilization procedure has several advantages in the industrial
context and appears as a simple, economical, and easy
optimization for the immobilization of enzymes, allowing
the selection and retention of enzymatic activity in aqueous
media and within a wide range of pH and temperature
[5, 7, 8].

Naringinase is an enzyme complex obtained from fungi
such as Penicillium decumbens, Aspergillus sp. Aspergillus
niger, Aspergillus oryzae, or Rhizopus nigricans. It is a
heterodimer of 168 kDa composed of two subunits, the α-
L-ramnosidase and β-D-glucosidase [9, 10]. The hydrolysis
of naringin into prunin liberates one molecule of rhamnose
while the hydrolysis of prunin into naringenin liberates one
molecule of glucose.

The high cost of naringinase production has limited its
industrial application. To overcome this problem, the cloning
and expression of the gene for α-L-rhamnosidase in E. coli are
very promising [11], increasing the potential applications in
pharmaceutical and food industries [9, 12–15]. Naringinase
can be used in the biotransformation of steroids, antibiotics,
and mainly on glycosides hydrolysis. Among flavonoids,
naringin can be hydrolyzed by naringinase to naringenin
and to the reducing sugars ramnose and glucose. Naringin,
the substrate used in this bioconversion, and the product,
its aglycone, naringenin, are compounds with important
biological and pharmacological activities, such as anti-
oxidant, anti-inflammatory, or anticancer. Simultaneously,
naringinase enables sweeten fruit juices, as naringin has a
bitter taste and naringenin is tasteless, maintaining product
stability, organoleptic characteristics, and other inherent
properties of antioxidant compounds, leading to increased
business value [9, 10, 16].

The purpose of this work was the development and
optimization of biocatalysts using the immobilization in
cross-link aggregates (CLEAs). This work, using as model
system the hydrolysis of naringin to naringenin and reducing

sugars with naringinase encapsulated in CLEAs, aims to
provide a suitable approach on selecting a suitable set of
precipitant, cross-linking and polymerization agents, and
conditions to enzyme immobilization.

2. Materials and Methods

2.1. Enzyme and Chemicals. Naringinase (CAS no. 9068-31-
9, cat. No. 1385) from Penicillium decumbens was obtained
from Sigma-Aldrich and stored at −20◦C. The lyophilized
naringinase (NGase) was dissolved in the appropriate buffer
solution and kept at 4◦C until use. Naringin and naringenin
were obtained from Sigma-Aldrich, St. Louis, Mo, USA. All
other reagents used were of analytical grade and obtained
from different sources.

2.2. Analytical Methods. The reducing sugars concentra-
tion was determined using the dinitrosalicylic acid (DNS)
microassay at λ = 545 nm (BioPhotometer spectrophotome-
ter) [17].

The protein content was determined using Bradford
microassay, from Bio-Rad protein procedure, at λ = 595 nm
(BioPhotometer spectrophotometer), using a naringinase
calibration curve [18].

2.3. Preparation of CLEAs. The formation of NGase-CLEAs
was tried using the precipitant agents, ammonium sulphate,
polyethylene glycol 6000 and alcohol tert-butyl and glu-
taraldehyde as cross-linking agent, at different pH, time,
naringinase concentration, and temperature conditions.

Initially, the preparation of CLEAs was carried out in 24
microwell plates, adding 0.5 mL of naringinase (0.5 mg/mL)
to 0.5, 1.0, 1.5, and 2.0 mL of ammonium sulphate 50%
(w/v) and sodium acetate buffer (pH = 4.0) to a final volume
of 2.5 mL. After 2, 6, 24, and 48 h were added 0.5 mL of
glutaraldehyde 25% (v/v) to each well of the microtiter plate.

PEG 6000 was another precipitant tested. This study
was carried out adding 2.0 mL of naringinase solutions with
different concentrations (0.5, 1.0, 1.5, and 2.0 mg/mL), in
acetate buffer pH = 4.0, to PEG 6000 and stirred at 60 rpm
for 1 hour. Then, to make the cross-linking occur, 0.5 mL
of glutaraldehyde 25% (v/v) was added and kept stirring for
2 h. CLEAs formation occurred during 48 h. After that, they
were centrifuged at 5000 rpm for 10 min. The supernatant
was removed and the CLEAs were suspended in acetate buffer
20 mM pH 4.0, centrifuged at 5000 rpm for 10 minutes. This
step was repeated twice and the CLEAs used in bioconversion
trials.

The immobilization of naringinase was also performed
using tert-butyl alcohol as precipitant agent. 2 mL of naring-
inase solutions with different concentrations (0.5, 1.0, 1.5,
2.0, 4.0, 6.0, and 8.0 mg/mL) in acetate buffer 20 mM, pH =
4.0, was placed in each tube, added with 2.0 mL of tert-butyl
alcohol and left at 60 rpm for 1 hour.

The cross-linking reaction was performed by adding
0.3 mL and 0.5 mL of glutaraldehyde 25% (v/v) and pro-
ceeded, under shaking at 60 rpm for 2 h. The formation of
CLEAs was left to occur for 48 h. Afterwards, they were
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centrifuged at 5000 rpm for 20 min. The supernatant was
removed and NGase-CLEAs were suspended in acetate buffer
solution. Centrifuged again at 5000 rpm for 20 minutes, this
step was repeated twice.

The above mentioned procedure was repeated with
naringinase solutions of different concentrations at pH 6.0
and pH 10.0.

2.4. Bioconversion Studies. The naringin hydrolysis was car-
ried out in standard solutions in acetate buffer (20.0 mM),
at pH 4.0. The naringin concentration varied from 0.5 to
4.0 mg/mL. A naringinase concentration of 500 mg/L was
used in free and immobilized enzyme studies.

The CLEAs aggregate activities were evaluated following
the reducing sugars formation by DNS method and the
protein in reaction media was evaluated following Bradford’s
method.

After collecting samples, the reaction was immediately
stopped by lowering the temperature below 0◦C. The enzyme
activity was evaluated according to the initial rate method,
through determination of reducing sugars concentration of
the collected samples, using DNS assay. Each data point
of kinetic measurements was performed in an individual
experiment, in triplicate.

The fit of the Michaelis-Menten model {v = ([S] ·
vmax)/([S] + kM)}{v—initial rate (mM min−1)), [S]—
substrate concentration (mM), vmax-maximum initial rate
(mM min−1), kM-Michaelis-Menten constant (mM)} to
experimental data was carried out through nonlinear regres-
sion by minimising the residual sum of squares between the
experimental data points of the initial rate versus substrate
concentration and those estimated by the model, using
Solver add-in from Microsoft Excel 2003 for Windows XP,
considering the following options: Newton method; 100
iterations, precision of 10−6, 5% of tolerance and 1 ×
10−4 convergence. The nonlinear regression parameters were
constricted to positive numbers.

2.5. Stability Studies. To test the stability of the immobilized
naringinase, the NGase-CLEAs were reused six times on
the hydrolysis of naringin, in acetate buffer 20 mM, pH 4.0
(Figure 2). After each run of 60 minutes, the biocatalyst were
separated and washed with acetate buffer 20 mM, pH 4.0.
The reaction medium was then replaced by fresh medium
and a new run took place.

2.6. Effect of Temperature and Substrate Concentration. The
effect of substrate concentration and temperature on the
hydrolysis of naringin by naringinase encapsulated on CLEAs
was studied according to response surface methodology
(RSM) based on a central composite rotational design
(CCRD). The selection of the values of two variables under
study for the experimental design was developed, based on
the results of preliminary tests, using the computer program
“StatisticaTM” (version 6 from Statsoft, USA). This program
allowed the calculation of values for the sets of experimental
points of the CCRD design from the central point that
has been established. The five levels coded and decoded to

Table 1: Coded and decoded level for experimental variables,
naringin concentration, and temperature.

CCRD [Naringin] (mg/L) Temperature (◦C)

−√2 0.9 23.8

−1 1.5 30.0

0 3.0 45.0

+1 4.5 60.0

+
√

2 5.1 66.2

the point set of experimental variables, temperature, and
concentration of naringin are shown in Table 1.

The reaction was promoted by adding NGase-CLEAs to
2 mL of sodium acetate buffer (20 mM, pH = 4.0) and 2 mL
of naringin solutions with concentrations equal to those
expressed in the table on the design experimental CCRD
(Table 1). The reaction occurs for 30 minutes at different
temperatures specified in Table 1. Aliquots of 75 μL at the
end of the experiments were withdrawn, to carry out the
determination of reducing sugars by DNS method.

3. Results and Discussion

Initially, the immobilization of naringinase in cross-linked
aggregates (NGase-CLEAs) was tried using ammonium
sulphate as precipitation agent and different naringinase con-
centrations. However, there was any formation of precipitate
and even after 48 hours at 0◦C, no modification was observed
in the reaction medium. Also, the addition of the cross-
linking agent, glutaraldehyde, to the different naringinase
solutions (1 mg/mL to 4 mg/mL) did not result in aggregate
formation. Nevertheless, it led to the appearance of a yellow
to brown color, depending on the exposure time (2, 6, 24,
48 h). This fact suggests the occurrence of a colorimetric
reaction between glutaraldehyde and ammonium sulphate
and/or proteins, without precipitation.

Therefore, others precipitant agents were tested for
NGase-CLEAs formation, namely, polyethylene glycol 6000
(PEG 6000) and tert-butyl alcohol. With the precipitant,
PEG 6000, an increase in viscosity was observed, after
agitation of the medium for 1 h. The addition of the cross-
linking agent, glutaraldehyde, led to the formation of enzyme
aggregates, which increased with storage for 48 hours in an
ice bath. Afterwards, these PEG-NGase-CLEAs were used in
naringin bioconversion trials. However, these PEG-NGase-
CLEAs were unstable in sodium acetate buffer, leading to a
suspension, even after successive centrifugations.

The precipitant agent, tert-butyl alcohol, was studied in
naringinase solutions at different pH values (4.0, 6.0, and
10.0) (Figure 1), following the studies of Sheldon [1] and
Wilson et al. [4] that mentioned the need of higher pH to
form CLEAs. In addition, the influence of naringinase con-
centration and glutaraldehyde was also evaluated (Figure 1).

The addition of tert-butyl alcohol to different environ-
ments at temperatures of 7◦C and 10◦C led to crystallization
of the alcohol. This problem was overcome with agitation at
60 rpm for 1 h, allowing the dissolution and the formation
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Figure 1: Reducing sugars formation with NGase-CLEAs with [Naringin] = 0.5 mg/mL, pH 4.0, temperature 30◦C, and 100 rpm. The CLEAs
were produced with the precipitant tert-butyl alcohol, at pH 4.0, 6.0 and 10.0, with different naringinase concentrations and the cross-linking
agent, glutaraldehyde at 2% and 3%.

of a solution with tert-butyl alcohol [50% (v/v)] and
naringinase solutions. However, these conditions did not
allow the formation of a precipitate, unlike observed by
Sheldon [1] and Wilson et al. [4] with penicillin acylase.
Therefore, only the addition of the cross-linking agent,
glutaraldehyde, under shaking led to the formation of a

suspension. This suspension, after 12 h to 24 h, had a lattice
aspect and 48 h later consistent aggregates were formed, after
successive centrifugations.

The increase of pH, respectively, from 4.0 to 6.0 and
10.0 resulted in smaller amounts of aggregates formation.
Moreover, in order to reduce the time for CLEAs formation,
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Figure 2: Time-course of reducing sugars formation and naring-
inase activity using NGase-CLEAs (precipitant: tert-butyl alcohol
and cross-linking agent: glutaraldehyde 3%) in acetate buffer
(20 mM) pH 4.0, with different naringin concentrations, at 30◦C,
100 rpm.

bicarbonate buffer and borohydride sodium were added to
the medium containing naringinase, tert-butyl alcohol, and
glutaraldehyde. However, after 2 h, there was no CLEAs
formation. This result was the opposite to what had been
described by Cao et al. [3] on the immobilization of
penicillin acylase.

In this work, an increased formation of cross-linked
aggregates was attained with higher enzyme concentrations
(2–4 mg/mL), despite the amount of glutaraldehyde added
(2 and 3%). This improvement may be attributed to the
amino acids involved in bonding between the enzyme and
glutaraldehyde. Some authors reported that the number of
lysine residues present in the enzyme [5, 6] is an important
factor in the formation of stables CLEAs, like the ratio of
protein/glutaraldhyde [3].

In further work, the NGase-CLEAs were obtained with
the precipitant, tert-butyl alcohol, and the cross-linking
agent, glutaraldehyde during 48 h.

3.1. NGase-CLEAs Activity Studies. The naringin hydrolysis
was carried out with naringinase immobilized on CLEAs
(tert-butyl alcohol plus glutaraldehyde), at 30◦C, under
shaking of 100 rpm. This hydrolysis was carried out using
NGase-CLEAs produced at various pH (4.0, 6.0, and 10.0),
with different naringinase concentrations (0.5, 1.0, 2.0,
4.0 mg/mL) for 24 h (Figure 1).

A decreased in reducing sugars concentration was
observed in CLEAs produced with naringinase immobilized
at higher pH (6.0 and 10.0) (Figure 1).

At pH 4.0 using glutaraldehyde in a concentration
of 2% and 3%, and naringinase in a concentration of
0.5 mg/mL and 2.0 mg/mL led, respectively, to the forma-
tion of 0.34 mg/mL and 0.39 mg/mL of reducing sugars
(Figure 1). Noteworthy was the high initial activity of

naringinase in NGase-CLEAs, namely after 2 h, a reducing
sugars concentration of 0.261 mg/mL was obtained.

Further studies were performed with NGase-CLEAs, pH
4.0, tert-butyl alcohol, and glutaraldehyde (3%), namely,
time-course, substrate concentration and stability.

A linear relation for reducing sugars formation was
observed during the first 30 minutes enzymatic reaction,
in reaction time-course (10, 20, 30, 60, and 120 minutes)
evaluation with different naringin concentration, at 30◦C,
100 rpm.

An activity of 20 μg/min·mL was obtained with naring-
inase in a concentration of 0.5 mg/mL (Figure 2). I.A.C.
Ribeiro and M.H.L. Ribeiro [19] described enzymatic activ-
ities of 12 μg/mL·min with naringinase immobilized in k-
carrageenan, at 30◦C, and pH 4.0.

Different naringin concentrations were hydrolyzed to
rhamnose and glucose and naringenin, allowing kinetic con-
stants evaluation (Figure 2). The kinetic profile of naringin
hydrolysis using immobilized naringinase in CLEAs obeys to
the Michaelis–Menten model. The values of Km and Vmax

were, respectively, 0.36 mM and 0.127 mM/min. Vila Real et
al. [9] referred aKm of 0.55 mM and aVmax of 0.063 mM/min
for free naringinase at 30◦C and pH 4.0, while Pedro et al.
[20] mentioned values of 0.303 mM and 0.042 mM/min for
naringinase immobilized in calcium alginate.

3.2. Operational Stability of NGase-CLEAs. The production
of an immobilized form of a biocatalyst is typically per-
formed in a batch run, where large amounts result. It is
therefore a key issue, particularly if large scale application
is envisaged, to ensure that the decay of catalytic activity of
the immobilized biocatalyst is as reduced as possible. Since
such decay is nevertheless inevitable, it is considered to be of
relevance to have a sound estimate of the rate of such decay,
irrespectively of the pattern of stability decay profile of the
free enzyme.

In this work, the operational stability of NGase-CLEAs
was evaluated at 30◦C, pH 4.0, 100 rpm with naringin in
a concentration of 0.5 mg/mL. The activity of the freshly
prepared matrices in the first run was defined as 100% (A0).
The naringinase residual activity was evaluated and as shown
in Figure 3, above 90% until the third use. A decrease to 30%
was observed after four reutilizations.

To describe the deactivation kinetics, each experimental
run was converted to the fraction of the original activity, that
is, its residual activity. This residual activity, Ar , (A × A−1

0 ),
was defined as the ratio between the specific activity after
each run (A) and the specific activity of the first run (A0).

The reuse of the encapsulated naringinase can be
described adequately by a serial enzyme deactivation se-
quence (1) involving a first-order deactivation sequence and
an active intermediate.

Ar =
[

1 +
α1k1

k2 − k1

]

e−k1t −
[

α1k1

k2 − k1

]

e−k2t, (1)

k1 and k2 are first and second deactivation rate coefficients,
respectively;A0,A1, andA2 are specific activities of the initial
active enzyme, enzyme intermediate, and final enzyme state,
respectively; α1 and α2 are the specific activities ratioA1×A−1

0
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Table 2: Effects and respective significance levels (p) of [Naringin] and temperature (T) on reducing sugars formation and naringinase
residual activity (Ar).

Factor
[Reducing sugars] (mg/mL) Activity (mg/mL·min)

(p) (p)

[Naringin] (linear) 0.3471 0.0094 11.578 0.0094

[Naringin] (quadratic) −0.2340 0.0666 −7.804 0.0665

Temperature (linear) 0.2381 0.0475 7.944 0.0477

Temperature (quadratic) −0.4551 0.0107 −15.175 0.0107

[Naringin]× temperature 0.1555 0.2491 5.175 0.2497
∗Naringin hydrolysis in acetate buffer (20 mM) pH 4.0 with NGase-CLEAs (NGase 2 mg/mL).

Table 3: Second-order model equations for the response surfaces fitted to the experimental data points of reducing sugars formation and
naringinase residual activity (Ar) against naringin (NG) and temperature (T).

System Model equations R2 R2
adj

NGase-CLEAs
[Reducing sugars] = −1.887 + 0.272 [NG] − 0.052 [NG]2 + 0.089 T− 0.001 T2 + 0.0035 [NG] ×T 0.910 0.815

[Activity] = −62.959 + 2.955 [NG] − 0.034 [NG]2 + 9.089 T− 1.734 T2 + 0.115 [NG] × T 0.910 0.815
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Figure 3: Operational stability of naringinase (NGase-CLEAs), at
30◦C, acetate buffer pH 4.0, 100 rpm.

and A2 × A−1
0 , respectively [21]. The fit of Sadana’s model

(1) to experimental data was carried out using “Solver” add-
in from Excel for Windows, version 8.0 SR2, by minimising
the residual sum of squares between the experimental data
points and those estimated by the respective model and
considering the following options: Newton method; 100
iterations, precision of 10−5; 5% of tolerance and 0.001
convergence.

A biphasic deactivation nature was observed, where the
final state was totally inactivated (α2 = 0). A k1 of 1.26 h−1

and an α1 of 1.76 were obtained.
The half-life of the biocatalyst, t1/2, that is, the operation

time required for half the enzyme activity to be lost as a result
of deactivation was of 4.5 h.

3.3. Modelling NGase-CLEAs Activity as a Function of Sub-
strate and Temperature. Naringin hydrolysis was performed

using naringinase encapsulated on CLEAs, according to
a statistical design “central composite rotatable design”
(CCRD), depending on the concentration of naringin and
temperature. The experiments were carried out according
to a factorial design 22 and a CCRD, as a function of both
naringin concentration (NG) and temperature (T).

The experimental results showed that reducing sug-
ars formation and naringinase activity was affected by
temperature and naringin concentration individually and
interactively (Figure 4).

The significant effects of naringin concentration and
temperature and interaction of (Naringin) × Temperature
on the reducing formation and naringinase activity are
shown in Table 2.

A least-squares technique was used to fit quadratic poly-
nomial models and obtain multiple regression coefficients
for reducing sugars formation and naringinase activity which
are summarized in Table 3. Examination of these coefficients
indicated that linear and quadratic terms of naringin concen-
tration and temperature, respectively, were significant P <
0.01 for reducing sugars formation and naringinase activity
(Table 2). A positive interaction between the variables tested
(T × NG) on naringinase activity indicated that higher
activities are obtained at higher temperatures and naringin
concentration.

Therefore, curved surfaces were fitted to the experimental
data (Figure 4). Partial differentiation of these polynomial
equations was used to find the optimum points, that is,
the stationary points. The least-square estimates of the
coefficients of the model were calculated from the values
of the response for each experiment in the chosen experi-
mental matrix. The relationships between independent and
dependent variables in the three-dimensional representa-
tions are convex surfaces, for reducing sugars formation
and naringinase activity (Figure 4). The obtained response
surface (Figure 4) was described by second-order polynomial
equations to the experimental data points, as a function of
temperature and naringin concentration (Table 3). In the
design of these models, the significant effects (P < 0.05),
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Figure 4: Response surface fitted to the experimental data points, corresponding to naringinase residual activity, as function of naringin
concentration and temperature, with NGase-CLEAs, in acetate buffer (20 mM) pH 4.0.

and those that presented a confident range smaller than the
value of the effect or smaller than the standard deviation
were included in these model equations. In fact, these later
effects have a lower probability, but their values are not small
enough to be neglected.

The high values of R2 and R2
adj of the model (Table 3)

showed a close agreement between the experimental results
and the theoretical values predicted by the model [22]. The
adjusted coefficients of determination for reducing sugars
formation and naringinase activity (R2

adj = 0.815) implied
that 81.5% of the variations could be explained by the fitted
model.

Enzyme activity appears to be optimal within the ranges
tested. A concentration of reducing sugars of 1.0 mg/mL
and a maximum naringinase activity of 30 mg/mL·min is
expected at 50◦C with 3 mg/mL of naringin.

Once tested, the model may be used to predict the
value of the response(s) under any conditions within the
experimental region.

In future work, this system will be tested in addition to
naringinase immobilization, to enzyme purification.

4. Conclusions

In this work, NGase-CLEAs were produced with a high
enzymatic activity, allowing the hydrolysis of naringin.

NGase-CLEAs with greater stability and a higher activity
of 20 μg/mL·min were produced with tert-butyl alcohol as
precipitating agent, glutaraldehyde (3%) as cross-linking
agent, at pH 4, and temperature between 7◦C and 10◦C.

The response surface methodology (RSM) enabled the
assessment of the combined effects of temperature and
naringin concentration for reducing sugars production
and naringinase activity. The modeling of hydrolysis of
naringin, with temperature and naringin concentration,
catalyzed by NGase-CLEAs was described by response sur-
faces of convex form, and a maximum naringinase activity
of 30 mg/mL·min is expected at 50◦C with 3 mg/mL of
naringin.
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In the present investigation, Bambusa bambos was used for optimization of enzymatic pretreatment and saccharification.
Maximum enzymatic delignification achieved was 84%, after 8 h of incubation time. Highest reducing sugar yield from enzyme-
pretreated Bambusa bambos was 818.01 mg/g dry substrate after 8 h of incubation time at a low cellulase loading (endoglucanase,
β-glucosidase, exoglucanase, and xylanase were 1.63 IU/mL, 1.28 IU/mL, 0.08 IU/mL, and 47.93 IU/mL, respectively). Enzyme-
treated substrate of Bambusa bambos was characterized by analytical techniques such as Fourier transformed infrared spectroscopy
(FTIR), X-ray diffraction (XRD), and scanning electron microscopy (SEM). The FTIR spectrum showed that the absorption peaks
of several functional groups were decreased after enzymatic pretreatment. XRD analysis indicated that cellulose crystallinity of
enzyme-treated samples was increased due to the removal of amorphous lignin and hemicelluloses. SEM image showed that surface
structure of Bambusa bambos was distorted after enzymatic pretreatment.

1. Introduction

Lignocellulosic biomass, for its large quantities and relatively
low cost, is regarded as the potential renewable energy re-
source for cost-effective bioethanol production. Lignocel-
lulosic bioethanol production involves three major steps,
including pretreatment, enzymatic hydrolysis, and fermen-
tation. Among all these steps, efficient hydrolysis of cellulose
component of lignocellulosic biomass is the key step for cost-
effective bioethanol production. Cellulase is the key enzyme
for hydrolysis of cellulose. Trichoderma reesei Rut C30 is one
of the well-known cellulase (endoglucanase, β-glucosidase,
exoglucanase, and xylanase) producing fungi. Since cellulase
is still a relatively costly biocatalyst for commercially viable
bioethanol production, this requires development of efficient
hydrolysis of cellulose at low cellulase loading.

Lignin is key barrier which restricts the access of cellulase
to cellulose. Laccase, a copper containing oxidase enzyme,

can remove lignin effectively and increase the accessibility of
cellulase to cellulose at mild operating conditions and mini-
mal byproduct formation.

Bambusa bambos is a rapid growing lignocellulose avail-
able in abundance on the global scenario. The bamboos
are woody tree-like grasses and have a long history as an
exceptionally versatile and widely used resource. India is one
of the leading countries in the world in bamboo production.
(4.5 million tons) [1]. Bambusa bambos is one of the most
important species of Bamboo, which grows in India. It
has high cellulose (40–50%) and moderate lignin (15–20%)
content [2]. If appropriate pretreatment and saccharification
strategies are performed, Bambusa bambos can be used as
potential feedstock for cost-effective bioethanol production.
Structural characteristics and chemical compounds distri-
bution of Bambusa bambos before and after pretreatment
could be studied using FTIR, XRD, and SEM. This could
reveal structural and chemical changes that occur when
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particular treatments are applied to produce an optimized
and high-quality product development. In recent years some
researchers made progress on the utilization of Bamboo,
including pretreatments and saccharification [3–5], but there
is no literature on the changes in physicochemical properties
for enzyme-pretreated Bambusa bambos and saccharification
at low cellulase loading.

In the present study, we investigated the possibility of
enzymatic hydrolysis of laccase-pretreated Bambusa bambos
at low cellulase loading. The objective of the study was to
(1) optimize the laccase-mediated pretreatment of Bambusa
bambos and evaluate the enzymatic pretreatment effect for
efficient saccharification and (2) optimize the enzymatic
hydrolysis of pretreated Bambusa bambos at low cellulase
loading.

2. Materials and Methods

2.1. Lignocellulosic Substrate. Bambusa bambos (cellulose
47.49%, hemicellulose 17.49%, lignin 23.56%, moisture
10.23%, and ash 2.30%) was collected from local forest of
IIT Kharagpur, India. It was air dried overnight at 60◦C.
Then it was milled to approximately 0.2 mm particle size and
subsequently used for further studies.

2.2. Enzymes. Laccase and cellulase were produced from
Pleurotus sp. and Trichoderma reesei Rut C30, respectively [6,
7]. Laccase and cellulase were centrifugedat 5,000 rpm for 5
minutes. The clear filtrate of laccase was used as crude laccase
whose activity was determined spectrophotometrically [6].
One international unit/mL (IU/mL) of laccase activity was
defined as the amount of enzyme capable of oxidizing 1 μmol
of ABTS per minute under the assay conditions. Clear super-
natant of cellulase (pH 5) was used as crude cellulase whose
activity was determined by following assay protocols [8,
9]. One international unit/mL (IU/mL) of cellulase activity
was defined as the amount of enzyme required to produce
1 μmol of glucose per minute under the assay conditions. The
activity of endoglucanase, β-glucosidase, exoglucanase, and
xylanase were 16.34 IU/mL, 12.80 IU/mL, 0.78 IU/mL, and
479.33 IU/mL, respectively.

2.3. Enzymatic Pretreatment and Saccharification of Bambusa
bambos . Enzymatic pretreatment of Bambusa bambos was
performed in Erlenmeyer flask, containing 10 g of substrate,
0.1 mol/L of phosphate buffer (pH 6.5 to 7.5) and required
volume of laccase. Samples were withdrawn periodically, and
the solid residue was used for lignin estimation. After delig-
nification the solid residue was washed with distilled water.
Then it was air dried overnight at 60◦C and subsequently
used for further studies.

For enzymatic hydrolysis, pretreated sample of Bambusa
bambos was taken in Erlenmeyer flask containing 18 mL of
0.1 mol/L of phosphate buffer (pH 4 to 8) and 2 mL of
cellulase enzyme. Sample aliquots were taken periodically
and centrifuged at 2,000 rpm for 5 minutes. The supernatant
was analyzed for reducing sugar by following dinitrosalicylic

acid method [10]. The extent of hydrolysis was calculated as
follows:

Saccharification (%)

= 100× [Reducing sugar concentration obtained/

Potential sugar concentration

in the pretreated substrate
]
.

(1)

2.4. Response Surface Methodology. Response Surface Meth-
odology- (RSM-) based three level Central Composite
Design (CCD) was employed for optimization of enzymatic
pretreatment and saccharification of Bambusa bambos. For
pretreatment of Bambusa bambos, five parameters were
selected in the range pH (6.5–7.5), temperature (35–45◦C),
liquid : solid ratio (2–6 mL/g), incubation time (4–8 h), and
enzyme concentration (400–600 IU/gds). For saccharifica-
tion of pretreated Bambusa bambos, four parameters were
selected in the range of pH (4–8), substrate concentration
(16–20 mL/g), temperature (40–60◦C), and incubation time
(4–8 h). All the pretreatment and saccharification experi-
ments were carried out in triplicates. In coded terms the
lowest, central, and the highest level of the variables were−1,
0, and +1, respectively. Tables 1 and 2 show the pretreatment
and saccharification result, respectively.

2.5. Analytical Methods

2.5.1. FTIR, XRD, and SEM Study of Bambusa bambos.
Fourier transformed infrared spectroscopy (FTIR) was per-
formed in both the original and pretreated samples using the
KBr pellet technique. Sample spectra were obtained over the
range of 400 cm−1 and 4000 cm−1 with a spectral resolution
of 0.5 cm−1.

The crystallinity of original and pretreated sample were
determined by XRD1710 equipment using CoKα radiation
(α = 1.79 Å) at 40 kV and 20 mA. All samples were scanned
from 2θ = 15 to 75◦ with scanning speed of 3◦/min. Crys-
tallinity (%) was defined as [(I002−Iam)/I002]×100, where I002

represent maximum crystalline intensity peak at 2θ between
22◦ and 23◦ for cellulose I , and Iam representss minimum
crystalline intensity peak at 2θ between 18◦ and 19◦ for
cellulose I [11].

To analyze surface characteristics of original and pre-
treated samples, Scanning electron microscopic (SEM) image
was taken for both original and pretreated sample of
Bambusa bambos. For SEM, dried sample was coated with
gold and observed under JEOL JSM 5800 (Jeol Ltd., Tokyo,
Japan) SEM.

3. Result and Discussion

3.1. Optimization of Enzymatic Pretreatment and Saccharifi-
cation of Bambusa bambos . Using the designed experimental
data (Table 1), the second-order polynomial model for
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Table 1: Experimental design (conditions and responses) for enzymatic pretreatment of Bambusa bambos in terms of coded factor.

Run order A1 A2 A3 A4 A5
Delignification (%)

Experimental Predicted

(1)
−1

(6.5)
−1 (35) −1 (2) −1 (400) +1 (8) 75.33 73.807

(2) +1 (7.5) −1 (35) −1 (2) −1 (400) −1 (6) 62.41 63.282

(3)
−1

(6.5)
+1 (45) −1 (2) −1 (400) −1 (4) 43.36 41.834

(4) +1 (7.5) +1 (45) −1 (2) −1 (400) +1 (8) 45.13 44.381

(5) –1 (6.5) –1 (35) +1 (6) −1 (400) −1 (4) 82.64 82.938

(6) +1 (7.5) −1 (35) +1 (6) −1 (400) +1 (8) 38.7 39.775

(7) –1 (6.5) +1 (45) +1 (6) −1 (400) +1 (8) 41.73 40.843

(8) +1 (7.5) +1 (45) +1 (6) +1 (600) −1 (4) 51.78 52.852

(9) +1 (7.5) −1 (35) −1 (2) +1 (600) +1 (8) 63.29 64.066

(10)
−1

(6.5)
+1 (45) −1 (2) +1 (600) +1 (8) 55.53 54.345

(11) +1 (7.5) +1 (45) −1 (2) +1 (600) −1 (4) 50.69 50.392

(12)
−1

(6.5)
−1 (35) +1 (6) +1 (600) +1 (8) 35.6 36.239

(13) +1 (7.5) −1 (35) +1 (6) +1 (600) −1 (4) 83.1 84.626

(14)
−1

(6.5)
+1 (45) +1 (6) +1 (600) −1 (4) 80.19 79.318

(15) +1 (7.5) +1 (45) +1 (6) +1 (600) +1 (8) 62.34 62.68

(16)
−1

(6.5)
0 (40) 0 (4) 0 (500) 0 (6) 68.2 73.255

(17) +1 (7.5) 0 (40) 0 (4) 0 (500) 0 (6) 71.09 66.477

(18) 0 (7) −1 (35) 0 (4) 0 (500) 0 (6) 82.37 78.707

(19) 0 (7) +1 (45) 0 (4) 0 (500) 0 (6) 73.41 77.515

(20) 0 (7) 0 (40) −1 (2) 0 (500) 0 (6) 63.11 66.744

(21) 0 (7) 0 (40) +1 (6) 0 (500) 0 (6) 81.9 78.709

(22) 0 (7) 0 (40) 0 (4) −1 (400) 0 (6) 63.4 65.84

(23) 0 (7) 0 (40) 0 (4) +1 (600) 0 (6) 80.2 78.203

(24) 0 (7) 0 (40) 0 (4) 0 (500) −1 (4) 45.12 44.92

(25) 0 (7) 0 (40) 0 (4) 0 (500) +1 (8) 80.72 82.234

(26) 0 (7) 0 (40) 0 (4) 0 (500) 0 (6) 82.6 80.736

(27) 0 (7) 0 (40) 0 (4) 0 (500) 0 (6) 74.7 80.736

(28) 0 (7) 0 (40) 0 (4) 0 (500) 0 (6) 80.05 80.736

(29) 0 (7) 0 (40) 0 (4) 0 (500) 0 (6) 81.9 80.736

(30) 0 (7) 0 (40) 0 (4) 0 (500) 0 (6) 83.44 80.736

(31) 0 (7) 0 (40) 0 (4) 0 (500) 0 (6) 84.1 80.736

(32) 0 (7) 0 (40) 0 (4) 0 (500) 0 (6) 81.0 80.736

the percent delignification in terms of coded factors is shown
as follows:

Y1 = −2314.71 + 639.76A1 + 44.65A2 + 191.75A3

− 5.27A4 + 58.34A5 − 43.48A2
1 − 0.10A2

2

− 2.00A2
3 − 4.29A2

5 − 7.17A1A2 − 17.10A1A3

+ 0.59A1A4 + 4.10A1A5 − 2.10A2A3 + 0.05A2A4

− 0.09A2A5 + 0.10A3A4 − 3.28A3A5 − 0.02A4A5,

(2)

where Y1 is the percent delignification and A1, A2, A3,
A4, and A5 represent pH, temperature, liquid : solid ratio,
enzyme concentration, and incubation time, respectively.
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Table 2: Experimental design (conditions and responses) for enzymatic saccharification of pretreated Bambusa bambos in terms of coded
factor.

Run order B1 B2 B3 B4
Reducing sugar (mg/g of substrate)

Experimental Predicted

(1) −1 (4) −1 (40) −1 (16) +1 (8) 671.21 671.15

(2) +1 (8) −1 (40) −1 (16) −1 (6) 691.45 698.26

(3) −1 (4) +1 (60) −1 (16) −1 (4) 621.67 632.60

(4) +1 (8) +1 (60) –1 (16) +1 (8) 639.10 656.21

(5) −1 (4) −1 (40) +1 (20) −1 (4) 695.47 683.00

(6) +1 (8) −1 (40) +1 (20) +1 (8) 697.92 691.63

(7) −1 (4) +1 (60) +1 (20) +1 (8) 700.13 705.95

(8) +1 (8) +1 (60) +1 (20) −1 (4) 701.25 705.95

(9) +1 (8) –1 (40) −1 (16) +1 (8) 698.32 693.32

(10) −1 (4) +1 (60) −1 (16) +1 (8) 702.23 692.28

(11) +1 (8) +1 (60) −1 (16) −1 (4) 657.13 647.90

(12) −1 (4) −1 (40) +1 (20) +1 (8) 667.27 675.42

(13) +1 (8) −1 (40) +1 (20) −1 (4) 741.71 750.58

(14) −1 (4) +1 (60) +1 (20) −1 (4) 696.09 696.60

(15) +1 (8) +1 (60) +1 (20) +1 (8) 660.43 659.35

(16) −1 (4) 0 (50) 0 (18) 0 (6) 734.01 735.68

(17) +1 (8) 0 (50) 0 (18) 0 (6) 767.35 751.44

(18) 0 (6) −1 (40) 0 (18) 0 (6) 798.66 798.65

(19) 0 (6) +1 (60) 0 (18) 0 (6) 801.12 786.90

(20) 0 (6) 0 (50) −1 (16) 0 (6) 758.24 747.63

(21) 0 (6) 0 (50) +1 (20) 0 (6) 782.41 778.79

(22) 0 (6) 0 (50) 0 (18) 0 (6) 801.23 808.36

(23) 0(6) 0(50) 0 (18) 0(6) 797.39 808.36

(24) 0 (6) 0 (50) 0 (18) −1 (4) 808.56 805.25

(25) 0 (6) 0 (50) 0 (18) +1 (8) 809.72 805.61

(26) 0 (6) 0 (50) 0 (18) 0 (6) 801.43 808.36

(27) 0 (6) 0 (50) 0 (18) 0 (6) 795.12 808.36

(28) 0 (6) 0 (50) 0 (18) 0 (6) 811.06 808.36

(29) 0 (6) 0 (50) 0 (18) 0 (6) 810.06 808.36

(30) 0 (6) 0 (50) 0 (18) 0 (6) 802.62 808.36

(31) 0 (6) 0 (50) 0 (18) 0 (6) 817.31 808.36

(32) 0 (6) 0 (50) 0 (18) 0 (6) 803.08 808.36

Whereas, using the experimental data (Table 2) the sec-
ond-order polynomial model for the reducing sugar produc-
tion (mg/gram dry substrate) of pretreated Bambusa bambos,
in terms of coded factors, is shown as follows which are also
given in coded terms:

Y2 = −4626.87 + 260.67B1 + 17.35B2 + 433.93B3

+ 82.19B4 − 16.20B2
1 − 0.16B2

2 − 11.29B2
3

− 0.73B2
4 − 0.73B1B2 − 0.37B1B3 − 3.21B1B4

+ 0.06B2B3 + 0.15B2B4 − 3.43B3B4,

(3)

where the variables B1, B2, B3, and B4 represent pH, tem-
perature, substrate concentration, and incubation time,

respectively, and Y2 represents reducing sugar yield (mg/
gram dry substrate) from pretreated substrate.

Based on the experimental response, for enzymatic pre-
treatment, runs 12 and 31 had the minimum and maximum
delignification, respectively, whereas, for saccharification of
enzyme pretreated substrate, runs 3 and 31 had the min-
imum and maximum reducing sugar production, respec-
tively. The ANOVA results of second-order response surface
models for enzymatic pretreatment and saccharification of
Bambusa bambos have been given in Table 3. From ANOVA
analysis of regression model, for enzymatic pretreatment of
Bambusa bambos at 20 degree of freedom, F-value was 22.07
and P value was <0.001. For saccharification of enzyme-
pretreated substrate F and P values were 64.72 and <0.001,
respectively, at 20 degree of freedom. For both enzymatic
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Table 3: ANOVA analysis of RSM model for enzymatic pretreatment of Bambusa bamboos and saccharification of pretreated Bambusa
bambos.

Source DFa Seq SSb Adj SSb Adj MSc F P

Pretreatment of Bambusa bamboos

Regression 20 7547.10 7547.10 502.796 22.07 <0.001

Linear 5 1115.70 1395.38 375.443 16.32 <0.001

Square 5 2592.68 3959.72 473.038 46.32 <0.001

Interaction 10 3838.72 3838.72 383.872 22.45 <0.001

Residual error 11 188.05 188.05 17.096

Lack-of-fit 5 128.62 128.62 25.724 2.60 0.138

Pure error 6 59.44 57.44 9.906

Total 32 7735.16

R2 = 97.57%, R2 = 93.15%

Saccharification of pretreated Bambusa bamboos

Regression 14 116738 116737.6 8338.4 64.72 <0.001

Linear 4 6116 22570.9 5642.7 43.80 <0.001

Square 4 103427 98888.2 24722.0 191.90 <0.001

Interaction 6 7195 7194.6 1199.1 9.31 < 0.001

Residual error 17 2190 2190.1 128.8

Lack-of-fit 9 1788 1788.0 198.7 3.95 0.033

Pure error 8 402 402.1 50.3

Total 32 118928

R2 = 98.16%, R2 = 96.64%
a
Degrees of freedom.

bSum of squares.
cMean squares.

pretreatment and saccharification of Bambusa bambos F-
values were several times higher than the P values. So, F
and P values indicated that the quadratic regression models
for enzymatic pretreatment and saccharification of Bambusa
bambos were significant, and insignificant F and P values
of lack of fit for models indicated that experimental data
obtained were in good agreement with the model [12]. The
goodness of fit of regression models was checked by the
determination coefficient (R2). The coefficients of determi-
nation (R2) were calculated to be 0.9757 and 0.9816 for
enzymatic pretreatment and saccharification, respectively.
For a good statistical model, R2 value should be close to
1.0.

The 3D response surface plots are generally the graphical
representation of the regression equation. Figures 1(a) and
1(b) represent the 3D response surface plot for the optimum
conditions of enzymatic delignification of Bambusa bambos.
Each figure represents effect of two variables on percent
delignification. From the analysis of the response surface
plots, the optimum conditions for enzymatic delignification
were pH 6.87, temperature 35.26◦C, liquid : solid ratio 6 : 1,
incubation time 8 h, and enzyme concentration 400 IU/mL.
Under the optimum conditions, the maximum predicted
delignification was 83%, which was close to the experimental
response (84%). Reducing sugar yield could be significantly
increased by removing about 80% of lignin from lignocellu-
losic biomass [13].

Figures 2(a) and 2(b) present the 3D response surface
plots for the optimization conditions of saccharification of
enzyme-pretreated substrate. Figure 2(a) shows the effect
of substrate concentration (mL/g) and pH, and Figure 2(b)
shows the effect of substrate concentration (mL/g) and incu-
bation time (h) on saccharification. From response surface
plot analysis, under optimum conditions (pH 6, temperature
50◦C, substrate concentration 18 mL/g, and incubation time
of 8 h) the experimental maximum reducing sugar yield
was 818.01 mg/g dry substrate which was close to predict-
ed response. At low cellulase loading (endoglucanase, β-
glucosidase, exoglucanase, and xylanase were 1.63 IU/mL,
1.28 IU/mL, 0.08 IU/mL, and 47.93 IU/mL, respectively) the
enhancement of saccharification (reducing sugar yield) re-
ported here is much greater than that cited in other litera-
tures [12, 14]. It was also reported that physical and chem-
ical pretreatment generates several toxic compounds which
decrease the rate of saccharification as well as reducing sugar
yield [15].

Similar reducing sugar yield (818.01 mg/g dry substrate)
was reported by other authors at high cellulase loading [16,
17]. Cost-effective biofuel production needs low cellulase
loading and higher reducing sugar yield in short incubation
time [18]. The saccharification efficiency (71.28%) obtained
was in agreement with earlier reports [19, 20].

There are so many reports on using commercial cellulase
for saccharification of different lignocellulosic biomass and
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Figure 1: RSM plot showing (a) the effect of pH and liquid : solid ratio and (b) the effect of pH and incubation time on enzymatic pretreat-
ment of Bambusa bambos.
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Figure 2: RSM plot showing (a) the effect of substrate concentration and pH and (b) substrate concentration and incubation time on
saccharification of enzyme-pretreated Bambusa bambos.

also further addition of several additives was required [14,
21]. In the present study, pretreatment was performed with
crude laccase, and saccharification was performed with crude
cellulase enzyme without addition of any additives.

3.2. Physical Properties of Pretreated Bambusa bambos . FTIR
analysis was taken to qualitatively observe the changes of
functional groups and further evaluate component modifica-
tion. Significant changes in FTIR spectra could be seen after
enzymatic pretreatment of Bambusa bambos (Figure 3). It
shows that intensity at 3387 cm−1 (OH vibration), 2930 cm−1

(C–H methyl and methylene groups), 2379 cm−1 (C=O
bonds in ketene groups), 1651 cm−1 (C=C stretching),

1515 cm−1 (C=C aromatic), 1249 cm−1 (O–H phenolic) and
1045 cm−1 (lignin) [22–25] were decreased after enzyme pre-
treatment. The reduced intensity indicates cleavage of lignin
side chains [26]. These results highlight the effectiveness
of enzymatic pretreatment for efficient saccharification of
Bambusa bambos.

Lignocellulosic biomass is mainly composed of cellu-
lose, hemicellulose, and lignin. Among several effecting
factors, crystallinity is believed to significantly affect enzy-
matic saccharification of cellulose [27]. However, because
of the impossibility of completely separating cellulose from
other components of the fibers, the direct measurements
of cellulose crystallinity in biomass were hindered [13].
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Figure 3: FTIR spectra of control and enzyme-pretreated Bambusa
bambos.

The X-ray diffraction patterns of control and pretreated
samples are presented in Figure 4. It was found that cellulose
crystallinity of control and pretreated samples were 28.44%
and 33%, respectively. These results indicate effective pre-
treatment on Bambusa bambos which removes amorphous
hemicellulose and lignin and expose all crystalline cellulose
available and increase the rate of enzymatic saccharification
[28].

SEM was used to determine changes in surface structure
of Bambusa bambos after enzymatic pretreatment. SEM im-
age of Bambusa bambos before and after enzymatic pretreat-
ment is shown in Figure 5. It shows that surface structure
in the control Bambusa bambos was rigid and highly or-
dered (Figure 5(a)), while the structure was distorted after
pretreatment (Figure 5(b)). It was due to degradation of
lignin after enzymatic pretreatment, which increased the sur-
face area of cellulose, making it more accessible to cellulase
[29].

4. Conclusion

Enzymatic pretreatment and saccharification of Bambusa
bambos were carried out using laccase and cellulase enzyme,
respectively. The conditions for enzymatic pretreatment and
saccharification of Bambusa bambos were optimized by using
RSM-based CCD. Using laccase optimum delignification
(84%) was achieved after 8 h of incubation time. Maximum
reducing sugar yield (818.01 mg/gram dry substrate) from
enzyme-pretreated substrate was attained after 8 h of incuba-
tion time at low cellulase loading. FTIR, XRD, and SEM study
further revealed the effectiveness of enzymatic pretreatment
for efficient saccharification of Bambusa bambos.
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A xylanase producer Bacillus mojavensis strain, called AG137, isolated from cotton farm (Kashan-Iran). The optimal xylanase
activity reached at 55◦C & pH 9.0. Enzyme yield was studied using a medium with different agricultural wastes as inducers.
Xylanase production of about 249.308 IU/mL was achieved at pH 8 and 37◦C, within 48 h submerged fermentation in enzyme
production medium supplemented with 2% (w/v) oat bran as an optimum carbon source. A mixture of 1% (w/v) yeast extract
and 1% (w/v) tryptone as optimum nitrogen sources, agitation speed 200 rpm, and inoculum size 2% (v/v) were the optimums for
maximum production. Accordingly, xylanase yield from 194.68 IU/mL under non-optimized fermentation condition enhanced to
302.466 IU/mL in optimized condition. Screened xylanase is thermostable, presenting 70% stability at 60◦C during 30 min. Further
enzyme incubation in higher temperature caused a decrease in the residual enzyme activity, yet it retained 68%–50% of its activity
after 1 hour from 45◦C to 55◦C. Besides, it is stable in pH 9 and 10, maintaining over 70% of its activity for 2 h. The enzyme
also could preserve 71% and 63% of its initial activity after 3 hours of pre-incubation in the same alkaline condition. Produced
xylanase therefore was introduced as an alkaline-active and stable one, displaying suitable thermostability feature, confirmed by
HPLC analysis. Hence, all xylanase properties highlight its promising uses in industrial scale.

1. Introduction

Xylan is a major component of hemicellulose. It is a het-
eropolymer composed of β-1-4-linked D-xylose backbone
and branches of arabinose, glucuronic acid, mannose, or
acetyl residues [1]. Endo-β-1,4-xylanase is crucial for xylan
depolymerisation. This ability renders xylanase a valuable
tool in various biotechnological applications ranging from
the food industry to textile industry [2–4]. A variety of
microorganisms including Bacillus strains [5–7], filamentous
fungi [8, 9], and actinomycetes [10] have been reported to
produce xylanolytic enzymes. In the most reported cases
of xylanase production from fungi and actinomycetes, the
enzyme applications have been declined in most industrial
processes, especially in high temperatures and alkaline pH
values, due to the poor or zero xylanase activity [11, 12].

Various fungi and actinomycetes producers also have been
reported to produce very low level of xylanase: Aspergillus
niger ANL 301, with production amount of 6.47 IU/mL [11],
3.89 IU/mL xylanase unit by Penicillium oxalicum [13], or
Penicillium janthinellum with 55.3 IU/mL unit of xylanase
yield [14]. Xylanase production capacity therefore is needed
to be amplified from bacterial sources, for bacterial xylanases
almost display high optimum pH and temperature of enzyme
activity and stability [3, 15, 16].

Consequently, investigation on novel sources of bacterial
xylanase producers’ strains, which display high optimal
xylanase activity and stability in more drastic conditions, is
still in progress. Moreover, wide-scale industrial applications
of xylanase require their cost-effective production to make
the process economically viable [8]. This can be achieved by
using cheaply available agroindustrial residues such as wheat
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bran, oat bran, rice straw, or others [17]. Annually, large
quantities of lignocellulosic wastes are generated through
industrial processes [2]. So this can be utilized for economic
production of xylanase by microorganism through fermen-
tation processes [4, 11]. This paper reports optimization
of various nutritional parameters of production medium
and characterization of an alkaline xylanase from a newly
indigenous strain of Bacillus mojavensis isolated from xylan-
enriched agricultural soils owing to the fact that optimization
of medium composition has to be carried out in order to
maintain a balance among various medium components. In
the present investigation, high-level production of alkaline-
active and stable xylanase has been reported, using agroresid-
uals in SmF. To confirm xylanase activity, the produced
xylanase was potentially applied in the selective hydrolysis of
the hemicellulose component of pure oat-spelt xylan through
a HPLC analysis.

2. Materials and Methods

2.1. Materials. Oat-spelt xylan (95590) was purchased from
Fluka (Darmstadt-Germany). Congo Red dye and D-xylose
were purchased from Merck. All other media components
and chemicals used were obtained from Sigma-Aldrich
(Darmstadt-Germany). Agricultural byproducts were ob-
tained locally from domestic market. Pretreatment of cellu-
losic materials was carried out by the method of Kapoor et al.
[17] and Okafor et al. [11].

2.2. Isolation and Preliminary Screening of Xylanase-Produc-
ing Bacilli. Bacillus strains with xylanolytic activities were
isolated by enrichment culture technique from soil of agri-
cultural farms at Kashan, Iran. Xylan agar medium (pH 7),
having (g/L): Oat-spelt xylan, 10; peptone, 5; yeast extract,
5; MgSO4·7H2O, 0.2; K2HPO4, 1; Agar, 15, was used for
preliminary screening of xylanase-producing isolates. Plates
then were incubated at 37◦C for 48 h. Xylanase-producing
bacterial colonies were selected after flooding the plates with
Congo Red solution (0.1%-15 min) followed by repeated
washing with (1 M) Nacl solution.

2.3. Secondary Screening Procedure. Xylanase-producing
strains from preliminary screening were selected for enzyme
plate clearing assay to detect the best extracellular xylanase
producers. The harvested culture broth of each isolate, grown
in xylan broth medium, described previously (pH 7), was
centrifuged in a microfuge (8500× g) for 10 min. The cell-
free culture supernatants were used as the crude xylanase
sources for screening purposes. Crude enzyme samples
(50 μL) were placed in to solidified medium containing oat-
spelt xylan (3% w/v) in phosphate buffer (0.5% M, pH 8)
and agar (15% w/v). A sterile 6 mm borer was used to make
wells in solidified plates, and plates were incubated at 40◦C
for 24 h [16, 18].

Controls of heat-killed (150◦C/30 min) culture super-
natants also were included. Results were recorded as xylanase
positive or negative and the size of the clearing zones
measured for xylanase-positive strains.

2.4. Enzyme Production Using Submerged Fermentation. The
enzyme production was studied in the Erlenmeyer flasks
(250 mL), containing 50 mL of basic enzyme produc-
tion medium, having (g/L): yeast extract, 5; peptone, 5;
MgSO4·7H2O, 0.2; K2HPO4, 1, supplemented with wheat
bran (2% w/v) in this step. Liquid enzyme production media
were autoclaved, and pH was adjusted to 8.0 using sterilized
Na2CO3 (10%) solution. Bacterial inocula precultures were
primed in the Luria-Bertani broth medium (pH 7), having
(g/L): Ttryptone, 10; yeast extract, 5; Nacl, 5. Flasks were
inoculated with 2% (v/v) 18 h grown inoculum broth and
incubated at 37◦C under shaking condition (180 rpm) in a
shaker incubator (Heidolph UNIMAX 1010). 1 mL culture
samples containing xylanase enzyme were removed after 24 h
of SmF. The enzyme was harvested by centrifuging (8500× g)
for 10 min. The supernatant was treated as crude enzyme
and was assayed for xylanase activity. Based on the level of
xylanase production and crude enzyme activity features, one
strain designated as Bacillus sp. detected as the best xylanase
producer, and it was selected for the rest of the experiments.
The optimization studies also were performed by altering
the fermentation conditions and compositions of this basal
medium under optimum shaking conditions.

2.5. Xylanase Assay. Oat-spelt xylan (95590) was used as
the assay substrate for xylanase activity assessment. Enzyme
activity was determined by measuring the release of reducing
sugar during the enzyme-substrate reaction using 3, 5-dini-
trosalicylic acid (DNS) stopping method [19, 20]. The
reaction mixture for each enzyme assay contained 500 μL of
(0.5%) respective homogenized substrate prepared in phos-
phate buffer, pH 9.0, and 500 μL appropriately diluted en-
zyme solution. Then the reaction was incubated at 55◦C.
After 20 min, 1 mL of DNS solution was added to the reaction
mixture and boiled for 10 min. Followed by cooling in water
for color stabilization. Absorbance of the solutions mea-
sured at OD540 nm by spectrophotometer (Model: JENWAY-
Genova, Switzerland). The absorbance of reference samples
(substrate solution incubated without enzyme and diluted
enzyme solution in buffer) was deduced from the values of
the test samples.

Xylanase activity was calculated by using D-xylose cali-
bration curve. One unit of enzyme activity was defined as the
amount of enzyme that catalyzes release of one micromole
reducing sugar in one min from the prospective substrate
under the standard assay conditions.

2.6. Identification of Microorganism. After sampling, isola-
tion, and screening process, superior xylanase producer Ba-
cillus sp strain was isolated from soil of cotton farm in
Kashan-Iran. It was preliminary identified by morphological
and biochemical tests [21, 22]. For sequencing analysis, the
genomic DNA was extracted and purified from the strain
by the standard chloroform isoamyl alcohol method using
Roche kit [23, 24]. The amplification of the 16S rDNA was
performed through PCR technique, using Taq DNA polym-
erase, genomic DNA as a template, and 3 forward and 5
reverse universal primers. The sequences of these primers
used were as below:
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3 F: 5′-AGAGTTTGATCCTGGC-3′

5 R: 5′-TACCTTGTTACGACTT-3′.

PCR products were delivered to SQ lab Co. (Germany).
Receiving the sequencing results, 16S rDNA nucleotide se-
quence of the isolate has been deposited in GenBank, and
aligned with the 16S rRNA sequences available in public da-
tabases in NCBI (National Center for Biotechnology Infor-
mation, Available at: http://www.ncbi.nlm.nih.gov/), using
BLAST (Basic Local Alignment Search Tool) software [7].

2.7. Parametric Optimization of Xylanase Production. (1)
Carbon sources and the concentration of the carbon sources:
various agricultural residuals such as wheat bran (WB), oat
bran (OB), rice straw (RS), Bagasse, and Molasses were tested
as sole substrate for xylanase production in fermentation
medium, and the effect of different concentrations of the
selected carbon source at 0.5%, 1%, and 2% (w/v) was
studied on xylanase production. The enzyme production
was carried out in flasks (250 mL), containing 50 mL of
basic enzyme production medium supplemented with each
agroindustrial byproduct (2% w/v) as substrates; after flask’s
sterilization, pH was adjusted to 8.0 using sterilized Na2CO3

(10%) and inoculated with 2% (v/v) 18 h grown superior
bacillus inoculum and incubated at 37◦C under shaking con-
dition (180 rpm) in a shaker incubator. The 1 mL samples
were removed at 18th h of fermentation and then in every
24 h intervals during 120 h SmF period, followed by enzyme
extraction and xylanase assay procedure as previously de-
scribed.

(2) Incubation period: SmF was carried out for 120 h fer-
mentation process at 37◦C, 180 rpm. The results find out the
optimal time for maximum xylanase production in the pres-
ence of the best carbon source.

(3) Inoculum age and size: a 18-hour-old grown culture
inocula in LB broth medium was used as inoculum at a level
of 1, 2, 5, and 10% (v/v).

(4) Effect of nitrogen sources: production media devoid
of any nitrogen sources were supplemented with different
inorganic and organic nitrogen sources in the presence of
optimum selected carbon sources, and the effect of various
nitrogen sources was studied on xylanase production.

(5) pH: basic enzyme production medium of pH ranging
from 6 to 11 was used for xylanase production. HCl (1 N) for
pH 6.0 and sterilized Na2CO3 solution (10%) was utilized for
pH adjustment ranging from 8.0 to 11.0.

(6) Incubation temperature: xylanase production was
studied at temperatures of 32◦, 37◦, and 42◦C during SmF.

(7) Agitation rate: SmF was carried out at agitation rates
ranging from 160 to 220 rpm in a shaker incubator at 37◦C,
and xylanase production was studied.

(8) Effect of various additives: different additives like
KH2PO4 (1 g/L), glycine (0.2% w/v), olive oil (0.2% v/v),
SDS (0.2% v/v), tween 80 (1 g/L), D-xylose (1% w/v),
glucose (1% w/v), fructose (1% w/v), and trace element
solutions (pH 8) [5] were individually supplemented in the
fermentation medium. Their effects on xylanase production
were studied as enhancers or inhibitors.

2.8. Effect of pH on Activity and Stability of Xylanase. The in-
fluence of pH on xylanase activity was measured by incu-
bating 500 μL of appropriately diluted enzyme and 500 μL of
different buffers, adjusted to a pH of 7.0 to 10.6, containing
oat-spelt xylan homogenized substrate (0.5% v/v). The buff-
ers used were sodium phosphate (pH 7, 8, and 9) and glycine-
NaOH (pH 10 and 10.6). The effect of pH on xylanase
stability was measured over the pH ranging from 8.0 to 10.0
for 3 hr at 25◦ prior to the enzyme assay. After preincubating
the crude enzyme without substrate at various pH values,
residual xylanase activity at 30 min, 1, 2, and 3 hr time inter-
vals was determined under optimal assay condition.

2.9. Effect of Temperature on Activity and Stability of Xylanase.
The effect of temperature on enzyme activity was studied by
performing the standard assay procedure for 20 min at pH
9.0 (Optimum pH in assay condition) within a temperature
range of 35◦C to 65◦C.

The thermal stability pattern of xylanase was determined
by preincubation of crude enzyme without oat-spelt xylan
substrate at temperatures ranging from 45◦ to 65◦C for
30 min, 1, 2, 3, and 4 hr. After incubation, the enzyme ex-
tracts were cooled on ice for 10 min. Finally, the residual xy-
lanase activity was measured at indicated time intervals for
4 hr under optimal assay condition.

2.10. Xylan Hydrolysis. Oat-spelt xylan hydrolysis analysis
was evaluated after 48 h of fermentation (pH 8) at 37◦C,
by determination of reducing sugars and by high-pressure
liquid chromatography. The samples were centrifuged at
10000× g at 4◦C for 20 min and filtered through a cellulose
nitrate membrane filter (0.45 micrometer), to remove unhy-
drolysed xylan and other insoluble contaminants. Products
of xylan hydrolysis were analyzed by HPLC, using an Aminex
HPX-87H column (Biorad, 300 mm × 718 mm), at 40◦C,
with water Milli Q, as mobile phase (0.4 mL/min) and 20 μL
of sample injection to the column for a run time of 30 min.
A LAChrom Refractive Index detector L-7490 was used [15].

The standard sugar was used (D-xylose, Merck) at 1 mg/
mL as a reference.

3. Results

3.1. Isolation and Preliminary Screening of Xylanase-Produc-
ing Bacilli. 40 strains were detected to produce xylanase,
as displaying orange-colored xylan digestion halos on xylan
agar plates with halo size equal to 18–35 mm in diameter.

3.2. Secondary Screening Results. Enzymatic hydrolysis of the
surrounding xylan on the agar plates produced a clear zoon
in the medium in a milky/cloudy background. Ten strains
displaying biggest xylan digestion halo, equal in diameter to
25–35 mm, were screened.

3.3. Enzymatic Production. One Bacillus strain was selected
as the best producer of extracellular xylanase, displaying xy-
lan digestion halo diameter equal to 35 mm and maximum
enzyme activity features at pH 9 and temperature 55◦C.
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Figure 1: Effect of various carbon sources on xylanase production,
accompanied by time course pattern for enzyme production.

3.4. Identification of Microorganism. The BLAST search of
16S rRNA gene sequence against sequences in nucleotide
database has shown 100% homology with B. moj strain
NBRC 15718 16S rRNA gene sequence with accession num-
ber of AB363735. Thus, the new indigenous isolated strain
was identified and named as Bacillus mojavensis AG137.

3.5. Optimization of Fermentation Medium for Xylanase Pro-
duction. Time course experiments indicated that the enzyme
production reached its peak after 48 hr of SmF in the pres-
ence of oat bran as the best substrate for enzyme pro-
duction, displaying the maximum enzyme activity equal to
205.415 IU/mL, closely followed by bagasse which results in
enzyme activity equal to 200.321 IU/mL after 96 hr fermen-
tation. The results are shown in Figure 1.

In the presence of oat bran as optimum carbon source,
xylanase production started approximately after 12 hr of fer-
mentation, and the production peaked after 48 hr
(205.415 IU/mL). After 96 hr of SmF, xylanase production
still was acceptable (114.94 IU/mL), but declined thereafter
to 110.803 IU/mL. The increase in xylanase activity during
later stages in the medium might be due to the release of
small amounts of xylanase from the aged cells, entering into
autolysis. Also, it could be due to the scarcity of insoluble
xylan particles in the medium which if present the culture
broth might bind the xylanases [23]. Further incubation
did not increase xylanase yield, but it resulted in a decline.
Probably, the reduction in xylanase yield was due to the
depletion of available nutrients to microorganism or due to
the proteolysis [17]. The optimization step thus conducted
in the presence of oat bran as the best enzyme inducer and
optimum carbon source for xylanase production. Maximum
xylanase activity was observed in the presence of oat bran
when the production medium was supplemented with 20 g/L
(2% w/v) oat bran as enzyme inducer substrate (Figure 2).

Effects of inoculum size and optimum carbon source
concentration on xylanase production in SmF
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Figure 2: Effects of inoculum size and optimum carbon source
concentration on Xylanase production in SmF.

What is more, xylanase production in SmF increased with an
additional concentration of oat bran from 1% to 2% (w/v).
Higher concentration of lignocellulosic substrates was not
perfect according to the enzyme economical protocols [17].
Simultaneously, xylanase production was further increased
to 205.415 IU/mL when 2% (v/v) of 18-hour-old inoculum
of B. moj AG137 was inoculated to the production medium
in the presence of 20 g/L (2% w/v) optimum carbon sources,
but enzyme activity decreased to 175.66 IU/mL with further
addition of inoculum size (Figure 2). Higher concentration
of inoculums was not preferable for xylanase production in
industrial fermentations [10]. Presumably, 5% inoculum lev-
el was so high that the nutrients were consumed faster, and
it overall resulted in a lower enzyme yield (Figure 2). Hence,
a balance between the proliferating biomass and available
nutrients will yield maximum enzyme production [17].

Among all inorganic and organic nitrogen sources tested
(Table 1), a combination of yeast extract and tryptone
enhanced xylanase production to 249.308 IU/mL. Therefore,
they were selected as optimum nitrogen sources for xylanase
production by B. moj AG137. Likewise, the combination of
yeast extract and beef extract in the production medium
resulted in appropriate amount of xylanase activity equal to
213.218 IU/mL (Table 1). In contrast, ammonium sulphate
alone and its combination with yeast extract resulted in
strong repression of xylanase biosynthesis to a level of
74.714 IU/mL and 91.305 IU/mL (Table 1) as previously re-
ported by Sa-Pereira et al. [15].

Enzyme production started in a fermentation medium
adjusted to pH 6 and declined in media with pH adjusted to
9–11. Xylanase excretion displayed a sharp peak in enzyme
activity equal to 265.401 IU/mL in the production medium
adjusted to pH 8 (Table 2).

The optimum aeration rate for xylanase production
was achieved at 200 rpm showing enzyme activity equal to
290.76 IU/mL. Agitation rates below 200 rpm resulted in
low xylanase yields. It is probably due to the difficulty in
maintaining sufficient dissolved oxygen level for cell growth
(Table 2).

Optimum temperature for maximum xylanase produc-
tion was found to be at 37◦C, while displaying enzyme
activity equal to 290.76 IU/mL (Table 2).
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Table 1: Effects of nitrogen sources on xylanase production.

Organic nitrogen sources Xylanase activity (IU/mL)
Inorganic and combination of
organic and inorganic nitrogen
sources

Xylanase activity (IU/mL)

Peptone 118.118 NH4NO3 163.4742

Beef extract 157.1342 NaNO3 137.626

Casein 140.065 (NH4)2SO4 74.714
∗Yeast extract 196.1496 Yeast extract and NH4NO3 193.223

Y + tryptone 249.308 Yeast extract and KNO3 185.4204

Y + beef extract 213.218 Yeast extract and NaNO3 180.89

Control (Y + peptone) 205.415 Yeast extract and (NH4)2SO4 91.305
∗

Y = ∗Yeast extract.

Table 2: Effects of microbial inoculum size, initial pH, agitation speed, and temperature of the fermentation medium on optimum xylanase
production.

Optimum initial pH
of fermentation
medium

Xylanase activity
(IU/mL)

Optimum agitation
speed

Xylanase activity
(IU/mL)

Optimum initial
temperature of the

medium

Xylanase activity
(IU/mL)

6 215.657 160 189.329 32 186.39

7 148.332 180 252.721 37 290.76

8 252.721 200 290.76 42 229.31

9 182.981 220 220.534 — —

10 49.842 — — — —

11 32.285 — — — —

Table 3: Effect of additives on xylanase production.

Additives Xylanase activity (IU/mL) Additives Xylanase activity (IU/mL)

KH2PO4 302.466 Olive oil and KH2PO4 173.2281

Tween 80 265.4511 SDS 65.935

Olive oil 251.258 Glucose 14.7282

Trace elements solution 246.8696 Sucrose 11.802

Glycine 186.3957 D-xylose 11.314

Control (No additives) 252.722 — —

The influence of additives on xylanase production
level has been reported in Table 3. Maximum increase in
xylanase production equal to 302.46 IU/mL was observed
in the presence of KH2PO4 followed by tween 80 equal
to 265.45 IU/mL. Such compounds presumably increase the
permeability of the cell membrane and cause rapid secretion
of the xylanase. The effect of tween 80 to increase xylanase
yield has been reported widely by Kapoor et al. [17]. In
this study also the addition of Tween 80 to fermentation
medium increased xylanase yield from B. moj AG137 strain.
The possible reasons could be (i) increased enzyme stability
and prevention of enzyme denaturation; (ii) affecting the
substrate structure positively and making it more accessible
for enzymatic hydrolysis; (iii) affecting enzyme-substrate in-
teractions positively, leading to a more effective conversion
of substrate.

On the other hand, the ionic surfactants (SDS) cause cell
membrane lysis [17], so it was used to see if cell lysis oc-
curs in late growth hours and will release more xylanase from
cell lysis or not? As expected, the addition of SDS to the

fermentation medium resulted in a severe reduction of en-
zyme yield equal to 65.935 IU/mL (Table 3), and this might
be caused due to multiple reasons such as conformational
changes in the tertiary, secondary structure of the protein,
binding of surfactants to the active site of the enzyme, or
changing in the nature of the substrate by decreasing the
availability of reaction sites [17].

The influence of olive oil on enzyme activity revealed
that the olive oil alone did not enhance xylanase secretion
via increasing cell membrane permeability significantly, but
it inhibits xylanase production to a reduced level of 173,
228 IU/mL in combination with KH2PO4 during SmF; this
fact could be due to the antagonistic interaction between
these two compounds.

The recorded observations for xylanase activity in the
production media, supplemented by sugars as additives
(Table 3), indicate that D-xylose, sucrose, and glucose inhib-
ited xylanase production strongly to minimum productivity
equal to 11.31 IU/mL which could be caused by catabolism
repression matter.
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Figure 3: pH profile of xylanase produced from B. mojavensis AG
137.
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3.6. Effect of pH on Activity and Stability of Xylanase. pH pro-
file of xylanase activity is illustrated in Figure 3. Optimum
pH was found to be 9 with activity level of 190.297 IU/mL.
Xylanase pH stability pattern is illustrated in Figure 4. Atten-
tion to the results indicates that the enzyme preserves 75%
and 74% of its initial maximum activity in pH 9 and 10 after
2 hours of preincubation, and it maintains 71% and 63% of
its maximal activity after 3 hours of preincubation in pH 9
and 10.

3.7. Effect of Temperature on Activity and Stability of Xylanase.
Temperature profile of xylanase activity, showing a sharp
peak of enzyme activity at 55◦C equal to 194.68 IU/mL,
is illustrated in Figure 5. Also, xylanase thermal stability
pattern at optimum temperature of enzyme activity is
illustrated in Figure 6. The preincubated enzyme preserves
approximately 68, 56, and 50% of its initial activity at
45◦, 50◦, and 55◦C for 1 hour. At 60◦C, it presents 70%
xylanase residual activity for 30 min. However, the most
original xylanase activity was lost gradually at other elevated
temperatures.
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Figure 5: Temperature profile of produced xylanase from B. mo-
javensis AG 137.
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AG 137.

3.8. Xylan Hydrolysis Detection. Hydrolysis product of pure
oat-spelt xylan substrate was confirmed through HPLC anal-
ysis. The results of HPLC chromatogram for standard D-xy-
lose sugar in Figure 7 obviously display D-xylose peak in re-
tention time of 16.91 min for the standard sugar. Likewise,
the same D-xylose peak emergence in retention time of
16.8 min was observed in that of the test sample (Figure 8).
Therefore, retention time equality of D-xylose peak in the
HPLC chromatogram of the test sample to that of the stand-
ard sugar confirmed D-xylose sugar production as one of the
released xylooligosaccharides during the standard assay con-
dition in consequence of xylanase action on pure oat-spelt
xylan substrate.

Hence, selective hydrolysis product of hemicellulase
component of pure oat-spelt xylan substrate has been con-
firmed through HPLC analysis by the activity of this xylan-
ase. Furthermore, the HPLC results validated that xylanase
extracted from B. moj AG137 is a completely active, viable,
and dynamic enzyme.

4. Discussion

Scientific records show that strains of Bacillus mojavensis
have been implemented in biological control qualities. For
instance, they are mostly known as very good antagonistic



Enzyme Research 7

2 4 6 8 10 12 14 16 18 20 22 24 26 28 30

120
100

80
60
40
20

0

X
yl

os
e-

.9
1 Retention time:

16,914 min
emergence of

D-xylose standard peak

(M
V

)

(minutes)

16
4

Pe
ak

1
(1

0.
83

9)
Pe

ak
2

(1
1.

4)

Figure 7: HPLC chromatograms of Standard D-xylose sugar sam-
ple.

2 4 6 8 10 12 14 16 18 20 22 24 26 28 30

20

15

10

5

0

Retention time: 16.804,
emergence of D-xylose peak

of test sample

(M
V

)

(minutes)

Pe
ak

1
(1

1.
10

4)
Pe

ak
2

(1
2.

25
8) Pe

ak
3

(1
3.

97
8)

Pe
ak

4
(1

5.
28

3)
Pe

ak
5

(1
6.

80
4)

Pe
ak

6
(1

8.
44

5)

Pe
ak

7(
26

.4
26

)

Pe
ak

8
(2

9.
6)

Figure 8: HPLC chromatograms of test sample.

agents for the plant pathogen’s fungus such as Fusarium
moniliforme [25] Despite the fact that there are just few re-
ports for B. moj strains, implemented in enzyme production
area such as alkaline protease production from B. moj by Beg
et al. [26], in this study, the production of alkaline xylanase
by B. moj AG137 seems to be the first report. Regarding the
fact that xylanase is categorized as an important industrial
enzyme, it can be produced successfully by SmF [27] and
SSF [1, 5, 13]. Although there are some reports on xylanase,
high production equal to 500 IU/mL in the work by Poorna
and Prema [28] and equal to 1300 IU/mL in the work by
Kapoor et al. [17], among bacterial producers, 52 IU/mL
of xylanase yield has been reported from Bacillus v1-4
[16], or 17 IU/mL xylanase yield has been reported from
Bacillus thermoglucosidasius [23]. In contrast, the presented
results in this work and enhanced amounts of xylanase pro-
duction demonstrate that among many methods to improve
enzyme yield, optimization of medium components and cul-
tivation conditions remains a facile and feasible one, sup-
ported by previous studies [17]. In addition, according to
a study conducted by Oliveira et al. [14], among five agri-
cultural wastes evaluated in SmF for xylanolytic enzyme pro-
duction by Penicillium janthinellum, oat husk (oat bran) with
xylanase production yield of 54.8 IU/mL was the best indu-
cer of xylanase [14]. Similarly, the outcome of this study
indicates that the optimization of SmF process parameters
resulted in high level of xylanase production after 48 h of
fermentation in the production medium supplemented with
oat bran as the best enzyme inducer. Overall, a 1.55-fold
increase in xylanase yield equal to 302.466 IU/ml has been

achieved in comparison with xylanase activity equal to
194.68 IU/ml in nonoptimized fermentation medium. More-
over, the results highlight that oat bran supplemented opti-
mized medium is very cost effective as compared to un-opti-
mized oat-spelt xylan supplemented media. Alternative sub-
strates such as bagasse and molasses also can be suitable sub-
strate for xylanase production by this strain, so this finding
accounts a positive point for this strain and its ability to fer-
ment and produce sufficient amounts of xylanase in the pres-
ence of various lignocelluloses as it also has been support-
ed by previous studies [17, 27]. Besides, high level of xylanase
production on xylan-containing substrates such as oat bran,
wheat bran, bagasse, and molasses suggests that xylan is
necessary for the effective induction of xylanase from B. moj
AG137.

Typically and according to previous studies, organic ni-
trogen sources have been found to stimulate xylanase pro-
duction in Bacillus species [10].

To the best of our knowledge, using tryptone as one of the
best organic sources in combination with yeast extract has
not been reported earlier as optimum nitrogen sources for
xylanase production so far, and this interesting new finding
has been first reported in this study. Some main justifications
for the superiority of selected nitrogen sources have been
discussed further. It could be possible that the selected
organic nitrogen provided by yeast extract and tryptone
contains most of amino acids required for B. moj AG137
strain, and that these amino acids could be absorbed directly
by the bacterial cells; what is more, complex nitrogen source
like tryptone releases NH4 ions which stimulate growth.
At the same time, it can increase enzyme yield because of
its protease inhibiting nature at low concentration. On the
other hand, ammonium sulphate alone and its combination
with yeast extract resulted in strong repression of xylanase
biosynthesis as previously reported by Sa-Pereira et al. [15].

Thus, it can be concluded that xylanase excretion and
its extracellular performance depend directly on type of
ions present in solution since they affect overall kinetics, so
(NH4)2SO4 causes an inhibition in xylanase excretion or syn-
thesis in fermentation medium, in which (NH4)2SO4 ions
probably inhibit enzyme production by altering and decreas-
ing cell membrane permeability in B. moj AG137.

The pH of the medium strongly affects many enzymatic
processes and transport of various components across the
cell membrane [17]. Also, xylanase production by various
bacteria and fungi has been reported to be markedly depend-
ent on pH [10]. Acidic pH 4–6 generally favors fungal
xylanases [12], while higher pH favors bacterial xylanases
[28]. Agitation and aeration studies in this research were
used to meet the demand of oxygen during fermentation pro-
cess. Mechanical agitation, moreover, is reported to be cru-
cial in SmF due to its effectiveness in mixing contents of
media and prevention of cell clumping [17]. Thermal-alka-
li activity and stability of xylanases are very important prop-
erties due to their potential applications in several industrial
processes. As case in point, paper and pulp industry is one of
the distinguishing areas in which active and stable xylanase
in high pH and temperature ranges is mighty pressing for
their high quality of final products [10, 28, 29]. Accordingly,
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thermal and pH stabilities of xylanase, isolated from B.
caldoxylolgticus, have been reported by Cordeiro et al. [23].
Lama et al. [3] also have reported a very high thermostable
xylanase enzyme, isolated from Bacillus thermantarcticus.
Furthermore, there are many other reports for extraction of
alkali-tolerant xylanase from Bacillus sp. by Cordeiro et al.
[23], thermostable xylanase from Bacillus subtilis by Sa-
Pereira et al. [15], and stable xylanase report from Bacillus
pumilus by Poorna and Prema [28].

In this study, considering enzyme pH and temperature
activity and stability features (its high activity kept at pH 9
and 10 during 3 hours and being thermostable at temper-
atures ranging from 60–45◦C for 3 hour) indicates that this
xylanase from B. moj AG137 exhibits favorable potentials for
application in industrial scale.

Abbreviations

SmF: Submerged fermentation
B. moj: Bacillus mojavensis.
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Yoghurt strain Lactobacillus LBL-4 cultivated for 8–10 h at pH ∼6.0 was investigated as a considerable food-grade source of
intracellular aminopeptidase. Cell-free extract manifesting >200 AP U/l was obtained from cells harvested from 1 L culture
media. Subtilisin-induced hydrolysates of casein, soybean isolate, and Scenedesmus cell protein with degree of hydrolysis 20–22%
incubated at 45◦C for 10 h by 10 AP U/g peptides caused an enlarging of DH up to 40–42%, 46–48%, and 38–40% respectively.
The DH increased rapidly during the first 4 h, but gel chromatography studies on BioGel P-2 showed significant changes occurred
during 4–10 h of enzyme action when the DH increased gradually. After the digestion, the remained AP activity can be recovered
by ultrafiltration (yield 40–50%). Scenedesmus protein hydrolysate with DH 20% was inoculated by Lactobacillus LBL-4 cells, and
after 72 h cultivation the DH reached 32%. The protein hydrolysates (DH above 40%) obtained from casein and soybean isolate
(high Q value) demonstrated a negligible bitterness while Scenedesmus protein hydrolysates (low Q value) after both treatments
were free of bitterness.

1. Introduction

During the enzymatic hydrolysis of proteins (especially
with high Q value [1]), bitter-taste peptides are released
limiting their application in food processing. Methods for
elimination of bitter peptides are known, but the procedures
cause a significant loss of essential amino acids [2, 3].
Exopeptidases from different sources have been applied for
additional hydrolysis of protein hydrolysates reducing the
bitter taste. Kidney’s tissue aminopeptidase [4] as well as
pancreatic protease preparations [5] have been involved in
the debittering procedures of different originate peptides.
Enzymes from plant origin have been successfully used for
this purpose [6–8]. The bitterness of casein hydrolysate as
well as of soybean protein hydrolysate has been removed
at low cost with incubation by cell wall Saccharomyces
carboxypeptidases [9]. Similar effect has been observed
during the additional hydrolysis of peptides catalyzing by
fungal protease preparation [10]. A number of commercial
microbial aminopeptidases have been in use for preparation
of protein hydrolysates lacking bitter taste [11–14].

Special attention was given to aminopeptidases hydrolyz-
ing bitter peptides and liberating aromatic amino acids,
which are important precursors of aroma compounds [15–
17]. Enzymes hydrolyzing single Pro or pairs of Pro residues
in bitter peptides are of particular interest [17–20]. Because
of its unusual structure, the proline residue is resistant to
enzymatic hydrolysis by exopeptidases and oftentimes limits
the depth of hydrolysis that can be achieved. The use of
proline-specific peptidases together with aminopeptidases of
broad specificity has been especially successful in the food
industry [21].

A basic review on bitterness in cheese due to the partial
casein hydrolysis was published in 1996 [22]. The lactic acid
bacteria expressing specific X-prolyl dipeptidylpeptidase is
also being explored for debittering of tryptic digests and
enzyme-modified cheese [23]. A similar approach has also
been used for the generation of bioactive peptides with
antihypertensive, immunomodulatory, and antimicrobial
properties [24].

Exopeptidase activities have been detected in the number
of lactic acid bacteria, but their role has been described in
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Figure 1: Biosynthesis of intracellular aminopeptidase activity during the Lactobacillus LBL-4 cultivation at natural pH decrease; (o):
aminopeptidase activity; (•): 1g cfu/ml.

respect mainly to the dairy processes [24, 25]. Lactobacillus
LBL-4 strain from yoghurt starters was reported as a source
of intracellular AP activity [26]. The aim of the present
work is to study: (i) Lactobacillus LBL-4 as a source of
AP activity depending on the fermentation conditions, (ii)
the additional cleavage and corresponding debittering of
hydrolysates from casein, soybean (high Q value), as well as
Scenedesmus cell protein (lowQ value) in vitro by cell-free AP
extract, (iii) hydrolysis in vivo during the cultivation of the
strain LBL-4 on a medium based on the protein hydrolysate
from Scenedesmus cells.

2. Experimental Procedures

2.1. Aminopeptidase Extract. The strain Lactobacillus LBL-
4 was obtained from the ELBY Engineering Lactic Acid
Bacteria Collection, Sofia, Bulgaria. A 10% (v/v) inoculum
of the working culture LBL-4 was added to a medium based
on hydrolyzed milk proteins [27] in a fermenter LKB 1601
Ultroferm, and temperature was maintained at 45◦C for 14 h.

The cultivation was conducted using two different
ways—at natural pH decrease through the lactic acid
fermentation as well as at pH 5.9 ± 0.1 maintained by
automatic addition of neutralizer containing 20% Na2CO3

in 20% NH4OH. In both cases, the culture was stirred with
T-line stirrer at 150 rpm. Microbial growth was determined
by measuring absorbance at 650 nm. Viable cell population
was estimated by plating samples on MRS agar. Lactobacillus
LBL-4 cells were harvested from the medium samples by
centrifugation (4000 × g at 4◦C for 15 min). The addition
of lysozyme (Sigma) (1 mg/mL at 40◦C for 2 h) led to AP
release. The pooled supernatant fluids (4000 × g at 4◦C
for 30 min) of four successive centrifugations gave the AP

extracts, concentrated further by ultrafiltration on Amicon
UM-10 membrane.

2.2. Hydrolysis. Solutions (6%) of casein and soybean isolate
as well as 10% suspension of green algae Scenedesmus
extracted by ethanol were used as substrates [28]. The
enzymatic hydrolysis by subtilisin DY (5000 units/g substrate
protein) was carried out at pH 7.8 and 50◦C for 4 h [29].
After hydrolysis, the reaction mixtures were centrifuged
at 2000 × g for 15 minute yielded in clear solutions
(pH 7.0) containing 3.6% hydrolyzed protein with DH
20–22% (casein, soybean) and 19–20% (algae). Samples
(100 mL) of protein hydrolysate solutions were incubated
at 45◦C with cell-free AP extract (36 AP units), and the
additional hydrolysis in vitro was run for 10 h. Aliquots
were taken, adjusted to pH 3.0 to obtain, clear solution,
filtered, and applied for analysis. After the process was
over (10 h), some samples of the reaction mixture were
subjected to ultrafiltration (Amicon UM-10 membrane)
to evaluate the enzyme recovery. In order to study the
enzyme/substrate ratio, hydrolysis for 10 h of both casein
and algae peptides were performed in the range of 5–20 AP
units/g hydrolyzed protein. Industrial scale Scenedesmus
algae protein hydrolysate [28] was extracted by water (1 : 9,
w/v) to obtain clear solution (DH 19-20%; 5.5% hydrolyzed
protein). Peptides were inoculated by 10% (v/v) culture
of Lactobacillus LBL-4 grown in sterilized skim milk (107-
108 cfu/mL) and fermented for 72 h at 45◦C in order to follow
the in vivo hydrolysis.

2.3. Analysis. Aminopeptidase activity of the cell-free LBL-4
extract was analyzed using L-Ieucine-p-nitroanilide (Serva)
as substrate [30]. A unit of AP activity was defined as the
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Figure 2: Biosynthesis of intracellular aminopeptidase activity during the Lactobacillus LBL-4 cultivation at maintained pH ∼6.0; (o):
aminopeptidase activity; (•): 1g cfu/ml.

amount of enzyme producing 1 μmole p-nitroaniline per
minute (E410 = 8800 M−1cm−1). Carboxypeptidase activity
was measured by spectrophotometric method using N-
carbobenzyloxy-L-Leu (Serva) as substrate. One unit of
enzymatic activity was defined as the amount of enzyme that
produced an increase in absorbance at 570 nm of 0.01 units
[29]. Proteolytic activity of Subtilisin DY was defined as
μg tyrosine released per min during the hydrolysis of 1.2%
casein (Fluka) at pH 7.4, 37◦C [31].

The concentration of amino nitrogen was determined
according to Adler-Nissen [32] and the DH was estimated
as the percentage of the cleaved peptide bonds. The protein
content was measured by Kjeldahl’s method [33].

BioGel P-2 extra fine, from Biorad (USA) was packed in
a column (13 × 140 mm) equilibrated by 0.1 M acetic acid
containing 0.28% SDS as it was recommended earlier [34].
Samples (0.1 mL) were applied and eluted (velocity 18 mL/h)
by starting buffer. Absorbance at 280 nm was measured
continuously by a monitor UV-l, Pharmacia (Sweden). The
following molecular weight markers were applied: Insulin
B-chain (Sigma) -3495 Da; L-glutathione (oxidized) (Serva)
-612 Da; L-glutathione (reduced) (Serva) -307 Da; Trp-Leu
(Merck) -317 Da; Gly (Sigma) -75 Da.

For sensory analysis, the peptide solutions (0.25 mL)
were compared with 0.25 mL of standard quinine sulfate
solutions (0.001–0.004%) for bitterness. The bitterness level
was expressed in corresponding concentration of the quinine
sulphate.

3. Results and Discussion

3.1. Aminopeptidase Sources. Yoghurt strain Lactobacillus
LBL-4 was investigated as a considerable food-grade source
of intracellular aminopeptidase using a crude cell extract,
because the strain is isolated from traditional yogurt in
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Figure 3: Increase of DH during the additional cleavage of protein
hydrolysates from soybean (o), casein (•) and algae (♦) protein
induced by 8 AP U/g peptides.

Bulgaria. Further study regarding the isolation and charac-
terization of the aminopeptidase will be published.

Figures 1 and 2 represent the biosynthesis of intracellular
AP activity during the cultivation of LBL-4 at maintained
pH 5.8–6.0 as well as at natural pH decrease down to pH 4.0.
It is clear that the number of living LBL-4 cells (cfu/mL) as
well as their growth phase define the enzyme yield (Figure 2).
Cultivation at constant pH for 12 h lead to maximal cell
density of 5 × 1012 cfu/mL; however, maximal AP activity
(>200 AP U/l medium) was yielded from logarithmic-phase
cells harvested after 8–10 h fermentation time. The low AP
activity (70 U/l medium) obtained in the case of lactic acid
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fermentation at maintained pH ∼6.0 (Figure 2) underlined
the importance of pH control during the cultivation process.
The obtained extract can be subjected to evaporation in
vacuum, and no activity reduction was observed using up
to 45◦C of the water bath. An ultrafiltration procedure
can also be applied successfully. Neither endopeptidase nor
carboxypeptidase activities were detected in the cell-free
extract, which is evidence that the in vitro peptide hydrolysis
was due to the action of the aminopeptidase only.

Exopeptidases from different sources have been suc-
cessfully used for further hydrolysis of bitter peptides.
The extracts from animal sources should be purified from
the contaminants presented. Mycotoxins make microbial
exopeptidases less suitable for food application [6]. The low

content of exopeptidases in plant sources as well as laborious
procedures for isolation appears to be a limitation for their
practical use.

It was discovered that baker’s yeast residue autolysis
demonstrating carboxypeptidase activity [9] is an attractive
exopeptidase source. Cell wall Saccharomyces carboxypepti-
dase has been caused fate of peptides bitterness (200 g cell
walls/kg peptides). According to our studies, the use of yeast
residues can be accompanied by microbial contamination, so
the presence of preservatives could be required during the
hydrolytic process.

The strain Lactobacillus LBL-4 is an attractive microbial
source of AP from several points of view: (a) the culture is
used for production of traditional food; (b) relatively high
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level of AP activity after short fermentation time, (c) after
sterile filtration the hydrolysis can be carried out in aseptic
conditions; (d) possibility for industrial-scaled cultivation.

3.2. Hydrolysis by Cell-Free Aminopeptidase. The enzymic
protein hydrolysates used as model substrates for additional
hydrolysis by AP activity were obtained after subtilisin-
induced hydrolysis of casein, soybean isolate, as well as
Scenedesmus cell protein as described before [28]. In all cases,
the enzymatic hydrolysis proceeded to a limited DH (20–
26%) although a proteolytic enzyme with broad specificity
was used. This result could be explained by the formation
of relatively stable polypeptide structures, containing in their
interior some peptide bonds unsusceptible to the enzyme
action [35]. On the other hand, it is known that casein
hydrolysates (with high Q value) as well as soybean isolate
hydrolysates with DH 20–26% manifest a strong bitterness
[36].

The influence of enzyme/substrate ratio was studied
using the initial protein hydrolysates from casein (DH 20–
22%) and algae protein (18–20%). Algae peptides were
additionally degraded by 5, 10, and 20 AP U/g hydrolyzed
protein, obtaining final products with DH 32%, 38%, and
43% respectively. Subtilisin-digested casein incubated at the
same enzyme/substrate ratio resulted in hydrolysates with
DH 34%, 40%, and 46%. A range of 8–10 AP U/g hydrolyzed
protein could be recommended for the debittering process
combining an acceptable DH of the final products and
enzyme save. The subtilisin activity prior to addition of
the AP activity was not inactivated due to two reasons: (a)
minimum chemical introduction in food process, and (b)
the enzyme continues its action on the new peptides formed
under the AP action.

Figure 3 illustrates the additional cleavage of protein
hydrolysates with different Q value by AP cell-free extract
from LBL-4. A significant increase of DH during the first
4 h of additional hydrolysis process corresponded to a typical
enzyme kinetic. After 10 h the process was ended, and the
initial DH (20–22%) increased up to 40–42%, 46–48%,
and 38–40% for the casein, soybean, and algae proteins,
respectively. No significant differences in DH were observed
at similar experiments carried out for up to 24 h hydrolysis.

The enzyme action was followed by gel chromatogra-
phy (Figure 4) showing that considerable changes occurred
during the hydrolysis in the period of 4 to 10 h when the
DH increased gradually. The gel chromatography on BioGel
P-2 was applied by addition of 0.28% SDS reducing the
interactions of hydrophobic aromatic amino acids (resp.
their short peptides) and matrix [34]. This gave us an
opportunity to follow the reaction according to the molec-
ular weights of the released peptides. Gel chromatography
profiles demonstrates 3 main fractions: (i) relatively high-
MW peptides (2000 Da and more); (ii) middle fraction
consisting of 3–8 amino acid residues mainly; (iii) dipeptides
and free amino acids. Practically, oligopeptides consisting
of 2 to 8 amino acid residues appeared to be substrates for
the aminopeptidase’s action during the additional hydrolysis.
After the end of hydrolysis, a reduction of the middle fraction
can be observed in all cases, and the final hydrolysates
obtained consist mainly of high MW fraction and free
amino acids. The presence of high MW peptides in the
hydrolysates is a positive factor balancing high osmolarity of
the free amino acids. After the AP treatment, samples of the
hydrolysates (casein, algae) were subjected to ultrafiltration
showing 40–50% enzyme recovery with possibility for reuse.

The bitterness level of the initial soybean and casein
hydrolysates (high Q value [1]) was near to the bitterness
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of 0.003-0.004% quinine sulphate. After the additional AP
hydrolysis, the bitter taste reduced significantly and was
comparable with 0.0005–0.001% quinine sulphate (near to
the threshold). Even the debittering effect was very clear,
the number of panelists (5 people) makes these results with
preliminary character. The algae protein hydrolysate (low Q
value [28]) manifesting a weak bitter taste was practically free
of bitterness after the additional cleavage by AP.

3.3. Hydrolysis during the Lactobacillus LBL-4 Fermentation.
The results obtained during the hydrolysis in vitro by Lac-
tobacillus LBL-4 AP challenged us to check the possibility for
cleavage of the bitter peptides during the strain fermentation.
The cultivation of Lactobacillus LBL-4 on algae protein
hydrolysate—a model peptide system with low Q value—
is followed on Figure 5. During the in vivo process, DH
of algae hydrolysate increased to a more moderate level of
32%, while at the hydrolysis by cell-free AP, the DH reached
38% (Figure 3). The cultivation/hydrolysis time was much
longer due to three reasons, mainly, (i) The AP content
in the studied model system is approximately in an order
less than in the hydrolysis experiments in vitro; (ii) the
cell membrane limited the permeability of peptides; (iii)
although the substrate solution has buffering capacity, pH
value of the cultivation medium decreased gradually due to
the released lactic acid. On the other hand, the presence of
organic carboxylic acids is desirable due to their masking
effect on the bitter taste [37].

During the fermentation process, the peptide content
decreased (Figure 5) in the range of 10% from the initial
value which was acceptable for a 72 h process. The final algae
peptide solution was nonbitter; therefore, the additional
hydrolysis in vivo could be recommended in the case of-low
Q value proteins.

4. Conclusion

The strain Lactobacillus LBL-4 is an attractive microbial
source of aminopeptidase with high potential for debit-
tering of enzymatic protein hydrolysates, which could be
successfully applied as food additives in medicine and sport.
Both methods: the use of cell-free enzyme extract as well
as cultivation of the strain on media containing hydrolyzed
protein resulted in a significant reduction of bitterness.
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AP1: Aminopeptidase
DH2: Degree of hydrolysis.
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Many natural and synthetic estrogens are amenable to oxidation through the catalytic action of oxidative enzymes such as the
fungal laccase Trametes versicolor. This study focused on characterizing the conversion of estradiol (E2) using laccase that had been
immobilized by covalent bonding onto silica beads contained in a bench-scale continuous-flow packed bed reactor. Conversion of
E2 accomplished in the reactor declined when the temperature of the system was changed from room temperature to just above
freezing at pH 5 as a result of a reduced rate of reaction rather than inactivation of the enzyme. Similarly, conversion increased
when the system was brought to warmer temperatures. E2 conversion increased when the pH of the influent to the immobilized
laccase reactor was changed from pH 7 to pH 5, but longer-term experiments showed that the enzyme is more stable at pH 7.
Results also showed that the immobilized laccase maintained its activity when treating a constant supply of aqueous E2 at a low
mean residence time over a 12-hour period and when treating a constant supply of aqueous E2 at a high mean residence time over
a period of 9 days.

1. Introduction

Endocrine disruption is a problem of increasing environ-
mental importance, as evident by anomalies that have been
discovered in wildlife exposed to a variety of exogenous
toxic compounds released into the aquatic environment via
municipal and industrial effluents and agricultural runoff

[1, 2]. Estrogens excreted by humans and entering aquatic
systems via sewage treatment plants are of particular interest
since estrogen excretion cannot currently be controlled at
the source, and estrogens are among the most potent known
endocrine disruptors [3].

Particularly problematic estrogens include the natural
estrogens 17β-estradiol (E2), estriol (E3) and estrone (E1)
and also the synthetic estrogen 17α-ethinylestradiol (EE2),
which is the active ingredient in birth control pills and other
therapeutic reagents. Such compounds are frequently found
in wastewaters and in surface waters in quantities that are
in excess of their predicted no-effect concentrations [4] and
are reportedly responsible for the majority of the estrogenic

activity of municipal wastewaters [5, 6]. Given that these
estrogens are phenolic compounds, they are amenable to
oxidation through the catalytic action of a variety of
oxidative enzymes [4]. Thus, it has been postulated that
there is potential for applying enzymes to treat problematic
estrogens commonly found in waste streams [4, 7–9].

The recognition of this potential has recently prompted
researchers to explore the technical feasibility of this process.
Much of this work was directed toward evaluating the ability
of plant peroxidases and fungal laccases to treat aqueous-
phase estrogens in bench-scale batch reactors (e.g., [4, 10]).
While peroxidase enzymes have demonstrated relatively high
redox potentials and can achieve appreciable conversion of
their target substrates, even at very low concentrations in
the nanomolar to micromolar range [4, 9, 11], their catalytic
activity requires the use of hydrogen peroxide as an oxidant.
In contrast, laccase enzymes have a lower redox potential,
but have the advantage of using readily-available molecular
oxygen as an oxidant [12]. Also, substrate conversion can be
enhanced when laccase is used in conjunction with various
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noncatalytic cooxidants known as mediators [13]. Of the
many laccases that may be selected as candidate enzymes
for treatment processes, laccase from Trametes versicolor
exhibits amongst the highest redox potentials [14] and has
demonstrated a very good ability to remove substrates such
as phenol, bisphenol A, and the estrogens E2, EE2, and E3

from aqueous solutions [10, 12, 15].
The use of enzymes for wastewater treatment has many

potential advantages including the substrate specificity of
enzymes, no susceptibility of the biocatalyst to shock-loading
effects (i.e., since it is a biochemical system rather than a
biological system), high rates of reaction, efficient use of
oxidants, and effective treatment at low substrate concen-
trations [16, 17]. While the use of enzymes for converting
waste compounds has many advantages, there are also some
drawbacks that could limit their application, such as the
gradual inactivation of the enzyme over time, inactivation
of the enzyme due to side reactions in reacting mixtures,
and interference of wastewater contaminants with enzymatic
reactions [18]. Moreover, when the aqueous enzyme is used
to treat contaminants in waste streams, the high cost of
continually discarding the enzyme with treated solutions
may be particularly prohibitive.

In earlier work with peroxidase and laccase, these
enzymes were found to be quite robust in terms of their
ability to catalyze the oxidation of substrates in the presence
of many wastewater contaminants and under wide ranges
of pH and temperature [15, 18, 19]. Inactivation was
found to occur with both types of oxidase enzymes, but
rates of inactivation were found to be low when substrate
concentrations were low [4, 20, 21]. These findings are quite
promising in terms of the treatment of estrogens that are
present in wastewaters at very low concentrations. However,
the losses associated with the release of the soluble enzymes
in the treated effluents still represent a significant limitation
that must be addressed in order to minimize catalyst costs.
Thus, it is hypothesized that immobilizing the enzymes
onto a solid support for continual use in a reactor system
could mitigate some of these problems. Immobilization is
a process whereby enzyme is attached or adsorbed onto a
water-insoluble matrix, thereby, retaining the enzyme in a
reactor and exposing it to a continuous flow of substrate over
time.

In order to attempt to minimize the amount of enzyme
required to achieve effective treatment of estrogens, the
objective of the present study was to characterize the
conversion of E2 using T. versicolor laccase immobilized onto
controlled porosity silica beads and used in a small-scale
flow-through reactor. E2 was chosen as a model substrate
because it is the most potent of the natural female hormones,
and previous studies found very promising trends in the
conversion of this and other estrogens [4, 10, 22]. The
impacts of the following system conditions on the conversion
of 17β-estradiol (E2) by laccase immobilized in a packed
bed reactor were investigated: pH, contact time, initial
E2 concentration, and temperature. The stability of the
enzyme over time and under varying conditions of pH and
temperature was also studied.

All experiments were conducted using influent E2 con-
centrations much higher than that which are typical of
wastewater treatment plant influents; that is, experiments
were conducted in the mg/L range, whereas E2 has been
found in treatment plant effluents in the ng/L range [23].
This was done in order to establish clear and informative
trends, while working within the confines of available ana-
lytical equipment. However, the influent E2 concentrations
used in experiments are quite close to those found in human
female urine and so the results may be relevant if treatment
were to be performed at the source [24].

2. Materials and Methods

2.1. Chemicals and Reagents. Laccase from T. versicolor (EC
1.10.3.2) was purchased from Fluka (Ronkonkoma, NY).
The nominal activity quoted by the manufacturer was
0.72 U/mg, where 1 unit (U) corresponds to the amount of
enzyme which converts 1 μmol of catechol per minute at
pH 6.0 and 25◦C. The dry enzyme powder was stored in a
sealed container in a refrigerator at 4◦C until needed. 17β-
estradiol (E2) (>98% purity) was purchased as a dry powder
from Sigma-Aldrich (St. Louis, MO). Concentrated stock
solutions of E2 were prepared in methanol and stored in
a refrigerator at 4◦C until needed. Glutaraldehyde solution
(25%, Grade II), glycine, and American Chemical Society
(ACS) grade phosphoric acid (85% in water) were purchased
from Sigma-Aldrich (St. Louis, MO). Sodium chloride and
boric acid powder were purchased from Fluka (Ronkonkona,
NY). Sodium hydroxide (1 N) and sulphuric acid (1 N) were
purchased from Fisher (Fair Lawn, NJ). Glacial acetic acid
(HPLC grade) was purchased from Caledon Laboratories
(Georgetown, ON). Britton-Robinson buffer was used to
maintain the desired pHs of all reaction solutions. The buffer
consisted of a solution of 0.1 M acetic acid, 0.1 M boric
acid, and 0.1 M phosphoric acid, which was then adjusted
to the desired pH by addition of 1 N sodium hydroxide. All
reagents and buffers were prepared using distilled-deionized
water produced using a D4741 Nanopure Water System from
Barnstead/Thermolyne (Dubuque, IA).

Methylene blue powder purchased from Anachemia (St-
Laurent, QC) was used in all tracer studies. A concentrated
methylene blue solution was prepared in distilled water
and stored until needed. More dilute solutions of 4.8 mg/L
concentration were prepared in distilled water on the day of
the tracer study.

CPC- (controlled porosity carrier-) silica carrier silane-
coated beads were purchased from Fluka (Ronkonkona,
NY). As indicated by the manufacturer, these beads were
derivatized with 3-aminopropyl-triethoxysilane and were
reported as 30 to 45 mesh with a pore size of 375 Å. Since
the beads are sensitive to humidity, they were stored in sealed
containers in a cool, dry place until use.

2.2. Immobilization. Laccase was immobilized on the CPC-
silica beads using a method reported previously [25]. First,
8 g of beads were immersed in 2.5% glutaraldehyde in a
stoppered filtration flask and put under light vacuum for
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2 hours in order to degas the beads and allow as much
bead surface area as possible to be coated with aldehyde
groups. Subsequently, the beads were thoroughly washed
with pH 5 buffer (prepared as described above) and then
immersed in a stock laccase solution (i.e., 200 mg of laccase
in 200 mL of buffer prepared the same day) for at least
18 hours at 4◦C. After thoroughly washing the beads with
buffer again, the beads were rinsed with 0.5 M sodium
chloride in order to prevent sorption of the enzyme onto
the beads, since only the measurement of reactions catalyzed
by covalently bonded enzyme was desired. The beads were
again thoroughly washed with buffer and then immersed in
2.5 mg/mL glycine for at least 18 hours at 4◦C. Once again,
they were thoroughly washed, first with buffer, then 0.5 M
sodium chloride, then buffer, and finally stored in buffer at
4◦C until use. All reagents used in the immobilization process
were made in pH 5 buffer.

2.3. Chemical Analyses. Tracer studies were conducted
in order to determine the mean-residence time of the
immobilized-enzyme reactor system and the time it took
for the reactor effluent to reach a steady-state concentration.
During tracer studies, the absorbance of the methylene blue
in the effluent was measured using a Hewlett Packard 8453
diode array spectrophotometer that measured absorbance at
a wavelength of 624 nm. The influent and effluent methylene
blue concentrations (i.e., with a maximum concentration
of 6.4 mg/L) always fell within the linear portion of the
calibration curve (R2 = 0.999).

The concentration of E2 in samples was determined using
a High Performance Liquid Chromatograph (Agilent HPLC
1100 Series) fitted with a reverse-phase column (Zorbax SB-
C18 Column). An injection volume of 20 μL was used. A
carrier phase consisting of 60% HPLC-grade acetonitrile and
40% distilled-deionized water was maintained at a flow rate
of 0.8 mL/min. This isocratic flow was maintained at 39◦C
and was analyzed by the fluorescence detector (FLD) for 8
minutes. The FLD was set at an excitation wavelength of
230 nm and an emission wavelength of 310 nm.

2.4. Experimental Protocols

2.4.1. Reactor Setup. The immobilized enzyme reactor sys-
tem consisted of Kontes Chromaflex 2.5-cm inner diameter,
15-cm length columns, fitted with various accessory fittings,
flow adapters, and 1/8 inch inner diameter polytetraflu-
oroethylene (PTFE) tubing purchased from Fisher (Fair
Lawn, NJ). Tygon 3/32 inch inner diameter tubing was also
purchased from Fisher (Pittsburgh, PA). Additional fittings
to join the two types of tubing were purchased from Mandel
(Guelph, ON). When only low flows or small total flow
volumes were required, the flow was injected at a constant
rate using a syringe pump (Harvard Apparatus 22 models)
fitted with 50-mL glass syringe. When a continuous flow
over an extended period was required, the flow was pumped
using a Waters Millipore Model 510 pump from a stirred and
covered reservoir and into a flow adapter and through the
packed bed.

The beads onto which laccase had been immobilized were
placed into the bottom of a column. A flow adapter was
inserted into the column and placed above the beads so that
the beads were immersed in buffer and also such that a layer
of 2-3 mm of buffer and 2-3 mm of air headspace existed
above the bed. This resulted in a reactor media volume
of 14.7 cm3, and liquid and air headspace volumes of 1.0–
1.5 cm3 each. An 85-cm length of PTFE tubing was attached
to the inlet of the reactor. When a syringe pump was being
used to inject flow into the reactor, the end of the PTFE
tubing was further attached by a fitting to 10 cm of Tygon
tubing which could easily be attached to a 50-mL syringe.

2.4.2. Reactor Characterization. Before any experiments with
E2 were undertaken, studies were conducted to characterize
the reactor using silica beads (i.e., in their original state
without immobilized enzyme) set up in a reactor as described
above.

The porosity (n) of the packed bed of silane-coated silica
beads was determined according to the water saturation
method. Three trials gave an average porosity of 0.68± 0.03.

Tracer studies were performed at each of the flow rates
at which reaction experiments were performed in order to
characterize the flow through the reactor and to determine
the time needed for the reactor to reach equilibrium under
each flow condition. For each of the different flow rates,
water was passed through the column and, at time zero, a
constant flow of water at the desired flow rate containing
6.4 mg/L methylene blue was introduced. Samples of effluent
were taken intermittently and analysed using by spectropho-
tometry. The mean residence time, tres, and variance, σ2, of
the reactor under each flow condition were evaluated using
a method described previously [26]. These characteristics,
along with each empty bed contact time (EBCT) and the
ideal contact time assuming plug flow conditions (CT), are
presented in Table 1. As can be seen in Table 1, the variance
increased with the mean residence time, indicating that the
flow characteristics deviated from plug flow conditions as the
mean residence time increased.

Also measured was the time to reach 95% of the
equilibrium (i.e., the effluent tracer concentration reached
95% of the influent concentration) at each flow rate, as
shown in Table 1. The time to reach 95% of equilibrium
(t95%) was used as a basis for sampling in subsequent
experiments because in reactor systems with low flow rates,
and hence high mean residence times, the time to reach full
(100%) equilibrium was inordinately long. In experiments
in which time was the independent variable, this was not
a concern, as the experiments were conducted for much
longer than the time required to achieve 95% of equilibrium.
Otherwise, in experiments where samples were taken after
the time to 95% equilibrium, triplicate samples, with time
lags between each sampling time, were taken and analyzed
for E2 content.

2.4.3. Reaction Experiments. For reaction experiments, an
influent stock solution with the desired concentration of
E2 and pH was prepared and continuously stirred in a



4 Enzyme Research

Table 1: Summary of characteristics of the packed bed reactor system with a porosity (n) of 0.68 as determined using tracer studies at each of
the influent flow rates used in all immobilized-enzyme experiments. Characteristics include empty bed contact time (EBCT), ideal contact
time assuming plug flow conditions (CT), mean residence time (tres) and variance (σ2), and time to 95% equilibrium (t95%). Also included
is a measure of the disparity between mean residence time and ideal PFR contact time for different flow rates, as expressed by the ratio of
tres/CT.

Influent flow rate (mL/min) EBCT (min) CT (min) tres (min) σ2 (min2) Ratio tres/CT (dimensionless) t95% (min)

0.2 73.5 50.0 650 103 000 13.0 1400

1.0 14.7 10.0 53 730 5.2 160

2.0 7.3 5.0 24 110 4.7 65

4.0 3.7 2.5 9.8 28 3.9 19

8.0 1.8 1.2 4.8 8.3 3.9 11

partially covered container during an entire experiment. No
significant losses of E2 from the container were observed over
the course of the experiments. Once the pump was started,
sampling of the reactor effluent commenced only after the
system had reached near equilibrium, as had been pre-
determined through the tracer studies described above. For
all samples, 1 mL of effluent was collected and immediately
acidified with 100 μL of sulphuric acid to reduce the pH
to below 2.5. This acidification step immediately halted
any catalytic reaction that may be caused if some of the
immobilized laccase had leached into the effluent thereby
catalyzing further oxidation of E2 before sample analysis.

3. Results

In order to explore the use of immobilized laccase for the
oxidation of E2 in aqueous solutions, experiments were
conducted to determine the effects of pH, temperature, mean
residence time, and initial substrate concentration on E2

conversion. Studies were also conducted to study the short-
term and long-term stability of immobilized laccase under
various working conditions.

In order to compare the efficacy of the enzyme at
achieving E2 conversion under various conditions such as
pH and temperature and over time, it was necessary to
ensure that the same quantity of enzyme was available
for each experiment. At present, it is not possible to
ensure that the quantity of enzyme immobilized on a given
quantity of solid media in a reactor column is the same
between experiments. Thus, it was not possible to directly
compare results achieved using different columns. Therefore,
in experiments conducted to measure the effects of selected
variables, all experiments were run using the same column.
However, when studying the effect of a control variable such
as pH on substrate conversion, it was necessary to ensure that
the enzyme activity in the reactor did not decrease during
or between successive experiments. At present, no enzyme
activity assay is available to directly monitor the activity
of immobilized laccase. However, it is possible to measure
the activity indirectly by passing a solution with fixed pH,
temperature, initial substrate concentration and flow rate
through the column and measuring the conversion of that
substrate achieved under these conditions. If the quantity of
substrate converted by the reactor declines over time, this
indicates that the activity in the column is also declining. This

indirect measurement of activity will be used throughout
experiments discussed below.

3.1. Effect of pH on Substrate Conversion. In order to be
effective as a catalyst in applications involving the conversion
of a target substrate, laccase must not only be stable
under various environmental conditions such as pH, it
must also be able to exert its catalytic action on a target
substrate. Therefore, studies were conducted to optimize the
conversion of E2 over a range of pH. However, given earlier
findings that the optimal conditions for laccase stability as
well as conversion of phenolic substrates in the aqueous
phase are under slightly acidic to neutral conditions [10, 12,
15], the effect of pH on immobilized laccase was studied over
a limited pH range of 4 to 7.

An experiment was conducted in which 10-μM solutions
of E2 were prepared in buffers ranging from pH 4 to 7 and
passed through the reactor in order to assess conversion
of E2. The initial concentration of the stock solution was
measured using HPLC. Between experimental runs at each
pH, a solution of E2 in pH 5 buffer was passed through
the reactor and a sample of the effluent E2 concentration
was measured in order to ensure that enzyme activity
had remained relatively constant over the course of the
experiment. Thus, the pH experiments were conducted in
the following order: pH 5, pH 7, pH 5, pH 6, pH 5, and pH 4.
Each part of the flow sequence was run for 40 minutes, and
at each pH, a series of three samples were taken, each two
minutes apart. The effect of pH on the conversion of E2 by
immobilized laccase is shown in Figure 1.

The effect of pH on the conversion of E2 by immobilized
laccase follows the same trend as was observed previously
for laccase in the aqueous phase [10]; that is, conversion was
optimal at pH 5, followed closely by high conversion at pH
6. Though the optimum of pH 5 does not fall into the typical
range of pHs for domestic wastewaters, which is from pH
6.7 to pH 7.5 [27], this pH was used for most subsequent
experiments in order to optimize reaction conditions for the
use of laccase. However, some experiments that involved the
measurement of enzyme stability over time were performed
at pH 7, as it has been found that, although conversion rates
tend to be reduced at pH 7, the enzyme was observed to be
more stable in the aqueous phase over a longer period at this
pH [12].
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Figure 1: Effect of pH on the conversion of E2 in the packed
bed reactor. Reaction conditions: 4 g dry media, 19.2 U/g nominal
activity, [E2]i = 10.0 ± 0.5μM (influent estradiol concentration),
21◦C, EBCT = 4.2 minutes. All points represent the mean of three
samples taken at 2-minute intervals during the same experiment
with error bars representing one standard deviation from the mean.
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Figure 2: Effect of changing pH on the conversion of E2. Reaction
conditions: 8 g dry media, 18.0 U/g nominal activity, tres = 9.8
minutes, [E2]i = 10.4μM, 21◦C.

A subsequent experiment was run in which approxi-
mately 10 μM E2 in pH 5 buffer was passed through the
reactor, followed by a solution of the same concentration
at pH 7, and then again at pH 5. For each period with
flows at different pH levels, the effluent E2 concentration was
measured over time. The purpose of this experiment was to
assess the impact of varying the pH in the reactor on the
activity of the enzyme. The results are shown in Figure 2.
Several trials of the experiment were run, and all showed
a similar trend. The results of this experiment demonstrate
that much more conversion occurs at pH 5 than at pH
7, which is consistent with the results reported above in
Figure 1. They also showed that, although step changes in
pH of the solution through the reactor did not have a large
impact on conversion achieved by the enzyme, conversion
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Figure 3: Conversion of E2 as a function of mean residence time for
three influent concentrations. Reaction conditions: 8 g dry media,
18.0 U/g nominal activity, at 21◦C and pH 5 with initial estrogen
concentrations, [E2]i, of (�) 5 μM, (�) 10 μM, and (©) 20 μM.
All points represent the mean of three samples taken at 5-minute
intervals during the same experiment with error bars representing
one standard deviation from the mean (not visible due to their small
size).

declined somewhat after the pH was brought back to pH 5
from pH 7. In this experiment, the conversion of E2 achieved
after equilibrium was established at pH 5 was approximately
35%, whereas after the system was exposed to pH 7 and then
returned to pH 5, the conversion declined to 28%. The results
demonstrate that the step changes to which the enzyme was
exposed caused a moderate decrease in activity.

3.2. Reaction Kinetics. Three separate experiments using
different influent concentrations of E2 (i.e., 5, 10, and
20 μM) were conducted in which substrate conversion was
assessed as a function of mean residence time. The results
are shown in Figure 3. As expected, as the mean residence
time increased, the amount of E2 converted also increased.
Only a short residence time of approximately five minutes
was required to achieve moderate conversion of E2 (e.g.,
greater than 50% in the case where [E2]i = 20μM). This
residence time was used in subsequent experiments because
a moderate level of conversion in the control was deemed
desirable when evaluating the impacts of process variables on
treatment effectiveness; that is, under this fixed condition, it
is possible to observe both positive and negative impacts of
other variables (e.g., pH, temperature, time) on treatment.
Figure 4 presents the relative conversion of E2 at a mean
residence time of 4.8 minutes for each tested value of
initial substrate concentration. From this graph, it is evident
that the relative conversion of E2 increases as its initial
concentration increases.

3.3. Temperature. The effect of temperature is an impor-
tant variable to be examined in laccase-catalyzed reactions
because it can have a twofold effect. Firstly, most enzymes
are inactivated at elevated or even moderate conditions of
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Figure 4: Conversion of E2 as a function of initial E2 concentration
at a mean residence time of 4.8 minutes. Reaction conditions: 8 g
dry media, 18.0 U/g nominal activity, 21◦C and pH 5. All points
represent the mean of three samples taken at 5-minute intervals
during the same experiment with error bars represent one standard
deviation from the mean (not visible due to their small size).

temperature and some can be deactivated at temperatures at
or below 10◦C [12, 28]. Thermal inactivation is believed to be
mainly caused by denaturing of the tertiary structure of the
enzyme either through protein unfolding or disruption of the
active site of the enzyme [28, 29]. Secondly, according to the
Arrhenius Law, the rate of reaction should tend to increase
with temperature. Therefore, there are two simultaneous
effects associated with changes in temperature in a reacting
system: (1) a change in the rate of reaction over time caused
by thermal inactivation of the enzyme and (2) a change in
the reaction rate due to Arrhenius effects.

Therefore, experiments were conducted to characterize
the ability of immobilized enzyme to convert E2 at different
temperatures, as well as to assess the impact of step changes
in temperature on the enzyme’s stability. The ambient
temperature of the reactor was 21◦C. In one experiment,
the reactor was operated at the ambient temperature for
several hours after which a step change in the temperature
of the flowing fluid to 3◦C was made and the conversion
of E2 was then monitored over time for approximately 3
hours. Thereafter, the system was returned to the ambient
temperature and the system was again monitored for an
additional period of several hours. This experiment was then
repeated but with an intervening step-change of reaction
temperature to 33◦C. In both cases, the step change in
temperature involved quickly transferring the reactor to a
room set at the desired temperature and supplying the
reactor with the same E2 stock solution that had previously
been equilibrated at that temperature. The results of these
experiments are shown in Figure 5.

As can be seen in Figure 5, the time for the enzyme
reactor to respond to step changes in temperature was quite
brief. In both cases, whether reverting from 3◦C back to 21◦C
or reverting from 33◦C back to 21◦C, the enzyme appeared to
return to a level of activity similar to that measured before the

step change in temperature. Figure 5(a) shows that reducing
the temperature from 21◦C to 3◦C reduced the activity of
the immobilized enzyme by approximately 20%, whereas
Figure 5(b) shows that increasing the temperature from 21◦C
to 33◦C increased its activity by approximately 20%. Given
that the enzyme was quite stable under these temperature
conditions, it is evident that within the range of temperatures
observed, Arrhenius effects dominate in the reacting system.

3.4. Enzyme Stability. The use of enzymes immobilized on a
support for oxidation of substrates is being studied primarily
for its potential as a means for reducing the total amount
of enzyme that is required to treat a continuous flow of
contaminated water. As such, an important criterion for
reducing the amount of enzyme required to accomplish
treatment is whether the enzymes immobilized on a support
remain active for a substantial period of time. To satisfy this
criterion, it is essential that (1) the enzyme be stable when
stored on the support for extended periods of time prior to
or between uses and (2) the enzyme be stable under reaction
conditions. Thus, these two aspects of laccase stability were
studied, as shown below.

3.4.1. Stability under Storage Conditions. The results shown
above demonstrate that the pH optimum for laccase-
catalyzed conversion of E2 is at pH 5, but it is also expected
that treatment of E2 would often be required/preferred at pH
7 given that this is more typical of many wastewaters [27]. In
prior studies in which soluble laccase (i.e., nonimmobilized)
was used to oxidize phenol in aqueous solutions, it was found
that although the enzyme’s catalytic activity was higher at
pH 5 than at pH 7, its stability was much greater at pH 7
[12]. Thus, an experiment was conducted using two separate
reactors where one was always subjected to pH 5 solutions
and the other always subjected to pH 7 solutions. Each
reactor was used periodically for 3-hour runs over a 3-month
period and was stored under conditions of no flow at 25◦C,
with one reactor stored with its media in pH 5 buffer and the
other with its media in pH 7 buffer.

The results of this experiment are shown in Figure 6.
As expected, higher conversion was initially achieved in the
reactor runs conducted at pH 5 due to the greater activity of
the enzyme toward the target substrate under this condition.
However, a much larger decline in activity over time is seen
in the reactor runs at pH 5, shown in Figure 6(a), than in the
reactor runs at pH 7, shown in Figure 6(b).

3.4.2. Inactivation of Immobilized Laccase under Reacting
Conditions. An experiment was conducted to assess the
stability of the immobilized enzyme over a 12-hour period of
continuous flow of substrate through the reactor. The results
shown in Figure 6 indicated that the enzyme was more stable
(i.e., retained its activity better) under storage conditions at
pH 7 than at pH 5. While it is more likely to be practical to
run an immobilized enzyme treatment system over the long
term at pH 7, it might also be desirable to operate the system
at pH 5 for moderate lengths of time. Two experiments were
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Figure 5: Effect of changing temperature on E2 conversion accomplished by immobilized enzyme for temperature changes (a) from ambient
(21◦C) to cold (3◦C) and back to ambient, and (b) from ambient to warm (33◦C) and back to ambient. Reaction conditions: 8 g, 18.0 U/g
nominal activity, pH 5.
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Figure 6: Remaining and converted E2 after periodic 3-hour runs of the substrate through an immobilized-enzyme packed bed reactor
stored at 25◦C and (a) pH 5 or (b) pH 7 for extended periods of time. Reaction conditions: 8 g dry media, 18.0 U/g nominal.

therefore conducted to assess the stability of laccase under
these conditions.

Firstly, the reactor was run for a period of approximately
12 hours at pH 5. The results are shown in Figure 7. A linear
regression fit of the data gives a slope of −8.9 × 10−6 μM
E2/minute, with a regression coefficient (R2) of 0.999. The
very low slope (i.e., a measure of the rate of change of
conversion of E2 by the reactor over time), which is essential
zero given the precision of E2 measurements and other
sources of experimental error, indicates that insignificant
inactivation of the enzyme occurred over this period of
operation at pH 5.

Secondly, because the results from Figure 6 suggest that
it might be more feasible to operate a reactor of immobilized

laccase over the long term at pH 7, a final experiment was
undertaken to assess a reactor’s ability to accomplish the
oxidation of E2 with a continuous flow of influent at pH
7 over a longer period of 9 days. A long mean residence
time of approximately 650 minutes was chosen for this
study. This high residence time was chosen in order to
determine whether a high degree of conversion of the target
substrate could be achieved and maintained at pH 7, which
is not optimal for the enzyme’s catalytic activity, as was
demonstrated above.

The results of this experiment, which are shown in
Figure 8, demonstrate that the significant increase in mean
residence time dramatically increased the conversion of E2

achieved by the reactor at pH 7. Moreover, the results
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Figure 7: Stability of immobilized enzyme over a 12-hour period
at pH 5 with continuous flow of E2. Reaction conditions: 8 g dry
media, 18.0 U/g nominal activity, tres = 24 minutes, [E2]i = 11.0μM
at 21◦C.
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Figure 8: Stability of immobilized enzyme over a 9-day period
at pH 7 with continuous flow of E2. Reaction conditions: 8 g dry
media, 18.0 U/g nominal activity, tres = 650 minutes, [E2]i =
1.86μM at 25◦C.

show that under the specified conditions, the immobilized
enzyme in the reactor was very stable over a 9-day period. A
linear regression fit of the data produces a slope of −2.0 ×
10−5 μM E2/minute with an R2 of 0.988. Given the precision
of the measurements and sources of experimental error, the
slope is so close to zero as to be insignificant.

4. Discussion

The tracer studies for all flow rates used in this study were
presented in Table 1. In all cases, the mean residence time
of the nonreactive dye was longer than the ideal contact
time (CT) for an ideal plug-flow reactor, with the greatest
deviation occurring for the lowest flow rate, as seen by the
ratios expressed in Table 1. These results suggest that there
are many dead zones within the reactor, and that the volume

of these dead zones and time spent by reacting solutions
within them increases as the flow rate decreases. The
occurrence of dead zones as well as channelling effects greatly
impacts the quality of the reactor effluent, given that much of
the enzyme in dead zones was not being used to its fullest
capacity. If the reactor were to be optimized with respect
to flow conditions, it is anticipated that the treated effluent
could be of much greater quality. Thus, it is concluded that
the data presented in this study is conservative and the
conversion of E2 at any stated conditions could be greater if
the reactor were fully optimized.

There exist many ways to optimize a packed bed reactor
so as to minimize dead zones. For example, the inlet structure
could be redesigned such that flow would be more evenly
distributed as it is introduced into the top of the packed
bed. Alternatively, the geometry and the capacity of the
reactor could be changed. A reactor with a higher flow rate
will tend to decrease the effect of dead zones. A wider and
longer column could also minimize wall effects. Therefore,
for a desired residence time, the reactor could be optimized
by increasing the flow rate and proportionately increasing
the depth and/or width of the packed bed to achieve the
desired residence time. Dead zones could also be reduced by
employing a medium with different size and shape.

The denaturation and consequent decrease in activity
of enzymes at extremes of pH occurs because of folding
of the tertiary structure that has ionisable side-chains [28].
In an earlier study, the optimal pH for the aqueous-phase
laccase-catalyzed oxidation of phenol was found to occur at
pH 6, with comparable oxidation also occurring at pH 5
[12]. In the case of bisphenol-A, the optimum pH was at
5 [15]. Similarly, the oxidation of E2 and ethynylestradiol
(EE2) by laccase in the aqueous phase has been found to
occur optimally at pH 5 [10]. A third estrogen, estriol (E3),
follows a pattern closer to that of phenol [10]. In all cases, the
conversion of the target substrates was optimal under slightly
acidic conditions with reasonable conversion being achieved
relative to the optimum in the pH range of 4 to 7.

Similar results to those quoted above were found in this
study: that is, the conversion of E2 occurred optimally at
a pH of 5, followed closely by good conversion at a pH
of 6. From this, it is evident that optimal performance by
laccase would not be achieved within the typical range of
pH for domestic wastewaters, which is from pH 6.7 to pH
7.5 [27]. Thus, in order to maximize performance, the pH of
the influent solutions would either need to be decreased or
other treatment parameters would need to be more adjusted
to compensate for the lower activity of the enzyme under
near-neutral conditions. The latter of these two options
would seem more feasible and, based on results obtained
pertaining to enzyme stability, preferable, since it was found
that the enzyme exerts significant catalytic ability under
neutral conditions (see Figure 8) and the enzyme system
stored over the long term with only short intermittent uses
is much more stable at pH 7 than at pH 5 (see Figure 6).

The greater stability of laccase at pH 7 has been noted
elsewhere. For example, it was reported that aqueous laccase
at pH 5 was moderately stable with an activity loss of
approximately 10% after being stored for 6 hours, while at
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pH 7 it was very stable with an activity loss of approximately
3% in the same period [12]. In another study, it was also
observed that the stability of stored laccase was highest
at pH 6 and 7 [15]. Under the storage conditions of the
present study, which lasted three months, a much greater
discrepancy between stability at pH 5 and 7 was observed.
In practical applications, where immobilized enzyme would
most probably be stored for extended periods, perhaps more
on the order of days or weeks than hours, storage at pH 7
would therefore be preferred to storage at pH 5.

Moderate recovery times (i.e., 5 minutes to 1 hour) were
reported for aqueous-phase laccase exposed to extremes of
pH and then brought back to neutral pH [12]. This has
been thought to occur because of tangles formed during
denaturation, which render the refolding of the tertiary
structure more difficult [28]. As seen in Figure 2, there
appears to be a moderate recovery period in the case of
immobilized laccase as well. After the expected time required
to achieve equilibrium elapsed (see Table 1), the conversion
of E2 continues to show a sloping trend, possibly arising from
a gradual return to its original conformation, when the pH is
brought from 5 to 7 and then returned to pH 5.

In addition to pH, the effects of another important influ-
ent parameter, temperature, on the reactivity and stability
of laccase were studied. It was found that within the range
of temperature from 3 to 33◦C, immobilized laccase activity
is positively correlated with temperature (see Figure 5). In
the case of conversion of bisphenol-A by the same species
of laccase in the aqueous phase, it was found that activity
of the enzyme was positively correlated with temperature in
the range of 25 to 45◦C, and above 45◦C the two became
negatively correlated [15]. This suggests that over a very wide
range of temperatures, Arrhenius’ Law, stating that reactions
increase with increasing temperatures, has a greater impact
than the temperature-induced unfolding of the enzyme’s
tertiary structure. Only when a very high temperature is
reached or exceeded (e.g., 45◦C), does the negative impact
of temperature become apparent.

While, in general, the positive correlation with temper-
ature exists for the reactivity of the enzyme, the opposite
effect is observed when measuring the effect of temperature
on enzyme stability. For example, dramatic decreases in
storage stability were reported with increasing temperature
[12, 15]. Also, it was determined that temperature-induced
inactivation was greater in a reacting system than in a stored
system [15]. While the stability of the enzyme based solely
on temperature was not assessed in the present study, the
practical implications of such results are very important
because the relationship is very pronounced. For example,
due to seasonal variations, most influent wastewaters in
the United States fall within the range of 3 to 27◦C [30].
Thus, although reactivity would be slightly higher at higher
temperatures, the stability of the enzyme would be much
greater during the tertiary treatment of typical domestic
wastewaters.

Although the stability of the immobilized enzyme system
with respect to temperature was not studied over the long
term, the recovery time for step changes in temperature was
indirectly investigated. For example, it was reported that

the recovery times when the nonreacting enzyme undergoes
a step change in temperature were relatively long, ranging
from 3 to 12 hours [12]. Similar to the case of pH, this
recovery time would be due to the gradual untangling of
side chains in the tertiary structure of the enzyme [28].
In this study, however, as seen in Figure 5, there was no
clear evidence of a recovery time period. When step changes
in temperature were introduced to an operating reactor,
the enzyme appeared to achieve a steady activity after the
expected time to steady-state as determined by tracer studies
and no later. This could be due to a stabilizing effect of
the enzyme in a chemically immobilized state. Alternatively,
the data in the present study may not have been sufficiently
precise to reliably observe a small change (i.e., <5%) in
activity over time.

The importance of stability during storage was pointed
out above, but even more important in practical applications
is operational stability. As seen in Figure 7, operating a
reactor of immobilized laccase at the optimal pH (in terms
of reactivity) of 5 did not result in any inactivation under
the employed conditions. Since treatment is more likely to be
conducted at or near neutral pH and over longer periods of
time, the results in Figure 8 are more representative of what
is more likely to occur in practice. At pH 7 and over 9 days,
albeit with a high mean residence time of approximately 650
minutes (EBCT = 74 minutes), no enzyme inactivation was
observed when continuously treating 10 μM of E2.

A major limitation to using an immobilized enzyme
system for tertiary treatment of domestic wastewaters was
illustrated in Figure 4. Under the studied conditions, the
lower the influent substrate concentration, the lower the
conversion within the reactor. This likely arises from lower
rates of reaction and slower rates of mass transfer at low
substrate concentrations. Fortunately, significant treatment
was accomplished in the immobilized-enzyme packed reac-
tor with reasonable retention times. However, the influent
concentrations used in these experiments were between 1
and 10 mg/L, whereas wastewater treatment plant effluents
have been found to have E2 concentrations between 1 and
24 ng/L [23], which are six orders of magnitude lower. Thus,
some other operational parameters would need to be greatly
enhanced to compensate for the expected reduced reaction
rates with lower estrogen concentrations; that is, the quantity
of enzyme immobilized per unit volume of reactor would
need to be significantly increased. In addition, the rate of
mass transfer from the bulk solution to the immobilized
enzyme would be much slower for environmentally relevant
substrate concentrations. Thus, enhanced mixing and a
dense distribution of the enzyme over greater surface areas
would be required to offset these mass transfer limitations.
These represent very significant challenges that must be
overcome before the tertiary treatment of estrogens (or
other phenolic contaminants at trace concentrations) using
immobilized laccase can be considered practical.

As an alternative, source treatment could be considered
as an option, though this would represent a very significant
change in waste management paradigm for urban commu-
nities. Such a paradigm shift is already being considered



10 Enzyme Research

and promoted due to a variety of advantages and oppor-
tunities associated with the source separation, collection,
and treatment of urine [24]. Human urine has an average
E2 concentration of around 3 μg/L [31], or three orders
of magnitude lower than the experimental influent con-
centrations. Therefore, source treatment might improve the
reaction kinetics dramatically over what would be possible
with tertiary treatment, but mass transfer limitations may
still prove to be extremely restrictive.

Despite the limitations noted above for the treatment
of estrogens, the results of this work are encouraging since
it has been demonstrated that immobilized laccase is very
stable when used to treat low concentrations of substrates.
Therefore, this technology could also be considered for the
treatment of a variety of problematic phenolic pollutants in
various wastewaters.

5. Conclusions

The objective of this research was to address the growing
problem of estrogens and other endocrine disruptors which
pass unchanged through wastewater treatment plants and
make their way into natural aquatic environments. Previous
work has focused on treating these compounds using laccase
in the aqueous phase. The main objective here was to explore
enzymatic treatment a step further by immobilizing the
enzyme onto a support such that it could be used retained
in a continuous flow reactor instead of being discarded with
treated effluents. The estrogen estradiol, E2, was used as a
model substrate.

The conversion of E2 was found to occur optimally at
pH 5, whereas long-term storage stability was much greater
at pH 7 than at pH 5. Because wastewaters are typically at
or near neutral pH, real applications of the system could be
used under the conditions which confer greatest stability. For
the immobilized laccase system, E2 conversion was positively
correlated with temperature in the range from 3 to 33◦C, and
for step changes in temperature, the system did not show
any perceptible recovery period typical of an enzyme slowly
regaining its conformation.

Kinetic experiments revealed that the contact time
required for significant E2 conversion was relatively low, even
in a nonoptimal reactor configuration, which is promising in
terms of larger-scale operations. However, when treatment
was conducted using a variety of influent concentrations
of E2, it was observed that the rates of reaction slowed
significantly with lower substrate concentrations. Given that
the E2 concentrations used in these experiments were 3 to
6 orders of magnitude greater than what might be found in
a real treatment applications, this is a significant problem
which needs to be addressed before the feasibility of this
approach can be established. It should also be noted that
the reactor used in all experiments exhibited fairly poor
flow characteristics. Therefore, improving the reactor design
could lead to a significant increase in substrate conversion
under all studied conditions.

The monitoring of the operational stability of the enzyme
yielded promising results. In particular, a reactor run contin-
uously at typical treatment conditions of pH 7 and at 25◦C,
albeit with high influent E2 concentration and relatively long
contact times (i.e., 10 μM, with an EBCT of 73.5 minutes
and mean residence time of 650 minutes), resulted in high
substrate conversion with no apparent inactivation over a 9-
day period. To further assess the feasibility of the treatment
process, the length of time that the reactor can be used before
the immobilized enzyme needs to be replaced should be
assessed. Studies are also needed to determine the magnitude
of the impact of other contaminants in wastewater matrices
on enzyme stability.

The results of this study demonstrate that an immobi-
lized reactor using laccase as a biocatalyst has potential to be
used in the treatment of E2 and possibly many other phenolic
substrates.
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Lipase from Candida rugosa (CRL) was immobilized by covalent attachment on hydrous niobium oxide. The matrix could
effectively be attached to the enzyme with high retention of activity and prevent its leakage. Following immobilization, CRL
exhibited improved storage stability and performed better at higher incubation temperatures. In addition, the enzyme retained
most of its catalytic efficiency after successive operational cycles. The immobilized derivative was also fully characterized with
respect to its morphological properties: particle size, surface specific area, and pore size distribution. Structural integrity and
conformational changes, such as surface cavities in the support, set by the lipase procedure, were observed by Scanning Electron
Microscopy. Additionally, a comparative study between free and immobilized lipases was provided in terms of pH, temperature,
and thermal stability. CRL derivative was evaluated for the synthesis of biodiesel employing babassu oil and short chain alcohols.
The process was feasible only for oil and butanol reaction system.

1. Introduction

Investigations of alternative renewable energy resources
continue, with many studies focused on biodiesel fuels. One
of the alternative renewable energy sources for diesel engines
is vegetable oil. Studies have shown that pure vegetable oils
are not a suitable direct replacement for diesel fuel, due to
higher viscosity and molecular weight [1]. These properties
cause incomplete combustion and engine deposits [2].
Therefore, several methods are used to reduce the viscosity
of vegetable oil, such as transesterification reaction [3]. The
transesterification reaction involves the reaction of alcohol
with the oil, releasing glycerol as byproduct and monoalkyl
esters (biodiesel), an excellent substitute for fossil fuels. In
this reaction, alkali or acid are typically used as the catalysts
resulting in high conversion levels in short reaction time
[3, 4]. However, there are major drawbacks of such chemical
process, as several problems during the steps of removal of

catalyst from the product, recovery of glycerol, and the
alkaline wastewater treatment, and interference of free fatty
acid and water in the reaction and excessive consumption of
energy [3, 4]. The use of heterogeneous catalysts, including
immobilized lipases can overcome these problems which
allow mild reaction conditions and no generation of chemi-
cal waste [3–7].

Lipases (E.C. 3.1.1.3) are ubiquitous enzymes with vari-
ous biological activities, including triacylglycerols hydrolysis,
esterification between fatty acid (FA) and alcohol, and
other enzymatic reactions [8, 9]. Among the lipases from
various sources, Candida rugosa lipase (CRL) received much
attention due to its high activity and broad specificity [10,
11]. Published studies have demonstrated that CRL can
be activated by interactions with a hydrophobic interface
because of its conformational changes in its secondary
structure (termed the “lid”) [11]. In the absence of a hydro-
phobic interface, the “lid” covers its active site and makes
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it inaccessible to substrates, whereas the conformational
changes induced by interacting with the hydrophobic inter-
face can yield an “open structure” of the lipase [12–14].
Thus, creating a hydrophobic microenvironment provides a
preferable way to activate the lipase. Immobilization of lipase
is expected to provide this hydrophobic microenvironment
[13]. Moreover, enzyme immobilization provides a favorable
approach to easy enzyme recovery for its recycled use and
to extend its half-life. Thus, exploiting good immobilization
carriers has been an attractive work for enzyme engineering.

In this context, new inorganic matrixes as hydrous nio-
bium oxides possess important properties of ionic exchange
and show compatible affinity to be used as support for im-
mobilizing chemical or biochemical catalysts.

Niobium is a rare, soft, malleable, ductile, gray-white
metal with a body-centered cubic crystalline structure.
Niobium is widely distributed in nature and it is about one
and a half time as abundant as lead. It occurs in the minerals
columbite and tantalite, together with tantalum. Niobium
can form four oxides, from which the pentoxide, Nb2O5,
is the basis of a series of salts called niobates and has wide
applications including electronic and optical devices, special
alloys, super conducting materials, and catalysts. Nb2O5

is also an excellent alternative for acid catalysis, acting as
support, supported phase or associated with other metals
(e.g., V, Pt, Mo, and W) increasing its selectivity toward many
reactions. Hydrous niobium oxide is a polymeric material
obtained from the hydrolysis of an intermediary product
from alkaline fusion of Nb2O5 with an excess of K2CO3 [15].

In a previous work, hydrous niobium oxide was used
as matrix for immobilizing the lipase from Candida rugosa
by covalent binding in the presence of polyethylene glycol
as stabilizing additive [16]. The immobilization conditions
were established by factorial design and the resulted immo-
bilized derivative showed considerable high hydrolytic and
esterification activities that warranted the need for comple-
mentary studies concerning its morphological, biochemical,
and kinetic properties. These studies are the objective of this
paper.

In addition, the catalytic performance of the immobilized
derivative was explored to carry out ester synthesis by
direct esterification (butyl butyrate) and transesterification
reaction using babassu oil (biodiesel). This oil is obtained
from the kernels of the babassu palm, found in the northeast
region of Brazil. It has broad application in cosmetic
formulation [17–19]. The kernel contains 60–70% of a
vegetable oil rich in saturated fatty acids lauric (C12) and
myristic (C14), similar in composition to that of coconut and
the use for to biodiesel production is still scarce related in the
literature.

2. Materials and Methods

2.1. Materials. Commercial lipase from Candida rugosa
(Type VII), bovine serum albumin (BSA), and p-nitrophenyl
palmitate (p-NPP) were purchased from Sigma Chemical
Co. (St Louis, MO, USA). This lipase is substantially free
of other hydrolases and contains lactose as an extender.
Nominal specific lipase activity was 1600 units·mg−1 of solid.

Polyethylene glycol (PEG, MW 1,500, Merck, Germany)
was used as stabilizing agent. γ-aminopropyltriethoxysilane
(γ-APTS) was supplied by Across Organic (New Jersey,
USA) and used without further purification. Gum arabic,
Triton X-100, and heptane were supplied by Synth (SP,
Brazil). Babassu oil was kindly supplied by COGNIS (Cognis
from Brazil Ltda., Jacareı́, SP, Brazil) having the following
composition in fatty acids: (w/v): 3.5% caprylic, 4.5% capric,
44.7% lauric, 17.5% myristic, 9.7% palmitic, 3.1% stearic,
15.2% oleic, and 1.8% linoleic with average molecular
weight 709.90 g/mol. Solvents were standard laboratory
grade (Synth, São Paulo, SP, Brazil). Substrates for esterifica-
tion reactions n-butanol (Merck, Germany) and butyric acid
(Riedel-de Häen, Germany) were dehydrated, with 0.32 cm
molecular sieves (aluminum sodium silicate, type 13 X-
BHD Chemicals, Toronto, Canada), previously activated in
an oven at 350◦C for 6 h. Other reagents and solvents were of
standard laboratory grade.

2.2. Preparation and Activation. Hydrous niobium oxide was
prepared according to methodology previously established
by Serafim [15] consisting of sintering niobium pentoxide
with a fivefold excess by weight of potassium carbonate at
1000◦C for 6 h, followed by addition of hot water and nitric
acid 1.0 M. The material was dried at 50◦C for 24 h. The
support was submitted to a pretreatment with nitric acid
(1%) at 75◦C for 1 h to open the matrix pores and then
silanized with γ-aminopropyltriethoxysilane (γ-APTS) and
activated with glutaraldehyde at 2.5% and pH 8 according
to the procedure established by Miranda et al. [16].

2.3. Immobilization Procedure. Lipase was immobilized by
covalent attachment on hydrous oxide niobium previously
treated with γ-aminopropyltriethoxysilane (γ-APTS), fol-
lowed by activation with glutaraldehyde [16]. For each gram
of hydrous niobium oxide (dry weight) suitable amount of
enzyme (0.25 g) was dissolved in distilled water and mixed
with the support under low stirring during 3 h at room
temperature. After this, 10 mL of hexane was added to
the mixture enzyme support and the coupling took place
overnight at 4◦C. The derivative was filtered (Whatman filter
paper 41) and thoroughly rinsed with hexane. Analyses of
the hydrolytic activities carried out on initial and spent lipase
solutions and immobilized preparations showed high level of
lipase recovery on the support (η = 47.5%).

2.4. Surface Area Determinations. The surface area mea-
surements were performed by adsorption using nitrogen
as adsorbate. The samples were previously degassed to
below 50 mmHg at room temperature and the analyses were
performed at 77 K using liquid nitrogen. The equilibrium
interval was 5 sec. The surface area was calculated using the
B.E.T. method. Pore volume and area distributions based on
the BJH calculation were evaluated by the B.E.T apparatus
software (NOVA 1200-Quantachrome).

2.5. Scanning Electron Microscopy (SEM). Structural integ-
rity and conformational changes, such as surface cavities in



Enzyme Research 3

the support, set in by the lipase immobilizing procedure were
observed by scanning electron microscopy (SEM) on Leica,
LEO 440i.

2.6. Lipase Assay in Aqueous Solution. Hydrolytic activities
of both free and immobilized lipase were measured with
emulsified p-nitrophenyl palmitate (p-NPP) according to
Kordel et al. [20]. One volume of a 16.5 mM solution of
p-NPP in 2-propanol was mixed, just before, use with 9
volumes of 100 mM phosphate buffer pH 7.0 containing
0.4% (w/v) Triton X-100 and 0.1% (w/v) Arabic gum. Then,
2.7 mL of this mixture was pre-equilibrated at 37◦C in a
1 mL cuvette of a UV-visible spectrophotometer (Varian UV-
Carry, Varian Corporation). The reaction was started by
addition of 0.3 mL of enzyme solution (at an appropriate
dilution in 100 mM phosphate buffer pH 7.0) or 0.1 to 0.2 mg
of immobilized lipase. The variation of the absorbance at
410 nm of the assay against a blank without enzyme was
monitored for 5 min. Reaction rate was calculated from the
slope of the curve absorbance versus time by using a molar
extinction coefficient of 13.106 cm2/mole for p-nitrophenol.
This value was determined from the absorbance of standard
solutions of p-NPP in the reaction mixture. One enzyme
unit was the amount of enzyme liberating one μmole of p-
nitrophenol per minute in the above conditions.

2.7. Catalytic Properties of Free and Immobilized Lipase in
Aqueous Medium. Free and immobilized hydrolytic activities
were estimated with reaction mixtures containing 16.5 mM
solution of p-NPP and 50 mM of sodium phosphate buffer at
pH in the range from 6.0 to 8.5 at 37◦C. The effect of temper-
ature on lipase activity was determined at temperatures from
37 to 60◦C for the free and immobilized lipase. For thermal
stability tests, both free and immobilized lipase preparations
were incubated in sodium phosphate buffer (pH 8.0 and
7.0, resp.) at different temperatures (40 to 60◦C) for 1 h.
Samples were removed and assayed for residual activity as
previously described (Lipase assay in aqueous solution),
taking an unheated control to be 100% active. The influence
of substrate concentration on hydrolytic activities was also
analyzed in p-NPP solutions at concentrations varying from
100 to 1000 μM at 37◦C. Values for Km and Vmax were
calculated using the computational program Enzyme fitter
version 1.05 published by Elsevier-Biosoft, 1987.

2.8. Stability Tests

2.8.1. Thermal Analysis. Thermal gravimetric analysis was
performed in a Shimadzu thermogravimetric instrument,
TGA-50 model. Samples weighting 10 mg were examined at
heating rates of 10◦C·min−1 in a dry nitrogen flux from 30
to 600◦C.

2.8.2. Stability Tests. For thermal stability tests, both free and
immobilized lipase preparations were incubated in 100 mM
phosphate buffer (pH 8.0 and 7.0, resp.) at different tempera-
tures (40 to 55◦C) for 1 h. Samples were removed and assayed
for residual activity as previously described (lipase assay in
aqueous solution), taking an unheated control to be 100%

active. Inactivation constants (kd) and half-life (t1/2) for both
free and immobilized lipases were calculated according to (1)
and (2), as shown below:

lnAt = lnA0 − kd · t, (1)

t1/2 = ln 0.5
−kd , (2)

where A0 is the initial activity, and At is the activity after heat
treatment for t minutes.

The operational stability of the immobilized preparation
was assayed in synthesis of butyl butyrate in successive batch
runs. Reaction systems consisted of heptane (20 mL), n-
butanol (100 mM), butyric acid (100 mM) and immobilized
lipase in niobium oxide (0.5 g, d.wt). The mixture was incu-
bated at 37◦C for 24 h with continuous agitation at 150 rpm.
At the end of each batch, the immobilized lipase was removed
from the reaction medium and washed with hexane to
remove any substrate or product retained in the matrix.
Then, the immobilized lipase was introduced into a fresh
medium. Reactions were monitored by measuring reactants
and product concentrations by gas chromatography using
a 6 ft 5% DEGS on Chromosorb WHP, 80/10 mesh column
(Hewlett Packard, Palo Alto, CA, USA) and hexanol was
used as an internal standard. Water concentrations in liquid
and solid phases were measured by Karl Fischer (Mettler DL
18). Activities were estimated at the end of each cycle and
expressed as μmol·min−1·mg−1 of catalyst. The biocatalyst
half-life (t1/2) was determined by applying the inverted linear
decay model [21].

2.9. General Procedure for Biodiesel Synthesis. The reactions
were performed in closed reactors with capacity of 25 mL,
coupled with condensers, containing 12 g of substrate con-
sisting of babassu oil and short chain alcohol (ethanol,
propanol or butanol), without addition of solvents, at molar
ratio oil to alcohol (1 : 10). The mixtures were incubated
with C. rugosa immobilized in niobium oxide at proportions
of 20% wt. in relation to the total weight of reactant
involved in the reaction media. The experiments were carried
out at temperature range from 40 to 50◦C, depending
on the reaction system, according to what was previously
established in [6]. Reactions were performed for a maximum
period of 96 h under constant magnetic agitation of 150 rpm.
For the time course studies, an aliquot of reaction medium
was taken at various time intervals and diluted in n-heptane
for GC-analysis.

2.10. GC Analysis. Samples prepared as described above
were analyzed by injecting 1 μL of heptane solution and
internal standard into a GC (Varian Model 3800), equipped
with a 6 ft 5% DEGS on Chromosorb WHP, 80/10 mesh
column (Hewlett Packard, Palo Alto, CA, USA) following
conditions previously established in [6]. All samples were
measured in triplicate. Theoretical ester concentrations were
calculated by taking into consideration the babassu oil fatty
acid composition and its initial weight mass in the reaction
medium [6, 7].
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3. Results and Discussion

3.1. Morphological Biocatalyst Characterization. The mor-
phology, distribution, and size of the particles for pure,
silanized, and activated niobium oxide and immobilized
derivative were studied by micrographics obtained in scan-
ning electronic microscope as presented in Figures 1(a), 1(b),
1(c), and 1(d). The method of B.E.T was also used as tool for
evaluating the specific surface area, mean pore diameter, and
pore volume average of these samples.

Figure 1(a) shows that the pure niobium oxide is formed
by particles having irregular size and surface showing differ-
ent arrangements with a specific surface area of 42.15 m2/g
and pore volume of 0.029 cm3/g. After the support silaniza-
tion with γ-APTS (Figure 1(b)) the particles became more
compacted, not showing any more empty spaces, a situation
that also was confirmed by the specific surface area and pore
volume values. With the incorporation of the silane group
in the support surface and inside the pores, the specific
surface area was reduced to 31.89 m2/g and pore volume to
0.024 cm3/g. Comparing the micrographs for niobium oxide
silanized (Figure 1(b)) and activated with glutaraldehyde
(Figure 1(c)), slight visual changes in the particle size and
form were observed as further confirmed by the specific
surface area and pore volume values, respectively, 33.57 m2/g
and 0.027 cm3/g. The treatment with silane agent open the
porous matrix and activation with glutaraldehyde reduced
the surface area and pore volume due to the cross-linking
reaction on the support surface. For the immobilized lipase
on niobium oxide (Figure 1(d)), the micrograph shows that
the support particles were fully covered by the enzyme and
individual support particles cannot be any more visualized,
which again was confirmed by the reduction on the specific
surface area (10.08 m2/g) and the pore volume (0.011 cm3/g).

In the immobilization procedure, another fundamental
parameter is the support pore size, which should be suf-
ficiently large to allow the enzyme accommodation. The
niobium oxide silanized and activated with GA showed a
pore volume of 0.027 cm3/g and the Candida rugosa lipase
presents a molecular volume of 6.93 × 10−20 cm3 (5 × 4.2 ×
3.3 nm3) [22], proving that the enzyme did not suffer any
barrier to access the pore of the support.

3.2. Biochemical and Kinetic Properties of the Immobilized
Lipase on Niobium Oxide. The pH and temperature profiles
of hydrolytic activities are shown in Figures 2 and 3, respec-
tively. The pH optimum shifted 1.0 pH point from about 8.0
for the free enzyme, to about 7.0 for the immobilized lipase
(Figure 2). However, this shift depended on the method
of immobilization as well as the structure of the matrix,
mainly the support charge surface. In relation to the support
niobium oxide due to its positive charged, the optimal pH for
immobilized lipase shifted to the acidic side. In the present
work, however, care was taken to avoid the electrostatic
potential within the immobilized lipase by carrying out
the niobium oxide activation step in buffering pH solution
(glutaraldehyde in phosphate buffer, 100 mM and pH 8.0),
as described in Section 2. This was a necessary step since the
charge groups on the support surfaces may induce acid or

Table 1: Biochemical and kinetics properties of the free and
immobilized lipase.

Parameter Free lipase Immobilized lipase

Optimum pH 8.0 7.0

Optimum temperature (◦C) 37 55

Km (μM) 0.17 0.17

Vmax (U/mg) 1928.66 89.23

base catalyzed acyl migration that should be avoided during
lipase-catalyzed process [23].

The optimum temperature for the immobilized enzyme
(55◦C) was 18◦C higher than for the soluble enzyme
(37◦C), as shown in Figure 3. The increase in the optimum
temperature of the immobilized lipase may be explained by
the change of the conformational integrity of the enzyme
structure upon covalent attachment to the support. The
increase in the optimum temperature of the immobilized
lipase is important for a possible industrial application
because it allows to reduce microbial contamination and
viscosity reduction of oil and greases, favoring high yield
process, such as biodiesel production from vegetable oils.

The influence of substrate concentration on hydrolytic
activities was also analyzed for free and immobilized lipase
in p-NPP solutions varying from 100 to 1000 μM (Figures
4(a) and 4(b)) to determine the Michaelis-Menten constant
(Km) as the concentration of substrate at which half of
the maximum reaction rate (Vmax) is reached. Plotting
activity versus substrate concentration indicated that both
lipases obey the Michaelis-Menten equation, indicating that
in the range studied, no inhibition by reaction product
was detected. The values obtained for Km were 0.17 and
0.17 μM for the free and immobilized lipase, respectively,
indicating similar substrate affinity to the active site of
the free and immobilized lipase. The maximum reaction
rate (Vmax) for p-NPP hydrolysis with the free lipase was
1928.66 μmol·mg−1·min−1 and 89.23 μmol·mg−1·min−1 for
the immobilized lipase. This decrease on the maximum
reaction rate was either due to the conformational changes
of the enzyme resulting in a lower possibility of forming a
substrate-enzyme complex, or a less access of the substrate
to the active sites of the immobilized enzyme caused by
the increased diffusion limitation [23, 24]. In Table 1 the
biochemical and kinetics parameters of the both free and
immobilized lipase are summarized.

3.3. Stability Tests

3.3.1. Thermal Stability. The thermal stability of enzymes is
one of the important criteria for long-term and commercial
application. The activity of immobilized enzyme is known
to be more resistant against heat than native state. Thermal
gravimetric analysis (TGA) provides an important tool for
thermal stability studies of macromolecules [25, 26]. This
technique enables to determine the temperature range at
which a heated sample undergoes a major conformational
change by means of monitoring the thermal weight loss
profile. In the case of free lipase and immobilized lipase
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Figure 1: Scanning electron micrographs (SEM): (a) pure niobium oxide; (b) silanized niobium oxide; (c) silanized and activated niobium
oxide; (d) immobilized CRL on niobium oxide.

derivative such temperature range can be related to the pro-
tein unfolding and thus to the enzyme inactivation. Thermal
degradation temperatures were determined for free lipase,
hydrous niobium oxide, and the resulting immobilized lipase
derivative. Thermal weight loss results are showed in Table 2.

Free lipase was characterized by two weight loss peaks. In
the first one, at temperature range from 30 to 180◦C, distin-
guished by a low weight loss (4.3%) due to the dehydration
of the interstitial water containing in the free lipase sample.
From 180 to 600◦C, continuous weight loss was observed
indicating a complete decomposition of the organic structure
of lipase.

The thermogravimetric analysis for the niobium oxide
indicated a large weight loss (10.5%) at temperature lower
than 200◦C and a small one (4.9%) from 200 to 400◦C.
The former weight loss was due to the elimination of the

free water and the latter to the water that it held in the
support pores [26]. For the lipase immobilized on silanized
and activated niobium oxide showed weight loss in two steps.
The first was characterized by a weight loss (13.6%) at 30
to 200◦C due to the elimination of hydration water and
the second step was characterized by 5% weight loss at 200
to 400◦C corresponding to water loss that is held in the
pores. The results indicated that upon immobilization, the
profile curves for lipase derivative shifted towards higher
temperatures suggesting that a strong interaction between
enzyme and the support occurred which enhanced the
conformation stability of the native form.

According to Table 3, free CRL at 55◦C shows a half-
life of 0.38 h, maintaining only 20% of its original activity
after 1 h, whereas the half-life of the immobilized lipase at
this temperature was 0.82 h. The conformational flexibility
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Figure 2: Effect of reaction pH on hydrolytic activities of lipase pre-
parations. Enzymes were assayed with p-NPP as substrate at 37◦C,
(◦) free lipase, (•) niobium oxide-lipase. Starting activities (free
lipase: 1553 units·mg−1; niobium oxide-lipase: 143 units·mg−1)
were taken as 100%.

of the enzyme was reduced after immobilization [23, 24,
27, 28]. Immobilization of the lipase on niobium oxide led
to an increase of enzyme rigidity, which protected it from
unfolding. Thus the immobilized enzyme showed higher
thermal stability than free enzyme, twice fold more stable
than free lipase, similar stabilization factor (ratio between
half-life of the immobilized and free lipase) observed at 50◦C.

3.3.2. Storage Stability. To complete the characterization of
the immobilized lipase, the hydrolytic activity was measured
as a function of long-term storage time at refrigerated
temperature (4◦C), and after 60 days the activity decreased by
80%. Results from literature, show that immobilized lipase
from porcine pancreas (PPL) in chitosan stored in water
and without any medium (dry), after four and ten days
was verified total reduction of the hydrolytic activity of the
immobilized derivates, respectively [29].

3.3.3. Operational Stability. Considering that operational
stability is a parameter of fundamental importance in devel-
oping processes with immobilized enzymes, complementary
tests were performed to determine the biocatalyst half-life
time for immobilized lipase in organic (ester synthesis)
medium (Figure 5). For the esterification reaction of butanol
with butyric acid (24 h-37◦C), a slow decrease in the
esterification activity was verified (25%) after ten recycles
(240 h), which corresponds to a half-life (t1/2) of 406 h.

3.4. Application of the Prepared Derivative for Biodiesel Syn-
thesis. Transesterification reactions were performed using
babassu oil and short-chain alcohol such as ethanol,
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Figure 3: Effect of reaction temperature on hydrolytic activities
of lipase preparations. Enzymes were assayed with p-NPP as
substrate at pH 7.0, (◦) free lipase, (•) niobium oxide-lipase.
Starting activities (free lipase: 1868 units·mg−1; niobium oxide-
lipase: 271 units·mg−1) were taken as 100%.

Table 2: Thermogravimetric analysis for support, free lipase, and
immobilized derivative.

Material
Temperature
range (◦C )

Thermal degradation
temperature∗ (◦C)

Weight
loss ( % )

Pure support
30–200

53
10.5

200–400 4.9

Free lipase 30–180 52 4.3

Immobilized
lipase

30–200
54

13.6

200–400 5.0
∗

Temperature at which a heated sample undergoes a major weight loss.

propanol, and butanol catalyzed by Candida rugosa lipase on
immobilized niobium oxide in solvent-free system. The long-
chain fatty acid alkyl esters (FAAEs) produced (biodiesel) can
be used as substitute to the conventional diesel fuel without
any modification in engine design [3, 4]. Figure 6 shows the
progress of the enzymatic reaction for each system in terms
of monoalkyl esters formation.

According to the results, Candida rugosa lipase was
strongly inactivated when ethanol was used as acyl acceptor
(transesterification yield = 4.36%), a result which is in
agreement with those related in the literature [30, 31].
Conversion of babassu oil into fatty acid alkyl esters (FAAEs)
was also affected by propanol reaching a yield lower than
40%. The lower performance into fatty acid alkyl esters
formation when ethanol and propanol were used as acyl
acceptors can be attributed to the high polarity of these
alcohols, which leads to an unfavored partition of water
between enzyme and support, thus stripping essential water
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Figure 4: Hydrolytic activities for free lipase (a) and niobium oxide lipase (b) as a function of p-NPP concentration at pH 7.0 and 37◦C.
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Figure 5: Batch operational stability tests for lipase immobi-
lized in niobium oxide lipase in organic media. Initial activity
(54.46 μmol·g−1·min−1) was defined as 100%.

from enzyme molecules and reducing the CRL activity.
Enzymatic activity and stability are highly dependent on the
degree of hydration of the enzyme and a minimum amount
of water is necessary for the protein to maintain its optimal
conformation [30, 31].

Therefore, in the conversion of babassu oil into alkyl
esters butanol gave the highest conversion (79.35%), show-
ing a better activity of the Candida rugosa lipase with
increasing alcohol chain lengths due to the lowest polarity

of the butanol in relation to the ethanol and propanol.
Similar results were reported by Cambon et al. [31] in the
transesterification of sunflower oil catalyzed by vegetal lipase.

3.5. Economical Evaluation for the Manufacture of the Immo-
bilized Lipase on Niobium Oxide. The use of enzymes as
industrial catalysts for replacing the conventional chemical
processes is limited mainly by the high biocatalyst and its
low operational stability. The immobilization in appropriate
supports can overcome such limitation since the initial
investment in raw material (enzyme, support, and reagents)
is expected to be rewarded by the high activity and stability
of the resulted immobilized derivative [13, 16].

To estimate the overall cost for preparing the immobi-
lized lipase on niobium oxide, it was taken into consideration
a batch starting from 100 g of pure niobium oxide and
the reagent costs, including the free lipase as stated in
catalog prices directed available from the manufactures.
The involved cost for the immobilizing procedure to obtain
immobilized derivative on controlled pore silica (US$ 67.0/g)
was used for comparative purpose. The cost of Candida
rugosa lipase immobilized on niobium oxide was estimated
to be 1.06 US$/g immobilized system, corresponding to value
64 times lower than one obtained by the immobilization
derivative of that same lipase on controlled pore silica (US$
68.0/g immobilized system). Considering that the lipase
immobilized on niobium oxide showed similar values for
thermal and operational stabilities to that one obtained for
the lipase immobilized on commercial inorganic matrix,
as controlled pore silica [32], it can be inferred that the
proposed matrix according to the description given in
this work can be replaced with technical and economical
advantages of commercial inorganic matrixes, as controlled
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Figure 6: Profile for alkyl esters formation in the transesterification reaction of the babassu oil with ethanol (a), propanol (b), and butanol
(c) catalyzed by CRL immobilized on niobium oxide as biocatalyst.

pore silica. For a better evaluation of the properties obtained
by the lipase immobilized on niobium oxide, comparative
data described in the literature for experimental preparations
of Candida rugosa immobilized on inorganic matrixes, as
zirconium phosphate (ZrP), controlled pore silica (CPS) and

silica-gel obtained by the sol-gel technique using MTMS as
precursor [24, 32, 33] is given in Table 4.

In terms of activity recovery and operational stability,
the matrix used in the present work shows comparable per-
formance with other inorganic matrixes, indicating that
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Table 3: Half-life (t1/2) and rate of denaturation (kd) for the free and immobilized lipases.

Temperature (◦C)
Rate of denaturation (kd) (h−1) Half-life (t1/2) = − ln(1/2)/kd (h)

Free lipase Immobilized lipase Free lipase Immobilized lipase

40 0.23 0.22 3.03 3.15

50 1.15 0.52 0.60 1.36

55 1.81 0.84 0.38 0.82

Table 4: Comparison of the catalytic properties of the Candida rugosa lipase immobilized in different inorganic supports.

Property
Support

CPSa Silicab (sol-gel) ZrPc Nb2O5

Activity recovered (%) 48 1.34 60 47.5∗

Hydrolytic activity (U/mg) 119 4.98 163 124∗

Esterification Activity (μM/g·min) 154 136 103 120∗

Operational stability in organic medium (t1/2 at 37◦C, h) 417 132 412 406

References [32] [33] [24] This work
a
CPS: Controlled pore silica.

bencapsulated lipase in hydrophobic matrix obtained by sol-gel process using as precursor MTMS (methyltrimethoxysilane).
cZrP: zirconium phosphate.
∗results previously reported [16].

niobium oxide can be used as an alternative to commercial
matrices, such as controlled pore silica.

4. Conclusion

The immobilized derivative obtained under the conditions
previously established was fully characterized with respect
to its morphological properties: particle size, surface specific
area, and pore size distribution (B.E.T. method) and yield
of grafting (TGA). Structural integrity and conformational
changes, such as surface cavities in the support, set by
the lipase procedure were observed by scanning electron
microscopy (SEM). The catalytic performance of the immo-
bilized derivative was also determined in aqueous (hydrolysis
of ester) and in nonaqueous media (synthesis of ester
and modification of vegetable oil). In aqueous media, a
comparative study between free and immobilized lipase was
made in terms of pH, temperature, thermal stability, and
kinetics parameters using p-phenyl palmitate as substrate.
Upon immobilization the lipase shifted optima conditions
for lower pH (7.00) and higher temperature (55◦C) values
when compared with the lipase in its free form (pH 8.0
and temperature of 37◦C). Thermal stability tests revealed
that the immobilized derivative showed higher thermal
stability than the free lipase. The influence of the substrate
concentration on the reaction rate showed good adjustment
of Michaelis Menten model, with an estimation of the same
Km values for both free and immobilized enzymes (0.17 μM)
andVmax values of 1928.66 U/mg for free and 89.23 U/mg for
immobilized lipase.

In nonaqueous media, the catalytic potential of the
immobilized derivative was verified in the esterification reac-
tion of butanol with butyric acid (operational stability) and
transesterification reaction of babassu oil with short chain
alcohols. In the operational tests, the immobilized derivative

was used successively under batch reactions (24 h/37◦C)
maintaining up to 70% of the initial activity up to 240 h,
revealing a biocatalyst half-life of 406 h. CRL was inhibited
when ethanol and propanol were used as acyl donors in the
transesterification of babassu oil into biodiesel. Therefore,
the immobilized lipase was shown to be only effective for
the transesterification with butanol, reaching satisfactory
concentrations of butyl esters.
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CNPq, Fundação de Apoio à Pesquisa do Estado de São Paulo
(FAPESP) and Coordenação de Aperfeiçoamento de Pessoal
de Nı́vel Superior (CAPES).

References

[1] M. P. Dorado, E. Ballesteros, J. M. Arnal, J. Gómez, and F. J.
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Using statistical optimization, we enhanced the activity of phytase by a new Saccharomyces cerevisiae strain cultured in mineral
medium. Concentrations of carbon source and inducer of phytase production were optimized using a 22 full factorial CCD and
response surface methodology (RSM). Urea was fixed as nitrogen source in culture medium (0.15%, w/v). The culture medium
consisting of 2.5% sucrose and 0.5% sodium phytate optimally supported the maximum phytase activity. In addition, we found
that culture of the yeast at 35◦C with shaking at 150 rpm supports maximum phytase production. The validity of this model was
verified by culturing the organisms in flasks on a shaker. Using the optimized media and growth conditions, we obtained a 10-fold
improvement in the production of phytase by S. cerevisiae.

1. Introduction

Phytate degradation is an important metabolic process in
many biological systems. Although phytate is the major stor-
age form of phosphorus found in cereals, grains, legumes,
pollens, and seeds [1], it is not widely available to monogas-
tric animals, such as swine and poultry. Consequently, inor-
ganic phosphorus, a nonrenewable and expensive mineral,
is added to the diets of pigs, fish, and poultry to meet their
nutritional phosphorus requirements [2, 3]. However, any
phosphorus unused by the animals’ body is excreted, causing
environmental problems in areas of intensive livestock pro-
duction [3, 4]. In addition, phytic acid acts as an antinutrient
because it chelates nutritionally important metals, such as
iron, zinc, magnesium, and calcium and binds proteins and
lipids, thus diminishing the bioavailability of these important
nutrients [5].

Phytase (myoinositol hexakisphosphate phosphohydro-
lase, EC 3.1.3.8) catalyzes the hydrolysis of phytate to myo-
inositol pentakisphosphate and orthophosphate. Improving
the digestibility of proteins and increasing the availability of
phosphorus and other minerals, which are usually chelated
by phytic acid [6], diminishes the antinutritive properties

of phytate, and prevents environmental pollution. Thus, the
ideal enzyme for the catalysis of such processes should have
high catalytic specificity, resistance to proteolysis [7], and sta-
bility at elevated temperatures and under acidic conditions
[8].

The process of fermentation is significantly influenced by
various physical and chemical factors. In addition, phytase
production is affected by growth conditions, the strain and
substrate used for culture, and the availability of nutrients
[2]. Statistical plans are currently used to find ways to
enhance phytase production at a reduced cost. The use of
response surface methodology (RSM) in biotechnological
processes has gained great importance in the optimization
of enzyme production because it helps to determine the
optimum parameters for enzyme activity [9–16].

Phytase is widely distributed in plants, animal tissues,
and microorganisms. Phytases are produced by yeast either
naturally [17–20] or by processes based on recombinant
DNA technology using different yeast strains [21–26]. Sac-
charomyces cerevisiae possesses several properties that make
it useful for use in biotechnological applications, such as its
resistance to high sugar and alcohol concentrations [27] and
a high growth rate at increasing temperatures [28]. Phytases
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have been studied in different yeast strains, such as baker’s
yeast [29], and an extracellular acid phytase from S. cerevisiae
was recently purified and characterized [30]. Additionally,
a phytase-producing yeast strain, identified as S. cerevisiae
strain zi (EU188613), was isolated from soil samples from
Sao Paulo, Brazil [31]. This strain is potentially a new source
of thermostable phytases of commercial interest, particularly
because the screen for this yeast was performed using gradual
temperature increases. In this study, our aim was to opti-
mize the medium composition and culture conditions to
maximize the production of phytase by S. cerevisiae strain zi
(EU188613) using statistical designs.

2. Material and Methods

2.1. Yeast and Preinoculum Preparation. The yeast strain was
isolated from a sample of soil, identified as S. cerevisiae strain
zi (EU188613) by molecular taxonomy [31] and deposited
in the CBMAI (Coleção Brasileira de Microrganismos de
Ambiente e Indústria) collection. The yeast cultures were
maintained in assay vials containing yeast malt agar (YMA)
and stored at 4◦C until they were used for preparation of
the preinoculum, which was done by suspending the spores
in 2.5 mL of sterile water. The cell suspension was used to
inoculate the culture medium.

2.2. Phytase Assay. Phytase production was measured using
a colorimetric method by following the release of inorganic
phosphate from phytic acid. Free inorganic phosphate was
assayed in the culture supernatant based on the concen-
tration of phosphate released after hydrolysis of sodium
phytate by phytase [32]. For this purpose, 150 μL of enzyme
solution were mixed with 600 μL of 0.1 M Tris-HCl (pH 7.0)
supplemented with 2 mM sodium phytate and 2 mM of
CaCl2, and incubated at 37◦C for 30 min. The reaction was
then stopped by addition of 750 μL of 5% trichloroacetic
acid, after which 1.5 μL of the color reagent were added to
generate phosphomolybdate. The concentration of inorganic
orthophosphate (Pi) in this mixture was determined colori-
metrically by measuring the absorbance of the solution at
700 nm using a Beckman Coulter DU640 Spectrophotometer
(Fullerton, CA, USA). The color reagent was prepared fresh
by mixing 4 volumes of 1.5% (w/v) ammonium molybdate
solution supplemented with 5.5% (v/v) sulfuric acid and 1
volume of 2.7% (w/v) ferrous sulfate solution. The results
were compared to a standard curve prepared using K2HPO4

as a source of inorganic phosphate at concentrations ranging
from 0.0448 to 2.8706 μM.

Phytase production was also assayed using the method
proposed by Stockmann et al. [24] with adaptations for using
a synthetic phosphatase substrate. This method is based
on the hydrolysis of 4-nitrophenyl phosphate (4-NPP) to
phosphate and p-nitrophenol. The substrate (1000 μL of
5 mM 4-NPP disodium salt hexahydrate) was added to a
mixture of 500 μL of 0.8 M sodium acetate buffer (pH 5.0)
and 500 μL of enzyme solution. The mixture was incubated
at 37◦C for 10 min, and the reaction was stopped by the
addition of 2000 μL of 0.1 N NaOH. The concentration of

released p-nitrophenol was determined colorimetrically by
measuring the absorbance of the mixture at 410 nm using a
Beckman Coulter DU640 spectrophotometer (Fullerton, CA,
USA). The results were compared to a standard curve pre-
pared using p-nitrophenol at concentrations ranging from
0.0719 to 7.1891 μM.

One unit (U) of phytase activity was defined as the con-
centration of inorganic phosphate, in μmol, released per min
per mL of enzyme preparation (U/mL) under defined reac-
tion conditions.

2.3. Biomass Determination. To determine the dry weight of
the yeast, the cell pellets were washed twice with distilled
water and dried in preweighed tubes at 60◦C to a constant
weight.

2.4. Control Culture Medium and Conditions. Standard cul-
ture medium (10 g/L sucrose, 0.5 g/L sodium phytate [pur-
chased from Sigma-Aldrich, Steinheim, Germany], 3.0 g/L
(NH4)2SO4, 0.5 g/L MgSO4·7H2O, 0.5 g/L KCl, 0.001 g/L
FeSO4·7H2O, 0.0075 g/L MnSO4·H2O and 0.1 g/L CaCl2)
was adjusted to a pH of 4.5 and autoclaved at 121◦C and
1 atm for 15 min. Fifteen milliliters of culture medium and
1 mL of yeast preinoculum were mixed in conical flasks of
50 mL, which were incubated in a rotary shaker (TECNAL
TE 421, Piracicaba, SP, BR) at 150 rpm and 35◦C for 120 h.
After allowing the yeast to grow, the flasks were centrifuged
at 7100 × g and 10◦C for 15 min in a Beckman Coulter
Allegra X-22R centrifuge (Fullerton, CA, USA). The culture
supernatant was then used directly for the phytase assay,
and the pellet was used for biomass determinations after
12, 24, 36, and 48 h for determination of the experimental
fermentation time.

2.5. Optimization of the Medium Composition for the Pro-
duction of Phytase Using RSM. The control culture medium
was use and the carbon sources (sucrose) and the inducer of
phytase production (sodium phytate) were further optimized
in the synthetic medium by RSM and by using central
composite design (CCD). One milliliter of yeast preinoculum
was used in all the experiments. In this manner, we sought to
determine the optimal concentrations of these compounds
and to study their interactions. Urea was fixed as nitrogen
source at concentration of 0.15% (w/v). The concentrations
of these two variables (sodium phytate concentration (A)
and sucrose concentration (B)) were optimized using the
CCD plan and Statistica software (version 7.0). Each variable
in the design was studied at five different levels (Table 1). A
22 factorial design, with four axial points and three replicates
at the center point and a total of 11 experiments were
employed (Table 2). The average maximum phytase activity
in S. cerevisiae cultured in sodium phytate substrate was
measured after 36 h of fermentation. The behavior of the
system can be explained by the following quadratic equation:

Y = β0 + β1A + β2B + β11A2 + β22B2 + β12AB, (1)

where Y is the predicted response, β0 is the intercept, β1 and
β2 are linear coefficients, β11 and β22 are squared coefficients,
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Table 1: Concentration ranges of the medium components as ana-
lyzed by RSM.

Factor Variables
Range

examined
Levels

−α −1 0 +1 +α

A
Sodium phytate

(% w/v)
0.15–0.55 0.15 0.2 0.35 0.5 0.55

B Sucrose (% w/v) 0.5–2.5 0.5 0.8 1.5 2.2 2.5

Table 2: Experimental design and results for the optimization of
the medium composition for phytase activity using RSM.

Run
n◦

Sodium
phytate (% w/v)

Sucrose
(% w/v)

Phytase activity in
sodium phytate
medium (U/mL)

Experimental Predicted

1 −1 −1 0.35 0.34

2 +1 −1 0.36 0.35

3 −1 +1 0.35 0.34

4 +1 +1 0.51 0.50

5 −1.41 0 0.29 0.29

6 +1.41 0 0.40 0.41

7 0 −1.41 0.34 0.35

8 0 +1.41 0.45 0.46

9 0 0 0.43 0.43

10 0 0 0.43 0.43

11 0 0 0.43 0.43

Table 3: Analysis of variance and regression analysis for the opti-
mization of the medium composition for phytase activity by S.
cerevisiae in sodium phytate substrate.

Source of
variation

Sum of
squares

Degrees of
freedom

Mean
square

F value

Regression 0.037781 4 0.009445 24.22

Residual 0.002339 6 0.00039

Lack of fit 0.002338 4 0.000585

Pure error 0.000001 2

Total 0.04012 10

Coefficient of determination (R2) = 0.9417; F4;6;0.05 = 4.53.

β12 is the interaction coefficient, and A, B, A2, B2 and AB are
the levels of the independent variables. The corresponding
ANOVA values are shown in Table 3.

2.6. Optimization of the Fermentation Conditions for the Pro-
duction of Phytase. The production of phytase in optimized
medium was studied under different culture conditions. One
milliliter of yeast preinoculum was used in all the exper-
iments. To determine the optimum temperature (A) and
agitation (B) for the production of phytase and to study their
interactions, RSM using CCD was applied. The two indepen-
dent variables (A and B) were studied at five different levels
(−α, −1, 0, +1, +α; Table 4), and a total of 11 experiments
were performed (Table 5). The average maximum phytase

Table 4: Temperature and agitation ranges as analyzed by RSM.

Factor Variables
Range

examined
Levels

−α −1 0 +1 +α

A Temperature (◦C) 25–45 25 28 35 42 45

B Agitation (rpm) 70–230 70 93 150 207 230

Table 5: Experimental design and results for the optimization of
the fermentation conditions for phytase activity using RSM.

Run
n◦

Temperature
(◦C)

Agitation
(rpm)

Phytase activity in
sodium phytate (U/mL)

Experimental Predicted

1 −1 −1 0.53 0.49

2 +1 −1 0.45 0.46

3 −1 +1 0.40 0.41

4 +1 +1 0.37 0.43

5 −1.41 0 0.29 0.32

6 +1.41 0 0.36 0.31

7 0 −1.41 0.59 0.61

8 0 +1.41 0.58 0.54

9 0 0 0.61 0.61

10 0 0 0.62 0.61

11 0 0 0.61 0.61

activity in S. cerevisiae cultured in sodium phytate substrate
was measured after 36 h of fermentation. The behavior of the
system can be explained by the following quadratic equation:

Y = β0 + β1A + β2B + β11A2 + β22B2 + β12AB, (2)

where Y is the predicted response, β0 is the intercept, β1 and
β2 are linear coefficients, β11 and β22 are squared coefficients,
β12 is the interaction coefficient, and A, B, A2, B2 and AB are
the levels of the independent variables.

2.7. Statistical Analysis. The analyses were performed in trip-
licate, and the results are presented as the mean ± standard
deviation. The Tukey test was used to determine signifi-
cant differences between the mean values for the different
components. P values of ≤ 0.05 were considered statistically
significant.

3. Results and Discussion

Prior to optimization, the experimental fermentation time
was defined as 36 h. The experiments were carried out at
the center point at 12, 24, 36, and 48 h. The results indicated
that yeast biomass increases with increased fermentation
time. However, the activity of phytase when the yeast
was cultured in both substrates increased only up to 36 h
(0.55 ± 0.01 U/mL and 0.051 ± 0.004 in sodium phytate and
4-NPP substrates, respectively) and decreased significantly
after 48 h.
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3.1. Optimization of the Medium Components for the Produc-
tion of Phytase. Different concentrations of urea were ana-
lyzed (0; 0.15 and 0.30% w/v) to determine the best con-
centration that promotes the production of phytase. Higher
concentrations of urea result in decreased phytase activity
when S. cerevisiae is cultured in sodium phytate substrate.
At a concentration of 0.15% urea, the activity of phytase was
0.41 U/mL, while at 0.30% urea we observed an activity of
0.33 U/mL. Urea is the preferred nitrogen sources for the
production of phytase by Aspergillus ficuum [5] and Pichia
anomala [13].

The concentrations of sucrose and sodium phytate were
further optimized by RSM using CCD, and the data were
analyzed using the analysis of variance (ANOVA). Table 1
shows the ranges of the selected variables analyzed for their
effects on the production of phytase, and the predicted and
observed responses are shown in Table 2. The effects of these
variables on the activity of phytase in S. cerevisiae cultured in
sodium phytate substrate can be predicted by the model:

Y = 0.4333 + 0.0406A+ 0.0387B − 0.0393A2 + 0.0355AB,
(3)

where Y is the activity (U/mL) of phytase in sodium phytate,
A is the concentration of sodium phytate, and B is the
concentration of sucrose. The corresponding ANOVA values
are shown in Table 3. The coefficient of determination (R2)
was 0.9417, which accounts for the 94.17% variability of
the model. The R2-value should be between 0 and 1, and a
value≥0.75 indicates aptness of the model [13]. The ANOVA
shows a high performance of the F-value for the regression
analysis (the calculated values are approximately 5-fold
higher than those listed), which indicates that the terms of
the model are significant. For the analysis of the activity
of phytase in response to sodium phytate, the quadratic
parameter for the sucrose concentration was not statistically
significant (P ≤ 0.05) and was added to the lack of fit.

The three-dimensional plot (Figure 1) shows the optimal
concentrations and interactions of the sodium phytate and
sucrose variables for the production of phytase. At high
concentrations of sodium phytate and sucrose (0.55% and
2.5% w/v, respectively), we observed an increase in the
production of phytase. The maximum predicted activity for
phytase was 0.50 U/mL, while the experimental activity was
0.51 U/mL, indicating that the predicted and experimental
values were in agreement.

The statistical model for phytase activity in response to
sodium phytate was validated by ANOVA and by repeating
the experiments using the optimized conditions. Experimen-
tally, we found the activity of phytase to be 0.49± 0.01 U/mL,
while the predicted activity was 0.50 U/mL. Based on these
results, sucrose at a concentration of 2.5% was used to
further optimize the fermentation conditions, and due to
its high cost, we used sodium phytate at a concentration of
0.5%.

3.2. Optimization of the Fermentation Conditions for the
Production of Phytase. The temperature and agitation condi-
tions were also optimized by RSM using CCD. Table 4 shows
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Figure 1: Response surface graph showing the effect of the interac-
tion between sodium phytate and sucrose on the activity of phytase.

Table 6: Analysis of variance and regression analysis for the opti-
mization of the fermentation conditions for phytase activity by S.
cerevisiae in sodium phytate substrate.

Source of
variation

Sum of
squares

Degrees of
freedom

Mean
square

F value

Regression 0.12658 1 0.13162 57.59

Residual 0.01978 9 0.001643

Lack of fit 0.01972 7 0.002818

Pure error 0.00006 2 0.00003

Total 0.14636 10

Coefficient of determination (R2) = 0.8648; F1; 9; 0.05 = 5.12.

the different temperature and agitation ranges analyzed for
their effects on phytase production, and Table 5 shows the
experimental and predicted phytase activity values obtained.
The effects of these variables on the activity of phytase in
S. cerevisiae cultured in sodium phytate substrate can be
predicted by the model:

Y = 0.6133− 0.1485A2, (4)

where Y is the activity of phytase (U/mL) in sodium phytate
andA is the temperature. This optimized model for the activ-
ity of phytase in response to sodium phytate was validated by
ANOVA, and the results are shown in Table 6.

The quadratic parameter for the temperature was a sig-
nificant term in the model for phytase production (P ≤
0.05). The R2 was calculated to be 0.8648, which accounts for
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the 86.48% variability of the model. The high F-value for the
regression analysis (the calculated values are approximately
11-fold higher than those listed) indicates that the terms of
the model are significant.

The three-dimensional plot shows the interaction be-
tween temperature and agitation for the production of phy-
tase (Figure 2). The results show that the highest phytase

activity (0.62 U/mL) in response to sodium phytate was ob-
tained at central point conditions (35◦C and 150 rpm), which
were previously used. The maximum experimental phytase
activity obtained was 0.62 U/mL, whereas the predicted value
was 0.61 U/mL.

The model was also validated by repeating the experi-
ments using the optimized conditions. The predicted activity
of phytase was 0.61 U/mL, while the experimental activity
was 0.58 ± 0.02 U/mL.

The phytase activity obtained in unoptimized medium
was 0.06 U/mL after 24 h of fermentation by S. cerevisiae.
After optimization of the medium composition and the
fermentation conditions, the activity of phytase in response
to sodium phytate was approximately 10-fold higher (0.62 U/
mL). After statistical optimization, the activity of phytase
increased 1.75-fold in P. anomala cultured in synthetic me-
dium [10], 1.7-fold in Aspergillus ficuum [11], 1.3-fold in
Rhizomucor pusillus [12], 3.73-fold in Sporotrichum ther-
mophile [15], and 1.8-fold in M. racemosus [33].

The activity of phytase in response to sodium phytate
after 120 h of fermentation by S. cerevisiae was analyzed using
the following optimized conditions: 0.5% sodium phytate,
2.5% sucrose, 35◦C and 150 rpm. The activity of phytase in
response to sodium phytate and the biomass of S. cerevisiae
at different time points are shown in Figure 3. The activity of
phytase and the biomass of the yeast increased progressively
over time, and the maximum phytase activity (0.710 ±
0.002 U/mL) and biomass (2.11 ± 0.03 mg/mL) were ob-
tained after 96 h of fermentation. However, the enzyme
yield significantly declined after further incubation times
(P ≤ 0.05), which is possibly due to the reduced levels of
nutrients available in the medium, as reported by Roospesh
et al. [34]. In agreement with this result, the maximum
phytase activity and biomass for M. racemosus was reported
to be obtained after 96 h of fermentation, suggesting a rela-
tionship between enzyme production and maximum growth
[34].

S. cerevisiae produces extracellular phytase in simple
mineral medium, and RSM has proved to be effective for
optimizing the activity of phytase. Few studies have reported
the use of RSM to improve the production of phytase by
yeast, and this is the first study that was carried out to
enhance the production of phytase by S. cerevisiae. Thus, this
yeast strain has potential applications for the reduction of
phytate in animal feed.
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2092, Tunisia

3 Laboratoire de Chimie Industrielle, Ecole Nationale d’Ingénieurs de Sfax, Université de Sfax, Route de Soukra, Sfax 3038, Tunisia
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The decolorization of direct Solophenyl red 3BL (SR), a polyazo dye extensively used in textile industry was studied. The Fomes
fomentarius laccase alone did not decolorize SR. The natural redox mediator, acetosyringone (AS), was necessary for decolorization
to occur. Box-Behnken design was used to evaluate the effects of three parameters, namely, enzyme concentration (0.5–
2.5 U mL−1), redox mediator concentration (3–30 μM), and incubation time (1–24 h), on the SR decolorization yield. The fitted
mathematical model allowed us to plot response surfaces as well as isoresponse curves and to determine optimal decolorization
conditions. The results clearly indicated that the AS concentration was the main factor influencing the SR decolorization yield. The
selected optimal conditions were enzyme concentration 0.8 U mL−1, mediator concentration 33 μM, and time 14 h 30 min. These
conditions allowed 79.66% of SR decolorization versus 80.70% for the predicted value. These results showed a promising future of
applying laccase-AS system for industrial wastewater bioremediation.

1. Introduction

Waste waters of the textile industries, well implanted in
Tunisia, contain considerable amounts of nonfixed dyes and
especially of azo dyes. The release of those colored waste
waters in the ecosystem is a dramatic source of esthetic
pollution, eutrophication, and perturbations in the aquatic
life [1].

Most physicochemical dye removal methods, which are
generally used for the effluent treatment, have many limi-
tations [2, 3]. Biological decolorization and degradation is
an environmental-friendly and cost-competitive alternative
to the physicochemical decomposition process [4].

The dye biodegradation is carried out mostly by white
rot fungi and by their ligninolytic enzymes such as lignin
peroxidases, manganese peroxidases, and laccases [5, 6].

Laccases are oxidoreductases that belong to the multinuclear
copper-containing oxidases and are able to decolorize and
detoxify industrial dyes [7, 8]. However, some of the dyes
cannot be oxidized, or partly oxidized by laccase because
they are too large to penetrate into the enzyme active site or
have a particularly high redox potential. Laccase mediators,
such as 1-hydroxybenzotriazole (HBT), 2,2-azino-bis 3-
ethylbenzothiaoline-6-sufonic acid (ABTS), and Remazol
Brilliant Blue R (RBBR), are found to extend or permit the
oxidation of nonspecific substrate by laccase [8, 9].

Nevertheless, laccase-mediator system has not yet been
applied at large scale due to the cost of mediators and
their toxicity [10]. In recent years, some natural phenolic
compounds, including syringaldehyde and acetosyringone
(AS), have been described as efficient and ecofriendly laccase
mediators for textile and environmental applications [11].
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Previous studies have shown that the efficiency of the dye
decolorization by laccase depends on many factors such as
the reaction time, the concentration of the enzyme and the
structure and the concentration of the dye, and the redox
mediator [12, 13]. Response surface methodology (RSM)
is an efficient experimental strategy to determine optimal
conditions for a multivariable system rather than optimiz-
ing by the conventional method which involves changing
one independent variable while keeping the other factors
constant. These conventional methods are time consuming
and incapable of detecting the true optimum [14–17]. The
RSM has been successfully applied in optimization of the
experimental conditions of the dye decolorization with
fungal laccases [12, 13].

The white-rot fungus Fomes fomentarius has been
recently described as a good producer of laccase in solid-
state cultures [18, 19]. It has also been reported that F.
fomentarius laccase efficiently decolorizes the anthraquinone
dye Remazol Brilliant Blue R without mediators [20]. The
present work focused on applying laccase from F. fomentarius
combined with the natural mediator AS, to decolorize C.I.
Direct Solophenyl red 3BL polyazo dye. The main objectives
of this work were to better understand the relationships
between the decolorization variables (enzyme concentration,
redox mediator concentration, and incubation time) and
the response (SR decolorization yield) and to obtain the
optimum experimental conditions for decolorization using a
three-level Box-Behnken design and the RSM. All the results
obtained in this study would provide a sound basis for
further exploration.

2. Experimental Section

2.1. Chemicals. Solophenyl red 3BL (C.I. Direct 80) tetraazo
dye (Figure 1(a)) was obtained from the Ciba-Geigy and
used without further purification. This dye was chosen
as a model compound of polyazo dyes. Acetosyringone
(Figure 1(b)), purchased from Sigma-Aldrich was assayed as
a natural mediator for solophenyl red decolorization. All the
other reagents used were of highest purity grade available
commercially.

2.2. Enzyme Preparation. F. fomentarius laccase was pro-
duced on wheat bran solid medium, and the crude extract
was fractioned by ammonium sulfate precipitation as pre-
viously described [18]. Laccase activity was assayed using
5 mM 2, 6-dimethoxyphenol (DMP) in 100 mM sodium
tartrate buffer, pH 4.5 (ε469 = 27, 500 M−1 cm−1, referred to
DMP concentration). The enzymatic reactions were carried
out at room temperature (22–25◦C) and one unit of enzyme
activity was defined as the amount of enzyme oxidizing
1 μmol of substrate per minute [21].

2.3. Dye Decolorization Test. The reaction mixture for
SR decolorization experiments contained 100 mM tartrate
buffer (pH 4.5), laccase (0.5–2.5 U mL−1), and AS (3–
30 μM). SR concentration was selected in order to obtain
1.4 absorbance units at the dye maximum absorbance

Table 1: Experimental domain of the Box-Behnken design.

Variable Factor Unit Center Step of variation

X1 Enzyme conc. U/mL 1.5 1.0

X2 Mediator conc. μM 16.5 13.5

X3 Time h 12.5 11.5

wavelength, 543 nm (0.14 g L−1, final concentration). All the
reactions were incubated at 30◦C in complete darkness and
the residual dye concentration was determined at different
incubation times (1–24 h) by monitoring the decrease in
absorbance at 543 nm using a Shimadzu UV-VIS Scanning
spectrophotometer (UV-2101-PC). Dye decolorization was
expressed in terms of percentage. A control test containing
the same amount of a heat-denatured laccase was performed
in parallel, and, in order to find the effect of AS, experiments
were also conducted without addition of AS.

2.4. Experimental Design and Statistical Analysis. In this
work, a Box-Behnken design [15–17, 22–24] was set up to
look for the best experimental conditions of three inde-
pendent factors affecting the efficiency of the decolorization
of SR, namely: enzyme concentration (U1), redox mediator
concentration (U2), and incubation time (U3) (Table 1). The
relationship between the response (SR decolorization yield)
and the three quantitative variables was approximated by the
following second-order polynomial function:

η =β0 + β1X1 + β2X2 + β3X3 + β11X2
1 + β22X2

2 + β33X2
3

+ β12X1X2 + β13X1X3 + β23X2X3,
(1)

where η represents the theoretical response; β0, βj , βjk, and
βj j are model coefficients. Xj are coded variables related to
the natural variables Uj by the following equation:

Xj = U j − Center
(
j
)

Step of variation
(
j
) , (2)

where Center ( j) = (Uj,high − Uj, low)/2, Step of variation
( j) = (Uj,high+Uj, low)/2 Uj,high andUj,low: two extreme levels
(high and low) given for each natural variable Uj .

The coded variables Xj are equal to −1 and +1 when
the levels of natural variable Uj are Uj low and Uj high,
respectively.

The observed response yi for the ith experiment is

yi = ηi + ei
(
ei is experimental error

)
. (3)

From the experimental results (y), the estimates
(b0, b1, b2, . . .) of the model coefficients are calculated and
the model can be written as follows:

ŷ = b0 + b1X1 + b2X2 + b3X3 + b11X
2
1 + b22X

2
2 + b33X

2
3

+ b12X1X2 + b13X1X3 + b23X2X3,
(4)

where, ŷ is the estimated response function; b0, bj , bjk, and
bj j are the estimated model coefficients.



Enzyme Research 3

NaO3S

NaO3S

NaO3S

N N N N N N NN

NH C

O

HN

OH

SO3Na

SO3Na

SO3Na OH

(a)

C

O

CH3

CH3O OCH3

OH

(b)

Figure 1: Chemical structures of (a) the polyazo dye Solophenyl red 3BL (C.I. Direct 80) and (b) the natural redox mediator acetosyringone.

A three-variable Box-Behnken design with 17 experi-
ments (Table 2) was used to estimate the model coefficients.
The experimental points are located in the middle of a cube
ridges (12 experiments: runs no. 1 to 12) and at the center
of the cube (5 experiments: runs no. 13 to 17). The five
replicates at the center point were carried out in order to
estimate the pure error variance [16, 17, 24].

The significance of the fitted model was tested by the
mean of the analysis of variance (ANOVA) [16, 17, 24]. The
model adequacy was checked, before a predictive use of it in
the studied domain, using four test points (runs n◦ 18 to 21)
[17].

The fitted model was used to study the relative sensitivity
of the response to the variables in the whole domain and to
look for the optimal experimental conditions. The relation-
ship between the response and the experimental variables
was illustrated graphically by plotting the isoresponse curves
and the response surfaces [25, 26].

In this study, the generation and the data treatment of the
Box-Behnken design were performed using the experimental
design software NemrodW [27].

3. Results and Discussion

3.1. Preliminary Study. Some fungal laccases as well as
laccase mediator systems are efficient in dye decolorization.
Different dyes were decolorized by different laccases at
different rates. The decolorization rate depends on the
structure and the redox potential of the enzyme as well as
the dye structure [28–30]. The polyazo dye SR is widely used
for textile dyeing process which is biodegradation resistant.
Preliminary results showed that F. fomentarius laccase did
not decolorize SR (data not shown), indicating that the
presence of a mediator is required. Similarly, reports from
the literature show that laccase alone does not decolorize
some types of textile dyes [9, 12]. The reason may be that
the redox potential of the dye is higher than that of type
1 Cu of the laccase or the dye could not access the type

1 Cu active site because of its steric hindrance. However,
such dyes can be oxidized by laccase in the presence of some
redox mediators [9–12]. In the present study, the effect of
ABTS, RBBR, and AS on SR decolorization was assessed at
a concentration of 10 μM. Among the three different redox
mediators tested only AS showed the highest decolorization
yield after 1h of incubation (29% for AS versus 21 and 16%
for ABTS and RBBR, resp.). Thus further experiments for
the experimental design were carried out with the natural
mediator acetosyringone.

3.2. Estimated Model. Twenty-one experiments were car-
ried out. The experimental conditions, shown in Table 2,
were arranged according to the three-variable Box-Behnken
design. The corresponding observed values of the decol-
orization yield are indicated in the last column of Table 2.
The observed responses were used to compute the model
coefficients using the least square method. This allowed us
to write the following estimated model:

ŷ = 55.748− 2.836X1 + 23.300X2

+ 7.584X3 − 2.283X2
1 − 6.690X2

2

− 9.853X2
3 − 4.520X1X2 − 2.582X1X3

+ 1.155X2X3.

(5)

3.3. Statistical Analysis and Validation of the Model. The
analysis of variance for the fitted model (Table 3) showed that
the regression sum of squares was statistically significant at
the level 99.9% and the lack of fit was not significant. Thus,
we concluded that the model represented well the measured
data.

In addition, numerical results for check points (Table 4)
showed that the measured values were very close to those
calculated using the model equation. Indeed, the differences
between calculated and measured responses were not statis-
tically significant when using the t-test at a 95% probability
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Table 2: Experimental conditions of the Box-Behnken design in coded and natural variables and the corresponding experimental and
theoretical responses.

Run N◦ X1 X2 X3 Enzyme Mediator Time Measured decolorization Estimated decolorization

(U/mL) (μM) (h) (%) (%)

1 −1.00 −1.00 0.00 0.5 3.0 12.5 18.36 21.79

2 1.00 −1.00 0.00 2.5 3.0 12.5 26.42 25.16

3 −1.00 1.00 0.00 0.5 30.0 12.5 76.17 77.43

4 1.00 1.00 0.00 2.5 30.0 12.5 66.15 62.72

5 −1.00 0.00 −1.00 0.5 16.5 1.0 36.72 36.28

6 1.00 0.00 −1.00 2.5 16.5 1.0 31.52 35.78

7 −1.00 0.00 1.00 0.5 16.5 24.0 60.87 56.62

8 1.00 0.00 1.00 2.5 16.5 24.0 45.34 45.78

9 0.00 −1.00 −1.00 1.5 3.0 1.0 12.47 9.48

10 0.00 1.00 −1.00 1.5 30.0 1.0 54.59 53.77

11 0.00 −1.00 1.00 1.5 3.0 24.0 21.51 22.33

12 0.00 1.00 1.00 1.5 30.0 24.0 68.25 71.24

Center
points

13 0.00 0.00 0.00 1.5 16.5 12.5 60.44 55.75

14 0.00 0.00 0.00 1.5 16.5 12.5 55.71 55.75

15 0.00 0.00 0.00 1.5 16.5 12.5 51.59 55.75

16 0.00 0.00 0.00 1.5 16.5 12.5 53.68 55.75

17 0.00 0.00 0.00 1.5 16.5 12.5 57.32 55.75

Check
points

18 −0.40 −0.25 −0.17 1.1 13.1 10.5 51.59 48.12

19 0.40 −0.25 −0.17 1.9 13.1 10.5 49.82 47.12

20 0.00 0.45 −0.17 1.5 22.6 10.5 65.24 63.22

21 0.00 0.00 −0.17 1.5 16.5 10.5 51.65 54.17

Table 3: Analysis of variance.

Source of variation Sum of squares Degrees of freedom Mean square Ratio Significance

Regression 5652,89 9 628,099 34.1739 ∗∗∗

Residuals 128,657 7 18,3795

Validity 82,6035 3 27,5345 2.3915 N.S.

Error 46,0531 4 11,5132

Total 5781,55 16
∗∗∗

Significant at the level 99.9% N.S.: nonsignificant.

level, as shown in Table 4. Therefore, the estimated model
coefficients could be recalculated with all the 21 experiment
results. The corresponding second-order model is repre-
sented by the following equation:

ŷ = 56.305− 2.872X1 + 23.227X2

+ 7.508X3 − 2.454X2
1 − 6.908X2

2

− 10.203X2
3 − 4.502X1X2 − 2.570X1X3

+ 1.180X2X3.

(6)

3.4. Interpretation of the Response Surface Model. The
relationship between the response and the experimental
variables can be illustrated graphically by plotting three-
dimensional response surface plots and the two-dimensional
isoresponse curves (Figures 2 to 4). In these plots, the factor

not represented by the two axes was fixed at its 0 coded level.
Such plots are helpful in studying the effects of the variation
of the factors in the domain studied and consequently, in
determining the optimal experimental conditions [25, 26].

Figure 2 shows the effect of enzyme concentration (X1)
and mediator concentration (X2) on SR decolorization
yield at 12 h 30 minutes (X3 = 0). It clearly shows
that the decolorization yield increases with the mediator
concentration. However, in the presence of a large amount
of mediator (>16.5 μM), the enzyme concentration exhibits
a negative effect on the decolorization yield. At 12 h 30
minutes, the decolorization yield can reach 70 to 80% (blue
coloured area) when we use a mediator concentration in the
range of 20–30 μM and enzyme concentration lower than
2 U/mL. Wong and Yu [31] also reported that the efficiency
of laccase-mediator systems in the decolorization reaction
depended principally on the mediator concentrations and
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Table 4: Validation of the model with the check points.

Run N◦ yi ŷi d = (yi − ŷi) t exp. Significance

18 51.590 48.122 3.468 0.741 N.S.

19 49.820 47.108 2.712 0.579 N.S.

20 65.240 63.216 2.024 0.432 N.S.

21 51.650 54.174 −2.524 −0.538 N.S.

yi: measured response value; ŷi: estimated response value; d: difference between measured and estimated response values; t exp.: student experimental value;
N.S.: non significant.
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Figure 2: Three-dimensional response surface and contour plots for the effect of enzyme and redox mediator concentrations at constant
incubation time (12.5 h) on the decolorization of SR.
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Figure 3: Three-dimensional response surface and contour plots for the effect of redox mediator concentration and incubation time at
constant enzyme concentration (1.5 U/mL) on the decolorization of SR.
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Figure 4: Three-dimensional response surface and contour plots for the effect of enzyme concentration and incubation time at constant
redox mediator concentration (16.5 μM) on the decolorization of SR.
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Figure 5: Three-dimensional response surface and contour plots for the effect of enzyme and redox mediator concentrations at constant
incubation time (14.5 h) on the decolorization of SR.

laccase activity used. The feasibility of the laccase-mediator
systems in biotransformation reactions depends on redox
reversibility of the radical-substrate reaction, as well as on the
balance between the stability and reactivity of the mediator
radical which, in addition, should not inhibit enzyme activity
[32].

The positive effect of mediator concentration was also
demonstrated in Figure 3. When the enzyme concentration
was fixed at 1.5 U/mL (X1 = 0), the increase of mediator
concentration and incubation time improved the SR decol-
orization yield. Experimentations conducted with a mediator
concentration more than 20 μM and incubation time in the
range of 10–25 h led to relatively high decolorization yields
(70–77%) as shown in Figure 3 (blue coloured area).

Figure 4 represents the effect of enzyme concentration
(X1) and incubation time (X3) on SR decolorization at
constant redox mediator concentration (16.5 μM). The con-
tour plots of Figure 4 also support the important role of
incubation time. Indeed, the decolorization yield increases
from 28 to 58% when the incubation time increases from
1 h to 13 h 30 minutes. High decolorization yields 58–60%
(blue coloured area) can be reached when using a relatively
low enzyme concentration (<1.5 U/mL) and an incubation
time in the range of 13 h 30 minutes–22 h.

The results presented above showed that the concentra-
tion of the AS phenolic mediator was the more relevant
factor for the SR decolorization. According to the relevant
literature, the action mechanism of phenolic mediators
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should be similar to that of –N (OH)– type mediators (like
HBT) [33]. After its oxidation by laccase to cation radical,
the small AS molecule, can transfer electrons between the
enzyme and the dye as a redox mediator and thus oxidizes
the nonsubstrate dye. The fact that F. fomentarius laccase is
able to decolorize the SR polyazo dye with AS as a mediator
makes it very interesting, since this phenolic mediator can be
easily obtained from natural substrates by organic extraction
or alkaline treatment. Also, the use of this natural mediator
may be a solution to the toxicity problem of the synthetic
mediators currently used for the textile effluent treatment
[8, 32].

3.5. Optimization. The selection of optimal conditions was
based on the determination of the experimental conditions
leading simultaneously to the maximization of the SR
decolorization and the minimization of the process cost.

As the SR decolorization yield can be maximized when
using an incubation time in the range of 10 h–25 h (Figure 3)
and 13 h 30 minutes–22 h (Figure 4), we fixed the incubation
time at a relatively low level (14 h 30 minutes) in order to
lower the process cost, and we ploted enzyme versus redox
mediator concentration (Figure 5) to look for the highest
decolorization yield.

Figure 5 shows that the optimal conditions are enzyme
concentration 0.8 U mL−1, mediator concentration 33 μM,
and reaction time 14 h 30 minutes. Under these conditions,
the expected value of the SR decolorization yield was ŷop =
80.70% ± 0.75. A supplementary experiment was carried
out under the selected optimal conditions. It led to an
experimental SR decolorization yield equal to 79.66%, which
was in close agreement with the predicted value. A similar
decolorization yield (81.12 %) was obtained when using the
purified laccase from F. fomentarius [20] under the optimal
conditions.

4. Conclusion

This work revealed that the response surface methodology
was a useful tool to determine the optimal experimental
conditions for the decolorization of the commercially avail-
able textile polyazo dye, solophenyl red (SR). The presence
of a natural mediator, acetosyringone (AS), was essential
for the decolorization of RB-5 by F. fomentarius laccase.
The concentration of the AS proved to be the principal
factor that affected the yield of the dye decolorization.
The selected optimal conditions (enzyme concentration
0.8 U mL−1, mediator concentration 33 μM, and time 14 h
30 minutes) were checked and confirmed by supplementary
experiments using partially and purified F. fomentarius
laccases. The experimental response value obtained with
partially purified laccase (79.66%) was found to be in
good agreement with the predicted one (80.70%). Similar
decolorization yield (81.12%) was obtained when using
the purified laccase from F. fomentarius under the optimal
conditions.

From a standpoint of a real case application, the results
showed that laccase-AS system proved to be efficient for

solutions of dyes currently used in textile industries. Further
pilot scale studies are required with this biocatalytic process
for actual industrial applications, and detailed study is
needed to explore the mechanism involved.
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Three Bacillus species (B. subtilis LFB-FIOCRUZ 1270, B. subtilis LFB-FIOCRUZ 1273, and B. licheniformis LFB-FIOCRUZ 1274),
isolated from the poultry industry, were evaluated for keratinase production using feathers or feather meal as the sole carbon and
nitrogen sources in a submerged fermentation. The three Bacillus spp. produced extracellular keratinases and peptidases after 7
days. Feather meal was the best substrate for keratinase and peptidase production in B. subtilis 1273, with 412 U/mL and 463 U/ml.
The three strains were able to degrade feather meal (62–75%) and feather (40–95%) producing 3.9–4.4 mg/ml of soluble protein
in feather meal medium and 1.9–3.3 mg/ml when feather medium was used. The three strains produced serine peptidases with
keratinase and gelatinase activity. B. subtilis 1273 was the strain which exhibited the highest enzymatic activity.

1. Introduction

Feather waste is a byproduct of the domestic poultry industry
and is 90% keratin [1, 2]. However, the use of feather waste
as a dietary protein supplement for animal feedstuffs is only
carried out on a limited basis, due to its poor digestibility [3].
Keratin is an insoluble protein and is resistant to degradation
by common peptidases, such as trypsin, pepsin, and papain
[4, 5]. This resistance is due to the constituent amino
acid composition and configuration that provide structural
rigidity. The mechanical stability of keratin and its resistance
to biochemical degradation depend on the tightly packed
protein chains in α-helix (α-keratin) and β-sheet (β-keratin)
structures. In addition, these structures are cross-linking by
disulfide bridges in cystines residues [3, 4, 6].

A current value-added use for feathers is the conversion
to feather meal using physical and chemical treatments.

However these methods can destroy certain heat-sensitive
amino acids, such as methionine, lysine, and tryptophan,
generating other nonnutritive amino acids, for instance,
lanthionine and lysinoalanine [7].

An alternative and attractive method for improving
the digestibility of feathers or feather meal is biodegra-
dation by keratinolytic microorganisms [8, 9]. A number
of keratinolytic microorganisms can produce keratinases
(E.C. 3.4.99.11), peptidases which are capable of degrading
keratin. Various authors have reported that, among the
keratinolytic microorganisms, some species of Bacillus [10–
12], actinomycetes [9, 13, 14], and fungi [15–17] are able to
produce these keratinases and peptidases.

Biodegradation of poultry waste by keratinases is an
environment friendly biotechnological process, which con-
verts this abundant waste into low-cost, nutrient-rich animal
feed [18, 19]. Keratinolytic enzymes have applications in
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the detergent, medical, cosmetic, and leather industries; they
can also be used in prion degradation and as pesticides
[11, 20, 21].

In the present work, the production of keratinases and
peptidases by three Bacillus species isolated from poultry
waste was investigated. Considering that the presence of
keratinous substrates usually induces keratinase production,
the main aim of the study was to compare the influence of
feather or feather meal on the production of keratinolytic
enzymes by three Bacillus spp.

2. Materials and Methods

2.1. Isolation, Selection, and Maintenance Procedures. Poultry
residues, including feathers, feather meal, and other mate-
rials, obtained from a poultry industry (Rica Alimentos,
Brazil), were added at 1% to modified Sabouraud (glucose
2.0%, peptone 1.0%, yeast extract 0.5%) or yeast extract-
peptone-sucrose (yeast extract 0.5%, peptone 0.5%, KCl
2.0%, sucrose 2.0%) liquid media. After 48 hours at 28◦C,
a loopful of the growing microorganism was streaked on
the same solid media above containing agar (2.0%) and
incubated for 72 hours at 28◦C. The isolated colonies were
inoculated for 28 days at 28◦C in tubes containing saline
(NaCl 0.85%) and a single feather. The microorganisms
which were able to grow in these conditions were transferred
to yeast extract-peptone-sucrose solid medium slants, culti-
vated for 48 hours at 28◦C and then maintained at 4◦C.

2.2. Bacillus sp. Identification. The microorganisms were
identified at the Bacterial Physiology Laboratory, Bacte-
riology Department, Fundação Oswaldo Cruz, Brazil, by
Jeane Quintanilha and Dr. Leon Rabinovitch, based on cell
morphology, physiological characteristics, and biochemical
analysis. They were deposited at the Coleção de Culturas
do Gênero Bacillus e Gêneros Correlatos, CCGB (which is
affiliated to the World Federation of Culture Collections)
located at the Oswaldo Cruz Foundation, Brazil.

2.3. Inoculum Preparation. Erlenmeyer flasks (125 mL) con-
taining 25 ml of yeast extract-peptone liquid media were
inoculated with a loopful of each strain and incubated at
26 ± 1◦C and 300 rev/min for 72 hours. After centrifugation
(2000 g/20min at 26◦C) and washing twice with saline, each
pellet was further used.

2.4. Keratin Substrate. Chicken feathers obtained from poul-
try waste were washed extensively with water, and anionic
detergent, dried at 60◦C overnight, delipidated with chloro-
form: methanol (1 : 1, v/v), and dried again at 60◦C. Feather
meal was provided by Rica Alimentos industry.

The keratin for analytical analyses was obtained by the
method described by Wawrzkiewicz et al. [22] modified.
Briefly, 10g of feathers were heated with a reflux condenser
at 100◦C for 80–120 min with 500 mL of DMSO. Keratin
was then precipitated by the addition of two volumes
of acetone and maintained at 4◦C for 24–48 hours. The
keratin precipitates were collected by centrifugation (2x
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Figure 1: Proteolytic and keratinolytic activity of B. subtilis 1270,
B. subtilis 1273, and B. licheniformis 1274 after being grown (7 days
at 28◦C) in feathers or feather meal media.
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Figure 2: Substrate degradation by B. subtilis1270, B. licheniformis
1274, and B. cereus1274 after 7 days of cultivation at 28◦C in feathers
or feather meal media.
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Figure 3: Protein concentration in culture supernatant of B. subtilis
1273, B. licheniformis 1274, and B. cereus 1268 grown in feathers and
feather meals media at 28◦C for 7 days.
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Figure 4: Gelatin (a) and keratin (b) zymogram analysis of extracellular peptidases from B. subtilis 1270, B. subtilis 1273, B. licheniformis
1274 grown in feather (F) or feather meal medium (FM). Gel strips containing concentrated culture supernatant were incubated for 48 h at
37◦C in citric acid buffer pH 5.0. The approximate molecular mass of the peptidases is shown on the left.
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Figure 5: Cleavage of keratin substrate by extracellular peptidase activities of Bacillus sp. analysed by SDS-PAGE. K keratin; 1: supernatant
control; 2: reaction mixture containing keratin and enzymatic extract before incubation; 3: reaction mixture after 1 hour of incubation at
37◦C. Numbers on the left indicate relative molecular mass markers (kDa). Phosphorylase b (94 kDa), bovine serum albumin (67 kDa),
ovalbumin (43 kDa), carbonic anhydrase (30 kDa), soybean trypsin inhibitor (20.1 kDa), and α-lactalbumin (14.4 kDa) were used as
molecular mass standards.

2000 g/15 min), washed twice with distilled water and dried
at 4◦C. The white powder obtained correspond to the keratin
substrate [11].

2.5. Keratinase Production. Fermentations were carried out
by seeding the inoculum preparation (item 2.3) into Erlen-
meyer flasks (250 mL) containing a liquid medium (100 mL)
composed of a mineral salt solution (Na2HPO4.7H2O 0.06M
72 mL, KH2PO4 0.06M 28 mL, pH 7.2), 0.01% yeast extract
and two substrates as the main carbon and nitrogen source:
feathers or feather meal at 1%. After incubation for 7 days
at 26 ± 1◦C under shake conditions (300 rpm) the media
were centrifuged (2000 g/20 min). The supernatant was the
source of enzymatic extract and was used for keratinase
and gelatinase activity assays and in the zymographic and
enzymographic analysis. For electrophoresis experiments
supernatants were concentrated twenty times in dialyzing
membranes (cut off 9000 Da) against polyethylene glycol
4000, overnight at 4◦C.

2.6. Feather and Feather Meal Degradation. The percentage
of substrate degradation was measured by weight loss. The

feathers and feather meal still present in medium after the
cultivation period were filtered through Whatman n◦1 filter
paper, thoroughly washed, with 70% alcohol, oven dried at
60◦C for 48 hours, and finally weighed to determine weight-
loss.

2.7. Enzymatic Activity. Keratinase activity was measured
according to Grzywnowicz et al. [23]. The reaction mixture
contained 1.0 mL of the culture supernatant diluted five
times and 1.5 mL of 0.67% (w/v) keratin suspension in
phosphate buffer 0.1 M, pH 7.4. After 1 hour of incubation
at 37◦C the reaction was interrupted by the addition of
1ml trichloroacetic acid 10% and placed in a refrigerator
at 4◦C for 30 minutes. An enzyme control was prepared by
the addition of 1ml trichloroacetic before incubation. The
reaction mixture was centrifuged (2000 g/10 min) and read
at 280 nm in a spectrophotometer. One unit of keratinase
activity was defined as the amount of enzyme required to
produce an absorbance increase of 0.01 under the described
assay conditions.

Gelatinase activity was measured in systems containing
100 μL culture supernatant, 400 μL phosphate buffer 0.1 M
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Figure 6: Effect of proteolytic inhibitors on the extracellular gelatinases (a) and keratinases (b) of Bacillus sp. grown in feather medium
for 7 days at 28◦C. Gel strips containing concentrated culture supernatant were incubated for 48 h at 37◦C in proteolysis buffer (0.1 M
citric acid buffer pH 5.0) in the absence (control) or in the presence of different proteolytic inhibitors: 3 mmoL l−1 phenylmethylsulfonyl
fluoride (PMSF), 0.26 mmoL l−1ethylenediaminetetraacetic acid (EDTA), 10 mmoL l−1 1,10 phenanthroline (Phenan), 10 μmoL l−1 pepstatin
A (Peps), and 5 μmoL l−1 M transepoxysuccinyl L-leucylamido-(4-guanidino) butane (E-64).

pH 7.4, and 750 μL gelatin 1%. After incubation at 37◦C for
30 minutes, 375 μL of this solution was mixed with 500 μL
isopropanol, refrigerated at 4◦C for 15 minutes, centrifuged
(2000 g/15 min), and 100 μL of the supernatant was used to
measured the amount of protein by the Lowry method [24,
25]. One unit of gelatinase activity was defined as the amount
of enzyme required to produce 1 μg of peptides under the
described assay conditions.

2.8. Protein Content. This was determined in the culture
supernatants according to Lowry et al. [25], using albumin
bovine serum as the standard. Readings were carried out in a
spectrophotometer at 660 nm.

2.9. Enzymography. Keratin degradation was evaluated by
adding 20 μL of the concentrated supernatant (containing
5 μg proteins) to 5 μg keratin and 20 μL of distilled water.
The reaction mixture was incubated for 1 hour at 37◦C.
The presence of keratin and other proteinaceous material
was detected by SDS-PAGE. After incubation, the reaction
mixture was diluted in 40 μL sample buffer (Tris-HCl 0.15 M
pH 6.8, SDS 0.5%, glycerol 10.8% v/v, 3% 2-mercaptoetanol
and bromophenol blue 0.1%), heated at 100◦C for 5 minutes,
and then 30 μL was applied to 15% polyacrylamide gel [26].
Runs were performed at 170 V for 2.5 hours at 26◦C. The gels
were stained with Coomassie Brilliant Blue R250 (5 mL stock
solution of coomassie blue 2% w/v; 4 mL acetic acid; 20 mL
methanol and 11 mL distilled water) overnight. Then the gels

were decolorized with a methanol: acetic acid: water solution
(50 : 10 : 40 v/v/v) under agitation (70 rpm), until the bands
appeared.

2.10. Zymograms. The concentrated culture supernatant was
mixed with the peptidase sample buffer [Tris-HCl 0.32 M,
pH 6.8; glycerol 48% (v/v); SDS 8% (w/v) and bromophenol
blue 0.06% (w/v)] in a 6 : 4 proportion. Samples were applied
to 12.5% polyacrylamide gel (staking gel 5%) containing
0.1% (w/v) gelatin or keratin copolymerized [26, 27]. Runs
were performed at 170 V for 2.5 hours at 4◦C. After the
runs the gels were washed twice with Triton-X 2.5% (v/v)
for 15 minutes under agitation (70 rpm) to remove SDS
and then incubated for 48 hours at 37◦C in citric acid
buffer (48.5 mL citric acid 0.1 M and 51.5 mL Na2HPO4

0.2 M), pH 5.0. For proteolytic detection the gels were
incubated in coomassie blue as described above, overnight,
and decolorized with methanol: acetic acid: water (50 : 10 : 40
v/v/v), under agitation, until clearing of the degrading
bands.

2.11. Effect of Inhibitors on Peptidase and keratinase Activity.
The concentrated culture supernatants were submitted to
zymography, as described above, with gelatin or keratin
as substrates copolymerized. The gels were incubated for
48 h in proteolysis buffer (0.1 M citric acid buffer pH 5.0)
containing 3 mM phenylmethylsulfonyl fluoride (PMSF),
0.26 mM ethylenediaminetetraacetic acid (EDTA), 10 mM1
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1,10 phenanthroline, 10 μM pepstatin A, and 5 μM trans-
epoxysuccinyl l-leucylamido-(4-guanidino) butane (E-64).

3. Results and Discussion

3.1. Isolation, Selection, and Characterization of Keratinolytic
Bacillus sp. Seventeen different keratinolytic microorgan-
isms were isolated from poultry waste in decomposition.
After cultivation in minimal medium with feather as the
sole carbon and nitrogen source, three isolates, presenting a
pronounced growth and feather degradation, were selected
and identified as Bacillus subtilis LFB-FIOCRUZ 1270, B.
subtilis LFB-FIOCRUZ 1273, and B. licheniformis LFB-
FIOCRUZ 1274 and deposited in culture collection of
Fundação Oswaldo Cruz (Coleção de Culturas do Gênero
Bacillus e Gêneros Correlatos—FIOCRUZ), in Brazil.

3.2. Influence of Keratin Substrate on Keratinase and Peptidase
Production. Extracellular keratinase and peptidases were
obtained after growth of the Bacillus sp. on the culture
medium containing feathers or feather meal as the sole
carbon and nitrogen sources. Both keratin substrates present
low digestibility however they could be an important protein
source for animal feed after enzymatic hydrolysis of keratin
[28]. The three microorganisms were able to produce
keratinases and peptidases after 7 days of fermentation.
Feather meal was the best substrate for keratinase production
with B. subtilis 1270. No significant difference was observed
in the keratinolytic activity when B. licheniformis 1274 was
cultivated in feather or feather meal media. B. subtilis 1273
presented the highest level of keratinase and peptidase activ-
ity with 319 U/mL of keratinases in feathers and 412 U/mL
in feather meal and 450 U/mL of peptidases in feather meal
(Figure 1). Peptidase production using feathers was the same
for the three Bacillus (around 200 U/mL) (Figure 1).

There are only a few studies that have used feather meal
as a substrate for microbial fermentation, and according to
the results obtained this substrate is a keratin-rich substrate
supporting microbial growth in culture medium [2, 29, 30].
Additionally the percentage of degradation of feather, or
feather meal by the three stains, was evaluated. B. subtilis
1273 degraded 70% and 95% of feather meal and feather,
respectively (Figure 2). B. subtilis 1273 supernatant presented
the highest peptidase and keratinase activity with feather
meal with 463 U/mL and 412 U/mL, respectively. Protein
content was highest with feather meal (3.9–4.4 mg/mL).
With feathers, 1.9–3.3 mg/mL were obtained for all Bacillus
sp. (Figure 3).

Son et al. [31] investigated the keratinase production
and keratin degradation by B. pumilus F3-4 after 7 days
of incubation with different keratin substrates. Feather
meal was the most degraded (97%) and induced higher
keratinase activity. The ability of a microorganism to degrade
keratin and the resulting levels of keratinase produced vary
according to the specie, chemical composition, the molecular
structure of keratin substrates, and the culture conditions
[31, 32].

3.3. Gelatin and Keratin Zymograms. All Bacillus sp. showed
major peptidases migrating at 13.8 to 140 kDa. The differ-
ences observed were quantitative (Figure 4(a)). Keratinases
were detected in a range of 45–80 kDa in B. subtilis 1270,
15–100 kDa in B. subtilis 1273, and 63–140 kDa in B.
licheniformis 1274 (Figure 4). B. licheniformis 1274 in feathers
or feather meal presented the lowest keratinases activity
(Figure 4(b)).

Keratinases with molecular masses ranging from 15 to
240 kDa have been reported [33]; however the majority
of keratinases presented molecular masses varying from 20
to 50 kDa [34]. Our group previously showed multiple
peptidases and keratinase (15–200 kDa) by other Bacillus sp.
[11, 27].

Extracellular keratinases of other Bacillus such as B.
subtilis strain KS-1, B. pseudofirmus strain FA30-01, B.
pumilus, and B. cereus have been described secreting single
polypeptides with a molecular mass of 25.4, 27, 65, and 45
kDa, respectively [8, 10, 12, 35].

Enzymographic analysis using keratin substrate
(Figure 5) demonstrated that the enzymatic extract obtained
from the Bacillus was able to hydrolyze keratin. Protein
bands with a molecular mass of 10 kDa corresponding to
feather keratin were detected in SDS-PAGE after incubation
with the enzymatic extract.

3.4. Determination of Peptidase and Keratinase Classes. Inhi-
bition tests demonstrated that all peptidases including ker-
atinases are serine peptidases (Figure 6). Most of keratinases
described, particularly those produced by Bacillus, are serine
peptidase, and some of them belong to the subtilisin family
[36]. Keratinases of B. cereus and B. pseudofirmus FA30-01,
and B. pumilus were completely inhibited by PMSF [3, 10,
35]. In the Bacillus genus a secreted metallopeptidase has
been described by Werlang and Brandelli [37].

4. Conclusions

In this work we described the isolation and identification of
three new keratinolytic Bacillus sp. Feather and feather meal
were used in a submerged fermentation in order to obtain
the peptidases. It is interesting to note that the occurrence
of peptidases was more prominent in the presence of feather
meal. These results showed the potential of feather meal
as a substrate for microbial fermentation. Microorganisms
isolated in this study present potential for biotechnological
uses. The B. subtilis 1273 was the most efficient in keratin
degradation. Its enzymes could be used as additives in animal
feed to improve feather meal digestibility.
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Laccase from Coriolopsis Polyzona was insolubilized as cross-linked enzyme aggregates (CLEAs) for the first time with chitosan
as the cross-linking agent. Concentrations between 0.01 and 1.867 g/L of chitosan were used and between 0.05 and 600 mM
of 1-ethyl-3-(3-dimethylaminopropyl)carbodiimide hydrochloride. The laccase was precipitated using ammonium sulphate and
cross-linked simultaneously. Specific activity and thermal stability of these biocatalysts were measured. Activities of up to 737 U/g
were obtained when 2,2-azino-bis-(3-ethylbenzthiazoline-6-sulfonic acid) (ABTS) was used as a substrate. Moreover, the stability
of these biocatalysts was improved with regards to thermal degradation compared to free laccase when exposed to denaturing
conditions of high temperature and low pH. The CLEAs stability against chemical denaturants was also tested but no significant
improvement was detected. The total amount of ABTS to be oxidized during thermal degradation by CLEAs and free laccase was
calculated and the insolubilized enzymes were reported to oxidize more substrate than free laccase. The formation conditions were
analyzed by response surface methodology in order to determine an optimal environment for the production of efficient laccase-
based CLEAs using chitosan as the cross-linking agent. After 24 hours of formation at pH 3 and at 4◦C without agitation, the
CLEAs exhibit the best specific activity.

1. Introduction

There is growing interest in the use of enzymes in industrial
bioprocesses dedicated to bioremediation purposes [1, 2].
Over the last years, laccases (polyphenoloxidase, EC 1.10.3.2)
have gained attention due to their ability to convert a
wide range of pollutants present in different environmental
matrices [2–6]. Laccases are produced by fungi, higher
plants, bacteria, and insects. These multicopper oxidases
catalyze the oxidation of various phenol-like compounds,
aromatic amines, and some inorganic compounds. They
have received a growing attention due to their intrinsic
properties such as relatively low substrate specificity, stability,
and the simple and inexpensive culture media that could be
used to produce them [7].

However, two major obstacles hamper the use of laccases
in industrial bioprocesses: (1) their sensitivity to various

environmental denaturants such as salts, solvents, and
proteolytic enzymes [8] and (2) the difficulty of retaining
the enzyme in a continuous flow bioreactor. These obstacles
make the use of laccases a costly alternative to conventional
environmental remediation alternatives.

In the interest of enhancing the industrial applicability
of laccase, including the improvement of its stability and its
repeated utilization, substantial efforts have been made to
immobilize this enzyme with or without a solid support [9].
A well-known strategy to immobilize enzyme is to bind them
covalently or through ionic interactions to a solid support
or by trapping them in a matrix made of (bio)polymer
[10]. These methods produce stable and reusable biocatalysts
but can reduce considerably their specific activity [11].
The formation of cross-linked enzyme aggregates (CLEAs)
can overcome this drawback. Insolubilization of enzyme as
CLEAs is a simple technique to produce a biocatalyst with
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high enzyme activity per unit volume. Since it does not use
a support to insolubilize the enzyme, it increases the specific
activity of the biocatalyst formed [10]. An industrial process
using CLEAs can make use of them in smaller reactors than
the enzymes immobilized on a solid support.

CLEAs of laccase secreted by the white rot fungus (WRF)
Coriolopsis polyzona have been prepared by Cabana et al. [5]
using glutaraldehyde (GLU) as the cross-linking agent. These
CLEAs have shown high enzyme activity and higher stability
than free laccase against physical, chemical, and biological
denaturants and good kinetics of reaction. These biocatalysts
have been successfully used for the continuous treatment of
water contaminated by the endocrine disrupting chemicals
bisphenol A, nonylphenol, and triclosan [11]. In addition,
Matijošyte et al. [12] have produced CLEAs with laccases
from the WRF Trametes versicolor, Trametes villosa, and
Agaricus bisporus. Their laccase CLEAs have also shown
higher stability than the free enzymes and have been used
in a laccase/mediator system for the successful oxidation of
C5–C10 aliphatic alcohols.

The formation of CLEAs requires the use of a cross-
linking agent. Generally, GLU is chosen for this purpose
due to its low cost, ease of manipulation, and its ability to
generate covalent bonds with most enzymes [10]. Even if this
chemical is used in several applications, it presents adverse
effects on the aquatic environment and on the health of the
workers [13, 14]. GLU is suspected of reducing the hatching
rate of some aquatic species eggs [14, 15]. It also has many
effects on human health: it can provoke asthma, eczema, and
respiratory tract and skin irritation [13]. The utilization of
GLU for the formation of CLEAs dedicated to environmental
applications can pose a problem because this cross-linking
agent can potentially leach from the biocatalysts to the
receiving environment where it can cause adverse effects to
the aquatic ecosystems. To overcome this potential issue,
an alternative must be found to cross-link the aggregated
enzymes destined for environmental processes.

The renewable biopolymer chitosan represents an attrac-
tive candidate for the cross-linking of the enzyme aggregates.
Chitosan is obtained from the deacetylation of the naturally
occurring polymer chitin. The use of this biopolymer is
favored by: (1) its high amino group content which favors
link formation with enzymes, (2) its good mechanical
strength and its resistance to chemical degradation, and
(3) its biocompatibility and biodegradability [16]. Fur-
thermore, its production is of low cost and ecologically
interesting. The amino groups present on its chain can
react with activated carboxylic group present in nonessential
amino acid of the enzyme and form amide bonds [17].
Moreover, one molecule of chitosan can react with more
than one carboxylic group and therefore more than one
enzyme since it has many amino groups on its chain.
This way, laccase aggregates can be covalently attached and
permanently insolubilized. The activation of the carboxylic
group is done through carbodiimide chemistry. 1-ethyl-3-(3-
dimethylaminopropyl)carbodiimide hydrochloride (EDAC)
is perhaps one of the most popular chemicals used for the
binding of an enzyme to chitosan. Some investigations have
used this strategy for the conjugation of free laccases to

chitosan [18, 19]. However, the objective of this study is to
use chitosan and EDAC as a cross-linking complex rather
than a binding support.

The first objective of this study was to produce CLEAs
of laccase from the WRF C. polyzona by using chitosan as
the cross-linking agent and characterize them. The second
objective was to determine the effects of the conditions of
formation (pH, temperature, reaction time, and shaking
speed) on the characteristics of the CLEAs produced by this
new approach.

2. Materials and Methods

2.1. Materials. The WRF strain C. polyzona (MUCL 38443)
was provided by the Belgian Coordinated Collections of
Microorganisms (BCCM/MUCL). Cellulose membranes for
dialysis came from Fisher Scientific (Pittsburgh, PA). All
other reactants used came from Sigma-Aldrich (St. Louis,
MO) and were of analytical grade or the highest grade
available.

2.2. Laccase Production. The inoculum was grown in a
rotary shaker at 150 rpm and 27◦C in 250-mL Erlenmeyers
containing 100 mL of standard medium: 10 g/L glucose,
2 g/L NH4NO3, 0.8 g/L KH2PO4, 0.4 g/L Na2HPO4, 0.5 g/L
MgSO4·7H2O, 2 g/L yeast extract. The medium was adjusted
to pH 6.0 with 2 M NaOH prior to autoclaving. After 10
days of cultivation or after reaching a laccase activity over
2000 U/L in the broth, the biomass was filtered and the
supernatant was conserved. Enzymes were precipitated using
600 g/L ammonium sulphate. The resulting solution was
then centrifuged at 10000 ×g for 5 minutes, and the super-
natant was removed. The precipitation steps were repeated
until no laccase activity was detected in the supernatant.
The precipitates were solubilized in deionized water. The
resulting preparation was dialyzed against distilled water
using a regenerated cellulose membrane with a molecular
cut-off of 13 kDa and then used as the source of laccase.

2.3. Enzyme Assay. Laccase activity was determined by moni-
toring the oxidation of 2,2-azino-bis-(3-ethylbenzthiazoline-
6-sulfonic acid) (ABTS) to its radical cation (ABTS•+) [20].
The assay mixture contained 0.5 mM ABTS. The pH was
adjusted to 3 using 60 mM citric acid/disodium hydrogen
phosphate buffer at room temperature. One unit of activity
was defined as the amount of enzyme forming 1 mmol of
ABTS•+ per min.

2.4. Chitosan Solution Preparation. Chitosan (mean molecu-
lar weight of 750 kDa and 64% deacetylated) was solubilized
in HCl (0.1 M) solution to a final concentration of 5 g/L. The
solution was shaken in a sonification bath during one hour.

2.5. CLEAs Production. CLEAs were prepared by simulta-
neously aggregating and cross-linking the laccases [5]. In
10 mL of solution, 550 g/L of ammonium sulphate, 10 units
of laccase, chitosan and EDAC were added to a 500 mM
phosphate buffer at pH 5. This reaction solution was stored
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Table 1: Chitosan and EDAC concentrations tested for the opti-
mization of the CLEAs formation at 4◦C during 48 hours.

Experimental
design type

Sample names
Chitosan

concentration
(g/L)

EDAC
concentration

(mM)

32

CLEA-0.2-200 0.2 200

CLEA-0.2-400 0.2 400

CLEA-0.2-600 0.2 600

CLEA-0.6-200 0.6 200

CLEA-0.6-400 0.6 400

CLEA-0.6-600 0.6 600

CLEA-1.0-200 1.0 200

CLEA-1.0-400 1.0 400

CLEA-1.0-600 1.0 600

Modified
Central
Composite

CLEA-0.5-1 0.5 1

CLEA-0.5-100 0.5 100

CLEA-1.5-1 1.5 1

CLEA-1.5-100 1.5 100

CLEA-1.0-0.05 1.0 0.05

CLEA-1.0-50.5 1.0 50.5

CLEA-1.0-136 1.0 136

CLEA-0.134-50.5 0.134 50.5

CLEA-1.867-50.5 1.867 50.5

at 4◦C for 48 h. These formation conditions were used unless
other conditions are cited. Subsequently, the solution was
centrifuged at 10000 ×g for 5 minutes. The supernatant
was discarded, and the precipitate was washed with 3 mL of
50 mM acetate buffer at pH 6.5 and centrifuged at 10000 ×g
for 5 minutes. The washing and centrifugation steps were
then repeated with deionised water until no laccase activity
was detected in the supernatant. The washed precipitate
was then suspended in 5 mL of deionised water. The CLEAs
samples were identified as follows: CLEA-concentration of
chitosan (in g/L), concentration of EDAC (in mM) (e.g.,
CLEA-1.0-200 for CLEA prepared with 1,0 g/L of chitosan
and 200 mM of EDAC).

2.5.1. Concentrations Optimization. The impact of chitosan
and EDAC concentrations on the performances of CLEAs
was tested in two experimental designs. The concentrations
used in these experiments are shown in Table 1. The center
composite design was modified to have positive values of
EDAC concentrations. The specific activity, the thermal
stability, the half-life under thermal degradation, and the
total amount of ABTS oxidized by the prepared CLEAs were
evaluated. Design-Expert 6.0 (Stat-Ease, Minneapolis, MN)
software was used to evaluate the influence of chitosan and
EDAC concentrations on these parameters.

2.5.2. Optimization of CLEAs Preparation Conditions. The
physical conditions of CLEAs formation were also optimized
to reach better specific activity and thermal stability. The
different conditions tested are shown in Table 2. The

Table 2: Conditions tested for the optimization of CLEAs charac-
teristics.

Condition Value

pH 3 and 5

Temperature 4, 20 and 30◦C

Agitation 0 and 150 RPM

Reaction time 8, 16 and 24 hours

concentrations of chitosan and EDAC were fixed at 1.87 g/L
and 50.5 mM, respectively. Each condition was tested twice
for a total of 72 samples. The specific activity and thermal
stability of each sample were measured twice each, and an
analysis of variance was conducted on the results with the
Stat-Ease software Design-Expert 6.0 (Minneapolis, MN).

2.6. CLEAs and Free Laccase Thermal Stability. The thermal
stability was determined by monitoring free laccase and
CLEAs activity through time when exposed to a temperature
of 40◦C and a pH of 3. CLEAs or laccase solution (400 μL)
was incubated in 400 μL of 50 mM citric acid/sodium phos-
phate buffer. Activity was measured twice and at different
moments during the degradation. The inactivation of free
laccase and CLEAs was modeled using the 3-parameter
phenomenological model proposed by Aymard and Belarbi
[21]. This biexponential model is expressed by

(A)t
(A)0

= C ∗ e−α∗t + (1− C)∗ e−β∗t . (1)

The ratio (A)t/(A)0 represents the enzyme activity
remaining after a time t (At) compared to initial activity
(A0). The physical meaning of the parameters and their
expressions as a function of individual rate constants differs
according to the mechanism considered. This expression can
be used irrespective of the thermal inactivation mechanism
involved [21].The values of the different parameters of this
model (C, alpha, and beta) were obtained by curve fitting of
the plot of the residual enzyme activity versus time using the
Sigma Plot 7.0 software (SPSS Inc., Chicago, IL).

2.7. Total Amount of ABTS Oxidized under Denaturing
Conditions. To consider both the initial activity of the
biocatalysts formed and their thermal stability, the total
amount of ABTS oxidized by the different biocatalysts under
the thermal denaturing conditions was calculated. To do so
the Aymard-Belarbi model was integrated to determine the
theoretical total amount of ABTS oxidized under the thermal
degradation conditions used:

Qt = (A)0 ∗
∫ (
C ∗ e−α∗t + (1− C)∗ e−β∗t

)
dt. (2)

The amount of ABTS oxidized (Qt (mmol)) was calcu-
lated on a 24-hour interval using the parameters C, alpha,
and beta obtained from the thermal degradation tests (see
Section 2.7) and the initial activity of the biocatalyst (A0).
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2.8. Enzyme Kinetics. Michaelis-Menten parameters of
CLEAs and free laccase were determined using ABTS as a
substrate at various concentrations (0.05, 0.1, 0.2, 0.4, 0.5,
0.75, 1.0, 1.5, and 2.0 mM). The activity with each substrate
concentration was determined twice. The parameter values
were obtained by curve fitting the plot of reaction rate versus
substrate concentrations using the Sigma Plot 7.0 software.

2.9. CLEAs and Free Laccase Stability to Chemicals Denat-
urants. The CLEAs and free laccase were also exposed
to chemicals to determine their stability against dena-
turing environments. Solutions of CaCl2 (10 μM), ZnCl2
(10 μM), ethylenediaminetetraacetic acid (EDTA) (10 μM),
NaN3 (30 μM), acetone (25% (v/v)), and methanol (25%
(v/v)) were prepared separately by dissolving the powders or
diluting the solvents in a 50 mM citric acid/phosphate buffer
at pH 3. CLEAs and free laccase duplicates (100 μL each) were
exposed to each of these chemicals (400 μL) separately for 4
hours.

The stability of CLEAs and free laccase has also been
tested after an exposition of 24 hours to an effluent of a
wastewater treatment plant (WWTP). The effluent was taken
from the Mont St-Grégoire (Québec, Canada) WWTP. As
for the stability against chemical denaturants test, 100 μL
of CLEAs or free laccase solution was mixed with 400 μL
of denaturing medium. The methods used to characterize
the wastewater samples were ICP-MS for total phosphorus
content [22], infrared spectroscopy for COD [22], gravi-
metric for suspended particles [22], spectrophotometry for
nitrogen-NH3 [22], HPLC for nitrites and nitrates [22], and
hexane extraction and gravimetric method for oils and grease
[22].

2.10. Scanning Electron Microscopy of CLEAs. Scanning
electron micrographs (SEMs) of CLEAs were obtained on
Hitachi S-4700 FESEM and S-3000N VPSEM (Tokyo, Japan)
electron microscopes. The samples were previously dried at
ambient temperature and then coated with platinum using
an Emitech K550 (Ashford, UK) sputter coater.

2.11. Particle Size of CLEAs. The size of the CLEAs was
measured by photon correlation spectroscopy (PCS) with a
ZetaPlus zeta potential analyzer (Brookhaven Instruments
Corporation, Holtsville, NY, USA). CLEAs suspension was
diluted in a 1 : 1 ratio with deionised water in 2 mL cuvettes
at 20◦C. Each CLEAs particle size was measured twice.

3. Results

3.1. Preliminary Screening. Table 3 shows the specific activ-
ities, the thermal stability, the half-life under thermal
degradation, and the total amount of ABTS oxidized by
CLEAs and free laccase. The specific activity of the CLEAs
prepared was between 16 and 737 U/g while the free laccase
used had a specific activity of 284 U/g.

Free laccase has a half-life of 19 hours while CLEA-
1.867-50.5 and CLEA-1.5-100 have half-life of 81 and 78

hours, respectively. CLEA-0.5-1, CLEA1.0-136, and CLEA-
0.6-400 all have a half-life under 2 hours. These half-lifes
were calculated by using the kinetics of thermal degradation
model proposed by Aymard and Belarbi [21].

In order to have a good basis to compare biocatalysts with
different initial activities and stability, the total amount of
ABTS theoretically oxidized during the thermal denaturation
of the biocatalysts for 24 hours was calculated. After a 24-
hour period of thermal denaturation, CLEA-1.5-100 and
CLEA-1.867-50.5 both oxidized more ABTS than free laccase.
CLEA-1.5-100 and CLEA-1.867-50.5, respectively, oxidize
1.103 mmol/U and 1.094 mmol/U of ABTS while free laccase
oxidizes only 0.787 mmol/U. CLEA-1.0-136 and CLEA-1.0-
50.5 have catalyzed a comparable number of reactions than
free laccase after 24 hours (resp., 0.539 and 0.565 mmol/U).

From this point, only the four samples that oxidized
the highest amount of ABTS in 24 h have been used to
characterize the CLEAs. These samples are CLEA-1.0-136,
CLEA-1.5-100, CLEA-1.867-50.5, and CLEA-1.0-50.5. They
were the most promising samples for the preparation of
efficient and stable biocatalysts dedicated to bioremediation
purposes.

3.2. Optimization of CLEAs Preparation Conditions. Table 4
presents the results of the analysis of variance (ANOVA)
performed on the results of specific activity for each of the
prepared samples.

The ANOVA performed show a significant effect of the
temperature and reaction time on the specific activity of the
CLEAs. Figures 1(a) and 1(b) show how these parameters
influence the specific activity of the CLEAs while Figure 1(c)
illustrates the interaction between the agitation and reaction
time.

The specific activity of CLEAs prepared at 30◦C is lower
than those prepared at 20◦C and 4◦C. The longer the cross-
linking reaction is, the more active the CLEAs will be. The
reaction has to last more than 16 hours though according to
Figure 1(b).

3.3. Michaelis-Menten Kinetic Parameters. Table 5 shows the
enzyme kinetic parameters for the oxidation of ABTS by
CLEAs and free laccase. They all follow Michaelis-Menten
kinetics according to the correlation factor obtained by the
curve-fitting analysis (results not shown).

CLEA-1.0-136 and CLEA-1.0-50.5 have a comparable
affinity for ABTS to free laccase according to the Michaelis-
Menten constant (Km). Free laccase has a Km of 0.082 mM,
and CLEA-1.0-136 and CLEA-1.0-50.5Km are, respectively,
0.083 and 0.101 mM. The same CLEAs have a higher
maximum rate of ABTS transformation than free laccase.
CLEA-1.0-136 and CLEA-1.0-50.5 have kcat of 30.760 and
5.295 μmol/s/mg, respectively, while free laccase has a kcat

of 2.694 μmol/s/mg. The biocatalytic efficiencies (kcat/Km) of
CLEAs are equivalent to free laccase except for CLEA-1.0-136
that has a kcat/Km 10 times higher than free laccase.

3.4. Stability against Chemical Denaturants. Figure 2 shows
the resistance to chemical degradation of free laccase and
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Table 3: Specific activity, thermal stability, and total amount of ABTS oxidized by all the prepared samples.

Sample
Specific
activity∗ (U/g)

Thermal
stability∗, a (%)

Aymard-Belarbi parameters
Half-life (h)

Amount of ABTS oxidized in 24 h
under denaturing conditions
(mmol/U)

C α β

CLEA-0.2-200 298 ± 44 7.9 ± 1.2 0,71 0,15 1,78 2.36 0.305

CLEA-0.2-400 65.3 ± 1.9 13.5 ± 0.4 0,12 −0,01 0,19 5.79 0.135

CLEA-0.2-600 42.9 ± 3.5 17.7 ± 1.4 0,38 0,04 0,77 2.79 0.101

CLEA-0.6-200 18.6 ± 3.5 81.5 ± 15.3 0,79 0,006 183166 44.2 0.178

CLEA-0.6-400 103 ± 21 31.4 ± 6.4 0,74 0,025 49,72 0.84 0.094

CLEA-0.6-600 133 ± 29 34.4 ± 7.5 1,04 0,04 7,65 18.7 0.172

CLEA-1.0-200 77.1 ± 0.3 47.6 ± 0.2 19,3 0,34 0,34 20.8 0.159

CLEA-1.0-400 14.7 ± 3.2 68.6 ± 14.9 1,32 0,13 0,125 62.3 0.301

CLEA-1.0-600 24.4 ± 0.2 22.3 ± 0.2 0,76 0,027 41,2 16.5 0.123

CLEA-0.5-1 35.6 ± 4.1 13.6 ± 7.9 0,32 0,03 1,27 1.51 0.379

CLEA-0.5-100 156 ± 6 38.5 ± 4.6 0,76 0,026 56,8 5.84 0.334

CLEA-1.5-1 69 ± 14 82.9 ± 17.3 0,80 0,006 34,8 7.00 0.259

CLEA-1.5-100 39.5 ± 1.9 118.5 ± 1.8 1,58 0,03 0,03 78.48 1.103

CLEA1.0-0.05 21.2 ± 6.6 85.5 ± 28.6 13,4 0,025 0,025 2.77 ND

CLEA-1.0-50.5 78.8 ± 9.9 60.0 ± 4.8 0,51 0,027 15048 7.54 0.565

CLEA-1.0-136 737 ± 24 68.8 ± 2.7 0,465 0,024 2,62 1.29 0.539

CLEA-0.134-50.5 186 ± 10 37.2 ± 3.2 0,413 0,005 0,117 11.9 ND

CLEA-1.867-50.5 16.0 ± 2.9 91.8 ± 2.5 1,58 0,0264 0,0259 81.1 1.094

Free laccase 284 ± 33 21.3 ± 2.5 0,433 0,0189 0,0997 19.7 0.787
∗

The values represent means of duplicate experiments for the specific activity and thermal stability ± standard deviation.
aResidual activity after 24 hours at 40◦C and pH 3.
ND: Not determined.

Table 4: Results of the analysis of variance (ANOVA) performed on the specific activities of the CLEA-1.867-50.5.

Source Sum of squares Degree of freedom Mean squares F Value P-value

Model 101.15 8 12.64 5.04 <0.0001

Agitation 5.21 1 5.21 2.07 0.1547

Temperature 27.36 2 13.68 5.45 0.0066

pH 7.09 1 7.09 2.82 0.0978

Reaction time 36.98 2 18.49 7.37 0.0013

Interaction Agitation/Reaction time 24.01 2 12.00 4.78 0.0116

Residues 158.07 63 2.51

Lack of Fit 86.03 27 3.19 1.59 0.0955

Pure error 72.03 36 2.00

Total 259.22 71

Table 5: Michaelis-Menten kinetic constants of laccase CLEAs for the oxidation of ABTSa.

Sample Km (mM) Kcat (μmol/s/mg) Kcat/Km (L·mg/s)

CLEA-1.0-136 0.083 ± 0,015 30.760 ± 0.900 0.369

CLEA-1.5-100 0.156 ± 0,026 2.524 ± 0.091 0.016

CLEA-1.867-50.5 0.259 ± 0,044 0.986 ± 0.046 0.004

CLEA-1.0-50.5 0.101 ± 0,027 5.295 ± 0.250 0.053

Free laccase 0.082 ± 0,010 2.694 ± 0.060 0.033
a
Results are mean of triplicate measures ± standard deviation.
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Figure 1: Influence of the temperature (a), the reaction time (b), and the interaction between agitation and reaction time (c) on the
specific activity of the CLEA-1.867-50.5. On graph (c): Reaction time of 8 hours (black square), 16 hours (red triangle), and 24 hours
(green diamond).

CLEAs to various chemical denaturants. The resistance of
CLEAs and free laccase to the chemical denaturants was
similar except for the sodium azide and the organic solvents.

When exposed to sodium azide, the residual activity of
CLEAs is slightly lower than free laccase but not significantly.
For the acetone, all CLEAs had a higher residual activity than
free laccase except CLEA-1.867-50.5. And for the methanol,
only CLEA-1.5-100 and CLEA-1.867-50.5 lost more apparent
activity than free laccase and the other CLEAs.

3.5. Stability against Wastewater Effluent. To confirm the
usability of our biocatalysts in a wastewater treatment
bioprocess, the stability of CLEAs and free laccase has been
determined by exposing the biocatalysts to a sample of
WWTP effluent for which the characteristics are shown in
Table 6.

The residual activities of free laccase and CLEAs after a
24-hour exposure to this wastewater effluent are shown in
Figure 3.
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Figure 2: Residual activity of free laccase and CLEAs after 4 hours
of incubation with various chemical denaturants at a pH of 3 and
20◦C. From left to right: CLEA-1.0-136 (dark gray), CLEA-1.5-100
(light gray), CLEA-1.867-50.5 (gray), CLEA-1.0-50.5 (black), and
free laccase (gray). Values represent means of triplicate results ±
standard deviation.
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Figure 3: Residual activity of free laccase and CLEAs after 24 hours
of incubation in a wastewater effluent collected from the WWTP of
Mont St-Grégoire (Qc, Canada).

Free laccase seems to be quite resistant to the wastewater
effluent chosen (67.2% residual activity) but CLEA-1.5-100
and CLEA-1.867-50.5 have a residual activity of 107.5% and
93.8%, respectively. The other two samples are less stable to
wastewater effluent than free laccase by 14% for CLEA-1.0-
50.5 and 22% for CLEA-1.0-136.

3.6. SEMs. Figure 4 shows the SEMs of chitosan (Figure 4(a))
and CLEA-1.0-50.5 (Figure 4(b)). The chitosan is more than
50 μm long according to Figure 4(a) while the laccase-based
CLEA is approximately 10 μm long (Figure 4(b)). The laccase
aggregates seem to be attached to the chitosan backbone. The
structure of the CLEA appears to be amorphous and relaxed
rather than compact and uniform.

3.7. Particle Size. The size of the CLEAs produced has been
determined by PCS, and the results are presented in Table 7.
The CLEA-1.5-100 and CLEA-1.0-136 are approximately

Table 6: Characteristics of the effluent taken at the Mont St-
Grégoire WWTP after the settling basin.

Type of contaminant Concentration

Total phosphorus (mg/L) 1.8

Dissolved COD (mg/L) 36

Particles in suspension (mg/L)∗ 820

Nitrogen-NH3 (mg-N/L) 0.61

Nitrites (mg-N-NO2/L) 2.53

Nitrates (mg-N-NO3/L) 8.12

Oils and greases (mg/L) 24.1
∗

Before using this sample, it has been filtrated through a 0.02 μm filter so we
assume there are no particles in suspension left.

35% smaller than CLEAs-1.867-50.5 and CLEA-1.0-50.5.
The standard deviation is between 800 and 1200 nm.

4. Discussion

It is important to determine good reaction conditions to pro-
duce efficient biocatalysts due to the possible denaturation
of the enzyme or mass transfer limitations associated with
the cross-linking agent [23]. The activator EDAC is known
to react with carboxylic acids, like aspartic acid or glutamic
acid found in laccase, to form O-acylisourea intermediates.
These active intermediates can then react with a nucleophilic
species such as a primary amine to form an amide bond
[24]. In the present case, the primary amine is found in
chitosan but also in the amino acid lysine present in laccase.
A high concentration of the activator can reduce CLEAs
activity according to the specific activities of CLEAs prepared
with 200 mM or more of EDAC. Bindhu and Abraham
[25] observed the same phenomenon when immobilizing
horseradish peroxidase on chitosan. It is probably caused by
the nonspecific activation of carboxyl groups provoking a
perturbation in the tridimensional structure of the enzyme.
Activity reduction is also observed when the amount of
chitosan used is higher than 1.0 g/L. The dilution of laccase
concentration by chitosan or a steric hindrance phenomena
caused by the addition of the biopolymer can explain the
loss of specific activity. The tridimensional structure of the
CLEAs could also limit the diffusion of the substrate to the
catalytic site therefore reducing the specific activity [26].
The specific activities of chitosan-based CLEAs obtained are
lower than the specific activity of free laccase except for
CLEA-1.0-136 and CLEA-0.2-200. D’Annibale et al. [26]
used chitosan to immobilize laccase with GLU, and the
biocatalysts retained 45% of the initial activity (specific
activity of immobilized enzyme divided by the specific
activity of free enzyme). Zhang et al. [23] produced laccase-
chitosan biocatalysts that retained 52.2% of initial activity.
The laccase-chitosan CLEAs retained up to 259% of initial
specific activity. Considering that chitosan can account for an
important mass in the biocatalyst, the retention of activity of
259% can indicate a hyperactivation of laccase when attached
to chitosan [27]. Laccase attached to chitosan by Cabana et al.
[27] also exhibited a hyperactivation of 265%.
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SE WD25.3 mm 3.00 kV ×1.0 k 50 µm

(a)

SE(U)3.0 mm3.0 kV ×5.00 k 10.0 µm

(b)

Figure 4: SEMs of (a) chitosan and (b) CLEA-1.0-50.5.

Table 7: Particle sizes of CLEAs as determined by PCS.

CLEA-1.5-100 CLEA-1.0-136 CLEA-1.867-50.5 CLEA-1.0-50.5

Average (nm) 1694.3 1716.5 2313.7 2308.6

Standard deviation (nm) 900.9 835.9 1171.6 860.3

An important factor to consider for specific activity
optimization is the temperature of the formation of the
CLEAs. The CLEAs prepared at 4◦C had the highest activity,
comparable to those prepared at 20◦C. The CLEAs formed
at 30◦C however are less active. It is probably because the
laccase was thermally degraded therefore yielding less active
CLEAs. The optimal reaction time seems to be at 24 hours,
but longer times have not yet been tested. Higher specific
activity could be obtained for longer reaction time. The
agitation seems to reduce the influence of reaction time.
The CLEAs prepared under agitation at 150 RPM have a
comparable specific activity for all the reaction times tested.

The thermal stability of CLEAs was significantly higher
than the stability of free laccase. It can be explained by the
formation of chemical bonds between chitosan and laccase.
Bonds can also be formed between different molecules
of laccase and inside the same enzyme. These decrease
the mobility of the enzyme, therefore providing a greater
resistance to thermal degradation, often caused by drastic
conformational change [8, 28]. It can also be explained by the
presence of chitosan which may somehow coat the enzyme.
CLEAs prepared with GLU by Cabana et al. [5] had a residual
activity between 20% and 40% after a 24-hour period under
the same denaturing conditions.

The kinetics of thermal degradation of free laccase are
accelerated, and these soluble enzymes present almost no
activity after 24 hours of incubation under denaturing
conditions while the CLEAs stayed active for a longer period
of time. The experiment was run over 48 hours, and CLEAs
were still active after two days of thermal degradation while
laccase lost almost all its activity within the first 24 hours.
The same tendency was observed by Cabana et al. [5] but the
CLEAs prepared in that previous study were degraded faster
than the chitosan-based CLEAs.

To our knowledge, no studies have determined the
amount of substrate theoretically oxidized by laccase under
thermal degradation. By using this approach, the thermal
stability and the initial specific activity are integrated into
one parameter describing the global performance of a
biocatalyst. The model proposed by Aymard and Belarbi
[21] is ideal for it describes well the kinetics of thermal
degradation of our CLEAs. This model was integrated to
obtain the total amount of substrate a laccase can oxidize
when exposed to the denaturing conditions tested. It appears
that, for each unit of laccase activity, the CLEAs can oxidize
more molecules of ABTS than free laccase after 24 hours. The
fast decay of free laccase activity can explain these results.
The amount of substrate oxidized by the CLEAs prepared
by Cabana et al. [5] with GLU was calculated on a 24-
hour period and compared the chitosan-based CLEAs. The
CLEAs made without a coprotein oxidized 0.642 mmol/U of
ABTS while the CLEAs with 0.01, 0.1, and 1 mg/U of bovine
serum albumin oxidized, respectively, 0.738, 0.792, and
0.954 mmol/U of ABTS. CLEA-1.867-50.5 and CLEA-1.5-
100 oxidized more substrate (resp., 1.094 and 1.103 mmol/U
of ABTS) while CLEA-1.0-136 and CLEA-1.0-50.5 oxidized
less substrate than all the CLEAs from Cabana et al. [5].

The kinetic study, based on the Michaelis-Menten con-
stant (Km), shows that the different CLEAs have almost the
same affinity for the substrate (ABTS). However, the CLEAs
are better biocatalysts when the turnover number is used
for comparison (kcat), and free laccase is better when it is
the biocatalytic efficiency that is the base of the comparison
(kcat/Km). In terms of kinetic properties, CLEA-1.867-50.5
is not as good as the others. CLEAs prepared with GLU in
Cabana’s group proved to have a turnover number 6 times
higher than that of free laccase [5] but CLEA-1.0-136 has a
kcat 15 times higher than that of the free laccase. This can be
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explained by the hyperactivation of laccase when in contact
with chitosan [27].

The stability of CLEAs and free laccase has been
measured in solutions containing various chemicals known
to denature enzymes. These chemicals inhibit or denature
laccase in various ways. The chloride salts are known to
inhibit laccase activity by raising the ionic strength of the
solution [28]. The solvents lower the strength of hydrophobic
interactions so the equilibrium is shifted to the denaturated
state [28]. Sodium azide binds to the active site of laccase and
modifies its structure [29], and EDTA is a chelator that can
take out the copper ions present in the catalytic site of the
laccase [30]. The amorphous structure of CLEAs reduces the
mass transfer of EDTA to the catalytic site of the enzymes
[5]. The CLEAs structure does not limit the diffusion of
smaller molecules like chloride ions or sodium azide to the
catalytic site but their rigidity reduces their denaturation by
hydrophobic interactions. Therefore, the stability of CLEAs
is not significantly higher than free laccase when exposed to
salts or chelators but is slightly increased towards solvents.

Little research has been done to determine the stability of
laccase in a real wastewater effluent. Auriol et al. [31, 32] used
real wastewater effluents to test the capacity of commercial
laccase from the WRF Trametes versicolor to transform
the endocrine disrupting chemicals estrone, estriol, and
estradiol, but the stability of the enzyme was not evaluated.
Laccase can be used in wastewater effluents to eliminate
phenolic compounds, and it is important to have a good
stability in this complex medium. These results show that
some CLEAs had a higher stability than free laccase probably
because the denaturants present in the effluent cannot get
to the catalytic site of the CLEAs due to their amorphous
structure. The rigidity of the CLEAs is another factor in
the enhancement of stability towards organic solvents. Since
free laccase and CLEAs proved to be quite stable in a
wastewater effluent, they are good candidate to eliminate
phenolic compounds.

According to Schoevaart et al. [33], CLEAs can be
separated in two types based on their structure. Type 1
aggregate has a uniform structure and has a diameter around
1 μm. Type 2 aggregates are usually smaller with a diameter
around 0.1 μm. According to this classification, chitosan-
based CLEAs have a structure similar to that of type 1
CLEAs. The results obtained concerning the particle size
determined by PCS of the CLEAs confirm our observations
with the SEM. The particles have a diameter of about 1700–
2300 nm. An interesting fact is that the CLEAs prepared
with more EDAC are smaller. This could be explained by
a more important cross-linking level of the CLEAs formed.
The small CLEAs have a higher surface/volume ratio that
helps diffusion to the catalytic site of laccase and therefore
makes them more active than the larger CLEAs (Table 6).

5. Conclusion

The results presented in this study demonstrate a novel
method for making CLEAs with laccase by using chitosan as
the cross-linking agent. The CLEAs formed are stable, active

biocatalysts which are suitable for use in environmental
and industrial bioprocesses. The method used should be
applicable to many other enzymes although this was not
demonstrated in this study. Chitosan used here for the first
time as the cross-linking agent used to form CLEAs has con-
siderable advantages from environmental and worker safety
points of view over the traditional chemicals traditionally
used. Because chitosan is obtained from aquatic organisms
byproducts, its use is in good conformity with sustainable
development. Its abundance and renewable nature make it
an attractive candidate for the production of insolubilized
enzyme, while its biocompatibility makes it an environmen-
tally harmless reactant that does not put the health of the
workers at risk.
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Anthropogenic forces, such as petroleum spills and the incomplete combustion of fossil fuels, have caused an accumulation of
petroleum hydrocarbons in the environment. The accumulation of petroleum and its derivatives now constitutes an important
environmental problem. Biocatalysis introduces new ways to improve the development of bioremediation strategies. The recent
application of molecular tools to biocatalysis may improve bioprospecting research, enzyme yield recovery, and enzyme specificity,
thus increasing cost-benefit ratios. Enzymatic remediation is a valuable alternative as it can be easier to work with than whole
organisms, especially in extreme environments. Furthermore, the use of free enzymes avoids the release of exotic or genetically
modified organisms (GMO) in the environment.

1. Introduction

Our planet hosts many different environments. From the
Arctic to the Antarctic, there are deserts, rainforests, abyssal
regions, and many other places where different forms of
life can be found. Not all organisms can adapt and/or
survive in diverse environments, but, instead, they inhabit
specific environments according to their biotic and abiotic
characteristics. However, microorganisms are everywhere;
they have colonised diverse environments for thousands of
years, including those that, for most organisms, are consid-
ered “extreme.” In addition to colonising the environment,
microorganisms colonise other organisms and are essential
to life on our planet as we know it. Only a small proportion
of bacteria are harmful. In fact, microorganisms are key
components of food webs and biogeochemical cycles and in
the maintenance and survival of plants, animals, and other
organisms through symbiotic relationships.

Several microorganisms may be involved in the reactions
of biogeochemical cycles, and in some cases they are
the only biological agents capable of regenerating forms
of elements needed for other organisms [1]. Collectively,
microorganisms have a great metabolic diversity, which
allows their ubiquity. Because of their ubiquitous nature,
the biotechnological potential of microorganisms is virtually
endless, with many possible applications. One of these

applications is the utilisation of microorganisms or their
enzymes in petroleum bioremediation approaches [1]. Bio-
catalysis can provide alternative ways to improve petroleum
bioremediation approaches [2]; the screening for enzymes
for this purpose is necessary. This paper presents some
enzymatic applications for the degradation of petroleum
toxic compounds and a discussion about improvements that
could be used in petroleum enzymatic bioremediation.

2. Petroleum-Polluted Sites

Petroleum is a heterogeneous mixture of hydrocarbons,
including aliphatic (n-alkanes), alicyclic, and aromatic hy-
drocarbons (i.e., polycyclic aromatic hydrocarbons), which
varies in compositional and physical properties accor-ding
to the reservoir’s origin [3]. These hydrocarbons are organic
compounds containing carbon and hydrogen, which are
highly insoluble in water. Microorganisms can either degrade
or produce hydrocarbons [4], depending on the presence of
certain metabolic pathways, specific to each function in the
environmental conditions.

Recently, anthropogenic practices such as industrial ac-
tivities, petroleum and petroleum derivatives (such as gaso-
line, diesel, and kerosene spills), and incomplete combustion
of fossil fuels have caused an accumulation of petroleum
hydrocarbons in the environment [5]. In fact, petroleum and
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derivatives have a major ecological impact on contaminated
marine and terrestrial ecosystems [6]. All along this paper, we
will consider the word “petroleum” encompassing also the
petroleum derivatives.

Many important processes influence the destination
of hydrocarbons in the environment. Among these are
sorption, volatilisation, abiotic transformation (chemical or
photochemical), and biotransformation [7]. Sorption and
volatilisation do not destroy contaminants, but, instead, they
only accumulate or transport them to another location.
Abiotic chemical transformations involving organic con-
taminants are usually slow, while photochemical reactions
are insignificant in most environments [5, 7, 8]. Because
microorganisms are directly involved in biogeochemical
cycles as key drivers of the degradation of many carbon
sources, including petroleum hydrocarbons, the furthered
understanding and application of petroleum biodegradation
is a matter of great interest.

The presence of a high enzymatic capacity allows micro-
bial communities to degrade complex hydrocarbons [9]. This
capacity to modify or decompose certain pollutants, such as
petroleum, summarises the importance of enzymes in the
bioremediation process. Their genetic diversity contributes
to the metabolic versatility of microorganisms for the trans-
formation of contaminants into less-toxic final products,
which are then integrated into natural biogeochemical cycles
[9]. The chief benefit of the contaminant-degrading process
is the complete mineralisation of compounds, as well as
biomass formation [10–12]. Many biotic and abiotic factors
can influence the effectiveness of petroleum contaminant
biodegradation, including the presence and activity of
petroleum-degrading microorganisms in the environment,
competitiveness, availability and concentration of petroleum
and nutrients, salinity, and temperature, among others [5].

3. Aerobic and Anaerobic
Degradation of Petroleum and
Petroleum-Degrading Enzymes

Numerous microorganisms, such as bacteria, cyanobacteria,
green algae, and fungi, are capable of degrading different
components of petroleum under different environmental
conditions (e.g., aerobic and anaerobic conditions at varied
salinities and pHs). The enzymatic apparatus provides
these capabilities to microorganisms. Petroleum degradation
occurs gradually by sequential metabolism of its compounds.
The genes involved in degrading petroleum enzyme produc-
tion may be located on chromosomal or plasmid DNA [13].

Biodegradation of hydrocarbons, both aliphatic and
aromatic compounds, may occur under anaerobic or aer-
obic conditions [3]. Under aerobic conditions, oxygenase
enzymes introduce oxygen atoms into hydrocarbons (mono-
oxygenases introduce one oxygen atom to a substrate while
dioxygenases introduce two). The anaerobic degradation is
catalysed by anaerobic bacteria, such as sulphate-reducing
bacteria, using different terminal electron acceptors [3].

Aerobic catabolism of hydrocarbons can be faster, due to
the metabolic advantage of having the availability of O2 as
an electron acceptor [2]. The final product of the oxidation

of saturated aliphatic hydrocarbons is acetyl-CoA, which is
catabolised in the citric acid cycle, together with the produc-
tion of electrons in the electron transport chain. This chain
is repeated, further degrading the hydrocarbons, which are
normally fully oxidised to CO2 [1]. Aromatic hydrocarbons,
such as benzene, toluene, xylene, and naphthalene, can also
be degraded in aerobic conditions. The degradation of these
compounds usually serves as an initial step in the formation
of catechol or a structurally related compound. Once formed,
catechol can be degraded, resulting in compounds that
can be introduced into the citric acid cycle. Also these
compounds can be completely degraded to CO2 [1, 2].

Alkane hydroxylases are alkane-degrading enzymes that
are distributed among many different species of bacteria,
yeast, fungi, and algae [14]. Furthermore, van Beilen and
Funhoff [14] proposed three categories of alkane-degrading
enzyme systems: C1–C4 (methane to butane, oxidised by
methane-monooxygenase-like enzymes), C5– C16 (pentane
to hexadecane, oxidised by integral membrane nonheme iron
or cytochrome P450 enzymes), and C17+ (longer alkanes,
oxidised by essentially unknown enzyme systems). They then
reported the compositions, cofactors, substrate ranges, and
presence of the main groups of alkane hydroxylases (soluble
methane monooxygenase (sMMO), particulate methane
monooxygenase (pMMO), AlkB-related alkane hydroxylases,
eukaryotic P450 (CYP52, class II), Bacterial P450 oxygenase
system and dioxygenase (CYP153, class I). These authors also
noted that microorganisms that are able to degrade alkanes
can contain multiple alkane hydroxylases and can thus
consume different substrate ranges. As already cited by van
Hamme and colleagues in 2003 [3], to date, one of the most
studied alkane degradation pathways is that described for
Pseudomonas putida Gpo1, encoded by the OCT plasmid [15,
16]. In this case, the conversion of an alkane into an alcohol
is first mediated by a membrane monooxygenase, soluble
rubredoxin, and rubredoxin reductase [3]. van Hamme and
colleagues [3] presented a model for alkane metabolism
in gram-negative bacteria and described the locations and
functions of the ALK gene products.

The catechol dioxygenase class of bacterial iron-
containing enzymes is an example of an enzyme class
involved in the degradation of aerobic aromatic hydrocar-
bons. These enzymes are able to catalyse the addition of
molecular oxygen atoms to 1,2-dihydroxybenzene (catechol)
and its derivatives, with subsequent cleavage of the aromatic
ring [1–3]. Enzymes like catechol dioxygenases that are
involved in aromatic ring cleavage are responsible for
the wide variety of microorganisms capable of degrading
aromatic compounds [13].

Despite the fact that petroleum degradation under aero-
bic conditions occurs faster than under anaerobic conditions,
it is important to note that anaerobic degradation is also
essential to the bioremediation process because in several
cases the environmental conditions can include limitations
of the oxygen availability, such as in mangroves, aquifers,
and sludge digesters [5]. In anaerobic metabolism, gener-
ally, aromatic compounds are converted into benzoyl-CoA,
which is target of the benzoyl-CoA reductase (BCR) action
[17]. Depending on the environmental conditions, different
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terminal electron acceptors can be used, such as nitrate,
sulphate, and Fe (III); generally, the degradation pathways
converge to benzoyl-CoA [2].

4. Bioremediation Applications

According to Nyer [18], the term “bioremediation” refers
to all biochemical reactions of natural attenuation, which
includes all biotic and abiotic processes used to reduce con-
taminant levels. “Biodegradation” is the primary mechanism
to reduce biodegradable contaminants. This method offers
low risks to contaminated sites, and it is an alternative with a
favourable cost-benefit ratio for treatment [7, 8].

When feasible, bioremediation is usually applied after
the use of physical and chemical methods and natural
attenuation. It can be a slow process because its kinetics
may be conditioned to various factors, such as temperature,
salinity, microbial diversity, and C:N:P ration, among others
[5]. Bioremediation techniques were improved after the spill
of 41 million litres of petroleum from the Exxon Valdez in
Alaska in 1989. More than 10 million dollars were spent on
studies sponsored by the Exxon company on bioremediation
from 1993 to 1997, and many patents were generated [5, 19].

The characterisation of petroleum-degrading strains and
their metabolic pathways serves to improve bioremediation
approaches. Bioremediation can occur either naturally or
by the use of bioaugmentation (whole cell introduction) or
biostimulation approaches (use of nutrients or conditions to
stimulate the native microbial community) [5, 20]; isolated
enzymes may also be used to transform the contaminant into
less-toxic or nontoxic compounds [3, 5, 20].

Many authors have described bioaugmentation and
biostimulation approaches to restore different petroleum-
contaminated sites; both are accepted options for minimizing
the impact of petroleum spills [5]. These approaches must be
carefully studied and planned for each type of contaminant
and environmental condition, as both present advantages
and disadvantages. For instance, bioaugmentation success
depends on the competitiveness of the inoculated strains in
different environments [20]. Genetically modified organisms
(GMOs) can also be used to improve petroleum degrada-
tion efficiency, but other limitations may complicate the
procedure, such as problems with international legislation
[20, 21]. In both cases (GMO or wild-type strains), the
potential impacts of introducing degrading microorganisms
in the presence of indigenous microbes must be evaluated
[5, 20–22]. Considering biostimulation, it is only useful to
be applied in environments where indigenous petroleum-
degrading microorganisms are present. A search for alter-
native bioremediation strategies is crucial to increase their
effectiveness in different locations.

Biocatalysis is opening new paths toward improving
the development of products and processes to reduce
industrial costs and the generation of toxic subproducts
and, consequently, the impact on the environment. Both
enzymatic bioremediation and new clean energy production
are contributing to minimising fossil fuel damages [20].
Enzymatic remediation can be simpler than working with
whole organisms. Some advantages, including the enzymatic

potential, can be increased in laboratory conditions [23].
The use of isolated enzymes does not generate toxic byprod-
ucts [24] and whole cell competitiveness is not necessary
[20].

Sutherland and colleagues [23] summarised the main
aspects to be considered, from search to production, in
enzymatic bioremediation. First, for an enzyme to be selected
for a bioremediation application, it needs to have the
capacity to degrade the target contaminant into less-toxic
products. It is also important to search for enzymes that
do not depend on cofactors, which would increase process
costs at the commercial level. After screening, the next step
is to identify the gene encoding the selected enzyme and,
if necessary, improve enzymatic production. Commercial
companies produce their enzymes via large-scale industrial
fermentation; unlysed cells are removed during downstream
processing. The authors also noted that the purification
of enzymes from other soluble materials in the fermented
liquor is not required for environmental remediation, which
can facilitate the production process and reduce costs, but
they highlighted that shelf-life and environmental stability
must be evaluated to ensure effectiveness of the enzyme
against the contaminant. The steps and considerations out-
lined by Sutherland and colleagues [23] can be extrapolated
to the bioremediation of any contaminant; their report
describes how to produce an enzymatic bioremediation agent
for different applications (Figure 1).

Polycyclic aromatic hydrocarbons (PAHs) are mutagenic,
cytotoxic, and carcinogenic organic chemicals. PAHs are
widely distributed in the environment as a result of the
incomplete combustion of organic matter, emission sources,
automobile exhaust, domestic matter, and other factors [25].
The enzymatic remediation of PAHs has been proposed
by many authors [25, 26]. PAH degradation under aerobic
conditions involves the oxidation of the aromatic ring by
specific dioxygenases, as described above, and a complete
biotransformation into CO2 and water [26]. As we have
previously described, the BTEX compounds (benzene,
toluene, ethylbenzene, and xylene) can be degraded in both
aerobic and anaerobic conditions by microorganisms such
as sulphate reducers.

As an example of enzymatic bioremediation, PAH detox-
ification can be achieved by the use of laccases [27] (enzymes
capable of catalysing the oxidation of phenols, polyphenols,
and anilines, coupled to the 4-electron reduction of molecu-
lar oxygen to water) [28]. A great advantage of the enzymatic
bioremediation of xenobiotics that are either hydrophobic or
poorly soluble in aqueous solutions, such as PAHs, is that
enzymatic oxidation can occur in the presence of organic
solvents [27]. A disadvantage is that the relevant enzymes can
be unstable, inhibited, or denatured in organic solvents. In
the work of Bulter and colleagues [29] laccase was expressed
from Myceliophthora thermophila (MtL) in Saccharomyces
cerevisiae, using directed evolution, and extensively improved
laccase expression.

Recently, Scott and colleagues [30] successfully reported
an initial field trial with an enzyme-based product, based
on the enzyme TrzN, demonstrating that the technology
can efficiently remediate water bodies contaminated with
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Figure 1: General steps proposed by Sutherland and colleagues [23] to get from bioprospection to an enzymatic bioremediation product.

herbicides. However, few field studies with enzymatic biore-
mediation are currently available.

Whitely and colleagues [26] cited that until 2004, there
were over 1000 described enzymes involved in the biodegra-
dation of aromatic systems (organic pollutants or otherwise).

It has been reported that worldwide sales of environmen-
tal biotechnology products for the US manufacturers, includ-
ing microorganisms, enzymes, microbial blends, and nutri-
ents, totalled U.S. $153.87 million by 2006 [31]. The estima-
tions for increased sales of microbial blends were higher than
the estimations for isolating microorganisms and enzymes
because the latter have limited market potential [32].

Despite the advantages of enzymatic bioremediation,
there are also limitations and features required for enzymatic
remediation which restricts its applicability to a few enzyme
classes [30]. Bioremediation enzymes must be adapted to
relatively specific environmental conditions and must be
rather independent of cofactors [20, 23].

In fact, to date, the U.S. EPA (Environmental Protection
Agency) has currently listed (2011) 20 bioremediation agents
and only one pure enzyme additive. The product, Petroleum
Spill Eater II, is described by the producer as a “bioremedi-
ation agent (biological enzyme additive (previously listed as
a nutrient additive)),” with a 5-year shelf-life [32]. The pro-
ducer indicated a reduction of 36.9 and 33.6% of alkanes and
aromatics, respectively, after 7 days, and reduction of 89.8
and 89.6% 28 days after Petroleum Spill Eater II application,
which represent great reductions over a short period of time.

Generally, enzymatic bioremediation limitations are still
basically related to high costs; enzyme production typically
generates a low yield of enzymes, and enzyme stability must
often be optimised in the field.

5. Molecular Biology, Metabolic Engineering
and Future Prospects

Despite all the advantages related to enzymatic bioreme-
diation, high production costs, low yields, and enzymatic
inhibition are some of the problems that must be overcome.

Many production improvements are necessary to avoid non-
prohibitive processes. Therefore, molecular tools are being
widely explored to provide competitive enzymatic bioreme-
diation products. Molecular tools allow us to detect genes
related to degrading enzymes in environmental samples or
isolates, thus serving as powerful tools for bioprospection.
Furthermore, DNA engineering can considerably improve
enzyme yield with lower costs [20].

Enzymatic bioremediation improved with molecular
tools can be particularly suitable for situations where rapid
remediation is required [23]. Alcalde and colleagues [20]
reported that recent studies of protein engineering, metage-
nomics, and proteomics are effectively contributing to cost
reduction, minimising chemical use and also improving cost-
benefit ratios. The use of molecular tools for biocatalysis
applications can also help solving the problem of GMO use
in the environment [20]; for instance, if the production
of a modified enzyme is performed in vitro, it is not
necessary to introduce the modified organism into the
natural environment.

Many PCR primers that target genes related to petro-
leum-degrading enzymes, both in aerobic and anaerobic
conditions, have already been described (Table 1). The util-
isation of these already-characterised primers may facilitate
environmental screening of degrading abilities and may help
to evaluate the potentials of microbial isolates. More primers
can be described for specific pathways or to improve the
comprehensiveness of known primers using available data-
bases.

The benefits provided by molecular tools can open
unlimited windows of opportunity, as it is possible to detect
genes from cultivable or noncultivable organisms (using
metagenomics) and to express these genes in cultivable
organisms, using enzymes that were not yet described.
For instance, the use of fosmid and cosmid shotgun
metagenomic libraries offers a great improvement to the
bioprospection of new enzymes. The possibility of identify-
ing and using genes from yet-undescribed microorganisms
increases possible enzyme targets from about 0.1 to 1%
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Table 1: Examples of references describing or modifying primers to
amplify genes involved in petroleum degradation.

Target Function References

Aerobic degradation

Catechol
2,3-dioxygenase
genes

Degradation of aromatic
compounds

[33, 34]

ALKA and/or ALKB
genes

Encode enzymes related to
alkane degradation

[35–39]

Anaerobic degradation

bamA gene

Encodes 6-OCH-hydrolases
(last step of the route of
dearomatization of
benzoyl-CoA)

[40–42]

bssA gene

encodes the α subunit of
benzylsuccinate synthase
(BSS), which starts the
anaerobic degradation of
toluene and xylene

[43–45]

of microbial cells (consisting of cultivable microbial cells
in environmental samples), including all available DNA in
that sample [46]. Molecular tools also allow us to increase
expression levels manipulating not only physiochemical
conditions (optimal conditions), but also the organisms
at a genetic level, to improve enzyme production in many
different conditions, for instance, improving the efficiency
and speed of the petroleum degradation, decreasing the time
of the remediation process. Genetic manipulation would be
also useful to allow or improve the petroleum degradation
in extreme environments, such as cold or hypersaline sites.
The use of free extremozymes would be advantageous in
these environments, since it avoids some of the limitations of
the bioremediation using whole cells in extreme conditions,
such as microbial competitiveness.

The advances in high-throughput “omics” techniques
are improving the study of microbial ecology, including
biodegradation processes, for instance, identifying and quan-
tifying bacterial enzymes responsible for aromatic hydrocar-
bon metabolism [47].

6. Conclusions

Considering that bioremediation remains a field with much
work to be done, with few extremely effective field appli-
cations due to the extremely diverse conditions found
in different ecosystems, the development of alternative or
complementary strategies is continually encouraged.

Despite the fact that in many cases the costs are
still prohibitive, enzymatic bioremediation can provide real
benefits to the environment, avoiding the conditions that are
required for whole-cell applications, especially in extreme
environments. Furthermore, enzymatic effectiveness can be
improved in vitro also using molecular tools, such as DNA
engineering, to generate super bioremediators, which can
present advantages in field.

Enzymatic bioremediation also influences other biologi-
cal areas, such as medicine, since Rittmann and Schloendorn
[48] proposed the idea of “medical bioremediation,” based
on and inspired by environmental bioremediation principles.
Medical bioremediation studies have proposed the utilisation
of one or several microbial enzymes to degrade intracellular
accumulators that impair cellular function and viability and
cause diseases such as atherosclerosis, macular degeneration,
and neurodegenerative diseases. Medical bioremediation
could be effective enough to eliminate intracellular accumu-
lators from affected cells.

Our experience with whole cells indicates that bacterial
consortium is a better alternative for the degradation of
diverse and complex petroleum compounds. Likewise, the
use of enzyme mixture is probably a more suitable tool for
use against petroleum contamination in the environment
because specific enzymes for recalcitrant and toxic com-
pounds can be applied together.
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The effect of different pretreatment methods, temperature, and enzyme concentration on ethanol production from 8 lignocellu-
losic agrowaste by simultaneous saccharification and fermentation (SSF) using recombinant cellulase and Saccharomyces cerevisiae
were studied. Recombinant cellulase was isolated from E. coli BL21 cells transformed with CtLic26A-Cel5-CBM11 full-length gene
from Clostridium thermocellum and produced in both batch and fed-batch processes. The maximum cell OD and specific activity
in batch mode were 1.6 and 1.91 U/mg, respectively, whereas in the fed-batch mode, maximum cell OD and specific activity
were 3.8 and 3.5 U/mg, respectively, displaying a 2-fold increase. Eight substrates, Syzygium cumini (jamun), Azadirachta indica
(neem), Saracens indica (asoka), bambusa dendrocalmus (bamboo), Populas nigra (poplar), Achnatherum hymenoides (wild grass),
Eucalyptus marginata (eucalyptus), and Mangifera indica (mango), were subjected to SSF. Of three pretreatments, acid, alkali, and
steam explosion, acid pretreatment Syzygium cumini (Jamun) at 30◦C gave maximum ethanol yield of 1.42 g/L.

1. Introduction

The depleting fossil fuel resources has forced mankind to
depend on the renewable energy sources, and bioethanol is
one of them. Ethanol is used as a fuel, as it offers many
advantages such as it has lower thermal energy content
(about 45% less per gallon than diesel), low price, and
with comparatively less emissions than gasoline or diesel.
Ethanol has a high octane number (99) than petrol (80–
100) as a result of which preignition does not occur
when ethanol is used. Hence, ethanol is used widely as a
competitive fuel additive with gasoline and rarely in pure
form [1, 2]. Currently, biofuels such as bioethanol, biodiesel,
biohydrogen, and methane from lignocellulosic biomass are
produced from agrowastes rather than from energy crops,
as they compete with food crops. The agricultural wastes
are abundant and have disposal problem. An alternative
is to utilize the lignocellulosic biomass so that the com-
petition between food and fuel can be minimized [3].
Lignocellulosic biomass in the form of plant materials such
as grass, wood, and crop residues offers the possibility of
a renewable and relatively greenhouse-gas favoring source

of sugars that can be converted to ethanol. The potential
for using lignocellulosic materials in bioethanol production
is well recognized. However, hydrolyzing lignocelluloses to
fermentable reducing sugars is still a challenge, because it
has a strong crystalline structure and is usually surrounded
by lignin, which reduces accessibility to hydrolytic enzyme
[4]. The pretreatment of lignocellulosic biomass results
in substantial breakdown of the lignocellulosic structure,
hydrolysis of the hemicellulosic fraction, depolymerization
of the lignin components, and defibration. Different types
of pretreatment methods are used such as acid, alkali, steam
explosion, and ozonolysis [5]. The accessibility of cellulose
components to the enzymes can be greatly enhanced by using
an effective pretreatment strategy [6].

Ethanol produced from lignocellulosic biomass using
separate hydrolysis and fermentation had problems as the
higher concentration of reducing sugars inhibited the growth
of yeast [7]. Moreover, two fermentors were required, one
for hydrolysis and the other for fermentation; therefore, the
process was not cost effective [7]. The solution to above
problems was provided by simultaneous saccharification and
fermentation (SSF) in which reducing sugars formed by
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hydrolysis are simultaneously converted into ethanol by yeast
fermentation [7]. But the problem with SSF is the optimum
temperature, since for enzyme hydrolysis, optimum temper-
ature is 50◦C and for fermentation by yeast is 30◦C, so com-
promised condition has to be taken for ethanol production
by SSF. Extensive work has been done on ethanol production
by SSF from lignocellulosic waste (LCW), such as forestry
wastes, bagasse, corn stalk and cobs, wheat straw, grasses,
and rice straw, using cellulase from natural and commercial
sources [7–9], but there is no literature available on the use of
recombinant cellulases for enzyme hydrolysis during saccha-
rification. Jamun, eucalyptus, neem, mango, asoka, bamboo,
wild grass, and poplar are among the most common crops
found in north India. Also, no literature is available on the
use of above-mentioned substrates for ethanol production.
Due to their abundance, there is a great deal of interest in
utilizing LCW for production and recovery of many value-
added products such as ethanol [8–10]. Besides the type
of pretreatment method, other parameters such as enzyme
activity and enzyme concentration, temperature, and pH
affect the ethanol yield from the biomass. The present study
aims at increasing the enzymatic activity of recombinant
cellulase by using fed-batch strategy and increasing the
ethanol yield by applying best pretreatment strategy and
optimizing the enzyme concentration and temperature for
SSF using S. cerevisiae.

2. Materials and Methods

2.1. Chemicals and Reagents. Carboxy methyl cellulose was
purchased from Sigma Aldrich, USA. Sodium acetate, acetic
acid, ampicillin, components of LB and GYE medium, and
other reagents were purchased from HiMedia Pvt. Ltd., India.

2.2. Microorganisms and Medium. Saccahromyces cereviseae
used for the production of ethanol by SSF was procured from
Microbial Type Culture Collection (MTCC), Chandigarh,
India. It was maintained in agar slants by storing at 4◦C and
was inoculated in GYE medium which was sterilized by auto-
claving at 121◦C for 20 min and was then incubated at 30◦C,
120 rpm. 1 mL of actively growing culture was transferred
to 100 mL of culture medium. Recombinant E. coli BL21
cells transformed with plasmid containing CtLic26A-Cel5-
CBM11 gene from Clostridium thermocellum inserted in an
expression vector pET21a was used as a source for cellulase
enzyme and was developed and maintained by the group
[11]. The cells were maintained as glycerol stock at −80◦C.
200 μL of the glycerol stock was transferred to 5 mL of LB
medium containing 100 μg/mL ampicillin and incubated at
37◦C, 180 rpm for 16 h. 1 mL of this culture was inoculated
to 100 mL of LB medium containing 100 μg/mL ampicillin
and incubated at 37◦C, 180 rpm for 12 h.

2.3. Processing of Agrowaste Substrates. Eight different sub-
strates were subjected to SSF study each having different cel-
lulosic, hemicellulosic, and lignin content, namely, Syzygium
cumini (jamun), Azadirachta indica (neem), Saracens indica
(asoka), Bambusa dendrocalmus (bamboo), Populas nigra
(poplar), Achnatherum hymenoides (wild grass), Eucalyptus

marginata (eucalyptus), and Mangifera indica (mango).
Leaves of jamun, mango, neem, eucalyptus, poplar, asoka,
wild grass, and bamboo were supplied by Science, and
Technology Entrepreneur’s Park (STEP), Thaper University,
Patiala, Punjab, India. Prior to pretreatment, the dry agro
biomass was washed three times with water in order to
remove unwanted dust particles and then air-dried at room
temperature. The dry biomass was then grinded in a grinder
and sieved to a mesh size of 1 mm.

2.4. Recombinant Cellulase Production by Batch and Fed-
Batch Process. For batch mode process, the E. coli BL-21 cells
containing the recombinant cellulase were grown in 500 mL
flask containing 250 mL of LB medium having 100 μg/mL
ampicillin [11]. The dynamic profile of enzyme activity and
growth was monitored by collecting sample at every 1 h.
For induction of cellulase expression, IPTG (1 mM final
concentration) was added to the broth when the cell OD
at 600 nm reached 0.6. In order to enhance the enzymatic
activity, the cells were grown in fed-batch mode. In the fed-
batch strategy, the initial step remained the same as that for
batch mode, and 245 mL of medium was withdrawn when
the cells reached late log phase or early stationary phase. This
cell mass from 245 mL were removed by centrifugation and
processed for the isolation of crude enzyme, and the same
volume of fresh medium was added and further incubated
till stationary phase was reached. The same procedure was
followed in consecutive four batches, where induced cells
were used as inoculum. Fed-batch cultivation mode was
used in order to produce maximum amount of cellulase and
growth of recombinant E. coli. The enzyme was isolated by
sonication of cells from both batch and fed-batch strategies.

2.5. Pretreatment of Substrates. The physically pretreated
substrates were further subjected to pretreatment by steam
explosion, alkali pretreatment, and acid pretreatment.

2.5.1. Steam Explosion. Steam explosion of raw material was
carried out at flask level. 1 g of raw material was taken in the
100 mL flask, and then, each of the powdered substrate was
subjected to sudden steam depressurization in an autoclave
(15 psi, 15 min, and 121◦C) by fully opening the steam
exhaust valve with the objective of obtaining the maximum
quantity of fermentable sugars using least pretreatment time
[12].

2.5.2. Alkali Pretreatment. Each of the powdered substrates
was assessed using the combined treatment with dilute alkali
and autoclaving technique. 1 g of each substrate in 20 mL of
0.5 M NaOH solution was autoclaved at 115◦C for 10 min
[13]. After cooling, the residues were washed with sodium
acetate buffer (0.02 M, pH 4.3) and distilled water, subse-
quently, followed by centrifugation (10,000 g, 10 min) till the
pH became neutral. The residues are dried in an oven at 70◦C
for 24 h.

2.5.3. Acid Pretreatment. Each of the powdered substrates
was assessed using the combined treatment of acid, alkali
and, autoclaving techniques. 1 g of each substrate in 10 mL
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of 1% H2SO4 [14] was autoclaved at 121◦C for 15 min After
cooling, the supernatant was decanted, and the residues
were washed with 1% NaOH and then with distilled water,
alternatively, by first vortexing and then centrifugation at
10,000 g for 10 min till the pH become neutral, then the
residues were dried in an oven at 70◦C for 24 h.

2.6. Simultaneous Saccharification and Fermentation (SSF).
SSF experiments were carried out in 250 mL Erlenmeyer
flasks, each containing 100 mL of fermentation medium in
0.02 M sodium acetate buffer (pH 4.3) at 30◦C on a rotary
incubator shaker at 120 rpm for 72 h and at 1% (w/v) pre-
treated material concentration. The fermentation medium
contained 1 g/L yeast extract, 1 g/L peptone at 4.5 pH.
The production medium was supplemented with 1.0 mL of
the recombinant cellulase obtained from E.coli in order to
hydrolyze the substrate. Flasks were inoculated with 1% (v/v)
S. cerevisiae culture obtained by growing the organism on
a rotary shaker at 120 rpm for 48 h at 30◦C in GYE medium.
The samples were taken every 6 h and analyzed for enzyme
activity, protein concentration, cell growth, glucose, and
ethanol production.

2.7. Effect of Operational Parameters on SSF. The effect of
temperature on ethanol production by simultaneous saccha-
rification and fermentation process using S. cerevisiae was
carried out by varying the temperature between 30◦C–40◦C.
The effect of enzyme with 1 mL, 2 mL, and 5 mL having con-
centration (0.55 mg/mL) and specific activity of 0.52 U/mg
on ethanol production was also investigated.

2.8. Analytical Methods. The enzyme assay was carried out
by incubating the enzyme with substrate for 10 min at 50◦C.
The reaction mixture (100 μL) contained 10 μL of super-
natant containing enzyme and 1% final carboxymethyl
cellulose (CMC) in 0.02M sodium acetate buffer, pH 4.3. The
100 μL reaction mixture was then analyzed for the release
of reducing sugar using the Nelson and Somogyi, method
[15, 16]. Glucose was used as standard. Protein content was
determined using 10 μL of enzyme and 90 μL of distilled
water. To the 100 μL of mixture 1 mL Bradford reagent was
added. The reaction mixture was incubated at room temper-
ature for 20 min and then analyzed spectrophotometrically at
595 nm [17]. BSA was used as standard. Ethanol content was
estimated by using 1 mL cell-free supernatant to which 9 mL
distilled water and 1 mL dichromate was added and heated
for 10 min in boiling water bath. During heating, ethanol was
converted to acid on reaction with dichromate and resulted
in colour change from orange to green which can be analysed
spectrophotometrically at 600 nm [18]. Ethanol was used as
standard.

3. Results and Discussion

3.1. Production and Enhancement of Recombinant Cellulase
from E. Coli. The maximum OD, enzyme activity, and spe-
cific activity obtained in batch mode were 1.62, 0.136 U/mL,
and 1.91 U/mg, respectively, as shown in Figure 1(a). In the
fed-batch mode, maximum OD, enzyme activity, and specific

activity obtained was 3.78, 0.301 U/mL, and 3.52 U/mg,
respectively, as shown in Figure 1(b). Thus, the fed-batch
cultivation of E. coli containing recombinant enzyme dis-
played two-fold increase in biomass productivity, the enzyme
activity, and specific activity in comparison to a batch
cultivation process. During fed-batch mode, already induced
cells were used as inoculum for the consecutive batches due
to which more protein expression was observed and due to
further induction by the addition of IPTG more recombinant
enzyme was produced.

3.2. Ethanol Production by SSF from Substrates Using Different
Pretreatment. The solid residues of various substrates were
subjected to SSF process by S. cerevisiae at a temperature of
30◦C and 1.0% substrate concentration after pretreatment.
The pretreated substrates were hydrolyzed enzymatically by
recombinant cellulase isolated from recombinant E. coli cells.
All pretreatments were efficient for delignification of the
lignocellulosic biomass. The effect of different pretreatments
on ethanol production is shown in Table 1. In all cases of
substrates, low-reducing sugar contents were obtained with
good yeast fermentation performance. Depending on the
amount of ethanol produced, acid pretreatment was found
to be the best of all pretreatment methods carried out. Recent
studies have shown that when acids are combined with alkali,
they play more effective role in LCW pretreatment than acids
or alkalis alone [19]. Using steam explosion as pretreatment,
maximum ethanol was produced in case of eucalyptus
(0.53 g/L) with a yield coefficient of 0.053 followed by jamun
(0.46 g/L ethanol) and yield coefficient of 0.046 (Table 1).
Using alkali pretreatment method maximum ethanol was
obtained in case of bamboo (0.83 g/L) with a yield coefficient
of 0.083 followed by wild grass (0.77 g/L ethanol) and
yield coefficient of 0.077 (Table 1). Using acid method as
a pretreatment strategy, maximum ethanol was obtained in
case of jamun (1.22 g/L) with a yield coefficient of 0.122
followed by wild Grass (0.78 g/L) with a yield coefficient of
0.078 as shown in Table 1. Hence, acid pretreatment gave
best results of the three different pretreatments carried out,
as in case of acid pretreatment both acid and alkali are used,
which resulted in higher delignification of the substrates. By
acid pre-treatment, the structure of substrate becomes less
complex, and it becomes more accessible to the enzyme, and
hence, more reducing sugars are released. These sugars are
then converted to ethanol by yeast, the fermenting organism.
The ethanol concentration of 21 g/L was obtained using
commercial cellulolytic enzyme and 10% (w/v) substrate
(sunflower stalks), that is, 2.1 g/L ethanol concentration
with 1% substrate [20]. Kinnow waste and banana peels
were used as substrates in the ratio of 6: 4, and total 25 g
biomass was obtained 26.84 g/L ethanol, that is, 1.074 g/L
ethanol by using 1 g of biomass [12]. Using baggase as
substrate the ethanol yield of 0.13–0.18 [21] and 0.116
[22] were obtained which are comparable to our findings.
The ethanol concentration of 22 g/L was obtained using
coculture of Clostridium thermosaccharolyticum HG8 and
Thermoanaerobacter ethanolicus ATCC 31937 with 100 g/L
banana waste as substrate, that is, 2.2 g/L of ethanol from 1%
of substrate [14]. All these results are comparable with our
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Table 1: Effect of different pretreatment methods on ethanol production by SSF.

Substrates
Steam explosion Alkali pretreatment Acid pretreatment

Cell OD
Ethanol

(g/L)
Yield
(P/S)

Cell OD
Ethanol

(g/L)
Yield (P/S) CellOD

Ethanol
(g/L)

Yield
(P/S)

Saracens indica
(Asoka)

0.936 0.402 0.040 1.357 0.661 0.066 1.343 0.670 0.067

Achnatherum
hymenoides
(Wild grass)

0.606 0.245 0.024 1.362 0.770 0.077 1.283 0.780 0.078

Mangifera
indica
(Mango)

0.859 0.241 0.024 1.369 0.658 0.066 1.32 0.612 0.061

Syzygium
cumini
(Jamun)

0.719 0.461 0.046 1.376 0.727 0.073 1.316 1.216 0.122

Azadirachta
indica (Neem)

0.595 0.292 0.029 1.382 0.608 0.061 1.29 0.705 0.071

Populas nigra
(Poplar)

0.880 0.323 0.033 1.369 0.665 0.067 1.32 0.590 0.059

Eucalyptus
marginata
(Eucalyptus)

0.726 0.535 0.054 1.339 0.624 0.062 1.28 0.760 0.076

Bambusa
dendrocalmus
(Bamboo)

0.909 0.263 0.026 1.376 0.834 0.083 1.286 0.554 0.055
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Figure 1: Dynamic profile of cell growth, enzyme activity, and specific activity with time in (a) batch experiment (b) fed-batch experiment.

findings though we are using recombinant enzyme which is
cost effective as compared to above mentioned methods.

3.3. Effect of Temperature and Enzyme Concentration on
Ethanol Production by SSF. Since acid pretreatment gave the
best results out of three pretreatments, so for temperature
optimization using acid pretreatment was done for SSF. Four
substrates, jamun, bamboo, eucalyptus, and wild grass, were
selected for optimization, since these gave better results over
as compared to other substrates. The effect of temperature
on ethanol production by simultaneous saccharification and

fermentation using S. cerevisiae was studied at temperatures
30◦C, 35◦C and 40◦C. Maximum ethanol was obtained with
Syzygium cumini (Jamun) as a substrate at 30◦C (Figure 2).
Using jamun as a substrate ethanol obtained at 30◦C, 35◦C,
and 40◦C was 1.2 g/L, 0.46 g/L and 0.41 g/L, respectively.
However, at temperatures higher than 30◦C showed a fall
in ethanol production which is consistent with the findings
of El-Refai et al. [23] who reported maximum ethanol
productivity from beet molasses by S. cerevisiae Y-7. The
temperature, 30◦C has been also reported as optimum
for maximum ethanol production using starch employing



Enzyme Research 5

EucalyptusBambooGrassJamun

Substrates

0

0.2

0.4

0.6

0.8

1

1.2

1.4

E
th

an
ol

co
n

ce
n

tr
at

io
n

(g
/L

)

30◦C
35◦C
40◦C

Figure 2: Effect of temperature on ethanol production by SSF, using
different lignocellulosic biomass using acid pretreatment.

806040200

Time (h)

0

0.2

0.4

0.6

0.8

1

E
n

zy
m

e
ac

ti
vi

ty
(U

/m
L

)

0

0.5

1

1.5

2

C
el

lO
D

60
0

n
m

0

0.5

1

1.5

2

E
th

an
ol

(g
/L

)

0

5

10

15

20

25

30

Sp
ec

ifi
c

ac
ti

vi
ty

(U
/m

g)

0

0.02

0.04

0.06

0.08

0.1

0.12

0.14

R
ed

u
ci

n
g

su
ga

r
(m

g/
m

L
)

Cell OD600 nm

Ethanol (g/L)
Enzyme activity (U/mL)

Specific activity (U/mg)
Reducing sugar (mg/mL)

Figure 3: Ethanol production by SSF using optimized parameters
using Syzygium cumini (Jamun) as a substrate.

coculture of amylolytic yeast and S. cerevisiae [24]. These
observations are consistent with findings of other authors
[25, 26]. The future experiments were conducted at incu-
bation temperature of 30◦C. The effect of crude cellulase
1 mL, 2 mL, and 5 mL (0.53 U/mg, 0.55 mg protein/mL) on
ethanol production was investigated. Using jamun, ethanol
obtained at 1 mL, 2 mL, and 5 mL enzyme concentration
was 1.26 g/L, 1.27 g/L, and 1.43 g/L, respectively, showing
no significant effect of enzyme concentration on ethanol
production (Figure 3). The enzymatic hydrolysis of the
solid fraction has large control over total rate of ethanol
production in SSF [27, 28]. Studies in which the enzyme
loading has been varied showed strong positive correlation
between enzyme loading and the overall ethanol yield [29,
30].

3.4. Effect of Cell Growth on Ethanol Production. S. cerevisiae
stays in the lag phase during the initial 12 to 16 h from
inoculation due to the unavailability of utilizable sugars in

the medium. Hydrolysis of the complex cellulose takes place
during the initial 18 h in which the organism lies in the
lag phase of growth. Cellobiose is the direct product of
the cellulose activity which is an inhibitor of the enzyme.
Kovacs et al. [31] report the need to supplement com-
mercial cellulases used in SSF process with β-glucosidase
and also observed the accumulation of cellobiose nearly to
10 g L−1during the first 10 h of fermentation, when using
the bakery S. cerevisiae strain for bioethanol production
in SSF process with sugarcane bagasse, and had to add
additional β-glucosidase in their experiments to reduce the
cellobiose concentration. For next 24 h, S.cerevisiae enters
the log phase utilizing the consumable sugars derived from
cellulose, which, in turn, increased the percentage of ethanol
produced during fermentation. Ethanol production reaches
the maximum during the stationary phase of the organism.
Maximum amount of reducing sugar was obtained in the lag
phase and then in the stationary phase which was utilized
for the growth and maintenance of the microorganism,
respectively. SSF profile of jamun using acid pretreatment at
30◦C is shown in Figure 3.

4. Conclusion

The use of recombinant cellulase for bioethanol production
is a strategy to reduce the enzyme cost. The in vitro cellulase
production and activity can be enhanced using the fed-batch
mode. This study could establish that the agricultural wastes
which have considerable disposal problem can be used for
ethanol production through the process of simultaneous
saccharification and fermentation. Thus, the present study
opens new possibilities of exploiting leafy litter commercially
for industrial applications. There is certainly the scope of
enhancing the ethanol yield by process optimization. The
process with optimized fermentation conditions can then be
used for scaling up to the pilot scale.

Acknowledgment

The research work was supported by a joint project grant
from Department of Biotechnology, Ministry of Science and
Technology, New Delhi, India, to A. Goyal and D. Goyal.

References

[1] M. E. Oliveira, B. E. Vaughan, and E. J. Rykiel, “Ethanol as fuel:
energy, carbon dioxide balances, and ecological footprint,”
BioScience, vol. 55, no. 7, pp. 593–602, 2005.

[2] H. Shapouri and P. Gallagher, “USDA’s 2002 ethanol cost-of-
production survey,” USDA Agricultural Economic Report 841,
2009, http://www.usda.gov/oce/reports/energy/USDA 2002
ETHANOL.pdf.

[3] B. Mahro and M. Timm, “Potential of biowaste from the food
industry as a biomass resource,” Engineering in Life Sciences,
vol. 7, no. 5, pp. 457–468, 2007.

[4] C. N. Hamelinck, G. F. Van Hooijdonk, and A. P. C. Faaij,
“Ethanol from lignocellulosic biomass: techno-economic per-
formance in short-, middle- and long-term,” Biomass and
Bioenergy, vol. 28, no. 4, pp. 384–410, 2005.



6 Enzyme Research

[5] G. Y. S. Mtui, “Recent advances in pretreatment of lignocellu-
losic wastes and production of value added products,” African
Journal of Biotechnology, vol. 8, no. 8, pp. 1398–1415, 2009.

[6] M. Moniruzzaman, “Effect of steam explosion on the physic-
ochemical properties and enzymatic saccharification of rice
straw,” Applied Biochemistry and Biotechnology, vol. 59, no. 3,
pp. 283–297, 1996.

[7] O. Kim, B. Magnus, and L. Gunnar, “A short review on SSF—
an interesting process option for ethanol production from
lignocellulosic feedstocks,” Biotechnology for Biofuels, vol. 1, p.
7, 2008.

[8] A. Pandey, C. R. Soccol, P. P. Nigam, and V. T. Soccol, “Biotech-
nological potential of agro-industrial residues. I: sugarcane
bagasse,” Bioresource Technology, vol. 7, no. 1, pp. 69–80, 2000.

[9] H. Das and S. Singh, “Useful byproducts from cellulosic wastes
of agriculture and food industry—a critical appraisal,” Critical
Reviews in Food Science and Nutrition, vol. 44, no. 2, pp. 77–89,
2004.

[10] T. Foyle, L. Jennings, and P. Mulcahy, “Compositional analysis
of lignocellulosic materials: evaluation of methods used for
sugar analysis of waste paper and straw,” Bioresource Technol-
ogy, vol. 98, no. 16, pp. 3026–3036, 2007.

[11] E. J. Taylor, A. Goyal, C. I. P. D. Guerreiro et al., “How family
26 glycoside hydrolases orchestrate catalysis on different
polysaccharides: structure and activity of a Clostridium ther-
mocellum lichenase, CtLic26A,” Journal of Biological Chem-
istry, vol. 280, no. 38, pp. 32761–32767, 2005.

[12] N. Sharma, K. L. Kalra, H. S. Oberoi, and S. Bansal,
“Optimization of fermentation parameters for production of
ethanol from kinnow waste and banana peels by simultaneous
saccharification and fermentation,” Indian Journal of Microbi-
ology, vol. 47, no. 4, pp. 310–316, 2007.

[13] B. C. Okeke and S. K. C. Obi, “Saccharification of agrowaste
materials by fungal cellulases and hemicellulases,” Bioresource
Technology, vol. 51, no. 1, pp. 23–27, 1994.

[14] H. K. Reddy, M. Srijana, M. D. Reddy, and G. Reddy, “Cocul-
ture fermentation of banana agro-waste to ethanol by cellu-
lolytic thermophilic Clostridium thermocellum CT2,” African
Journal of Biotechnology, vol. 9, no. 13, pp. 1926–1934, 2010.

[15] N. Nelson, “A photometric adaptation of the Somogyi method
for the determination of glucose,” Journal of Biological Chem-
istry, vol. 153, pp. 375–380, 1944.

[16] M. Somogyi, “A new reagent for the determination of sugars,”
Journal of Biological Chemistry, vol. 160, no. 1, pp. 61–68, 1945.

[17] M. M. Bradford, “A rapid and sensitive method for the
quantitation of microgram quantities of protein utilizing the
principle of protein dye binding,” Analytical Biochemistry, vol.
72, no. 1-2, pp. 248–254, 1976.

[18] H. B. Seo, H. J. Kim, and H. K. Jung, “Measurement of ethanol
concentration using solvent extraction and dichromate oxi-
dation and its application to bioethanol production process,”
Journal of Industrial Microbiology and Biotechnology, vol. 36,
no. 2, pp. 285–292, 2009.

[19] D. Damisa, J. Ameh, and V. J. Umoh, “Effect of chemical pre-
treatment of some lignocellulosic wastes on the recovery of
cellulase from Aspergillus niger AH3 mutant,” African Journal
of Biotechnology, vol. 7, no. 14, pp. 2444–2450, 2008.

[20] E. Ruiz, C. Cara, M. Ballesteros, P. Manzanares, I. Ballesteros,
and E. Castro, “Ethanol production from pretreated olive
tree wood and sunflower stalks by an SSF process,” Applied
Biochemistry and Biotechnology, vol. 129-132, no. 1–3, pp.
631–643, 2006.

[21] J. M. Hernandez-Sales, M. S. Villa-Ramirez, J. S. Veloz-Rendon
et al., “Comparative hydrolysis and fermentation of sugarcane

and agave bagasse,” Bioresource Technology, vol. 100, pp. 1238–
1245, 2009.

[22] C. Martı́n, H. B. Klinke, and A. B. Thomsen, “Wet oxidation
as a pretreatment method for enhancing the enzymatic con-
vertibility of sugarcane bagasse,” Enzyme and Microbial Tech-
nology, vol. 40, no. 3, pp. 426–432, 2007.

[23] A. H. El-Refai, M. S. El-Abyad, A. I. El-Diwany, L. A. Sallam,
and R. F. Allam, “Some physiological parameters for ethanol
production from beet molasses by Saccharomyces cerevisiae Y-
7,” Bioresource Technology, vol. 42, no. 3, pp. 183–189, 1992.

[24] G. Verma, P. Nigam, D. Singh, and K. Chaudhary, “Bioconver-
sion of starch to ethanol in a single-step process by coculture
of amylolytic yeasts and Saccharomyces cerevisiae,” Bioresource
Technology, vol. 72, no. 3, pp. 261–266, 2000.

[25] S. Sánchez, V. Bravo, A. J. Moya, E. Castro, and F. Camacho,
“Influence of temperature on the fermentation of D-xylose by
Pachysolen tannophilus to produce ethanol and xylitol,” Process
Biochemistry, vol. 39, no. 6, pp. 673–679, 2004.

[26] M. S. El-Abyad, A. H. El-Refai, A. I. El-Diwany, L. A. Sallam,
and R. F. Allam, “Effect of some fermentation parameters
on ethanol production from beet molasses by Saccharomyces
cerevisiae Y-7,” Bioresource Technology, vol. 42, no. 3, pp. 191–
195, 1992.

[27] A. Rudolf, M. Alkasrawi, G. Zacchi, and G. Lidén, “A com-
parison between batch and fed-batch simultaneous saccharifi-
cation and fermentation of steam pretreated spruce,” Enzyme
and Microbial Technology, vol. 37, no. 2, pp. 195–205, 2005.

[28] P. Sassner, M. Galbe, and G. Zacchi, “Bioethanol production
based on simultaneous saccharification and fermentation of
steam-pretreated Salix at high dry-matter content,” Enzyme
and Microbial Technology, vol. 39, no. 4, pp. 756–762, 2006.

[29] M. Linde, M. Galbe, and G. Zacchi, “Simultaneous saccharifi-
cation and fermentation of steam-pretreated barley straw at
low enzyme loadings and low yeast concentration,” Enzyme
and Microbial Technology, vol. 40, no. 5, pp. 1100–1107, 2007.

[30] R. Eklund and G. Zacchi, “Simultaneous saccharification and
fermentation of steam-pretreated willow,” Enzyme and Micro-
bial Technology, vol. 17, no. 3, pp. 255–259, 1995.

[31] K. Kovacs, M. Stefano, S. George, and Z. Guido, “Enzymatic
hydrolysis of steam-pretreated lignocellulosic materials with
Trichoderma atroviride Trichoderma atroviride enzymes pro-
duced in-house,” Biotechnology for Biofuels, vol. 2, p. 14, 2009.



SAGE-Hindawi Access to Research
Enzyme Research
Volume 2011, Article ID 217861, 11 pages
doi:10.4061/2011/217861

Review Article

Laccase: Microbial Sources, Production, Purification, and
Potential Biotechnological Applications

Shraddha, Ravi Shekher, Simran Sehgal, Mohit Kamthania, and Ajay Kumar

Department of Biotechnology, Institute of Biomedical Education & Research, Mangalayatan University, Aligarh 202001, India

Correspondence should be addressed to Ajay Kumar, ajaymtech@gmail.com

Received 25 January 2011; Revised 30 March 2011; Accepted 16 April 2011

Academic Editor: Alane Beatriz Vermelho

Copyright © 2011 Shraddha et al. This is an open access article distributed under the Creative Commons Attribution License,
which permits unrestricted use, distribution, and reproduction in any medium, provided the original work is properly cited.

Laccase belongs to the blue multicopper oxidases and participates in cross-linking of monomers, degradation of polymers, and ring
cleavage of aromatic compounds. It is widely distributed in higher plants and fungi. It is present in Ascomycetes, Deuteromycetes
and Basidiomycetes and abundant in lignin-degrading white-rot fungi. It is also used in the synthesis of organic substance, where
typical substrates are amines and phenols, the reaction products are dimers and oligomers derived from the coupling of reactive
radical intermediates. In the recent years, these enzymes have gained application in the field of textile, pulp and paper, and food
industry. Recently, it is also used in the design of biosensors, biofuel cells, as a medical diagnostics tool and bioremediation agent
to clean up herbicides, pesticides and certain explosives in soil. Laccases have received attention of researchers in the last few
decades due to their ability to oxidize both phenolic and nonphenolic lignin-related compounds as well as highly recalcitrant
environmental pollutants. It has been identified as the principal enzyme associated with cuticular hardening in insects. Two main
forms have been found: laccase-1 and laccase-2. This paper reviews the occurrence, mode of action, general properties, production,
applications, and immobilization of laccases within different industrial fields.

1. Introduction

In the recent years, enzymes have gained great importance
in Industries; laccases are one among them which are widely
present in the nature. Laccases are the oldest and most
studied enzymatic systems [1]. These enzymes contain 15–
30% carbohydrate and have a molecule mass of 60–90 kDa.
These are copper containing 1,4-benzenediol: oxygen ox-
idoreductases (EC 1.10.3.2) found in higher plants and
microorganisms. These are glycosylated polyphenol oxidases
that contain 4 copper ions per molecule that carry out 1
electron oxidation of phenolic and its related compound and
reduce oxygen to water [2, 3]. When substrate is oxidized
by a laccase, it loses a single electron and usually forms a
free radical which may undergo further oxidation or nonen-
zymatic reactions including hydration, disproportionation,
and polymerization [4]. These enzymes are polymeric and
generally contain 1 each of type 1, type 2, and type 3 copper
centre/subunit where the type 2 and type 3 are close together
forming a trinuclear copper cluster.

Laccases are widely distributed in higher plants, bacteria,
fungi, and insects. In plants, laccases are found in cabbages,
turnip, potatoes, pears, apples, and other vegetables. They
have been isolated from Ascomyceteous, Deuteromycteous
and Basidiomycetous fungi to which more than 60 fungal
strains belong [3]. The white-rot Basidiomycetes fungi effi-
ciently degrade the lignin in comparison to Ascomycetes and
Deuteromycetes which oxidize phenolic compounds to give
phenoxy radicals and quinines [5].

Laccases play an important role in food industry, paper
and pulp industry, textile industry, synthetic chemistry, cos-
metics, soil bioremediation and biodegradation of environ-
mental phenolic pollutant and removal of endocrine disrup-
tors [2]. These enzymes are used for pulp delignification,
pesticide or insecticide degradation, organic synthesis [4],
waste detoxification, textile dye transformation, food tech-
nological uses, and biosensor and analytical applications.

Recently laccases have been efficiently applied to nano-
biotechnology due to their ability to catalyze electron transfer
reactions without additional cofactor. The technique for
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the immobilization of biomolecule such as layer-by-layer,
micropatterning, and self-assembled monolayer technique
can be used for preserving the enzymatic activity of laccases.

2. Sources of Laccases

Laccase is generally found in higher plants and fungi but
recently it was found in some bacteria such as S.lavendulae,
S.cyaneus, and Marinomonas mediterranea [6–8]. In fungi,
laccases appear more than the higher plants. Basidiomycetes
such as Phanerochaete chrysosporium, Theiophora terrestris,
and Lenzites, betulina [9], and white-rot fungi [10, 11] such
as Phlebia radiate [12], Pleurotus ostreatus [13], and Trametes
versicolour [14] also produce laccase. Many Trichoderma
species such as T. atroviride, T. harzianum [15], and T.
longibrachiatum [16] are the sources of laccases. Laccase
from the Monocillium indicum was the first laccase to be
characterized from Ascomycetes which shows peroxidase
activity [8]. Pycnoporus cinnabarinus produces laccase as
ligninolytic enzyme while Pycnoporus sanguineus produces
laccase as phenol oxidase [17, 18]. In plants, laccase plays a
role in lignifications whereas in fungi it has been implicated
in delignification, sporulation, pigment production, fruiting
body formation, and plant pathogenesis [19, 20].

3. Mechanism of Laccases

The laccase catalysis occurs due to the reduction of one
oxygen molecule to water accompanied with the oxidation of
one electron with a wide range of aromatic compounds which
includes polyphenol [21], methoxy-substituted monophe-
nols, and aromatic amines [14]. Laccases contain 4 copper
atoms termed Cu T1 (where the reducing substrate binds)
and trinuclear copper cluster T2/T3 (electron transfer from
type I Cu to the type II Cu and type III Cu trinuclear clus-
ter/reduction of oxygen to water at the trinuclear cluster) [3].
These four copper ions are classified into three categories:
Type 1 (T1), Type 2 (T2) and Type 3 (T3). These three types
can be distinguished by using UV/visible and electronic par-
amagnetic resonance (EPR) spectroscopy.

At oxidizing state, the Type 1 Cu gives blue colour to the
protein at an absorbance of 610 nm which is EPR detectable,
Type 2 Cu does not give colour but is EPR detectable, and
Type 3 Cu contains a pair of atoms in a binuclear confor-
mation that give a weak absorbance in the near UV region
but not detected by EPR signal [19]. The Type 2 copper and
Type 3 copper form a trinuclear centre which is involved
in the enzyme catalytic mechanism. The O2 molecule binds
to the trinuclear cluster for asymmetric activation, and it
is postulated that the O2 binding compartment appears to
restrict the access of oxidizing agents. During steady state,
laccase catalysis indicates that O2 reduction takes place [3].
Laccase operates as a battery and stores electrons from
individual oxidation reactions to reduce molecular oxygen.
Hence, the oxidation of four reducing substrate molecules
is necessary for the complete reduction of molecular oxygen
to water. When laccase oxidizes the substrate, free radicals
are generated. The lignin degradation proceeded by phenoxy

radical leads to oxidation at α-carbon or cleavage of bond
between α-carbon and β-carbon. This oxidation results in an
oxygen-centered free radical, which can be converted into a
second enzyme-catalyzed reaction to quinone. The quinone
and the free radicals can then undergo polymerization [19].
The organization of the copper sites in laccase is explained
by the spectroscopic studies [22] which reveal that Type 2
copper coordinates two His-N and one oxygen atom as OH−

while each copper of Type 3 coordinates three His residues.
Further, both T2 and T3 copper sites have open coordination
positions towards the center of trinuclear cluster with the
negative protein compartment [23].

The laccase-mediated catalysis can be extended to non-
phenolic substrates by the insertion of mediators. Mediators
are low-molecular-weight organic compounds that are oxi-
dized by laccase. The highly active cation radicals oxidize the
non-phenolic compounds that laccase alone cannot oxidize.
The most common synthetic mediators are 1-hydroxy ben-
zotriazole (HOBT), N-hydroxyphthalimide (NHPI), 2,2′-
azinobis-(3-ethylbenzthiazoline-6-sulfonate) (ABTS), and 3
hydroxyanthranilic acid [14, 24]. In presence of ABTS oxygen
uptake by laccase is faster than the HOBT.

4. Properties of Laccase Enzyme

Laccases are mainly monomeric, dimeric, and tetrameric gly-
coprotein. Glycosylation plays an important role in copper
retention, thermal stability, susceptibility to proteolytic deg-
radation, and secretion. Upon purification, laccase enzymes
demonstrate considerable heterogeneity. Glycosylation con-
tent and composition of glycoprotein vary with growth me-
dium composition.

5. Production of Laccase

Laccases are the enzymes which are secreted out in the
medium extracellularey by several fungi [25] during the
secondary metabolism but not all fungal species produce
laccase such as Zygomycetes and Chytridiomycetes [26]. The
literature describes the production of laccase by soil as well
as some freshwater Ascomycetes species [27–31]. In addition
to this, laccase production was also found in Gaeumanno-
myces graminis, Magnaporthe grisea, Ophiostoma novo-ulmi,
Marginella, Melanocarpus albomyces, Monocillium indicum,
Neurospora crassa, and Podospora anserina [8, 32–38].

Botryosphaeria produces a dimethoxyphenol oxidizing
enzyme which is a true laccase [39]. The Ascomycetes species
which participate in the plant biomass decay contain laccase
genes which oxidize syringaldazine [40]. Cryptococcus neo-
formans is Basidiomycetes yeast which produces laccase and
oxidizes phenols and aminophenol but is unable to oxidize
tyrosine [1]. Only plasma membrane-bound multicopper
oxidase of Saccharomyces cerevisiae shows homology with
fungal laccase [41].

Basidiomycetes and Saprotrophic fungi are the most
widely known species that produce substantial amount of
laccase in changeable quantity [42]. In case of Pycnoporus
cinnabarinus, laccase was the only ligninolytic enzyme which
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degrades lignin [17]. But the laccase producing capability of
brown-rot fungi is not known, and no laccase has been puri-
fied. Recently it was found that brown-rot fungus Coniophora
puteana [43] oxidizes the syringaldazine and supports the
oxidation of ABTS in Laetiporus sulphureus [44]. Several fac-
tors influence laccase production such as type of cultivation
(submerged or solid state), carbon limitation, and nitrogen
source [45].

6. Influence of Carbon and Nitrogen Source

The organism grown in the defined medium contains
0.1% w/v yeast extract and 1% (w/v) different carbon sources
as well as nitrogen sources. Glucose, mannose, maltose, fruc-
tose, and lactose are the commonly used carbon sources. The
excess glucose and sucrose reduce the production of laccase
by obstructing the initiation. This problem of production of
enzyme can be improved by using polymeric substrates like
cellulose [43]. Yeast extract, peptone, urea, (NH4)2SO4, and
NaNO3 are the commonly used nitrogen sources. Laccase
production is triggered by nitrogen depletion [46] but some
nitrogen strains do not affect the enzyme activity [47]. Some
studies show that the elevated laccase activity was achieved
by using low carbon-to-nitrogen ratio [48] while others show
that it was achieved at high carbon-to-nitrogen ratio [49].

7. Influence of Temperature

The effect of temperature is limited in case of laccase pro-
duction. The optimal temperature of laccase differs greatly
from one strain to another. It has been found that 25◦C is
the optimal temperature for laccase production in presence
of light, but, in case of dark, the optimal temperature is
30◦C [19]. The optimum temperature range for laccase
production is between 25◦C and 30◦C [50]. Farnet et al.
[51] found that preincubation of enzymes at 40◦C and 50◦C
greatly increased laccase activity. The laccase from P. ostreatus
is almost fully active in the temperature range of 40◦C–
60◦C, with maximum activity at 50◦C. The activity remains
unaltered after prolonged incubation at 40◦C for more than
4 h [52]. Nyanhongo et al. [53] showed that laccase produced
by T. modesta was fully active at 50◦C and was very stable at
40◦C but half-life decreased to 120 min at higher temperature
(60◦C).

8. Influence of pH

The effect of pH is limited in case of laccase production
[19]. The optimum value of pH varies according to the
substrate because different substrate causes different reaction
for laccases. Many reports suggested that the bell-shaped
profile occurs in case of laccase activity. At high pH value,
the potential difference between the phenolic substrate and
the T1 copper can increase the substrate oxidation while
the hydroxide anion (OH−) binds to the T2/T3 copper
centre. These effects help us in determining the optimum
value of pH for laccase enzyme [54]. Cordi et al. [55] use
syringaldazine as a substrate and determine the effect of pH

on enzyme activity in the range of 3.0–8.0. The optimum pH
for L1 (isozyme of laccase) was 4.0 whereas the optimum
pH for L2 was 5.0. Han et al. [56] extracted laccase from
Trametes versicolour which showed high enzyme activity at
broad range of pH and temperature ranges but the optimum
activity was found at pH 3.0 and 50◦C temperature. Laccase
extracted from Stereum ostrea showed the highest activity at
pH 6.0 and 40◦C temperature [57]. When fungi are grown in
the medium of pH 5.0, the laccase will produce in excess but
most studies show that pH between 4.5 and 6.0 is suitable for
enzyme production [19].

9. Influence of Agitator

Agitation is another factor which affects laccase production.
Hess et al. [58] found that mycelia are damaged when fungus
is grown in the stirred tank reactor and laccase production
by Trametes multicolour is considerably decreased. Mohorčič
et al. [59] found that cultivation of white-rot fungus
Bjerkandera adusta in a stirred tank reactor with very low
activities was attained. Tavares et al. [60] observed that
agitation did not play any role in the production of laccase
by T. versicolour.

10. Influence of Inducer

Laccase production has been seen to be highly dependent
on fungus cultivation [61]. During secondary metabolic
phase, ligninolytic systems are activated and triggered by
nitrogen concentration [49]. Laccases are generally produced
in low concentrations by laccase-producing fungi [39], but
higher concentrations were obtained with the addition of
various supplements such as xenobiotic compound to media
[62, 63]. The addition of aromatic compounds such as 2,5-
xylidine, lignin, and veratryl alcohol is known to increase
and induce laccase activity [63, 64]. Veratryl alcohol is an
aromatic compound; its addition to cultivation media results
in an increase of laccase production [65]. The addition
of 2,5-xylidine after 24 h of cultivation gave the highest
induction of laccase activity and increased laccase activity
ninefold. At higher concentrations the 2,5-xylidine had a
reducing effect due to toxicity [17]. The promoter region
encoding for laccase contains various recognition sites that
are specific for xenobiotics and heavy metals [66]; they bind
to the recognition sites and induce laccase production. The
addition of inducer increases the concentration of a specific
laccase enzyme [67]. Lee et al. [62] found that alcohol
enhanced laccase activity more in comparison to xylidine.
This is a very economical way to enhance laccase production.
Cellobiose increase laccase activity by profusing branch in
certain Trametes species [68]. Low concentrations of Cu+2

to the cultivation media increases the laccase production
50 times in comparison to basal medium [13, 69]. A
new basidiomycete, Trametes sp. 420, produced laccase in
glucose medium and in cellobiose medium with induction by
0.5 mM and 6 mM o-toluidine [70]. D’Souza-Ticlo et al. [71]
performed various experiments to determine the effect of
inhibitor on the activity of Lac-II in the presence of sodium
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azide, SDS, and mercaptoethanol. They found that 32–37%
activity of Lac-II was inhibited in the presence of Sn, Ag, and
Hg while 56% and 48% Lac-II activity was inhibited in the
presence of Cr and W, respectively. Dubé et al. [72] found
that 5Mm EDTA inhibits the total laccase activity.

11. Type of Cultivation

Submerged and solid-state modes of fermentation are used
intensely for the production of laccase. Wild-type filamen-
tous fungi are used for large-scale production of laccase in
different cultivation techniques.

11.1. Submerged Fermentation. Submerged fermentation
involves the nurturing of microorganisms in high oxygen
concentrated liquid nutrient medium. Viscosity of broth is
the major problem associated with the fungal submerged
fermentations. When fungal cell grows, mycelium is formed
which hinders impeller action, due to this limitation occur-
ing in oxygen and mass transfer. For dealing with this
problem, different strategies have been employed. Bioreactor
operates in continuous manner for obtaining high efficiency.
In this Trametes versicolour is employed which decolorizes the
synthetic dye, and for this purpose pulsed system has been
developed [73–77]. Broth viscosity, oxygen, and mass trans-
fer problems are also solved by cell immobilization. Luke and
Burton [78] reported that continuous laccase production
takes place without enzyme deactivation for a period of 4
months due to the immobilization of the Neurospora crassa
on membrane. For bioremediation of pentachlorophenol
(PCP) and 2,4-dichlorophenol (2,4 DCP), nylon mesh is
used for comparing the free cell culture of T. versicolour
with immobilized cultures. Couto et al. and Sedarati et al.
investigated that, in fixed bed bioreactors, stainless steel
showed the highest laccase activity among different synthetic
materials which were used as carriers for the immobilization
of Trametes hirsute [79–81]. The most effective way of
producing laccase is Fed-batch operation through which the
highest laccase activity can be obtained.

11.2. Solid-State Fermentation. SSF is suitable for the pro-
duction of enzymes by using natural substrates such as
agricultural residues because they mimic the conditions
under which the fungi grow naturally [82–85]. The lignin,
cellulose and hemicelluloses are rich in sugar and promote
fungal growth in fermentor and make the process more
economical [86]. The major drawback is the bioreactor
design in which heat and mass transfer is limited. Different
bioreactor configurations have been studied for laccase
production such as immersion configuration, expanded bed,
tray, inert (nylon) and noninert support (barley bran) in
which tray configuration gave the best response [87]. A
tray and immersion configuration is compared for laccase
production by using grape seeds and orange peel as substrate
[88, 89].

Laccase production by both solid-state and submerged
fermentation is higher in case of rice bran than other
substrates. The rice bran inductive capability is based on the

phenolic compounds such as ferulic acid, and vanillic acid
which induce the laccase production [90]. Many agricultural
wastes such as grape seeds, grape stalks, barley bran [91],
cotton stalk, molasses waste water [92] and wheat bran [93]
are also used as substrate for laccase production. However,
laccase production in both solid-state and submerged fer-
mentation did not reach up to the maximum level; that is
why prolonged cultivation is required.

12. Purification of Laccase

Ammonium sulphate is being commonly used for the en-
zyme purification for many years. But researchers have found
much more efficient methodologies such as protein pre-
cipitation by ammonium sulphate, anion exchange chro-
matography, desalt/buffer exchange of protein, and gel filtra-
tion chromatography. Single-step laccase purification from
Neurospora crassa takes place by using celite chromatography
and 54 fold purification was obtained with specific activity
of 333 U mg−1 [94]. Laccase from LLP13 was first purified
with column chromatography and then purified with gel
filtration [10, 11]. Laccase from T. versicolour is purified
by using ethanol precipitation, DEAE-Sepharose, Phenyl-
Sepharose and Sephadex G-100 chromatography which is
a single monomeric laccase with a specific activity of
91,443 U mg−1 [58]. Laccase from T. versicolour is purified
with Ion Exchange chromatography followed by gel filtration
with specific activity of 101 U mL−1 and 34.8-fold purifi-
cation [55]. Laccase from Stereum ostrea is purified with
ammonium sulphate followed by Sephadex G-100 column
chromatography with 70-fold purification [9]. Laccase from
fruiting bodies is purified with ammonium sulphate precip-
itation with 40–70% saturation and DEAE cellulose chro-
matography then 1.34 and 3.07 fold purification is obtained
respectively [95].

13. Applications of Laccase

Laccase is important because it oxidizes both the toxic and
nontoxic substrates. It is utilized in textile industry, food
processing industry, wood processing industry, pharmaceu-
tical industry, and chemical industry. This enzyme is very
specific, ecologically sustainable and a proficient catalyst.
Applications of laccase are as follows.

13.1. Dye Decolorization. Textile industry utilizes large vol-
ume of water and chemicals for wet processing. These chem-
icals range from inorganic compounds to organic com-
pounds. The chemical structure of dyes provides a resistance
to fading when exposed to light, water, and other chemicals.
Laccase degrades dye; that is why laccase-based processes
have been developed which include synthetic dyes and are
being used in the industry nowadays [96, 97].

Blánquez et al. [98] used T. versicolour in the form of
pellets to treat a black liquors discharge for detoxifying and
reducing the colour, aromatic compounds, and chemical
oxygen demand (COD). They found that colour and aro-
matic compounds were reduced up to 70–80% and COD
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was reduced up to 60%. They concluded that T. versicolour is
able to produce laccase. T. versicolour completely decolorizes
the Amaranth, Tropaeolin O, Reactive Blue 15, Congo Red,
and Reactive Black 5 with no dye sorption while it partially
decolorizes Brilliant Red 3G-P, Brilliant Yellow 3B-A and
Remazol Brilliant Blue R with some dye sorption. They found
that after decolourization, toxicity of few dyes remained the
same while some became nontoxic [99]. Laccase-based hair
dyes are less irritant and easier to handle than conventional
hair dyes because laccases replace H2O2 in the dye formula-
tion [100]. Laccase are also used in dechlorination process.
Xylidine is a laccase inducer which increases dechlorination
activity due to which dissolved oxygen concentration is
reduced [101]. Romero et al. [77] found that bacteria S.
maltophilia decolorizes some synthetic dyes (methylene blue,
methyl green, toluidine blue, Congo red, methyl orange, and
pink) as well as the industrial effluent.

13.2. Bioremediation and Biodegradation. Due to rapid
industrialization and extensive use of pesticides for better
agricultural productivity, contamination of soil, water, and
air take place which is a serious environmental problem of
today. Polychlorinated biphenyls (PCB), benzene, toluene,
ethyl benzene, xylene (BTEX), polycyclic aromatic hydro-
carbons (PAH), pentachlorophenol (PCP), 1,1,1-trichloro-
2,2-bis (4-chlorophenyl) ethane (DDT), and trinitrotoluene
(TNT) are the substances which are known for their
carcinogenic as well as mutagenic effect and are persistent in
the environment. Fungi renovate a wide variety of hazardous
chemicals; that is why the researcher’s interest is generated in
them [102].

T. versicolour is used for the bioremediation of atrazine
in soil with low moisture and organic contents that are nor-
mally found in semiarid and Mediterranean-like ecosystems
[103]. Keum and Li [104] obtained laccase from T. versicolour
and Pleurotus ostreatus for the degradation of PCBs as well
as phenol and found as chlorination increases, degradation
rate decreases and concluded that 3-hydroxy biphenyl was
more resistant to laccase degradation than 2- or 4-hydroxy
analogues. After five days of incubation, when glucose and
fructose were used as a cosubstrate than 71% of p-hydroxy
benzoic acid and 56% of protocatechuic acid were degraded
[105].

Laccase obtained from T. villosa remediates the soil by
degrading 2,4-DCP (2,4-dichlorophenol). An experiment
was performed by Ahm in which he took 2 types of soil:
in soil 1, both free and immobilized laccase remove 100%
of 2,4-DCP (without regard of moisture content). In soil 2,
immobilized laccase removed more 2,4-DCP (about 95%)
than free enzyme (55%, 75%, and 90%, at 30%, 55%, 100%
maximum water holding capacity) [106]. Cerrena unicolosr
produces laccase in the low nitrogen medium which has the
capability of reducing lignin content from sugarcane bagasse
up to 36% within 24 h at 30◦C [71].

13.3. Paper and Pulp Industry. Chlorine and oxygen-based
chemical oxidants are used for the separation and degrada-
tion of lignin which is required for the preparation of paper

at industrial level. But some problems such as recycling,
cost, and toxicity remain unsolved. However, in the existing
bleaching process, LMS could be easily implemented because
it leads to a partial replacement of ClO2 in pulp mills [54].

13.4. Food Processing Industry. In food industry, laccase is
used for the elimination of undesirable phenolic compound
in baking, juice processing, wine stabilization, and biore-
mediation of waste water [2]. Laccase improves not only
the functionality but also the sensory properties [107]. In
beer industry, laccase not only provides stability but also
increases the shelf life of beer. In beer, haze formation
takes place which is stimulated by the naturally present
proanthocyanidins polyphenol and is referred to as chill
haze. At room temperature or above, warming of beer
can redissolve the complex. After certain periods of time,
phenolic rings are replaced by the sulphydryl group and
permanent haze is formed which cannot be redissolved. For
polyphenol oxidation, laccase has been used which is capable
of removing the excess oxygen and also due to which the
shelf life of beer increases [108, 109]. For making a fruit
juice stable, laccase is commonly used. Phenol compounds
and their oxidative products present naturally in the fruit
juice give colour and taste to the juice. Colour and aroma
change when polymerization and oxidation of phenolic and
polyphenol take place. These changes are due to the high
concentration of polyphenol and referred to as enzymatic
darkening [110]. Laccase treatment removes phenol as well
as substrate-enzyme complex by the help of membrane
filtration, and colour stability is achieved, although turbidity
is present. Laccase treatment is more effective in comparison
to conventional methods. For improving the texture, volume,
flavor and freshness of bread, wide range of enzymes are
used. When laccase is added to the dough, strength of
gluten structures in dough and baked products is improved:
product volume increases, crumb structure improves, and
softness of baked products takes place. Due to the laccase
addition, stickiness decreases, strength and stability increase
and the ability of machine is also improved which can
also seen by using a low-quality flour [109]. At crushing
and pressing stage, the high concentration of phenolic and
polyphenolic compound play an important role in the wine
production. The high concentration of polyphenol obtained
from the stems, seeds and skins which depends on the grape
variety and vinification conditions contributes to of colour
and astringency [111]. Due to the complex event, polyphenol
oxidation occurs in musts and wines resulting in the increase
in colour and flavour change which is referred to as
maderization [108]. Catalytic factors, polyphenol removal,
clarification, polyvinylpolypyrrolidone (PVPP), and high
doses of sulfur dioxide are utilized to prevent maderization.
Minussi et al. found that polyphenol removal is selective
and results in undesirable organoleptic characteristics and
concluded that laccase treatment is feasible, increasing
storability and reducing processing costs [111].

13.5. Other Applications. Laccase not only is used in food in-
dustry, paper and pulp industry, textile industry but also has
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other applications. In traditional system, PVPP is used for the
removal of excess polyphenol which has low biodegradability
and creates problems in wastewater treatment [109]. Laccase
has the ability to decrease odour arising from the garbage
disposal sites, livestock farms and pulp mills. Since laccases
catalyze the electron transfer reactions without additional
cofactors, they can also be used as biosensors to detect
various phenolic compounds, oxygen, and azide. As biosen-
sor, laccase can detect morphine, codeine, catecholamine,
estimate phenol or other enzymes in fruit juice and plant
flavonoid. Recently, laccase has been used as a biocatalyst for
the synthesis of organic substance as well as in the design
of biofuel cell [54]. For the bioremediation of food industry
wastewater, laccase has been utilized. In bioremediation pro-
cess, contaminants are biotransformed to their original sta-
tus which has no bad effects on the environment [112]. Large
amount of polyphenol is present in the beer factory wastew-
ater which is dark brown in colour and degraded by the
white-rot fungus Coriolopsis gallica [113]. Laccase produced
from Trametes sp. bioremediates the distillery wastewater
generated from the sugarcane molasses fermentation with
high content of organic matter [114]. Olive mill wastewater
is bioremediated by the help of immobilized laccase which is
beneficial for the cultivation of fungi for laccase production
[109]. Many countries pose some rules and regulation for the
pollutants which includes phenols and amines [115].

13.6. Laccase Function in Insects. Laccase has been found
in the cuticles of many insect species [116, 117] and is
involved in cuticle sclerotization [118, 119]. Laccases oxidizes
catechols in the cuticle to their corresponding quinones,
which catalyzes protein cross-linking reactions. In several
holometabolous insects, laccase has been identified as the
principal enzyme associated with cuticular hardening [120–
123]. The insect laccase is a long amino-terminal sequence
characterized by a unique domain consisting of several
conserved cysteine, aromatic, and charged residues. In recent
years, cloning of insect laccase genes has been performed
[120, 121, 124] and two main forms have been found:
laccase-1 and laccase-2 [120, 121, 125, 126]. Laccase-1 was
found to be expressed in the midgut, Malpighian tubules
[121, 126, 127] and fat body as well as the epidermis of
the tobacco hornworm, Manduca sexta, and may oxidize
toxic compounds ingested by the insect [121]. On the
other hand, laccase-2 was involved in cuticle tanning of
the red flour beetle, Tribolium castaneum [120]. Recently, a
laccase in the salivary glands of N. cincticeps was identified,
which is secreted in watery saliva, by using biochemical
and histochemical approaches [128]. A possible function
of salivary laccase (diphenoloxidase) is in the enhancement
of the oxidative gelling occurring in the stylet sheath by
a quinone-tanning reaction [129] and rapid oxidization of
potentially toxic monolignols to nontoxic polymers during
feeding [128].

14. Laccase Immobilization

When enzyme is immobilized, it becomes more vigorous
and resistant to alteration in environment which allows

easy recovery and reuse of enzyme for multiple purposes.
That is why researchers are moving towards the efficient
methods of immobilization which influence the properties
of the biocatalyst. Laccase immobilization has been studied
with a wide range of different immobilization methods and
substrates.

Laccase produced by Trametes versicolour is immobilized
on silica which is chemically modified with imidazole groups
and Amberlite IRA-400. Glass-ceramic is chemically mod-
ified by carbodiimide/glutaraldehyde as well as aminopro-
propyltriethoxysilane/glutaraldehyde, and montmorillonite
is modified by aminopropyltriethoxysilane/glutaraldehyde
which was used in the decolorization of textile dyes [130].
Laccase can be immobilized on different pyrolytic graphite
(best support), ceramics supports and on a carbon fiber
electrode where it acts as biosensor. At the 12th day, max-
imum laccase activity 40,774.0 U L−1 was achieved [131].
An optical biosensor is fabricated by using stacked films
for the detection of phenolic compounds; 3-methyl-2-ben-
zothiazolinone hydrazone (MBTH) was immobilized on a
silicate film and laccase on a chitosan film [132].

15. Conclusion

Laccases are the versatile enzymes which catalyze oxidation
reactions coupled to four-electron reduction of molecular
oxygen to water. They are multicopper enzymes which are
widely distributed in higher plants and fungi. They are capa-
ble of degrading lignin and are present abundantly in many
white-rot fungi. They decolorize and detoxify the industrial
effluents and help in wastewater treatment. They act on
both phenolic and nonphenolic lignin-related compounds as
well as highly recalcitrant environmental pollutants which
help researchers to put them in various biotechnological
applications. They can be effectively used in paper and
pulp industries, textile industries, xenobiotic degradation,
and bioremediation and act as biosensor. Laccase has been
applied to nanobiotechnology which is an increasing re-
search field and catalyzes electron transfer reactions without
additional cofactors. Recently several techniques have been
developed for the immobilization of biomolecule such as
micropatterning, self-assembled monolayer, and layer-by-
layer technique which immobilize laccase and preserve their
enzymatic activity. Hence laccase is receiving much attention
of researchers around the globe.

16. Future Trends and Perspectives

This paper shows that laccase has a great potential applica-
tion in several areas of food industry. However, one of the
limitations for the large-scale application of laccase is the
lack of capacity to produce large volumes of highly active
enzyme at an affordable cost. The use of inexpensive sources
for laccase production is being explored in recent times. In
this regard, an emerging field in management of industrial
wastewater is exploiting its nutritive potential for production
of laccase. Besides solid wastes, wastewater from the food
processing industry is particularly promising for that.
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Statistical approaches were employed for the optimization of different cultural parameters for the production of laccase by the
white rot fungus Fomes fomentarius MUCL 35117 in wheat bran-based solid medium. first, screening of production parameters
was performed using an asymmetrical design 2533//16, and the variables with statistically significant effects on laccase production
were identified. Second, inoculum size, CaCl2 concentration, CuSO4 concentration, and incubation time were selected for further
optimization studies using a Hoke design. The application of the response surface methodology allows us to determine a set of
optimal conditions (CaCl2, 5.5 mg/gs, CuSO4, 2.5 mg/gs, inoculum size, 3 fungal discs (6 mm Ø), and 13 days of static cultivation).
Experiments carried out under these conditions led to a laccase production yield of 150 U/g dry substrate.

1. Introduction

Laccases (benzenediol: oxygen oxidoreductases [EC 1.10.3.2])
are copper-containing enzymes catalyzing the oxidation of a
broad number of phenolic compounds and aromatic amines
by using molecular oxygen as the electron acceptor, which
is reduced to water. Laccase can also oxidize nonphenolic
substrates in the presence of appropriate redox mediators [1].

This group of enzymes has attracted increasing scientific
attention in the recent years due to their application in
several biotechnological processes. Such applications include
the detoxification of industrial effluents, the use as a tool for
medical diagnostics, and the use as a bioremediation agent
to clean up herbicides, pesticides, and certain explosives in
soil [2].

The application of these oxidative enzymes to biotech-
nological processes requires the production of high amounts
of enzyme at low cost. In this context, solid state fer-
mentation (SSF) appeared as an interesting alternative for

the enzymes production [3]. SSF offers advantages over
liquid cultivation, especially for the fungal cultures, as there
is higher productivity per unit volume, reduced energy
requirements, lower capital investment, low waste water
output, higher concentrations of metabolites obtained, and
low downstream processing cost [4].

The selection of an adequate support for performing SSF
is essential, since the success of the process depends on it.
Various agricultural substrates/byproducts such as banana
waste, orange peelings, coconut flesh, chestnut shell, barley
bran, and wheat bran have been successfully used in solid-
state fermentation for laccase production by white-rot fungi
[5–8].

Wheat bran, an abundant byproduct formed during
wheat flour preparation, has been selected to perform the
present study, because it has the physical integrity to serve
as a supporting material and it provides the fungus, an
environment similar to its natural habitat which is conducive
for the high secretion of lignolytic enzymes. In addition,
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wheat bran is an abundant source for hydroxycinnamic
acids, particularly ferulic and p-coumaric acids, which
are known to stimulate laccase production [9]. Indeed,
these hydroxycinnamic acids, covalently bound to cell wall
polymers (pectins, arabinoxylans, and xyloglucans) through
ester linkages, could be released after feruloyl esterase action
as described in several white-rot fungi [10].

Production of laccase under SSF is affected by diverse
typical fermentation factors such as moisture level, carbon
and nitrogen source supplementation, and inoculum size
[11–13]. Moreover, different compounds have also been
widely used to stimulate laccase production. Among them,
the effect of copper on laccase formation is outstanding
[9, 14]. For effective laccase expression, it is highly essential
to find the critical variables affecting laccase production yield
and to establish the optimal set of experimental conditions
for the whole solid-state culture process, which further
facilitates economic design of the full-scale fermentation
operation system.

Conventional optimization method is usually performed
by varying the levels of one independent variable while
fixing other variables at a certain level. This method is
laborious and time consuming, and often interaction effects
are overlooked [15]. Statistical experimental designs are
powerful tools for searching the key factors rapidly from a
multivariable system and to define the optimum settings of
these factor levels. Asymmetrical screening design is one such
method that has been used for screening multiple factors at
a time, taking different level numbers [16–19]. This exper-
imental design is particularly useful for initial screening,
as it is used for the estimation of only the main effects.
The significant factors obtained from the screening exper-
iments could be further optimized by employing response
surface methodology that enables the examination of the
combinatory effect of the retained factors and the determi-
nation of their optimal levels [20–25]. The application of
statistical experimental design techniques in fermentation
process development can result in improved product yields,
reduced process variability, closer confirmation of the output
response to nominal and target requirements, and reduced
development time and overall costs [26, 27]. Successful
application of RSM to enhance enzyme production in SSF
by optimizing the culture media has been reported [28–31].
On the other hand, studies regarding optimization of solid
culture medium for the production of laccase are still few in
the scientific literature [32].

In this work, laccase production by the white rot fungus
F. fomentarius in wheat bran-based solid medium has been
optimized using experimental designs [19–25]. In a first step,
a screening of the most important factors is carried out with
an asymmetrical design 2533//16. In a second step, Hoke
design is applied to determine response surfaces as a function
of some of the significant parameters and then to choose the
optimal solid state conditions for laccase production.

2. Materials and Methods

2.1. Microorganism. Fomes fomentarius (MUCL 35117) used
in this study was obtained from the Belgian Coordinated

Table 1: Experimental conditions of the asymmetrical screening
design.

Levels

Factors 1 2 3

M/S ratio (ml/gs) (A) 3 6 —

MgSO4 (mg/gs) (B) 0.3 3 —

CaCl2(mg/gs) (C) 0.3 3 —

Moisturizing agent∗ (D)
Sodium acetate

buffer (SAB)

Citrate
phosphate

buffer (CPB)
—

Inoculum size (discs∗∗)
(E)

4 8 —

Glucose (mg/gs) (F) 0 30 60

Ammonium tartrate
(mg/gs) (G)

0 5.5 11

CuSO4 (ml/gs) (H) 0 0.75 1.5
∗

20 mM, pH 5; ∗∗diameter, 6 mm.

Collections of Microorganisms/Mycothèque de l’Université
Catholique de Louvain (BCCM/MUCL) and maintained
at 4◦C on 2% malt extract agar (MEA). This strain was
maintained on 2% malt extract agar (MEA) slants at 4◦C and
subcultured every three months.

2.2. Solid Medium Preparation. Wheat bran purchased from
a local market was employed as support substrate for SSF.
The average particle size of the wheat bran was 1–5 mm. The
chemical composition of this substrate was hemicelluloses
(notably arabinoxylans, ca. 30%), cellulose (10–15%), starch
(10–20%), proteins (15–22%), lignin (4–8%), and other
minor components such as cutin and lipids [33, 34].

The experiments were performed in 125-mL flasks with
2.5 g of wheat bran moistened with the required volume of
buffer (sodium acetate or citrate phosphate buffer 20 mM,
pH 5) containing various nutritional factors according to
the experimental designs shown in Tables 1 and 2. The
medium was sterilized at 121◦C for 20 min. After cooling,
the substrate was inoculated with mycelial discs (each 6 mm
diameter) obtained from the periphery of 7 days fungal
culture grown on MEA plates. The contents were incubated
statically in complete darkness at 30◦C.

2.3. Enzyme Extraction. The enzyme was extracted with
sodium acetate or citrate-phosphate buffer 20 mM, pH 5
(20 mL buffer/g substrate) by shaking for 1 h at 160 rpm
at room temperature. The suspension was filtered and
centrifuged at 4◦C, 8,000 g for 20 min, and the supernatant
was used in enzyme assays.

2.4. Enzyme Assays. The laccase activity was measured by
monitoring the oxidation of 5 mM 2,6-dimethoxyphenol
(DMP) buffered with 0.1 M tartrate buffer (pH 4.5) at
469 nm for 1 min [35]. To calculate the enzyme activity, an
absorption coefficient of 27,500 M−1 cm−1 was used. One
unit of enzyme activity was defined as the amount of enzyme
required to oxidize 1 μM of DMP per minute.



Enzyme Research 3

Table 2: Experimental conditions of the screening design and the corresponding responses.

Run
no.

M/S ratio
(ml/gs)

MgSO4

(mg/gs)
CaCl2

(mg/gs)
Moisturizing
—agent

Inoculum
size (discs)

Glucose
(mg/gs)

Ammonium
tartrate
(mg/gs)

CuSO4

(mg/gs)

Measured and estimated laccase
activities (U/gds)

4
days

7
days

10
days

13
days

16
days

1 3 0.3 0.3 CPB 4 0 0 0
2.16
1.88

37.00
38.68

2.88
9.93

10.00
9.54

6.60
10.26

2 3 0.3 0.3 SAB 4 30 5.5 0.75
2.74
2.65

19.62
20.09

1.56
−0.04

1.56
1.37

0.52
−0.41

3 3 0.3 0.3 CPB 8 60 11 1.5
2.74
2.65

39.92
40.39

13.60
11.99

17.04
16.85

5.30
4.37

4 3 0.3 0.3 SAB 8 0 0 0
3.66
4.12

45.16
42.52

9.16
5.31

3.78
4.62

3.46
1.66

5 6 0.3 3 CPB 4 30 11 0
3.60
3.92

61.52
58.14

63.48
63.38

74.60
73.93

85.08
81.99

6 6 0.3 3 SAB 4 0 0 1.5
4.70
5.04

63.48
61.83

69.38
78.32

96.86
93.51

108.64
107.09

7 6 0.3 3 CPB 8 0 0 0.75
6.60
6.08

64.14
66.74

103.40
91.25

81.16
84.12

101.44
101.13

8 6 0.3 3 SAB 8 60 5.5 0
5.16
5.02

57.60
60.02

61.52
64.82

67.40
68.45

65.44
70.38

9 3 3 3 CPB 4 60 0 0.75
1.50
1.88

36.00
34.83

7.98
12.98

2.34
1.70

2.02
3.28

10 3 3 3 SAB 4 0 11 0
3.26
2.80

37.96
42.77

15.96
8.91

7.46
10.46

0.26
4.29

11 3 3 3 CPB 8 0 5.5 0
4.50
4.78

51.70
47.84

15.44
19.28

9.42
6.04

9.28
3.39

12 3 3 3 SAB 8 30 0 1.5
6.40
6.20

40.58
40.80

1.56
−0.24

1.30
2.31

2.16
2.76

13 6 3 0.3 CPB 4 0 5.5 1.5
4.90
4.85

56.94
57.90

99.48
93.93

87.70
90.22

92.28
94.16

14 6 3 0.3 SAB 4 60 0 0
3.60
3.45

55.62
53.89

70.68
63.98

61.52
61.30

66.76
61.49

15 6 3 0.3 CPB 8 30 0 0
6.60
6.57

58.24
60.92

64.80
68.30

57.60
57.44

60.20
63.61

16 6 3 0.3 SAB 8 0 11 0.75
5.94
6.17

63.48
61.57

83.12
91.87

82.46
80.32

80.50
80.48

2.5. Asymmetrical Design and Hoke Design. The optimization
of laccase production yield in solid-state medium has been
carried out in two steps as described below.

2.5.1. Screening of Important Cultural Factors Using Asymmet-
rical Design. For systems with a great number of variables,
different approaches of experimental factorial designs can
be applied to achieve a screening of critical variables and to
estimate their main effects on the responses [16, 19, 24].

In this study, a 2533//16 experimental design was used
to find out the critical medium components for laccase
production by F. fomentarius under SSF. It allows the
investigation of eight factors in sixteen experiments, five
factors A–E each at two levels and three factors F–H each
at three levels. Table 1 lists the values given to each factor,
the choice was based on previous literature works [5, 11–13]

and preliminary experiments. Table 2 shows the 2533//16
experimental design.

From the 16 runs, we can compute, using the least square
method [19–24], the “weight” of each factor level. For each
factor, the weight of each level is related to the upper level
weight, which becomes the “reference state” among each
factor [24]. The weight describes the factor effects on the
response when changing factor levels with respect to the
reference state. The weight of glucose amount (factor F)
when fixed at level 1 (F1), for example, corresponds to the
differential effect of glucose amount on the response when
changing its value from level 3 (60 mg/g) to level 1 (0 mg/g).
The obtained results are generally presented as histograms,
which graphically illustrate the variable differential weights
[24]. At the end of this first step, the variables that did not
have a significant effect (checked by applying a t-test) on the
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Table 3: Experimental domain for the Hoke design.

Variable Factor Unit Center
Step of

variation

X1 CaCl2 mg/gs 3.0 2.5

X2
Inoculum

size
discs 6.0 3.0

X3 CuSO4 mg/gs 1.5 1.0

X4
Incubation

time
days 10 6

responses are screened out; the remaining factors affecting
the responses are further optimized.

2.5.2. Optimization of Selected Factors Using Response Sur-
face Methodology. The screening data revealed four factors
(CaCl2 concentration, inoculum size, CuSO4 concentration
and incubation time) influencing the SSF production of
laccase by F. fomentarius. Optimization of laccase pro-
duction yield was achieved by using the response surface
methodology (RSM). This approach explores the response
surfaces covered in the experimental design, thus making the
optimization process more efficient and effective [20–23].

The most frequent designs in optimization problems
involving three or more factors are central composite designs,
Box-Behnken designs, D-optimal designs, and others, such
as Hoke designs. [20–25, 36] Central composite designs and
Box-Behnken designs are the most appropriate to detect
curvatures in a multidimensional space but require a large
number of experiments beyond three factors. D-optimal
designs are less frequent, but adequate in cases involving
linear functions where the factors can only be varied over a
restricted area, and thereby creates an irregular experimental
domain in which orthogonality cannot be achieved. Hoke
designs are economical second-order designs [36] based
on irregular fractions of partially balanced type of the 3k

factorial for a number of factors k ≥ 3. They require fewer
experiments than the central composite designs and Box-
Behnken designs.

In this work, we consider that the experimental region is
a hypercube, thus, to define the optimum settings of the four
active factor levels; we applied a four-factor Hoke D6 design
[36] in the experimental domain presented in Table 3.

The response (laccase yield) can be described by the
following second-order model adequate for predicting the
responses in the experimental region:

η = β0 + β1X1 + β2X2 + β3X3 + β4X4 + β11X
2
1

+ β22X
2
2 + β33X

2
3 + β44X

2
4 + β12X1X2

+ β13X1X3 + β14X1X4 + β23X2X3 + β24X1X4

+ β34X3X4,

(1)

where, η: the theoretical response function, Xj : coded
variables of the system, β0, βj , βjk , and βj j : true model
coefficients.

The observed response yi for the ith experiment is

yi = ηi + ei (ei : error). (2)

The model coefficients β0,βj , . . ., and βj j are estimated
by a least squares fitting of the model to the experimental
results obtained in the 23 design points of the four-variable
Hoke D6 design (Table 4). For the estimated values of these
coefficients, the symbols b0,bj , . . ., and bj j will be used. The
computed values of the responses are designated by ŷi

ŷ = b0 + b1X1 + b2X2 + b3X3 + b4X4 + b11X
2
1

+ b22X2
2 + b33X2

3 + b44X2
4 + b12X1X2 + b13X1X3

+ b14X1X4 + b23X2X3 + b24X2X4 + b34X3.

(3)

The four replicates at the center point (runs n◦ 20 to
23) are carried out in order to estimate the pure error
variance [22–24]. A statistical test of the model fit is made
by comparing the variance due to the lack of fit to the
pure error variance using the F-test. The fitted model is
considered adequate if the variance due to the lack of fit
is not significantly different from the pure error variance
[22–24]. The adequacy of the model is further tested using
four check points [24, 25]. The fitted model was used
to study the relative sensitivity of the responses to the
variables in the whole domain and to look for the optimal
experimental conditions. In this paper, the canonical analysis
is used to find out the best experimental conditions, which
permitted the maximization of the laccase production yield.
It consists of rewriting the fitted second-degree equation in
a form in which it can be more readily understood. This
is accomplished by a rotation of axes that remove all cross-
product terms bjkXjXk while keeping the initial origin at the
centre point. This step is suitable when the stationary point
is outside of the experimental domain [37]. The relationship
between the response and the experimental variables is
illustrated graphically by plotting the response surfaces and
the isoresponse curves [23, 24].

In this study, the generation and the data treatment of the
2533//16 screening design and the Hoke design are performed
using the experimental design software NemrodW [38].

3. Results and Discussion

3.1. Screening Design. A total of eight variables were ana-
lyzed for their effect on laccase production yield using an
asymmetrical screening design. Sixteen experiments have
been carried out according to the SSF medium preparation
method described above and the conditions fixed by the
experimental design (Table 2). The obtained responses val-
ues related to laccase yields obtained in 4, 7, 10, 13, and 16
days of fungal cultivation are reported in Table 2. As shown
in this table, for low moisture to substrate ratios (M/S = 3 : 1
v/w) (experiments N◦ 1–4 and 9–12), the laccase production
increases until 7 days of cultivation, and then, a notable
decrease of the enzymatic activity was observed (Figure 1).
This result is probably due to reduced solubility of nutrients
from the solid substrate, low substrate swelling, and high
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Table 4: Experimental conditions of the Hoke design and the corresponding responses.

Run
no.

X1 X2 X3 X4
CaCl2

(mg/gds)

Inoculum
size

(Discs∗)

CuSO4

(mg/gds)

Incubation
time

(days)

Measured and
estimated laccase
activities (U/gds)

1 −1.00000 −1.00000 −1.00000 −1.00000 0.5 3 0.5 4 6.72 5.02

2 −1.00000 0.00000 0.00000 0.00000 0.5 6 1.5 10 121.00 119.93

3 0.00000 −1.00000 0.00000 0.00000 3.0 3 1.5 10 115.90 122.34

4 0.00000 0.00000 −1.00000 0.00000 3.0 6 0.5 10 101.12 110.96

5 0.00000 0.00000 0.00000 −1.00000 3.0 6 1.5 4 8.56 5.49

6 1.00000 1.00000 1.00000 −1.00000 5.5 9 2.5 4 11.60 14.77

7 1.00000 1.00000 −1.00000 1.00000 5.5 9 0.5 16 89.32 86.04

8 1.00000 −1.00000 1.00000 1.00000 5.5 3 2.5 16 138.24 136.66

9 −1.00000 1.00000 1.00000 1.00000 0.5 9 2.5 16 103.90 106.07

10 1.00000 1.00000 −1.00000 −1.00000 5.5 9 0.5 4 12.50 11.84

11 1.00000 −1.00000 1.00000 −1.00000 5.5 3 2.5 4 6.28 6.47

12 1.00000 −1.00000 −1.00000 1.00000 5.5 3 0.5 16 104.16 101.12

13 −1.00000 1.00000 1.00000 −1.00000 0.5 9 2.5 4 8.42 10.48

14 −1.00000 1.00000 −1.00000 1.00000 0.5 9 0.5 16 80.12 78.96

15 −1.00000 −1.00000 1.00000 1.00000 0.5 3 2.5 16 121.84 121.53

16 1.00000 1.00000 1.00000 0.00000 5.5 9 2.5 10 139.20 133.46

17 1.00000 1.00000 0.00000 1.00000 5.5 9 1.5 16 97.26 104.42

18 1.00000 0.00000 1.00000 1.00000 5.5 6 2.5 16 123.88 127.65

19 0.00000 1.00000 1.00000 1.00000 3.0 9 2.5 16 113.96 110.22

20 0.00000 0.00000 0.00000 0.00000 3.0 6 1.5 10 128.18 119.84

21 0.00000 0.00000 0.00000 0.00000 3.0 6 1.5 10 120.36 119.84

22 0.00000 0.00000 0.00000 0.00000 3.0 6 1.5 10 117.46 119.84

23 0.00000 0.00000 0.00000 0.00000 3.0 6 1.5 10 122.82 119.84

24 −0.39528 −0.22822 −0.16137 0.00000 2.0 5 1.3 10 122.28 118.35

25 0.39528 −0.22822 −0.16137 0.00000 4.0 5 1.3 10 120.42 120.51

26 0.00000 0.45644 −0.16137 0.00000 3.0 7 1.3 10 113.70 118.07

27 0.00000 0.00000 0.48412 0.00000 3.0 6 2.0 10 129.30 123.33

28 0.00000 0.00000 0.00000 0.50000 3.0 6 1.5 13 125.42 127.66
∗

diameter, 6 mm.

water tension [39, 40]. On the conterary, for the experiments
conducted with high moisture to substrate ratios (M/S = 6 : 1
v/w) (experiments N◦ 5–8 and 13–16), laccase production
exhibited a gradual increase, followed by a stabilization
phase, where maximal enzyme production was recorded
(Figure 1). This stability could likely be due to the cultures
are better aerated and clogging problems are avoided [8].
Thus, we chose to estimate the effect of the eight variables on
laccase yields obtained in 7 and 16 days of fungal cultivation.

In Table 5 we report coefficient values (the weight
associated to each factor level) calculated, as described
above, and statistical analyses using t-test. These results are
illustrated by the histograms shown in Figures 2 and 3,
which represent the differential effects of each factor when
considering two different levels taken two by two. b6/2-1,
for example, defines the weight of factor F (glucose) on the
response when changing its level from 1 to 2.

As shown in Table 5 and Figures 2 and 3, moisture
to substrate ratio (A) exhibits stronger influence on the
laccase production compared to other factors. For SSF,
moisture content is a key parameter to control the growth of
microorganism and metabolite production [40–42]. In this
work, the highest laccase yields were observed for moisture
to substrate ratio (v/w) of 6 : 1. A similar effect of moisture
to substrate ratio on laccase production, by Trametes hirsuta
grown on crushed orange peelings, was reported by Rosales
et al. [8]. Supplementary experiments, conducted using
higher M/S ratios, lead to a very low laccase yields (data not
shown). Consequently, we fixed the ratio M/S at 6 : 1 v/w in
the optimization step of this study.

MgSO4 concentration (B), CaCl2 concentration (C)
moisturizing agent (D), inoculum size (E), and ammonium
tartrate concentration (G) seem to have no significant effect
on the response. However, we choose to include the factors
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Table 5: Estimates of and statistics on the coefficients.

Name Coefficient F. inflation
Standard
deviation

t exp. Significance (%)

Laccase yield on 7th day of fermentation (U/gds)

b0 65.420 4.622 14.15 0.0145∗∗∗

b1A −21.635 1.00 2.387 −9.06 0.0821∗∗∗

b2A −1.510 1.00 2.387 −0.63 56.1

b3A −4.625 1.00 2.387 −1.94 12.5

b4A 2.745 1.00 2.387 1.15 31.4

b5A −6.585 1.00 2.387 −2.76 5.1

b6A 5.197 1.50 2.923 1.78 15.0

b6B −2.295 1.50 3.375 −0.68 53.4

b7A −0.693 1.50 2.923 −0.24 82.4

b7B −4.255 1.50 3.375 −1.26 27.6

b8A 0.370 1.50 2.923 0.13 90.5

b8B −4.420 1.50 3.375 −1.31 26.1

Laccase yield on 16th day of fermentation (U/gds)

b0 78.366 5.939 13.20 0.0191∗∗∗

b1A −78.842 1.00 3.067 −25.71 <0.01∗∗∗

b2A 7.877 1.00 3.067 2.57 6.2

b3A −7.337 1.00 3.067 −2.39 7.5

b4A 4.308 1.00 3.067 1.40 23.3

b5A 4.297 1.00 3.067 1.40 23.4

b6A 15.428 1.50 3.756 4.11 1.48∗

b6B 2.110 1.50 4.337 0.49 65.2

b7A 1.125 1.50 3.756 0.30 77.9

b7B −0.905 1.50 4.337 −0.21 84.5

b8A −14.960 1.50 3.756 −3.98 1.64∗

b8B −5.975 1.50 4.337 −1.38 24.0
∗

Significant at the level 95%; ∗∗significant at the level 99%; ∗∗∗significant at the level 99.9%.

Table 6: Analysis of variance of the Hoke design response.

Source of variation Sum of squares df Mean square
Ratio P-value

(significance)

Regression 52728.2 14 3766.30
76.8852

<.0001 (∗∗∗)

Residuals 391.889 8 48.9861

Lack of fit 329.891 5 65.9781
3.1926

0.184 (N.S.)

Error 61.9979 3 20.6660

Total 53120.1 22
∗∗∗

significant at the level 99.9%, N.S.: Non significant at the level 95%.

C and E in the optimization design for two reasons. First,
CaCl2 concentration and inoculum size have a relatively high
positive effect on the response (Figure 2). Second, the role of
calcium in the maintenance of the protein structures and the
stabilization of the activities of several enzymes has been well
documented [43, 44]. In the same way, many reports have
been given about the effect of inoculum size in fungal growth
and productivity [40, 41, 45]. Too high or low inoculum
concentration cause low growth and productivity. When the
inoculum size is small, longer cultivation time is required. A
large inoculum size in culture will lead rapidly to crowded

and nutritional deficiency. A mycelium mat will soon
cover the culture medium causing poor substrate aeration
[40].

Table 5 and Figures 2 and 3 show that glucose (F) as
carbon supplement exhibits a negative effect on the response.
The production is raised more in absence of glucose that with
30 or 60 mg of glucose/g substrate. Such inhibitory effect of
glucose on laccase production has also been described by
Galhaup et al. [46].

We already mentioned that the ammonium tartrate
concentration has no significant effect on the response.
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Consequently, it can be used at its low level (0%). Thus, the
addition of this nitrogen source is not required.

We can then conclude that wheat bran could be employed
without adding any initial amount of carbon and nitrogen
supplements in the culture medium. This will help to
suppress the overall production cost of culture medium.
During cultivation on wheat bran, water soluble cellulose
and hemicellulose fractions could serve as carbon source
which leads to a carbon: nitrogen ratio sufficient for an
effective laccase induction [47, 48].

Finally, the increase in cupper sulphate concentrations
(H) (0.75 to 1.5 mg/gds) has resulted in higher laccase
production especially at 16 days of cultivation (Figure 3).
Many studies have shown that laccase yields in several white-
rot species were significantly increased in media containing
high concentrations of CuSO4 [46, 49–52].

Results of the screening design pave the way for the next
step of the research.

3.2. Hoke D6 Design. Based on the results of asymmetrical
design experiments, some factors are fixed at their best levels:
A2 B1 D1 F1 G1. In order to look for optimal experimental
conditions, a second-order model is built to analyse the rela-
tion between the four factors (CaCl2, inoculum size, CuSO4,
and incubation time) and the response (laccase yield).
Table 4 shows the coded and the real experimental conditions
of the Hoke design with the corresponding observed values
of the studied response. Results of experiments of the Hoke
design are used to estimate the model coefficients (without
using the check points). The resulting estimated model,
expressed in coded variables is

ŷ = 119.836 + 3.001X1 − 1.535X2 + 7.764 X3 + 48.547X4

+ 3.101X2
1 + 0.969X2

2 − 1.115X2
3 − 65.792X2

4

− 0.158X1X2 + 1.854X1X3 + 2.553X1X4 − 0.252X2X3

− 6.098X2X4 + 7.899X3X4.
(4)

3.2.1. Statistical Analysis and Validation of the Model. The
analysis of variance for the fitted model (Table 6) shows that
the regression sum of squares is statistically significant (their
P value is less than .05) and the lack of fit is not significant
[20–25]. Thus, we can conclude that the models correlate
well with the measured data.

In addition, Table 7 shows the check point results used
to validate the accuracy of the model. The measured values
are very close to those calculated using the model equations.
Indeed, the differences between calculated and measured
responses are not statistically significant when using the t-
test as shown in Table 7. We can then conclude that the
second-order models are adequate to describe the response
surfaces and can be used as prediction equation in the
studied domain.

3.2.2. Interpretation of the Response Surface Model. The
second-order polynomial model is a conic function, and
it can be analyzed by canonical analysis. This function
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Figure 1: Evolution of laccase production by F. fomentarius grown
on wheat bran-based solid medium (�) with low moisture to
substrate ratio (M/S = 3 : 1 v/w) and (�) with high moisture to
substrate ratio (M/S = 6 : 1 v/w).

has a stationary point S, where the partial derivative of
predicted response with respect to each of the variables is
zero (∂y/∂X1 = 0; ∂y/∂X2 = 0; ∂y/∂X3 = 0; ∂y/∂X4 = 0).
This point could be a maximum, a minimum, or a saddle
point.

In the present study, the coordinates of the saddle point S
are X1 = −2.032; X2 = 9.876; X3 = 5.419, and X4 = 0.205.
It corresponds to a maximum of ŷ. This point is situated
outside the experimental domain. In this case, the canonical
analysis requires only a rotation of the Xj axes in such a
way that they become parallel to the principal axes Zj of the
contour system. Under these conditions, the canonical model
is of the form

ŷ = ys +
4∑

j=1

bjZj +
4∑

j=1

λj jZ2
j . (5)

The λj ( j = 1, 2, 3, 4) will describe the curvature of the
response, while the linear coefficient bj will describe the slope
of the ridge in the corresponding direction. The constant ys
is the calculated response value at the stationary point. The
interpretation is easier by analyzing each the response along
every Zj-axis separately. Using the variable transformation
equations:

X1 = 0.971Z1 + 0.110Z2 − 0.213Z3 − 0.018Z4,

X2 = −0.024Z1 + 0.930Z2 + 0.365Z3 + 0.043Z4,

X3 = 0.237Z1 − 0.347Z2 + 0.906Z3 − 0.057Z4,

X4 = 0.032Z1 − 0.058Z2 + 0.032Z3 + 0.997Z4.

(6)

we obtained the following canonical form of the model:

ŷ = 120.111 + 6.351Z1 − 7.098Z2 + 7.670Z3 + 47.701Z4

+ 3.446Z2
1 + 0.502Z2

2 − 0.428Z2
3 − 66.620Z2

4 .
(7)

These data allow us to determine the features of the
response surface in each direction of the experimental
domain. When analyzing the response surface along each of
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Figure 2: Graphical study of the effects of different operational variables on laccase production at 7 days of cultivation. (a) Graphical study
of the total effects and (b) Differences of the weights of the different levels.
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Figure 3: Graphical study of the effects of different operational variables on laccase production at 16 days of cultivation. (a) Graphical study
of the total effects and (b) Differences of the weights of the different levels.
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Table 7: The numerical results for check points.

Run Yexp Ycalc Yexp − Ycalc dU
Ecart
type

df t exp. Signif %

24 122.280 118.348 3.932 0.162 7.545 8 0.521 61.6

25 120.420 120.512 −0.092 0.194 7.647 8 −0.012 99.1

26 113.700 118.074 −4.374 0.201 7.671 8 −0.570 58.4

27 129.300 123.333 5.967 0.204 7.680 8 0.777 46.0

28 125.420 127.661 −2.241 0.209 7.695 8 −0.291 77.8

−1 −0.5 0 0.5 1
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84.17

110.12

1
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Figure 4: Curvature of laccase yield response versus Zj ( j =
1, 2, 3 and 4).

the four directions OZ1, OZ2, OZ3, and OZ4, the equation
of the response is reduced to the following equations,
respectively:

ŷ = 120.111 + 6.351Z1 + 3.446Z2
1,

ŷ = 120.111− 7.098Z2 + 0.502Z2
2,

ŷ = 120.111 + 7.670Z3 − 0.428Z2
3,

ŷ = 120.111 + 47.701Z4 − 66.620Z2
4 .

(8)

The corresponding curves are represented in Figure 4.
From these curves and the variable transformation equa-
tions, we can conclude that the maximization of the laccase
yield requires high level of X1 (X1 = 1), low level of X2 (X2 =
−1), high level of X3 (X3 = 1), and the relatively high level of
X4 (X4 = 0.5). This corresponds to the following settings of
the natural variables: CaCl2 = 5.5 mg/gds, inoculum size =3
discs, CuSO4 = 2.5 mg/gds and incubation time = 13 days.

Figures 5 and 6 illustrate graphically the evolution of
the laccase yield versus two variables, while the other two
variables were held constant.

Figure 5 shows that with incubation time of 13 days
and CuSO4 concentration of 2.5 mg/gs, the laccase yield

can be enhanced from 130 to 150 U/gs by the increase
of the concentration of CaCl2 and the decrease of the
inoculum size. As reported by many researchers [53–56], an
increase of the inoculum size ensures a rapid proliferation
of biomass and enzyme synthesis. However, after a certain
limit, the enzyme production could decrease because of the
depletion of nutrients, which results in decrease in metabolic
activity.

From Figure 6, we have observed that the enzyme yield
enhances essentially by increasing the incubation time.
However, extended cultivation time may cause inhibition
of enzyme synthesis. This fact was also reported by other
investigators during other laccase production studies [57,
58]. It is also clear from Figure 6 that there is a gradual
increase in the enzyme yields upon increasing the concen-
tration of copper sulphate. Thus, it was implied that a high
concentration of copper sulphate (2.5 mg/gs) was favourable
for the production of laccase by F. fomentarius. These
results were in agreement with others, for example, Couto
and Sanromán [6], who reported an increase in laccase
activity by almost 3-fold by adding 2 mM copper sulphate
to solid state cultures of Trametes hirsuta. Many studies
have shown that laccase mRNA levels in several white-rot
species were significantly increased in media containing high
concentrations of cupric ions [49–51]. Multiple putative cis-
acting elements, termed metal responsive elements, were
identified in the promoter region of several laccase genes
that are transcriptionally activated by copper [51, 52]. A
possible explanation for this stimulatory effect of copper on
laccase biosynthesis could be a role for this enzyme activity
in melanin synthesis [59].

3.2.3. Optimization. As the results of the canonical anal-
ysis agree with those of the contour plot study, we can
conclude that there is no a masked optimum: the one
predicted by few sections of contour plot analysis represents
a real optimum for the whole experimental domain. The
NemrodW sofware predicted the maximum laccase yield
to be 153.3 ± 11.5 U/gds in optimized conditions (CaCl2,
5.5 mg/gs; CuSO4, 2.5 mg/gs; inoculum size, 3 fungal discs
(6 mm Ø), and incubation time, 13 days). A supplementary
experiment was carried out under the selected optimal
conditions. It led to an experimental yield of laccase equal
to 151.1± 6.0 U/gds which is very close to the expected value
(153.3 U/gds). The optimized yield of laccase obtained in this
work was higher than those obtained by other high laccase
producer fungi; for example, some of the highest records
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Figure 5: Contour plot and response surface plot showing the effect of CaCl2 and inoculum size on the laccase yield with incubation time,
CuSO4 fixed, respectively, at 13 days and 2.5 mg/gs. Laccase activity is expressed in U/gds.
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Figure 6: Contour plot and response surface plot showing the effect of incubation time, CuSO4, on the laccase yield with CaCl2 and inoculum
size fixed respectively at 3.0 mg/gs and 3 discs. Laccase activity is expressed in U/gds.

of laccase production in SSF were obtained by Coriolus
rigida (108 U/gs) [5], Trametes hirsuta (68.4 U/gs) [60], and
Pleurotus ostreatus (65.4 U/gs) [13].

4. Conclusion

Statistical optimization of solid state fermentation condi-
tions to obtain a high laccase yield by the white-rot fungus
Fomes fomentarius has been successfully carried out using
asymmetrical and Hoke designs. The optimal conditions

for the production of laccase were determined as follows:
CaCl2, 5.5 mg/gs, CuSO4, 2.5 mg/gs, inoculum size, 3 fungal
discs (6 mm Ø), and incubation time, 13 days. Under
these conditions, the experimental yield of laccase was
151.1 U/gds. The strategy adopted in this study was proved
to be useful and powerful tool for screening, optimization,
and modelling of solid-state fermentation process. Enhanced
production of F. fomentarius laccase by using the statistical
methodology outlined in this paper will help in various
biotechnological applications at industrial levels.
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“Exploitation of a waste from the brewing industry for
laccase production by two Trametes species,” Journal of Food
Engineering, vol. 64, no. 4, pp. 423–428, 2004.



SAGE-Hindawi Access to Research
Enzyme Research
Volume 2011, Article ID 151656, 8 pages
doi:10.4061/2011/151656

Research Article

Enhancement of Cellulase Activity from a New Strain of
Bacillus subtilis by Medium Optimization and Analysis with
Various Cellulosic Substrates

Deepmoni Deka,1 P. Bhargavi,2, 3 Ashish Sharma,4 Dinesh Goyal,4

M. Jawed,1 and Arun Goyal2

1 Centre for the Environment, Indian Institute of Technology Guwahati, Assam, Guwahati 781039, India
2 Department of Biotechnology, Indian Institute of Technology Guwahati, Assam, Guwahati 781039, India
3 Bioinformatics and Genomics Program, Pennsylvania State University, University Park, PA 16802-5301, USA
4 Department of Biotechnology and Environmental Sciences, Thapar University, Bhadson Road, Punjab, Patiala 140007, India

Correspondence should be addressed to Arun Goyal, arungoyl@iitg.ernet.in

Received 20 January 2011; Accepted 17 February 2011

Academic Editor: Alane Beatriz Vermelho

Copyright © 2011 Deepmoni Deka et al. This is an open access article distributed under the Creative Commons Attribution
License, which permits unrestricted use, distribution, and reproduction in any medium, provided the original work is properly
cited.

The cellulase activity of Bacillus subtilis AS3 was enhanced by optimizing the medium composition by statistical methods. The
enzyme activity with unoptimised medium with carboxymethylcellulose (CMC) was 0.07 U/mL and that was significantly
enhanced by CMC, peptone, and yeast extract using Placket-Burman design. The combined effects of these nutrients on cellulase
activity were studied using 22 full factorial central composite design. The optimal levels of medium components determined were
CMC (1.8%), peptone (0.8%), and yeast extract (0.479%). The maximum enzyme activity predicted by the model was 0.49 U/mL
which was in good agreement with the experimental value 0.43 U/mL showing 6-fold increase as compared to unoptimised
medium. The enzyme showed multisubstrate specificity, showing significantly higher activity with lichenan and β-glucan and
lower activity with laminarin, hydroxyethylcellulose, and steam exploded bagasse. The optimised medium with lichenan or β-
glucan showed 2.5- or 2.8-fold higher activity, respectively, at same concentration as of CMC.

1. Introduction

Cellulases (3.2.1.4) have a wide range of industrial appli-
cations such as textile, laundry, pulp and paper, fruit juice
extraction, and animal feed additives as well as in bioethanol
production [1]. The cellulases have great potential in sac-
charification of lignocellulosics to fermentable sugars which
can be used for production of bioethanol, lactic acid, and
single cell protein [2]. Majority of studies on cellulase pro-
duction have focused on fungi, with relatively lesser emphasis
on bacterial sources [1]. Cellulases from bacteria Bacillus,
Clostridium, Cellulomonas, Thermomonospora, Ruminococ-
cus, Bacteroides, Erwinia, Acetivibrio, and actinomycetes in
particular Streptomyces species have been reported [3, 4].
Bacteria, due to their high natural diversity, faster growth
have the capability to produce highly thermostable, alkali

stable enzyme complement and may serve as highly potent
sources of industrially important enzymes. Bacillus sp. con-
tinue to be dominant bacterial workhorses due to the capac-
ity of some selected species to produce and secrete large
quantities of extracellular enzymes [5–10]. Reports on strains
belonging to species such as Bacillus sphaericus and Bacillus
subtilis express high cellulose degradation activities [7, 10].
The production of extracellular cellulase in microorganisms
is significantly influenced by a number of factors such as tem-
perature, pH, aeration [11], and medium constituents [12].
The relationship between these variables has a marked effect
on the ultimate production of the cellulase. There are reports
on the influence of various fermentation parameters on
cellulase production by different bacteria [11, 13] and fungi
[14]. The traditional “one-variable-at-a-time approach” for
medium optimisation disregards the complex interactions
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among various components. Statistically based experimental
designs such as Placket-Burman design and response surface
methodology (RSM) can be effectively used to study the
effects of factors and searching optimum levels of parameters
for desired responses.

In the present study the production of an alkaline extra-
cellular cellulase by a novel strain of Bacillus subtilis (AS3)
isolated from cow dung was enhanced by medium opti-
misation. The optimisation of the bioprocess was carried
out through a stepwise experimental strategy including
(1) screening the most significant factors affecting enzyme
production using a two-level multifactorial Plackett-Burman
design (2) optimisation of the most significant components
and generating a mathematical model expressing the rela-
tionship between optimised factors and cellulase produc-
tion by application of central composite design, and (3)
verification of the model by monitoring the experimental
production pattern. The effect of different carbon sources,
lichenan and barley β-glucan, was also tested alternative to
CMC in the basal culture media and optimised media to
compare the enzyme production.

2. Materials and Methods

Carboxymethylcellulose (low viscosity, 50–200 cP), Lichenan
and barley β-glucan was purchased from Sigma Aldrich (St
Louis, USA). All other chemicals used in the study were of
highest purity grade commercially available.

2.1. Microorganism and Cultivation Conditions. The organ-
ism used for the study is Bacillus subtilis AS3 (Genebank
accession No. EU754025). The culture was maintained in
nutrient agar slant with filter paper strip at 4◦C and subcul-
tured every 2 weeks. A loopful of culture from the nutrient
agar slant was transferred to 5 mL of nutrient broth. The
culture was grown at 37◦C with 180 rpm for 24 h. 2% of
the culture inoculum was transferred to 250 mL Erlenmeyer
flask containing 50 mL of cellulolytic medium described
by [15] with modification to contain (g/L): CMC, 10;
peptone, 5; yeast extract, 5; K2HPO4, 1; MgSO4·7H2O,
0.25; FeSO4·7H2O, 0.25; MnCl2·4H2O, 0.5. The pH of the
medium was adjusted to 7.0 using 1 N NaOH before auto-
claving. All the experiments were performed in duplicate.
The culture broth after 36 h of incubation was centrifuged at
10,000 g for 10 min at 4◦C to separate the cells. The cell-free
supernatant was analyzed for enzyme activity and protein
concentration.

2.2. Assay of Enzyme Activity. The assay of cellulase was car-
ried out in 100 μL enzyme-carboxymethylcellulose reaction
mixture containing 65 μL of 2% CMC (final concentration,
1.3%) in 50 mM Glycine NaOH buffer pH 9.2 and 35 μL
of cell-free supernatant and incubated at 45◦C for 10 min.
The assay conditions for the enzyme from the new isolate
of Bacillus subtilis AS3 were optimised (data not shown).
The enzyme had an optimum pH of 9.2 so it was called
alkaline cellulase and showed maximum activity at 45◦C. The
cellulase activity was calculated by estimation of reducing

sugars liberated from carboxymethylcellulose (CMC). The
reducing sugar was estimated by the method of Nelson
and Somogyi [16, 17]. A standard curve was prepared with
glucose. One unit (U) of cellulase activity is defined as the
amount of enzyme that liberates 1 μmole of reducing sugar
(glucose) per min at 45◦C in 50 mM Glycine NaOH buffer,
pH 9.2. The protein concentration was determined by the
Bradford method using bovine serum albumin (BSA) as
standard [18].

2.3. Screening of the Most Significant Medium Components
by Plackett-Burman Design. For the selection of signifi-
cant medium, components for cellulase production such
as carbon source, nitrogen source, and inorganic salts were
screened and identified by the Plackett-Burman design using
statistical software package MINITAB (Release 15.1, PA,
USA). A total of seven parameters CMC, yeast extract,
peptone, K2HPO4, MnCl2·4H2O, MgSO4·7H2O, and FeSO4·
7H2O were considered for screening with each factor exam-
ined in two levels:−1 for low level and +1 for high level [19].
Plackett-Burman experimental design is based on the first-
order polynomial model:

Y = β0 +
∑
βiXi, (1)

where Y is the response (enzyme activity), β0 is the model
intercept, βi is the linear coefficient, and Xi is the level
of the independent variable. This model does not describe
interaction among factors and it is used to screen and
evaluate the important factors that influence the response.
All experiments were carried out in duplicate and the
averages of the cellulase activity were taken as the response
(Table 1). From the regression analysis the variables, which
were significant at or above 95% level (P < .05), were
considered to have greater impact on cellulase activity and
were further optimised by central composite design.

2.4. Central Composite Design (CCD) and Statistical Analysis.
A 22 full-factorial central composite design (CCD) with
three medium constituents, that is, CMC, peptone, and yeast
extract at five coded levels, was generated by Minitab statisti-
cal software (Release 15). In this study, the experimental plan
consisted of 20 runs (= 2k+2k+n0), where “k” is the number
of independent variables and n0 the number of replicate
runs at center point of the variables. The relationships and
interrelationships of the variables were determined by fitting
the second-order polynomial equation to data obtained from
20 experiments

Y = β0 +
k∑

i=1

βiXi +
k∑

i=1

βiiX2
i +
∑

i

∑

j

βi jXiX j , (2)

where Y is the predicted response, k is the number of factor
variables, β0 is the model constant, βi is the linear coefficient,
βii is the quadratic coefficient, and βi j is the interaction
coefficient. The following equation was used for coding the
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Table 1: Plackett-Burman design in coded units and real values (in parenthesis) in g/L for seven variables along with the cellulase activity.

Run
Order

CMC (X1) Peptone (X2) YE (X3) K2HPO4 (X4) MgSO4·7H2O (X5) FeSO4·7H2O (X6) MnCl2·4H2O (X7) E.A (U/mL)

(1) +1 (18) −1 (2) −1 (1) −1 (0.5) −1 (0.05) +1 (0.45) −1 (0.01) 0.084

(2) −1 (2) −1 (2) −1 (1) −1 (0.5) +1 (0.45) −1 (0.05) +1 (0.1) 0.003

(3) −1 (2) +1 (8) +1 (9) +1 (2) +1 (0.45) −1 (0.05) −1 (0.01) 0.080

(4) +1 (18) −1 (2) +1 (9) +1 (2) −1 (0.05) −1 (0.05) −1 (0.01) 0.226

(5) −1 (2) −1 (2) −1 (1) +1 (2) −1 (0.05) +1 (0.45) −1 (0.01) 0.004

(6) +1 (18) +1 (8) +1 (9) +1 (2) −1 (0.05) −1 (0.05) +1 (0.1) 0.252

(7) +1 (18) +1 (8) −1 (1) +1 (2) +1 (0.45) −1 (0.05) −1 (0.01) 0.221

(8) −1 (2) +1 (8) +1 (9) −1 (0.5) +1 (0.45) +1 (0.45) −1 (0.01) 0.026

(9) +1 (18) −1 (2) +1 (9) +1 (2) +1 (0.45) +1 (0.45) −1 (0.01) 0.205

(10) −1 (2) −1 (2) −1 (1) −1 (0.5) −1 (0.05) −1 (0.05) −1 (0.01) 0.006

(11) −1 (2) +1 (8) +1 (9) −1 (0.5) −1 (0.05) −1 (0.05) −1 (0.01) 0.049

(12) +1 (18) +1 (8) −1 (1) −1 (0.5) +1 (0.45) +1 (0.45) −1 (0.01) 0.168

(13) +1 (18) −1 (2) −1 (1) +1 (2) +1 (0.45) −1 (0.05) +1 (0.1) 0.102

(14) +1 (18) −1 (2) +1 (9) −1 (0.5) +1 (0.45) +1 (0.45) +1 (0.1) 0.197

(15) −1 (2) −1 (2) +1 (9) −1 (0.5) +1 (0.45) −1 (0.05) +1 (0.1) 0.024

(16) −1 (2) +1 (8) −1 (1) +1 (2) +1 (0.45) +1 (0.45) +1 (0.1) 0.003

(17) +1 (18) +1 (8) −1 (1) −1 (0.5) −1 (0.05) −1 (0.05) +1 (0.1) 0.214

(18) +1 (18) +1 (8) +1 (9) −1 (0.5) −1 (0.05) +1 (0.45) +1 (0.1) 0.249

(19) −1 (2) +1 (8) −1 (1) +1 (2) −1 (0.05) +1 (0.45) +1 (0.1) 0.025

(20) −1 (2) −1 (2) +1 (9) +1 (2) −1 (0.05) +1 (0.45) +1 (0.1) 0.022

actual experimental values of the factors in the range of (−1
to +1):

xi = Xi − X0

ΔXi
, i = 1, 2, 3, . . . , k, (3)

where xi is the dimensionless value of an independent
variable, Xi is the real value of an independent variable, X0 is
the value of Xi at the center point, and ΔXi is the step change.
Statistical analysis of the data was performed by design
package Design Expert 7.0 to evaluate the analysis of variance
(ANOVA) to determine the significance of each term in the
equations fitted and to estimate the goodness of fit in each
case. The fitted polynomial equation was then expressed
in the form of three-dimensional response surface plots to
illustrate the main and interactive effects of the independent
variables on the dependent ones. The combination of
different optimised variables, which yielded the maximum
response, was determined to verify the validity of the model.
In order to verify the accuracy of the predicted model an
experiment was conducted with initial and optimised media.

2.5. Effect of Different Cellulosic Substrates on Cellulase Pro-
duction. The culture was grown under same conditions
except replacing 1% CMC with 1% Lichenan or 1% barley β-
glucan as carbon source in unoptimised and replacing 1.8%
CMC with 1.8% lichenan or 1.8% barley β-glucan in the
optimised medium. The enzyme production was studied at
different time intervals of 12 h, 24 h, 36 h, 48 h, and 60 h.
The enzyme assay was performed with final concentration
of 1% lichenan or 1% barley β-glucan as substrate in 50 mM

Glycine NaOH buffer (pH 9.2) incubated at 45◦C for 10 min.
The cellulase activity was calculated as described earlier.

3. Results

3.1. Screening of the Most Significant Medium Components by
Plackett-Burman Design. The cellulase activity of the cell-
free supernatant of Bacillus subtilis AS3 culture at 36 h
was maximum. The data in Table 1 indicated that there
was a wide variation of cellulase activity from 0.003 U/mL
to 0.25 U/mL in twenty trials. This variation reflected the
significance of factors on the enzyme activity. The analysis
of regression coefficients and t-value of seven ingredients
are shown in Table 2. Generally, a large t-value associated
with a low P-value of a variable indicates a high significance
of the corresponding model term. CMC, peptone, yeast
extract, K2HPO4, and MnCl2·4H2O displayed a positive
effect for enzyme production, whereas MgSO4·7H2O and
FeSO4·7H2O had a negative effect on enzyme activity
(Table 2). The variables with confidence levels greater than
95% were considered as significant. CMC was significant
at 100% confidence levels for cellulase production, and
peptone and yeast extract were found significant at 99 and
99.7% levels, respectively, for cellulase activity. None of the
components had significant negative effect. Neglecting the
variables which were insignificant, the model equation for
cellulase activity can be written as

Yactivity = 0.107817 + 0.083852X1

+ 0.020703X2 + 0.024881X3,
(4)
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where X1 = CMC, X2 = peptone, X3 = yeast extract. The
nutrient CMC showed positive effect. The +1 level of CMC
was chosen at 1.8% as higher concentration would cause
increased viscosity, making the separation of cells difficult.
Different nitrogen sources, such as yeast extract and peptone
were chosen, as these have been reported to significantly
affect the cellulase production [20]. On the basis of the
calculated t-values (Table 2) CMC, peptone, and yeast extract
were chosen for further optimisation, since these factors had
the most significant effect on the cellulase activity. All other
variables used in all the trials were kept to the median level.

3.2. Optimisation of Medium Components by CCD. At the
end of screening experiments by Plackett-Burman design
three factors were found to play a significant role in cellulase
production. The respective low and high levels of each
variable with the coded levels in parenthesis along with the
CCD design with response (U/mL) are given in Table 3. The
results of the second-order response surface model fitting
in the form of ANOVA are given in Table 4. To test the fit
of the model equation, the regression-based determination
coefficient R2 was evaluated. The nearer the values of
R2 to 1, the model would explain better for variability
of experimental values to the predicted values [21]. The
model presented a high determination coefficient (R2 =
0.9911) explaining 99% of the variability in the response
(Table 4). The coefficients of regression were calculated and
the following regression equation was obtained:

Yactivity = 0.27 + 0.15X1 + 0.02X2 + 0.05X3

+ 0.00X1
2 + 0.02X2

2 − 0.05X3
2

+ 0.04X1X2 − 0.05X1X3 − 0.01X2X3,

(5)

where Y = response (cellulase activity), X1 = CMC, X2 =
peptone, X3 = yeast extract in coded values. The statistical
significance of (5) was checked by F test, the results of
ANOVA are shown in Table 4. The results demonstrated
that the model is highly significant and is evident from
Fischer’s F-test with a very low probability value (P model >
F =.0000) (Table 4). Model coefficients estimated by regres-
sion analysis for each variable is shown in Table 5. The
significance of each coefficient was determined by t-values
and P-values. The larger the magnitude of t-test value and
smaller the P-value indicates the high significance of the
corresponding coefficient [21]. The results revealed that
CMC concentration (X1) had a significant effect (P <
.0000) on cellulase production than the effects of other
variables. The P-values (<.0001) and lack of fit (.013) for
the model suggested that the obtained experimental data
were in good fit. Three-dimensional response surface plots
were constructed by plotting the response (enzyme activity)
on the Z-axis against any two independent variables, while
maintaining other variables at their median levels shown in
Figures 1(a)–1(c).

The response surfaces having circular contour plot
indicate no interaction, whereas, an elliptical or saddle
nature of the contour plot indicates significant interaction
between the corresponding variables. Figure 1(a) shows that

with increase in CMC concentration in the entire range,
surface plot is sharply ascending indicating an enhancement
of enzyme activity. Similar ascending nature of surface
plot was observed with yeast extract however beyond 5 g/L
of yeast extract the surface tends to decline indicating a
decrease in enzyme activity. This proves a strong interaction
between CMC and yeast extract. This is also confirmed
by Student’s t-test with P-value (P = .001) and t-value
(−4.562) as shown in Table 5. Figure 1(b) shows that, with
the increase in yeast extract concentration to mid range,
the surface is ascending indicating enhancement of enzyme
activity and beyond the midrange the surface curvature is
declining. But no significant change in surface curvature is
observed with increase in peptone concentration showing
an insignificant interaction. Figure 1(c) shows that, with
the increase in CMC concentration, the surface is ascending
indicating enhancement of enzyme activity, and also, in case
of peptone the surface is ascending showing a significant
interaction. This interaction is also confirmed by Student’s
t-test with P-value (P = .009) and t-value (3.223) as shown
in Table 5. Therefore in both Figures 1(a) and 1(c) there
was a steep increase in cellulase activity with increase in
CMC concentration up to the maximum level of 18 g/L. The
optimum levels of the variables were obtained by solving
the regression equation and also by analyzing the response
surface contour plots using Design Expert software. The
model predicted a maximum cellulase activity of 0.49 U/mL
appearing at CMC (18 g/L), peptone (8 g/L), and yeast
extract (4.798 g/L) by keeping the other components at their
median levels.

3.3. Experimental Validation of the Model. To validate the
predicted model an experiment was conducted in duplicate
using the optimum medium composition. Cellulase activity
of 0.43 U/mL was observed at this optimised medium com-
position. Under these optimised conditions, the predicted
response for alkaline cellulase production was determined
to be 0.49 U/mL, and the observed experimental value was
found to be 0.43 U/mL. The excellent correlation between
predicted and experimental values of this experiment justifies
the validity of the response model and the existence of an
optimum point.

3.4. Effect of B-Glucan and Lichenan on Enzyme Activity by
Replacing CMC in Optimised Medium. The alkaline cellulase
from Bacillus subtilis AS3 showed multisubstrate specificity
showing activity with CMC, laminarin, hydroxyethylcellu-
lose, and steam exploded bagasse and significantly higher
activity with lichenan and barley β-glucan. The effect of
cellulosic substrates with different linkages on enzyme pro-
duction was studied as an alternative to CMC. It was
observed that with lichenan or barley β-glucan as carbon
source the activity reached maximum at 12 h and remained
stable till 36 h (Table 6). The optimised medium showed 3.4-
and 3.5-fold increase in activity with lichenan (1.2 U/mL)
and barley β-glucan (1.4 U/mL), respectively, compared
to the unoptimised medium (0.35 U/mL) and 0.4 (U/mL)
(Table 6). On comparison of the activity with CMC opti-
mised medium (0.43 U/mL) the increase was 2.8- or 3.2-fold
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Table 2: Statistical analysis of Plackett Burman design showing coefficient values, t- and P-value for each variable.

Variable Coefficient t-Stat P-value Confidence level (%)

Intercept 0.107817 15.96 .000 100

CMC (X1) 0.083852 12.41 .000 100

Peptone (X2) 0.020703 3.06 .01 99

Yeast Extract (X3) 0.024881 3.68 .003 99.7

K2HPO4 (X4) 0.005974 0.88 .394 60.6∗

MgSO4·7H2O (X5) −0.005107 −0.76 .464 53.6∗

FeSO4·7H2O (X6) −0.009733 −1.44 .175 82.5∗

MnCl2·4H2O (X7) 0.001163 0.17 .866 13.4∗

∗Insignificant values.

Table 3: Full factorial central composite design matrix of three variables in coded units and real values (in parenthesis) with experimental
and predicted response.

Run No CMC (X1) (g/L) Peptone (X2) (g/L) Yeast extract (X3) (g/L) Enzyme activity (U/mL)

Predicted Observed

(1) 0 (10) 0 (5) 0 (5) 0.270 0.271

(2) 0 (10) 0 (5) 0 (5) 0.270 0.271

(3) 1 (14.76) −1 (3.22) 1 (7.38) 0.341 0.330

(4) −1 (5.24) −1 (3.22) −1 (2.62) 0.122 0.123

(5) 0 (10) 0 (5) 0 (5) 0.270 0.272

(6) 0 (10) 0 (5) 0 (5) 0.270 0.261

(7) −α (2) 0 (5) 0 (5) 0.118 0.119

(8) 1 (14.76) −1 (3.22) −1 (2.62) 0.313 0.306

(9) 0 (10) 0 (5) 0 (5) 0.270 0.274

(10) −1 (5.24) −1 (3.22) 1 (7.38) 0.221 0.208

(11) −1 (5.24) 1 (3.22) 1 (7.38) 0.215 0.214

(12) 0 (10) 0 (5) 0 (5) 0.270 0.271

(13) + α (18) 0 (5) 0 (5) 0.422 0.431

(14) 1 (14.76) 1 (6.78) 1 (7.38) 0.385 0.377

(15) 1 (14.76) 1 (6.78) −1 (2.62) 0.364 0.371

(16) 0 (10) −α (2.0) 0 (5) 0.269 0.283

(17) −1 (5.24) 1 (6.78) −1 (2.62) 0.123 0.128

(18) 0 (10) 0 (5) +α (9.0) 0.276 0.292

(19) 0 (10) +α (8.0) 0 (5) 0.307 0.302

(20) 0 (10) 0 (5) −α (1.0) 0.175 0.168

higher with the optimised medium containing lichenan or
barley β-glucan, respectively (Table 6). The enzyme can be
called β-1,3-1,4-glucanase (lichenase) which cleaves the β-
1,3-1,4 mixed linkages.

4. Discussion

Considering the commercial importance of alkaline cellulase,
we have attempted to optimise the medium components
for its enhanced production from Bacillus subtilis (AS3).
The significant variables for enhancing alkaline cellulase
production were screened and selected using the Plackett-
Burman design. The results showed that CMC, peptone, and
yeast extract significantly and positively affected the enzyme
production from Bacillus subtilis (AS3). It has been reported
that CMC shows inducing effect on cellulase production.

Ahamed and Vermette and Domingues et al. reported that
biosynthesis of cellulases in Trichoderma reesei was very high
in medium with carboxymethylcellulose as carbon source
[22, 23]. It was also reported that yeast extract and peptone
have significant effect on cellulase production [20]. These
three ingredients were used as variables in the response
surface analysis. Under the optimal medium composition
(CMC, 18 g/L; peptone, 8 g/L and yeast extract, 4.79 g/L) the
experimental value of enzyme activity 0.43 U/mL perfectly
matched with predicted value of 0.49 U/mL showing 6-
fold increase with respect to the control basal medium
which showed only 0.07 U/mL enzyme activity. These
results propose a medium formulation that could serve
as a basal medium for further optimisation studies. The
optimised enzyme activity value obtained in this study is
much higher than the reported values with other strains.
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Figure 1: Three-dimensional response surface plot for alkaline cellulase production showing the interactive effects of medium components
in g/L: (a) yeast extract and CMC median level: peptone, 5 g/L, (b) yeast extract and peptone, median level: CMC, 10 g/L; (c) CMC and
peptone, median level: yeast extract, 5 g/L.

Li et al. reported maximum cellulase activity (0.26 U/mL) of
a Bacillus sp. when the culture was grown in LB medium
supplemented with 1% CMC [20]. It has been reported
recently that Bacillus sp. (DUSELR13) and Brevibacillus
sp. (DUSELG12) isolated from gold mine produced max-
imum CMCase activity 0.12 U/mL and 0.02 U/mL, respec-
tively, under unoptimised conditions [8]. In Geobacillus sp.

it has been reported that optimizing the culture conditions
and factorial designs and additions of yeast extract and
ammonium sulfate resulted in twofold increase in cellulase
production from 0.425 U/mL (basal medium) to 0.8 U/mL
under optimised conditions [24]. In another study a much
lower cellulase activity of 0.0113 U/mL was observed under
optimised conditions from Geobacillus sp. [25]. Rastogi et al.
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Table 4: ANOVA for quadratic model.

Source SS DF MS F-value Prob (P) > F

Model 0.133841 9 0.014871 123.94 .000

Residual (error) 0.001200 10 0.000120

Lack of fit 0.001087 5 0.000217 9.66 .013

Pure error 0.000113 5 0.000023

Total 0.135040 19

R2 = 0.9911; Adj R2 = 0.9831
SS, sum of squares; DF, Degree of freedom; MS, mean square.

Table 5: Model coefficient estimated by multiple linear regressions.

Model term Parameter estimate Standard error Computed t-value P-value

Intercept 0.270187 0.004467 60.479 .000

X1 (CMC) 0.151937 0.004985 30.480 .000

X2 (Peptone) 0.019066 0.004985 3.825 .003

X3 (Yeast extract) 0.050437 0.004985 10.118 .000

X1
2 0.000199 0.008161 0.024 .981

X2
2 0.017596 0.008161 2.16 .056

X3
2 −0.045086 0.008161 −5.524 .000

X1 ∗ X2 0.035305 0.010954 3.223 .009

X1 ∗ X3 −0.049972 0.010954 −4.562 .001

X2 ∗ X3 −0.005799 0.010954 −0.529 .608

Table 6: Variation of enzyme activity with CMC, lichenan, and
barley β-glucan with and without medium optimisation.

Media CMC Lichenan β-Glucan

Unoptimised (U/mL) 0.07 0.35 0.4

Optimised (U/mL) 0.43 1.2 1.4

Fold increase 6 3.4 3.5

Maximum activity (h) 36 12 12

reported maximum CMCase and cellulase activities of 0.058
and 0.043 U/mL, respectively, from cell-free culture super-
natants of Geobacillus sp. isolated from deep goldmine
environment [26]. Ariffin et al. recorded maximum FPase,
CMCase, and β-glucosidase activities of 0.011, 0.079, and
0.038 U/mL, respectively, by Bacillus pumilus EB3 produced
in a 2L stirred tank reactor [6]. Liang et al. reported
basal level cellulase activity of FPU 0.02 U/mL in the crude
culture supernatant of Brevibacillus sp. JXL [27]. Moreover,
Bacillus subtilis CK-2 isolated from compost soil and Bacillus
megaterium were reported producing CMCase activity of
0.26 U/mL and 0.102 U/mL, respectively, with 1% CMC [5,
28]. Although the cellulase activity is lower when compared
to the activity of fungal strains but the fact can be taken into
account that the strain Bacillus subtilis AS3 (EU 754028) has
high β-glucanase and lichenase activity (that can break β-1,3-
1,4 linkages) as compared to carboxymethylcellulase activity.
It was observed that in comparison to optimised medium
with CMC as substrate it showed 2.8- and 3-fold increase
with lichenan and β-glucan, respectively, and the activity
reached maximum at 12 h in contrary to CMC substrate

which requires 36 h to reach maximum activity. Therefore
the isolate is a high β-1,3-1,4-glucanase (lichenase) produc-
ing strain. Considering this property the enzyme isolated
from this novel strain (Bacillus subtilis AS3 EU 754025)
which is alkaline in nature, thermostable and active over a
wide range of pH can be used for various applications.

5. Conclusion

Medium components for higher cellulase activity from
Bacillus subtilis AS3 were optimised by RSM. Using Placket-
Burman design CMC, peptone and yeast extract significantly
enhanced enzyme activity. A 22 full factorial central com-
posite design was applied to study the combined effects of
these nutrients. The optimal levels of components were CMC
(1.8%), peptone (0.8%), and yeast extract (0.479%). The
model predicted maximum cellulase activity of 0.49 U/mL
which was in perfect agreement with experimental value
of 0.43 U/mL, showing 6-fold increase as compared to
unoptimised medium that gave an activity of 0.07 U/mL. The
enzyme showed significantly higher activity with lichenan
and β-glucan. The Bacillus subtilis AS3 strain is being used
for degradation of cellulosic substrates such as rice husk,
sugarcane bagasse, and wild grass.
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Production of cold active lipase by semisolid state fermentation involves the use of agroindustrial residues. In the present study,
semisolid state fermentation was carried out for the production of cold active lipase using Micrococcus roseus, isolated from soil
samples of Gangotri glaciers, Western Himalayas. Among various substrate tested, groundnut oil cake (GOC) favored maximal
yield of lipases at 15± 1◦C within 48 h. Supplementation of glucose 1% (w/v) as additional carbon source and ammonium nitrate
2% (w/v) as additional nitrogen source enhanced production of lipase. Addition of triglycerides 0.5% (v/v) tends to repress the
lipase production. Further mixed preparation of groundnut oil cake (GOC) along with mustard oil cake (MOC) in the ratio of
1 : 1, and its optimization resulted in improved production of cold active lipase. The enzyme exhibited maximum activity at 10–
15◦C and was stable at temperatures lower than 30◦C. The lipase exhibited optimum activity at pH 8 and showed more than 60%
stability at pH 9. Semisolid state fermentation process by utilizing agroindustrial wastes will direct to large-scale commercialization
of lipase catalyzed process in cost-effective systems.

1. Introduction

The Gangotri is the second largest Himalayan glacier, situ-
ated in the Uttarkashi of Uttaranchal (India) between 30◦44′

and 30◦56′N and 79◦4′ and 79◦15′ E, draining in northwest-
ern direction, is an excellent source of psychrophiles. Gan-
gotri glacier is around 30 km in length, 143 km2 in area and
it is the largest valley type glacier in the western Himalaya [1].
The temperature is 2–5◦C in summer and subzero in winter.
Psychrophiles have attracted attention as source of enzymes
with potential for low temperature catalysis. Indeed a variety
of cold active enzymes have been found in psychrophiles [2–
4]. One such example is cold active lipases, which are largely
distributed in microorganisms existing at low temperatures
nearly 5◦C. Lipases (triacylglycerol acylhydrolase, E. C.
3.1.1.3) are hydrolytic enzymes, which act on the carboxyl
ester bonds present in acylglycerol to liberate fatty acids and
glycerol. The knowledge of cold adapted lipolytic enzymes in

industrial applications is increasing at a rapid and exciting
rate. Cold active lipases are one of the important and widely
used enzymes whose spectrum of applications has widened
in many industries such as in detergent formulations, food
industry, leather processing, environmental bioremediations,
and fine chemical synthesis as well as in pharmaceutical
industries [5]. However, their production cost limits their
industrial use [6, 7]. Therefore, it is of interest to increase
the productivity of fermentation processes by optimization
of culture conditions. Since the raw materials employed in
the culture medium contribute to total production costs, the
reduction in the substrate cost would be a suitable strategy to
increase the productivity of the process [8]. Conventionally,
submerged fermentation is employed for production of
bacterial lipase. However, emerging trends emphasize that
semi-solid and solid-state fermentation systems have real
potential for the judicious management of bacteria in
industry.
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Semisolid state fermentation (SmSSF) involves growth of
microorganism on moist solid substrates in the absence of
free flowing water. In SmSSF, the nature of the solid support
material is an important parameter that influences the
product yield and, consequently, there is a continuous search
for newer and better substrates [9, 10]. Lipase production
by SmSSF is suitable since it offers many advantages over
submerged fermentation (SmF), which include high pro-
ductivity, higher product concentration, simpler equipments
and the use of low cost substrates as agro-industry waste
products [11]. India is one of the world’s leading oilseeds
producing country. Oil cakes have high nutritional value,
as they possess high protein content (ranging from 15 to
50%). They are economically cheap, stable and dependable
sources available in large quantities throughout year. The
potential role of oil cake as a substrate for fermentation has
been established [12]. Studies with oil cake extract showed
significant results for the overproduction of lipases [13].
Moreover, the blending of different substrates shows still
better performance, by providing more suitable environment
for microbial growth. In the present study, the ability of
Micrococcus roseus to produce extracellular cold active lipases
under semi-solid state fermentation using oil cakes has been
evaluated. This method may result in selecting an ideal
substrate for economic production. Moreover, the maximum
enzyme production by blending different substrate has been
studied.

2. Materials and Methods

2.1. Bacterial Strain. Lipolytic bacterial strains were isolated
from soil samples of Gangotri glacier, Western Himalayas on
tributyrin agar plates [14] and observed for zone of clearance
around the colonies. The organism which produced larger
zone was isolated and identified as Micrococcus roseus by
morphological and biochemical characteristics based on
Bergey’s Manual of Determinative Bacteriology [15]. The
stock culture was maintained on Nutrient broth (Hi-Media)
and glycerol (50 : 50% v/v) at −20◦C. Working cultures were
prepared by two successive transfers of stock culture to
nutrient broth for 24 h at 15±1◦C.

2.2. Inoculum Preparation. A loopful of cells from freshly
grown culture of the potential lipolytic isolate was trans-
ferred to a 250 mL conical flask containing 100 mL nutrient
broth. It served as a seed culture for further use as an inoc-
ulum after 48 h of incubation at 15± 1◦C. Five milliliters of
inoculum (108 cells/mL) was added to the sterilized medium
for fermentation.

2.3. Semi-Solid State Fermentation. The substrates used for
the production of cold active lipases were different oil
cakes such as groundnut (GOC), coconut (COC), gingili
(GngOC), mustard (MOC), and castor (CastOC) procured
from the local market. Dry oil cake (10 g) was taken in
250 mL Erlenmeyer flask with 90 mL of double distilled
water. The contents of the flask were mixed thoroughly and
autoclaved at 121◦C for 15 min.

2.4. Extraction of Enzyme. After fermentation, phosphate
buffer (pH 8) was added (1 : 1) to the fermented medium and
the enzyme is extracted by centrifugation at 10,000 rpm at
4◦C for 10 min. The clear supernatant obtained was used as
crude enzyme and stored in sterilized vials for further use.

2.5. Lipase Assay. Lipase activity was assayed using p-nitro
phenyl palmitate (pNPP) as a substrate as described by Win-
kler and Stuckmann [16]. Briefly, substrate solution contain-
ing phosphate buffer (90 mL) with Gum Arabic (100 mg),
and sodium deoxycholate (207 mg) along with 30 mg of
pNPP in 10 mL of isopropanol was preincubated with the
crude enzyme at 15± 1◦C. The release of p-nitrophenol
(pNP) was measured spectrophotometrically at 405 nm. One
unit of lipase activity was defined as the amount of enzyme
releasing 1 µmol pNP under standard assay conditions.

2.6. Optimization of Production Parameters for SmSSF Using
Oil Cakes. Optimization of process parameters and manip-
ulation of media composition are one of the most important
techniques used for the overproduction of lipase to meet
industrial demands. Optimization was carried out through
modification of several growth parameters. The effect of
an individual parameter was standardized at a time before
standardizing the next parameter. The various parameters
optimized for obtaining maximal lipase yield were, incuba-
tion time (24, 48, 72 and 96 h), temperature (10, 15, 25,
30 and 35◦C), and pH (ranging from 5.0–10.0). The effect
of lipid materials as triglycerides 0.5% v/v such as castor
oil, soybean oil, olive oil, and mustard oil was determined.
Further the effect of supplementation of carbon sources (1%
w/v) such as glucose, sucrose, lactose, maltose, and nitrogen
sources (1% w/v), that is, ammonium nitrate, potassium
nitrate, peptone, beef extract, yeast extract, in the SmSSF
system were also examined for production of cold active
lipase. In the above process, after optimization of incubation
time, oil cake showing highest lipase activity was selected
as potential substrate for the SmSSF system, and further
optimization of all other parameters was carried out with this
substrate. For each step lipase activity was assayed to know
the optimal yield.

2.7. Mixed Substrate Fermentation. In view of above experi-
ments, studies were made to evaluate the mixed substrate fer-
mentation by mixing the oil cake showing maximum lipase
yield with other oil cakes in ratio 1 : 1. Best mixed prepara-
tion was selected; further, the above optimized ingredients
were tested for mixed substrate enrichment. The enriched
media were designated as media A to E.

Media A: Combination of mixed substrate showing
maximum production of cold active lipase.

Media B: Media A + triglyceride (0.5% v/v).

Media C: Media A + Carbon source (1% w/v).

Media D: Media A + Nitrogen source (2% w/v).

Media E: Media A + Carbon + Nitrogen source.
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Figure 1: Cold active lipase production at different time intervals
using different oil cakes as substrate from Micrococcus roseus under
SmSSF.

2.8. Characterization of Lipase. Activity of the crude lipase at
different pH values was measured adjusting pH of the reac-
tion mixture using (0.1 M) of following buffers: citrate buffer
(pH 5.0–6.5), Tris-chloride buffer (pH 7.0–9.0), and Glycine-
NaOH buffer (pH 10). The enzyme activity was assayed by
method described before. To study the stability at different
pH, cold active lipase was dissolved in above-mentioned
buffers. These enzyme solutions were preincubated at 15◦C
for 1 h and relative activity was measured. To study the effect
of temperature on activity of lipase, reaction mixture was
incubated at different temperatures ranging from 5–50◦C
for 15 min and activity was determined. To study the lipase
stability at different temperature, lipase was dissolved in
50 mM phosphate buffer (pH 8.0), pre-incubated at different
temperatures ranging from 0 to 50◦C for 1 h, rapidly relative
activity was measured by the standard assay procedure.

3. Results and Discussion

Twelve lipolytic bacterial colonies were isolated on tributyrin
agar medium from the five different soil samples of Gangotri
glacier (data not shown). Microbiological analysis of soil
samples showed that the soil of glacier region contains high
bacterial count growing at 15± 1◦C. Among these 12 lipoly-
tic strains, isolate CAL-7 showing clear zone of maximum
diameter on tributyrin agar medium at 15± 1◦C was selected
as potential strain for cold active lipase production. The
isolate CAL-7 was later identified as M. roseus on the basis
of biochemical tests performed (Table 1).

Selection of a suitable substrate for the production of
enzyme is a primary-key factor and an extremely significant
step. In the present study, the production of cold active
bacterial lipase by M. roseus was tested in semi-solid state
fermentation using various oil cakes as substrate. The effect
of incubation time showed that there is large difference in
the production of lipase with different oil cakes as substrates
(Figure 1). The maximum yield of lipase (1.66 U/gds) was
noted in groundnut oil cake among the various substrate
tested. The suitability of GOC may be due to the high
content of crude protein. A low level of lipase activity was

Table 1: Morphological and biochemical characteristics shown by
the potential isolate CAL-7.

Tests Results

Colony morphology

Configuration Round/circular

Margin Entire

Elevation Convex

Surface Smooth/glistening

Density Opaque

Pigments Rosy red

Grams reaction Positive

Shape Cocci

Size Small

Arrangement Single or in pairs

Spore Absent

Biochemical tests

Catalase +

Oxidase −
Indole −
Methyl red +

Voges Prausker −
Citrate utilization −
Urease −
Nitrate reduction +

Gelatin hydrolysis −
Casein hydrolysis −
Starch hydrolysis −
Cween 80 hydrolysis −
Hydrogen sulphide production −
Motility test −/w

Sugar fermentation

Glucose A

Xylose A

Sucrose A

Fructose A

Maltose A

Galactose A

Mannitol A

+: Positive, −: Negative, A: Acid, w: weak.

obtained in the earlier stages of incubation which steadily
reached maximum level by 48 h of incubation. Beyond
48 h, a steep loss in the production was observed which
could be due to depletion of nutrients. Several workers also
reported the effect of incubation time on cold active lipase
production. Serratia marcesecens produced lipase after 6 days
of incubation [17] and Psychrobacter sp. Ant300 [18] and
Pseudoalteromonas sp. wp27 [19] synthesized cold active
lipase after 14 days of incubation. However, in the present
study, M. roseus was able to produce cold active lipase within
48 h of incubation.

When the lipase yield in semi-solid state fermentation
system was compared with that of submerged fermentation
system the lipase activity was reported to show 1.6-fold
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Figure 2: Cold active lipase production at different temperatures
using groundnut oil cake as substrate.
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Figure 3: Cold active lipase production at different pH using
groundnut oil cake as substrate.

Table 2: Effect of triglycerides, carbon source, and nitrogen sources
in cold active lipase production.

Additional sources Lipase activity (U/gds)

Triglycerides (0.5% v/v)

Control 3.66

Castor oil 3.00

Soybean oil 1.33

Olive oil 1.33

Mustard oil 0.66

Carbon source (1% w/v)

Glucose 4.66

Sucrose 3.33

Lactose 2.00

Maltose 2.00

Nitrogen source (1% w/v)

NH4NO3 5.33

KNO3 2.66

Peptone 5.33

Beef extract 3.33

Yeast extract 3.33

increase in SmSSF system (data not shown). Similar result
was reported by [20], which pointed out the superiority of
solid state fermentation over traditional suspension culture.
Therefore the SmSSF showing higher lipase yield was found
to be an appropriate system for the overproduction of cold
active lipase for industrial benefits.

Micrococcus roseus was found to be a psychrophilic
microorganism having an optimum temperature for growth
at 15± 1◦C with maximum lipase yield. On increasing the
temperature to 35◦C, cold active lipase production was

tremendously decreased (Figure 2). The absence of lipase
activity in the culture supernatant above 35◦C is likely due
to the thermolability of enzyme. The cold adapted microor-
ganisms tend to have good growth at low temperature
and production of cold active lipase is considered to be
temperature dependent and thermolabile [21].

In the present case the isolate was found to be growing
and producing the lipases over wide range of pH values
(Figure 3). The maximum production of lipase was obtained
at pH 8.0 (3.66 U/gds). An alkaline stable lipase is used
for the enzymatic hydrolysis of tributyrin [22]. The cold
active lipase produced owing to its alkaline nature seems
to be of considerable importance in industrial processes
such as leather processing, sewage treatment, and detergent
formulations.

The supplementation of different triglycerides, that is,
castor oil, soybean oil, olive oil, and mustard oil at 0.5%
concentration was not desirable as it suppressed the pro-
duction of lipase in SmSSF medium (Table 2). This might be
because the substrate itself would have provided the neces-
sary lipid source. It might be due to the fact that higher oil
content resulted in the formation of a biphasic system which
prevented not only the accessibility of water to the microor-
ganism but also prevented the oxygen transfer and nutrient
assimilation by the microorganism from the substrate. Butter
oil, corn oil, or olive oil inhibited production of lipase by
Penicillium roqueforti [23]. Further addition of inducers can
be avoided which offers economic benefits for industrial
scale production of cold active lipases. The impact of
additional carbon sources at 1% (w/v) was studied (Table 2).
It was found that, glucose when used as an additional
carbon source induced maximum production of cold active
lipase (4.66 U/gds). However, sucrose, lactose and maltose
were found to be notably repressing the lipase production.
Glucose is an easily available cheap carbon source which is
easily utilized by the bacteria, hence it can be efficiently used
for improved production of cold active lipases.

The effect of supplementation of inorganic and organic
nitrogen sources in SmSSF system is shown in Table 2.
Ammonium nitrate and peptone (1% w/v) when used as
additional nitrogen sources increased the production of
cold active lipase from M. roseus upto 5.33 U/gds in each
case. However, supplementation of potassium nitrate, beef
extract, and yeast extract do not have any significant role
in increasing the production of cold active lipase. Similar to
above findings, few reports are available on peptone as the
best carbon source [24] and increase in production of lipase
when ammonium nitrate was supplied as inorganic nitrogen
source to the organism [25].

Among different mixed substrate preparations, ground-
nut oil cake along with mustard oil cake was found to
show maximum production of cold active lipase 4.33 U/gds
at pH 8.0 after 48 h of incubation at 15± 1◦C. While
mixed preparations of GOC along with other oil cakes did
not show any significant result for the production of cold
active lipases (Figure 4). Since lipase yield was increased
up to 1.2-fold after using the mixed preparation of GOC
along with MOC, hence this preparation was selected for
further production of cold active lipase. A higher lipase
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Figure 4: Production of cold active lipases through SmSSF using
mixed substrate preparation.
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preparation under optimized conditions.

yield was obtained in mixed substrate preparation from
Candida rugosa [26]. The supplementation of GOC along
with MOC (1 : 1), that is, media A with different nutrient
sources individually such as triglycerides, glucose as carbon
source, ammonium nitrate as nitrogen source as well as
with the combination of glucose and ammonium nitrate,
which were designated as media B, C, D, and E were tested
and results obtained are given in Figure 5. The increased
production of cold active lipase was obtained with glucose
5.00 U/gds, ammonium nitrate 5.33 U/gds, as well as with the
combination of glucose and ammonium nitrate 6.66 U/gds.
Production of cold active lipases from M. roseus was reported
to show 150% increased production after optimization of
mixed preparation. Similarly, a higher lipase production by
Aspergillus niger on optimization of mixed substrate in ratio
of 1 : 1 [27] was obtained in fungal fermentation process.

The optimum reaction temperature for lipase was
15◦C when p-nitro phenyl palmitate (p-NPP) was used
as substrate. Reaction mixture when incubated at 40◦C
showed less activity. Micrococcus roseus lipase was stable
up to 30◦C but rapidly inactivated at higher temperature
above 40◦C when incubated for 1 h (Figure 6). The activity
of the cold enzyme presents an apparent optimal activity
around 35◦C and retains about 20% of its activity at 0◦C,
whereas the activity of the mesophilic lipases is close to zero
at temperatures below 20◦C and increases at temperatures
above 60◦C [28]. The increased catalytic activity at low
temperatures and decreased thermostability of psychrophilic
enzymes suggest that there is a relationship between stability
and activity to maintain the activity at low temperature.
This marked liability of M. roseus lipase together with its
high catalytic efficiency near 15◦C clearly denotes that it
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is cold active enzyme. Maximum activity and stability of
cold active lipase was obtained at pH 8.0. The enzyme was
stable under a pH range of 7.0–9.0 with slightly more in
alkaline conditions (Figure 7). Lipases showing high stability
and activity over a wide range of pH and activity under
nonconventional conditions are of great interest. The major
commercial application for alkaline stable lipases is the use
in laundry and household detergents. M. roseus lipase was
stable (>60%) over a pH range of 7.0–9.0; therefore, it has
great potential for application in detergent industry as an
additive used for cold washing.

4. Conclusion

Agricultural waste utilization for industrial development is
one of the developing areas in modern industrial biotech-
nology. As shown in present research, the cold active
bacterial lipases could be economically produced by M.
roseus under semi-solid state fermentation using cheaply
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available groundnut oil cake as potent substrate. However,
blending of Croundnut oil cake along with mustard oil cake
(1 : 1) under optimized condition showed better yield of
cold active lipase. Groundnut oil cake and mustard oil cake
along with glucose and ammonium nitrate was found to
be a promising substrate for industrial production of cold
active lipase in SmSSF by providing all the nutrients for the
anchorage of cells. Further, it is reported that production of
cold active lipase through SmSSF might not only reduce the
cost of production but also results in manyfold increase in the
lipase yield when compared with submerged fermentation.
The study thus conducted has tried to expand the horizon
of our knowledge on the cold active bacterial lipases which
represents an extremely versatile group of bacterial extracel-
lular enzymes that are capable of performing a variety of
important reactions, thereby presenting a fascinating field for
future research.
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Selective production of fragrance fatty acid ester from isopropanol and acetic acid has been achieved using silica-immobilized
lipase of Bacillus cereus MTCC 8372. A purified thermoalkalophilic extracellular lipase was immobilized by adsorption onto the
silica. The effects of various parameters like molar ratio of substrates (isopropanol and acetic acid; 25 to 100 mM), concentration of
biocatalyst (25–125 mg/mL), reaction time, reaction temperature, organic solvents, molecular sieves, and initial water activity were
studied for optimal ester synthesis. Under optimized conditions, 66.0 mM of isopropyl acetate was produced when isopropanol
and acetic acid were used at 100 mM: 75 mM in 9 h at 55◦C in n-heptane under continuous shaking (160 rpm) using bound lipase
(25 mg). Addition of molecular sieves (3 Å × 1.5 mm) resulted in a marked increase in ester synthesis (73.0 mM). Ester synthesis
was enhanced by water activity associated with pre-equilibrated saturated salt solution of LiCl. The immobilized lipase retained
more than 50% of its activity after the 6th cycle of reuse.

1. Introduction

Environment-friendly biocatalysts are now rapidly substi-
tuting the conventional harsh chemical methods for the
synthesis of important fatty acid esters used in many chem-
icals, medicines, cosmetics, and foods [1–5]. The attention
towards tremendous use of microbial lipase (triacylglycerol
acylhydrolase, EC 3.1.1.3) was exploited in the past decade
leading to the easy hydrolysis/synthesis of esters at ambient
condition with an advantage of precise selectivity. Such
reactions mediated by biocatalysts have advantages like mild
reaction conditions, one step synthesis without protection
and deprotection steps, and easy application to food pro-
cessing [6–8]. A lipase catalyzes a reversible reaction and the
direction and equilibrium of the reaction is determined by
the activities of the substrates, products, temperature, and
pressure [9].

Enzymes immobilization is the inherent advantage to
isolate the biocatalyst from the reaction product and reuse

it in order to increase the process productivity [10–12].
Immobilization by adsorption has been most widely used
for immobilization of various enzymes [13, 14]. Highly
porous inorganic matrices such as silica aerogels with
differing balances of hydrophobic and hydrophilic func-
tionalities have been successfully used for the immobi-
lization of enzymes. Silica aerogels can be considered as
“solid” solvent for the enzymes that are able to pro-
vide hydrophobic/hydrophilic characteristics differing from
those prevailing in the liquid surrounding the aerogels
[15].

Esters are a major group of aroma compounds [16, 17].
This ester possesses fruity odor and is used as artificial
flavorings and fragrances. Isopropyl acetate is a solvent used
in a variety of manufacturing processes. The present study
is focused on the effect of various parameters on silica-
immobilized lipase-catalyzed synthesis of isopropyl acetate
in n-heptane (Scheme 1) as a model system for the study of
esterification.
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Scheme 1: Isopropyl acetate synthesis using silica bound lipase in
n-heptane.

2. Materials and Methods

2.1. Chemicals and Reagents. NaNO3, K2HPO4, KCl,
MgSO4·7H2O, FeSO4·7H2O, and (NH4)2SO4 (S.d. Fine-
Chem, Mumbai); yeast extract and gum acacia (HIMEDIA
Laboratory, Mumbai); p-nitrophenyl palmitate (p-NPP)
alkanes (n-pentane, n-hexane, n-heptane, n-nonane,
n-hexadecane and n-heptadecane), and silica gel 60 (0.040–
0.063 mm, 230–400 mesh) were from Lancaster Synthesis,
England; Glacial acetic acid; Triton X-100 (Qualigens Fine
Chemicals, India); isopropyl acetate was obtained from
Acros Organics (New Jersey, USA); LiCl, KI, KNO3, sucrose,

isopropanol, and molecular sieve (3 ´̊A× 1.5 mm) were
procured from E. Merck Pvt. Ltd., Mumbai, India. All
chemicals were of analytical grade and were used as received.

2.2. Microorganism and Lipase. Bacillus cereus MTCC 8372
was originally isolated from a soil sample by selective
enrichment technique at 55◦C. The culture was maintained
by repeated subculturing on a mineral-based (MB) medium
supplemented with 1% (v/v) cotton seed oil (as a sole C-
source). The MB broth contained (g/L); NaNO3 3; K2HPO4

0.1; MgSO4·7H2O 0.5; KCl 0.5, FeSO4·7H2O 0.01, and yeast
extract 4.0, pH 7.5± 0.1.

2.3. Production of Lipase by B. cereus. Seed culture of B. cereus
was prepared by inoculating 50 mL of broth with a loop
full of culture. The culture was allowed to grow for 36 h
at 55◦C under continuous shaking at 160 rpm. Thereafter,
10% (v/v) of 36 h old seed culture was used to inoculate
1000 mL of the production medium (50 mL each in 250 mL
capacity Erlenmeyer flasks). The seeded production medium
was incubated at 55◦C and 160 rpm for 48 h (Orbitek shaking
incubator, AID Electronics, Chennai, India).

2.4. Purification of B. cereus Lipase. The culture broth was
centrifuged after 48 h post inoculation at 10,000 × g for
10 min at 4◦C (SIGMA 3K30, Germany). The cell pellet
was discarded and the supernatant was filtered through
Whattman no. 1. The protein content was measured [18].
Henceforth, this filtrate broth was referre to as crude lipase.
The required amount of ammonium sulfate was added to the
crude lipase to achieve 80% (w/v) saturation. The contents
were mixed thoroughly and kept over night at 4◦C. The
precipitates sedimented by centrifugation at 12,000× g at
4◦C for 30 min were reconstituted in minimum amount of
Tris buffer (0.05 M, pH 8.5) and were extensively dialyzed
against the same buffer. The purification of the dialyzed

lipase enzyme was performed on an Octyl-Sepharose column
(Amersham Pharmacia, Sweden) [19]. The fractions were
analyzed for lipase activity and protein. The active fractions
showing lipase activity were pooled and stored at−20◦C. The
specific activity of the purified enzyme was compared with
the crude enzyme and fold purification was calculated.

2.5. Determination of Lipase Activity. The lipase was assayed
by a colorimetric method using p-NPP [20]. The reaction
mixture contained 80 μL of p-NPP stock solution (20 mM p-
NPP prepared in isopropanol), 20 μL of test sample (lipase)
and Tris buffer (0.05 M, pH 8.5) to make final volume to
3.0 mL. The reaction mixture was incubated at 55◦C for
10 min in a water bath, and lipase activity was assayed at
410 nm. Chilling at −20◦C for 7 min was employed to stop
the reaction. One unit (IU) of lipase activity was defined
as micromole(s) of p-nitrophenol released per minute by
hydrolysis of p-NPP by one mL of soluble enzyme or 1 g of
matrix bound enzyme at 55◦C (weight of matrix included)
under assay conditions.

2.6. Immobilization of Purified Bacterial Lipase on Matrix
Silica. The purified lipase from B. cereus was immobilized
on silica gel 60. The matrix was first washed with distilled
water (thrice) followed by Tris buffer (0.05 M, pH 8.5)
before immobilization. Approximately, 4 mL (∼0.82 IU) of
the purified enzyme was then added to silica (1 g), and the
suspension was incubated for 1 h at 37◦C in a glass vial.
The unbound lipase was removed by five washings with Tris
buffer (0.05 M, pH 8.5). Finally, immobilized matrices were
kept suspended in Tris buffer at 4◦C till further use. In each of
the assays, 20 mg immobilized enzyme preparation (matrix)
was used. The volume of the supernatant, unbound protein
and lipase activity were estimated using standard methods.
The bound protein in matrix was determined by subtracting
unbound protein in the supernatant from the total protein
used for immobilization.

2.6.1. Esterification Studies for Isopropyl Acetate Synthesis
Using Silica-Immobilized Lipase. A reference profile was pre-
pared using varying concentrations of isopropyl acetate (20–
100 mmol/L) in n-heptane (retention time 0.91 min). The
reference curve was plotted between the molar concentration
(mmol/L) of isopropyl acetate and the corresponding area
under the peak. The retention time for isopropanol and
acetic acid is 0.79 min and 1.03 min, respectively.

2.6.2. Analysis of Isopropyl Acetate Synthesis by Gas Liq-
uid Chromatography (GLC). The sample size for the GLC
analysis was 2 μL. The sample was analyzed with GLC
using a packed column (10% SE-30 Chrom WHP, 2-meter
length, mesh size 80–100, internal diameter 1/8 inches,
Netel Chromatograph, Thane, India). Nitrogen was used
as a carrier gas (30 cm3/min). GLC was programmed for
oven temperature 75–125◦C, ramp rate 25◦C min−1, injector
temperature 135◦C, FID temperature 145◦C, and holding
time 2 min at 125◦C.
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2.6.3. Effect of Amount of Biocatalyst on Ester Synthesis.
The synthesis of isopropyl acetate was studied by taking
different amount of immobilized lipase (25–125 mg/reaction
volume) in 2.0 mL of reaction mixture containing 100 mM
and 75 mM each of isopropanol and acetic acid in n-heptane
at 55◦C in 9 h under shaking (160 rpm).

2.6.4. Effect of Relative Molar Concentrations of Reactants
on Isopropyl Acetate Synthesis. It was studied by keeping
the concentration of one of the reactants (isopropanol or
acetic acid) at 100 mM and varying the concentration of
another reactant (25–100 mM) in the reaction mixture in n-
heptane. The esterification was carried out for 9 h at 55◦C
under continuous shaking using silica-bound lipase, and the
amount of ester formed was determined by GLC.

2.6.5. Effect of Reaction Time on Synthesis of Isopropyl Acetate.
The reaction mixture comprised silica-immobilized lipase,
isopropanol (100 mM), and acetic acid (75 mM) in n-
heptane. The glass vials were incubated at 55◦C in a water
bath incubator shaker for 15 h. At 3-hour intervals, the
solvent phase (2 μL) was sampled and analyzed by GLC for
the presence of isopropyl acetate.

2.6.6. Effect of Temperature on Isopropyl Acetate Synthesis.
The effect of temperature (45, 55, 65, and 75◦C) on the
synthesis of isopropyl acetate was studied. The reaction
mixture containing isopropanol (100 mM) and acetic acid
(75 mM) in n-heptane was catalyzed by silica-immobilized
lipase at each of the selected temperatures for 9 h. The
amount of ester synthesized was determined by GLC.

2.6.7. Effect of Molecular Sieves on Isopropyl Acetate Synthesis.
The molecular sieves (3 Å× 1.5 mm) were added at the
concentration from 25 to 150 mg per reaction volume as
mentioned above and synthesis of isopropyl acetate in the
reaction mixture was determined.

2.6.8. Effect of Solvents (Alkanes) on Synthesis of Isopropyl
Acetate. In the reaction mixture, (2.0 mL) n-heptane that
was initially employed as a solvent phase was replaced with
n-alkanes of varying C-chain length, that is, n-pentane, n-
hexane, n-heptane, n-octane, n-nonane, n-hexadecane, and
n-heptadecane. The silica-bound lipase was added to the
reaction mixture, and the reaction was performed for 9 h at
55◦C. Ester synthesis was determined by GLC.

2.6.9. Repetitive Use of Silica-Immobilized Lipase for Ester Syn-
thesis. This biocatalyst was used to catalyze fresh esterifica-
tion reaction under optimized conditions. The immobilized
lipase with molecular sieves was used for the synthesis of
isopropyl acetate in n-nonane in a batch reaction up to 8
cycles of 9 h each at 55◦C. After first use, the biocatalyst was
recovered by decanting the reaction mixture and was washed
thrice in excess of n-nonane. The amount of ester synthesized
was monitored after each cycle of esterification.

Table 1: Effect of biocatalyst load on synthesis of isopropyl
acetate in n-heptane by silica-bound lipase. The reaction mixture
containing 100 mM isopropanol and 75 mM acetic acid and silica-
bound biocatalyst in n-heptane was incubated at 55◦C under
shaking for 9 h.

Immobilized enzyme (mg) Ester synthesis (mM)

25 67 ± 0.01

50 66 ± 0.01

75 65 ± 0.02

100 63 ± 0.01

125 62 ± 0.02

2.6.10. Effect of Initial Water Activity (aw) for Ester Synthe-
sis. The immobilized lipase and the substrates were pre-
equilibrated separately in containers containing different
saturated salt solutions; LiCl, KI, KCl, and KNO3 with
aws of 0.12, 0.689, 0.869, and 0.960, respectively. The pre-
equilibration process was carried out overnight at 40◦C. The
silica-bound lipase was added to the reaction mixture and
reaction was performed for 9 h at 55◦C without addition of
molecular sieves. Ester synthesis was determined by GLC.

2.7. Statistical Analysis. Standard deviation (SD) and stan-
dard error of means (SME) were calculated from data
obtained for three replicates for each of the parameters
studied.

3. Results and Discussion

3.1. Protein Binding Efficiency of the Silica Matrix. The purifi-
cation of microbial lipases using hydrophobic interaction
chromatography has been recently well established [21, 22].
The purified lipase by Octyl-Sepharose column [19] was used
for the enzyme immobilization. The silica matrix efficiently
bound the enzyme (67% protein binding). The bound lipase
exhibited an activity 2.1 IU/g matrix (weight of matrix
included).

3.2. Effect of Enzyme Concentration on the Isopropyl Acetate
Synthesis. Enzyme concentration is known to influence the
esterification behavior. Different amounts of bound lipase
were used and the progress of the ester synthesis was mon-
itored by GLC. Maximum esterification (67.0 ± 0.1 mM)
was achieved when 25 mg of silica-bound lipase was used
(Table 1). However, further increase in the amount of bound
lipase failed to further enhance the rate of esterification.
An increase in the quantity of biocatalyst concentration
resulted in a decrease in the apparent enzyme activity in
the production of ethyl acetate to an increase in diffusion
limitation, a problem that may be minimized in large-scale
experiments by optimal biocatalyst and bioreactor design.

3.3. Effect of Relative Concentration of Reactants on Esterifi-
cation. At a fixed concentration of acetic acid (100 mM), an
increase in the concentration of isopropanol (25–100 mM)
at 55◦C promoted the synthesis of ester (21.0 ± 0.2 to
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Figure 1: Effect of molar concentrations of reactants on the syn-
thesis of isopropyl acetate. The reaction mixture containing varying
ratio of isopropanol and acetic acid in n-heptane was incubated at
55◦C under shaking for 9 h.

52.0 ± 0.2 mM). However, when the concentration of
isopropanol was kept fixed (100 mM), there was a marked
increase in ester synthesis (27.0 ± 0.1 to 66.0 ± 0.1 mM).
Use of equimolar concentrations of both reactants had
deleterious effect on the ester synthesis. It appeared that the
ester was optimally synthesized when alcohol and acid were
used at 100 mM and 75 mM, respectively, in n-heptane under
continuous shaking for 9 h at 55◦C (Figure 1). Thus, in the
subsequent reactions, isopropanol and acetic acid were used
at 100 mM and 75 mM concentration, respectively.

In a previous study, high concentration of acetic acid
(0.4 to 0.7 M) inhibited SP435 lipase activity resulting in
low conversion yields for acetate esters [23]. The presence
of fatty acid (acetic) at higher concentration could damage
the hydrolytic layer of the enzyme structure causing lipase
deactivation during esterification process. Thus, B. cereus
MTCC 8372 lipase appeared to be vulnerable to high
concentration of acetic acid in reaction medium just like
other lipases. Due to toxicity of (acetic) acid in higher
concentration on lipase activity in enzymatic acetylation, the
use of acids as an acyl donor in transesterification and direct
esterification reactions was previously attempted with little
or no success [16, 17].

3.4. Effect of Reaction Time on Synthesis of Isopropyl Acetate.
It was studied at a temperature of 55◦C in n-heptane under
continuous shaking (Figure 2) up to 15 h. The synthesis
of ester was time dependant, and maximum amount of
isopropyl acetate (66.0 ± 0.1 mM) was produced after 9 h
of reaction when isopropanol and acetic acid were used at
100 mM and 75 mM, respectively, in n-heptane.

3.5. Effect of Reaction Temperature on the Isopropyl Acetate
Synthesis. An increase in temperature of reaction mixture
might interfere with the porosity, hydrophobic character and
diffusion of the reactants and/or products at the catalytic site
of enzyme or hydrogel. The reaction temperature above or
below 55◦C decreased the ester production (Figure 3). This
might be on account of denaturation of the lipase as well as
alteration in the 3D structure of lipase. Thus, 66.0 ± 0.2 mM
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Figure 2: Effect of reaction time on the synthesis of isopropyl
acetate. The reaction mixture containing 100 mM isopropanol and
75 mM acetic acid and silica-bound biocatalyst in n-heptane was
incubated at 55◦C under shaking.
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Figure 3: Effect of reaction temperature on the synthesis of iso-
propyl acetate. The reaction mixture containing 100 mM iso-
propanaol and 75 mM acetic acid, and silica-bound biocatalyst in
n-heptane was incubated at stated temperature under shaking for
9 h.

of isopropyl acetate synthesis was achieved at 55◦C in 9 h in
a batch reaction.

It appeared that temperature has an important effect
on the physical state of substrate dispersion in an organic
solvent. Higher temperature and liquefaction can be assumed
to make the substrate more acceptable for the enzyme.
Moreover, immobilization facilitated dispersal of enzyme
on a solid surface to provide far greater interfacial area
and accessibility of substrate relative to the use of enzyme
powders in low water reaction media [24].

3.6. Effect of Solvents (n-Alkanes) on the Ester Synthesis.
The choice of an appropriate solvent system that keeps the
reactants dissolved and did not interact with the enzyme,
matrix/support, or any of the reactants is very important
in achieving efficient esterification. Uses of n-octane or n-
nonane have nearly similar effect on the amount of ester
formed under similar conditions. The maximum conversion
of reactants into ester was recorded in n-nonane (67.0 ±
0.2 mM) at 55◦C. There is an increase in ester synthesis from
n-pentane (39.0 ± 0.2 mM) to n-nonane (67.0 ± 0.2 mM)
followed decrease in ester synthesis from n-hexadecane (53.0
± 0.3 mM) to n-heptadecane (57.0 ± 0.1 mM). Among
various n-alkanes, n-nonane was considered best for ester
synthesis in a water-free system (Figure 4).



Enzyme Research 5

0
10
20
30
40
50
60
70
80

Pe
n

ta
n

e

H
ex

an
e

H
ep

ta
n

e

O
ct

an
e

N
on

an
e

H
ex

ad
ec

an
e

H
ep

ta
de

ca
n

e

Choice of alkanes

Is
op

ro
py

la
ce

ta
te

(m
M

)

Figure 4: Effect of solvents (n-alkanes) on the synthesis of isopropyl
acetate. using silica bound lipase. The reaction mixture containing
100 mM isopropanol and 75 mM acetic acid and silica-bound
biocatalyst in stated n-alkanes was incubated at 55◦C temperature
under shaking for 9 h.
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Figure 5: Effect of molecular sieves (3 ´̊A× 1.5 mm) on the synthesis
of isopropyl acetate. A control was also maintained (without molec-
ular sieves) for performing esterification. The reaction mixture
containing 100 mM isopropanol and 75 mM acetic acid and silica-
bound biocatalyst in n-heptane was incubated at 55◦C temperature
under shaking for 9 h.
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Figure 6: Reusability studies using silica immobilized lipase for
ester synthesis. The silica-bound lipase with optimised molecular
sieves at 55◦C was used to achieve esterification of isopropanol
(100 mM) and acetic acid (75 mM) in n-heptane at 55◦C in
repetitive cycles of 9 h each under shaking.

Table 2: Effect of initial water activity of saturated salt solutions
on synthesis of isopropyl acetate. The reaction mixture containing
100 mM isopropanol and 75 mM acetic acid and silica-bound
biocatalyst in n-heptane was incubated at 55◦C under shaking for
9 h.

Salt solutions Ester synthesis (mM)

Control 66 ± 0.02

LiCl 72 ± 0.01

KI 63 ± 0.02

KCl 58 ± 0.01

KNO3 52 ± 0.01

As an n-alkane with a lower or a higher C-chain than n-
nonane was used as a reaction medium, a gradual decrease in
rate of isopropyl acetate synthesis was noticed. As the log P
value of an n-alkane decreased corresponding to decrease in
the C-chain length of the alkanes, the hydrophobicity of the
alkanes, that is, alkanes also decreased in that order [25].

3.7. Effect of Molecular Sieves on Isopropyl Acetate Synthesis.
The esterification reaction results in formation of water
as a by-product of the reaction, and its removal using
molecular sieves might enhance the synthesis of ester by
pushing the reaction equilibrium in the forward direction
[26, 27]. However, when the effect of the presence of a
molecular sieve was studied by adding molecular sieve at
concentrations of 25 to 150 mg per reaction volume, a
gradual increase in the synthesis of isopropyl acetate was
noticed up to 100 mg (73.0 ± 0.2 mM), and any further
increase in the amount of molecular sieves resulted in a
decrease (Figure 5). Esterification markedly increased in the
presence of molecular sieves in the present study.

3.8. Repetitive Esterification by Bound Lipase in a Batch
Reaction. The silica-bound lipase when repetitively used to
perform esterification under optimized conditions (25 mg
immobilized lipase, 55◦C reaction temperature, 9 h reaction
time, 100 mg molecular sieves) in n-nonane resulted in 30
± 0.2 mM isopropyl acetate after 8th cycle of esterification
(Figure 6). The decrease in the yield of the synthesis of ester
may be due to a leakage of enzyme to the reaction medium.

3.9. Effect of Initial Water Activity (aw). Generally, all lipases
showed an increase in ester synthesis as aw increased until
an optimum aw [28], whereby thereafter the ester synthesis
decreased as the aw further increased (Table 2). At saturated
salt solutions of LiCl, there was maximum ester synthesis
(72.0 ± 0.1 mM) that was however lower that the isopropyl
acetate was produced without the use of any of the salts for
choosing the aw. Effect of each of the chosen water activities
except LiCl was inhibitory in the isopropyl acetate synthesis.
Water layer is essential for hydrolytic enzyme activity. It
maintains the proper catalytic conformation of the lipase
enzyme. These results suggest that, at these water activity
values, enzymes are fully hydrated (too much water), and
thus the enzyme is rendered to have less rigidity and therefore
conversion rate diminishes.
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In the present study, we have shown that a systematic
approach could be devised on the basis of optimization
of reaction parameters and solvent engineering to obtain
optimal synthesis of an ester of interest. Maximum con-
version for ester synthesis was 97% (73 mM) recorded.
Isopropyl acetate was successfully synthesized by lipase-
catalyzed esterification in a short time of 9 h at 55◦C
in n-heptane under continuous shaking (160 rpm) using
bound lipase (25 mg). The immobilized enzyme could be
repetitively used for 6 cycles with more than 50% yield of
ester.
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Immobilization of lipases has proved to be a useful technique for improving an enzyme’s activity in organic solvents. In the present
study, the performance of a silica-immobilized lipase was evaluated for the synthesis of isopropyl ferulate in DMSO. The biocatalyst
was cross-linked onto the matrix with 1% glutaraldehyde. The effects of various parameters, molar ratio of ferulic acid to isopropyl
alcohol (25 mM : 100 mM), concentration of biocatalyst (2.5–20 mg/mL), molecular sieves (25–250 mg/mL), and various salt ions,
were studied consecutively as a function of percent esterification. Immobilized lipase at 25 mg/mL showed maximum esterification
(∼84%) of ferulic acid and isopropanol at a molar ratio of 25 mM : 100 mM, respectively, in DMSO at 45◦C in 3 h under shaking
(150 rpm). To overcome the inhibitory effect of water (a byproduct) if any, in the reaction mixture, molecular sieves (3 Å× 1.5 mm;
100 mg/mL) were added to the reaction mixture to promote the forward reaction. Salt ions like Ca2+, Cd2+, and Fe2+ enhanced
the activity of immobilized biocatalyst while a few ions like Co2+, Zn2+, Mg2+, Mn2+, Al3+, and Na+ had mild inhibitory effect.
Approximately, one third of total decrease in the esterification efficacy was observed after the 5th repetitive cycle of esterification.

1. Introduction

In nature, enzymes generally perform their biological func-
tions in aqueous solutions. However, nonaqueous enzy-
mology has found potential applications in enzymatic
synthesis as studied by our research group [1, 2]. From
the biotechnological point of view, there are numerous
advantages of conducting immobilized biocatalyst promoted
enzymatic conversions in organic solvents as opposed to
reactions performed in water-based systems. The water-
restricted/organic based reaction system has inherent advan-
tages such as high solubility of most organic compounds
in nonaqueous media, ability to carry out new reactions
impossible in water because of kinetic or thermodynamic
restrictions, and greater stability of enzymes and relative
ease of product recovery from organic solvents as compared
to water [3]. For various enzymatic reactions, immobilized
lipases have been widely studied as an effective tool to achieve
hydrolysis/esterification, easy separation of end product(s)
and effective separation of biocatalyst. Most proteins are
poorly soluble in organic solvents, and it is often necessary

to immobilize enzyme onto a suitable porous matrix that
provides an increased interfacial surface area, easy separation
of catalyst, and its reuse. Also from an industrial point
of view, immobilized biocatalysts offer economic incentives
of enhanced ease of handling, easy recovery, and reuse
relative to nonimmobilized forms [4]. Ferulic acid possesses
many potential medical applications that include its use
as a scavenger of free radicals or as a protective agent
against UV radiation-induced skin damage [5]. Sodium
ferulate, the sodium salt of ferulic acid, has been used as
medicine in clinical treatment of cardiovascular disease [6]
and cerebral thrombosis [7]. Ferulic acid is an antioxidant
compound as a result of resonance stabilization of its
phenoxy radical by the conjugation of the aromatic nucleus
and its extended side chain. This compound is readily
isolated from maize waste, where it comprises up to 3%
(w/w) of total dry mass [8]. Alkyl ester of ferulic acid, such as
octyl ferulate, has been observed to have higher antioxidant
activity than the acid itself, and the activity of octyl ferulate
was reported to be comparable to butyl hydroxyl toluene
a lipid soluble antioxidant [9]. Moreover oryzanol, a rice
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bran extract primarily consisting of cycloartenyl ferulate
and 24-methylenecycloartenyl ferulate, is widely used in the
cosmetic industry as an antioxidant [10, 11]. Further, sterol
ferulate possesses other pharmacological activities such as
anti-inflammatory effects [12].

The ester synthesis in organic medium requires careful
selection of an organic solvent, optimal relative ratio of
reactants, optimal reaction time and temperature, and so
forth. An appropriate solvent is always necessary to solublize
the substrates and to partition substrates and products in
different phases [13]. In some cases, the solvent might
be responsible for enzyme’s saturation or inhibition. Poor
solubility of ferulic acid in most of the solvents such as
water and short chain alkanes is responsible for its little
use in industry. The solvent is also necessary in case of
cosoluble substrates (liquid or solids and liquids) for ester
synthesis or trans-esterification [14, 15]. Water activity asso-
ciated with dehydrated/immobilized enzyme plays several
roles in its structure and functions that included action
on enzyme’s structure by contribution to all noncovalent
bonding, alteration of protein structure by disruption of H-
bonds, facilitation of reagent diffusion, and participation in
the equilibrium control [16]. The enzyme sometimes might
be inactive in dehydrated systems. Thus, it is essential to
study the effect of various physical factors as well as solvents
to perform the desired esterification in a water-free medium.

In the present study, effects of various reaction param-
eters on the synthesis of isopropyl ferulate by immobilized
lipase have been studied systemically. Isopropyl ferulate is
used in the reduction of pharmaceuticals, preparation of
antifungal agents, cosmetics and as antioxidant agent and so
forth.

2. Materials and Methods

2.1. Chemicals. Ferulic acid (4-hydroxy-3-methoxy cin-
namic acid) and isopropanol were procured from Merck
Schuchardt, Germany and DMSO (Dimethylsulfoxide) from
Sigma Aldrich, USA; molecular sieves (3 Å× 1.5 mm) were
from E. Merck (India) Ltd.. The commercial lipase, Steapsin,
was obtained from Sisco Research Laboratory, Mumbai
(India) and the matrix Silica 100–200 mesh was procured
from s-d fine Chemicals, Mumbai (India). All these chemi-
cals were used as received.

2.2. Determination of Lipase Activity. The activity of free
and immobilized enzyme was measured by a calorimetric
method [17]. The reaction mixture contained 80 μL of p-
nitrophenol palmitate (p-NPP) stock solution (20 mM p-
NPP prepared in isopropyl alcohol), the test sample (lipase),
and Tris buffer (0.05 M, pH 8.5) to make final volume
to 3 mL. The reaction mixture was incubated at 45◦C for
10 min in a water bath. The reaction was stopped by keeping
the reaction mixture at −20◦C for 10 min. An appropriate
control with a heat-inactivated enzyme (5 min in a boiling-
water bath) was included with each assay. The absorbance
of p-nitrophenol released was measured at A410. Each of the
assays was performed in triplicate, unless otherwise stated,

and the mean values were recorded. One unit (1 IU) of lipase
activity was defined as the micromoles of p-nitrophenol
released per minute by the hydrolysis of p-NPP by 1 mL
of soluble enzyme or 1 g of silica bound enzyme (weight
of matrix included) at 45◦C under assay conditions. All
the additives including buffer were preincubated for a short
period (3 min) before the enzyme was added to start the
reaction. The specific activity was expressed as micromoles
of the p-nitrophenol released per min by 1 mg of protein.

2.3. Determination of Protein Content. Protein concentration
was determined using bovine serum albumin as a standard
[18]. The silica-immobilized lipase was prepared in bulk for
subsequent use.

2.4. Immobilization of Enzyme onto Silica. The matrix was
washed three times with Tris buffer 0.05 M (pH 8.5) to
remove any type of the soluble impurities. The silica
(4 g), pre-equilibrated in an excess volume of Tris buffer
(0.05 M, pH 8.5) [19], was incubated with commercial
lipase “Steapsin” (5.32 IU/mL and 18.2 mg/mL protein) at
8◦C overnight. The volume of the supernatant, amount of
unbound protein, and the lipase activity were estimated.
The weight of the enzyme-incubated matrix was determined
and the bound lipase activity was assayed using 20 mg of
matrix/reaction volume (2 mL) unless stated otherwise. The
bound protein in the matrix was determined by subtraction
of the unbound protein in the supernatant from the total
protein used for immobilization [20]. Hydrolytic properties
of the silica-immobilized lipase were evaluated under various
reaction conditions for the synthesis of isopropyl ferulate in
DMSO. The silica-bound biocatalyst was treated with a cross-
linking agent (glutaraldehyde; 1%, v/v) so as to retain its
activity for a longer period of time [21–23].

2.5. Effect of Buffer pH and Temperature on Hydrolytic Activity
of Silica-Bound Lipase. The reaction variables such as buffer
pH (7.0, 7.5, 8.0, 8.5, 9.0, and 9.5) and reaction temperature
(30 to 60◦C) on the catalytic potential of the matrix-bound
lipase were studied by incubating the immobilized lipase
(20 mg/reaction volume of 2 mL) separately in glass tubes
containing Tris buffer adjusted to the specified pH (0.05 M
and 0.1% w/v gum acacia). The lipase activity was assayed
after 10 min of incubation at 37◦C. The buffer pH that was
found to be optimum to hydrolytic reaction was further
selected to study the effect of reaction temperature on
hydrolysis of p-NPP.

2.6. Esterification of Isopropyl Alcohol and Ferulic Acid.
Isopropyl ferulate synthesis was performed by using iso-
propanol (100 mM), ferulic acid (25 mm), and silica-bound
lipase (20 mg, ∼5.3 IU) taken in 2.0 mL of DMSO in Teflon-
lined glass vial (5 mL capacity). The reaction was performed
at 45◦C for 3 h along with buffer-activated silica as a control
under shaking (150 rev/min). Each of the reactions was
performed in duplicate, and average values were calculated.
Samples (10 μL) were withdrawn at intervals and analyzed



Enzyme Research 3

H3CO

HO HO

OH

OH
O

O

O

H3C CH3

CH3

CH3

H3CO

IsopropylferulateIsopropanolFerulic acid

+ 45◦C, DMSO

Immobilized lipase
(Steapsin)

Scheme 1

by gas liquid chromatography (GLC) for the presence of
isopropyl ferulate.

2.7. Analysis of Isopropyl Ferulate by GLC. The isopropyl
ferulate produced in the reaction cocktail was analyzed by
GLC equipped with a flame ionization detector and a column
(10% SE-30 Chrom WHP, 2 meter length, mesh size 80–100,
internal diameter 1/8 inches, maximum temperature limit
300◦C; Netel Chromatograph, Thane, India). Nitrogen was
used as a carrier gas (30 cm3/min). The injector was set at
260◦C, detector at 270◦C, and the column/oven temperature
at 250◦C. The sample size for the GLC analysis was 2 μL.

2.8. Optimization of Reaction Parameters for Synthesis of
Isopropyl Ferulate. The effect(s) of various factors such as
reaction time, relative molar concentration of reactants,
amount of molecular sieves, and reaction temperature on
the synthesis of isopropyl ferulate was separately evaluated.
All esterification reactions were performed in triplicate using
20 mg of silica-bound lipase per reaction volume (2 mL) at
45◦C under shaking (150 rev/min). The concentration of fer-
ulic acid and isopropanol was varied one at a time by keeping
the other one constant. The isopropanol concentration was
kept at 100 mM, and ferulic acid concentration was varied as
25, 50, 75, and 100 mM. The reaction was carried out for 15 h
at 45◦C under shaking. Further esterification reactions were
carried out at optimized molar concentrations of ferulic acid
and ethanol (i.e., 100 mM isopropanol and 25 mM ferulic
acid in DMSO).

The solvent phase (2 μL) of reaction mixture was period-
ically (2 h intervals) sampled and analyzed by GLC for the
presence of isopropyl ferulate. The optimized reaction time
was adopted in the subsequent experiment. The synthesis
of isopropyl ferulate was performed by placing varying
amounts of the immobilized biocatalyst (2.5–17.5 mg/mL in
duplicates) in 2 mL of reaction mixture containing 25 mM
of ferulic acid and 100 mM of isopropanol in DMSO at
45◦C for 3 h under shaking (150 rev/min). The effect of
reaction temperature (30, 35, 40, 45, 50, 55, and 60◦C) on the
synthesis of isopropyl ferulate was also studied by incubating
the reaction mixture containing isopropanol : ferulic acid
(100 mM : 25 mM) in DMSO and silica-immobilized lipase
(10 mg/mL) at each of the selected temperatures for 3 h
under shaking. To study the possible inhibitory role of water
that is produced as a byproduct in the reaction mixture
during the esterification reaction, molecular sieves (25–
250 mg/mL) were added to reaction mixture containing
10 mg/mL of biocatalyst. The esterification was achieved
at 45◦C for 3 h, and isopropyl ferulate formed in each

case was determined. Effect of various salt ions (1 mM) on
the esterification activity of the bound lipase was assessed
by pretreatment of immobilized enzyme with each of the
selected salt ions (Fe3+, Al3+, NH4

+, Ca2+, Co2+, Mg2+,
Hg2+, Ba2+, Cd3+, Zn2+, and Mn2+) for 1 h at 45◦C under
shaking. Thereafter, the silica-bound lipase was spun down
(10,000 × g for 2 min at room temperature), and the
buffer containing salt ion(s) was completely decanted by
inversion. The sedimented bound enzyme was washed in
DMSO (2 mL) once and spun down again to perform the
esterification as above. The synthesis of isopropyl ferulate
was recorded thereafter by GLC.

2.9. Cumulative Effect of Molecular Sieves and Varying
Concentrations of Selected Salt Ions (Cd2+, Ca2+, and Fe2+)
on Esterification. The optimized concentration of molecular
sieves that enhanced the esterification and the salt ions
(Cd2+, Ca2+, and Fe2+) promoting the synthesis of isopropyl
ferulate was selected for further studies. The immobilized
biocatalyst (12.5 mg/mL) separately pretreated with the salt
ions (Cd2+, Ca2+, or Fe2+) at 1, 3, or 5 mM for 1 h at
45◦C (0.05 M Tris buffer, pH 8.5) was used to catalyze
the esterification of ferulic acid (25 mM) and isopropanol
(100 mM) in DMSO.

2.10. Reusability of the Immobilized Lipase in Continuous
Cycles of Esterification. The immobilized lipase exposed to
3 mM of Ca2+ ions (0.05 M Tris buffer, pH 8.5) was used
for the synthesis of isopropyl ferulate in DMSO, repetitively
up to 8 cycles of 3 h each at 45◦C under shaking. After
the first cycle of esterification, the biocatalyst was recovered
(by centrifuging and decanting the reaction mixture), and
the washed biocatalyst (25 mg) was added to 2 mL of fresh
reaction mixture for the synthesis of isopropyl ferulate as
above. The silica-bound biocatalyst was recovered, washed,
and reused for the next cycle of ester synthesis. The reaction
system contained 25 mM ferulic acid and 100 mM iso-
propanol, and the reaction was carried out under optimized
conditions.

2.11. Statistical Analysis. An analysis of variance (ANOVA)
was conducted on the data obtained in each of the exper-
imental studies with statistical package Assistat version-
7.4 beta 2010” for comparison of mean responses (mean
standard error) and to determine the statistical significance.
The standard deviation (SD) about the mean for each of the
regimens was depicted in the figures.
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3. Results and Discussion

3.1. Immobilization of the Commercial Lipase. The commer-
cial lipase Steapsin was optimally immobilized onto silica
that retained 95.3% of total protein used for immobilization.
The activity of free lipase was found to be 5.6 IU/mL.
After immobilization onto silica, the bound lipase exhibited
5.3 IU/mL activity. Thus, following immobilization, the silica
matrix retained approximately 98% of originally used lipase
as reflected by the hydrolytic activity of the bound biocat-
alyst. In a previous study, lipase immobilized onto a poly
(MAc-co-DMA-cl-MBAm) hydrogel showed approximately
94% binding of lipase. The hydrogel-bound lipase also gave
a higher yield for both hydrolysis of p-NPP and esterification
for the synthesis of isopropyl myristate as compared to other
polymers [24].

The hydrolytic activity of the silica-bound lipase was
recorded at each of the selected pH of the Tris buffer, namely,
7.0 (2.16 IU/mL), 7.5 (3.08 IU/mL), 8.0 (4.91 IU/mL), 8.5
(5.84 IU/mL), 9.0 (5.44 IU/mL), and 9.5 (4.11 IU/mL). At
pH 8.5 and 9.0, the observed activities were significantly
higher than those obtained at other pH values (P < .05).
Among the selected temperature of 30◦C (0.81 IU/mL), 35◦C
(3.94 IU/mL), 40◦C (4.77 IU/mL), 45◦C (5.80 IU/mL), 50◦C
(5.77 IU/mL), 55◦C (4.78 IU/mL), and 60◦C (4.12 IU/mL)
at which the hydrolytic activity of bound lipase towards p-
NPP was studied, the silica-bound lipase showed comparable
activities at 45 and 50◦C that were significantly higher than
those recorded at other reaction temperatures. Thus, a pH
8.5 and temperature 45◦C was considered optimum for the
activity of the bound lipase.

3.2. Effect of Physicochemical Parameters on Esterification.
The exploitation of commercial applications of lipases for
preparing value-added specialty products from lipids by
esterification/transesterification depends on understanding
and controlling reaction selectivity towards different sub-
strates [25]. Various features of reaction selectivity of lipases
are modulated by exogenous factors such as type of organic
solvent, choice of cosubstrates/reactants, water activity, pH,
temperature, and immobilization [26–29]. The optimum
values of temperature, pH, time of reaction, and molar
concentration of reactants must be determined in each case
to carry out the desired esterification reaction expecting
higher yield [30]. In the present study, concentration of
the biocatalyst, molecular sieves, and some of the selected
salt ion(s) showed cumulative effect to enhance the yield of
isopropyl ferulate in the reaction mixture.

Kinetics of immobilized lipase catalyzed synthesis of iso-
propyl ferulate was studied for 15 h at 45◦C in DMSO under
continuous shaking at 150 rpm. The isopropyl ferulate was
formed with a maximum conversion rate of approximately
83.6% within a short period of 3 h. Thus, in the subsequent
experiments a reaction time of 3 h at 45◦C for immobilized
lipase was considered optimum for the synthesis of isopropyl
ferulate. The reaction temperature often has an important
effect on the physical state of substrate dispersion also.
Higher temperature and liquefaction tend to make the
substrate more diffusible and hence easily acceptable to the
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Figure 1: Effect of reaction time on the yield of isopropyl
ferulate. The esterification was performed for 15 h at 45◦C using
100 mM isopropanol (IP) and 25 mM ferulic acid (FA) in DMSO
under shaking. The ester yield was significantly higher (∗) when
FA : IP was used at 25 mM : 100 mM than ester yield obtained
at 75 mM : 100 mM and 100 mM : 100 mM, respectively, under
identical reaction conditions.

enzyme [31]. But ferulic acid is unstable at high temperatures
where it undergoes oxidation [32]. The concentrations of
ferulic acid and ethanol were varied one at a time keeping the
other one constant. The concentration of isopropanol was
kept 100 mM and ferulic acid concentration was varied as 25,
50, 75, and 100 mM. The reaction was carried out for 15 h
at 45◦C under shaking. The maximum ester synthesis was
recorded when concentration of ferulic acid and isopropanol
was 25 mM : 100 mM. A subsequent significant decrease
(P < .05) in the ester formation with an increase in the
concentration of ferulic acid up to 100 mM was observed
(Figure 1). On the basis of these observations, further
esterification reactions were carried out at optimized molar
concentrations of ferulic acid and isopropanol (25 mM and
100 mM, resp.). In a recent study, the synthesis of ethyl
ferulate was carried out by using equimolar mixture of
ethanol and ferulic acid using celite-bound lipase at 45◦C
[24]. The synthesis of isopropyl ferulate was performed by
placing varying amounts of the immobilized lipase (2.5–
20 mg/mL) in 2 mL of a reaction mixture containing 100 mM
isopropanol and 25 mM ferulic acid in DMSO at 45◦C for 3 h
under shaking (150 rpm). Approximately, 80% yield of iso-
propyl ferulate with 12.5 mg/mL immobilized biocatalyst was
recorded (Figure 2). In a recent study, 10 mg/mL of celite-
bound lipase was found to give an optimum yield of ethyl
ferulate in DMSO [24]. Enzyme concentration is known
to influence esterification reaction. Temperature had an
important effect on the physical state of substrate dispersion
also. Higher temperature and liquefaction tend to make the
substrate more diffusible and hence easily acceptable to the
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Figure 2: Effect of silica-bound biocatalyst concentration on
synthesis of isopropyl ferulate. The esterification was performed for
3 h at 45◦C using isopropanol (100 mM) and ferulic acid (25 mM)
in DMSO under shaking. The ester yield was significantly higher
(∗) when 12.5 mg/mL of silica-bound biocatalyst was used (P <
.05).
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Figure 3: Effect of temperature on the synthesis of isopropyl
ferulate. The esterification was performed for 3 h at specified
temperature using isopropanol (100 mM) and ferulic acid (25 mM)
in DMSO under shaking. A significantly higher (∗) yield of
isopropyl ferulate was recorded at 45 and 50◦C in comparison to
the other reaction temperatures using silica-bound biocatalyst (P <
.05).

enzyme [33]. In a previous study, lipase immobilized onto
a poly (MAc-co-DMA-cl-MBAm) hydrogel showed higher
yield for both hydrolysis and esterification for the synthesis
of isopropyl myristate as compared to other polymers [34].

The silica-immobilized lipase performed the synthesis
of isopropyl ferulate (81.2 mM) much efficiently at 45◦C
(Figure 3). The optimal synthesis of ethyl ferulate using
celite-bound lipase was also observed at the same temper-
ature [24], as the increase above 30◦C showed a corre-
sponding increase in the rate of esterification and maximum
percentage yield was observed at 45◦C. However, increase
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Figure 4: Effect of molecular sieves on synthesis of isopropyl
ferulate. The esterification was performed for 3 h at 45◦C using
isopropanol (100 mM) and ferulic acid (25 mM) in DMSO under
shaking. A significantly higher (∗) yield of isopropyl ferulate was
recorded when molecular sieves were added to the reaction cocktail
at 100 mg/mL concentration in compassion to the yield recorded at
175–250 mg/mL of molecular sieves using silica-bound biocatalyst
(P < .05).
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Figure 5: Effect of salt ions on the synthesis of isopropyl ferulate.
The silica-bound lipase pre-exposed to the selected salt ions (1 mM)
for 1 h at 45◦C was used to achieve esterification of isopropanol and
ferulic acid (100 mM : 25 mM) in DMSO under shaking in 3 h.

in temperature beyond 45◦C resulted in a decline in the
ester synthesis. With increasing concentration of molecular
sieves (25 mg/mL to 250 mg/mL), the optimal yield of
isopropyl ferulate (∼90 mM) was noticed when 100 mg/mL
of molecular sieves were used in the reaction mixture.
A further increase of the concentration of the molecular
sieves (>100 mg/mL) resulted in a gradual but significant
decrease in synthesis of ester (Figure 4). Esterification of
isopropanol and ferulic acid by silica-immobilized lipase
in the presence of molecular sieves and certain salt ions
brought about an improvement in the yield of isopropyl
ferulate. Water that is produced as a byproduct of the
esterification reactions performed by biocatalysts in organic
media has several adverse effects on the reaction and enzyme
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Figure 6: Effect of selected metal ions on the synthesis of isopropyl
ferulate. The silica-bound lipase pre-exposed to the selected salt
ions prepared in Tris buffer (0.05 M; pH 8.5) for 1 h at 45◦C
was used to achieve esterification of isopropanol and ferulic acid
(100 mM : 25 mM) in DMSO at 45◦C under shaking in 3 h.
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Figure 7: Repetitive use of immobilized biocatalyst for the synthesis
of isopropyl ferulate. The esterification was performed for 3 h at
45◦C using isopropanol (100 mM) and ferulic acid (25 mM) in
DMSO under shaking. A significant decline in the yield of isopropyl
ferulate was recorded after each cycle of repetitive esterification after
the 1st cycle of repetitive esterification in the presence of molecular
sieves (100 mg/mL; P < .05).

activity/performance. Esterification is generally a water-
limited reaction [35], and excess of water activity inhibits
the forward catalytic reaction in water restricted/organic
medium. The formation of water also causes aggregation
of support particles resulting in a decrease in the rate
of enzyme activity. Esterification of isopropyl alcohol and

ferulic acid by silica-immobilized lipase in the absence of
a water scavenger/molecular sieves exhibited approximately
84% esterification. However, presence of molecular sieves
in the reaction cocktail significantly improved the isopropyl
yield up to 90% that was approximately 48% more than
that recorded for the synthesis of ethyl ferulate (68 mM) in
DMSO as reported recently [24]. The addition of molecular
sieves usually improved the equilibrium conversion [24, 36],
yet in many cases negative effects such as the formation
of diester and degradation of unstable substrates have also
been reported [37, 38]. Fe2+, Ca2+, and Cd2+ enhanced the
activity of immobilized lipase while Co2+, Zn2+ Mg2+, and
Mn2+ showed an inhibitory effect on the catalytic behavior
of enzyme. NH4

+ and Ba2+ ions did not show any significant
effect on the esterification activity of immobilized lipase.
The immobilized enzyme presented a particular affinity for
certain salt ions like Fe2+, Ca2+ and Cd2+ and the conversion
of the reactants into isopropyl ferulate approached to 85.3%
(Figure 5). In a previous study on Burkholderia multivorans
V2, the exposure to salt ions such as Ca2+, Mg2+ and Mn2+

stimulated the lipase activity while Cu2+ Fe2+ and Zn2+ ions
antagonized the biocatalytic potential of lipase [30]. In a
recent study, Co2+, Ba2+, and Pb2+ ions enhanced while
Hg2+, Ca2+, and NH4

+ antagonized the catalytic activity of
a celite-bound commercial lipase for the synthesis of ethyl
ferulate [24]. The inhibitory nature of transition metals
has been thought to be due to interaction of ions with
charged side chain groups of surface amino acids, thus
influencing the conformation and stability of the enzyme
[39]. However, in the present study, Fe2+ ions were found
to have good stimulatory effect on the synthesis of isopropyl
ferulate. Previously, the Fe2+ ions have been found to
have an antagonistic effect on esterification [30] that is in
contradiction to the above observation. The Al3+ and Co2+

had moderate inhibitory effect on the lipase activity. The
stimulatory effect of Mg2+ and Ca2+ on lipase activity had
been reported by several researchers and has been attributed
to structural alterations in the catalytic site of the lipase
rather than any catalytic role assigned to these ions [40]. The
immobilized enzyme was pretreated separately with each of
the three salt ions (Fe2+, Ca2+, and Cd2+) at concentration
1, 3, and 5 mM. An increase in the concentration of Fe2+

up to 5 mM showed a sharp decrease in the ester synthesis
while Ca2+ caused a rise in isopropyl ferulate synthesis at
the concentration 3 mM and above. In case of Cd2+ ions, an
increase in the concentration up to 5 mM did not exhibit
any modulation in ester formation (Figure 6). Previously,
Cd2+ ions have been found to have an inhibitory role in the
synthesis of ethyl ferulate [24].

3.3. Reusability of Immobilized Biocatalyst for Ester Synthesis.
It was observed that the silica-immobilized lipase catalyzed
the esterification appreciably for the first three cycles, and,
thereafter, its activity started to decline significantly (P <
.05). The silica-bound lipase yielded 14.8 mM of isopropyl
ferulate at 45◦C after the 6th cycle of esterification (Figure 7).
Thus, about 33% decrease in the esterification efficacy of the
silica-bound biocatalyst was observed after the 5th repetitive
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cycle of esterification. The immobilization onto inert and
nonsoluble matrix like silica aided in reusability of lipase
and its easy recovery too; however, the leaching of the
bound lipase during repetitive reuse seems to be one of the
drawbacks of such a matrix.

4. Conclusion

In this work, we demonstrated the synthesis of a med-
ically important ester isopropyl ferulate in a water-
restricted medium by a silica-immobilized commercial
lipase. Besides, the isopropyl ferulate being produced at
high level (∼90% yield) in a short period of time (3 h), the
enzyme retained good activity and stability after repetitive
use and a remarkable stability towards organic solvent
DMSO. These results, especially the cumulative effect of
various parameters like temperature, pH, reaction time,
molar ratio of reactants, and removal of byproduct of
esterification by molecular sieves, vastly improved the yield
of the isopropyl ferulate that was approximately 47% more
than that reported for the synthesis of ethyl ferulate in
DMSO recently [24]. The obtainable higher yield of iso-
propyl ferulate in a water-free reaction system supported
the potential applications of a silica-immobilized lipase in
achieving biocatalysis in organic medium. This approach
thus justifies a future framework for the synthesis of various
acyl-derivatives of ferulic acid as medically important esters
which can be used as prodrugs in pharmaceutical industry.
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A gram-positive, nonmotile, irregular, short, rod-shaped new strain of Weissella confusa bacterium was isolated from fermented
cabbage. The isolate was physiologically and biochemically characterised. The 16S rDNA was amplified by polymerase chain
reaction (PCR). The isolate was identified as Weissella confusa (GenBank accession number: GU138518.1) based on nucleotide
homology and phylogenetic analysis. The isolate produces glucansucrase when grown in sucrose-supplemented culture medium
which catalyses glucan formation. This novel isolate possesses high capacity of industrial use due to its high productivity of
glucan (34 mg/mL) as compared to other strains reported. The optimum temperature for glucansucrase production was 25◦C. The
shaking condition gave an enzyme activity of 6.1 U/mL which was 1.5 times higher than that given by static condition (4.1 U/mL).
The temperature 35◦C, pH 5.4, and ionic strength 10–20 mM were optimum for enzyme assay. This investigation unraveled the
abundance of industrially valuable microflora of the north east India.

1. Introduction

The Weissella species are gram-positive, non-spore-forming,
heterofermentative, nonmotile, and irregular or coccoid rod-
shaped organisms. Members of the genus Weissella have been
isolated from a variety of sources, such as fresh vegetables,
fermented silage, meat, or meat products. Several lactic
acid bacteria belonging to the genera Weissella have been
introduced to wheat sourdough baking for in situ production
of exopolysaccharides [1]. Weissella kimchii PL9023 was
selected as a prebiotic as it mostly produced hydrogen per-
oxide which inhibited the growth and adherence of vaginal
isolates of Candida albicans, Escherichia coli, Staphylococcus
aureus, and Streptococcus agalactiae [2]. Lactic acid bacteria
(LAB) that produce dextrans include various Leuconostoc,
Streptococcus, and Lactobacillus species [3]. Smitinont et al.
[4] had emphasised on dextran-synthesizing ability of the
Pediococcus genus. Patel et al. [5] reported the dextran-
production ability of Pediococcus pentosaceus for the first
time. Additionally, dextran production has typically served as
a phenotypic test in the identification of bacteria classified in
the genus Weissella [6]. Maina et al. [7] reported industrially

useful dextran-producing Weissella confusa E392 which
could be a suitable alternative to the widely used L. mesen-
teroides B512F in the production of linear dextran.

First proposed by Collins et al. [6] on the basis of
the results of 16S rDNA phylogenetic analyses, the genus
Weissella encompasses a phylogenetically coherent group
of lactic acid bacteria and includes twelve validated Leu-
conostoc-like species, currently, including W. confusa (for-
merly Lactobacillus confusus), W. minor (formerly Lacto-
bacillus minor), W. kandleri (formerly Lactobacillus kand-
leri), W. halotolerans (formerly Lactobacillus halotolerans),
W. viridescens (formerly Lactobacillus viridescens), Weissella
paramesenteroides (formerly Leuconostoc paramesenteroides),
W. hellenica, W. thailandensis, W. cibaria, Weissella kimchii,
Weissella soil, and Weissella koreensis. Alternative molecular
biological approaches have been developed in place of clas-
sical phenotypic methods for the identification of Weissella
species. Such methods include soluble whole-cell protein
pattern analyses [8], restriction pattern of ribosomal DNA
[8] fatty acid analyses [9], random amplified polymor-
phic DNA-PCR (RAPD-PCR) [10], denaturing gradient gel
electrophoresis (DGGE) [11], and PCR targeting 16S/23S
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rRNA gene spacer region [12]. In the present study, a
novel Weissella species isolated from fermented cabbage was
characterised up to genus and species level using 16S rDNA-
based sequence analyses. Its glucan formation capacity
has been explored in detail and compared with that of
Leuconostoc mesenteroides NRRL B-512F.

2. Materials and Methods

2.1. Isolation and Maintenance of Microorganism. Fresh
chopped cabbage was subjected to fermentation in 2.5%
(w/v) NaCl solution. One gram of fermented cabbage was
ground to paste and mixed in 10 mL of saline (0.9% w/v)
homogeneously in test tubes. The serial dilutions were made,
till the dilution factor 10−5. One hundred microliter from all
the dilutions of cabbage from 10−0 to 10−5 was taken and
spread plated on petri plates of 1.7% (w/v) MRS agar with
glucose as carbon source [13]. Petri plates were incubated
at 28◦C for 24 h. Based on the higher-glucansucrase activity
and glucan concentration determined (as described later), a
microbe Cab3 (named after its colony number) was isolated.
The isolated bacterium was propagated as stab in MRS agar
supplemented with sucrose as carbon source [14] at 25◦C
and stored at 4◦C. For long-term preservation, the isolate was
kept in 20% (v/v) glycerol at −80◦C.

2.2. Morphological, Physiological, and Biochemical Character-
ization. The colony morphology of isolates grown on MRS
medium for overnight at 25◦C was observed directly and
by light microscopy. Cell mobility and gliding movement
were assessed by phase-contrast microscopy (1000x) using
cells of MRS broth. The Gram reaction was performed using
the KOH method of Gregesen [15]. The cell morphology
of the selected isolate was examined by scanning electron
microscopy (Leo1430 VP, Leo Electron Microscopy Ltd.,
Cambridge, UK) operated at 10.0 kV. The catalase activity
was determined by transferring fresh colonies from MRS
agar to a drop of 5% (v/v) H2O2 on a glass slide. For the
temperature tolerance of the microorganism, the growth of
selected isolate was carried out using MRS broth at different
temperatures, that is, 4◦C, 10◦C, 15◦C, 20◦C, 30◦C, 37◦C,
and 42◦C for 2 days. For salt tolerance of the isolate, the
growth was observed using MRS broth in the presence of
4.0% and 6.5% (w/v) of NaCl incubated at 25◦C for 2 d.
The production of glucan (slimy layer) by isolate Cab3 from
sucrose was observed on MRS agar in which glucose was
replaced by sucrose [14].

The strain Cab3 was tested for its ability to ferment
various carbohydrates using the method of Kandler and
Weiss [21]. From the overnight-grown MRS broth contain-
ing 2% (w/v) glucose as carbohydrate source, 50 µL was
inoculated in 5.0 mL liquid MRS medium lacking glucose
but containing phenol red and other test carbohydrates to
give a final inoculum to medium ratio of 1% (v/v). The test
media were incubated for 2 days at 30◦C without shaking.
The acid production was recorded between 24 and 48 h. The
acid production was indicated by a change in the colour of
the phenol red indicator dye from red to yellow. The isolated

strain cab3 was tested for susceptibility to 30 antibiotics
using a standardized filter-paper disc-agar diffusion assay, to
determine the drug susceptibility of microorganisms [22].

The antibiotic tests were performed using commer-
cially available antibiotic octadiscs containing Amoxyclav
(Ac), cephalexin (Cp), ciprofloxacin (Cf), clindamycin
(Cd), cloxacillin (Cx), erythromycin (E), tetracycline (T),
ampicillin (A), carbenicillin (Cb), cefotaxime (Ce), chlo-
ramphenicol (C), co-Trimazine (Cm), gentamicin (G),
norfloxacin (Nx), oxacillin (Ox), amikacin (Ak), amoxy-
cillin (Am), bacitracin (B), cephalothin (Ch), novobiocin
(Nv), oxytetracycline (O), vancomycin (V), penicillin-G
(P), tobramycin (Tb), cephaloridine (Cr), kanamycin (K),
lincomycin (L), methicillin (M), norfloxacin (Nf), and
oleandomycin (Ol) from Hi-media Pvt. Ltd. India.

2.3. 16S rDNA-Based Sequence Analyses

2.3.1. Extraction of Genomic DNA. The bacterial cell pellet
was lysed using a solution containing guanidium thiocyanate
(a chaotropic agent) and SDS (a detergent), to extract
DNA [23]. This lysis solution was used to disrupt the cell,
remove proteins and polysaccharides, and partial hydrolysis
of RNA. The genomic DNA was extracted by GeNeiTM
Genomic DNA Extraction kit (Bangalore Genei Pvt. Ltd.).
DNA was then precipitated using alcohol and washed with
70% (v/v) alcohol to remove contaminants. DNA pellet
was solubilized in sodium acetate buffer at pH 5.5 added
to a final concentration of 0.3 M in isopropanol at higher
temperature (50–55◦C), to increase the solubility of genomic
DNA. The extracted DNA was purified using Ultrapure
prep kit (KT83B, Bangalore Genei, India). Genomic DNA
was purified in a gravity flow column using elution buffer,
followed by treatment with lysozyme, proteinase K, and
RNase A supplied with the kit. DNA concentrations were
determined in duplicate using a spectrophotometer. The
quality of purified DNA was evaluated on 1.2% Agarose
gel, a single band of high-molecular-weight DNA was
observed.

2.3.2. PCR Amplification. The genomic DNA of isolate Cab3
was used for amplification of 16S rRNA gene. The univer-
sal 16S rDNA primers, forward primer 8F (5′AGTTGA-
TCCTGGCTCAG3′), and reverse primer 1492R (5′ACC-
TTGTTACGACTT3′) were used for the polymerase chain
reaction (PCR). The PCR amplification was carried out
in a reaction mixture containing ∼10 ng genomic DNA as
template, 1 µL dNTP mix (2.5 mM each), 100 ng/µL each
of forward and reverse primer, 1X Taq DNA polymerase
assay buffer (10X), 3U Taq DNA polymerase enzyme
(Bangalore Genei Ltd.,Bangalore, India), and distilled water
enough to make up the volume to 50 µL reaction mixture.
Amplification conditions were 5 min initial denaturation at
94◦C, 30 s denaturation at 94◦C, 30 s of primer annealing
at 54◦C, 1 min elongation at 72◦C for 35 cycles, and a final
extension of 10 min at 72◦C. The reactions were carried
out in a Thermal Cycler (Applied Biosystems, model ABI
2720).
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2.3.3. Electrophoresis and Sequencing of 16S rRNA Gene.
Fifteen µL of PCR amplified product was electrophoresed on
1.2% (w/v) low-EEO agarose gel in 1X TBE buffer (45 mM
Tris-borate, pH 8.3, and 1 mM Na 2 EDTA) at 100 V for
2 h. The gel was stained with ethidium bromide in a final
concentration of 0.5 µg/mL, visualized, and photographed
under UV light. The amplified 16S rRNA gene from the
isolate was eluted and purified from the gel slice using the
GeneiPure TM Gel Extraction Kit (QIAGEN). Forward and
reverse DNA sequencing reaction of PCR amplicon was
carried out with 8F and 1492R primers using BDT v3.1 Cycle
sequencing kit on ABI 3730xl Genetic Analyzer. Consensus
sequence of 1288 bp of 16S rDNA gene was generated from
forward and reverse sequence data using aligner software.

2.3.4. Sequence Alignment of 16S rRNA Gene. The 16S rDNA
gene sequence of the isolate cab3 was used to carry out
BLAST with the nr database of NCBI GenBank database.
Based on maximum identity score, first ten sequences were
selected and aligned using multiple alignment software
program ClustalW. Distance matrix was generated using
RDP database, and the phylogenetic tree was constructed
using MEGA 4 [28].

2.4. Production of Glucansucrase and Its Assay

2.4.1. Enzyme Activity Assay. The enzyme assay was carried
out in 1 mL reaction mixture containing 5% (w/v) sucrose,
20 mM sodium acetate buffer (pH 5.4), and 20 µL cell-free
supernatant. The enzymatic reaction was performed at 30◦C
for 15 min. 100 µL aliquot from the reaction mixture was
taken for reducing sugar estimation. The enzyme activity
was determined by estimating the released reducing sugar by
Nelson [29] and Somogyi [30] method. The absorbance of
the colour developed was measured by spectrophotometer at
500 nm. Fructose was used to plot the standard graph.

2.4.2. Effect of Temperature on Enzyme Production. The glu-
cansucrase was produced in the enzyme production medium
as described by Tsuchiya et al. [31]. Fermentations were
carried out in triplicate sets of 60 mL enzyme production
medium in a 250 mL Erlenmeyer flask incubated at 25◦C
under shaking condition at 180 rpm. The samples (1 mL)
were withdrawn at indicated time intervals and centrifuged
at 8000 g for 10 min at 4◦C to separate the cells. The cell-
free supernatant was analyzed for enzyme activity. Weissella
confusa was grown at various temperatures: 22◦C, 25◦C,
28◦C, 30◦C, 32◦C, 37◦C, and 40◦C in the flasks as described
previously in an orbital shaking incubator at 180 rpm to
determine the optimum incubation temperature for the
maximum enzyme production. The culture (1.0 mL) was
withdrawn at the indicated time intervals and centrifuged at
8000 g for 10 min at 4◦C to pellet out the cells. The cell-free
supernatant was analyzed for enzyme activity.

2.4.3. Effect of Shaken-Flask Culture on Enzyme Production.
The production glucansucrase was compared under shaken-
flask condition with the static flask culture at 25◦C in

triplicate sets of 60 mL enzyme production medium in
250 mL Erlenmeyer flasks. The shaking was carried out in an
orbital shaking incubator at 180 rpm. The samples (1.0 mL)
were withdrawn at indicated time intervals and centrifuged
at 8000 g for 10 min at 4◦C to pellet out the cells. The cell-
free extract was analysed for enzyme activity and protein
concentration as described earlier.

2.4.4. Analysis of Glucan Content of the Isolated Strain. The
polysaccharide content of the isolated strain (Cab3) was
determined by phenol-sulphuric acid method [32] in a
microtitre plate [33]. The isolated strain was grown in 60 mL
liquid medium described by Tsuchiya et al. [31] at 25◦C and
180 rpm up to 32 h. The samples (1 mL) were withdrawn
at regular intervals. To 200 µL of the culture supernatant,
three volumes of the prechilled ethanol were added and
centrifuged at 12,000 g. The supernatant was discarded, and
the precipitate was resuspended in 200 µL distilled water. The
process was repeated two more times. The final precipitate
was air dried and dissolved in 200 µL distilled water. Dextran
T-40 was used to plot the standard.

2.5. Purification and Identification of Glucansucrase by Activ-
ity Staining. The crude 50 mL cell-free supernatant with
enzyme activity 6 U/mL and specific activity 1 U/mg was sub-
jected to purification by fractionation using PEG-400 (33%,
w/v). The enzyme activity was determined as described
earlier. The protein concentration was determined by the
method of Lowry et al. [34]. To confirm the existence of
glucansucrase, the PAS staining of the sucrose- and raffinose-
incubated gel was carried out on 7% nondenaturing SDS-
PAGE [35]. The electrophoresis was performed on a mini gel
unit (BioRad) using 1.5 mm thick gels, following the method
of [36]. After run, the gel was treated thrice with a solution
containing 20 mM sodium acetate buffer, pH 5.4, 0.1% (w/v)
Triton X-100, and 0.005% (w/v) calcium chloride for 20 min
to remove SDS. Then, the gel was incubated with 5% (w/v)
sucrose/raffinose solution in 20 mM sodium acetate buffer,
pH 5.4 for 10–12 h. Following incubation, the gel was washed
twice with 75% (v/v) ethanol for 20 min and incubated in
solution with 0.7% (w/v) periodic acid in 5% (v/v) acetic acid
for 20 min at room temperature. The gel was then washed
thrice with 0.2% (w/v) sodium bisulfate in 5% (v/v) acetic
acid solution and finally stained with Schiff ’s reagent (0.5%
w/v basic fuchsin, 1% (w/v) sodium bisulfate, and 0.1 N HCl)
until the discrete magenta bands appeared within the gel.

2.6. Effect of Temperature, pH, and Ionic Strength on Enzyme
Assay. The enzyme assay conditions were optimized to find
maximum enzyme activity. The purified enzyme having
10.4 U/mg specific activity (1.0 mg/mL) was used for further
optimization of assay conditions. The ionic strength of the
buffer was varied from 10 mM to 400 mM. The assay was
carried out in 1 mL reaction mixture containing 5% (w/v)
final sucrose concentration, in sodium acetate buffer (pH
5.4) at 30◦C for 15 min. To study the effect of varied pH
on enzyme activity, the pH of buffer was varied from 4
to 7 in 1 mL reaction mixture containing 5% (w/v) final
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Table 1: Differential characteristics of Weissella confusa and other lactic acid bacteria.

Characteristics 1 2 [24] 3 [21] 4 [21] 5 [6] 6 [25] 7 [26] 8 [18] 9 [27] 10 [27]

Acid from:

Ribose + + + + − − + NT NT NT

D-Xylose + + − + − + − + + +

Galactose + − + + − + + + + +

D-Fructose + − + + + NT − + + +

Cellobiose + − − + − + − + − +

Melibiose − + − − − + + + + +

Sucrose + + − + + + D + + +

Trehalose − + − − + − D + + +

D-Raffinose − + − − − − + + + −
Maltose + NT − + + + + − + +

Dextran formation + − + + − + − + + +

Cell morphology
Short
rods

Short
rods, often
thickened
to one end

Irregular
rods

Short rods,
thickened
at one end

Large
spherical or
lenticular
cells

NT Spherical

Cocci-shaped
and random
arrangement in
groups or chains

NT NT

1, W. confusa (Cab3) 2, W. soli; 3, W. kandleri; 4, W. confusa; 5, W. hellenica; 6, W. kimchii; 7, W. thailandensis; 8, P. pentosaceus; 9, L. mesenteroides B-512F;
10, L. mesenteroides B-640. Symbols: +, 90% or more strains were positive; −, 90% or more strains were negative; D, 11–89% of strains were positive; NT, not
tested.

2 µm
EHT = 10 kV Mag = 3.63 KX WD = 13 mm Signal A = SE1

Figure 1: Scanning electron microscopic image of Weissella confusa.

sucrose concentration in 20 mM sodium acetate buffer at
30◦C for 15 min. The enzyme assay was performed within the
temperature range of 20◦C to 50◦C. The enzyme assay was
done in 5% (w/v) sucrose solution in 20 mM sodium acetate
buffer (pH 5.4) for 15 min.

3. Results and Discussion

3.1. Isolation, Morphological, Phenotypic, and Chemotaxo-
nomic Characterization of Isolate Cab3. Based on higher glu-
cansucrase activity and glucan concentration determined, a
microbe Cab3 was isolated from the fermented cabbage. The
isolated culture was identified according to their morpholog-
ical, cultural, physiological, and biochemical characteristics

[37, 38]. The tests used were gram reaction, production of
catalase and growth at different temperatures and salt con-
centrations, and acid production from carbohydrates (2%
w/v). W. confusa can be identified and differentiated from
other species such as Enterococcus spp., Streptococcus spp.,
Lactococcus spp., and Leuconostoc spp. by its biochemical and
physiological properties like arginine deamination, esculin
hydrolysis, growth at 42◦C, and acidification of certain
carbohydrates [39]. The results of both physiological and
biochemical tests are shown in Table 1. The microorganism
was identified by comparing the results with those from the
literature (Table 1). The results of the comparison showed
that the isolated strain Cab3 has the same characteristics
as W. confusa (Table 1, Column 5, which is, 4 [21]). From
scanning electron microscopy, the isolate Cab3 was found
to be phenotypically homogeneous with irregular short rod
cells in pairs or chains with a width and length of 0.5-
0.6 µm and 1.2–1.4 µm, respectively (Figure 1). The colonies
on MRS agar medium were opaque, circular, and slightly
convex. The isolate showed Gram-positive, catalase-negative,
and nonmotile characteristics. The isolate showed growth
between 15 and 42◦C. The colony produced slimy layer when
grown on MRS agar plate was supplemented with sucrose.
The strain could grow in presence of 4.0%, 5.0%, 6.0%,
and 6.5% (w/v) NaCl, but not beyond 8.0% NaCl. The
strain very efficiently utilised cellobiose, galactose, maltose,
ribose, sucrose, and xylose but poorly fermented mellibiose,
raffinose, and trehalose which was in accordance with
fermentation pattern of Weissella confusa reported earlier
[40]. The Cab3 did not utilize rhamnose which is also
characteristic of Weissella sp. [39]. The isolate Cab3 was
sensitive to chloramphenicol, erythromycin, and tetracycline
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Figure 2: Full-length 16S rRNA gene (1500 bp) of the isolate cab3
amplified with universal primers. The amplicon was electrophoret-
ically resolved on a 1.2% agarose gel in 1X TBE buffer (a) Lane1:
DNA ladder (b) Lane 2: amplified product of full length 16S rRNA
gene.

and moderately resistant to gentamicin, kanamycin, nor-
floxacin, and vancomycin which is characteristic of Weissella
confusa [40].

3.2. 16S rDNA Sequence Analyses. 16S rRNA gene sequence
analyses after PCR amplification was performed for iden-
tifying the isolate Cab3. The profiles obtained by PCR
amplification allowed the identification of the isolate at
both genus and species levels. The amplified product of 16S
rRNA showed a single band of 1,500 bp (Figure 2). Forward
and reverse DNA sequencing reaction of PCR amplicon
was carried out with 8F and 1492R primers using BDT
v3.1 Cycle sequencing kit on ABI 3730xl Genetic Analyzer.
The consensus sequence of 1288 bp of 16S rDNA gene was
generated from forward and reverse sequence data using
aligner software (Figure 3). The 16S rRNA sequence was
compared with reference bacteria from the National Centre
for Biotechnological Information (NCBI) Genbank (http://
www.ncbi.nlm.nih.gov/) and Ribosomal Database Project
(RDP). Similarity searches were carried out using the BLAST
algorithms available at (http://www.ncbi.nlm.nih.gov/blast).
Multiple sequence alignment was performed using ClustalW
(http://www.ebi.ac.uk/clustalw) [41]. The alignment was
checked visually and corrected manually using the sequence
editor. The homology in sequences identified by the above
methods was used to find out common ancestry. The
evolutionary history was inferred using the neighbor-joining
method [42]. The bootstrap consensus tree inferred from
500 replicates was taken to represent the evolutionary
history of the taxa analyzed [43]. Branches corresponding to
partitions reproduced in less than 50% bootstrap replicates
are collapsed. The percentage of replicate trees in which
the associated taxa clustered together in the bootstrap test
(500 replicates) is shown next to the branches [43]. The

evolutionary distances were computed using the Kimura 2-
parameter method [44] and are in the units of the number
of base substitutions per site. Codon positions included
were 1st+2nd+3rd+ noncoding. All positions containing
gaps and missing data were eliminated from the dataset
(complete-deletion option). There were a total of 1288
positions in the final dataset. Phylogenetic analyses were
conducted in MEGA4 [28]. The isolate cab3 and the strain
Weissella confusa IMAU:10190 (Genbank accession number
GU 138518.1) clustered together (Figure 4) which confirmed
the isolate to be Weissella confusa. Hence, the isolate
cab3 was identified as Weissella confusa and assigned the
Genbank accession number GU138518.1. A bioinformatic
tool, GeneDoc software, version 2.7.1, was used for more
16S rRNA gene sequence investigation of the other closely
related Weissella sp. The partial sequence (1288 nucleotides)
of 16S rDNA of Weissella confusa (Cab3) was 100% similar to
16S rRNA genes from other related strains of Weissella sp. in
NCBI (Figure 3).

3.3. Production of Glucansucrase under

Different Culture Conditions

3.3.1. Effect of Temperature. Temperatures ranging from
22◦C to 40◦C were studied for the production of enzyme
under shaking at 180 rpm (Figure 5). At 25◦C, the activity
achieved was maximum (6.2 U/mL), at a temperature lower
than 25◦C, the cell growth was slow which might be the
cause for lower enzyme activity as shown in Figure 5. At
higher temperature, the enzyme activity decreased which
might be due to the deactivation of the enzyme at higher
temperatures.

3.3.2. Effect of Shaken-Flask Culture. Shaking condition sig-
nificantly favoured the enzyme production giving 6.1 U/mL
enzyme activity which was 1.5 times higher than the enzyme
activity observed under static condition (4.1 U/mL) as shown
in Figure 6. The maximum enzyme activity was achieved 4 h
later in case of static flask culture. Figure 7 shows a complete
fermentation profile of the new strain of Weissella confusa
(Cab3). The enzyme production and glucan production
were cell growth associated. The fermentation profile of the
new strain of Weissella confusa (Cab3) was compared with
other lactic acid bacterial strains using the same medium
composition and the parameters compared are listed in
Table 2. It was reported that 23◦C temperature under static
flask culture condition was optimum for the production of
dextransucrase from L. mesenteroides NRRL B-512F [16],
and 25◦C temperature under shaking condition was found
to be optimum for L. mesenteroides NRRL B-640, whereas,
for Weissella confuse, the temperature 25◦C and shaking
conditions were optimum. From the results, it was clear that
the enzyme activity (6.1 U/mL) from Weissella confusa was
50%, 27%, and 65% higher than the enzyme activity from
L. mesenteroides NRRL B-512F (4.1 U/mL), L. mesenteroides
NRRL B-640 (4.8 U/mL), and P. pentosaceus, respectively, as
shown in Table 2. The cell growth obtained in all strains
after 12 h was similar. There was a sharp decrease in the
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Figure 3: 16S rRNA gene sequence investigation of Weissella confusa (Cab3) by bioinformatics tool, GeneDoc software version 2.7.1.
W.c1:W.c IMAU:10190, W.c2: W.c strain JS-9-2, W.c3: W.c IMAU:10264, W.c4: W.c IMAU:10271, Cab3: isolated strain.

pH of the broth with Weissella confusa after 12 h (Figure 7),
when the maximum activity was achieved, whereas the pH
drop was much lower from the point where the maximum
enzyme activity was observed for L. mesenteroides NRRL
B-512F. The pH range for maximum enzyme production
for Weissella confusa was narrow 5.2–5.6, whereas for L.
mesenteroides NRRL B-512F, L. mesenteroides NRRL B-640,
and P. pentosaceus, it was 6.0–6.5, 4.4–5.9, and 4.0-5.0,
respectively.

3.3.3. Analysis and Comparison of Glucan Content of Selected
Strain. The cell-free supernatant of isolated strain Weissella
confusa (Cab3) gave glucan concentration of 34 mg/mL
(Figure 7). This was very high as compared to other

lactic acid bacteria such as from L. mesenteroides NRRL
B-512F (6.9 mg/mL) [19], L. mesenteroides NRRL B-640
(7.0 mg/mL) [20], and Pediococcus pentosaceus (10.2 mg/mL)
[5]. The glucan concentration of the strain can be further
increased by optimizing the medium composition and
culture conditions.

3.4. Purification and Identification of Glucansucrase. The
enzyme was purified from cell-free supernatant with
1.0 U/mg specific activity. The fractionation by 33% (w/v)
PEG-400 gave 10.4 U/mg specific activity with 10-fold purifi-
cation and 26% overall yield. The purified enzyme showed,
approximately, 180 kDa molecular size on the nondenaturing
SDS-PAGE gel when stained with Coomassie Brilliant Blue
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Figure 4: Evolutionary relationships of 11 taxa.

Temperature (◦C)

20 22 24 26 28 30 32 34 36 38 40 42

E
n

zy
m

e
ac

ti
vi

ty
(U

/m
L

)

4

4.5

5

5.5

6

6.5

Figure 5: Effect of temperature on glucansucrase production from
Weissella confusa. The maximum enzyme activity obtained at each
temperature was plotted.

(Figure 8; lane 2). The PAS staining of the gel incubated
in sucrose (Figure 8; lane 3) showed that the activity band
corresponded to the presence of active form of the purified
glucansucrase (Figure 8; lane 2). No activity band after PAS
staining appeared after the incubation of the nondenaturing
SDS-PAGE gel in raffinose (Figure 8; lane 4), thus excluding
the presence of fructosyltransferase.

3.5. Effect of Temperature, pH, and Ionic Strength on Enzyme
Activity. The partially purified enzyme was maximally active
at the temperature 35◦C, at pH 5.4 in 0.2 mM sodium
acetate buffer pH 5.4 (Figure 9). The results showed that
the glucansucrase activity was stable within the range of 10–
20 mM (Figure 9). The enzyme lost 41% of its activity at
50 mM. Beyond 50 mM, the decrease in the enzyme activity
was not significant with the increase of ionic strength. The
pH 5.4 was optimum for enzyme activity as shown in
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Figure 6: Effect of shaken-and static-flask culture on glucansucrase
production. Enzyme activity under shaken-(—•—) and static-
(—�—) flask culture is shown.
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Figure 7: Fermentation profile of Weissella confusa. The enzyme
activity (—�—), cell growth (—�—), pH (—�—), sucrose conc.
(- - -�- - -) and glucan conc. (- - -•- - -) changes are shown.

Figure 9. At pH below and above 5.4, a sharp decrease in
enzyme activity was observed, which has been observed with
other glucansucrases [16, 17].
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Table 2: Comparison of Weissella confusa with L. mesenteroides NRRL B-512F, L. mesenteroides NRRL B-640 and Pediococcus pentosaceus
behavior in flask culture.

Fermentation parameters Weissella
confusa

L. mesenteroides
NRRL B-512F

L. mesenteroides
NRRL B-640

Pediococcus
pentosaceus

(SPA)

Duration (h) 12 12 [16] 14 [17] 16 [18]

Maximum enzyme activity (U/mL) 6.1 4.1 4.8 [17] 3.4 [5]

pH range for maximum enzyme production 5.2–5.6 6.0–6.5 [16] 4.4–5.9 [17] 4-5 [18]

Temperature (◦C) 25◦C 23◦C [16] 25◦C [17] 25◦C [18]

Cell density (OD600 nm ) 5.4 5.8 5.0 8.1

Glucan concentration (mg/mL) 34 6.9 [19] 7.0 [20] 10.2 [5]

29
43

66

97.4

205

1 2 3 4
(kDa)

Figure 8: Nondenaturing SDS-PAGE analyses using 7% acrylamide
gel. Lane (1) protein molecular weight marker (29–205 kDa), (2)
33% (w/v) PEG-400 fraction; identification of glucansucrase of
purified glucansucrase by staining of glucan formed using: lane (3)
Sucrose, (4) raffinose.

4. Conclusion

The isolated bacterium (Cab3) was identified at species
and genus levels based on 16S rDNA sequencing to be
Weissella confusa IMAU:10190 (Genbank Accession Number
GU 138518.1). The isolated strain could be very promising
candidate for glucan production at industrial level as it has
high glucan concentration (34 mg/mL). The physiological
and biochemical characterisation was carried out to dis-
tinguish the isolate from other closely related lactic acid
bacteria. Based on biochemical and physiological studies,
the strain showed its relation with other Weissella sp. The
strain was resistant to gentamicin, kanamycin, norfloxacin,
and vancomycin. The isolate Weissella confusa (Cab3) could
not ferment mellibiose, raffinose, and trehalose, a common
trait of Weissella confusa. The optimum culture conditions
for maximum enzyme production were optimized. The
25◦C temperature and shaking condition were optimum
for enzyme production. The partially purified enzyme was
confirmed as glucansucrase by PAS staining of nondenatur-
ing SDS-PAGE gel incubated with sucrose. The presence of
fructosyltransferase was ruled out based on the absence of
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Figure 9: Effect of different enzyme assay conditions on specific
activity (U/mg). The effect of ionic strength (—�—), temperature
(—•—), and pH (—�—) are shown.

the band in raffinose-incubated nondenaturing SDS-PAGE
gel. The partially purified enzyme showed highest activity
at 35◦C, when assayed in 20 mM sodium acetate buffer (pH
5.4). The wide applications of glucan in food, pharmaceu-
tical, and cosmetics industries emphasize the importance
of exploration of the new strains and characterization of
their traits. This study reveals a novel high glucan producing
bacterial isolate which could be a good alternative for glucan-
production in the future.
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A mixture of wheat bran with maize bran as a carbon source and addition of (NH4)SO4 as nitrogen source was found to
significantly increase production of feruloyl esterase (FAE) enzyme compared with wheat bran as a sole carbon and nitrogen
source. The optimal conditions in conical flasks were carbon source (30 g) to water 1 : 1, maize bran to wheat bran 1 : 2, (NH4)SO4

1.2 g and MgSO4 70 mg. Under these conditions, FAE activity was 7.68 mU/g. The FAE activity on the mixed carbon sources
showed, high activity against the plant cell walls contained in the cultures.

1. Introduction

Feruloyl esterases (FAEs; E.C. 3.1.1.73) are the enzymes
responsible for cleaving the ester link between polysaccha-
rides and monomeric or dimeric ferulic acid. This enzyme
activity liberates phenolic acids (ferulic acid (FA) and p-
coumaric acid) and their dimers from naturally occurring
hemicelluloses and pectins [1, 2]. FAE has applications in the
food, feed, and pharmaceutical industries, as well as in fuel
production. Firstly, this enzyme can release ferulic acid from
agrobyproducts, which can be used as antioxidants [1, 3] and
transformed into other valuable molecules such as styrenes,
polymers, epoxides, alkylbenzenes, vanillic acid derivatives,
protocatechuric acid-related catechols, guaiacol, catechol,
and vanillin [4]; secondly, FAE digestion can allow recovery
of a number of phenolic compounds from nonwood fibers,
such as wheat straw, rice straw, and sugarcane baggasse, while
freeing up the resulting cellulose fibers for use in papermak-
ing [5]; thirdly, the enzyme has synergistic effects on cellulase
and xylanase activities for release of glucose and xylose
from cellulose and hemicellulose for ethanol production
[1, 6]; fourthly, FAE acts as a biosynthetic tool for formation
of more lipophilic antioxidant derivatives [1]; fifthly, FAE
has been used to improve the in vitro bioaccessibility and
colonic metabolism of phenolic compounds in humans and
to increase digestion of complex plant cell walls in animals
[1, 7].

Many microorganisms have been reported to produce
FAE. Among these, Aspergillus species, such as Asper-
gillus flavipes, Aspergillus awamori, Aspergillus niger, and
Aspergillus oryzae, are the most active producers of feruloyl
esterases [8–11]. In this research, A. niger was used to
investigate the production of feruloyl esterases by solid
fermentation on different substrates.

2. Materials and Methods

2.1. Materials. Wheat bran was purchased from Nanfang
Flour Co. Ltd., (Guangzhou, China), maize bran was ob-
tained from Huabei Pharmaceutical Company (Hebei,
China), and sugarcane bagasse from Overseas Chinese
Sugar Processing Company (Taishan, Guangdong Province,
China). All of these substrates were dried in an oven at 105◦C
to constant weight, and sugarcane bagasse was ground to pass
a 45-mesh sieve.

Commercial α-amylase (20000 U/g) was purchased from
NOVO, Bagsvaerd, Denmark and papain (600000 U/g) from
Yuantian Enzymes Company (Guangzhou, China); trans-
ferulic acid (98%) was purchased from Shanghai Chemical
Reagents Company (Shanghai, China). All other chemicals
and solvents used were of analytical grade.

Aspergillus niger (ATCC16404) was purchased from
Guangzhou Huankai Chemical Reagents Company
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(Guangzhou, China) and preserved on potato dextrose
agar (PDA) at 4◦C for storage.

2.2. Preparation of Destarched Wheat Bran, Maize Bran, and
Sugarcane Bagasse. Wheat bran, maize bran, and sugarcane
bagasse were destarched for determination of enzyme activity
according to Mukherjee et al. [12]. Essentially, this consisted
of treatment with 0.30% (w/v) potassium acetate at 95◦C for
30 min, followed by extensive washing with water to remove
starch.

2.3. Effect of Different Carbon Sources on Production of
Feruloyl Esterase. 30 g of wheat bran was added to a 250 ml
of conical flask with 50 mg of MgSO4 dissolved in 60 ml
of water and autoclaved at 121◦C for 25 min and cooled
to room temperature. A 1 ml volume of spore suspension
(2 × 108 spores/ml, counted using a haemocytometer) was
inoculated, and samples were incubated at constant temper-
ature (30, 32, 34, or 36◦C) for 2 to 5 days.

Culture of A. niger on 30 g of sugarcane bagasse or maize
bran at 36◦C for 2 to 5 days was carried out as described
above.

2.4. Effect of Mixture of Carbon and Nitrogen Sources on Pro-
duction of Feruloyl Esterase. 1.2 g of (NH4)2SO4, NH4NO3,
NaNO3, and urea were, respectively, added as nitrogen source
to test the effect on production of FAE by A. niger in
the mixture substrate of wheat bran with maize bran or
sugarcane bagasse.

30 g of wheat bran and different mixtures of wheat bran
with sugarcane bagasse or with maize bran was added into
a 250 ml of conical flask with 50 mg of MgSO4 dissolved
in 60 ml of water and autoclaved at 121◦C for 25 min and
cooled to room temperature; 1 ml of spore suspension (2 ×
108 spores/ml) was inoculated and kept in an incubator at t
36◦C for 3 days.

2.5. Orthogonal Test. According to orthogonal table L9 (34),
four operation parameters with three levels were arranged
(Table 1).

2.6. Enzyme Extraction. After suitable culture periods, the
FAE enzyme was extracted. The fermented substrates were
extracted three times with 100 ml of distilled water by
shaking (150 rpm) at room temperature for 20 min. Solids
were then separated from the solution by filtering through
a 200-mesh nylon cloth sieve. The solutions were combined
and centrifuged at 10,000 g for 20 min at 4◦C using a refrig-
erated centrifuge (TGL-16G-A, Shanghai Jiapeng Science
and Technology Instrument Company, Shanghai, China).
The clarified supernatant was diluted with distilled water to
500 ml and kept at 4◦C in a refrigerator.

2.7. Determination of Ferulic Acid by HPLC. Ferulic acid
from wheat bran, maize bran, and sugarcane bagasse was
extracted according to the method of [13] and determined
with an Agilent 1100 Series high-performance liquid chro-
matograph (Waldbronn, Germany) equipped with a diode
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Figure 1: Effect of fermentation time and temperature on feruloyl
esterase production.

array detector and an Eclipse XDB-C18 column (4.6 mm ×
250 mm, 5 μm). The temperature of the column oven was
set at 40◦C. The injection volume was 10 μL. Elution was
carried out using an isocratic system consisting of 1%
acetic acid : methanol (72 : 28) at 1 mL/min. Ferulic acid was
detected at 313 nm, with authentic ferulic acid as standard.

2.8. Enzyme Assay. Feruloyl esterase activity was assayed by
analysis of free ferulic acid released from de-starched wheat
bran (DSWB) according to Mukherjee et al. [12] with slight
modification. The reaction mixture contained 100 mg of
DSWB and 2.5 ml of enzyme in phosphate buffer (2.5 ml,
70 mM, pH 6.0) in a final volume of 5.0 ml (kept in a water
bath for 5 min before DSWB was added) and was incubated
for 15 min at 40◦C. The reaction was stopped by putting the
mixture into boiling water for 3 min. After centrifugation
(10,000 g, 15 min), the ferulic acid content of the supernatant
was determined by HPLC. Feruloyl esterase activity (1 mU)
was defined as the enzyme produced by 1 g of carbon source
that released 1 μmol ferulic acid per min at 40◦C and pH
6.0. Background ferulic acid levels were subtracted during
calculations.

The activity of feruloyl esterase produced from A. niger
cultured on different carbon sources was also assayed, based
on different plant cell wall types.

2.9. Statistical Analysis. Statistics with three replicates were
determined using SPSS 13.0 for Windows procedure.

3. Results and Discussion

3.1. Effect of Fermentation Time and Temperature on Produc-
tion of Feruloyl Esterase. Fermentation temperature signifi-
cantly influenced production of feruloyl esterase (Figure 1),
and highest activity of feruloyl esterase was produced from
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Table 1: L9 (34) orthogonal arrangement.

SN∗ A. Solid/water
B. Maize

bran/Wheat
bran

C. (NH4)2SO4

(g)
D. MgSO4

(mg)

1 1 : 1 1 : 2 0.6 35

2 1 : 1.5 1 : 1 0.9 70

3 1 : 2 3 : 2 1.2 105
∗

Serial No.

Table 2: Production of feruloyl esterase from A. niger cultured for
2–5 d on different carbon source.

Feruloyl esterase activity (mU/g)

Carbon
source

2 d 3 d 4 d 5 d

Wheat bran 3.13 ± 0.08∗ 3.8 ± 0.12 3.51 ± 0.13 3.09 ± 0.09

Maize bran 2.47 ± 0.11 2.77 ± 0.08 2.38 ± 0.13 1.99 ± 0.07

Sugarcane
bagasse

1.36 ± 0.07 1.47 ± 0.08 1.15 ± 0.10 0.97 ± 0.07

∗
means ± SD, n = 3.

A. niger on wheat bran at 72 h and 36◦C. Thus, subsequent
fermentation experiments were carried out at 36◦C for 72 h.

3.2. Effect of Carbon and Nitrogen Sources on Production of
Feruloyl Esterase. The contents of ferulic acid in the tested
wheat bran, sugarcane bagasse, and maize bran were 0.53%,
0.94%, and 1.36%, respectively; protein content in wheat
bran, sugarcane bagasse, and maize bran were 12.8%, 3.8%,
and 7.4%, respectively, by Kjeldahl determination.

Feruloyl esterase is a form of inducible enzyme that is
specifically induced by the presence of aromatic compounds
[13]. Maize bran and sugarcane bagasse contain more
ferulic acid than does wheat bran; these were tested to
determine whether higher feruloyl esterase activity could
be induced by these carbon sources. Table 2 shows that
lower enzyme activity was produced using A. niger on maize
bran or sugarcane bagasse as the sole nitrogen and carbon
source. We postulated that the main reason is that these
substrates contained lower nitrogen than did wheat bran;
thus, mixtures of maize bran or sugarcane bagasse with
wheat bran in different ratios were used as the culture
substrate. Much higher enzyme activity was produced on the
mixture of wheat bran with maize bran or sugarcane bagasse
than with wheat bran as the sole carbon source (Table 3).
The highest enzyme activity was obtained when 12 g of wheat
bran was mixed with 18 g of maize bran. Compared with
maize bran, a mixture of sugarcane bagasse with wheat bran
produced less enzyme than did a mixture of maize bran
(Table 3).

Addition of nitrogen to the mixture of carbon sources
further increased enzyme activity (Table 4); however, signif-
icantly different enzyme activity was achieved with different
nitrogen sources. (NH4)2SO4 was the best nitrogen source,
followed by urea, NH4NO3, and NaNO3. As a drop occurs
in of extracellular pH during the growth of A. niger [14], the

Table 3: Effect of different ratio of wheat bran to maize bran or
sugarcane bagasse on feruloyl esterase production.

Feruloyl esterase activity (mU/g)

Wheat bran (g)∗ Maize bran Sugarcane bagasse

20 3.94 ± 0.12∗∗ 3.91 ± 0.12

15 4.34 ± 0.13 4.29 ± 0.09

12 4.47 ± 0.14 4.21 ± 0.14

10 4.19 ± 0.11 3.73 ± 0.13
∗

30 g of mixed carbon source in total; ∗∗means ± SD, n = 3.

Table 4: Effect of nitrogen source on production of feruloyl esterase
in mixtures of wheat bran and maize bran or sugarcane bagasse.

Feruloyl esterase activity (mU/g)

W/M∗ W/S

1 : 1 1 : 2 1 : 1 1 : 2

NaNO3 4.84 ± 0.15∗∗ 5.43 ± 0.13 4.43 ± 0.08 4.62 ± 0.13

NH4NO3 4.98 ± 0.14 5.87 ± 0.16 4.54 ± 0.14 4.78 ± 0.14

Urea 4.76 ± 0.11 5.09 ± 0.12 4.52 ± 0.13 4.12 ± 0.13

(NH4)2SO4 6.23 ± 0.15 6.78 ± 0.14 5.32 ± 0.16 5.86 ± 0.15
∗

W: wheat bran; S: sugarcane bagasse; M: maize bran. ∗∗means ± SD,
n = 3.

Table 5: Result of the orthogonal test.

Test No A B C D FAE activity (mU/g)

1 1 1 1 1 6.04

2 1 2 2 2 6.83

3 1 3 3 3 7.46

4 2 1 2 3 5.88

5 2 2 3 1 5.65

6 2 3 1 2 4.87

7 3 1 3 2 6.51

8 3 2 1 3 4.26

9 3 3 2 1 5.97

T1 20.33 18.43 15.17 17.66

T2 16.4 16.74 16.68 18.21

T3 16.74 18.3 19.62 17.6

R 3.93 1.69 4.45 0.61

use of the acid salt (NH4)2SO4 is possibly beneficial for the
growth of A. niger strains.

3.3. Optimization of Conditions for Production of Feruloyl
Esterase. The results of an orthogonal test are shown in
Table 5. The optimal conditions for production of feruloyl
esterase from A. niger were carbon source to water 1 : 1,
maize bran to wheat bran 3 : 2, (NH4)SO4 1.2 g, and MgSO4

105 mg. Under these conditions, our check test showed a
production of 7.68 mU/g of feruloyl esterase.

Water activity (Aw) determines the type of microorgan-
ism that can grow in solid-state fermentation, as well as the
metabolic production or excretion of a microorganism [15].
The R value listed in Table 5 shows that water content was the
second most important factor for enzyme production.
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Table 6: Feruloyl esterase activity based on different sources of plant cell walls.

Feruloyl esterase activity from different carbon source (mU/g)

Wheat bran Maize bran Sugarcane bagasse Wheat bran + maize bran

Wheat bran 3.8 ± 0.08∗ 2.77 ± 0.07 1.47 ± 0.05 7.68 ± 0.09

Maize bran 2.80 ± 0.08 3.65 ± 0.09 0.87 ± 0.07 6.32 ± 0.13

Sugarcane bagasse 0.56 ± 0.06 1.23 ± 0.07 1.35 ± 0.07 4.53 ± 0.15
∗

means ± SD, n = 3.

3.4. Activity of Feruloyl Esterase Produced on Different Carbon
Sources with Different Plant Cell Wall Composition. Table 6
shows that the highest activity of feruloyl esterase was
obtained against the same carbon source used for production
of the enzyme. In other words, enzymes produced from
fermentation on wheat bran, maize bran, or sugarcane
bagasse showed highest ferulic acid release from wheat bran,
maize bran, or sugarcane bagasse, respectively. However, the
enzymes produced from mixtures of carbon sources showed
high activity for whichever substrates the cultures contained,
indicating an advantage for use of mixture carbon sources for
production of FAE.

4. Conclusions

The highest activity of feruloyl esterase was produced from
A. niger on wheat bran as a solid culture substrate at 72 h and
36◦C. Addition of maize bran and (NH4)SO4 as a nitrogen
source could significantly increase enzyme production. The
optimal conditions were carbon source to water 1 : 1, maize
bran to wheat bran 1 : 2, (NH4)SO4 1.2 g, and MgSO4 70 mg.
Under these conditions, feruloyl esterase with activity of
7.68 mU/g was obtained. The feruloyl esterase produced on
a mixed carbon source showed high activity against the plant
cell walls that the cultures contained.
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1 Laboratório de Biotecnologia, Universidade Federal de São João del-Rei, 35501-296 Divinópolis, MG, Brazil
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An extracellular alpha-amylase (Amy1) whose gene from Cryptococcus flavus was previously expressed in Saccharomyces cerevisiae
was purified to homogeneity (67 kDa) by ion-exchange and molecular exclusion chromatography. The enzyme was activated by
NH4

+ and inhibited by Cu+2 and Hg+2. Significant biochemical and structural discrepancies between wild-type and recombinant α-
amylase with respect to Km values, enzyme specificity, and secondary structure content were found. Far-UV CD spectra analysis at
pH 7.0 revealed the high thermal stability of both proteins and the difference in folding pattern of Amy1 compared with wild-type
amylase from C. flavus, which reflected in decrease (10-fold) of enzymatic activity of recombinant protein. Despite the differences,
the highest activity of Amy1 towards soluble starch, amylopectin, and amylase, in contrast with the lowest activity of Amy1w,
points to this protein as being of paramount biotechnological importance with many applications ranging from food industry to
the production of biofuels.

1. Introduction

Starch is a major storage product of many economi-
cally important crops such as wheat, rice, cassava, and
potato [1]. A large variety of microorganisms employ
extracellular or intracellular enzymes to hydrolyze starch
thus enabling its utilization as a source of energy. One
of the most important groups of enzymes that process
starch is represented by the α-amylase family or family
13 glycosyl hydrolases [2, 3]. Amylases (EC 3.2.1.1, α-1,4-
glucan-glucanohydrolase) are enzymes that hydrolyze starch
polymers yielding diverse products including dextrins and

smaller polymers of glucose. These enzymes are of great
biotechnological interest with many applications ranging
from food industry to the production of biofuels. Since
each different application requires amylases with unique
properties it is often necessary to search the biodiversity for
new sources of these enzymes [4]. Several amylases isolated
from yeasts such as Candida antarctica, Candida japonica
[4], Lipomyces kononenkoae, Saccharomycopsis fibuligera,
Schwanniomyces alluvius [5], Trichosporon pullulans, and
Filobasidium capsuligenum [6] have been described. We have
previously reported the characterization of an α-amylase
(Amy1) from the basidiomycetous yeast Cryptococcus flavus
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which exhibited important biochemical properties for its
industrial utilization such as high stability at pH 5.5 and
optimal temperature at 50◦C [7]. The gene encoding this α-
amylase (AMY1) was cloned and successfully expressed in
Saccharomyces cerevisiae [8]. In order to assess the use of S.
cerevisiae as a host for the heterologous production of Amy1
we sought the purification and enzymatic characterization of
recombinant enzyme produced in this system.

2. Material and Methods

2.1. Strains. S. cerevisiae CENPK2 (MATa/α ura3-52/ura3-52
leu 2-3,112 trp1-289/trp1-289 his3-1/his3-1).

2.2. Enzyme Purification. A colony of S. cerevisiae CENPK2
harboring YEpAMY was cultured in SD medium (0,62%
YNB, 2% glucose, uracil, tryptophan, and histidine), and
2 mL of this preculture was transferred to 1 L conical
flask containing 200 mL of the same medium following
incubation at 28◦C for 60 h (200 rpm). S. cerevisiae cells
were harvested by centrifugation (5,000 g/10 min), and the
supernatant was dialyzed overnight against water and loaded
on a Q-Sepharose fast flow column (0.9× 18 cm) previously
equilibrated in 50 mM sodium acetate (pH 5.5). The column
was washed with the same buffer, and proteins were eluted
by a linear gradient of 0–0.5 M NaCl. Four fractions of 3 mL
were collected and monitored for the presence of proteins
and amylase activity. These samples were collected, dialyzed,
lyophilized, and resuspended in 1 mL of water and loaded
on a Sephacryl S-200 HR (2.5 × 85 cm) column previously
equilibrated with 50 mM sodium acetate containing 0.1 M
NaCl. The column was washed with the same buffer at
a flow rate of 12 mL·h−1. Fractions containing amylase
activity were pooled, dialyzed against water, lyophilized,
and stored at −20◦C. In chromatography experiments, the
protein content of each fraction was routinely monitored
by measuring the absorbance at 280 nm. Protein concen-
tration was measured using serum albumin as standard
[9].

2.3. Electrophoresis and Zymogram Analysis. Protein integrity
and the molecular mass calculation were performed by run-
ning samples on 12% sodium dodecyl sulfate-polyacrilymide
gels [10]. Proteins were silver-stained as described by man-
ufacturer [11] (1987). Molecular mass markers (Fermentas
Life Sciences) were as follows: β-galactosidase (116 kDa),
bovine serum albumin (66.2 kDa), ovalbumin (45 kDa),
lactate dehydrogenase (35 kDa), REase Bsp98I (25 kDa),
β-lactoglobulin (18.4 kDa), and lysozyme (14.4 kDa) by
manufacturer. Activity gels (zymogram) were performed
after running samples on 12% nondenaturing PAGE. Gels
were washed with distilled water, incubated with 50 mM
sodium acetate (pH 5.5) for 60 min, and then incubated at
4◦C for 12 h in a solution containing 0.5% of starch (in
50 mM sodium acetate buffer [pH 5.5]). The gel was then
incubated at 37◦C for 2 h, and bands with amylase activity
were detected after staining with iodine solution (1 mM I2 in
0.5 M KI).

2.4. Amylase Assay. α-amylase dextrinizing activity was
assayed in a reaction system containing 100 μL 0.5% (w/v)
soluble starch, 40 μL 0.5 M acetate buffer (pH 5.5), enzyme
solution (0–60 μL), and water to a total volume of 200 μL.
After 10 min at 60◦C, the reaction was stopped with
200 μL 1.0 M acetic acid. Iodine reagent was then added to
determine dextrinizing activity [12]. Saccharifying activity
was determined by measuring the production of reducing
sugars from starch by using the dinitrosalicylic acid (DNS)
method [13]. One unit of dextrinizing activity was defined
as the amount of enzyme necessary to hydrolyse 0.1 mg
starch/min. One unit of saccharifying activity was defined
as the amount of enzyme necessary to produce 1 mg glucose
equivalent/min.

2.5. Enzyme Characterization. The optimum pH of the
recombinant amylase was determined by varying the pH of
the reaction mixtures using the following buffers (50 mM):
glycine-HCl (pH 1.0–3.0), sodium acetate (pH 4.0–5.5),
sodium phosphate (pH 6.0-7.0), and Tris-HCl (pH 8.0–10)
at 60◦C. In order to determine pH stability, the enzyme
was preincubated in different buffers for 60 min at 60◦C.
The residual enzyme activity was assayed in 50 mM sodium
acetate buffer (pH 5.5). The optimum estimated temperature
of the enzyme was evaluated by measuring amylase activity
at different temperatures (30◦C to 70◦C) in 50 mM sodium
acetate (pH 5.5). The effect of temperature on enzyme
stability was determined by measuring the residual activity
after 15, 30, 45, and 60 min of preincubation in 50 mM
sodium acetate (pH 5.5) at 55 and 60◦C. In order to
determine the effect of metal ions, the assay was performed
after preincubation of the enzyme with various metal ions
at a final concentration of 4 mM. The effect of 10 mM
CaCl2 and DTT (5–10 mM) was also evaluated. Km values
for the purified enzyme were determined by incubating
the enzyme with 0–0.8 mg·mL−1 soluble starch in 50 mM
sodium acetate (pH 5.5) at 60◦C. The data obtained were
fitted to a standard Lineweaver-Burk model using linear least
squares regression.

2.6. Thin Layer Chromatography Analysis. Briefly, purified
amylase was incubated with 0.5% starch, glycogen, pullulan,
amylase, and amylopectin, in 50 mM sodium acetate (pH
5.5) at 40◦C. Aliquots (10 μL) were removed after incubation
for 6 and 12 h. The chromatogram was developed with n-
butanol/methanol/H2O (4 : 2 : 1). Sugars were detected by
thin-layer chromatography [14].

2.7. Circular Dichroism Spectroscopy. Circular Dichroism
(CD) assays were carried out using Jasco J-815 spectropo-
larimeter (Jasco, Tokyo, Japan) equipped with a Peltier type
temperature cuvette holder. Far-UV spectra were recorded
using 0.1 cm path length quartz cuvette. Proteins (0.085 to
0.100 mg/mL) were analyzed in 2 mM glycine pH 3.0 and
4.0, 2 mM sodium acetate pH 5.5, 2 mM Tris-HCl pH 7.0
and 8.0. We used CD data over the wavelength range 260–
200 nm to ensure a satisfactory CD signal and to prevent the
high signal-noise ratio. Four consecutive measurements were
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Table 1: Summary of the purification steps of Amy1.

Step Total activity (U) Total protein
(mg × 10−3)

Specific activity
(U/mg × 10−3)

Purification (fold) Yield (%)

Supernatant 1922.2 1.750 1098.5 1.00 100.0

Q-Sepharose 490.8 0.120 4090.0 3.72 25.4

Sephacryl S-200HR 199.9 0.048 4164.5 3.79 10.3

M 1 2 3(kDa)

116
66.2

45
35

25

18.4

14.4

(a)

1

Amy1

(b)

Figure 1: (a) Analysis of purified recombinant Amy1 on 12%
SDS-PAGE; M, standard marker proteins; lane 1, lane 2, protein
profile after ion exchange on Q-Sepharose column; lane 3, purified
recombinant amylase after gel filtration on Sephacryl S-200HR
column. (b) Detection of amylase activity on non-denaturing
PAGE.

accumulated, and the mean spectra were corrected for the
baseline contribution of the buffer. Thermal denaturation
assays were performed raising the temperature from 25 to
95◦C. The observed ellipticities were converted into molar
ellipticity ([θ]) based on molecular mass per residue of
115 Da. Protein structure and thermal unfolding curves were
tracked by changes in [θ] at 222 or 206 nm.

The temperature dependence of the secondary structure
was estimated from the Far-UV CD curves adjustments
using the CDNN deconvolution software (Version 2.1,
Bioinformatik.biochemtech.uni-halle.de/cdnn) [15].

3. Results and Discussion

3.1. Purification of Amy1. Amy1 was purified from the
supernatant of S. cerevisiae cultures in a two-step chromato-
graphic procedure. Elution profiles of both Q-Sepharose
and Sephacryl-S200HR chromatography showed one peak
with amylase activity (data not shown). This fraction
was collected, dialyzed, and concentrated by lyophilization.
The enzyme was purified to homogeneity with 3.79-fold
increase in specific activity with a yield of ∼10.3% as
compared to the supernatant (Table 1). Comparing with the
recombinant enzyme, wild-type Amy1 was purified from C.
flavus cultures in only a single purification step [7]. SDS-
PAGE analysis of the purified recombinant amylase showed a
single protein band corresponding to ∼67 kDa (Figure 1(a))
which showed α-amylase activity after zymogram analyses
(Figure 1(b)). Among the amylase-producing yeasts and fila-
mentous fungi, the α-amylases from Cryptococcus sp S-2 [16],

Table 2: Effect of ions on purified Amy1.

Compound (4 mM) Relative activity (%)

Control 100

MgSO4 88.6

MnSO4 77.9

CaCl2 71.6

(NH4)2SO4 111

ZnCl2 20.1

CuSO4 0

HgSO4 0

Aspergillus fumigatus [17], Lipomyces starkeyi [18], and
Lipomyces kononenkoae [19] showed similar molecular
masses as Amy1 produced in S. cerevisiae.

3.2. Enzyme Characterization. The optimum pH for
the recombinant enzyme was determined as pH 5.5
(Figure 2(a)). Amy1 was tested for pH stability by
preincubating the purified enzyme in appropriate buffers
for 1 hour. The data suggest that Amy1 is tolerant to wide
pH range (Figure 2(b)). This result was similar to that found
for α-amylases from a variety of yeast strains [20, 21]. The
optimum pH for yeast α-amylase activity is usually in the
range of 4.0 and 6.0 [5, 7, 16, 21].

Amylase activity measured as a function of temperature
from 30 to 70◦C shows that the activity was the highest
at 60◦C (Figure 2(c)). This optimum temperature is in
agreement with the α-amylases from Cryptococcus sp S-2
treated with 1 mM CaCl2 [16] and Aureobasidium pullulans
N13d [20]. Thermostability is considered an important
and useful criterion for industrial application of α-amylase
from microorganisms. As shown in Figure 2(d), the residual
amylase activity is practically constant at 55◦C after 1 h of
incubation. However, at 60◦C 50% of the residual activity
was lost. Iefuji et al. [16] proposed that the C-terminal
raw starch binding motifs present in Cryptococcus sp S-2
amylase (AMY-CS2) might be related to the thermostability
presented by this amylase. Because Amy1 has 97% sequence
identity with AMY-CS2 [8] it is possible that the same
explanation applies to Amy1.

The results presented on Table 2 indicate that recombi-
nant Amy1 is poorly affected by most of the 4 mM ions
tested (Mg2+, Mn2+, and Ca2+) since the relative activity
was higher than 70%. In addition, it was also found that
in the presence of 10 mM CaCl2, Amy1 still maintained
its original activity (data not shown) which shows that
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Figure 2: Effect of pH (a-b) and temperature (c-d) on Amy1 activity and stability, respectively. The pH optimum and pH stability were
determined by varying the pH of the reaction mixtures and preincubating the enzyme in different buffers for 60 min at 55◦C (square) and
60◦C (circle). The temperature optimum was evaluated by measuring amylase activity at different temperatures, and the effect of temperature
on enzyme stability was determined by measuring the residual activity after 15, 30, 45, and 60 min of preincubation in 50 mM sodium acetate
(pH 5.5) at 55 and 60◦C.

this enzyme is not affected by Ca+2. Similar behavior was
found for wild-type Amy1. However, Takeuchi et al. [22]
related that the Pichia burtonii α-amylase was activated by
Ca+2 (135%). These authors proposed that the activation
of enzyme by calcium ions probably happened during the
purification procedure when the enzyme lost activity. The
Bacillus halodurans 38C-21 α-amylase also had its activity
increased in presence of Ca2+ [23]. The presence of NH+

4

ions had the most prominent activating effect (111%) on
recombinant Amy1. However, Zn2+, Cu2+, and Hg2+ acted as
inhibitors of amylase activity, with Cu+2 and Hg2+ showing
a complete inhibition (Table 2). The inhibition by Hg2+

may indicate the importance of indole group of amino acid
residues in enzyme function [4, 24]. The wild-type amylase is
inhibited by Hg2+, Ag+, Cu2+, and Mg2+ [16] while that from
L. kononenkoae CBS 5608 is inhibited by Ag+ and Cu2+ [21].
Interestingly, the amylase from yeast Aureobasidium pullulans

N13d is not inhibited by Cu2+ which had an activating effect
on the purified enzyme [20]. DTT is frequently used to
reduce and prevent intramolecular and intermolecular disul-
fide bonds. The enzyme’s activity was practically constant
when DTT (4–25 mM) was used (data not shown). This
result was different from that observed with the Thermotoga
maritima MSB8 amylase expressed in E. coli which showed
increased activity in presence of DDT ranging from 5 to
10 mM [25].

Wanderley et al. [7] reported that the Km for wild-
type Amy1 was 0.056 mg·mL−1 which is considerably
smaller than the Km observed for the recombinant amy-
lase (0.37 mg mL−1) which showed Michaelis-Menten type
kinetics with soluble starch as substrate. The Km of the
recombinant enzyme is similar to other yeast amylases
such as Schwanniomyces alluvius [5] and Thermomonospora
curvata [26].
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In order to establish the specificity of recombinant
Amy1, the enzyme was incubated with starch, amylopectin,
amylose, glycogen, and pullulan. These substrates consist
of different glucose polymers containing α-1,4 linkages or
a mixture of α-1,4- and α-1,6-glucosidic linkages. Amy1
showed the highest activity towards soluble starch (100%)
amylopectin (97.9%), amylose (50.6%) but no activity was
observed on pullulan. This result is similar to that observed
for the Bacillus subtilis truncated α-amylase produced in
E. coli [27], but different from that observed for wild-
type Amy1 which showed the highest activity towards
starch (100%), glycogen (18.9%), amylopectin (16.7%),
and amylose (7.1%). The recombinant enzyme displayed
typical α-amylase properties based on the evidence that
oligosaccharides from several sizes were the main products
from the digestion of glycogen, amylose, amylopectin, and
starch (Figure 3).

3.3. Conformational Stability of Amy. Structural charac-
terization of recombinant (Amy1) and wild-type (Amyw)
amylase from C. flavus was carried out by circular dichroism
spectroscopy for comparison. Far-UV CD spectra of Amy1
and Amy1w at pH 7.0 and 25◦C are quite different showing
typical features of beta/unordered and beta/α-helix sec-
ondary structure pattern, respectively (Figure 4(a)). While
the 222 nm dichroic band is predominantly associated with
α-helical structure, the dichroic band at 198 and 206 nm may
arise from changes in other secondary structure elements in
the protein, as unordered or beta structure. The secondary
structure content of both proteins slightly differs on helical
(Amy1, 5.7% and Amy1w, 9.5%) and antiparallel β-sheet
(Amy1, 42.1% and Amy1w, 32.4%) and is similar for other
secondary structures.

Thermal stability of the proteins at pH 7.0 was assessed
upon raising the temperature from 20 to 95◦C (Figures 4(b)
and 4(d)). The thermal denaturation curves analyzed from
Far-UV CD measurements at 206 and 222 nm at pH 7.0
strongly indicated the Amy1w and Amy1 as thermally stable
proteins since no pattern of protein denaturation could be
verified (data not shown). Indeed, although the CD spectra
of the Amy1w in this condition show a gradual increase
(downward) of the dichroic bands at 206 nm and slight
at 222 nm (Figure 4(d)), no secondary structure changes
were detected suggesting only conformational changes of
protein or secondary structure rearrangement as a function
of temperature. In contrast, CD spectra of the Amy1 show
a gradual increase and decrease of the dichroic bands at
222 and 200 nm, respectively, suggesting the alteration of
helical and β-sheet structures content (Figure 4(b)). A slight
increase was observed in terms of α-helix (from 5.7% to
6.8%) and decrease of β-sheet (from 42.1% to 38.8%) when
raising the temperature from 25 to 95◦C. Altogether, these
results revealed the high thermal stability of both proteins
and the difference in folding pattern of Amy1 compared
with wild-type amylase from C. flavus reflecting in decrease
(10-fold) of enzymatic activity (Km values) of recombinant
protein using a soluble starch as substrate, as discussed
above.

M M1 2 3 4 5 6

G1

G2

G3

G4

G1

G2

G3

G4

Figure 3: Thin-layer chromatogram of products released from
starch after treatment with recombinant Amy1. The standards
used were glucose (G1), maltose (G2), maltotriose (G3), and
maltotetraose (G4). Lane 1, control (starch without enzyme); lane
2, pullulan; lane 3, glycogen; lane 4, amylose; lane 5, amylopectin,
and lane 6, soluble starch.

Besides significant distinction in pH region where
the maximum enzymatic activity of Amy1 occurred
(Figure 2(a)), the protein achieved similar secondary struc-
ture content (helical 5.7%–6.5% and β-sheet ∼42%) in a
broad range of pH (pH 3.0, 5.5, and 7.0), as indicated by the
CD spectra (Figure 4(c)) and CDNN estimative. At pH 8.0
as well as pH 4.0, it was verified the mainly increase in the
CD signal at 200 nm (Figure 4(c)), compatible with minor
β-sheet structures content (∼37%) compared with pH 3.0,
5.5, and 7.0 (∼42%). Noteworthy, although no secondary
structure changes have been observed, analogous or different
conformation of Amy1 side chains could occur as a function
of those pHs, as judged by the relative activity of the enzyme
in these condition (Figures 2(a) and 2(b)). In these cases,
some important structural changes related with side chains
ionization of aspartate, glutamate, and histidine residues at
pH 4.0 and 5.5 could occur and are fundamental to enzyme
activity.

In this work we have observed some significant biochem-
ical and slight structural discrepancies between wild-type
and recombinant Amy1 especially with respect to Km values,
enzyme specificity, and helical and β-sheet structure content.
These could be explained by small folding alterations in
the structure of recombinant amylase during its expression.
Different patterns of protein glycosylation between C. flavus
and S. cerevisiae could also account for these differences.
In fact, three putative N-glycosylation sites have been
identified in Amy1 [8]. Work is under way to assess the
role of glycosylation on the activity of Amy1. Because
recombinant Amy1 showed considerable thermostability, its
use in biotechnological processes should be considered.

4. Conclusion

In conclusion, the enzymatic and structural features
of Amy1, the highest activity towards soluble starch,
amylopectin, and amylase, in contrast with the lowest activity
of Amy1w, points out this protein as being of paramount
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Figure 4: Far-UV circular dichroism analyses. Residual molar ellipticity [θ] was measured from 200 to 260 nm at 25◦C or temperature
arising from 25 to 95◦C. (a) The distinct spectra of wild-type (Amy1w) and recombinant (Amy1) amylase are shown, indicating that they
had different amount of secondary structure (see Section 3). (b) Effect of temperature on secondary structure of Amy1. Changes in molar
ellipticity at 222 and 200 nm are shown as a function of temperature. (c) Effect of pH on secondary structure of Amy1. Note the slight
differences of CD spectra at pH 7.0, 3.0, and 5.5 and similarity of CD spectra at pH 4.0 and 8.0. (d) Effect of temperature on secondary
structure of Amy1w. Changes in molar ellipticity at 222 and 206 nm are shown as a function of temperature.

biotechnological importance with many applications rang-
ing from food industry to the production of biofuels.

Acronyms

SD: Synthetic dextrose minimal media
YNB: Yeast nitrogen base
REase: Ribonuclease
PAGE: Polyacrilymide gel electrophoresis
DTT: Dithiothreitol
CDNN: Neural network circular dichroism.
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