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Neuroglia are composed of highly heterogeneous cellular
populations of neural (astrocytes, oligodendrocytes, andNG2
glial cells) and nonneural (microglia) origin that are essential
for maintaining efficient neurotransmission, homeostatic
cascades, supply of energy metabolites, turnover of neuro-
transmitters, and establishment of the blood-brain barrier [1].
Astrocytes shape synaptic networks through essential roles in
synaptogenesis, synaptic maturation, and synaptic extinction
[2, 3]. Furthermore, astroglial cells secrete neurotransmitters
(such as glutamate, ATP, andGABA), neuromodulators (such
as adenosine and D-serine), neurohormones (such as atrial
natriuretic peptide), and other humoral factors (such as
eicosanoids) that modulate synaptic networks and affect
information processing [4]. The concept of “multipartite
synapse” formalizes themulticomponent nature of the synap-
tic concept that includes astroglial perisynaptic processes,
microglial processes, and extracellular matrix [5, 6].

Potentiation and depression of synaptic connections are
critical for learning, memory formation, and emotions [7,
8]. Long-term potentiation (LTP) and long-term depression
(LTD) are triggered by patterned and repeated synaptic activ-
ities, depending on the complex dynamics of neurotrans-
mitters (especially glutamate) in the synaptic cleft. Both the
temporal course and spatial distribution of glutamate con-
tribute to the coordinated activation of intracellular signaling
cascades affecting synaptic strength [9]. The multipartite

synapse concept has defined astrocyte as the key regulator
of glutamate homeostasis (mediated through release and
uptake) [10]. Astrocytes, for example, are capable of releasing
D-serine to enhance the function of NMDA receptors [11].
In addition, astrocytes can change the buffering ability to
take up extracellular K+, thus modulating synaptic plasticity
[12]. Calcium dynamics in astrocytes determine the release
of glutamate and ATP molecules. At the synaptic level,
the astroglial calcium signaling is activated in response to
synaptic activities, such as repeated synaptic stimulation,
through purinergic, glutamatergic, and cholinergic pathways.
The hyperactivity of neural circuits (e.g., in epilepsy) results
in altered calcium dynamics in astrocytes. These changes, in
turn, contribute to the differential modulation of synaptic
efficacy under physiological or pathological circumstances
[13, 14].

The papers collected in this special issue focus on glial
cells and synaptic plasticity. The reviews and experimental
papers present the evidence that glial cells indeed affect long-
term synaptic changes.

In “Housing Complexity Alters GFAP-Immunoreactive
Astrocyte Morphology in the Rat Dentate Gyrus,” G. Salois
and J. S. Smith [15] demonstrate that the housing environ-
ment can affect neural plasticity.They found that an enriched
environment results in considerable neuroplasticity in the
rodent brain. They used confocal microscopy and found that
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2 Neural Plasticity

astrocytes play a key role in the process and induce changes
in synaptic spines. These findings offer a hallmark feature
for the understanding of numerous diseases, including the
neurodegenerative ones.

In “Recent Advance in the Relationship between Exci-
tatory Amino Acid Transporters and Parkinson’s Disease,”
Y. Zhang et al. [16] reviewed their studies and also recent
discoveries about the excitatory amino acid transporters
(EAATs). Glutamate is the major excitatory neurotransmitter
in the central nervous system, and it is mostly removed by
astrocytes, where it is converted into glutamine. Impairment
of astroglial glutamate uptake leads to the accumulation of
glutamate in the synaptic cleft, which may contribute to
various pathologies such as Parkinson’s disease (PD).

Consistent with recent studies about astrocytic function
in emotions, the paper “Anger Emotional Stress Influences
VEGF/VEGFR2 and Its Induced PI3K/AKT/mTOR Signal-
ing Pathway,” by P. Sun et al. [17], reported changes of
VEGR/VEGFR2 in both astrocytes and neurons, induced
by the anger emotion; these changes, in turn, can stimulate
neurogenesis.

In the review article “ThePlasticGlial-SynapticDynamics
within the Neuropil: A Self-Organizing System Composed of
Polyelectrolytes in Phase Transition,” V. M. F. de Lima and
A. Pereira Jr. [18] reported another pathway for neuronal-
glial interaction: the plastic nonlinear dynamics between glial
and synaptic terminals; they also offered a model based on
hydroionic waves within the neuropil.

In the paper “Glia and TRPM2 Channels in Plasticity of
Central Nervous System and Alzheimer’s Diseases,” J. Wang
et al. [19] review recent findings about synaptic plasticity
in neurodegenerative diseases, mainly focusing on the tran-
sient receptor potential melastatin 2 (TRPM2) channels. The
TRPM2 is a nonselective Ca2+ permeable channel expressed
in both glial cells and neurons, which regulates synaptic
plasticity and also the glial cells. In this review, authors
summarized recent discoveries about the contribution of
TRPM2 in physiological and pathological conditions.

In “Dynamic Alterations of miR-34c Expression in the
Hypothalamus ofMale Rats after Early Adolescent Traumatic
Stress,” C. Li et al. [20] reported experimental findings
about neural plasticity under stress. They found that stress
induces the overexpression of several types of microRNA
notably including corticotrophin releasing factor 1 (CRFR1
mRNA) and miR-34c. Expression levels of the miR-34c in
the hypothalamus represent an important factor involved in
susceptibility to posttraumatic stress disorders.

In the subsequent paper “Role of MicroRNA in Gov-
erning Synaptic Plasticity,” Y. Ye et al. reviewed the role of
microRNA in neural plasticity.They explored recent findings
demonstrating that miRNA exerts widespread regulation
over the translation and degradation of target genes in the
nervous systems and contributes to the pathophysiology of
plasticity-related diseases.

In “Astrocyte Hypertrophy Contributes to Aberrant
Neurogenesis after Traumatic Brain Injury,” C. Robin-
son et al. reported their recent findings about astrocytic
changes after traumatic brain injury (TBI). They analyzed
the immunohistochemistry of glial fibrillary acidic protein

and doublecortin and found a loss of radial glial-like pro-
cesses extending through the granule cell layer after TBI.They
further suggested that hypertrophied astrocytic processes
form an ectopic glial scaffold thatmight facilitate the aberrant
development of immature neurons in the dentate gyrus.

In “Modulation of Synaptic Plasticity by Glutamatergic
Gliotransmission: A Modeling Study,” M. De Pittà and N.
Brunel reported a computationalmodel about gliotransmitter
releasing pathways related to modulation of synaptic release
and postsynaptic slow inward currents. This model predicts
that both pathways could profoundly affect synaptic plasticity.

Collectively, these studies demonstrate that glial cells play
an important role in neural plasticity under physiological and
pathological conditions. We hope that this special issue will
stimulate interest in the field of glial cellsmodulating synaptic
activities and will help to achieve a deeper understanding of
the role of glial cells in neural plasticity.
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Traumatic brain injury (TBI) is a widespread epidemic with severe cognitive, affective, and behavioral consequences. TBIs typically
result in a relatively rapid inflammatory and neuroinflammatory response. Amajor component of the neuroinflammatory response
is astrocytes, a type of glial cell in the brain. Astrocytes are important in maintaining the integrity of neuronal functioning, and it is
possible that astrocyte hypertrophy after TBIsmight contribute to pathogenesis.The hippocampus is a unique brain region, because
neurogenesis persists in adults. Accumulating evidence supports the functional importance of these newborn neurons and their
associated astrocytes. Alterations to either of these cell types can influence neuronal functioning. To determine if hypertrophied
astrocytes might negatively influence immature neurons in the dentate gyrus, astrocyte and newborn neurons were analyzed at 30
days following a TBI in mice. The results demonstrate a loss of radial glial-like processes extending through the granule cell layer
after TBI, as well as ectopic growth andmigration of immature dentate neurons.The results further show newborn neurons in close
association with hypertrophied astrocytes, suggesting a role for the astrocytes in aberrant neurogenesis. Future studies are needed
to determine the functional significance of these alterations to the astrocyte/immature neurons after TBI.

1. Introduction

Traumatic brain injuries (TBIs) have multiple causes, from
motor vehicle accidents, falls, sports-related injuries, vio-
lence, and military activity, making TBI a serious health
concern around the world. The World Health Organization
has stated that the incidence and long-term consequences
of TBIs will continue to increase over the next five years,
representing a continual increase to this already existing
major cause of death and disability [1]. Not only can TBI
result in a patient’s loss of function, but, in some cases, TBI
may progress into early dementia, depression, personality
changes, and posttraumatic epilepsy [2]. Therefore, under-
standing the complex cascades of biological consequences is
vital to improving diagnostic and treatment options.

Similar to a typical response against any tissue damage,
TBI induces inflammatory and neuroinflammatory processes
[2–4]. Astrocytes and microglial cells are key central nervous

system components of the neuroinflammatory response.
Following a TBI, these glial cells become activated, result-
ing in the release of proinflammatory molecules such as
interleukin 1 beta (IL-1𝛽), interleukin 6 (IL-6), macrophage
inflammatory protein (MIP), and CCL2 [5–10]. One method
to discern activated astrocytes is by their morphology and
GFAP expression [11, 12].

Amongst the neuroinflammatory consequences of astro-
cyte activation, previous studies have indicated that astrocyte
hypertrophy can provide an anatomical substrate for the aber-
rant growth of newborn dentate granule cells [13–15]. More
specifically, Shapiro et al. [13] demonstrated that because
the glial cells at the border between the hilus and granule
cell layer were closely apposed to the DCX+ processes, the
latter processes grow into the hilus along an ectopic glial
scaffold, where astrocytic processes preferentially orient into
the hilus, rather than through the granule cell layer. This
aberration is different than in the normal adult rodent brain,
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2 Neural Plasticity

whereGFAP-expressing radial glial-like cells give birth to and
wrap around new born dentate granule cells in a one-to-one
relationship to nurture and guide the growth and integration
of the newborn neurons. As part of this relationship, the
radial glial cells extend a process that extends radially through
the granule cell layer and the growing apical dendrite from
the newborn neuron extends along this radial glial process.
Thus, the radial glial-like cell helps to guide the newborn
neurons as they migrate from the subgranular zone and
grow into the granule cell layer [16, 17]. In addition to the
growing apical dendrite, newborn neurons in the normal
adult rodent brain often sprout a basal dendrite early in
their development. In the normal rodent brain, after about 72
hours, this transient basal dendrite from the newborn neuron
will begin to retract or curve back such that they course
parallel to the granule cell layer [18].However, following brain
insults such as epileptogenic stimulus, neurogenesis is known
to be altered, as is the relationship between newborn neurons
and radial glial-like astrocytes [14–16].

Several studies have demonstrated a link between
astrocyte activation and aberrant neurogenesis [14, 19–22].
These alterations to neurogenesis include increased and/or
decreased numbers of newborn neurons and altered survival,
migration, and integration of the newborn neurons into exist-
ing brain circuitry. For example, following TBIs or seizures,
neurogenesis is typically increased in a transient fashion, such
that, at short durations after injury or insult (<30 days after
insult), subventricular zone and hippocampal neurogenesis is
increased, whereas at >30 days after injury, a decrease in the
number of newbornneurons is observed [23–25]. In addition,
newborn neurons in the hippocampus have been observed to
ectopicallymigrate into the hilus following seizures, and these
ectopic cells contribute to aberrant hippocampal function
[26, 27]. The growth and integration of newborn neurons are
also observed after seizures, such that the newborn granule
cells were observed to sprout basal dendrites that course
deep into the hilus, where they are synaptically targeted by
mossy fibers from granule cells [28–30]. This granule cell to
granule cell connectivity constitutes a recurrent circuitry, and
computational models as well as electrophysiological studies
have demonstrated that such a circuit significantly disrupts
normal hippocampal functioning [31, 32].

Considering the importance of hippocampal function to
a wide variety of behavioral, emotional, reproductive, and
cognitive functions, it is possible that alterations to hip-
pocampal neurogenesis can negatively impact hippocampal
function, leading to functional deficits that include disorders
of learning and memory, affective behaviors, and cognitive
dysfunction. Indeed, these types of short- and long-term
deficits are often seen after TBI in humans [33–35] and in
animal models [36, 37]. Thus, it is possible that changes to
newborn neurons and their associated astrocytesmight occur
following a TBI, thereby contributing to functional deficits.

Previous studies have shown that cortical astrocytes are
activated soon after a TBI [5, 6]. Other studies have demon-
strated altered neurogenesis and activated astrocytes in the
hippocampus at various time points and in various TBI ani-
mal models, as well as in clinical cases [38–40]. Given
these data, we hypothesize that TBI causes astrocyte and

neurogenic alterations in the hippocampus, such that the
astrocytic changes provide an anatomical substrate for the
aberrant growth of hilar basal dendrites from these newborn
neurons. To test this hypothesis, we examined astrocytes,
newborn neurons, and the relationship between these cell
types in the hippocampus at 30 days following a TBI in mice.

2. Methods

2.1. Fluid Percussion Injury (FPI). Mice were randomly sep-
arated into two cohorts—a sham group (𝑁 = 5) and an
FPI group (𝑁 = 5). Prior to sham or FPI procedures, all
mice were anesthetized with an initial dose of 4% isoflurane
and oxygen for anesthesia induction and maintained anes-
thesia on 2% isoflurane. Sham and FPI were performed as
previously described [8, 41]. Briefly, once the mice were fully
anesthetized, their heads were shaved. Strict sterile technique
was followed throughout all surgical procedures. All animals
were placed in a stereotaxic instrument with an attachment
for mouse surgery (Stoelting, Inc., IL, USA). A 2mm hole
was drilled into the skull over the left parietal cortex, making
sure to leave the dura intact. A female luer-lock (PlasticOne)
was connected to the hole in the skull and mice in the FPI
group received a pressure pulse of 1.5–1.7 atm from the FPI
apparatus through the luer-lock for 12–16ms. Sham animals
received no pressure pulse while connected to the apparatus.
Animals were housed singly after FPI with a 12-hour light-
dark cycle (light on 6:00 and light off 18:00). All animals had
continuous access to food and water.

2.2. Tissue Preparation. 30 days after surgery, mice in both
groups were sacrificed and fixed under anesthesia by tran-
scardial perfusion as previously described [6, 8]. Briefly, a
peristaltic pump was used to deliver 0.9% saline through the
left ventricle until the runoff through the cut right atrium ran
clear. This was followed by pumping 4% paraformaldehyde
through the left ventricle. The brains were allowed to postfix
for 24 hrs in the skull, after which they were extracted and
fixed for 24 hours in 4% paraformaldehyde and subsequently
cut into 50-micrometer-thick serial coronal sections with a
vibratome.

2.3. Doublecortin (DCX) Immunohistochemistry. Immature
neurons were immunohistochemically stained for DCX as
previously described [14, 16, 23]. Incubation of the primary
antibody was done on tissue slices (𝑁 = 4 slices per mouse
for each group) incubated in the dark, rotating at room
temperature, for 24 hours, in PBS containing 0.005% tween,
5% normal horse serum, and DCX antibodies to the N and C
termini (1 : 500 each, Santa Cruz Biotech). After staining, the
tissue slices were rinsed 3 times for 5 minutes each in 0.01M
PBS. The tissue slices were next incubated for 90 minutes,
rotating in the dark, at room temperature in PBS containing
0.005% tween, 5% normal horse serum, and fluorescently
tagged donkey anti-goat antibody (1 : 200; Alexa Flour 488;
Invitrogen). After 90 minutes, the tissue slices were rinsed 3
times for 5minutes each in 0.01MPBS, before beingmounted
onto glass slides. Slides were allowed to dry overnight and
cover slips were applied with Vectashield Hardset (Vector
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labs, Burlingame, CA). The slides were coded for subsequent
analysis by reviewers blind to the condition of the tissue.

2.4. Glial Fibrillary Acidic Protein (GFAP) Immunohistochem-
istry. Astrocytes and radial glial-like astrocytes were labeled
as previously described [13]. Briefly, tissue slices (𝑁 = 4-5
slices per mouse for each group) were incubated in the dark,
at room temperature, for 24 hours in a mixture of 0.01M
PBS, 3% normal goat serum, and CY3 fluorescently tagged,
primary GFAP antibody (1 : 1000; Sigma). After staining, the
tissue sliceswerewashed 3 times in 0.01MPBS,mounted onto
glass slides, and cover slips were applied with Vectashield
Hardset (Vector labs, Burlingame, CA). As above, the slides
were coded to eliminate potential reviewer bias.

2.5. Quantification of DCX-Labeled Cells in the Dentate Gyrus.
A series of images from the ipsi- and contralateral dentate
gyri were captured on the Olympus IX-81 laser scanning
confocal microscope. These sections spanned the rostral-
caudal extent of the hippocampus from −1.34 to −2.54 from
bregma. Equal sampling of the hippocampi within these
coordinates was ensured by an investigator separate from
the blinded raters (e.g., the coordinate for each slice was
identified by an independent reviewer who did not partake
in the image analysis). Once the images were captured, they
were loaded into PowerPoint (Microsoft 2010) and grids were
superimposed over the images to allow random selection of
the boxes for subsequent quantification at higher magnifica-
tion. Cellular and neuropil landmarks were used in the low
magnification images to ensure that the borders were accu-
rately observed during high magnification counting. Upon
loading into PowerPoint, the images were coded a second
time, and a different rater traced the borders of the hilus, the
borders of the suprapyramidal subgranular zone extending
into the first 4 layers of granule cells, and the borders of the
infrapyramidal subgranular zone extending into the first 4
layers of granule cells (Figure 1). Per stereological guidelines,
a grid containing an array of numbered 5000𝜇m2 boxes
was overlaid upon the traced regions of interest (Figure 1).
Areas to be counted were identified using a random number
generator to select the boxes in which counting would be
performed (https://www.random.org/integers/).The number
of boxes to be counted was predetermined based on stereo-
logical estimates. In most cases, 3 boxes from each region of
interest were randomly selected for analysis using the random
number generator. However, in the most rostral slices (−1.34
to 1.55 from bregma), only 2 boxes were selected because
of the decreased size of the granule cell layer and hilus.
Alternatively, in the most caudal sections (−2.28 to 2.54 from
bregma), 4 boxes were randomly selected because of the
increased size of the granule cell layer and hilus. Within each
box, 1 lateral and 1 horizontal border were chosen as inclusion
lines, and the other two borders were exclusion lines. This
schema was consistently maintained for all slices. All cells
within the box, or touching the inclusion lines, were counted,
whereas cells contacting the exclusion lines were omitted.

2.6. Radial Glial Process Counting. Images from the infra-
and suprapyramidal cell layers of the left and right side of
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Figure 1: Confocal micrograph depicting the grid layout used
to randomly select areas of the dentate gyrus in which newborn
neurons were quantified. For each region of interest, we overlaid a
series of numbered boxes. We then set the range of numbers in a
random number generator and had it choose which grid numbers
would be quantified at higher magnification. In this schema, the
hilus and supra- and infrapyramidal blades of the granule cell
layer (GCL) were quantified, in order to sample the entire dentate
gyrus. Note that green portions of the grids are inclusion lines and
red portions are exclusion lines. The grids along the GCL were
positioned to include cells in the subgranular zone to the upper
3/5ths of the granule cell layer.The grids in the hilus were positioned
to exclude cells in the subgranular zone, as DCX+ cells in this
location are not necessarily hilar ectopic granule cells, and GFAP+
cells in this region typically display a morphology that is distinctly
different than those in the hilus. It is pertinent to note that the apex
and subjacent hilar areas are excluded from counting because cells
in this region receive signals and cues from both the supra- and
infrapyramidal blades of GCL. Scale bar = 100𝜇m.

each slice were captured using the same blinding method as
above for DCX counting. Areas for analysis were determined
by drawing boundaries around the suprapyramidal and
infrapyramidal granule cell layers. The area of each granule
cell layer was calculated using Image J (NIH v.1.49) and
multiplied by the section thickness, as determined using the
confocal microscope. All primary processes were counted
throughout the entire traced granule cell layer by an exper-
imenter blinded to the animal’s condition. Secondary and
tertiary branches were counted separately if they arborized
within the upper 3/5ths of the granule cell layer. Processes that
branched deeper than this were not counted separately. The
origin of these processes was not considered, as the cell body
was often outside of the plane of focus and the perikaryal
cytoplasm does not always robustly stain withGFAP.The data
were then divided by the image’s calculated volume to obtain
the number of processes per cubic micron:

number of radial glial processes
(area of region of interest × depth of image series)

. (1)

2.7. Densitometry. In order to assess astrocyte hypertrophy
in the hilus, we used a derivation of a previous densitometry



4 Neural Plasticity

protocol [42] to quantify the intensity of pixels using Image
J (NIH v.1.49). 𝑍-stack image series of 18 microns deep
were captured on the confocal microscope, starting from
the first visible astrocytic process at the top of the image
for the right and left hilus, for all slices. All 𝑍-stack images
were captured from coded slides, by an experimenter blinded
to the condition of the animal. For image analysis, the 𝑍-
stacks were merged into a single image (Olympus V.3.2)
and thresholded into a binary image using Image J (NIH
v.1.49). The autothreshold function was used for this portion
of the analysis. As above, a second blinded reviewer randomly
placed grids throughout these regions and used the Image
J software (NIH v.1.49) to measure the mean grey values
of the binary images. It should be noted that GFAP+ cells
at the border of the subgranular zone were excluded from
analysis. The reason for this is that these cells typically have a
very different appearance compared to cells within the hilus,
because many of the cells at the subgranular zone border
are progenitor (neuronal and/or astrocytic) cells in varying
stages in the cell cycle. As such, these cells often appear vastly
different than the hilar astrocytes, most of which lack the
capabilities to give rise to newborn neurons.

2.8. Statistics. For all analysis, a SPSS was used to run
Student’s 𝑡-test to compare FPI and sham groups. Data are
reported asmeanswith error bars representing standard error
of the mean (±SEM).

3. Results

3.1. DCX. Theappearance ofDCX-labeled cells in the dentate
gyrus of sham mice was relatively normal, whereas in FPI
mice, the morphology and location of some of these cells
appeared altered (Figures 2(a), 2(b), 2(d), and 2(e)). Analysis
of the number of DCX-labeled cells in this region revealed
no significant difference between the sham mice and the FPI
mice (𝑡 = 0.645;𝑃 = 0.441, NS; Figure 2(c)). Conversely, there
was a significant increase in the number of immature granule
cells in the hilus of FPI mice compared to sham mice (𝑡 =
10.961; 𝑃 < 0.009; Figure 2(f)).

3.2. Radial Glial-Like Processes. Qualitative analysis of the
astrocytes at the border between the subgranular zone and
the granule cell layer revealed that, compared to sham mice
(Figure 3(a)), FPImice exhibited a hypertrophied appearance
and a change in their orientation, such that their processes
preferentially extended toward the hilus, rather than towards
the molecular layer (Figure 3(b)). As these processes are
derived from the GFAP-expressing astrocytes at the border
between the subgranular zone and the granule cell layer,
we examined the appearance of this population of astro-
cytes. Quantitative analysis of the number of radial glial-like
processes extending through the granule cell layer revealed
that, at 30 days after FPI, the number of these processes is
significantly decreased in FPI mice compared to sham mice
(𝑡 = 4.919; 𝑃 < 0.05; Figure 3(c)).

3.3. Density of GFAP-Labeling in the Hippocampus. The
morphology of the GFAP+ astrocytes in the sham mice

appeared relatively normal (Figure 3(d)), whereas some of
these cells from FPI mice exhibited a moderate hypertrophy
compared to the shammice (Figure 3(e)). As the injurymodel
we use is considered to be mild to moderate, we do not
expect a robust hypertrophy to be observed [43], especially at
the 30-day post-FPI time point. Despite these morphological
alterations, the densitometric analysis of GFAP-labeling in
the hilus revealed no significant difference in GFAP-labeling
at 30 days after an FPI (𝑡 = 0.894; 𝑃 = 0.365, NS; Figure 3(f)).
It is pertinent to note that this analysis did not include the
border region between the subgranular zone and the granule
cell layer because the GFAP+ cells in this region have a
distinctly different appearance than those in the hilus.

3.4. Basal Dendrites Grow along an Ectopic Glial Scaffold.
Previous studies from pilocarpine-induced epileptic mice
revealed that basal dendrites from newborn neurons aber-
rantly extend into the hilus by growing along the hypertro-
phied processes of radial glial-like cells. Because the model
of FPI used in the current study is known to increase
seizure susceptibility [41] and the sprouting of hilar basal
dendrites and subsequent synaptic targeting is known to be
proepileptic, we sought to determine if a similar anatomical
substrate for basal dendrite sprouting was present following
an FPI. The results show that basal dendrites from the
DCX+ cells extend deep into the hilus at 30 days after FPI
(Figures 4(a), 4(d), and 4(g)). Moreover, the results also show
the presence of an ectopic glial scaffold that is comprised
of the hypertrophied processes of GFAP-labeled astrocytes
at the base of the granule cell layer (Figures 4(b), 4(e),
and 4(h)). Interestingly, DCX-labeled basal processes from
immature granule cells are observed in close apposition to
these processes (Figures 4(c), 4(f), and 4(i)).

4. Discussion

The results from this study are the first to show ectopic
migration of newborn granule cells into hilus, as well as an
anatomical substrate for the aberrant growth of newborn
neurons following an FPI. These results also indicate that
astrocyte hypertrophy may contribute to detrimental neu-
ronal plasticity, because the hypertrophied processes of radial
glial-like astrocytes lose many of their radial glial processes
and instead preferentially orient toward the hilus (Figure 4).
The fact that the DCX+ basal dendrites that extend into the
hilus are closely apposed to the GFAP+ processes suggests
that the astrocytes provide an ectopic glial scaffold for the
aberrant growth of newborn neurons. Therefore, targeting
the astrocyte/neuronal interactions might be a novel strategy
for normalizing neuronal function and treating the long-term
consequences of TBIs.

Neuroinflammation is one of the well-known conse-
quences of TBIs. While the precise mechanisms and positive
or negative consequences of the inflammatory cascades that
follow are not fully understood, it is known that glial activa-
tion and hypertrophy are typical anatomical manifestations
of the neuroinflammatory response [11, 12]. Indeed, there are
numerous reports of astrocyte and microglial hypertrophy
from a number of different models of TBI and from clinical
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Figure 2: DCX-labeled immature neurons in the dentate gyrus. In (a), a relatively lowmagnification confocal micrograph is shown to depict
both the infrapyramidal and suprapyramidal blades, as well as the hilus from a sham mouse. In (b), a fluorescent micrograph from an FPI
mouse illustrates that, despite no significant differences in the number of DCX-labeled cells, the overall appearance of the DCX-labeled cells
in the dentate gyrus is altered, as can be seen by the hilar ectopic granule cell (arrow). In (c), quantitative analysis of DCX-labeled cells at
the subgranular zone/granule cell layer border revealed no significant differences between shammice and FPI mice at 30 days after injury. In
(d), a higher magnification confocal micrograph is shown to illustrate the typical appearance of granule cells in the dentate gyrus in a sham
mouse. In (e), the confocal micrograph at higher magnification from an FPI mouse shows a relatively robust number of DCX-labeled hilar
ectopic granule cells (arrows) at 30 days after a TBI. Such cells have been implicated in proepileptogenic circuits. In (f), quantitative analysis
of the number of DCX-labeled hilar ectopic cells revealed a significant increase (∗𝑃 < 0.009) in FPI mice compared to sham mice. Scale bars
in (a) & (b) = 30 𝜇m and in (d) & (e) = 20𝜇m.

cases of TBI. What is of particular interest in this context
is the fact that although injuries do not necessarily have to
directly impact the hippocampus, glial activation is still often
observed in this region [6, 41, 44, 45]. In this paper, the 30-day
timepoint was selected to examine chronic, rather than acute
changes to the hippocampus.While the acute changesmay be
more robust, the time course of development and integration
of newborn neurons into the existing hippocampal circuitry
is at minimal 2 weeks [46]. Moreover, most of the neurons
that are affected during the early stages after brain insult die
before they can be functionally integrated into the circuitry
[47], as functional integration typically occurs beginning
around 4 weeks after the birth of the newborn neurons [48].
Considering the notable role of the hippocampus in a number
of cognitive and affective behaviors [44, 49], it is possible
that glial activation within the hippocampus contributes to
dysfunction of the hippocampal circuitry.

Examples of a role for glial activation in altered hip-
pocampal functioning are observed in the adult neurogenesis
literature. Hippocampal neurogenesis is ongoing throughout
the lifespan of many mammals, including rodents, nonhu-
man primates, and humans [50–52]. A number of studies
have documented the importance of adult neurogenesis in
cognitive, affective, and reproductive behaviors [53–55]. In
many of these studies, alterations to normal hippocampal
neurogenesis result in varying degrees of functional alter-
ations to behavioral and cognitive outcomes [56]. Our finding
that the processes of hypertrophied astrocytes provide an
ectopic glial scaffold (Figure 4) for the aberrant growth
and/or migration of immature dentate granule cells repre-
sents onemechanism throughwhich glial cells can contribute
to altered hippocampal functioning.

Interestingly, previous studies have indicated that aber-
rantly sprouted basal dendrites from immature granule cells
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Figure 3: GFAP-labeled cells in the dentate gyrus. In (a), a confocalmicrograph from a shammouse is shown to depict the normal appearance
of a robust number of radial glial processes extending through the granule cell layer (GCL). In (b), a representative confocal micrograph of
an FPI mouse shows a decrease in the number of radial glial-like processes extending through the GCL. In addition to the lack of radial
glial processes extending through the GCL, note that several GFAP-labeled astrocytes from FPI mice displayed varying levels of activated
morphology in the hilus (arrows). In (c), quantitative analysis of the number of radial glial processes extending through the granule cell
layer reveals a significant decrease (∗𝑃 < 0.05) in FPI mice compared to sham mice. In (d), the sham micrograph from (a) is shown
after thresholding, to depict the technique used for densitometric analysis of GFAP-labeling in the hilus. Once thresholded, the Image J
software (NIH v.1.49) automates the counting of white pixels. In (e), the micrograph from the FPI mouse is shown after thresholding. In (f),
densitometric analysis of GFAP-labeled astrocytes in the hilus revealed no significant differences between sham and FPI mice at 30 days after
FPI. It is pertinent to note that the subgranular zone was excluded from this analysis (as shown in Figure 1) because the cells in this region
have a different appearance than they do in the hilus. Scale bars in all images = 30 𝜇m.

can be targeted for synaptogenesis in the hilus [13, 16]. A
previous report showed that, following a controlled cortical
impact TBI, ectopic migration and dendritic branching of
newborn dentate granule cells occur [57]. These newborn
neurons were observed to be functionally integrated into the
hippocampal circuitry and their potential for maladaptive
plasticity was noted [57]. Despite the fact that we did not
observe a difference in the number of DCX-labeled cells at
the 30 days' post-FPI time point, the appearance of aberrant
sprouting and ectopic migration suggests that neurogenesis
is chronically altered after FPI. It is also possible that if we
examine later time points, neurogenesis could significantly
decrease. Thus, there are several mechanisms through which
hypertrophied glial cells can directly influence hippocampal
circuitry, and altered hippocampal circuitry can underlie

functional deficits including increased seizure susceptibility
and the development of posttraumatic epilepsy [58, 59].

Posttraumatic epilepsy (PTE) is themost common type of
acquired epilepsy [60]. A number of mechanisms have been
postulated to contribute to the development of PTE. These
include oxidative and metabolic changes/dysfunction [61],
ion channel alterations [62], inflammation [63, 64], synaptic
plasticity [65], loss and/or reduced efficacy of inhibitory
interneurons [66], and a number of other possibilities [67,
68]. Parallels can be drawn with the pilocarpine model
of temporal lobe epilepsy in which an initial chemotactic,
proconvulsive insult leads to status epilepticus. The status
epilepticus is inhibited using benzodiazepines or other seda-
tives [69], after which a latent period of >2 weeks typically
occurs with little to no seizure activity. Eventually, most, if
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Figure 4: DCX-labeled basal dendrites grow along an ectopic glial scaffold. Confocal micrographs depicting DCX+ (a, d, g), GFAP+ (b, e,
h), and merged, double-labeling for DCX (green) and GFAP (red) at 30 days after FPI. Note that (a)–(c) are taken from the infrapyramidal
blade, whereas (d)–(i) are taken from the suprapyramidal blade. As can be seen in (a), (d), (g), DCX+ basal dendrites (arrows) are prominent
features after FPI, and many of these basal dendrites extend deep into the hilus. Also note, in (b), (e), and (h), the hypertrophied appearance
of GFAP+ cells at the base of the granule cell layer (arrowheads). Also note that the predominant orientation of the astrocytes from FPI mice
at the border of the granule cell layer is oriented either parallel with the granule cell layer or toward the hilus. Such an orientation is consistent
with an ectopic glial scaffold. The lack of radial glial processes extending through the granule cell layer is also notable in (b) and (h). In the
merged images (c, f, i) the close relationship between the DCX+ basal dendrites and the GFAP+ processes can be appreciated (arrows). In (i),
the apposition of the basal dendrite with the GFAP+ is so close that the two processes almost appear as if they are intertwined (arrowheads).
Future studies using electron microscopy will determine if these cells/processes are aberrantly targeted for synaptogenesis in the hilus. Scale
bars in (a)–(c) & (g)–(i) = 10𝜇m and in (d)–(f) = 20 𝜇m. In (f) and (i), the appositions of the basal dendrites to the GFAP+ processes are so
close that the two almost appear as if they are intertwined.
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not all, of these rodents will go on to develop spontaneous
epileptiform discharges that is analogous to temporal lobe
epilepsy. In the pilocarpine model, as in our current study,
hilar basal dendrite sprouting from immature granule cells
is a prominent feature [13]. Of further interest is that, in the
pilocarpinemodel, the hypertrophied astrocytes at the base of
the granule cell layerwere observed to expressCCR2,which is
the receptor for monocyte chemoattractant protein (MCP-1),
also known as CCL2 [14]. Signaling through the CCR2/CCL2
receptor/ligandhas been shown to be involved in chemotactic
guidance of neuroblast migration [70–72]. Considering that
we have previously demonstrated an increase ofCCL2protein
in our FPI model [5, 6], it is possible that this mechanism is
involved in the aberrant sprouting of basal dendrites from the
newborn neurons, as well as the ectopic migration of some of
these granule cells into the hilus (Figure 1). Future studies are
warranted to examine this possibility

In conclusion, we demonstrate, for the first time, that
radial glial fibers from GFAP+ astrocytes at the base of
the granule cell layer are chronically reduced following FPI
and that the hypertrophied astrocytes in this region can
provide an anatomical substrate for the aberrant growth
and migration of immature neurons in the hippocampus.
Based on previous evidence of altered hippocampal function
in response to such anatomical changes, future studies are
needed to determine the potential of these alterations as
targets for therapeutic intervention after TBI. Understanding
these mechanisms could also lead to more efficacious regen-
erative therapy approaches.
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Glutamatergic gliotransmission, that is, the release of glutamate from perisynaptic astrocyte processes in an activity-dependent
manner, has emerged as a potentially crucial signaling pathway for regulation of synaptic plasticity, yet its modes of expression and
function in vivo remain unclear. Here, we focus on two experimentally well-identified gliotransmitter pathways, (i) modulations
of synaptic release and (ii) postsynaptic slow inward currents mediated by glutamate released from astrocytes, and investigate their
possible functional relevance on synaptic plasticity in a biophysical model of an astrocyte-regulated synapse. Our model predicts
that both pathways could profoundly affect both short- and long-term plasticity. In particular, activity-dependent glutamate release
from astrocytes could dramatically change spike-timing-dependent plasticity, turning potentiation into depression (and vice versa)
for the same induction protocol.

1. Introduction

In recent years, astrocytes have attracted great interest
for their capacity to release neuroactive molecules, among
which are neurotransmitters like glutamate, because these
molecules could modulate neural activity and lead to a possi-
ble role for astrocytes in neural information processing [1–3].
Indeed, astrocyte-derived neurotransmitters, also called
“gliotransmitters” for their astrocytic origin [4], have been
shown to act on neurons and to regulate synaptic transmis-
sion and plasticity through a variety of mechanisms [5]. The
binding of receptors located on either pre- or postsynaptic
terminals by astrocyte-released glutamate has historically
been the first pathway for gliotransmission to be discovered
and, arguably, the most studied one experimentally for its
several possible functional implications [6].

Activation of extrasynaptic receptors on presynaptic ter-
minals by astrocytic glutamate modulates the probability
of neurotransmitter release from those terminals [6]. In
particular, depending on receptor type, suchmodulationmay

be either toward an increase or toward a decrease of the
frequency of spontaneous [7–11] and evoked neurotransmit-
ter release in both excitatory [2, 8, 10, 12] and inhibitory
synapses [13–15]. Because synaptic release probability char-
acterizes how a synapse filters or, in other words, “processes”
presynaptic action potentials [16, 17],modulations of synaptic
release probability by astrocytic glutamate are suggested to
alter the computational properties of neural circuits [18].

Glutamate released by astrocytes may also bind to
extrasynaptically located postsynaptic NMDA receptors,
evoking slow inward currents (SICs) in nearby neurons [11,
19–26]. The depolarizing action of these currents modulates
neural excitability with the potential to affect neuronal action
potential firing [27]. Moreover, because single astrocytes are
in close proximity to a large number (∼100) of neurons [28], it
has been suggested that an inward current can be generated
in many adjacent neurons, thereby promoting synchrony of
neuronal firing [19–21].

Although modulations of both synaptic release and
SICs mediated by glutamatergic gliotransmission have been
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recorded in the cortex and the hippocampus, as well as in
several other brain regions [5], their physiological relevance
remains elusive. In particular, beyond regulation of synaptic
filtering and neuronal firing, theoretical arguments support
a further possible role for both pathways in the regula-
tion of NMDAR-mediated spike-timing-dependent plasticity
(STDP) [29]. Both pathways have the potential to regulate
activation of postsynaptic NMDA receptors and, in doing
so, glutamatergic gliotransmission could ultimately regulate
the STDP outcome, that is, either potentiation (LTP) or
depression (LTD) [30, 31]. Consistent with this hypothe-
sis, experiments have reported a lower threshold for LTP
induction at hippocampal synapses when synaptic release
is increased by astrocytic glutamate [9]. Moreover, long-
term potentiation responses of neurons in the primary visual
cortex by cholinergic activation of surrounding astrocytes has
also been reported to be correlated with an increase of SIC
frequency in those neurons [32].

While the potential impact on STDP of pre- or postsy-
naptic activity-dependent modulations of synaptic efficacy
has widely been addressed both experimentally [33] and
theoretically [34, 35], the possible effect on plasticity of
the regulation of these modulations by glutamatergic glio-
transmission (and by gliotransmission in general) has been
investigated by very few theoretical studies. These studies
suggest a potential role in LTP induction both for large
increases of synaptic release and for large SICs mediated by
astrocytic glutamate [36, 37]. This scenario seems however at
odds with the majority of recent experimental observations
that report modest signaling magnitudes for these two routes
of gliotransmission. It is thus not clear underwhat biophysical
conditions modulations of synaptic release or SICs medi-
ated by glutamatergic gliotransmission could affect STDP.
Astrocyte-mediated SICs, for example, are known to occur
sporadically, being recorded in single neurons only as often
as <5/min [26, 32], raising the question of whether and how,
by occurring at such low rates, they could effectively play a
role in STDP.

We thus set to investigating what conditions are required
for glutamatergic gliotransmission to affect STDP by presy-
naptic modulations of neurotransmitter release or through
postsynaptic SICs. We extend the model of an astrocyte-
regulated synapse originally introduced by De Pittà et al. [73]
to include a biophysically realistic description of synaptically
evoked gliotransmitter release by the astrocyte as well as
a mechanism for the generation of postsynaptic SICs and
STDP. Extensive numerical investigations of our model lead
to two major predictions. First, glutamatergic gliotransmis-
sion could change the nature of STDP by modifying the
parameter ranges for LTP and LTD induction. Second, this
effect crucially depends on the nature of gliotransmission,
that is, whether it is release-increasing or release-decreasing,
its strength, and its rate of occurrence andwhen it occurswith
respect to pre/post pairs.Thus, while glutamatergic gliotrans-
mission could potentially play a role in STDP and learning,
in practice this effect must satisfy several biophysical and
activity-dependent constraints, supporting the existence of
specialized dynamic interactions between astrocytes and
neurons.

Presynaptic
neuron

Synapse Postsynaptic
neuron

Glu

Astrocyte

Glu

[Ca2+]i ↑

AMPAR
NMDAR

NR2B-containing NMDAR
mGluR1/5

Figure 1: Pathways of glutamatergic gliotransmission. Perisynaptic
astrocytic processes in several brain areas and different excita-
tory (but also inhibitory) synapses may release glutamate in a
Ca2+-dependent fashion. In turn, released astrocytic glutamate
may increase (or decrease) synaptic neurotransmitter release by
activating extrasynaptically located presynaptic receptors (magenta
arrows) or contribute to postsynaptic neuronal depolarization by
binding to extrasynaptic NMDA receptors (orange arrows) which
mediate slow inward currents (SICs). These receptors often (but not
always) containNR2B subunits and are thus different with respect to
postsynaptic NMDARs. Glutamate release by the astrocyte could be
triggered either by activity from the same synapses that are regulated
by the astrocyte (homosynaptic scenario) or by other synapses
that are not directly reached by glutamatergic gliotransmission
(heterosynaptic scenario).

2. Biophysical Modeling of a Gliotransmitter-
Regulated Synapse

Although there may be several possible routes by which
astrocytes release glutamate [38–40], Ca2+-dependent glu-
tamate release is likely the main one in physiological con-
ditions [41, 42]. From a modeling perspective, as illustrated
in Figure 1, Ca2+-dependent glutamatergic gliotransmission
consists of three distinct signaling pathways. One pathway
(black arrows) initiates the release-triggering Ca2+ signal in
the astrocyte and may be either exogenous or heterosynaptic
or be triggered by the very synapses that are modulated
by glutamatergic gliotransmission in a homosynaptic fash-
ion. The other two pathways are instead represented by
the two recognized routes for the action of glutamater-
gic gliotransmission on synaptic terminals: the presynaptic
pathway whereby astrocytic glutamate modulates synaptic
release (magenta arrows) and the postsynaptic pathway
which mediates SICs in nearby neurons (orange arrows).
Although both pathways could coexist at the same synapse
in principle [11], their functional regulation is probably
through different Ca2+-dependent pathways [26], both in
terms of spatiotemporal Ca2+-dynamics [24] and in terms of
pools of releasable glutamate resources and/or mechanism of
release for these latter [43]. Thus, in the following, we set
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Figure 2: Biophysical modeling of a gliotransmitter-regulated synapse. ((a)–(c)) Model of synaptic release. Incoming presynaptic spikes (a)
increase intrasynaptic Ca2+ levels which directly control the probability of release of available neurotransmitter resources ((b), Nt. Rel. Pr.)
and decrease, upon release, the fraction (or probability) of neurotransmitter-containing vesicles available for release (Avail. Nt. Pr.). Each
spike results in release of a quantum of neurotransmitter from the synapse ((c), Released Nt.) whose concentration in the perisynaptic space
decays exponentially. Synapse parameters: 𝜏

𝑑
= 0.5 s, 𝜏

𝑓
= 0.3 s, and 𝑈

0
= 0.6. Stimulation by Poisson-distributed APs with an average

rate of 5Hz. ((d)–(f)) Model for astrocyte activation. Synaptically released neurotransmitter in the perisynaptic space (d) binds astrocytic
receptors ((e), Bound Ast. Rec.), resulting in IP

3
production which triggers Ca2+ signaling in the astrocyte (f). This latter also depends on the

fraction of deinactivated IP
3
receptors/Ca2+ channels (Deinact. IP

3
Rs) on the astrocyte ER membrane (see Appendix A.1). ((g)–(i)) Model

for gliotransmitter release. The increase of astrocytic Ca2+ beyond a threshold concentration ((g), cyan dashed line) results in the release
of a quantum of gliotransmitter, which decreases the probability of further release of gliotransmitter ((h), Avail. Gt. Pr.) while transiently
increasing extracellular gliotransmitter concentration ((i), Released Gt.). Model parameters as in Table 1.

to investigating the effect of synaptic transmission of each
pathway independently of the other.

2.1. Calcium-Dependent Gliotransmitter Release. We begin
our study by a description of a biophysically realisticmodel of
synaptically evoked Ca2+-dependent glutamate release from
an astrocyte. At excitatory [44] and inhibitory synapses [45],
astrocytes can respond to synaptically released neurotrans-
mitters by intracellular Ca2+ elevations and release glutamate
in turn [6]. Althoughmorphological and functional details of
the coupling between synaptic terminals and the surrounding
astrocytic processes remain to be fully elucidated, the current
hypothesis is that synaptically evoked glutamate-releasing
astrocytic Ca2+ signaling is mainly by spillover of synaptic
neurotransmitters and/or other factors, which bind to high-
affinity astrocytic G protein-coupled receptors (GPCRs) [5]
and thereby trigger inositol 1,4,5-trisphosphate (IP

3
) pro-

duction and Ca2+ release from the endoplasmic reticulum
(ER) [46–48]. While early work mainly monitored somatic
Ca2+ increases concluding that astrocytes respond only to
intense neuronal firing patterns [49], recent experiments
in astrocytic processes revealed that astrocytes may also
respond to low levels of synaptic activity by Ca2+ elevations
confined in subcellular regions of their processes [10, 48, 50],
suggesting that the profile of astrocytic Ca2+ signaling and
thus glutamate release could span the whole spectrum of
neuronal (synaptic) activity [5].

To realistically describe synaptic release in the whole
spectrum of neuronal firing, we consider the model of an

activity-dependent synapse first introduced by Tsodyks and
Markram [51].This model captures the dependence of synap-
tic release on past activity, that is, presynaptic short-term
plasticity, which substantially influences synaptic transmis-
sion at high enough rates of neuronal firing [52]. In particular,
synaptic release results from the product of two quantities: (i)
the probability of neurotransmiter-containing vesicles to be
available for release and (ii) the probability of such vesicles
to be effectively released by an action potential [53], which
correlates with intrasynaptic Ca2+ [54]. At rest, it is assumed
that all vesicles are available for release. The arrival of an
action potential opens presynaptic voltage-dependent Ca2+
channels that trigger a transient increase of intrasynaptic
Ca2+ which promotes release of a fraction 𝑢

𝑆
of available

vesicles. Following release, the emptied vesicles are refilled
in some characteristic time 𝜏

𝑑
, while intrasynaptic Ca2+ and

thus vesicle release probability decay to zero with a different
time constant 𝜏

𝑓
. For multiple action potentials incoming at

time intervals of the order of these two time constants, neither
vesicle replenishment nor intrasynaptic Ca2+ are restored to
their resting values, so that the resulting synaptic release
depends on the history of synaptic activity [55].

We illustrate the response of the synapse model to a train
of action potentials in Figures 2(a)–2(c). The low rate of
stimulation of the first four action potentials (Figure 2(a))
allows for the reintegration of most of the released neu-
rotransmitter in between action potentials thereby keeping
vesicle depletion limited (Figure 2(b), orange trace). In par-
allel, intrasynaptic Ca2+ grows, and so does vesicle release
probability (Figure 2(b), blue trace), resulting in progressively
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larger release of neurotransmitter per action potential or,
in other words, in short-term facilitation of synaptic release
(Figure 2(c), 𝑡 < 500ms). On the contrary, the presentation of
a series of action potentials in rapid succession at 𝑡 = 500ms
results in a sharp increase of vesicle release probability to a
value close to saturation (i.e., Nt. Rel. Pr. ≃ 1) which causes
exhaustion of neurotransmitter resources (i.e., Avail. Nt. Pr. ≃
0). In this scenario, therefore, from one spike to the next one,
progressively fewer neurotransmitter resources are available
for release and the amount of released resources decreases
with incoming action potentials, leading to depression of
synaptic transmission. Such depression is short-lived, since
synaptic release tends to recover after a sufficiently long
period in which no action potentials occur, that is, the case,
for example, of the last action potential at 𝑡 = 800ms.

Once released into the synaptic cleft, synaptic neu-
rotransmitter is rapidly cleared by diffusion as well as
by other mechanisms, including uptake by transporters
and/or enzymatic degradation [56, 57]. In the simplest
approximation, the contribution of these mechanisms can
be modeled by a first-order reaction [58] which accounts
for the exponentially decaying profile of neurotransmitter
concentration in Figure 2(c) after synaptic release at each
action potential. A fraction of released neurotransmitter
molecules also spills out of the synaptic cleft to the perisy-
naptic space (Figure 2(d)) where it binds to GPCRs on
the astrocyte (Figure 2(e)), therein triggering Ca2+ signaling
(Figure 2(f)). To quantitatively describe this process, wemod-
ify the model of GPCR-mediated Ca2+ signaling originally
introduced by De Pittà et al. [141] to account for dynamic
regulation of astrocytic receptors by synaptic activity (see
Appendix A, Section A.1). Accordingly, as illustrated in
Figure 2(f), GPCR-mediated Ca2+ signaling is a result of the
nonlinear interplay of three processes: (i) IP

3
production

by GPCRs bound by synaptic neurotransmitter (magenta
trace), (ii) Ca2+ release from the ER into the cytosol, which
is triggered by IP

3
-bound Ca2+ channels (IP

3
Rs) and also

modulates cytosolic IP
3
(black trace), and (iii) the effec-

tive fraction of available or, more exactly, “deinactivated”
IP

3
Rs [59] that can take part in Ca2+ release from the

ER (yellow trace). Depending on the choice of parameter
values, the astrocyte model may display both large, long-
lasting somatic Ca2+ elevations and smaller and shorter Ca2+
increases, akin to those reported in astrocytic processes [47]
(see Appendix B).

Glutamate release from the astrocyte is then assumed
to occur every time that Ca2+ increases beyond a threshold
concentration (Figure 2(g), cyan dotted line), in agreement
with experimental observations [60, 61]. Although different
mechanisms for glutamate release by the astrocyte could
be possible, a large amount of evidence points to vesicular
exocytosis as the main one to likely occur on a physiological
basis [62]. Because astrocytic glutamate exocytosis bears
several similarities with its synaptic homologue (reviewed
in De Pittà et al. [29]), we model it in the same fashion.
Thus, in line with experimental observations [63, 64], we
postulate the existence of an astrocytic vesicular compart-
ment that is competent for regulated glutamate exocytosis.

Then, upon a suprathreshold Ca2+ elevation, a fixed fraction
of astrocytic glutamate-containing vesicles releases glutamate
into the extracellular space. Glutamate is then reintegrated
into the astrocyte with some characteristic time constant
(Figure 2(h)). In this fashion, glutamate concentration in the
extracellular space abruptly increases by exocytosis from the
astrocyte and then exponentially decays akin to neurotrans-
mitter concentration in the synaptic cleft, yet, in general, at a
different rate (Figure 2(h)) (Appendix B).

The description of gliotransmitter release hitherto intro-
duced ignores the possible stochastic nature of astrocytic glu-
tamate release [65] and reproduces the total amount of gluta-
mate released, on average, by a single Ca2+ elevation beyond
the release threshold. This description provides a simplified
general framework to realistically capture synaptically evoked
glutamate release by the astrocyte independently of the
underlying mechanism of astrocytic exocytosis, which may
either be in the form of a burst of synchronous vesicle fusion
events that peaks within the first 50–500ms from the Ca2+
rise underneath the plasma membrane [61, 65, 66] or occur
at slower fusion rates in an asynchronous fashion [67, 68].

2.2. Gliotransmitter-Mediated Regulation of Synaptic Release
and Short-Term Synaptic Plasticity. Once released, astrocyte-
derived glutamate can diffuse in the extracellular space and
bind extrasynaptic receptors located on presynaptic termi-
nals. In particular, ultrastructural evidence suggests colo-
calization of glutamate-containing vesicles in perisynaptic
astrocytic processes with those receptors [8], hinting a focal
action of astrocytic glutamate on these latter. Such action is
likely spatially confined and temporally precise, akin to that
of a neurotransmitter on postsynaptic receptors, and is not
affected by synaptic neurotransmitters [6]. Both ionotropic
and metabotropic presynaptic receptors may be activated
by astrocytic glutamate, yet their differential recruitment
likely depends on developmental, regional, physiological, and
cellular (synaptic) factors (reviewed in [29]). The details of
the biochemical mechanisms of action of these receptors on
synaptic physiology are not fully understood [69], but the
simplest explanation is that they all modulate intrasynaptic
Ca2+ levels, eventually increasing or decreasing synaptic
release probability [18], although in a receptor-specific fash-
ion [52, 69, 70].

From a modeling perspective, as originally proposed
by De Pittà et al. [73], the common effect on synaptic
release shared by different receptors allows expressing, in
the simplest approximation, the synapse’s resting release
probability proportionally to the fraction of presynaptic
receptors activated by astrocytic glutamate (Appendix A,
SectionA.1). In this fashion, as illustrated in Figure 3, the time
evolution of the fraction of activated presynaptic receptors
ensuing from a series of glutamate release events by the
astrocyte (Figures 3(a) and 3(b)) is reflected by the dynamics
of synaptic release probability at rest averaged across different
trials (Figures 3(c) and 3(e)). The value of the coefficient
of proportionality for the dependence of synaptic release
probability on receptor activation sets the type of modulation
of synaptic release by astrocytic glutamate which can be
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case, synaptic release probability could approach zero by gliotransmission ((c), red trace, 𝜉 = 0), although, in practice, less dramatic reductions
are more likely to be measured with respect to the original value in the absence of gliotransmission (black dashed line). The reduction in
synaptic release probability changes pair pulse plasticity increasing the pair pulse ratio (d). In the case of release-increasing gliotransmission,
synaptic release probability could instead increase up to one ((e), green trace, 𝜉 = 1). In turn, pair pulse plasticity changes towards a decrease
of the ensuing pair pulse ratio (f). Parameters as in Table 1 except for 

𝑒
= 10−4, 𝑂

𝑃
= 0.6 𝜇M−1 s−1, 𝜏

𝑃
= 30 s, 𝜁 = 0.54, 𝐽

𝑆
= 3mV, and

𝑅in = 60MΩ.

either release-decreasing (Figure 3(c)), such as in the case of
astrocytic glutamate-binding presynaptic kainate receptors or
group II/III metabotropic receptors (mGluRs) [13, 14, 71], or
release-increasing (Figure 3(e)), when astrocytic glutamate
binds NMDARs or group I mGluRs [7–9, 11, 12, 26, 72].
The functional implications of these modulations of synaptic
release by glutamatergic gliotransmission on synaptic trans-
mission have been widely addressed in a series of previous
studies [18, 29, 73], and the remainder of this section reviews
and extends the main results from those studies about short-
term synaptic plastic and synaptic filtering.

Figure 3(d) (left panel) shows how postsynaptic currents
(PSCs) change in the presence of release-decreasing gluta-
matergic gliotransmission when elicited by two consecutive
action potentials arriving to the resting synapse 20ms after
the onset of gliotransmission at 𝑡 = 5 s (Figure 3(c)). Two
differences with respect to the case without gliotransmission
(black trace) may be observed. First the PSC amplitude
overall decreases (red trace), consistent with a decrease of
synaptic efficacy caused by the reduction of synaptic release
by astrocytic glutamate. Then, the second PSC is larger
than the first one, which is the opposite of what would
be measured in the absence of gliotransmission. In other
words, in agreement with experimental observations [13],
the release-decreasing effect of astrocytic glutamate results
in an increased pair pulse ratio (PPR) with respect to the
case without gliotransmission (PPR

0
). Notably, as shown

in Figure 3(d) (right panel), this change in the PPR ratio
is only transient and vanishes together with the effect of
gliotransmission on synaptic release. Similar considerations
also hold in the case of a release-increasing effect of astrocytic

glutamate on synaptic transmission [8]: while PSC amplitude
increases (Figure 3(f), left panel, green trace), this occurs to
the detriment of PPR, which decreases instead (Figure 3(f),
right panel). Thus, synapses whose release probability is
increased by glutamatergic gliotransmission are likely to run
out of neurotransmitter faster, exhibiting rapid onset of short-
term depression, consistent with lower PPR values. On the
contrary, synapses whose release probability is reduced by
astrocyte-released glutamate deplete their neurotransmitter
resources slower andmay exhibit progressive facilitation (i.e.,
potentiation) of their efficacy to transmit action potentials
and so larger PPR values [74]. That is, the plasticity mode
of a synapse, namely, whether it is depressing or facilitating,
may not be fixed but rather be modulated by glutamatergic
gliotransmission by surrounding astrocytes in an activity-
dependent fashion [29, 73].

An important consequence of short-term synaptic
dynamics is that synapses can act as filters [16, 17, 75].
Hence, modulations of synaptic dynamics by glutamatergic
gliotransmission are also expected to affect the synapse’s
filtering characteristics [18]. This scenario is illustrated in
Figure 4 where the effect of release-decreasing versus release-
increasing glutamatergic gliotransmission, respectively,
on depressing and facilitating synapses, is shown in
terms of changes of the filtering characteristics of these
synapses, that is, their steady-state release as a function
of the frequency of presynaptic stimulation [17]. In the
absence of gliotransmission, depressing synapses, which are
characterized by intermediate-to-high initial probability of
release [74] (Figure 4(a), black circles), predominantly act
as low-pass filters (Figure 4(b), black circles) that are most
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effective at transmitting low frequency presynaptic spike
trains (Figure 4(c), black traces). On the contrary, facilitating
synapses, with a low-to-intermediate initial probability of
neurotransmitter release [74] (Figure 4(a), black circles),
function as high-pass or band-pass filters (Figure 4(b), black
circles); that is, they aremostly effective at transmitting action
potentials in an intermediate range of presynaptic activity
(Figure 4(c), black trace).

In the presence of glutamate release by the astrocyte, these
two scenarios could be reversed. Consider indeed the simple
heterosynaptic case where glutamatergic gliotransmission is
stimulated by other means compared to by the very synapses
it impinges on. It may be noted that release-decreasing
gliotransmission flattens the synaptic steady-state release
towards zero for all frequencies of stimulation (Figure 4(b),
red circles), ensuing in synaptic transmission that resembles
the one of a facilitating, band-pass synapse (compare the
red PSC trace in Figure 4(c) with the black PSC trace in
Figure 4(f)). Vice versa, release-increasing gliotransmission
could turn band-pass features of transmission by a facilitating
synapse (Figure 4(e), green circles) into low-pass, reminiscent
of a more depressing synapse (compare the green PSC trace
in Figure 4(f) with the black PSC trace in Figure 4(c)). On
the other hand, when gliotransmission is stimulated by the
same synapses that it modulates, that is, in the homosynap-
tic scenario of gliotransmission, inspection of the ensuing
synaptic filtering characteristics (Figures 4(b) and 4(e), cyan
circles) reveals that these latter coincide with those obtained
in the absence of gliotransmission for low frequencies of
presynaptic activity, while they tend to equal those observed
with heterosynaptic gliotransmission as the frequency of
stimulation increases. This coexistence of mixed features
from apparently opposite scenarios, that is, no gliotransmis-
sion versus heterosynaptic gliotransmission, can be explained
by the fact that the release of glutamate from the astrocyte
requires intracellular Ca2+ to cross a threshold concentration.
Hence, in the homosynaptic scenario, synapses that impinge
on the astrocyte must be stimulated at rate sufficiently high
to allow astrocytic Ca2+ to increase beyond such a threshold.

The modulation of synaptic filtering by glutamatergic
gliotransmission offers the possibility that the same stimulus
could be differently filtered (i.e., processed) and transmitted
by a synapse in the presence (or not) of glutamate release by
surrounding astrocytic processes, ultimately endowing that
synapse with processing versatility with respect to incoming
action potentials. Moreover, to the extent that synaptic
dynamics critically shape the computations performed by the
neural circuitry, such versatility could also be reflected at the
network level, leading to the possibility that the same neuron-
glia network could be involved in different computational
tasks defined, time by time, by activity-dependent gliotrans-
mitter release by astrocytes in the network.

2.3. Astrocyte-Mediated Slow Inward Currents. Induction of
slow inward (i.e., depolarizing) currents (SICs) by acti-
vation of extrasynaptically located postsynaptic NMDA
receptors is the other mechanism considered in this study
whereby glutamatergic gliotransmission could affect synaptic

information transfer. While astrocyte-mediated SICs have
been reported in several brain regions, the pathway under-
lying glutamate release by astrocytes has not been fully
elucidated [76, 77]. It is likely that, similar to the presynaptic
route for glutamatergic gliotransmission discussed above,
multiple pathways for glutamate release could be used by the
same astrocyte [39], but their deployment depends on devel-
opmental, regional, and physiological factors [27]. Astrocytic
Ca2+ activity seems to be a crucial factor in the regulation
of astrocyte-mediated SICs [19–23, 25, 78]. In particular, SIC
frequency and amplitude have been shown to increase upon
Ca2+ elevations mediated by GPCRs on astrocytes such as
mGluRs [19–23, 72, 79], the metabotropic purinergic P2Y1
receptor [25], the endocannabinoid CB1 receptor [80], or
the protease-activated receptor 1 (PAR1) [24]. Remarkably,
stimulation of PAR1s on hippocampal astrocytes was shown
to trigger, under physiological conditions, Ca2+-dependent
glutamate release from these cells through Bestrophin-1
anion channel [81, 82], and this pathway of glutamate release
has been suggested as a candidate mechanism for SICs [83].
Channel-mediated glutamate release is expected to account
for prolonged (>10 s) release of transmitter but in small
amounts per unit time [82] thus ensuing inmodest, very slow
rising and decaying inward currents. While similar SICs have
indeed been recorded [71, 84], most experiments reported
SICs within a wide range of amplitudes to last only few
seconds at most and rise in correlation with astrocytic Ca2+
increases, with rise time much shorter than their decay [20–
22, 24, 26, 32, 85, 86] akin to currents that would ensue from
a quantal mechanism of gliotransmitter release [62].

Based on these arguments, we assume glutamate exocyto-
sis as the candidatemechanism for glutamate release by astro-
cytes that mediates SICs. Accordingly, we adopt the descrip-
tion of astrocytic glutamate exocytosis previously introduced
(Figures 2(g)–2(i)) to also model astrocyte-mediated SICs.
In this fashion, glutamate exocytosis by the astrocyte into
the extracellular space (Figure 5(a)) results in activation
of extrasynaptically located NMDARs on nearby neuronal
dendrites which trigger SICs (Figure 5(b)) that cause slow
depolarizing postsynaptic potentials (PSP, Figure 5(c)).

An important functional consequence of SIC-mediated
depolarizations is that they can modulate neuronal excitabil-
ity [21–23, 85]. As illustrated in Figures 5(d) and 5(e),
astrocyte-mediated SICs (cyan trace) may add to regular
synaptic currents (black trace) resulting in depolarizations of
postsynaptic neurons closer to their firing threshold [23]. In
turn, these larger depolarizations could dramatically change
generation and timing of action potentials by those neurons
in response to incoming synaptic stimuli (Figure 5(f)). This
could ultimately affect several neurons within the reach of
glutamate released by an astrocyte, leading to synchronous
transient increases of their firing activity [21]. Remarkably,
this concerted increase of neuronal excitability has often
been observed in correspondence with large amplitude
(i.e., >100 pA) SICs [21, 25, 85, 87], but experiments report
the majority of SICs to be generally smaller, with amplitudes
< 80 pA [11, 21, 22, 26, 32, 87]. It is therefore unclear whether
SIC-mediated increase of neuronal excitability could occur
[88] or not [87, 89, 90] in physiological conditions.
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𝑒
= 10−4, 𝜏

𝑒
= 200ms, 𝜏𝑟

𝑆
= 10ms, and 𝑅in = 150MΩ.

In Figure 5(g), we consider postsynaptic firing in a
standard leaky integrate-and-fire neuron model [91, 92] as a
function of presynaptic activity for SICs of different ampli-
tudes (30–45 pA, see Appendix B) randomly occurring at an
average rate of 1 Hz based on a binomial process for glutamate
release from astrocytes as suggested by experiments [65]
(see Appendix A). In line with experimental evidence [93],
the input-output transfer function in the absence of glio-
transmission has a typical sigmoidal shape (black dots) which
reflects the following: (i) gradual emergence of firing for
low (>10Hz) fluctuating synaptic inputs; (ii) the progres-
sive, quasi-linear increase of the firing rate for presynaptic
activity beyond ∼30Hz; and finally, (iii) saturation of the
firing rate for sufficiently strong synaptic inputs such that
timing of action potential generation approaches the neuron’s
refractory period (which was fixed at 2ms in the simulations,
Appendix B) [92]. The addition of astrocyte-mediated SICs

alters the firing characteristics of the neuron due to the
ensuing larger depolarization. In particular the neuron could
generate action potentials for lower rates of presynaptic
activity (cyan/blue dots). Clearly, the larger the SIC is, the
more the postsynaptic firing increases with respect to the case
without SICs, for a given level of presynaptic activity.

As previously mentioned, these results assume an average
1Hz rate for astrocyte-mediated SICs. While such a rate can-
not be excluded, it seems unlikely for the following reasons.
The weak correlation of SIC amplitude with somatic Ca2+
elevations observed in experiments favors indeed the idea
that glutamate-mediated SICs are highly localized events,
occurring within subcellular domains at astrocytic processes
[22]. In turn, Ca2+ elevations in astrocytic processes could
be as short-lived as ∼0.5 s [10, 50], thus in principle allowing
for glutamate release rates of the order of 1Hz. However,
in practice, reported SIC frequency is much lower, that is,
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<5/min (i.e.,∼0.08Hz) [11, 22].Hence, itmay be expected that
the effect of SICs on neuronal firing could be considerably
reduced with respect to the case in Figure 5(g).

We consider this possibility more closely in Figure 5(h),
where we analyze postsynaptic firing in function of the
average frequency of astrocyte-mediated SICs, both in the
absence of synaptic activity (black and dark blue dots) and
in the case of presynaptic activity at an average rate ∼ 1 Hz,
which corresponds to typical levels of spontaneous activity
in vivo [94] (grey and light blue dots). It may be noted
that the effect of SICs of typical amplitudes on postsynaptic
firing rate is generally small, that is, <0.5Hz, except for
unrealistic (>0.1Hz) SIC rates, while it gets stronger in
association with synaptic activity. In this latter case however
the possible increase in postsynaptic firing by astrocyte-
mediated SICs is limited by the rate of reintegration of
released glutamate resources in the astrocyte (fixed at ∼1 Hz,
Appendix B). Analogously to short-term synaptic depression
in fact, our description of gliotransmitter release predicts
that, for release rates that exceed the rate of reintegration of
released glutamate by the astrocyte, exhaustion of astrocytic
glutamate resources available for further release will result in
SICs of smaller amplitude. In this fashion, due to depletion
of astrocytic glutamate, the effect of large rates of glutamate
release and thus of SICs on neuronal firing tends to be
equivalent to that of considerably lower ones.

Taken together, the above results do not exclude a possible
role of SICs in modulation of neuronal excitability and firing
but suggest that such modulation could effectively occur
only in coincidence with proper levels of synaptic activity.
In this fashion, astrocyte-mediated SICs could be regarded
to operate a sort of coincidence detection between synaptic
activity and astrocytic glutamate release [22], whose readout
would then be a temporally precise, cell-specific increase of
neuronal firing (Figure 5(f)).

3. Astrocyte-Mediated Regulation of
Long-Term Plasticity

The strength of a synaptic connection between two neurons
can bemodified by activity, in a way that depends on the tim-
ing of neuronal firing on both sides of the synapse, through
a series of processes collectively known as spike-timing-
dependent plasticity (STDP) [95]. As both pre- and post-
synaptic pathways of glutamatergic gliotransmission poten-
tially change EPSCmagnitude, thereby affecting postsynaptic
firing, itmay be expected that they could also influence STDP.

Although the molecular mechanisms of STDP remain
debated, and differentmechanisms could be possible depend-
ing on type of synapse, age, and induction protocol [34],
at several central excitatory synapses postsynaptic calcium
concentration has been pointed out as a necessary factor
in induction of synaptic changes by STDP [31, 96–99].
Remarkably, amplitude and, likely, time course of postsy-
naptic Ca2+ could control the direction of plasticity: smaller,
slower increases of postsynaptic Ca2+ give rise to spike-
timing-dependent long-term depression (LTD), whereas
larger, more rapid increases cause spike-timing-dependent

long-term potentiation (LTP) [31, 96, 97]. In calcium-based
STDP models, this is also known as the “Ca2+-control
hypothesis” [35, 100, 101]. According to this hypothesis, no
modification of synaptic strength occurs when Ca2+ is below
a threshold 𝜃

𝑑
that is larger than the resting Ca2+ concen-

tration. If calcium resides in an intermediate concentration
range, between 𝜃

𝑑
and a second threshold 𝜃

𝑝
> 𝜃

𝑑
, the

synaptic strength is decreased. Finally, if calcium increases
above the second threshold, 𝜃

𝑝
, the synaptic strength is

potentiated.
Figures 6(a1) and 6(b1) exemplify the operational mech-

anism of the Ca2+-control hypothesis within the framework
of a nonlinear Ca2+-based model for STDP at glutamatergic
synapses originally introduced byGraupner andBrunel [102].
At most glutamatergic synapses, postsynaptic Ca2+ is mainly
regulated by two processes: (i) postsynaptic Ca2+ entry
mediated by NMDARs [103] and (ii) Ca2+ influx by voltage-
dependent Ca2+ channels (VDCCs) [31, 33, 99, 104]. In
this fashion, each presynaptic action potential generates a
long-lasting Ca2+ transient by opening NMDAR channels,
while postsynaptic firing results in a short-lasting Ca2+
transient due to opening of VDCCs by dendritic depolariza-
tion through back-propagating action potentials (bAPs) [95].
Presynaptic action potentials alone do not trigger changes
in synaptic strength, but they do so in correlation with
postsynaptic bAPs [105]. Notably [106], in a typical STDP
induction pairing protocol, LTD is induced if the postsynap-
tic neuron fires before the presynaptic one, that is, post→ pre
pairing at negative spike-timing intervals Δ𝑡 (Figure 6(a1)).
Contrarily, LTP is induced when the presynaptic cell fires
before the postsynaptic cell, that is, for pre→ post pairing at
positive Δ𝑡 intervals (Figure 6(a1)). This is possible because,
when a presynaptic action potential is followed shortly after
by a postsynaptic bAP, the strong depolarization by this
latter drastically increases the voltage-dependent NMDAR-
mediated Ca2+ current due to removal of the NMDAR
magnesium block [107, 108], thereby resulting in supralinear
superposition of the NMDAR- and VDCC-mediated Ca2+
influxes.

In the framework of the Ca2+-control hypothesis, these
observations may be summarized as follows. For large Δ𝑡,
pre- and postsynaptic Ca2+ transients do not interact, and the
contributions from potentiation and depression by pre/post
pairs (or vice versa) cancel each other, leading to no synaptic
changes on average (Figure 6(c), black curves). For short,
negative Δ𝑡, the presynaptically evoked Ca2+ transient rises
instead above the depression threshold (𝜃

𝑑
) but not beyond

the potentiation threshold (𝜃
𝑝
). Consequently, depression

increases whereas potentiation remains constant, which
leads to LTD induction. For short, positive Δ𝑡 however the
postsynaptically evoked calcium transient rises on top of
the presynaptic transient by the NMDAR nonlinearity and
increases activation of both depression and potentiation.
Because the rate of potentiation is larger than the rate of
depression (Appendix C), this results in LTP induction.

For the same number of pre/post pairs (or vice versa),
mapping of the average synaptic modification as a function
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𝑑
= 0.33 s, 𝜏

𝑓
= 0.33 s, and𝑈 = 0.5 s. Other

parameters as in Table 1 except for 
𝑒
= 10−4, 𝜏

𝑐
= 1ms,𝑊

𝑁
= 78.7, 𝜏

𝑃
= 5 s in ((a), (b)), and 𝜏

𝑃
= 30 s otherwise.
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of the spike-timing interval Δ𝑡 ultimately provides an STDP
curve that qualitatively resembles the classic curve originally
described by Bi and Poo [123] (Figure 6(c), right panel, black
curve). In the following, we will focus on parameters that
lead to such a STDP curve and investigate how this curve
is affected in the presence of glutamatergic gliotransmission,
through the pre- and postsynaptic pathways of regulation
discussed above.

3.1. Presynaptic Pathway. The very nature of synaptic trans-
mission crucially depends on the synapse’s initial proba-
bility of neurotransmitter release, insofar as this latter sets
both the tone of synaptic transmission, that is, how much
neurotransmitter is released per action potential by the
synapse on average, and whether the synapse displays short-
term depression or facilitation [17]. Synapses with low-to-
intermediate values of initial neurotransmitter release proba-
bility, for example, Schaffer collateral synapses [74], or some
cortical synapses [16], are indeed prone to display facilitation,
whereas synapses that are characterized by large release
probability are generally depressing [16]. Because synaptic
release probability also dictates the degree of activation of
NMDARs and consequently the magnitude of postsynaptic
Ca2+ influx, it is expected that both the tone of synaptic
transmission and its short-term dynamics could affect STDP
[34]. The relative weight of these two factors in shaping
synaptic changes however likely depends on the protocol for
STDP induction. Short-term plasticity could indeed sensibly
regulate STDP induction only for rates of presynaptic action
potentials high enough to allow facilitation or depression of
synaptic release from one AP to the following one [109, 110].
In this study, we consider low pre/post frequencies of 1Hz.
At such frequencies we expect short-term plasticity to have a
negligible effect, and thus we only focus on how changes in
the tone of synaptic transmission by glutamatergic gliotrans-
mission affect STDP.

Figures 6(a2) and 6(b2), respectively, show the outcome
of LTD and LTP induction for two consecutive pre → post
and pre → post pairings preceded by the onset of release-
decreasing gliotransmission at 0.1 s (top panels, black marks).
A comparison of the ensuing postsynaptic Ca2+ dynamics
with respect to the case without gliotransmission (Figures
6(a1) and 6(b1)) reveals that the strong decrease of synaptic
release probability (SRP, top panels, red curves) caused
by gliotransmission remarkably reduces the NMDAR-
mediated contribution to postsynaptic Ca2+ influx (middle
panels), resulting in smaller variations of synaptic strength
(bottom panels). In this fashion, at the end of the pairing
protocol, release-decreasing gliotransmission accounts for
less time spent by Ca2+ above both LTD and LTP thresholds
(Figure 6(c), left panel, red traces). The resulting STDP curve
thus displays strongly attenuated LTD and LTP (Figure 6(c),
right panel, red curve), with LTP windows spanning a
considerably smaller range of Δ𝑡s values than in the curve
obtained without gliotransmission (black curve).

Similar considerations apply to the case of release-
increasing gliotransmission (Figures 6(a3) and 6(b3)). In this
case, the NMDAR component of postsynaptic Ca2+ could

increase by gliotransmission even beyond the 𝜃
𝑑
threshold

(dashed blue line), thus favoring depression while reducing
potentiation (bottom panels). In particular, for short positive
Δ𝑡, themaximal LTPdoes not change but theΔ𝑡 range for LTP
induction shrinks. For Δ𝑡 > 40ms in fact, the time that Ca2+
spends above the LTD threshold increases with respect to the
time spent byCa2+ above the LTP threshold, thereby resulting
in LTD induction (Figure 6(c), left panel, green traces). In this
fashion, the STDP curve in the presence of release-increasing
gliotransmission displays a narrow 0–40ms LTP window
outside which LTD occurs instead (Figure 6(c), right panel,
green curve).

Figure 6(d) summarizes how the STDP curve changes
for the whole spectrum of glutamatergic gliotransmission. In
this figure, a 𝑦-axis value of “gliotransmission type” equal
to 0 corresponds to maximum release-decreasing gliotrans-
mission (red curve in Figure 3(c)); a value equal to 1 stands
instead for maximum release-increasing gliotransmission (as
in the case of the green curve in Figure 3(c)); finally, a value of
0.5 corresponds to no effect of gliotransmission on synaptic
release (black curve in Figure 3(c)). It may be noted that
gliotransmission may affect the STDP curve in several ways,
changing both strength of plastic changes (color code) and
shape and areas of LTP and LTD windows. In particular,
as revealed by Figure 6(e), maxima of LTP (cyan circles)
and LTD (yellow circles) decrease with decreasing values
of gliotransmission type, consistently with smaller postsy-
naptic Ca2+ influx for larger decreases of synaptic release
by gliotransmission. This suggests that release-decreasing
gliotransmission (red-shaded area) could attenuate STDP yet
in a peculiar fashion, counteracting LTD more than LTP
induction, as reflected by increasing values of LTP/LTD area
ratio (magenta curve).

On the contrary, the effect of release-increasing gliotrans-
mission (Figure 6(e), green-shaded area) could be dramat-
ically different. For sufficiently strong increases of synaptic
release by gliotransmission in fact, the LTP/LTD area ratio
drops to zero (hatched area) in correspondence with the
appearance of two “open” LTD windows, one for Δ𝑡 < 0
and the other for sufficiently large positive spike-timing
intervals. In parallel, consistently with the fact that release-
increasing gliotransmission tends to increase the fraction of
time spent by postsynaptic Ca2+ above the threshold for LTD
thereby promoting this latter (Figure 6(c)), the range for LTP
induction also tends to shrink to lower Δ𝑡 values as release-
increasing gliotransmission grows stronger (Figure 6(d), red
color-coded areas for gliotransmission type > 0.5).

In summary, our analysis reveals that modulation of
synaptic release by glutamatergic gliotransmission could
change STDP both quantitatively and qualitatively, from
hindering its induction for release-decreasing modulations
to altering both shape and existence of LTD windows for
release-increasing modulations. However, whether and how
this could effectively be observed in experiments remain to
be investigated. Supported both by experimental evidence
and theoretical arguments is the notion that regulations of
the tone of synaptic transmission by glutamatergic gliotrans-
mission likely require specific morphological and functional



12 Neural Plasticity

constraints to be fulfilled by the nature of astrocyte-synapse
coupling [5, 18]. Similar arguments may ultimately hold true
also for modulation of STDP; insofar as for this modulation
to be measured in our simulations, we required both a
sufficiently strong increase/decrease of synaptic release by
gliotransmission and a decay time of such increase/decrease
long enough for this latter to be present during the induc-
tion protocol. Should these two aspects not have been
fulfilled in our simulations, then modulation of STDP by
gliotransmitter-mediated changes of synaptic release would
likely have been negligible or even undetectable.

3.2. Postsynaptic Pathway. We now turn our analysis to
the possible impact of astrocyte-mediated SICs on STDP.
Because SICs are through extrasynaptic NMDA receptors
and these receptors are mainly permeable to Ca2+ ions [111],
then SICs could contribute to postsynaptic Ca2+ thereby
affecting STDP. Nevertheless, we should note that it is unclear
whether and how extrasynaptic NMDARs contribute to
plasticity, independently of the occurrence of SICs [77]. For
example, theta-burst LTP induction in CA1 neurons of rat
hippocampal slices is turned into LTD when extracellular
NMDARs are selectively stimulated [112], but it is unknown
whether these receptors have a role in STDP [113]. In
general, for a given STDP induction protocol, two factors
that could crucially regulate how Ca2+ transients mediated
by extrasynaptic NMDARs are involved in STDP are the
location of these receptors on the spine and the morphology
of this latter in terms of spine head and neck [114, 115].
Unfortunately both these factors remain unknown in the
current knowledge of SIC-mediating extrasynapticNMDARs
and, for the remainder of this study, we assume that, in
spite of their possible location away from the postsynaptic
density along the spine neck or the dendritic shaft [116], SIC-
mediating extrasynaptic NMDARs could still regulate spine
Ca2+ dynamics [27].

Based on the above rationale, we thus model SICs as slow
postsynaptic Ca2+ transients that will add to presynaptically
and postsynaptically triggered ones and study their effect on
the induction of SDTP by classic pairing protocols. For the
sake of generality, we express the peak of SIC-mediated Ca2+
transients in units of NMDAR-mediated EPSCs. However,
since in our STDP description individual EPSCs do not
trigger any synaptic modification [102], then we may expect
that only SICs sufficiently larger than EPSCs could effectively
affect STDP. On the other hand, smaller SICs could also
combine with Ca2+ transients by pre/post pairings, resulting
in Ca2+ elevations beyond either LTD or LTP thresholds
that would ultimately cause synaptic changes (Figures 7(a)
and 7(b)). Hence, based on these considerations, we deem
amplitude and timing of SICs, in terms of both frequency of
occurrence and onset with respect to STDP-inducing stimuli,
to be crucial factors in shaping how SICs affect STDP, and
thus we set to analyzing these three factors separately.

Figure 7(c) summarizes the results of our simulations for
SICs as large as 0.5, 1, or 1.5 times typical EPSCs, occurring
at a fixed rate of 0.1 Hz and starting 100ms before the
delivery of 60 STDP-inducing pre/post pairings at 1Hz. As

illustrated in Figures 7(a) and 7(b), for the same SIC kinetics,
these simulations guarantee superposition between Ca2+
influxes mediated by SICs and pre/post pairings such that the
extension of the ensuing Ca2+ transient beyond LTD and LTP
thresholds (dashed lines) merely depends on SIC amplitude.
In this fashion, it may be noted that SICs of amplitude smaller
than or equal to typical EPSCs (Figure 7(c), turquoise circles
and black circles, resp.), which alone would not produce
any synaptic modification, do not sensibly change the STDP
curve with respect to the previously considered case of an
alike synapse in the absence of gliotransmission (Figure 6(c),
black circles). Conversely, large SICs could dramatically affect
STDP, shifting the STDP curve towards negative synaptic
changes (blue circles), and this negative shift increases the
larger SICs grow beyond the 𝜃

𝑑
threshold (results not shown).

In this case, STDP generally results in LTD with the excep-
tion of a LTP window that is comprised between ∼0ms
and positive Δ𝑡 values that are smaller than those in the
absence of gliotransmission (Figure 6(c), green circles). This
resembles what was previously observed for STDP curves in
the presence of release-increasing gliotransmission, with the
only difference that, for large |Δ𝑡| values, LTD strength in the
presence of astrocyte-mediated SICs is found to be the same,
regardless of Δ𝑡 (compare the blue curve in Figure 7(c) with
the green curve in Figure 6(c)).

In Figure 7(d) we consider the alternative scenario
where only SICs as large as typical EPSCs impinge on the
postsynaptic neuron at different rates, yet always 100ms
before STDP-inducing pairings. Akin to what happens for
SIC amplitudes, the larger the SIC frequency is, the more
the STDP curve changes. Indeed, as SIC frequency increases
above SIC decay rate (i.e., 1/𝜏

𝐴
, Appendix A, Section A.1.4),

SIC-mediated Ca2+ transients start adding up, so that the
fraction of time spent by Ca2+ beyond the LTD thresh-
old increases favoring LTD induction. In this fashion, the
ensuing STDP curve, once again, consists of a narrow
LTP window for Δ𝑡 ≥ 0, outside which only LTD is
observed (red curve). In practice however, because SICs
occur at rates that are much slower than their typical decay
(Appendix B), they likely affect STDP in a more subtle
fashion.This may be readily understood considering the pink
STDP curve obtained for SICs at 0.1 Hz, that is, the maxi-
mum rate experimentally recorded for these currents [22].
Inspection of this curve indeed suggests that SICs could
effectively modulate LTD and LTP maxima as well as the
outer sides of the LTD/LTP windows, which dictate how fast
depression/potentiation decay for large |Δ𝑡|, but overall the
qualitative features of the STDP curve are preserved with
respect to the case without gliotransmission (black curve).

Clearly, the extent of the impact of SIC amplitude and fre-
quency on STDPdiscussed in Figures 7(c) and 7(d) ultimately
depends on when SICs occur with respect to ongoing STDP-
inducing pairings. Had we set SICs to occur ∼200ms after
pre/post Ca2+ transients in our simulations, then, as illus-
trated in Figures 8(a) and 8(b), we would have not detected
any sensible alteration of STDP, unless SICs were larger than
typical EPSCs and/or occurred at sufficiently high rate to
generate Ca2+ transients beyond the plasticity thresholds
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Figure 7: STDP modulation by gliotransmitter-mediated SICs. ((a), (b)) Inspection of postsynaptic Ca2+ in the initial part of a pairing
protocol that includes a gliotransmitter-mediated slow inward current (SIC) arriving to the postsynaptic neuron at 𝑡 = 0.1 s illustrates how
SICs have the potential to modulate postsynaptic Ca2+ thereby regulating LTD and LTP. (c) The magnitude of modulation depends on how
large SICs are with respect to synaptic inputs (EPSCs) as well as at (d) what rate they occur. ((c), (d)) STDP curves were calculated for 60
pre/post pairings at 1Hz and included SICs starting 0.1 s before the first pairing and occurring at 0.1 Hz. Synaptic parameters: 𝜏

𝑑
= 0.33 s,

𝜏
𝑓
= 0.33 s, and 𝑈

0
= 0.5 s. Other parameters as in Table 1 except for 

𝑒
= 10−4, 𝜏

𝑐
= 1ms, 𝜏

𝑒
= 200ms, 𝜏𝑟

𝑆
= 5ms, and 𝜏

𝑆
= 100ms.

(results not shown). To seek understanding of how timing
of SICs versus pre/post pairings could alter LTD and/or LTP,
we simulated STDP induction by pairing as the time interval
(Δ𝜍) between SIC andpre/post pairswas systematically varied
(with SIC rate fixed at 0.2Hz) (Figures 8(c)–8(e)). In doing
so, we adopted the convention that negative Δ𝜍 values stand
for SICs preceding pre/post (or post/pre) pairings while
positive Δ𝜍 values refer to the opposite scenario of SICs that
follow pairings (Figure 8(c), top schematics). Then, it may be

observed that, for Δ𝜍 approximately in between −300ms and
0ms, LTD could be induced for any negative Δ𝑡 as well as for
large positive Δ𝑡 (Figure 8(c), blue tones), in this latter case to
the detriment of the LTP window, whose upper boundmoves
to lower Δ𝑡 values (Figure 8(c), red tones). This results in
STDP curves (e.g., Figure 8(f), yellow curve for Δ𝜍 = −75ms)
that bear strong analogy with the blue and red curves in
Figures 7(c) and 7(d), respectively, obtained for SICs of large
amplitude and frequency and suggest that depression grows
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Figure 8: Effect on STDP of SIC timing with respect to pairings. ((a), (b)) Impact on plasticity of a SIC occurring 0.2ms after the first pairing
instead of 0.1 s before it as previously considered in Figures 7(a), 7(b). (c) STDP curves as a function of the SIC pre/post pair delay (Δ𝜍) show
how LTD could get stronger while the LTP window shrink for small-to-intermediate Δ𝜍 ≤ 0 in correspondence with ((d), (e)) a maximum of
the duration of Ca2+ transients above the LTD threshold.These results were obtained assuming SIC rise and decay time constants, respectively,
equal to 𝜏𝑟

𝑠
= 𝜏𝑟

𝑠
= 20ms and 𝜏

𝑠
= 𝜏

𝑠
= 200ms. ((f), (h)) Peak and range of this LTD increase ultimately depend on SIC kinetics as reflected

by the change of sample curves for specific Δ𝜍 (yellow curve) and spike-timing intervals (cyan and purple curves) when SIC rise and/or decay
time constants were slowed down 1.5-fold (orange and blue curves, resp.). ((c), (h)) The same pairing protocol of Figures 7(c) and 7(d) was
used but with a SIC frequency of 0.2Hz and variable SIC onset and kinetics according to Δ𝜍, 𝜏𝑟

𝑆
, and 𝜏

𝑆
. Parameters as in Figure 7.
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as SICs tend to concur with pre/post pairings. An inspection
of postsynaptic Ca2+ transients (Figures 8(d) and 8(e)) indeed
reveals that coincidence of SICs and pre/post pairings, which
occurs at negative Δ𝜍 of the order of SIC rise time (see
Appendix B), corresponds to the longest time spent by Ca2+
above the LTD threshold, thereby resulting inmaximumLTD
(Figure 8(g)) and thus minimum LTP (Figure 8(h)). Clearly,
the Δ𝜍 range for which coincidence of SICs with pre/post
pairings enhances LTD induction ultimately depends on
kinetics of SICs, as reflected by their rise (𝜏𝑟

𝑠
) and/or decay

time constants (𝜏
𝑠
), and spans Δ𝜍 values approximately

comprised within ± SIC duration (i.e., ≃ 𝜏𝑟
𝑠
+ 𝜏

𝑠
). As SIC

duration increases in fact, because of either larger 𝜏𝑟
𝑠
or larger

𝜏
𝑠
or both, so does the Δ𝜍 range for LTD enhancement, as

reflected by the orange and blue curves in Figures 8(f)–8(h).
In conclusion the simulations in Figures 8(c)–8(h) point

to both timing and duration of SICs with respect to pre/post
pairing-mediated Ca2+ transients as a further, potentially
crucial factor in setting strength and polarity of STDP at
glutamatergic synapses. It is noteworthy to emphasize that,
however, to appreciate some effect on STDP, we had to
assume in those simulations SICs occurring at 0.2Hz, that is,
twofold the maximum SIC rate (i.e., ∼0.1Hz) experimentally
observed [22]. Indeed, analogous simulations run with
realistic SIC rates ≤ 0.1Hz did produce only marginal
changes to STDP curves, akin to those previously observed
for the pink STDP curve in Figure 7(d). The potential
functional implications (or lack thereof) of this perhaps
puzzling result are addressed in Discussion.

4. Discussion

A large body of evidence has accumulated over the last
years suggesting an active role of astrocytes in many brain
functions. Collectively, these data fuelled the concept that
synapses could be tripartite rather than bipartite, since in
addition to the pre- and postsynaptic terminals, the astrocyte
could be an active element in synaptic transmission [1, 49,
117]. Using a computational modeling approach, we showed
here that glutamatergic gliotransmission could indeed play
several roles in synaptic information transfer, either modu-
lating synaptic filtering or controlling postsynaptic neuronal
firing, as well as regulating both short- and long-term forms
of synaptic plasticity. Supported by experimental observa-
tions [8, 9, 13, 23, 118], these results complement and extend
previous theoretical work on astrocyte-mediated regulations
of synaptic transmission and plasticity [18, 29] and pinpoint
biophysical conditions for a possible role of glutamatergic
gliotransmission in spike-timing-dependent plasticity.

An important prediction of ourmodel indeed is that both
pathways of regulation of synaptic transmission by astrocytic
glutamate considered in this study, presynaptic modulation
of transmitter release and postsynaptic SICs, could affect
STDP, potentially altering induction of LTP and LTD. This
alteration could encompass changes in the timing between
pre- and postsynaptic firing that is required for plasticity
induction, as well as different variations of synaptic strength
in response to the same stimulus. With this regard, the

increase of LTP observed in our simulations, when moving
from release-decreasing to release-increasing gliotransmis-
sion (Figure 6(e)), agrees with the experimental observation
that LTP induction at hippocampal synapses requires weaker
stimuli in the presence of endogenous glutamatergic glio-
transmission rather than when gliotransmission is inhibited
thereby decreasing synaptic release probability [9].

Notably, spike-timing-dependent plasticity in the hip-
pocampus is not fully understood insofar as STDP induc-
tion by pairing protocols has produced a variety of seem-
ingly contradicting observations for this brain region [119].
Recordings in hippocampal slices, for example, showed that
pairing of single pre- and postsynaptic action potentials at
positive spike-timing intervals could trigger LTP [120–122],
as effectively expected by the classic STDP curve [123], but
also induce either LTD [124] or no plasticity at all [121].
Although different experimental and physiological factors
could account for these diverse observations [119, 125], we
may speculate that glutamatergic gliotransmission by astro-
cytes, which in those experiments was not explicitly taken
into account, could also provide an alternative explanation.
For example, the prediction of our model that release-
increasing glutamatergic gliotransmission could account for
multiple LTD windows, at either positive or negative spike-
timing intervals (Figure 6), indeed supports the possibility
that LTD in the hippocampus could also be induced by proper
presentations of pre → post pairings sequences [124]. On
the same line of reasoning, the possibility that astrocyte-
mediated SICs could transiently increase postsynaptic firing
(Figure 5(f)) could explain why, in some experiments, precise
spike timing in the induction of synaptic plasticity in the
hippocampus could exist only when single EPSPs are paired
with postsynaptic bursts [124, 126]. Moreover, it was also
shown that postsynaptic firing is relatively less important
than EPSP amplitude for the induction of STDP in the
immature hippocampus compared to the mature network,
possibly due to a reduced backpropagation of somatic APs
in juvenile animals [121]. Remarkably, these diverse modes of
plasticity induction could also ensue from different dynamics
of glutamatergic gliotransmission, as likely mirrored by the
developmental profile of somatic Ca2+ signals in hippocam-
pal astrocytes [47], which have been reported to be much
more frequent in young mice [127]. Insofar as somatic Ca2+
signals may result in robust astrocytic glutamate release
that could trigger, in turn, similar increases of synaptic
release and/or SICs [5, 62], the frequent occurrence of these
latter could then ultimately guarantee a level of dendritic
depolarization sufficient to produce LTP in mice pups [128].

High amplitude/rate SICs, or large increases of synaptic
release mediated by glutamatergic gliotransmission, result, in
our simulations, in LTD induction for any spike-timing inter-
val except for a narrow LTP window at small-to-intermediate
Δ𝑡 > 0. This is in stark contrast with STDP experiments,
where the observed plasticity always depends, to some extent,
on the coincidence of pre- and postsynaptic activity, as EPSPs
or postsynaptic action potentials fail to induce plasticity by
their own [95, 105]. Apart from the consideration that large
SIC amplitudes/rates and large increases of synaptic release by
astrocytic glutamate may not reflect physiological conditions
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[76, 90], this contrast may be further resolved on the basis of
the following arguments.

A first consideration is that we simulated plasticity
induction assuming either persistent occurrence of SICs or
continuous modulations of synaptic release during the whole
induction protocol. While this rationale proved useful to
identify the possible mechanisms of regulation of STDP by
glutamatergic gliotransmission, it may likely not reflect what
occurs in reality. Indeed, modulations of synaptic release
by glutamatergic gliotransmission could last only few tens
of seconds [7, 8] and thus be short-lived with respect to
typical induction protocols which are of the order of minutes
[33, 105, 129]. Moreover, the morphology of astrocytic perisy-
naptic processes is not fixed but likely undergoes dynamical
reshaping in an activity-dependent fashion during plasticity
induction [118, 130], thereby potentially setting time and
spatial range of action of gliotransmission on nearby synaptic
terminals [18]. In this fashion, LTD for large spike-timing
intervals could be induced only transiently and at selected
synapses, focally targeted by glutamatergic gliotransmission,
while leaving unchanged the qualitative features of the classic
STDP curve obtained by somatic recordings in the postsy-
naptic neuron [129].

A further aspect that we did not take into account in
our simulations is also the possible voltage dependence of
astrocyte-triggered SICs.The exact nature of this dependence
remains to be elucidated and likely changes with subunit
composition of NMDA receptors that mediate SICs in differ-
ent brain regions and at different developmental stages [77].
Regardless, it may be generally assumed that slow inward cur-
rents through NMDA receptors become substantial only for
intermediate postsynaptic depolarizations when the voltage-
dependent Mg2+ block of these receptors is released [108]. In
this fashion, the possible effect of SICs on STDP would be
confined in a time window around Δ𝑡 ≥ 0 for which coin-
cidence with pre- and postsynaptic spikes allows for robust
depolarization of postsynaptic spines. Outside this window
instead, SICs would be negligible, and plasticity induction
would essentially depend on mere pre- and postsynaptic
spiking rescuing the experimental observation of no synaptic
modification for large spike-timing intervals [95, 105].

On the other hand, even without considering voltage
dependence of SIC-mediating NMDARs, the precise timing
of SICs with respect to pre/post pairs is predicted by our anal-
ysis, to be potentially critical to determine strength and sign
of plasticity. Similar considerations could also hold for the
onset time and duration of modulations of synaptic release
triggered by gliotransmission with respect to the temporal
features of plasticity-inducing stimuli [29]. This ultimately
points to timing of glutamate release by the astrocyte (and its
downstream effects on synaptic transmission) as a potential
additional factor for associative (Hebbian) learning, besides
sole correlation between pre- and postsynaptic activities [131,
132]. Remarkably, this could also provide a framework to
conciliate the possibility that modest, sporadic SICs that we
predict would not substantially affect STDP (Figure 7) could
do so instead [32]. Indeed our predictions are based on the
average number of SICs within a given time window, as
documented in literature, rather than on the precise timing of

those SICs in that time window. In this fashion, for example,
there is no distinction in terms of effect on STDP in our
simulations, between a hypothetical scenario of three SICs
randomly occurring on average every ∼10 s in a 30 s time
frame and the alternative scenario of three SICs taking place
within the same time frame but in rapid succession (Figure
5b in [22]), as could happen following an exocytic burst of
glutamate release by the astrocyte [61, 62, 65]. Yet the latter
case could result in a dramatically different plasticity outcome
with respect to the former.While individual SICs likely fail to
induce synaptic modification alone in fact, their occurrence
in rapid succession would instead allow postsynaptic Ca2+
levels to quickly increase beyond one of the thresholds for
plasticity induction. Furthermore, this increase could further
be boosted by coincidence of SICs with pre- and postsynaptic
activity, ultimately accounting for robust LTP, as indeed
predicted by other theoretical investigations [36]. However,
to complicate this intriguing scenario is the observation
that glutamatergic gliotransmission [65] and even more so
astrocyte-mediated SICs [19, 25] are likely not deterministic
but rather stochastic processes.Therefore, it would ultimately
be interesting to understand how this stochasticity could
affect neuronal activity and shape learning [133].

To conclude, our analysis provides theoretical arguments
in support of the hypothesis that, beyond neuronal firing,
astrocytic gliotransmission could represent an additional
factor in the regulation of activity-dependent plasticity and
learning [18, 134, 135].This could occur in a variegated fashion
by both presynaptic and postsynaptic elements targeted by
glutamatergic gliotransmission, with possibly diverse func-
tional consequences. Nonetheless, the practical observation
in future experiments of a possible mechanism of action of
glutamatergic gliotransmission on activity-dependent plas-
ticity will depend on the implementation of novel specific
plasticity-inducing protocols that match possible stringent
temporal and spatial dynamical constraints defining the
complex nature of neuron-astrocyte interactions.

Appendix

A. Modeling Methods

A.1. Synapse Model with Glutamatergic Gliotransmission

A.1.1. Synaptic Release. To study modulation of short-term
synaptic plasticity by gliotransmitter-bound extrasynapti-
cally located presynaptic receptors we extend the model
originally introduced by De Pittà et al. [73] for astrocyte-
mediated heterosynaptic modulation of synaptic release to
also account for the homosynaptic scenario. For the sake
of clarity, in the following we will limit our description
to excitatory (glutamatergic) synapses. Accordingly, synap-
tic glutamate release is described following Tsodyks [55],
whereby upon arrival of an action potential (AP) at time 𝑡

𝑘
,

the probability of glutamate resources to be available for
release (𝑢

𝑆
) increases by a factor 𝑢

0
, while the readily

releasable glutamate resources (𝑥
𝑆
) decrease by a fraction

𝑟
𝑆
(𝑡
𝑘
) = 𝑢

𝑆
(𝑡+
𝑘
)𝑥

𝑆
(𝑡−
𝑘
), corresponding to the fraction of
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effectively released glutamate. In between APs, glutamate
resources are reintegrated at a rate of 1/𝜏

𝑑
while 𝑢

𝑆
decays to

zero at a rate of 1/𝜏
𝑓
. The equations for 𝑢

𝑆
, 𝑥

𝑆
thus read [55]

𝜏
𝑓

d
d𝑡
𝑢
𝑆
= −𝑢

𝑆
+∑

𝑘

𝑢
0
(1 − 𝑢

𝑆
) 𝛿 (𝑡 − 𝑡

𝑘
) 𝜏

𝑓
,

𝜏
𝑑

d
d𝑡
𝑥
𝑆
= 1 − 𝑥

𝑆
−∑

𝑘

𝑟
𝑆
(𝑡) 𝛿 (𝑡 − 𝑡

𝑘
) 𝜏

𝑑
.

(A.1)

The parameter 𝑢
0
in the above equations may be interpreted

as the synaptic release probability at rest. Indeed, the synapse
is “at rest” when 𝑢

𝑆
→ 0 and 𝑥

𝑆
→ 1, which occurs when the

period of incoming Aps is much larger than the synaptic time
scales 𝜏

𝑑
, 𝜏

𝑓
. Then, in this case, the probability of glutamate

release from the synapse by an AP equals 𝑢
0
.

A.1.2. Neurotransmitter Time Course. Assuming a total vesic-
ular glutamate concentration of 𝑌

𝑇
, the released glutamate,

expressed as concentration in the synaptic cleft, is then equal
to𝑌rel(𝑡𝑘) = 𝑐𝑌𝑇𝑟𝑆(𝑡𝑘), where 𝑐 represents the ratio between
vesicular and synaptic cleft volumes. The time course of
synaptically released glutamate in the cleft (𝑌

𝑆
) depends on

severalmechanisms, including clearance by diffusion, uptake,
and/or degradation [56, 57]. In the simplest approximation,
the contribution of these mechanisms to glutamate time
course in the cleft may be modeled by a first-order degrada-
tion reaction of characteristic time 𝜏

𝑐
[58] so that

𝜏
𝑐

d
d𝑡
𝑌
𝑆
= −𝑌

𝑆
+∑

𝑘

𝑌rel𝛿 (𝑡 − 𝑡𝑘) 𝜏𝑐. (A.2)

A.1.3. Astrocytic Calcium Dynamics. We assume that only
a fraction 𝜁 of released glutamate binds to postsynaptic
receptors, while the remainder 1 − 𝜁 fraction spills out
of the cleft and activates astrocytic metabotropic receptors
which trigger astrocytic Ca2+ signaling.The latter is modeled
following Wallach et al. [136] and results from the interplay
of four quantities: (i) the fraction of activated astrocytic
receptors (𝛾

𝐴
); (ii) the cytosolic IP

3
(𝐼) and (iii) Ca2+

concentrations (𝐶) in the astrocyte; and (iv) the fraction of
deinactivated IP

3
receptors (IP

3
Rs) on the membrane of the

astrocyte’s endoplasmic reticulum (ER) that mediate Ca2+-
induced Ca2+-release (ℎ). In particular, considering each
quantity separately, the fraction of astrocytic receptors bound
by synaptic glutamate may be approximated, at first instance,
by a first-order binding reaction and thus evolves according
to [136]

𝜏
𝐴

d
d𝑡
𝛾
𝐴
= −𝛾

𝐴
+ 𝑂

𝑀
(1 − 𝜁) 𝑌

𝑆
(1 − 𝛾

𝐴
) 𝜏

𝐴
, (A.3)

with 𝜏
𝐴
representing the characteristic receptor deactivation

(unbinding) time constant. Cytosolic IP
3
results instead from

the complex Ca2+-modulated interplay of phospholipase
C𝛽- and C𝛿-mediated production and degradation by IP

3

3-kinase (3K) and inositol polyphosphatase 5-phosphatase

(5P) [137–140] and evolves according to the mass balance
equation [141]:

d
d𝑡
𝐼 = 𝐽

𝛽
(𝛾

𝐴
) + 𝐽

𝛿
(𝐶, 𝐼) − 𝐽

3K (𝐶, 𝐼) − 𝐽5P (𝐼) , (A.4)

where
𝐽
𝛽
(𝛾

𝐴
) = 𝑂

𝛽
𝛾
𝐴
,

𝐽
𝛿
(𝐶, 𝐼) = 𝑂

𝛿

𝜅
𝛿

𝜅
𝛿
+ 𝐼

H (𝐶2, 𝐾
𝛿
) ,

𝐽
3K (𝐶) = 𝑂3KH (𝐶4, 𝐾

𝐷
)H (𝐼, 𝐾

3
) ,

𝐽
5P (𝐼) = Ω5P𝐼

(A.5)

and H(𝑥𝑛, 𝐾) denotes the sigmoid (Hill) function 𝑥𝑛/(𝑥𝑛 +
𝐾𝑛). Finally, cytosolic Ca2+ and the IP

3
R gating are described

by a set of Hodgkin-Huxley-like equations according to the
model originally introduced by Li and Rinzel [142]:

d
d𝑡
𝐶 = 𝐽

𝐶
(𝐶, ℎ, 𝐼) + 𝐽

𝐿
(𝐶) − 𝐽

𝑃
(𝐶) ,

d
d𝑡
ℎ =

ℎ
∞
(𝐶, 𝐼) − ℎ

𝜏
ℎ
(𝐶, 𝐼)

,

(A.6)

where 𝐽
𝐶
, 𝐽

𝐿
, and 𝐽

𝑃
, respectively, denote the IP

3
R-mediated

Ca2+-induced Ca2+-release from the ER (𝐽
𝐶
), the Ca2+ leak

from the ER (𝐽
𝐿
), and the Ca2+ uptake from the cytosol back

to the ER by serca-ER Ca2+/ATPase pumps (𝐽
𝑃
) [141]. These

terms, together with the IP
3
R deinactivation time constant

(𝜏
ℎ
) and steady-state probability (ℎ

∞
), are given by [142, 143]

𝐽
𝐶
(𝐶, ℎ, 𝐼) = Ω

𝐶
𝑚3

∞
ℎ3 (𝐶

𝑇
− (1 + 

𝐴
) 𝐶) ,

𝑚
∞
(𝐶, 𝐼) =H (𝐼, 𝑑

1
)H (𝐶, 𝑑

5
) ,

𝐽
𝐿
(𝐶) = Ω

𝐿
(𝐶

𝑇
− (1 + 

𝐴
) 𝐶) ,

𝐽
𝑃
(𝐶) = 𝑂

𝑃
H (𝐶2, 𝐾

𝑃
) ,

ℎ
∞
(𝐶, 𝐼) = 𝑑

2

𝐼 + 𝑑
1

𝑑
2
(𝐼 + 𝑑

1
) + (𝐼 + 𝑑

3
) 𝐶

,

𝜏
ℎ
(𝐶, 𝐼) =

𝐼 + 𝑑
3

Ω
2
(𝐼 + 𝑑

1
) + 𝑂

2
(𝐼 + 𝑑

3
) 𝐶

.

(A.7)

A detailed explanation of the parameters of the astrocyte
model may be found in Table 1.

A.1.4. Calcium-Dependent Glutamatergic Gliotransmission.
Astrocytic glutamate exocytosis is modeled akin to synaptic
glutamate release, assuming that a fraction 𝑥

𝐴
(𝑡) of glio-

transmitter resources is available for release at any time 𝑡.
Then, every time 𝑡

𝑗
that astrocytic Ca2+ increases beyond a

threshold concentration 𝐶
𝜃
, a fraction of readily releasable

astrocytic glutamate resources, that is, 𝑟
𝐴
(𝑡
𝑗
) = 𝑈

𝐴
𝑥
𝐴
(𝑡−
𝑗
), is

released into the periastrocytic space and later reintegrated at
rate 1/𝜏

𝐴
. Hence, 𝑥

𝐴
(𝑡) evolves according to [73]

𝜏
𝐺

d
d𝑡
𝑥
𝐴
= 1 − 𝑥

𝐴
−∑

𝑗

𝑟
𝐴
(𝑡) 𝛿 (𝑡 − 𝑡

𝑗
) 𝜏

𝐺
. (A.8)
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Similarly to (A.2), we may estimate the contribution to gluta-
mate concentration in the periastrocytic space (𝐺

𝐴
), resulting

from a quantal glutamate release event by the astrocyte at
𝑡 = 𝑡

𝑗
, as 𝐺rel(𝑡𝑗) = 

𝑒
𝐺
𝑇
𝑟
𝐴
(𝑡
𝑗
), where 𝐺

𝑇
represents the

total vesicular glutamate concentration in the astrocyte and 
𝑒

is the volume ratio between glutamate-containing astrocytic
vesicles and periastrocytic space. Then, assuming a clearance
rate of glutamate of 1/𝜏

𝑒
, the time course of astrocyte-derived

glutamate in the extracellular space comprised between the
astrocyte and the surrounding synaptic terminals is given by

𝜏
𝑒

d
d𝑡
𝐺
𝐴
= −𝐺

𝐴
+∑

𝑗

𝐺rel (𝑡) 𝛿 (𝑡 − 𝑡𝑗) 𝜏𝑒. (A.9)

A.1.5. Presynaptic Pathway for Glutamatergic Gliotransmis-
sion. The extracellular glutamate concentration sets the frac-
tion of bound extrasynaptically located presynaptic receptors
(𝛾
𝑆
) according to [73]

𝜏
𝑃

d
d𝑡
𝛾
𝑆
= −𝛾

𝑆
+ 𝑂

𝑃
(1 − 𝛾

𝑆
) 𝐺

𝐴
𝜏
𝑃
, (A.10)

where 𝑂
𝑃
and 𝜏

𝑃
, respectively, denote the rise rate and the

decay time of the effect of gliotransmission on synaptic gluta-
mate release. It is then assumed that modulations of synaptic
release by gliotransmitter-bound presynaptic receptors are
brought forth by modulations of the resting synaptic release
probability; that is, 𝑢

0
= 𝑢

0
(𝛾
𝑆
). In an attempt to consider a

mechanism as general as possible, rather than focusing on a
specific functional dependence for 𝑢

0
(𝛾
𝑆
), we consider only

the first-order expansion of this latter [73]; that is,

𝑢
0
(𝛾

𝑆
) ≈ 𝑈

0
+ (𝜉 − 𝑈

0
) 𝛾

𝑆
, (A.11)

where𝑈
0
denotes the synaptic release probability at rest in the

absence of gliotransmission, whereas the parameter 𝜉 lumps,
in a phenomenological way, the information on the effect
of gliotransmission on synaptic release. For 0 ≤ 𝜉 < 𝑈

0
,

𝑢
0
decreases with 𝛾

𝑆
, consistent with a “release-decreasing”

effect of astrocytic glutamate on synaptic release. This could
be the case, for example, of astrocytic glutamate binding
to presynaptic kinate receptors or group II/III mGluRs [13,
14, 71]. For 𝑈

0
< 𝜉 ≤ 1, 𝑢

0
increases with 𝛾

𝑆
, consistent

with a “release-increasing” effect of astrocytic gliotransmitter
on synaptic release, as in the case of presynaptic NMDARs
or group I mGluRs [2, 7–9, 11, 12, 72]. Finally, the special
case where 𝜉 = 𝑈

0
corresponds to occlusion, that is,

coexistence and balance between release-decreasing and
release-increasing glutamatergic gliotransmission at the same
synapse resulting in no net effect of this latter on synaptic
release.

Although based on glutamatergic synapses, the set of
(A.1)–(A.11) provides a general description for modulations
of synaptic release mediated by glutamatergic gliotransmis-
sion that could also be easily extended to other types of
excitatory synapses [144] as well as inhibitory synapses [14,
45, 145, 146].

A.1.6. Postsynaptic Pathways for Glutamatergic Gliotransmis-
sion: Slow Inward Currents. Postsynaptic astrocyte-mediated
slow inward currents take place through extrasynaptic
NMDAreceptors.The subunit composition of these receptors
however remains unclear [77]. Several studies reported SICs
to be inhibited by antagonists of NR2B-containing NMDARs
[21, 24, 78]; however there is also evidence that otherNMDAR
types could be involved, possibly containing subunits NR2C
or NR2D [25]. Being mediated by NMDA receptors, SICs
are likely affected by voltage dependence of the Mg2+ block
of these receptors. Although there is evidence that SICs rate
and frequency could indeed depend on extracellular Mg2+
[21], the effective nature of the possible voltage dependence
of SICs has not been elucidated. Moreover, the potential
diversity of subunit composition of receptors mediated SICs
could also result in different voltage dependencies, strong for
NR2B-containing receptors, akin to postsynaptic NMDARs,
and weak otherwise [111]. Accordingly, in this study we
neglect the possible voltage dependence of SICs arguing that
this is not substantially changing the essence of our results
(see Discussion). In this fashion, denoting postsynaptic SICs
by 𝑖

𝐴
(𝑡), we model them by a difference of exponentials

according to

𝜏𝑟
𝑆

d
d𝑡
𝑖
𝐴
(𝑡) = −𝑖

𝐴
(𝑡) + �̂�

𝐴
𝐵
𝐴
(𝑡) 𝜏

𝑟

𝑆
, (A.12)

𝜏
𝑆

d
d𝑡
𝐵
𝐴
(𝑡) = −𝐵

𝐴
(𝑡) + �̂�

𝐴
𝐺
𝐴
(𝑡) 𝜏

𝑆
, (A.13)

where 𝜏𝑟
𝑆
and 𝜏

𝑆
, respectively, are rise and decay time

constants for SICs.The two scaling factors �̂�
𝐴
and �̂�

𝐴
are taken

such that the SICmaximum in correspondence with an event
of glutamate release by the astrocyte is equal to a constant
value 𝐼

𝐴
(see Appendix B).

A.1.7. Postsynaptic Neuron. Postsynaptic action potential fir-
ing is modeled by a leaky integrate-and-fire (LIF) neuron
[91, 92]. Accordingly, the membrane potential (V) of the
postsynaptic neuron evolves as

𝜏
𝑚

d
d𝑡
V = 𝐸

𝐿
− V + 𝑖

𝑆
(𝑡) + 𝑖

𝐴
(𝑡) , (A.14)

where 𝜏
𝑚

denotes the membrane time constant and 𝑖
𝑆
(𝑡)

represents the excitatory synaptic input to the neuron. Every
time V crosses the firing threshold V

𝜃
, an AP is emitted and

the membrane potential is reset to V
𝑟
and kept at this value

for the duration of a refractory period 𝜏
𝑟
.

For synaptic currents, we only consider the AMPA
receptor-mediated fast component of EPSCs. Accordingly, we
consider twopossible descriptions for 𝑖

𝑆
(𝑡). In Figures 3 and 4,

we assume that the rise time of synaptic currents is very short
compared to the relaxation time of these latter [147–149], so
that 𝑖

𝑆
(𝑡) can be modeled by a sum of instantaneous jumps of
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amplitude �̂�
𝑆
, each followed by an exponential decay [91]; that

is,

𝜏
𝑁

d
d𝑡
𝑖
𝑆
(𝑡) = −𝑖

𝑆
(𝑡) + �̂�

𝑆
𝜁𝑌

𝑆
(𝑡) 𝜏

𝑁
. (A.15)

In the presence of gliotransmitter-mediated slow inward
currents instead (Figure 5), we model synaptic currents
similarly to these latter; that is,

𝜏𝑟
𝑁

d
d𝑡
𝑖
𝑆
(𝑡) = −𝑖

𝑆
(𝑡) + �̂�

𝑆
𝐵
𝑆
(𝑡) 𝜏

𝑟

𝑁
, (A.16)

𝜏
𝑁

d
d𝑡
𝐵
𝑆
(𝑡) = −𝐵

𝑆
(𝑡) + �̂�

𝑆
𝜁𝑌

𝑆
(𝑡) 𝜏

𝑁
, (A.17)

where 𝜏𝑟
𝑁
, 𝜏

𝑁
, respectively, denote EPSC rise and decay time

constants; the scaling factor �̂�
𝑆
is taken such that synaptic

releases result in unitary increases of the gating variable 𝐵
𝑆
,

and similarly, �̂�
𝑆
is set such that an increase in synaptic current

ensuing from quantal synaptic release equals to 𝐼
𝑆
.

A.2. Spike-Timing-Dependent Plasticity

A.2.1. Postsynaptic Calcium Dynamics. Spike-timing-
dependent plasticity is modeled by the nonlinear calcium
model introduced by Graupner and Brunel [102], which was
modified to include short-term synaptic plasticity as well as
astrocyte-mediated SIC contribution to postsynaptic Ca2+.
Accordingly, postsynaptic Ca2+ dynamics, 𝑐(𝑡), result from
the sum of three contributions: (i) Ca2+ transients mediated
by NMDA receptors, activated by synaptic glutamate whose
release probability from the presynaptic bouton may be
modulated by gliotransmission (𝑐pre), (ii) Ca2+ transients
mediated by gliotransmitter-triggered NMDA-mediated
SICs (𝑐sic), and (iii) Ca2+ transients due to activation of
voltage-dependent Ca2+ channels (VDCCs) by postsynaptic
backpropagating APs (𝑐post). All three Ca2+ transients are
accounted for by a difference of exponentials. In particular,
presynaptic Ca2+ transients are described by

𝜏𝑟pre
d
d𝑡
𝑐pre = −𝑐pre + �̂�pre𝑅pre𝜏

𝑟

pre,

𝜏pre
d
d𝑡
𝑅pre = −𝑅pre +𝑊𝑁

𝜁𝑌
𝑆
𝜏pre,

(A.18)

where 𝜏𝑟pre, 𝜏pre are rise and decay time constants of the
Ca2+ transient; �̂�pre is a normalization constant such that
the maximal amplitude of the transient is 𝐶pre; 𝑊𝑁

is the
“weight” of presynaptic Ca2+ transients triggered by synaptic
glutamate (𝑌

𝑆
, equation (A.2)).

Similarly to presynaptic ones, calcium transients due to
SICs mediated by gliotransmission are given by

𝜏𝑟sic
d
d𝑡
𝑐sic = −𝑐sic + �̂�sic𝑅sic𝜏

𝑟

sic,

𝜏sic
d
d𝑡
𝑅sic = −𝑅sic +𝑊𝐴

𝐺
𝐴
𝜏sic,

(A.19)

where 𝜏𝑟sic and 𝜏𝑑sic are the rise and decay time constants of
the Ca2+ transient; and �̂�sic is a normalization constant such
that the maximal amplitude of the transient is 𝐶sic; 𝑊𝐴

is
the “weight” of SIC-mediated Ca2+ transients triggered by
perisynaptic gliotransmitter (𝐺

𝐴
, equation (A.9)).

Finally, postsynaptic Ca2+ transients caused by bAPs are
modeled by [102]

𝜏𝑟post
d
d𝑡
𝑐post = −𝑐post + �̂�post𝑅post𝜏

𝑟

post,

𝜏post
d
d𝑡
𝑅post = −𝑅post

+ (1 + 𝜂𝑐pre)∑
𝑖

𝛿 (𝑡 − 𝑡
𝑖
) 𝜏post,

(A.20)

where the sum goes over all postsynaptic APs occurring at
times 𝑡

𝑖
; 𝜏𝑟post and 𝜏post are the rise and decay time constants

of the Ca2+ transient; �̂�post is a scaling factor such that
the maximal amplitude of the transient is 𝐶post, and the
parameter 𝜂 denotes howmuch a bAP-evoked Ca2+ transient
is increased by preceding presynaptic stimulation.

A.2.2. Synaptic Efficacy. The temporal evolution of synaptic
efficacy 𝜌(𝑡) depends on postsynaptic Ca2+ dynamics 𝑐(𝑡) =
𝑐pre(𝑡) + 𝑐sic(𝑡) + 𝑐post(𝑡) and is described by the first-order
differential equation [102]:

𝜏
𝜌

d
d𝑡
𝜌 = −𝜌 (1 − 𝜌) (𝜌

⋆
− 𝜌)

+ 𝛾
𝑝
(1 − 𝜌)Θ (𝑐 (𝑡) − 𝜃

𝑝
)

− 𝛾
𝑑
𝜌Θ (𝑐 (𝑡) − 𝜃

𝑑
) +Noise (𝑡) ,

(A.21)

where 𝜌
⋆
is the boundary of the basins of attraction of UP

and DOWN states of synaptic efficacy, that is, the states
for which 𝜌 = 1 and 𝜌 = 0, respectively; 𝜃

𝑑
, 𝜃

𝑝
denote

the depression (LTD) and potentiation (LTP) thresholds,
and 𝛾

𝑑
, 𝛾

𝑝
measure the corresponding rates of synaptic

decrease and increase when these thresholds are exceeded;
Θ(⋅) denotes the Heaviside function, that is, Θ(𝑐 − 𝜃) =
0 for 𝑐 < 𝜃 and Θ(𝑐 − 𝜃) = 1 for 𝑐 ≥ 𝜃. The last
term lumps an activity-dependent noise term in the form of
Noise(𝑡) = 𝜎√𝜏𝜌√Θ(𝑐(𝑡) − 𝜃𝑑) + Θ(𝑐(𝑡) − 𝜃𝑝) ⋅ 𝜛(𝑡), where
𝜛(𝑡) is a Gaussian white noise process with unit variance
density. This term accounts for activity-dependent fluctu-
ations stemming from stochastic neurotransmitter release,
stochastic channel opening, and diffusion [102].

A.3. STDP Curves. To construct the STDP curves of
Figures 6–8, we follow the rationale originally described
by Graupner and Brunel [102] and consider the average
synaptic strength of a synaptic population after a stimulation
protocol of 𝑛 pre-post (or post-pre) pairs presented at
time interval 𝑇. With this aim, synaptic strength is surmised
to be linearly related to 𝜌 as 𝑤 = 𝑤

0
+ 𝜌(𝑤

1
− 𝑤

0
), where

𝑤
0
and 𝑤

1
are the synaptic strength of the DOWN/UP
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states for which 𝜌
0
, that is, the initial value of 𝜌 at

𝑡 = 0, is 0 or 1, respectively. In this fashion, 𝑤 may be
thought of as a rescaled version of equivalent experimental
measures of synaptic strength such as the excitatory
postsynaptic potential (EPSP) or excitatory postsynaptic
current (EPSC) amplitude, the initial EPSP slope, or the
current in 2 ms windows at the EPSC peak. Accordingly,
before a stimulus protocol, a fraction 𝛽 of the synapses
is taken in the DOWN state, so that the average initial
synaptic strength is 𝑤

0
= 𝛽𝑤

0
+ (1 − 𝛽)𝑤

1
. Then, after the

stimulation protocol, the ensuing average synaptic strength
is 𝑤

1
= 𝑤

0
((1 −U)𝛽 +D(1 − 𝛽)) + 𝑤

1
(U𝛽 + (1 −D)(1 − 𝛽)),

where U and D represent the UP and DOWN transition
probabilities, respectively. As in experiments, we consider the
change in synaptic strength as the ratio between the average
synaptic strengths after and before the stimulation; that is,

Δ𝜌

=
(1 −U) 𝛽 +D (1 − 𝛽) + 𝑏 (U𝛽 + (1 −D) (1 − 𝛽))

𝛽 + (1 − 𝛽) 𝑏
,
(A.22)

with 𝑏 = 𝑤
1
/𝑤

0
. Under the hypotheses of this study, that is,

𝑇 ≪ 𝜏
𝜌
and 𝛾

𝑑
, 𝛾

𝑝
are large, the transition probabilities U

andDmay be analytically solved and read [102]:

U (𝜌
0
)

=
1

2
(1 + erf (−

𝜌
⋆
− 𝜌 + (𝜌 − 𝜌

0
) e−𝑛𝑇/𝜏

√𝜎𝜌 (1 − e−2𝑛𝑇/𝜏)
)) ,

D (𝜌
0
)

=
1

2
(1 − erf (−

𝜌
⋆
− 𝜌 + (𝜌 − 𝜌

0
) e−𝑛𝑇/𝜏

√𝜎𝜌 (1 − e−2𝑛𝑇/𝜏)
)) ,

(A.23)

where erf denotes the standard error function, defined as
erf(𝑥) = (2/√𝜋) ∫𝑥

0
e−𝑡
2

d𝑡 and

𝜌 =
Γ
𝑝

Γ
𝑑
+ Γ

𝑝

,

𝜎2
𝜌
=
𝛼
𝑑
+ 𝛼

𝑝

Γ
𝑑
+ Γ

𝑝

𝜎2,

𝜏 =
𝜏
𝜌

Γ
𝑑
+ Γ

𝑝

,

(A.24)

with Γ
𝑖
= 𝛾

𝑖
𝛼
𝑖
and 𝛼

𝑖
= (1/𝑛𝑇) ∫

𝑛𝑇

0
Θ(𝑐(𝑡)−𝜃

𝑖
)d𝑡with 𝑖 = 𝑑, 𝑝.

A.4. Simulations. The model was implemented in Brian 2.0
[150]. Simulations and data analysis were serendipitously
designed and performed by the open source programming
language Python 2.7 [151]. The code is available online
and can be downloaded from terminal by “git clone
https://mauriziodepitta@bitbucket.org/mauriziodepitta/
public.code.git -b NeuralPlasticity-2016.”

B. Parameter Estimation

B.1. Synaptic Parameters. Glutamate release probability𝑈
0
of

central excitatory synapses is generally comprised between
∼0.09 [152] and ∼0.6–0.9 [153, 154], with lower values
mostly consistent with facilitating synapses [155]. Facilitation
time constants 𝜏

𝑓
may be estimated by the decay time of

intracellular Ca2+ increases at presynaptic terminals upon
arrival of action potentials [156, 157].With this regard, typical
decay times for Ca2+ transients are reported to be <500ms
[157], with an upper boundwithin 0.65–2 s [156]. Concerning
depression time constants instead, experiments have reported
glutamate-containing vesicles in the readily releasable pool
to preferentially undergo rapid endocytosis within 1-2 s after
release [158], although vesicle recycling could also be as fast
as 10–20ms [153, 159].

Estimates in hippocampal synapses suggest that the
readily releasable pool could contain between 2 and 27
vesicles [152] which are essentially spherical with average
outer diameter 𝑑

𝑆
equal to 39.2 ± 11.4 nm and in the range

of 23–49 nm [160, 161]. Subtracting to this value a 6 nm thick
vesicular membrane [152], the inner diameter of a vesicle can
then be estimated within 16–38 nm, corresponding to a mean
vesicular volumeΛ

𝑆
in the range of 2.1⋅10−21–28.7⋅10−21 dm3.

Given that vesicular glutamate concentration is reported
in the range of 60–210mM [160–162], then, considering a
pool of 10 vesicles with average diameter of 30 nm (i.e.,
average volume Λ

𝑆
≈ 14.1 ⋅ 10−21 dm3) and average vesic-

ular neurotransmitter concentration of 60–100mM [161],
the total neurotransmitter vesicular content ranges up to
𝑌
𝑇
= (10)(60–100mM) = 300–1000mM. Assuming a typical

neurotransmitter release time of 𝑡rel = 25 𝜇s [163] and
a diffusion constant for glutamate in the synaptic cleft of
𝐷Glu = 0.33 𝜇m

2/ms [164], the average diffusion length (ℓ
𝑐
) of

a glutamatemolecule from the release site can be estimated by
the Einstein-Smoluchowski relationship [152] whereby ℓ

𝑐
=

√(2 ⋅ 𝐷Glu ⋅ 𝑡rel) = √(2 ⋅ 0.33 𝜇m
2/ms ⋅ 0.025ms) ≈ 0.129 𝜇m.

Thus, the associated mixing volume Λ
𝑐
, namely, the effective

diffusion volume which the released glutamate has rapid
access to, can be estimated by the volume of the disk of radius
ℓ
𝑐
and thickness ℎ

𝑐
equal to the average width of the synaptic

cleft [165]. Considering ℎ
𝑐
= 20 nm [152], it is Λ

𝑐
= 𝜋ℓ2

𝑐
ℎ
𝑐
=

𝜋⋅(0.129 𝜇m)2(0.020 𝜇m) ≈ 8.89⋅10−18 dm3 which falls in the
experimental range of volumes of nonsynaptic interfaces at
hippocampal synapses elsewhere reported [166]. Considering
vesicular release from at least 3 independent sites [167], it fol-
lows that the ratio between vesicle volume andmixing volume
is 

𝑐
= Λ

𝑆
/Λ

𝑐
= (3)(14.1 ⋅ 10−21 dm3)/(8.89 ⋅ 10−18 dm3)

≈ 0.005, so that the contribution to the concentration of
glutamate in the extracellular space following a release event
is𝑌rel = 𝑐 ⋅𝑈0

⋅𝑌
𝑇
. Hence, for a sample value of𝑈

0
= 0.5 [153]

with a choice of 𝑌
𝑇
= 500mM, for example, the latter equals

𝑌rel = (0.005)(0.5)(500mM) ≈ 1.25mM.
Such released glutamate is then rapidly cleared from

the extracellular space by combined action of diffusion and
uptake by transporters [168]. As a result the time course of
glutamate in the synaptic cleft is short, with an estimated
decay constant within ∼2–10ms [57, 169]. However, slower
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clearance times could also be possible since resting glutamate
concentrations in the extracellular space surrounding acti-
vated synapses are recovered only ∼100ms after the stimulus
[170, 171]. Based on these considerations, we consider an
intermediate value of glutamate clearance time of 𝜏

𝑐
= 25ms.

B.2. Astrocyte Parameters. Astrocyte parameters reported
in Appendix C were estimated on extensive numerical
explorations of the astrocyte model aimed at reproducing
experimental whole-cell Ca2+ elevations with rise and decay
time constants, respectively, in the ranges of 3–20 s and 3–
25 s and with full-width half-maximum (FWHM) values
within 5–160 s [172–174]. In doing so, we considered a ratio
between ER and cytoplasmic volumes (

𝐴
) of 0.18 in line

with the experimental observation that the probability of ER
localization in the cytoplasmic space at astrocytic somata
is within ∼20–70% [175]. Moreover, the cell’s total Ca2+
concentration (measured with respect to the cytoplasmic
volume) was fixed at 𝐶

𝑇
= 2 𝜇M, while Ca2+ affinity of sarco-

ER pumps (SERCAs) was taken equal to 0.05 𝜇M [176, 177],
assuring peak Ca2+ concentrations < 5 𝜇M in agreement with
experiments [178, 179].

Activation rate and unbinding time constants 𝑂
𝐴
, 𝜏

𝐴

of astrocytic receptors may be estimated by rise times of
agonist-triggered Ca2+ signals. With this regard, application
of 50𝜇M of DHPG, a potent agonist of group I subtype 5
mGluRs, the main type of mGluRs expressed by astrocytes
[180], triggered submembrane Ca2+ signals characterized by
a rise time 𝜏

𝑟
= 0.272 ± 0.095 s. Because mGluR5 affinity

(𝐾
0.5
) for DHPG is ∼2𝜇M [181], which is much smaller

than the applied agonist concentration, receptor saturation
may be assumed in those experiments so that the receptor
activation rate by DHPG (𝑂DHPG) can be expressed as a
function of 𝜏

𝑟
[165] whereby 𝑂DHPG ≈ 𝜏𝑟(50 𝜇M)

−1 = 0.055–
0.113 𝜇M−1 s−1 and, accordingly, ΩDHPG = 1/𝑂DHPG𝐾0.5

≈
4–10 s. Corresponding rate constants for glutamate may then
be estimated by the latter, assuming similar kinetics yet with
𝐾
0.5

= 𝐾
𝐴
= 1/𝑂

𝐴
𝜏
𝐴
≈ 3–10 𝜇M [182], that is, 1.5–5-fold

larger than𝐾
0.5

for DHPG.Moreover, since rise times of Ca2+
signals triggered by nonsaturating physiological stimuli are
somehow faster than in the case of DHPG [10], it may be
assumed that 𝑂

𝑁
> 𝑂DHPG. With this regard, for a choice

of 𝑂
𝐴
≈ 3𝑂DHPG = 0.3 𝜇M−1 s−1, with 𝐾

𝐴
= 6 𝜇M such

that 𝜏
𝐴
= 1/(0.3 𝜇M−1s−1)/(6 𝜇M) = 0.55 s, a peak synaptic

glutamate concentration of 𝑌rel = 1200 𝜇M, with 𝜏
𝑐
= 25ms,

results in a maximum average fraction of bound receptors of
∼0.75–0.9 that occurs within ∼70ms from synaptic release, in
good agreement with experimentally reported rise times.

B.3. Gliotransmission. Exocytosis of glutamate from astro-
cytes is reported to occur by Ca2+ concentrations increasing
beyond a threshold value 𝐶

𝜃
≈ 0.15–0.8 𝜇M. In this study

we specifically consider 𝐶
𝜃
= 0.5 𝜇M. Glutamate-containing

vesicles found in astrocytic processes have regular (spherical)
shape with typical diameters (𝑑

𝐴
) within ∼20–110 nm [63,

183]. The corresponding vesicular volume Λ
𝐴
then is within

∼2–700⋅10−21 dm3. Vesicular glutamate content is approxi-
mately the same, or at least as low as one-third of synaptic
vesicles in adjacent nerve terminals [8, 161, 184]. Thus,
considering a range of synaptic vesicular glutamate content
within ∼60–150mM [162], astrocytic vesicular glutamate
concentration (𝐺V) is likely within ∼20–150mM [161].

The majority of glutamate vesicles in astrocytic processes
clusters in close proximity (i.e.,<100 nm) to the plasmamem-
brane, but about half of them are found within a distance of
40–60 nm from the ventral side of the membrane, suggesting
existence of “docked” vesicles in astrocytic processes akin to
synaptic terminals [8, 161]. Borrowing the synaptic rationale
whereby docked vesicles approximately correspond to readily
releasable ones [152], then the average number of astrocytic
glutamate vesicles available for release (𝑛

𝐴
) could be within

∼1–6 [8]. Hence, the total vesicular glutamate releasable by an
astrocytemay be estimatedwithin𝐺

𝑇
= 𝑛

𝐴
𝐺
𝐴
= 20–900mM.

Astrocytic vesicle recycling (𝜏
𝐺
) likely depends on the

mode of exocytosis. Both full-fusion of vesicles and kiss-
and-run events have been observed in astrocytic processes
[63] with the latter seemingly occurring more often [63, 185].
The fastest recycling pathway corresponds to kiss-and-run
fusion, where the rate is mainly limited by vesicle fusion
with plasma membrane and subsequent pore opening [186].
Indeed, reported pore-opening times in this case can be
as short as 2.0 ± 0.3ms [185]. The actual recycling time
however could be considerably longer if we take into account
that, even for fast release events confined within 100 nm
from the astrocyte plasma membrane, vesicle reacidification
could last ∼1.5 s [187].

Considering a value for the diffusion constant of
glutamate in the extracellular space of 𝐷Glu = 0.2 𝜇m2/ms
[164] and a vesicle release time 𝑡rel ≈ 1ms [185],
the average diffusion distance travelled by astrocytic
glutamate molecules into the extracellular space is [152]
ℓ
𝑒
= √(2 ⋅ 0.2 𝜇m2/ms ⋅ 1ms) ≈ 0.63 𝜇m. Then, assuming

that the mixing volume of released glutamate Λ
𝑒
in the

extracellular space coincides with one-tenth (i.e., 0.1)
of the ideal diffusion volume in free space [188], it is
Λ

𝑒
= (0.1)4𝜋ℓ3

𝑒
/3 ≈ 10−16 dm3. Accordingly,

considering an average vesicular diameter 𝑑
𝐴

= 50 nm,
so that Λ

𝐴
≈ 65 ⋅ 10−21 dm3, the ratio 

𝑒
between

vesicular and mixing volumes for astrocytic glutamate
diffusion can be estimated to be of the order of

𝑒
= Λ

𝐴
/Λ

𝑒
= (65 ⋅ 10−21 dm3)/10−16 dm3 ≈ 6.5 ⋅ 10−4. For

an astrocytic pool of releasable glutamate of 𝐺
𝑇
= 200mM

and a release probability 𝑈
𝐴

= 0.6, it follows that the
extracellular peak glutamate concentration after exocytosis
is �̂�

𝐴
= (6.5 ⋅ 10−4)(0.6)(200mM) ≈ 78 𝜇M, in agreement

with experimental measurements [189]. Finally, imaging of
extrasynaptic glutamate dynamics in hippocampal slices
hints that glutamate clearance is fast and mainly carried out
within <300ms of exocytosis [171]. Therefore, we consider a
characteristic clearance time constant for glutamate in the
periastrocytic space of 𝜏

𝑒
= 200ms.

B.4. Presynaptic Receptors. We set the activation rate and
inactivation time constants of presynaptic receptors, that is,
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𝑂
𝑃
and 𝜏

𝑃
, to reproduce the experimentally reported rapid

onset of the modulatory effect on synaptic release exerted by
those receptors, namely, within 1–5 s from glutamate exocy-
tosis by the astrocyte and the slow decay of this modulation,
which is of the order of tens of seconds at least [7, 8]. In
particular, inhibition of synaptic release following activation
of presynaptic mGluRs by astrocytic glutamate could last
from tens of seconds [71] to ∼2–3min [13]. Similarly, group I
mGluR-mediated enhancement of synaptic release following
a single Ca2+ elevation in an astrocyte process may last as
long as ∼30–60 s [2, 7]. Values within ∼1-2min however have
also been reported in the case of an involvement of NMDARs
[8, 190]. No specific assumption is made on the possible
ensuing peak of receptor activation by a single glutamate
release by the astrocyte.

B.5. Postsynaptic Neuron. The membrane time constant of
pyramidal neurons is typically within 20–70ms [191, 192] in
correspondence with a membrane potential at rest in the
range of −66.5±11.7mV [147, 148, 192–196]. Firing threshold
(V
𝜃
) values are on average around −53 ± 2mV [195, 197, 198],

resulting in after-spike reset potentials (V
𝑟
) that are 2-3mV

below the firing threshold [192, 195, 199]. The peak of action
potentials is artificially set in simulations to V

𝑝
= 30mV

[193, 197], whereas the refractory period for neuronal action
potential generation is fixed at 𝜏

𝑟
= 2ms [93, 195, 197].

B.6. Postsynaptic Currents. AMPA receptor-mediated EPSCs
recorded at central synapses are characterized by small rise
time constants (𝜏𝑟

𝑁
), namely, within 0.2–0.6ms [147–149,

196], and decay time constants (𝜏
𝑁
) in the range of 2.7–

11.6ms [149, 191, 196, 200]. Furthermore, whole-cell record-
ings of EPSCs for quantal-like glutamatergic stimulation
report amplitudes for these currents generally within ∼
15.5–30 pA [191, 196], and similarly, corresponding somatic
depolarizations (EPSPs) are in a wide range of values com-
prised within ∼0.5–7.2mV, consistent with large quantal size
variability of glutamate release from presynaptic terminals
[201]. Accordingly, in the simulations of Figure 5 we set 𝜏𝑟

𝑁
=

0.5ms and 𝜏
𝑁
= 10ms and take the two scaling factors �̂�

𝑆
, �̂�

𝑆

in (A.16) such that [202]

�̂�
𝑆
=

𝐽
𝑆


𝑐
𝑌
𝑇
𝜏
𝑁

,

�̂�
𝑆
=

𝐼
𝑆
((1/𝜏N) − (1/𝜏

𝑟

𝑁
))

(𝜏𝑟
𝑁
/𝜏

𝑁
)
(𝜏
𝑁
/(𝜏
𝑁
−𝜏
𝑟

𝑁
))

− (𝜏𝑟
𝑁
/𝜏

𝑁
)
(𝜏
𝑟

𝑁
/(𝜏
𝑁
−𝜏
𝑟

𝑁
))
.

(B.1)

In this fashion, with 3/4 of released neurotransmitter reach-
ing postsynaptic receptors (i.e., 𝜁 = 0.75), setting 𝐽

𝑆
= 4.27

results in EPSP amplitudes approximately equal to 𝐼
𝑆
. In order

to convert PSCs and SICs from voltage to current units, we
divide them by typical neuronal input resistance (𝑅in) values
which are generally reported in the range of ∼60–150MΩ
[192, 193, 196].

B.7. Slow Inward Currents. Astrocyte-mediated SICs are doc-
umented in a wide range of amplitudes that spans from
>10 pA [11, 21, 22, 26, 32] to >200 pA [21, 25, 85, 87], although
their majority is mostly found within 30–80 pA in physiolog-
ical conditions [21, 26]. SICs kinetics also likely vary depend-
ing on subunit composition of SIC-mediating NMDA recep-
tors [203]. In general, assuming NR2B-containing NMDARs
as themain receptor typemediating SICs [77], mean SICs rise
and decay times are, respectively, reported in ∼30–90ms and
∼100–800 [20, 21]. Accordingly, in the simulations of Figure 5
we set 𝜏𝑟

𝑆
= 30ms and 𝜏

𝑁
= 600ms and take the two scaling

factors �̂�
𝑆
, �̂�

𝑆
in (A.12) such that

�̂�
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=

𝐽
𝐴
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,
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))
.

(B.2)

In this fashion, we ultimately choose the value of 𝐽
𝑆
to account

for SIC-mediated depolarizations approximately equal to 𝐼
𝐴
.

As SIC amplitudes are generally reported in terms of current
rather than voltage units, we estimate somatic depolarizations
ensuing from SICs by expressing these latter in terms of
typical EPSCs. Thus, for example, or individual EPSCs of
30 pA that generate 2mV EPSPs, realistic SICs could be
regarded on average to be ∼1–5-fold these EPSCs and thus
contribute to a similar extent to 1–5 times typical EPSPs, that
is, ∼2–10mV.

B.8. Spike-Timing-Dependent Plasticity. We consider the set
of parameters for the nonlinear Ca2+ model by Graupner and
Brunel [102, Figure S6] originally proposed by these authors
to qualitatively reproduce the classic STDP curve [123].
In addition, SIC-mediated postsynaptic Ca2+ transients are
assumed similar to presynaptically triggered Ca2+ transients
but with likely longer rise and decay times. Finally, both
presynaptically mediated and SIC-mediated Ca2+ transients
are rescaled by equations analogous to (B.1) and (B.2) in order
to obtain transient peak amplitudes equal to 𝐶pre and 𝐶sic,
respectively.

C. Parameter Ranges and Values

Values of model parameters used in our simulations are
summarized in Table 1. Blank table entries are for those
parameters whose value was either taken from previously
published studies [102, 136, 141] or estimated on the basis
of other model parameters (see Appendix B). Simulation
specific (s.s.) parameter values are instead specified within
figure captions.
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Table 1

Symbol Description Range Value Units
Synaptic dynamics

𝜏
𝑑

Depression time constant >0.01–2 s.s. s
𝜏
𝑓

Facilitation time constant >0.5–2 s.s. s
𝑈
0

Resting synaptic release probability <0.09–0.9 s.s. —
Neurotransmitter release and time course

𝑌
𝑇

Total vesicular glutamate concentration 300–1000 500 mM

𝑐

Vesicular versus mixing volume ratio 0.005 —
𝜏
𝑐

Glutamate clearance time constant 2–100 25 ms
𝜁 Efficacy of synaptic transmission 0-1 0.75 —

Astrocyte GPCR kinetics
𝑂
𝐴

Agonist binding rate 0.3 𝜇M−1s−1

𝜏
𝐴

Agonist unbinding time 0.55 s
IP

3
R kinetics

𝑂
2

Inact. Ca2+ binding rate (with Ca2+ act.) 0.04–0.18 0.2 𝜇M−1s−1

𝑑
1

IP
3
binding affinity 0.1–0.15 0.13 𝜇M

𝑑
2

Inact. Ca2+ binding affinity (Ca2+ act.) 1.05 𝜇M
𝑑
3

IP
3
binding affinity (Ca2+ inact.) 0.9434 𝜇M

𝑑
5

Act. Ca2+ binding affinity 0.08 𝜇M
Calcium fluxes


𝐴

ER-to-cytoplasm volume ratio 0.4–0.7 0.18 —
𝐶
𝑇

Total ER Ca2+ content 3–5 2 𝜇M
Ω
𝐿

Max. Ca2+ leak rate 0.05–0.1 0.1 s−1

Ω
𝐶

Max. Ca2+ release rate by IP
3
Rs >6 6 s−1

𝐾
𝑃

Ca2+ affinity of SERCA pumps 0.05–0.1 0.05 𝜇M
𝑂
𝑃

Max. Ca2+ uptake rate 0.4–1.3 0.9 𝜇Ms−1

IP
3
production

𝑂
𝛽

Max. rate of IP
3
production by PLC𝛽 0.05–2 1 𝜇Ms−1

𝐾
𝛿

Ca2+ affinity of PLC𝛿 0.1–1 0.5 𝜇M
𝜅
𝛿

Inhibiting IP
3
affinity of PLC𝛿 1–1.5 1 𝜇M

𝑂
𝛿

Max. rate of IP
3
production by PLC𝛿 <0.8 0.05 𝜇Ms−1

IP
3
degradation

Ω
5P Max. rate of IP

3
degradation by IP-5P >0.05–0.25 0.1 s−1

𝐾
𝐷

Ca2+ affinity of IP
3
-3K 0.4–0.5 0.5 𝜇M

𝐾
3K IP

3
affinity of IP

3
-3K 0.7–1 1 𝜇M

𝑂
3K Max. rate of IP

3
degradation by IP

3
-3K >0.6 4.5 𝜇Ms−1

Gliotransmitter release and time course
𝐶
𝜃

Ca2+ threshold for exocytosis 0.15–0.8 0.5 𝜇M
𝜏
𝐺

Glutamate recycling time constant 0.003–1.5 1.66 s
𝑈
𝐴

Resting glutamate release probability <0.9 0.6 —

𝑒

Vesicular versus mixing volume ratio 6.5 ⋅ 10−4 —
𝜏
𝑒

Glutamate clearance time constant ≤300 200 ms
Presynaptic receptors

𝑂
𝑃

Activation rate >0.3 1.5 𝜇M−1s−1

𝜏
𝑃

Inactivation time constant >30–180 120 s
𝜉 Gliotransmission type 0-1 s.s. —

Postsynaptic neuron
𝜏
𝑚

Membrane time constant 20–70 40 ms
𝜏
𝑟

Refractory period 1–5 2 ms
𝐸
𝐿

Resting potential −78.2–−54.8 −60 mV
V
𝜃

Firing threshold −55–−51 −55 mV
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Table 1: Continued.

Symbol Description Range Value Units
V
𝑟

Reset potential −58–−53 −57 mV
V
𝑝

Peak AP amplitude 29.8–41.2 30 mV
𝑅in Input resistance 60–150 s.s. MΩ

Postsynaptic currents
𝜏𝑟
𝑁

EPSC rise time 0.4–0.6 0.5 ms
𝜏
𝑁

EPSC decay time 2.7–11.6 10 ms
𝐽
𝑆

Synaptic efficacy 4.3 —
𝐼
𝑆

EPSP amplitude 0.5–7.5 2 mV
Slow inward currents

𝜏𝑟
𝑆

SIC rise time 20–70 20 ms
𝜏
𝑆

SIC decay time 100–800 600 ms
𝐽
𝐴

SIC efficacy 68 —
𝐼
𝐴

SIC amplitude 1–10 4.5 mV
Spike-timing-dependent plasticity

𝐶pre NMDAR-mediated Ca2+ increase per AP 1.0 —
𝜏𝑟pre NMDAR Ca2+ rise time 10 ms
𝜏pre NMDAR Ca2+ decay time 30 ms
𝑊

𝑁
Synaptic weight 39.7 —

𝐶post VDCC-mediated Ca2+ increase per AP 2.5 —
𝜏𝑟post VDCC Ca2+ rise time 2 ms
𝜏post VDCC Ca2+ decay time 12 ms
𝐶sic SIC-mediated Ca2+ increase per AP 1.0 —
𝜏𝑟sic SIC Ca2+ rise time 5 ms
𝜏sic SIC Ca2+ decay time 100 ms
𝑊

𝐴
SIC weight 10.6 —

𝜂 Amplification of NMDAR-mediated Ca2+ 4 —
𝜃
𝑑

LTD threshold 1.0 —
𝜃
𝑝

LTP threshold 2.2 —
𝛾
𝑑

LTD learning rate 0.57 s−1

𝛾
𝑝

LTP learning rate 2.32 s−1

𝜌
⋆

Boundary between UP/DOWN states 0.5 —
𝜏
𝜌

Decay time of synaptic change 1.5 s
𝜎 Noise amplitude 0.1 —
𝛽 Fraction of synapses in the DOWN state 0.5 —
𝑏 UP/DOWN Synaptic strength ratio 4 —

Abbreviations

AMPAR: 𝛼-Amino-3-hydroxy-5-methyl-4-
isoxazolepropionic acid
receptor

AP: Action potential
bAP: Back-propagating action potential
ER: Endoplasmic reticulum
GPCR: G protein-coupled receptor
LTD: Long-term depression
LTP: Long-term potentiation
mGluR: Metabotropic glutamate receptor
NMDA(R): N-Methyl-d-aspartate (receptors)
PAR1: Protease-activated receptor 1
PPR: Pair pulse ratio
(E)PSC: (Excitatory) postsynaptic current

(E)PSP: (Excitatory) postsynaptic potential
SIC: Slow inward current
SERCA: Sarco/endoplasmic reticulum Ca2+/ATPase
STDP: Spike-timing-dependent plasticity
VDCC: Voltage-dependent calcium channel.
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[29] M. De Pittà, V. Volman, H. Berry, V. Parpura, A. Volterra, and
E. Ben-Jacob, “Computational quest for understanding the role
of astrocyte signaling in synaptic transmission and plasticity,”
Frontiers in Computational Neuroscience, vol. 6, article 98, 2012.

[30] T.Mizuno, I. Kanazawa, andM. Sakurai, “Differential induction
of LTP and LTD is not determined solely by instantaneous
calcium concentration: an essential involvement of a temporal
factor,” European Journal of Neuroscience, vol. 14, no. 4, pp. 701–
708, 2001.

[31] T. Nevian and B. Sakmann, “Spine Ca2+ signaling in spike-
timing-dependent plasticity,” The Journal of Neuroscience, vol.
26, no. 43, pp. 11001–11013, 2006.

[32] N. Chen, H. Sugihara, J. Sharma et al., “Nucleus basalis-enabled
stimulus-specific plasticity in the visual cortex is mediated by



26 Neural Plasticity

astrocytes,” Proceedings of the National Academy of Sciences of
the United States of America, vol. 109, no. 41, pp. E2832–E2841,
2012.
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[42] V. Parpura, V. Grubišic, and A. Verkhratsky, “Ca2+ sources for
the exocytotic release of glutamate from astrocytes,” Biochimica
et Biophysica Acta—Molecular Cell Research, vol. 1813, no. 5, pp.
984–991, 2011.

[43] N. B. Hamilton and D. Attwell, “Do astrocytes really exocytose
neurotransmitters?” Nature Reviews Neuroscience, vol. 11, no. 4,
pp. 227–238, 2010.

[44] G. Perea, M. Navarrete, and A. Araque, “Tripartite synapses:
astrocytes process and control synaptic information,” Trends in
Neurosciences, vol. 32, no. 8, pp. 421–431, 2009.

[45] G. Losi, L. Mariotti, and G. Carmignoto, “GABAergic interneu-
ron to astrocyte signalling: a neglected form of cell communica-
tion in the brain,” Philosophical Transactions of the Royal Society
B: Biological Sciences, vol. 369, no. 1654, Article ID 20130609,
2014.

[46] A. Nimmerjahn, “Astrocytes going live: advances and chal-
lenges,”The Journal of Physiology, vol. 587, no. 8, pp. 1639–1647,
2009.

[47] A. Volterra, N. Liaudet, and I. Savtchouk, “Astrocyte Ca2+
signalling: an unexpected complexity,” Nature Reviews Neuro-
science, vol. 15, no. 5, pp. 327–335, 2014.

[48] N. Bazargani and D. Attwell, “Astrocyte calcium signaling: the
thirdwave,”NatureNeuroscience, vol. 19, no. 2, pp. 182–189, 2016.

[49] P. G.Haydon, “Glia: listening and talking to the synapse,”Nature
Reviews Neuroscience, vol. 2, no. 3, pp. 185–193, 2001.

[50] M. A. Di Castro, J. Chuquet, N. Liaudet et al., “Local Ca2+
detection and modulation of synaptic release by astrocytes,”
Nature Neuroscience, vol. 14, no. 10, pp. 1276–1284, 2011.

[51] M. V. Tsodyks and H. Markram, “The neural code between
neocortical pyramidal neurons depends on neurotransmitter
release probability,” Proceedings of the National Academy of
Sciences of the United States of America, vol. 94, no. 2, pp. 719–
723, 1997.

[52] R. S. Zucker andW. G. Regehr, “Short-term synaptic plasticity,”
Annual Review of Physiology, vol. 64, pp. 355–405, 2002.

[53] J. Del Castillo and B. Katz, “Quantal components of the end-
plate potential,” The Journal of Physiology, vol. 124, no. 3, pp.
560–573, 1954.
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[149] B. K. Andrásfalvy and J. C. Magee, “Distance-dependent
increase in AMPA receptor number in the dendrites of adult
hippocampal CA1 pyramidal neurons,” The Journal of Neuro-
science, vol. 21, no. 23, pp. 9151–9159, 2001.

[150] M. Stimberg, D. F. M. Goodman, V. Benichoux, and R. Brette,
“Equation-oriented specification of neural models for simula-
tions,” Frontiers in Neuroinformatics, vol. 8, article 6, 2014.

[151] Python Software Foundation, Python Language Reference, Ver-
sion 2.7, Python Software Foundation, 2015.

[152] T. Schikorski and C. F. Stevens, “Quantitative ultrastructural
analysis of hippocampal excitatory synapses,” The Journal of
Neuroscience, vol. 17, no. 15, pp. 5858–5867, 1997.

[153] C. F. Stevens and Y.Wang, “Facilitation and depression at single
central synapses,” Neuron, vol. 14, no. 4, pp. 795–802, 1995.

[154] H.Markram, D. Pikus, A. Gupta, andM. Tsodyks, “Potential for
multiple mechanisms, phenomena and algorithms for synaptic
plasticity at single synapses,” Neuropharmacology, vol. 37, no. 4-
5, pp. 489–500, 1998.

[155] V. N. Murthy, T. J. Sejnowski, and C. F. Stevens, “Heteroge-
neous release properties of visualized individual hippocampal
synapses,” Neuron, vol. 18, no. 4, pp. 599–612, 1997.

[156] W. G. Regehr, K. R. Delaney, and D. W. Tank, “The role
of presynaptic calcium in short-term enhancement at the

hippocampal mossy fiber synapse,” Journal of Neuroscience, vol.
14, no. 2, pp. 523–537, 1994.

[157] N. J. Emptage, C. A. Reid, and A. Fine, “Calcium stores in hip-
pocampal synaptic boutonsmediate short-termplasticity, store-
operated Ca2+ entry, and spontaneous transmitter release,”
Neuron, vol. 29, no. 1, pp. 197–208, 2001.

[158] J. L. Pyle, E. T. Kavalali, E. S. Piedras-Renteŕıa, and R. W. Tsien,
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Although synaptic plasticity in neural circuits is orchestrated by an ocean of genes, molecules, and proteins, the underlying
mechanisms remain poorly understood. Recently, it is well acknowledged that miRNA exerts widespread regulation over the
translation and degradation of target gene in nervous system. Increasing evidence suggests that quite a few specific miRNAs play
important roles in various respects of synaptic plasticity including synaptogenesis, synaptic morphology alteration, and synaptic
function modification. More importantly, the miRNA-mediated regulation of synaptic plasticity is not only responsible for synapse
development and function but also involved in the pathophysiology of plasticity-related diseases. A review is made here on the
function of miRNAs in governing synaptic plasticity, emphasizing the emerging regulatory role of individual miRNAs in synaptic
morphological and functional plasticity, as well as their implications in neurological disorders. Understanding of the way in which
miRNAs contribute to synaptic plasticity provides rational clues in establishing the novel therapeutic strategy for plasticity-related
diseases.

1. Introduction

Synaptic plasticity, as a specific form of neural plasticity, not
only plays an important role in maintaining neural physio-
logical function but also contributes to many nervous system
diseases including neurotrauma, neurodegenerative disease,
and mental disorder [1, 2]. Actually, synapse structural plas-
ticity and functional plasticity are collectively referred to as
the term of synaptic plasticity.The structural plasticity covers
the changes of synaptic morphology and number in adapting
to activity-induced neural network variation, including den-
dritic spinemodification, axonal sprouting, and new synaptic
formation [3]. The functional plasticity encompasses the
alterations of synaptic transmission and efficacy in response
to neural activity, such as long-term potentiation (LTP), long-
term depression (LTD), and homeostatic plasticity [3, 4]. In
recent studies, it has been shown that numerous molecules
and genes are involved in the complex regulatory process of
synaptic plasticity, through which the function of nervous
system is coordinated and maintained.

MicroRNA (miRNA), an extensive class of evolution-
arily conserved noncoding RNA, contains approximate 22
nucleotides and is involved in post-transcriptional mod-
ulation of gene expression. They function collectively to

direct mRNA translational inhibition and degradation and
to coordinate many physiological and pathophysiological
signaling pathways [5]. More than half of those detectable
miRNAs are abundant in mammalian nervous system, and
accumulating evidence points to awidespread involvement of
miRNA in neural development and function [6–8]. Notably,
individual miRNAs are particularly enriched in presynaptic
and postsynaptic compartments, where they serve to regulate
synaptic plasticity and activity by coordinating the intricate
genetic circuitries [9, 10]. In this review, we aim to analyze
the current data regarding the function of individualmiRNAs
in synaptic plasticity and, in particular, to understand their
regulatory role in synapse morphological and functional
plasticity, as well as their implications in plasticity-related
neurological diseases.

2. Overview of miRNA Biogenesis and Action

The general biogenesis and diverse functions of miRNA
are increasingly becoming clear (Figure 1). There is a series
of precise and consecutive processing steps in Drosha-
dependent pathways of miRNA biogenesis. Initially, the
transcription of primary miRNA (pri-miRNA) is mediated
by RNA polymerase II in nucleus. Secondly, in the RNase
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Figure 1: Biogenesis and action of miRNA.

III-family endonuclease Drosha/DiGeorge syndrome critical
region 8 (DGCR8) dependent pathway, the pri-miRNA is
cleaved into characteristic precursor miRNA (pre-miRNA),
which has a hairpin-like long stem-loop structure containing
about 70 nucleotides [11]. Next, pre-miRNA is exported from
nucleus into cytoplasm via Exportin5/RanGTP machinery.
Then, a second round of processing is mediated by the
enzyme Dicer, which cleaves the pre-miRNA into a miRNA
duplex of 22 nucleotides in cytoplasm; after that, the duplex
is unwound by a helicase. One strand of the duplex interacts
with its partner proteins such as argonaute family proteins
(AGO2 in Drosophila and eIF2C in human) before they are
processed into the RNA-induced silencing complex (RISC)
[12]. Afterwards, the RISC complex incorporates withmature
miRNA to form dissymmetric ribonucleoproteins complex,
which will bind to target mRNA in 3 untranslated region
(UTR) through the complementary sequence including 6
to 8 nucleotides and thereby act on mRNA degradation or
translational repression [7, 13]. In addition, miRNA is able to
prevent circularization and inhibit translational initialing of
m7G-capped mRNAs by targeting its 5 cap region [14, 15].

However, besides the canonicalmechanism for biogenesis
of most miRNAs, alternative Drosha-independent pathways

are involved in the synthesis and maturation of some specific
miRNA populations [16–18]. One of the widely studied
pathways is splicing-mediated pathway in the biogenesis of
introns-derived miRNA (known as “miRtron”), which is
originally identified inDrosophila andCaenorhabditis elegans
[17, 18]. Following encoding in the introns of protein coding
genes, miRtron is spliced and debranched, respectively, by
spliceosome and lariat debranching enzyme, after which it is
endowed with the features resembling those of pre-miRNA
and turns into the main stream miRNA biogenesis pathway
to produce functional miRNA in vivo [18, 19]. miRtrons
are not only identified in invertebrate but also recognized
recently in mammal such as mouse and human [17, 20, 21].
Interestingly, Havens et al. reported that two presumable
human miRtrons did not rely on the splicing-mediated
pathway and thereby termed them as splicing-independent
miRtrons (simtrons), but the maturation of the two simtrons
was inhibited by dominant negative form of Drosha in
canonical pathway in vitro [17]. Hence, it can be inferred
that the underlying cross talk among different pathways may
exist and collectively act on the biogenesis of these distinct
miRNAs in vivo; further exploration is required to elucidate
it.
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Both canonical and noncanonical pathways of miRNA
biogenesis lay foundation for uncovering the interactions
between miRNAs and synaptic plasticity. Although the
notion that involvement of miRNAs in synaptic plasticity is
quite recently coming up, the multiple role and mechanism
have been investigated by extensive studies. Most recently,
growing investigations have shed light on the sophisticated
roles of specific miRNAs in modification of plasticity-related
proteins within postsynaptic density, which benefits us to
understand the influencing factors and underlying mecha-
nism of synaptic plasticity [9, 22]. Based on the previous
studies, it is possible that individual miRNAs are versatile
processors in governing synapse morphological and func-
tional plasticity, as stated below.

3. Regulation of miRNA-132 in
Synaptic Plasticity

3.1. miRNA-132 and cAMP-Response Element Binding Protein
(CREB). miRNA-132 is the most studied plasticity-related
miRNA with diverse functions in the processing of synapse
plasticity. The CREB induced miRNA-132 is capable of regu-
lating neuronal morphogenesis and synaptic protein synthe-
sis in response to neurotrophin in vitro [23, 24]. The fact that
activation of neural networks in olfactory bulb, hippocampus,
and striatum induced a rapid and significant rise of CREB-
regulatedmiRNA-132 in vivowas reported for the first time by
Nudelman et al. in 2010 [25]. Accordingly, both in vitro and in
vivo determinations implicate that miRNA-132 is an activity-
dependent miRNA and thereby contributes to experience-
induced synapse proteomic expression that is regarded
as necessary for synaptic plasticity [23–25]. Similarly, the
findings are further confirmed and extended by detection
of miRNA-132/phosphorylated-CREB (p-CREB) signaling
chain in animals and patients with temporal lobe epilepsy
(TLE). Compared with sham, the levels of p-CREB and
miRNA-132 in epilepsy were significantly upregulated at 24 h
after seizure that was characterized with excitatory synaptic
activity, new synaptic connections, and LTP in hippocampus
[26]. Correspondingly, microRNA-132 silencing inhibits the
mossy fiber sprouting (MFS) and dendritic morphology in
hippocampal CA3 region, which results in suppression of
spontaneous recurrent seizures [27]. Therefore, it is possible
that miRNA-132 plays a pathogenic role in epilepsy by
processing the synapse activity-dependent plasticity, and
intervention of the plasticity will be a novel therapeutic target
for epilepsy. In addition, the CREB-regulated miRNA-132
also serves as a dynamic activity-dependent processor of
cognition capacity; the level of miRNA-132 in vivo is fine-
tuned within a suitable range to improve synaptic plasticity
for learning and memory [28, 29].

3.2. miRNA-132 and Brain-Derived Neurotrophic Factor
(BDNF). It is extensively characterized that BDNF, a crit-
ical member of the neurotrophin family, exerts multiple
effects on synapse via activation of various intracellu-
lar signaling pathways such as phosphoinositide-3-kinase
(PI3K), phospholipase C-𝛾 (PLC-𝛾), mitogen-activated pro-
tein kinase/extracellular signal regulated protein kinase

(MAPK/ERK), and CREB [24, 30–33]. However, the presum-
able involvement of miRNAs in BDNF-regulated synaptic
function is less well revealed.The interplay between miRNA-
132 and BDNF is a focus of recent interests. miRNA-132 is
upregulated dose-dependently by BDNF to promote synaptic
formation and plasticity [24, 30]. Kawashima and associates
demonstrate that BDNF affects miRNA-132 level through
MAPK/ERK1/2 pathway to influence synthesis of postsynap-
tic protein. Glucocorticoid exposure also results in a decrease
in BDNF-induced synaptic function via inhibiting expression
of miRNA-132 [30]. Furthermore, CREB is available for pos-
itive modulation of memory performance and consolidation
by regulating the expression of BDNF [23]. In addition,
new insight into miRNA-132 action has been verified in the
development of retinal ganglion cell (RGC) axon. In this
study, BDNF treatment gives rise to significant upregulation
of miRNA-132 in RGC, which results in promotion of axon
sprouting and growth [34].

3.3. miRNA-132 and p250 GTPase Activating Protein
(p250GAP). As a downstream target of miRNA-132,
p250GAP knockdown not only enhances hippocampal
activity-dependent neuronal morphogenesis and the fre-
quency of miniature excitatory postsynaptic currents
(mEPSCs) but also promotes dendritic spine formation
and the prevalence of glutamate receptor 1 (GluR1) positive
spines. Yet upregulation of p250GAP by inhibiting the
expression of miRNA-132 can give rise to a converse effect
[35, 36]. Moreover, p250GAP is responsible for the activation
of Rac1/Pak cascade, which has been identified as another
downstream of miRNA-132 and specifically contributes to
dendritic spine formation [36]. Shaltiel et al. provided further
evidences that extended miRNA-132 to inhibit the level of
hippocampal acetylcholinesterase (AChE), which played
an important role in stressful experience-induced neurite
extension and cognitive function [37]. In another example,
cultured hippocampal HT22 cells suffering from ionizing
radiation enabled a reduction of miRNA-132 and Rac1
in miRNA-132/p250GAP/Rac1/Cofilin signaling pathway,
which was closely related to synaptic actin-remodeling
and spine morphological alterations that enabled correct
processing of learning and memory. In line with the in vitro
result, the in vivo detection further confirmed the effect
of miRNA-132 on irradiated mice brain [38]. Intriguingly,
the powerful regulator of energy homeostasis, leptin, can
act in hippocampus to promote the formation of stable
dendritic spines and functional synapses by inducing
CREB transcription and increasing miRNA-132-mediated
suppression of p250GAP activity, which eventually improve
cognitive function and attenuate depression or anxiety
[39]. Additionally, in the neurotoxicity of polychlorinated
biphenyls (PCB95), the sensitized ryanodine receptors
(RyR) can upregulate miRNA-132 expression via CREB-
dependent mechanism and subsequently inhibit the
translation of p250GAP, resulting in abnormal enhancement
of neuronal connectivity, aberrant synaptogenesis, incorrect
synaptic network, and neuropsychological dysfunction [40].
Therefore, it can be concluded that miRNA-132/p250GAP
pathway and its cross talk with other cascades play
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a significant role in the regulation of synapse plasticity
and that inhibiting this pathway may be beneficial to
plasticity-related neurological diseases.

3.4. miRNA-132 and Methyl CpG-Binding Protein 2 (MeCP2).
Another negative-regulated target of miRNA-132 is MeCP2,
which is enriched in developing central nervous system
(CNS) and highly correlated with activity-induced synaptic
plasticity and axonal and dendritic development [41]. In
the hippocampus of miRNA-132 overexpressed mice, signif-
icantly decreased MeCP2 level and increased dendritic spine
density were observed, while the novel object recognition
memory of these mice was impaired [42]. Meanwhile, the
expression of MeCP2 and the functions of spatial learning
and memory were also affected in miRNA-132/212 knockout
mice [43]. Indeed, MeCP2 mutation restricts synaptogenesis,
dendritic spine maturation, and neural circuits development,
which is characterized in the pathogenesis of most Rett
syndrome (RTT) cases and is closely linked to the mental
abnormalities of RTT [44, 45]. Genome-wide screening
showed that the expressions of miRNA-132 and BDNF were
significantly decreased in a mouse model of RTT, suggesting
that dysregulation ofmiRNA-132was involved in the progres-
sion of RTT and boosting the level of miRNA-132 might be a
valuable strategy for RTT therapy [46].

Most recently, the study by Zhang et al. stated that 2.5-fold
overexpression of MeCP2 was available for attenuating both
acute pain transduction and chronic pain formation in spinal
cord via miR-132/CREB pathway, but excessive high level
of MeCP2 would cause abnormal axonal arborization and
had no analgesic role in pain transmission [47]. Therefore,
this data indicates that intervention of miRNA-132/MeCP2
cascade to maintain MeCP2 within a proper and narrow
range may be a promising therapeutic option for spinal cord
pain. Further study revealed a modulatory feed loop for
the homeostatic regulation of MeCP2 and miRNA-132 in
vivo [48]. In the loop circuit, besides the known negative
regulation of MeCP2 by miRNA-132, MeCP2 also plays a
feedback control role in the transcription of miRNA-132 [46,
48].

3.5. miRNA-132 and Fragile X Mental Retardation Protein
(FMRP). It has been showed that miRNA-132 and the pro-
teins (e.g., Dicer and AGO1) of RISC could biochemically
interact with FMRP, which was involved in regulation of
synaptic plasticity by repressing translation of its mRNA
ligands and synthesis of proteins at the synapse [49, 50].
Deletion of FMRP could result in pronounced overgrowth of
dendritic spine and abnormal synthesis of synaptic protein at
the larval neuromuscular junction (NMJ) [49]. Additionally,
in the regulation of dendritic spine morphology by miRNA-
132 andmiRNA-125b, the downstream targets of the twomiR-
NAs are tightly associated with FMRP to encode plasticity-
related proteins involved in synaptic function [51]. Another
recent study identified that FMRP along with the candidate
RNA-binding protein Ataxin-2 modulated long-term plastic-
ity via common presynaptic and postsynaptic target mRNA
[52]. Since the abnormalities of synaptic plasticity resulting
from FMRP dysfunction are known pathogenesis of fragile

X syndrome (FXS) [53], therefore, it could be hypothesized
that FXS might be, at least in part, related to the dysfunction
of miRNA-132, yet the definite mechanism remains to be
clarified.

3.6. miRNA-132 and miRNA-212. As miRNA-132 and
miRNA-212 derive from the same intron of a small
noncoding gene, they are capable of sharing the same
targets and act in a common manner on synaptic plasticity
[54]. It has been demonstrated that the expression pattern
of pri-miRNA-132/212 and pre-miRNA-132/212 are affected
in parallel during the process of dentate gyrus LTP [55].
Ablation of miRNA-132/212 can inhibit the neocortical 𝜃
burst-induced LTP and hippocampal synaptic transmission,
which is possibly ascribed to the decreased postsynaptic
𝛼-amino-3-hydroxy-5-methyl-4-isoxazolepropionic acid
receptor (AMPAR) [56]. With the analysis of bidirectional
ratio metric miRNA sensors in hippocampus, Magill and
colleagues also revealed that deletion of the miRNA-
132/212 locus led to a dramatic decrease in dendritic
length, arborization, and spine density of hippocampal
newborn neurons [57]. Moreover, in the processing of
hippocampal functional synapse formation, miRNA-132 is
the key functional generation of the miRNA-132/212 locus to
mediate the integration of newborn neurons into the dentate
gyrus and contributes to the dendritic phenotype [57, 58]. In
addition, the repressor element sites in promoter regions of
miRNA-132 can be functionally targeted by repressor element
1 silencing transcription factor/neuron-restrictive silencing
factor (REST/NRSF), and this interaction is essential for
hippocampal newborn neurons activity and structural
remodeling [59].

Interestingly, miRNA-132/212 also act on the synaptic
plasticity of visual cortex [60–62]. It has been found that
monocular deprivation would be in a position to hinder
the modification of miRNA-132/212 locus and subsequently
decreased the miRNA-132/212 cluster transcription in devel-
oping visual cortex [60]. Likewise, parallel findings revealed
that the expression of miRNA-132 in the visual cortex was
upregulated by light stimulation and delayed in response to
dark-rearing. Inhibition of miRNA-132 can prevent dendritic
spinematuration, ocular dominance plasticity, and formation
of synaptic connectivity in vivo [61, 62].

4. Regulation of miRNA-134 in
Synaptic Plasticity

4.1. miRNA-134 and Sirtuin1 (SIRT1). Another brain-en-
riched miRNA that has been found to be involved in the
regulation of synaptic plasticity is miRNA-134. In the pro-
cessing of miRNA-134 transport to dendrites, Bicker et al.
showed that DEAH-box helicase DHX36 was responsible for
the dendritic localization ofmiRNA-134 and themodification
of miRNA-134 in dendritic spine size [63]. Furthermore,
Gao and associates found that deacetylase SIRT1 was able
to suppress the expression of miRNA-134 via cooperating
with the transcription factor Yin Yang 1 (YY1) and additional
proteins [64]. In their study, overexpression of miRNA-134
in hippocampal CA1 region following SIRT1 deficiency led to
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a decreased level of CREB and BDNF and thereby impairing
LTP and long-term memory formation in contextual fear
conditioning [64]. Conversely, activation of SIRT1 could
rescue the damaged synaptic plasticity by inhibiting the
expression and posttranscriptional regulation of miRNA-134
[64]. In addition, miRNA-134 has also been implicated in
the regulation of activity-induced dendritic excitability and
outgrowth, as well as the number of excitatory synapses in
hippocampus [65].

4.2. miRNA-134 and LimKinase 1 (Limk1). Overexpression of
miRNA-134 causes a marked reduction in the dendritic spine
volume and synaptic strength of hippocampal neurons in
vitro, whereas silencing of endogenous miRNA-134 results in
an increased spinewidth and enhanced synaptic transmission
[66]. Another cortical morphometric observation revealed
that overexpression of miRNA-134 in brain could reduce the
dendritic arborization of cortical layer V pyramidal neurons
in vivo [67]. Further mechanic analysis identified that these
effects were mediated by the repression of miRNA-134 on
Limk1 translation, which was critical to the regulation of
Cofilin phosphorylation and actin dynamics for synaptic
function andplasticity [66, 68, 69]. Accordingly, itmight raise
the possibility that miRNA-134 worked as a negative mod-
ulator of dendritic spine development, synaptic formation,
and plasticity.Moreover, it has been demonstrated that BDNF
has the potential to relieve miRNA-134 inhibition of Limk1
through activation of the TrkB/mTOR pathway and thereby
results in the reversible effect [66, 70, 71]. However, some
studies indicated that miRNA-134 activity was restricted to
specific neurons such as inhibitory GABAergic interneurons
rather than other types of cortical neurons including pyra-
midal neurons. In these interneurons, the palmitoylation
enzyme DHHC9 serves as a putative target of miRNA-134
and is critical for the modification of H-Ras, which displays
a pivotal role in neuronal membrane trafficking and LTP
modification [72, 73].

Studies focusing on the association between miRNA and
epilepsy revealed that hippocampalmiRNA-134 level was sig-
nificantly upregulated in TLE [74, 75]. Silencing of miRNA-
134 is able to decrease the expression of Limk1 and leads to
unexpectedly reduced pyramidal neuron spine density and
improved seizures, but no alteration in dendritic spine size
[74]. However, a subsequent study identified that miRNA-
134 remained at a low level while the expressions of CREB
and p-CREB were significantly increased in hippocampus of
epileptic rats [76]. Taken together, these data suggest that
miRNA-134 is implicated in regulation of synaptic plasticity
in epilepsy throughdiverse downstream targets such as Limk1
and CREB. However, further investigations are expected to
clarify the possible cross talk and collective effect of different
signaling cascades.

5. Regulation of miRNA-138 in
Synaptic Plasticity

5.1. miRNA-138 and Acyl Protein Thioesterase1 (APT1).
miRNA-138 is ubiquitous with high expression in the den-
drites of hippocampal neurons and contributes to regulation

of dendritic spine size and structure [77, 78]. Functional
screening demonstrates that APT1-induced palmitoylation of
G protein 𝛼13 (G𝛼13) is important for the regulatory function
of miRNA-138 during dendritic spine development [77].
High level of miRNA-138 leads to a significant decrease in
APT1 level and subsequently increases G𝛼13 palmitoylation
and membrane localization, which can activate the Rho-
dependent signaling cascade and thereby induce dendritic
spine shrinkage with a concomitant reduction in synaptic
transmission [77].

Recently, a panel of studies focusing onmiRNA-138 func-
tion during the process of learning and memory showed a
close association with local plasticity-related protein synthe-
sis [79, 80]. According to the detection of human postmortem
brain tissue, miRNA-138 and decapping mRNA 1B (DCP1B)
were identified to express in hippocampus and frontal cortex.
Furthermore, Schröder et al. found that a human memory-
associated single nucleotide polymorphism could interfere
with miRNA-138 binding to the transcripts of DCP1B, imply-
ing thatmiRNA-138might be amodulator of humanmemory
performance [79]. In another determination, high level of
miRNA-138 and its suppression on downstream target APT1
mRNA translation in the CA1 and DG give rise to better
performance on novel object recognition task that reflects
the short-term recognition memory [80]. Intriguingly, the
hippocampal APT1 mRNA is dramatically increased in aged
mice, but no alteration occurs in the status of impaired
memory. And, in particular, the expression of APT1 protein
presents location-specific pattern; its level in neuropil is
evidently higher than that in cell body of neurons [80].

5.2. miRNA-138 and Sirtuin1 (SIRT1). miRNA-138 binding
directly to the 3 UTR of SIRT1 mRNA results in a marked
decrease in the expression of SIRT1 and a significant inhi-
bition of axon extension in DRG neurons, whereas overex-
pression of SIRT1 can dramatically promote axon growth [81].
This result indicates that SIRT1 serves as a downstream func-
tional target of miRNA-138 in the modification of intrinsic
axon growth capacity. In addition, SIRT1 is capable of acting
as a feedback inhibitory factor to repress the level of miRNA-
138 in vivo, suggesting that the interplay of miRNA-138 and
SIRT1 is likely to be an effective intervening target to enhance
axon regeneration [81].

6. Regulation of miRNA-9 in
Synaptic Plasticity

miRNA-9 is one of the synapse-enriched miRNAs regulating
gene expression. Using the miRNA sponge technique to
silence the miRNA-9 conditionally in mice, Giusti et al.
discovered that hippocampal dendrites growth and synaptic
transmission were disturbed and concomitant with strong
upregulation of transcriptional repressor REST. Further
determination revealed that shRNAs against REST could
rescue the dendritic growth deficit and impair synaptic
transmission caused by miRNA-9 depletion [82]. Hence, it is
possible thatmiRNA-9 is essential for synaptic formation and
plasticity by targeting REST in vivo. Moreover, another study
defined a novel role of miRNA-9 and its predictable target
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forkhead box G 1 (FOXG1) in olfactory receptor neurons
differentiation, axon elongation, and synaptic connectivity
[83]. Meanwhile, the expression of miRNA-9 and miRNA-
200 was regulated by transcriptional factor distal-less home-
obox5 (DLX5) [83]. Additionally, two FMRP homologous
fragile X related (FXR) proteins, FXR1P and FXR2P, are
believed to participate in RNA metabolism [84]. Indeed, the
level of miRNA-9 and miRNA-124 decreased in the brain
of FXR1P knockout mouse, and overexpression of FXR1P
led to significantly increased expression of miRNA-9 and
miRNA-124. However, absence of either FXR2P or FMRP
does not affect level of the two brain-specific miRNAs [85].
Accordingly, the data indicated that both miRNA-9 and
miRNA-124 might not be responsible for FXS that mainly
resulted from the loss of FMRP.

Amyloid 𝛽42- (A𝛽42-) dependent downregulation of
miRNA-9 provides novel insight into amyloidogenesis in the
pathological process of Alzheimer’s disease (AD) [86]. It
has been documented that A𝛽42 oligomers induce dendritic
spine loss andmicrotubule-associated protein tau hyperphos-
phorylation by the calcium/calmodulin-dependent protein
kinase kinase 2, adenosine monophosphate-activated protein
kinase (CAMKK2-AMPK) signaling cascade, which is tightly
associated with synaptic plasticity alteration in AD progres-
sion [87, 88]. Overexpression ofmiRNA-9 could attenuate the
A𝛽-induced synaptotoxic effect via inhibition of CAMKK2
level, implying that CAMKK2 emerged as an additional target
ofmiRNA-9 in the abnormal synaptic plasticity of AD [89]. In
addition, tau hyperphosphorylation in the progression of AD
is also promoted by upregulated miRNA-138 via retinoic acid
receptor alpha/glycogen synthase kinase-3𝛽 (RARA/GSK-
3𝛽) pathway [90]. However, whether or not and how synaptic
plasticity responds to the increased tau phosphorylation in
AD have not been identified, and future investigation is
required to elucidate it.

7. Regulation of miRNA-124 in
Synaptic Plasticity

Another highly and specifically expressedmiRNA in nervous
system is miRNA-124, which contributes to a multitude
of biological processes such as neurogenesis, synapse mor-
phology, and synaptosome transmission [91, 92]. Recently,
miRNA-124 is reported to play an extending role in inhibiting
the expression of RhoG [93]. This interaction is further
involved in regulating the actin cytoskeleton in plasticity of
synapse connections, which refers to dual modes: on one
hand, RhoG is available to inhibit dendritic tree complexity
via the small GTPase Cdc42 in hippocampal neuron; on the
other hand, RhoG is pointed out to repress axonal branching
and targeting dependent on the ELMO/Dock180/Rac1 sig-
naling pathway [93–95]. Several groups have identified that
the intelligence quotient motif containing GTPase activating
protein 1 (IQGAP1), a broadly expressed scaffold protein in
brain, acted as a suppressed target of miRNA-124 to regulate
hippocampal LTP, long-term memory formation, and cog-
nitive performance [96, 97]. Moreover, in cultured neurons
of Aplysia sensorimotor synapses, miRNA-124 is localized
exclusively to the presynaptic sensory neuron but found

deficiently in motor neuron. Overexpression of miRNA-124
inhibits the serotonin-triggered synaptic long-term facili-
tation (LTF) by targeting CREB, and downregulation of
miRNA-124 reversely gives rise to significant enhancement
of LTF in learning-related synaptic plasticity [92]. In addi-
tion, high expression of miRNA-124 and decreased level of
AMPAR are tightly associated with hippocampal demyelina-
tion and memory impairment in mice. And remyelination
could restore thememory dysfunction and altered expression
of miRNA-124 and AMPAR. Accordingly, it is possible that
intervention of the potential miRNA-124/AMPA signaling
may be a novel clue to improve memory performance in
neurodegenerative diseases [98]. More importantly, miRNA-
124 and miR-181a were engaged in cocaine-responsive plas-
ticity through BDNF and downstream target, which played
an important role in synaptic plasticity and addiction [99].
This data implies a promising possibility that a novel layer of
miRNA-124 could be applied to drug rehabilitation in future.

8. Regulation of miRNA-125a and
miRNA-125b in Synaptic Plasticity

Compared to other miRNAs at the synapse, miRNA-125a
is abundant in the dendrites of hippocampal CA1 region
and highly expressed in synaptoneurosomal fractions [66].
It has been showed that miRNA-125a is responsible for
the translation of postsynaptic density (PSD-95), a core
member of postsynaptic scaffold proteins with the function
of managing synaptic strength and dendritic spine stabi-
lization [100, 101]. Transfection of anti-miRNA-125a results
in an upregulation of endogenous PSD-95 protein in the
distal dendrites of hippocampal neurons, accompanied by
significantly increased spine density and branching. And
interfering with PSD-95 mRNA by specific siRNAs could
reverse the altered spine morphology [101]. Further evidence
reveals that the inhibition of miRNA-125a on PSD-95 is
mediated by alternate G-quadruplex RNA conformations,
which assist miRNA-125a to access into the binding site (G-
rich region within 3 UTR) of PSD-95mRNA and form stable
complex for interaction [22]. More intriguingly, the binding
site of PSD-95 mRNA has been also shown to be directly
recognized by FMRP, and phosphorylation of FMRP con-
tributed to reinforcing the translational repression of PSD-
95 induced by miRNA-125a [101, 102]. In addition, miRNA-
125a is also involved in mGluR-mediated translation of
local protein synthesis to modulate dendritic spine structure
[101, 103].

The other homologous member of miRNA-125 family is
miRNA-125b, which is also involved in synaptic plasticity
[104–106]. It has been characterized that overexpression
of miRNA-125b led to a significant increase in hyper-
phosphorylation of microtubule-associated protein tau and
caused impairment of learning and memory. The activity
was possibly mediated by the predicted targets of miRNA-
125b including Bcl-2-like protein 2 (Bcl-W), dual specific
phosphatase 6 (DUSP6), and protein phosphatase 1 catalytic
subunit alpha isoform (PPP1CA) [105]. In addition, miRNA-
125b induced downregulation of the essential synaptic glyco-
protein synapsin-2 (SYN-2) is engaged in synaptic vesicles
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activity and synaptic transmitters trafficking in neuronal
circuitry [104, 106].

9. Regulation of miRNA-188 in
Synaptic Plasticity

Neuropilin-2 (Nrp-2), a receptor of semaphorin 3F, is capable
of disturbing dendritic spine development and synaptic
structure [107]. Lee et al. have reported that miRNA-188
served as an important modulator for synaptic plasticity by
negatively targeting Nrp-2. In the study, induction of LTP
led to decreased expression of Nrp-2 and increased level of
synaptic activity-regulatedmiRNA-188, which could improve
abnormal synaptic morphology and promote mEPSCs in
hippocampus [108]. In addition, studies of neurodegenerative
processes emphasized that miRNA-188-3p played a crucial
role in the interaction of 2-arachidonoylglycerol (2-AG)
metabolism and 𝛽-site amyloid precursor protein cleaving
enzyme 1 (BACE1) expression in AD. On one hand, miRNA-
188-3p expression was identified to be significantly reduced
in APP transgenic mice, but it could be upregulated by 2-
AGvia peroxisomeproliferator-activated receptor-𝛾 (PPAR𝛾)
and NF-𝜅B signaling pathway. On the other hand, high
level of miRNA-188-3p in hippocampus gave rise to a set of
biochemical and cognitive changes, including suppressions
in BACE1 expression, A𝛽 synthesis and promotions in LTP,
synaptic transmission, and spatial learning and memory.
Moreover, validation of functional binding of miRNA-188-3p
seed region in the 3 UTR of BACE1 indicates that BACE1 acts
as a downstream target of miRNA-188-3p governing synaptic
plasticity and cognitive function [109].

10. Regulation of Other Specific miRNAs in
Synaptic Plasticity

In addition to the above well-studiedmiRNAs, recent investi-
gations show that other synapse-specific miRNAs are emerg-
ing to take a share in the process of plasticity modulation.
miRNA-8 along with its multiple downstream target genes
plays a critical role in neuromuscular synapse maturation at
diverse stages in Drosophila [110, 111]. Synaptic cell adhesion
molecules fasciclin III (FasIII) and neuroglian (Nrg) depend
on miRNA-8 for accurate motor axon extension, suggest-
ing that miRNA-8 has the capacity of regulating synaptic
sites assembly at early stages of synaptic formation [110].
Besides, the regulation of miRNA-8 on enabled/vasodilator-
stimulated phosphoprotein (Ena/VASP) family is essential
for the presynaptic morphological modification required to
match the substantial growth of postsynaptic targets at late
stages of synaptic maturation [111].

Most recently, the study by Gao et al. reveals that miRNA-
15a induced MeCP2 has a significant impact on the expres-
sion of BDNF, which subsequently plays a critical role in
hippocampal dendritic branching and complexity [112]. The
role of miRNA-19b in dendritic development and synaptic
protein synthesis is correlated to the phosphoinositide-3-
kinase/mammalian target of rapamycin (PI3K/mTOR) sig-
naling that is triggered by phosphatase and tensin homolog
(PTEN) [113]. Notably, miRNA-22 is suppressed by serotonin

to mediate the regulation of cytoplasmic polyadenylating
element binding (CPEB) genes in synaptic protein synthesis,
which contributes to the maintenance of memory-related
long-term synaptic plasticity [114]. Furthermore, miRNA-26a
and miRNA-384-5p are consistently required for the main-
tenance of LTP and dendritic spine growth in CA1 region
by targeting endogenous ribosomal S6 kinase 3 (RSK3) [115].
Inhibition of miRNA-26a can attenuate neurite outgrowth
and neuronal morphogenesis via activation of PTEN [116]. In
addition, Lippi et al. found that Arpc3 (subunit 3 in the actin-
related protein 2/3 complex), which was targeted by miRNA-
29a/b, modulated synapse structural plasticity via spine actin
cytoskeleton remodeling [117].

Tap73, a transcription factor of p53 family, is shown
to control the expression of miRNA-34a in hippocampal
neurons, and this action is involved in the manipulation
of synaptic proteins such as synaptotagmin-1 (Syt-1) and
syntaxin-1A (Stx-1A) to regulate dendritic spine morphology
and function [118, 119]. Meanwhile, miRNA-34a together
with miRNA-193a and miRNA-326 synergistically drives the
expression of activity-regulated cytoskeleton (Arc) associated
protein in the processing of adaptive synaptic plasticity in
response to external stimulation [120].

In addition, miRNA-128 regulates the dendritic arboriza-
tion and intrinsic excitability of upper layer cortical neurons
mediated by plant homeodomain finger 6 (PHF6) genes
[121]. miRNA-137 manages dendritic spine patterning and
plasticity-related protein synthesis in hippocampus via trans-
lational modulation of mind bomb 1 (Mib1) [122]. More
importantly, miRNA-182 acts through cortactin and Rac1 to
regulate synaptic protein synthesis in long-lasting plasticity
which is the first characterization of miRNA-182 in lateral
amygdala and provides a novel mechanism for modulat-
ing synaptic plasticity [123]. miRNA-191 and miRNA-135
contribute to the N-methyl-D-aspartate (NMDA) receptor-
induced LTD, respectively, by targeting tropomodulin 2
(Tmod2) and complexin-1/2 [124].

11. Discussion

The abundant evidence uncovers powerful regulatory role
andmechanismofmiRNA in various aspects of synaptic plas-
ticity ranges from dendritic spine morphology and synaptic
formation to plasticity-related protein synthesis (Table 1).
The widespread miRNA-mediated regulation of synaptic
plasticity is not only essential for neural development and
physiological function but also involved in the pathogenesis
and progression of multiple neurological disorders, such
as AD, FXS, and epilepsy [27, 85, 89]. Furthermore, these
findings lay favorable foundations for diagnosis and therapy
of plasticity-related diseases. Actually, the identification of
AD-related miRNAs in cerebrospinal fluid indicates that
individual miRNAs may serve as promising biomarkers for
AD diagnosis [86]. The regulation of miRNA-124 in cocaine-
induced synaptic plasticity suggests that miRNA can be
considered as a target for addiction therapy [99]. In addition,
recent studies have showed that plasma miRNA-134 levels
in mania patients treated with mood stabilizer lithium were
significantly decreased, which was closely associated with
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Table 1: Involvement of miRNA in synaptic plasticity.

miRNA Target Plasticity paradigm References

miRNA-132

Regulated by CREB in activity-induced synaptic morphology, protein synthesis, and
plasticity [24, 25]

p-CREB Dendritic plasticity in TLE [26]
MFS Dendrites morphology of CA3 region in spontaneous recurrent seizures [27]

Regulated by CREB in dendritic spine density and structure adaptation required for
cognition capacity [23, 28, 29]

GR Modulated by BDNF in synaptic formation and postsynaptic protein [24, 30]
Maturation of neuron and synapse in developing hippocampus [31]

p250GAP RGC axonal sprouting and growth [34]

p250GAP Activity-induced hippocampal dendrite spine morphogenesis and mEPSC and
GluR1 positive spines [35, 36]

AChE Stressful experiences induced neurite extension in cognitive and locomotion
impairments [37]

Rac1 Synaptic actin-remodeling and spine morphological alteration in ionizing radiation [38]

p250GAP Abnormal synaptogenesis and incorrect synaptic connectivity and function in
PCB95 neurotoxicity [40]

p250GAP Formation of stable dendritic spines and functional synapses in hippocampus [39]
MeCP2 Synaptic density and maturation in novel object recognition and memory retention [42–44]
MeCP2 Synaptic plasticity in RTT [46, 48]
MeCP2 Synaptic function in acute pain transduction and chronic pain formation [47]

Synaptic protein synthesis and dendritic spine structure related to FMRP [49, 51]

AMPAR Neocortical 𝜃 burst-induced LTP and hippocampal synaptic transmission and
plasticity [56]

IL-6, TSLP Dendritic phenotype and synaptic formation in newborn neurons activity [57, 58]
Ocular dominance and visual cortex plasticity [60–62]
Modulated by REST/NRSF in synaptic plasticity and structural remodeling [59]

miRNA-134

Regulated by SIRT1 in hippocampal LTP and long-term memory formation
required for fear conditioning [64]

Regulated by DHX36 in plasticity-related genes and modification of dendritic spine
size [63]

Pumilio2 Activity-induced hippocampal dendritic growth and excitatory synapse number [65]

Limk1 Dendritic spine size of neuron in vitro and dendritic arborization of cortical layer V
pyramidal neurons in vivo [66, 67]

Limk1 Pyramidal neuron spine density in TLE [74]

DHHC9 Neuronal membrane trafficking and synaptic LTP and structure in specific
interneurons by modification of H-Ras [72]

CREB Synaptic plasticity in epileptic rat [76]

miRNA-138

APT1 Dendritic spine size and synaptic transmission [77]
Episodic memory performance [79]

APT1 Synaptic protein synthesis in short-term recognition memory [80]
SIRT1 Axon growth in development and regeneration [81]

miRNA-9

REST Dendrites growth and synaptic transmission [82]
FOXG1 Affected by DLX5 in axon elongation and synaptic connectivity [83]

CAMKK2 Synaptotoxicity and dendritic spine loss in AD [89]
RhoG Dendritic tree complexity and axonal branching [93, 94]

miRNA-124

CREB LTF in learning-related synaptic plasticity [92]
IQGAP1 Hippocampal LTP, long-term memory, and cognitive performance [96, 97]
AMPAR Hippocampal demyelination and memory performance [98]
BDNF Cocaine-induced plasticity and addiction [99]

miRNA-125a PSD-95 Synaptic strength and dendritic spine stabilization [100, 101]
GluR Synaptic plasticity-related protein synthesis [101, 103]
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Table 1: Continued.

miRNA Target Plasticity paradigm References

miRNA-125b Tau LTD and cognitive performance in AD [105]
SYN-2 Synaptic vesicles trafficking in neuronal circuitry [104]

miRNA-188
Nrp-2 Dendritic spine development, synaptic structure, and mEPSC frequency [108]

BACE1 Regulated by 2-AG in hippocampal LTP, synaptic transmission, and cognitive
function [109]

miRNA-8 FasIII, Nrg Assembly of synaptic sites at early stages of synaptic formation [110]
Ena/VASP Presynaptic morphological modification at late stages of synaptic development [111]

miRNA-15a BDNF Regulated by MeCP2 in hippocampal dendritic branching and complexity [112]
miRNA-19b PTEN Synaptic development and synaptic protein synthesis [113]
miRNA-22 CPEB Memory-related long-term synaptic plasticity [114]

miRNA-26a PTEN Synaptic plasticity and neuronal morphogenesis [116]
RSK3 Long-lasting synaptic and spine plasticity [115]

miRNA-29a/b Arpc3 Dendritic spine actin cytoskeleton remodeling and synaptic connectivity [117]

miRNA-34a Stx-1A, Syt-1 Regulated by Tap73 in dendritic spine morphology and synaptic function and
plasticity [118, 119]

Arc LTP, LTD, and adaptive synaptic plasticity [120]
miRNA-128 PHF6 Dendritic arborization and intrinsic excitability of upper layer cortical neurons [121]
miRNA-137 Mib1 Dendritic patterning and spine morphogenesis [122]
miRNA-182 Rac1, cortactin Long-lasting functional and structural plasticity [123]
miRNA-191 Tmod2 Actin depolymerization in long-lasting dendritic spine remodeling [124]
miRNA-135 Complexin-1/2 AMPAR exocytosis in prolonged spine structuring [124]
Abbreviations in the table were illustrated in the text.

synaptic pathology and clinical symptoms of manic [125].
These investigations expand our knowledge about miRNA
contribution to the pathophysiology of neural plasticity and
further improve the likelihood of applying miRNA-related
strategies in clinical neurological diseases management. Cur-
rently, interfering with disease-related miRNAs and genes
in miRNA cascade seems to be a promising miRNA-based
therapeutic strategy. However, there is a great deal of prob-
lems that remain unsolved, one of which is lack of feasible
targeted-delivery system to transport miRNA mimics or
antagonists to specific miRNA in CNS in vivo. Recently,
Hwang et al. reported that rabies virus glycoprotein-disulfide
linked polyethylene imine could be used as a carrier to deliver
neurogenic miRNA-124a across the blood brain barrier and
make it accumulated in brain, but there was hardly any
functional effect due to the degradation of miRNA in the
processing of transportation [126]. As a result, improving the
stability of transporter is another critical factor for excellent
miRNA targeted-delivery system.

In conclusion, miRNA is a crucial regulator in synaptic
plasticity. Combining high-throughput identification with
functional assay of the interconnected miRNA network
enables us to understand more information about the global
effect of miRNAs from synaptic plasticity regulation to
neurological diseases treatment. A deep insight into the
mechanism through which the miRNA works for synaptic
plasticity is significantly necessary before miRNA is applied
to novel therapeutic intervention for neurological disorders.
Thus, establishment of the entire framework of plasticity-
related miRNAs will be a challenge in the near future.
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Rats used in research are typically housed singly in cageswith limited sensory stimulation.There is substantial evidence that housing
rats in these conditions lead to numerous neuroanatomical and behavioral abnormalities. Alternatively, rats can be housed in an
enriched environment in which rats are housed in groups and given room for exercise and exploration. Enriched environments
result in considerable neuroplasticity in the rodent brain. In the dentate gyrus of the hippocampus, enriched environments evoke
especially profound neural changes, including increases in the number of neurons and the number of dendritic spines. However,
whether changes in astrocytes, a type of glia increasingly implicated in mediating neuroplasticity, are concurrent with these neural
changes remains to be investigated. In order to assessmorphological changes among astrocytes of the rat dentate gyrus, piSeeDBwas
used to optically clear 250𝜇m sections of tissue labeled using GFAP immunohistochemistry. Confocal imaging and image analysis
were then used tomeasure astrocyte morphology. Astrocytes from animals housed in EE demonstrated a reduced distance between
filament branch points. Furthermore, the most complex astrocytes were significantly more complex among animals housed in EE
compared to standard environments.

1. Introduction

Studies in neuroscience often employ animal models because
of the similarity in structure and function between human
nervous systems and the nervous systems of other animals.
Furthermore, animal models allow changes in behavior to be
compared directly to changes in neurophysiology, an ability
that cannot be accomplished through any other means. For
this reason, animal models are critical for our understanding
of human nervous system function and disease. Despite the
utility of animal models, results obtained from their use do
not always translate to the human nervous system. This
problem is exemplified by the near universal failure of clinical
trials of treatments for numerous neurological diseases,
including traumatic brain injury [1] and stroke [2], despite
demonstrated efficacy in animal models. While many of the
differences between humans and other animals are unavoid-
able, researchers must be careful to ensure their animal
models are valid.

One of themost commonly used animalmodels in neuro-
science is the rat. Rat nervous systems, like all other nervous
systems, are capable of responding to changes in their envi-
ronment by altering neurophysiology and, in turn, behavior
[3]. This feat is accomplished through a process called
neuroplasticity. Rodent nervous systems evolved to interact
with a chaotic and complex natural ecological niche. Animal
models used in the lab, like their wild counterparts, exhibit
neurological adaptation to their environments [4]. However,
rats used in research experience an environment dramatically
different from the one to which their nervous systems have
adapted. The standard housing environment (SE) used for
rats in the laboratory involves a small plastic cage in which
one or two rats can be housed [5]. This housing environment
provides extremely limited sensory stimulation, little or no
social interaction, and no opportunity for exercise. There is
substantial evidence that these conditions profoundly affect
the brain and behavior of animals, leading to abnormal
neuroplasticity and pathological functioning [6, 7].
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In contrast to the SE, enriched environments (EE) consist
of a significantly larger enclosure with room for rats to be
housed in groups [3]. As social animals, rats demonstrate
increased species-normative behavior in the presence of
other rats [8]. In addition to social stimulation, rats in
enriched environments are exposed to novel stimuli in the
form of regularly introduced species-appropriate toys and
changes in the location of food sources [5]. Furthermore, the
larger enclosure substantially increases the ability of the rat
to explore and exercise [5]. In sum, enriched environments
allow rats to experience a constantly changing environment
that more closely approximates their natural environment.

Numerous studies have demonstrated significant differ-
ences in the behavior of animals housed in EE compared
to SE housing. The different components of enriched envi-
ronments, a larger enclosure, social interaction, and novel
toys, have each been shown to be beneficial in isolation but
provide synergistic benefits when combined [8]. Housing
rodents in enriched environments have been demonstrated to
reduce the abnormal stereotyping behaviors that frequently
occur as a result of housing in SE [6]. Furthermore, studies
have shown significantly improved performance among rats
housed in EE on tests of learning and memory such as the
Morris water maze and Barnes maze [9–11], tests of gross
motor function such as the Rotor Rod [9, 10], and tests of
anxiety and depression such as the Open Field Test, Elevated
Plus Maze, and the Forced Swim Task [9, 10, 12].

Studies have also demonstrated significant changes in the
neuroanatomy of animals housed in EE which may underlie
the observed changes in behavior. Early studies of EE identi-
fied numerous changes in the brain following housing in EE,
including changes in cortical depth and glia number [13, 14],
brain weight [15, 16], and total DNA content [16]. A brain
region which undergoes significant structural remodeling in
response to EE is the hippocampus [17]. The hippocampus
is critically involved in learning and memory [18] and in
maintaining a neural representation of extrapersonal space
[19]. Studies of hippocampal plasticity in response to EE have
generally focused on mechanisms of neural adaptation. For
example, studies have demonstrated that the hippocampus
responds to EE with changes in patterns of neurotransmitter
receptor expression [20], as well as increasing dendritic
complexity [21], spine density [22], and neurogenesis [11, 23].

Evidence suggests that glia are a fundamental factor in
modulating neural plasticity. The most numerous cell in the
brain [24], the astrocyte, is a glial cell critical in mediating
central nervous system homeostasis through several mech-
anisms. Astrocytes are known to make contacts with both
synapses and vasculature [25–27]. Astrocytic end-feet engulf
the gaps between endothelial cells of the vasculature and alter
their permeability, thus forming an integral component of the
blood brain barrier [28, 29]. The ability of astrocytes to junc-
tion neural activitywith vascular glucose influx is the basis for
BOLD (blood oxygenation level dependent) signal used by
fMRI [26]. Astrocytes are also critically involved in the brain’s
response to insult, such as stroke or traumatic brain injury.
Following injury, astrocytes migrate to the site of injury and
become hypertrophic, forming a glial scar which limits the
spread of inflammation and apoptosis to surrounding intact

tissue but also impedes the ability of axons to reinnervate
damaged tissue [30–34]. Furthermore, astrocytes are capable
of dynamically altering the properties of neurons in both the
short and long term. In the short term, astrocytes are capable
of altering concentrations of ions and neurotransmitter at
the synapse [26], as well as metabolizing glucose to lactate,
the primary energy source used by neurons [35]. In the
long term, astrocytes may influence neural plasticity through
control of spine dynamics [36–39] and neurotransmitter
receptor expression at the synapse [20, 40, 41]. Recent studies
have also demonstrated that release of the NMDA receptor
coagonist D-serine by astrocytes is required for long-term
potentiation in the hippocampus and prefrontal cortex [42–
46]. In the dentate gyrus of the hippocampus, astrocytes
actively modulate the differentiation, growth, survival, and
integration of newborn neurons [47, 48]. Astrocytes have
also shown to be structurally dynamic, with their processes
demonstrating surprising motility in response to synaptic
activity within their domains [36, 49]. In the visual cortex,
GFAP-immunoreactive astrocytes demonstrated significant
increases in number and GFAP expression in response to EE
[50]. Thus, physiological changes in astrocytes in response to
EE are likely to be coincident with changes in neurons.

Differences in neurophysiology that occur due to housing
environmentmay confound animal studies of nervous system
function. In the case of astrocytes, significant alterations
in physiology have been observed in all disease models in
which they have been studied, including Alzheimer’s Disease,
Parkinson’s Disease, and epilepsy [51–61]. For this reason,
it is critical to understand the physiological changes that
occur in the brain in response to the housing environment
of the animal model used. The present study was designed
to determine whether hippocampal astrocytes undergo gross
morphological changes in response to rearing in enriched
environments. Measures of morphological complexity, such
as number of filament branches, total filament length, num-
ber of terminal points, and number of Sholl intersections,
were used to assess the possibility that astrocytes may be
altered in an experience-dependent manner. It was hypoth-
esized that, due to the crucial role of astrocytes in neural
function, EEwould result in an overall increase in the number
and complexity of astrocytes in the dentate gyrus.

2. Methods

All brain samples used in this study were pseudorandomly
selected from sham animals used in a study conducted by
Jacqmain, Nudi, Fluharty, and Smith, 2014, on the effects of
environmental enrichment on recovery from medial frontal
cortex contusion. Eight samples were used, with four samples
from animals housed in standard environments and four
samples from animals housed in enriched environments. All
procedures were approved prior to experimentation by the
Saginaw Valley State University Institutional Animal Care
and Use Committee.

2.1. Previous Study Procedures

2.1.1. Animals. Samples were selected from a cohort of 113
male Long-Evans rats (Charles River, Portage, MI) received
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on PND 25 weighing from 51 g to 75 g. On arrival animals
were randomly assigned to either an individual standard
laboratory cage (SE) or an enriched environment (EE) with a
total of 10 rats per cage. Animals housed in the EE condition
were transferred to EE cages with a total of 6 rats at PND 115.

2.1.2. Housing Conditions. In each housing condition, ani-
mals were provided ad libitum access to food and water and
were kept on a 12-hour reverse day/night cycle. Handling and
behavior testing were conducted during the dark cycle. All
rats were handled daily for 5 minutes per rat to acclimate
them to human contact. Cell-sorb (Fangman Specialties, OH)
was used as bedding for all cages and all rats were fed with
rodent chow (Zeigler Bros, Inc., PN).

The SE condition consisted of a standard plastic labora-
tory cage (Alternative Design, Siloam Springs, AR) measur-
ing 26.0 cm wide, 47.0 cm long, and 20.3 cm high. Rats were
permanently given water and rodent chow through the top of
the cage. One rat was housed per SE cage.

TheEE condition consisted of a large plastic bin (Freedom
Breeders #44, California) measuring 152.5 cm wide, 61 cm
long, and 21.5 cm tall. Rodent chow was provided by a well
placed along the width of the cage. Species-appropriate toys
were added to EE cages, including PVC pipes, cardboard
tubes, plastic shelters, wooden blocks, and chew toys. The
toyswere rearranged daily during handling andwere changed
during cleaning every three days. 10 animals were housed per
cage until PND 115, at which point rats were housed in groups
of six per EE enclosure.

2.1.3. Euthanization and Tissue Handling. On postsurgery
day 28 (PND 143) rats were deeply anesthetized with 5%
isoflurane. Following absent eye-blink and tail pinch reflexes,
rats were intraperitoneally injected with Euthasol (pento-
barbital, 392mg/kg). Rats were then transcardially perfused
with 500mL 0.9% phosphate buffered saline, followed by
500mL 10% buffered formalin. The rats were decapitated
and the brains were extracted. The left hemisphere from
each brain was placed in 25mL of 10% formalin overnight.
The brains were then dehydrated and embedded in paraffin
wax on plastic cartridges using a Tissue-Tek III vacuum
infiltration tissue processor (IMEB Inc., San Marco, CA) and
a paraffin-embedding console (Miles Scientific, Fergus Falls,
MN). Samples were then stored at RT until they were used in
the present study.

2.2. piSeeDB. Fluorescent immunohistochemistry and opti-
cal clearing techniques were used to allow imaging of cellular
morphology in the dentate gyrus. SeeDB [62], a recent
optical clearing technique, uses Fructose in PBS to match the
refractive index of scatter of cellular membranes, enhancing
tissue transparency. However, SeeDB has been reported to
be ineffective with immunohistochemistry because it does
not facilitate antibody penetrance [62]. Furthermore, SeeDB
was not designed for use with paraffinized samples. The
SeeDB procedure was modified in order to facilitate effec-
tive immunohistological labeling in paraffinized samples,
resulting in a new procedure called piSeeDB. Our results
indicate that a relatively simple modification to the SeeDB

protocol whereby samples were exposed to a freeze/thaw
cycle increased antibody penetrance and allowed imaging to
depths of up to 2mm [10].

2.2.1. Deparaffinization. Paraffin-embedded left hemispheres
were placed in a 40∘C water bath for fifteen minutes prior
to sectioning. The first 250 𝜇m section from each sample
was collected and placed in a vacuum oven (Sheldon Man-
ufacturing, Cornelius, OR). Samples were heated to 60∘C
with 15 inches’ Hg vacuum for 8 hours. Tissue samples were
then placed in a Tissue-Tek III tissue processor which was
used to alternate pressure and vacuum with 50∘C xylene
for 1 hour. Sections were then dehydrated using ascending
concentrations of ethanol.

2.2.2. Freeze/Thaw. Recent work has established a method
of freeze/thaw cycling that significantly improves immunos-
taining compared to other methods such as antigen retrieval
when used with thick tissue samples [63]. Samples were
placed in a sealed conical tube following dehydration. Sam-
ples were then placed in a freezer at −80∘C for 30 minutes.
Samples were then brought to room temperature for 30
minutes. This procedure was repeated four times for a total
of four hours. Tissue was then rehydrated using descending
concentrations of ethanol. Tissue was then rotated in a
conical tube with 50mL of 10% PBS and 1% Triton X-100
(PBS-T) at 36∘C overnight.

2.2.3. Immunohistochemistry. Tissue was placed in a twelve-
well plate with 1.25mL of DaVinci Green (Biocare Medical,
Concord, CA) with 1% Triton X-100 (12.5 𝜇L) and incubated
at 36∘C for 24 hours. Tissue was then rinsed with PBS-T for
15 minutes. In order to block binding of endogenous IgG,
samples were then incubated at 36∘C in 1.25mL of Rodent
Block Rat (Biocare Medical, Concord, CA) for 24 hours.
Tissue was then rotated in a 50mL conical tube of PBS-T for
three 30-minute washes with fresh PBS-T used for each wash.

Antibodies were added to 1.25mL of DaVinci Green.
Newborn neurons were labeled using 3.12 𝜇L of guinea pig
polyclonal anti-doublecortin (1 : 100; Bioss Inc., Woburn,
MA), astrocyte filaments were labeled using 12.5𝜇L mouse
monoclonal anti-GFAP conjugated with Cy3 (1 : 100; Abcam,
Cambridge, MA), and neural cell bodies were labeled using
12.5 𝜇L rabbit monoclonal anti-NeuN conjugated with Alex-
aFluor 647 (1 : 100; Abcam, Cambridge, MA). Tissue samples
were then incubated at 36∘C in the primary antibody solution
for 24 hours. Tissue was flipped after 12 hours had elapsed.
Tissue was then rotated again in a 50mL conical tube of PBS-
T for three 30-minute washes. Tissue was then incubated at
36∘C in DAPI solution (Biocare Medical, Concord, CA) for 6
hours.The tissue was then rinsed a final time with three PBS-
T washes.

2.2.4. SeeDB. SeeDB was prepared utilizing procedures from
Ke et al. [62]. Ascending concentrations of D-Fructose in
PBS were prepared in the following w/v concentrations of
D-Fructose in PBS: 20%, 40%, 60%, 80%, and 100%. The
final solution of SeeDB was produced using 60.75 g of D-
Fructose and 15mL of distilled water. Solutions were heated
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Uncleared piSeeDB cleared

piSeeDB immunofluorescence

Figure 1: A comparison of the transparency of uncleared and
piSeeDB cleared samples.

to 60∘Cand stirred periodically until fully dissolved. After the
solution reached RT, 300 𝜇L of 𝛼-thioglycerol was added in
order to inhibit tissue browning from the Maillard reaction
[62]. Tissue was then rotated in 20%, 40%, and 60% solutions
for 8 hours each; 80% and 100% solutions for 12 hours each;
and then SeeDB solution for 24 hours (Figure 1).

2.3. Imaging and Analysis

2.3.1. Confocal Imaging. Tissue sections were placed in a
SeeDB-filled imaging chamber composed of a pair of square
cover slips with a 250𝜇m silicon spacer placed between
them. The sample was placed in its SeeDB solution in the
interior of the imaging chamber with themostmedial surface
facing up. Confocal imaging was conducted with anOlympus
Fluoview FV10i microscope in 𝑧-stack time-lapse mode.
While piSeeDB was effective in clearing samples up to 2mm
inunparaffinized samples, and up to 250𝜇mindeparaffinized
samples, the working distance of the FV10i 60x oil-objective
limited imaging to depths of roughly 100 𝜇m. This objective
was used despite these limitations because highmagnification
is necessary to resolve the fine detail of astrocyte filaments.
Images were captured with a region of interest centered
against the anteriormost point of the granule cell layer of
the dentate gyrus and measuring approximately 600 𝜇m (𝑥),
400 𝜇m (𝑦), and 100 𝜇m (𝑧). Imaging duration was four days
per sample. The sample was kept at 36∘C during imaging.

2.3.2. Image Processing and Analysis. Microscope images
were produced as a 𝑧-series which was then stitched into 𝑧-
stacks using XuvStitch 1.8.099. No compression was used. 𝑧-
stacks were then visualized with Bitplane Imaris 7 (Bitplane,
Concord, MA). 𝑧-stacks were normalized in order to main-
tain a consistent signal intensity through the depth of the
sample.

Astrocytes within the granule layer and the hilus of the
dentate gyrus were analyzed. Imaris FilamentTracer was used
with the AutoPath (no loops) algorithm to trace, segment,
and statistically analyze astrocyte morphology (Figure 2).
GFAP+ cells were counted automatically using a detection
threshold value that was held constant between samples.
An average of 171.88 GFAP+ cells was analyzed per sample.
GFAP+ filaments were segmented and the length between

branches, as well as the total length, was measured. Fila-
ment terminal points were then detected based on intensity
thresholding. The number of branch points was also counted
per cell. In addition, full branch depth, which measures the
maximum number of branches between the starting point
(nucleus) of the cell and a terminal point, was recorded.
Finally, 3-dimensional Sholl analysis was used to measure
filament complexity. The minimum, maximum, mean, and
standard deviation per sample were analyzed for each mea-
sure of astrocyte morphology.

2.3.3. Data Analysis. All data were analyzedwith 𝑡-tests using
SPSS 21.0 forWindows (IBM, Armonk, NY). Homogeneity of
variance was verified using Levine’s test. A𝑝 value of<.05 was
considered significant for all statistical tests.

3. Results

The total number of GFAP+ cells within the granule cell layer
and the hilus of the dentate gyrus were counted and analyzed.
No significant differences were found in the number of
GFAP+ cells between animals housed in EE (M = 200.25,
SEM = ±14.56) and those housed in SE (M = 143.50, SEM =
±45.49) (𝑝 = .280). GFAP+ filamentmorphology was then ana-
lyzed to assess potential cellular differences between groups.

The total filament length was determined per cell and
then averaged across samples.Themean total filament length
was not significantly different between EE (M = 502.64,
SEM = ±73.04) and SE (M = 361.00, SEM = ±23.10) (𝑝 =
.146). The cell with the minimum total filament length was
measured per sample and then averaged between groups.The
mean minimum total filament length was not significantly
different between EE (M = 38.2, SEM = ±19.10) and SE (M =
7.86, SEM = ±6.04) (𝑝 = .181). This analysis was repeated for
cells with the maximum total filament length per sample and
was also found to not be significant between EE (M = 1839.79,
SEM = ±223.36) and SE (M = 1772.95, SEM = ±186.69) (𝑝 =
.826). The standard deviation in total filament length was not
significantly different between EE (M= 315.11, SEM=±34.66)
and SE (M = 297.34, SEM = ±15.86) (𝑝 = .658).

Within each cell, the mean length of GFAP+ individual
filament segments was significantly shorter among EE (M =
5.71, SEM = ±0.31) than SE (M = 7.08, SEM = ±0.43) (𝑡(6) =
−2.576, 𝑝 = .042, Figure 3(a)). In addition, the mean mini-
mum length of individual GFAP+ filaments was significantly
shorter among EE (M = 0.08, SEM = ±0.01) than SE (M =
0.11, SEM = ±0.01) (𝑡(6) = −4.033, 𝑝 = .007, Figure 3(b)).
The mean maximum filament segment length was not sig-
nificantly different between EE (M = 60.64, SEM = ±6.57)
and SE (M = 82.19, SEM = ±10.42) (𝑝 = .131). The standard
deviation in filament segment length was also not significant
between EE (M = 10.68, SEM = ±5.44) and SE (M = 7.37,
SEM = ±0.57) (𝑝 = .587).

The number of filament terminal points was also ana-
lyzed. The mean number of terminal points was not sig-
nificantly different between EE (M = 48.08, SEM = ±8.63)
and SE (M = 27.97, SEM = ±2.34) (𝑝 = .099). The mean
maximum number of terminal points was significantly
greater among EE (M = 225.75, SEM = ±26.02) than SE
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Figure 2: Astrocytes within the granule cell layer and hilus of the dentate gyrus were semiautomatically traced, segmented, and analyzed
using Imaris FilamentTracer.

(M = 111.75, SEM = ±13.44) (𝑡(6) = 3.893, 𝑝 = .008, Fig-
ure 3(c)). The mean minimum number of terminal points
was not significantly different between EE (M = 3.50, SEM =
±1.19) and SE (M = 0.75, SEM = ±0.48) (𝑝 = .100). The
standard deviation in the number of terminal points was also
not significantly different between EE (M = 26.95, SEM =
±9.18) and SE (M = 19.82, SEM = ±2.50) (𝑝 = .501).

The total number of branch points was calculated per
cell. The mean total number of branch points per cell was
not significantly different between EE (M = 42.00, SEM =
±8.26) and SE (M = 23.60, SEM = ±2.17) (𝑝 = .109).
The minimum and maximum number of branch points
per cell were averaged across samples and compared across

groups. The maximum number of branch points was sig-
nificantly greater among animals housed in EE (M =
200.50, SEM = ±20.52) than SE (M = 99.25, SEM = ±9.14)
(𝑡(6) = 4.508, 𝑝 = .004, Figure 4(b)). The standard deviation
in the number of branch points per cell was also calcu-
lated between groups and was significantly greater among
EE animals (M = 30.38, SEM = ±3.92) compared to SE
animals (M = 18.19, SEM = ±2.09) (𝑡(6) = 2.743, 𝑝 = .045,
Figure 4(d)). The mean number of branches was not signifi-
cantly different between EE (M = 11.41, SEM = ±1.88) and SE
(M = 7.72, SEM = ±0.82) (𝑝 = .109). The maximum number
of branches was significantly greater among samples from the
EE group (M = 90.75, SEM = ±8.29) compared to the SE
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Figure 3: (a)Mean length of filament segments (regions between branch points), (b)meanminimumfilament length, and (c)meanmaximum
number of terminal points. ∗ denotes a 𝑝 value of <.05.

group (M = 40.50, SEM = ±4.79) (𝑡(6) = 5.249, 𝑝 = .002,
Figure 4(c)).

The full branch depth (the greatest number of branches
taken to reach a terminal point) was measured per cell and
then averaged per sample and compared across groups. The
value for the cell with the greatest full branch depth per
sample was averaged across samples. Among the EE group,
cells with the maximum branch depth had significantly more
branches (M = 32.00, SEM = ±1.87) than those in the SE
group (M = 22.75, SEM = ±2.72) (𝑡(6) = 2.802, 𝑝 = .031,
Figure 4(a)). The cell with the lowest full branch depth per
sample was also averaged across samples; however there were

no significant differences when compared between EE (M =
1.50, SEM = ±0.87) and SE (M = 0.50, SEM = ±0.29) (𝑝 =
.315). There were no significant differences in the mean full
branch depth between EE (M = 9.47, SEM = ±1.55) and SE
(M = 8.16, SEM = ±0.50) (𝑝 = .453). There were also no
significant differences in standard deviation of full branch
depth between EE (M = 4.19, SEM = ±0.23) and SE (M = 3.91,
SEM = ±0.41) (𝑝 = .573).

Astrocyte filament complexity was further analyzed using
three-dimensional Sholl analysis. The maximum number of
Sholl intersections per sample was averaged across groups
and found to be significantly greater among EE animals
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Figure 4: (a) Mean maximum branch depth. (b) Mean maximum number of branch points. (c) Mean maximum number of branches.
(d) Standard deviation in the number of branch points. (e) Mean maximum number of Sholl intersections. ∗ denotes a 𝑝 value of <.05.
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(M = 78.00, SEM = ±8.33) compared to SE animals (M =
38.75, SEM = ±2.95) (𝑡(6) = 4.438, 𝑝 = .004, Figure 4(e)).
There were no significant differences in the overall mean
number of Sholl intersections between EE (M = 10.16, SEM =
±1.49) and SE (M = 7.11, SEM = ±0.67) (𝑝 = .111). In addi-
tion, the standard deviation of Sholl intersections was not
significantly different between EE (M = 14.50, SEM = ±4.55)
and SE (M = 6.41, SEM = ±0.58) (𝑝 = .128).

4. Discussion

It was hypothesized that enriched environments would
induce an increase in the number and complexity of astro-
cytes in the rat dentate gyrus. However, evidence was not
found for an increase in the number astrocytes, in contrast
to results from other studies in different brain regions such
as the visual cortex [50]. This may be due to a difference
in the mechanisms mediating plasticity in different brain
regions.The possibility that astrocytes respond to EE through
changes in morphology rather than number of cells was
also investigated. The results indicated a significantly shorter
distance between branching points but no differences in the
overall number of Sholl intersections, terminal points, branch
number, or total filament length. However, a more detailed
analysis demonstrated significant differences between cells
with the most complex filaments when compared between
EE and SE.The cells with the maximum value per sample for
the number of Sholl intersections, number of terminal points,
and number of branches per cell were significantly larger
among astrocytes from EE animals. These data suggest that
astrocytes of the dentate gyrus may not be uniformly affected
by EE. Recent work has revealed that astrocyte populations
are genetically and morphologically heterogeneous, even
within individual brain regions [64, 65], a finding that may
explain the differential effects of EE on astrocytemorphology.
Furthermore, it is possible that the effect of EE on astrocytes is
limited primarily to fully mature astrocytes, which are likely
to exhibit a greater degree of filament complexity relative to
more immature astrocytes.

An increase in astrocyte process complexity due to
enriched housing environments may substantially alter the
ability of affected astrocytes to influence neuronal properties
within their domains. In response to EE, neurons form new
dendritic spines as well as modulating the structure and
function of existing spines [20–22]. As a critical regulator of
spine dynamics, astrocytes are likely to be playing a key role in
this process [36–41]. Increased astrocyte filament complexity
in response to EE lends further support to this hypothesis.
A more detailed understanding of how astrocytes affect
plasticity will require further research of the interactions
between newly formed astrocyte processes and the properties
of the synapse in the context of environments of varying
complexity.

It is possible that morphological changes in astrocytes
in response to EE may not be fully evident by merely mea-
suring changes in GFAP expression. Recent studies have
demonstrated that as much as 85% of astrocyte volume is
not shown by GFAP labeling [27]. In addition, not all astro-
cytes express GFAP at significant levels, despite meeting

the other qualifications for astrocyte identity [66]. Thus,
GFAP labeling may fail to capture smaller scale changes in
astrocyte complexity. Nevertheless, these results suggest the
possibility that EE invokes an increase in GFAP filament
complexity among a subset of dentate gyrus astrocytes. New
advances in molecular identification of astrocytes will be an
important step in understanding the heterogeneous plasticity
of astrocytes observed in this study.

Alteration of astrocyte structure and function is a hall-
mark feature of numerous neurological diseases including
neurodegenerative diseases such as Alzheimer’s Disease [56–
59] and Parkinson’s Disease [60, 61], as well as traumatic
brain injury [67–69], stroke [70–73], and epilepsy [52–55, 74–
76]. Activated astrocytes in these diseases undergo reactive
gliosis, which involves the upregulation of astrocyte GFAP,
as well as breakdown of domain specificity [64]. In TBI,
serum levels of GFAP have been proposed as a potential
biomarker of disease severity [68, 69]. As the results from this
study indicate that astrocytes from animal models housed
in SE may exhibit pathologic GFAP filament morphology,
it is crucial to understand what effect housing environment
may have on disease recovery processes and on the results of
studies using animal models in general.

Despite these results, the potential role of astrocytes
in mediating the behavioral effects of EE remains unclear.
Detailed analysis of astrocyte morphological, electrophysio-
logical, and genetic dynamics in the context of EE is crucial
for understanding how plasticity in the dentate gyrus and
other brain regions is controlled. New optical clearing tech-
niques such as piSeeDBwill be critical in understanding these
processes. Despite recent advances in histological methods
which allow imaging of large three-dimensional sections of
tissue, specialized software for the automated analysis of in
situmorphology is limited, and analysis by hand is extremely
time-consuming, especially when dealing with large samples.
New advances in automatic three-dimensional morphology
analysis as well as in processing and storage of large image
data sets are thus critically needed for the study of complex
brain anatomy and physiology.
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Parkinson’s disease (PD) is the most common movement disorder disease in the elderly and is characterized by degeneration of
dopamine neurons and formation of Lewy bodies. Glutamate is themajor excitatory neurotransmitter in the central nervous system
(CNS). If glutamate is not removed promptly in the synaptic cleft, it will excessively stimulate the glutamate receptors and induce
excitotoxic effects on the CNS. With lack of extracellular enzyme to decompose glutamate, glutamate uptake in the synaptic cleft
is mainly achieved by the excitatory amino acid transporters (EAATs, also known as high-affinity glutamate transporters). Current
studies have confirmed that decreased expression and function of EAATs appear in PD animal models. Moreover, single unilateral
administration of EAATs inhibitor in the substantia nigra mimics several PD features and this is a solid evidence supporting that
decreased EAATs contribute to the process of PD. Drugs or treatments promoting the expression and function of EAATs are shown
to attenuate dopamine neurons death in the substantia nigra and striatum, ameliorate the behavior disorder, and improve cognitive
abilities in PD animal models. EAATs are potential effective drug targets in treatment of PD and thus study of relationship between
EAATs and PD has predominant medical significance currently.

1. Introduction

Glutamate is the predominant excitatory neurotransmitter in
the central nervous system (CNS). It is released from presy-
naptic glutamatergic neurons and activates the ionotropic
and metabotropic glutamate receptors located on the postsy-
naptic neurons. Glutamate in the synaptic cleft is kept in a low
concentration, while excessive glutamate will overstimulate
the glutamate receptors and mediate the excitotoxic effects
on the CNS [1, 2]. Previous studies have revealed that
glutamate excitotoxicity induces the dopamine (DA) neurons
death, movement disorder, and cognitive impairment, and
thus glutamate excitotoxicity plays an important role in the
pathogenesis of Parkinson’s disease (PD) [3, 4]. Glutamatez
uptake in the synaptic cleft is performed by the excitatory
amino acid transporters (EAATs, also known as high-affinity
glutamate transporters). Five mammalian EAATs have been

characterized: GLAST (glutamate/aspartate transporter, also
called EAAT1), GLT-1 (glutamate transporter-1, also called
EAAT2), EAAC1 (excitatory amino acid carrier-1, also called
EAAT3), EAAT4, and EAAT5 [5–10]. Among these, astro-
cytic GLT-1 and, to a lesser extent, GLAST are mainly
responsible for the glutamate uptake and mitigate excitotox-
icity. Increasing evidences suggest that dysfunctional EAATs
expressions are found in PD patients andmodels [11–14], and,
moreover, DA neurons expressing EAAC1 are preferentially
affected by EAATs dysfunction and in vitro studies show that
application of EAATs substrate inhibitor is preferentially toxic
for DA neurons by lowering their resistance threshold to
glutamate excitotoxicity [15]. However, it is unclear whether
decreased EAATs expression is the consequence or the cause
of PD. Recently Assous et al. report that single unilateral
administration of EAATs inhibitor in the substantia nigra
mimics several PD features, as they find DA neurons death

Hindawi Publishing Corporation
Neural Plasticity
Volume 2016, Article ID 8941327, 8 pages
http://dx.doi.org/10.1155/2016/8941327

http://dx.doi.org/10.1155/2016/8941327


2 Neural Plasticity

and axons dystrophy in the substantia nigra and striatum, and
the motor disorder appears when DA neurons loss exceeds
50% [16].Thus far this is a solid evidence which supports that
dysfunctional EAATs are linked to the pathogenesis of PD.

In this review, we outline the recent advance of structure,
function, and distribution of EAATs in the CNS, we also
highlight the glutamate excitotoxicity in the pathogenesis of
PD and the role of dysfunctional EAATs in the excitotoxicity,
and we show the related finding in treatment of PD by
upregulating EAATs in recent years.

2. Structure and Function of EAATs

As stated previously, these five mammalian EAATs have been
cloned and characterized [5–10], and they share nearly 50–
60% of homologous sequences [17]. In 2004, Yernool et
al. revealed the crystal structure of prokaryotic aspartate
transporter GltPh from Pyrococcus horikoshii, which is the
homologue of the glutamate transporters [18]. The trans-
port domain for each GltPh subunit is composed of eight
transmembrane (TM) domains TM1–TM8 and two opposite-
facing helical hairpins HP1 and HP2 [18]. Glutamate or
aspartate transport process is operated via an “alternate
access mechanism”; the mode of EAATs action is shown in
Figure 1. Currently, the crystal structures of GltPh at several
different phases have been revealed. Briefly, these phases
contain the substrate binding phase (PDB ID 1XFH), GltPh
binding with TBOA (PBD 2NWW), and GltPh is trapped
in the inward facing state (PDB ID 3KBC), GltPh with two
protomers in an inward facing state and the third in an
intermediate conformation between the outward and inward
facing states (PDB ID 3V8G), and also the newly reported
GltPh in the cation-only bound site (PDB ID 4P1A) [18–22].
These different phases are significant for further study of the
structure and function of eukaryotic glutamate transporter.

EAATs terminate the glutamate excitatory synaptic trans-
mission via uptake of glutamate in the synaptic cleft. In addi-
tion, through clearing the excessive glutamate in the synaptic
cleft, EAATs could modulate the location of metabotropic
glutamate receptor within the synapse, maintain the most
effective distribution of glutamate, and keep the accurate neu-
rotransmission in the synapse [23, 24]. Furthermore, EAATs
can promote the astrocytes near the glutamatergic synapse
releasing glutamine rapidly and provide the neurons with
glutamine for synthesis of glutamate and 𝛾-aminobutyric acid
(𝛾-GABA) [23–25]. Glutamate transporters are also involved
in regulating learning, memory, and the motor behavior [25–
29]. Moreover, EAATs also provide cysteine or glutamate for
the synthesis of glutathione and some other proteins [30].

Among these five subtypes, GLAST is abundantly
expressed in the Bergmann glial cells in the molecular layer
of the cerebellum, and it is also expressed in the spinal
cord, forebrain, inner ear, and retina [31]. GLT-1 is widely
distributed in the CNS and is mainly expressed in astrocytes
in the forebrain, cerebral cortex, hippocampus, and other
regions. Besides, GLT-1 is also expressed in the neurons
in the development stage [7, 32, 33]. Recently, C-terminal
splice variants of GLT-1 are found and among these splice
variants GLT-1a, GLT-1b (also called GLT-1v), and GLT-1c are
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Figure 1: The mode of EAATs action. In the normal condition,
the outward facing empty glutamate transporter (1) binds with
glutamate, H+, and 3 Na+ (2) and turns into the fully loaded carrier
state (3). Followed by releasing the substrates at the intracellular face
(4), the transporter turns into the inward facing empty state (5).
Thereafter, K+ binds to the inward facing transporter (6) and turns
into the K+ loaded transporter state (7). Afterwards, the transporter
releases K+ at the extracellular face (8) and translocates back into the
outward facing empty glutamate transporter state (1).

closely related to the neurodegenerative diseases [34]. They
are mainly expressed in the neurons and also in astrocytes
and microglia, and their distribution in different cell types is
complementary [34]. GLT-1 is responsible for clearing nearly
90% of glutamate in the synaptic cleft. Using conditional
knockout model, Petr et al. find that when astrocytic GLT-1 is
eliminated, glutamate uptake in the forebrain synaptosomes
shows no significant changes [35]. However, when GLT-1 is
deleted in neurons, the glutamate uptake in the synaptosomes
is decreased significantly [35]. This study reveals that lowly
expressed GLT-1 in the neurons is responsible for the most of
glutamate uptake in the forebrain synaptosomes; in addition,
astrocytic and neuronal GLT-1 possibly take on different roles
in the synaptic excitatory neurotransmission [35].

EAAC1 is mainly expressed in the postsynaptic mem-
brane of neurons and is abundantly distributed in the
hippocampal CA1–CA4 region and cortical pyramidal cell
layers. Studies showed that EAAC1 is highly expressed in
the hippocampus of young adult rat and per gram of tissue
containing about 0.013mg of EAAC1 [36]. EAAT4 is limitedly
expressed in the Purkinje cells in the cerebellar molecular
layer and EAAT5 is limitedly expressed in the neurons and
astrocytes in the retina, and it is also expressed in the
photoreceptors, bipolar cells, and amacrine cells [10, 37].
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Recent studies also show that EAAT4 and EAAT5 are also
expressed in type I and II vestibular hair cells [38].

3. Excitotoxicity in the Pathogenesis of
Parkinson’s Disease

3.1. Mechanism of Excitotoxicity in PD. PD is a common
chronic neurodegenerative disease in elderly and is char-
acterized by the progressive degeneration of DA neurons
in the pars compacta of substantia nigra (SNpc) and the
formation of Lewy bodies. Besides, glutamate excitotoxicity
also participates in the pathogenesis of PD. Impaired motor
coordination and dyskinesias in PD have been shown to
be closely linked to the increase of glutamate levels within
the basal ganglia [39–43]. Dopaminergic denervation also
induces dysfunctional corticostriatal glutamate release, and
this circuitry imbalance contributes to further DA neurons
loss in substantia nigra [44]. In addition, depression, demen-
tia, and the nonmotor symptoms in the pathogenesis of PD
attract much more attention nowadays [45–49]. Dysfunction
of glutamate metabolism is also involved in the cognitive
impairment in PD [26, 27].

Excessive glutamate in the synaptic cleft overstimu-
lates the ionotropic and metabotropic glutamate recep-
tors in the postsynaptic membrane and mediates excito-
toxicity. Through overactivating the N-methyl-D-aspartate
(NMDA) receptor, glutamate can induce intracellular Ca2+
overload, production of reactive oxygen species, and reac-
tive nitrogen radicals, result in mitochondrial dysfunction,
and thus lead to the neuronal death; through overacti-
vating 𝛼-amino-3-hydroxy-5-methyl-4-isoxazole-propionic
acid (AMPA) receptor and kainic acid (KA) receptor, glu-
tamate can induce Na+ influx and acute osmotic swelling
of nerve cells and mediate neuronal death [50–55]. Cur-
rent studies also show that, except glutamate, other factors
also could induce excitotoxicity in PD. Alpha-synuclein
could downregulate the expression and function of NR2B-
containing NMDA receptors [56]. Knockout of 𝛼-synuclein
can weaken the decreased expression of NR2B-containing
NMDA receptors mediated by rotenone and reduce the cor-
tical neurons death [56]. Moreover, glutamate also stimulates
group I metabotropic glutamate receptors (mGluR), activates
the intracellular phospholipase C (PLC), and induces the
hydrolysis of PLC into inositol triphosphate (IP3) and dia-
cylglycerol (DAG), wherein IP3 can induce intracellular Ca2+
release and DAG can activate protein kinase C (PKC) and
strengthen the calcium influx mediated by NMDA receptor
and thus these effects induce neuronal death [57–59].

Thus, accumulation of glutamate in the synaptic cleft and
other pathological productions contribute to the pathogene-
sis of PD via different pathways and excitotoxicity is a key link
in the process of PD (Figure 2).

3.2. Malfunction of EAATs Contributes to the Excitotoxicity in
PD. Previously Ferrarese et al. study the glutamate uptake in
platelet in PD patients and normal control, and they find that
glutamate uptake in platelet in PD patients is reduced by 50%
compared with control [60]. Moreover, the glutamate uptake

Glutamate
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DA neurons death;
movement disorder;

cognitive impairment

PD
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improve movement disorder

and cognitive impairment

Therapeutic targets in PD

Ceftriaxone LDN/OSU-0212320

NF-𝜅B PKC/YB-1 · · ·

· · ·

Figure 2: EAATs are therapeutic targets in PD. Excessive glutamate
in the synaptic cleft overstimulates glutamate receptors in the
postsynaptic membrane and mediates excitotoxicity. Glutamate
excitotoxicity can induce the dopamine neurons death, movement
disorder, and cognitive impairment, and thus it contributes to the
pathogenesis of PD. Through upregulation of EAATs, ceftriaxone,
LDN/OSU-0212320, and other drugs can reduce the DA neuron
death in SNpc and striatum, improve the movement disorder and
cognitive impairment in PD, and thus improve the PD progression.
Thus, EAATs are therapeutic targets in PD.

reduction is related to the severity of PD [60]. Generally,
dysfunction of glutamate transporters reduces the glutamate
uptake, mediates the glutamate excitotoxicity and oxidative
stress, damages the DA neurons in substantia nigra, and
thus contributes to the pathogenesis of PD. We stated the
relationship between EAATs and PD as follows.

3.2.1. GLAST and PD. Some studies reported that GLAST
protein expression is significantly decreased in the striatum
at 1 week and 2 weeks after 6-hydroxydopamine (6-OHDA)
lesion [11, 61]. Besides, GLAST mRNA expression is also
decreased in the 6-OHDA lesion rats [41]. Considering
that GLAST plays a lesser important role in the glutamate
uptake, decreased GLAST expression possibly is a product in
the pathogenesis of PD. Salvatore et al. use a novel GLAST
inhibitor UCPH-101 ((2-amino-5,6,7,8-tetrahydro-4-(4-
methoxyphenyl)-7-naphthalen-1-yl)-5-oxo-4H-chromene-3-
carbonitrile) and GLT-1 inhibitor DHK to evaluate the role
of GLAST and GLT-1 in PD.They find that GLAST-mediated
reuptake component in striatum may be relatively minor,
but it can be dramatically promoted when GLT-1 blockade
increases extracellular glutamate levels [12]. Moreover,
GLAST expression is also shown to be increased in striatum
in 6-OHDA lesion rats [62]. As astrocytic GLT-1 is mainly
responsible for glutamate reuptake, these studies reveal that
GLAST may play a compensatory role when GLT-1 function
is impaired in PD.

3.2.2. GLT-1 and PD. As GLT-1 is mainly responsible
for the glutamate uptake in the CNS, increasing evi-
dences indicate the role of GLT-1 in PD. Impaired gluta-
mate uptake and reduced GLT-1 expression are found in
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PD animal models constructed by 6-OHDA, 1-methyl-4-
phenyl-1,2,3,6-tetrahydropyridine (MPTP), and 1-methyl-4-
phenylpyridinium (MPP+) [11–14]. Using GLT-1 inhibitor
blocks the glutamate uptake and reduces the expression of
phosphorylated tyrosine hydroxylase and the synthesis of DA
[12]. Also, DA denervationmay triggermodulations in GLT-1
[63].Thus, these results indicate that GLT-1 dysfunction plays
a role in PD progression. To further explore the role of GLT-1
in PD, recently Assous et al. used the inhibitor of glutamate
transporter PDC to inject in the unilateral SNpc of rats [16].
They findDAneurons death and axons dystrophy in the SNpc
and striatum [16]. When the DA neurons loss exceeds 50%,
the motor disorder appears in rats [16]. This study confirms
that reduced glutamate uptake using glutamate transporter
inhibitor leads to the DA neurons death and progressive
parkinsonism symptoms, and this is a solid evidence which
supports that reduced expression and function of glutamate
transporter are involved in PD.

GLT-1 expression is also found to be increased in response
to injury or excitotoxic insult [64, 65]. Besides, Massie et
al. find that GLT-1 expression is increased in the stria-
tum at 3 weeks and 12 weeks after 6-OHDA lesion [62].
Chronic inflammation is confirmed to contribute to the
pathogenesis of PD [66]; Brothers et al. construct a PD
model of chronic inflammation using lipopolysaccharide
(LPS) and find reduced tyrosine hydroxylase expression
in the substantia nigra and locus coeruleus and also the
microglial activation [67]. Meanwhile, chronic inflammation
increases extracellular glutamate concentration and GLT-1
expression in the hippocampal CA3 and the dentate gyrus
regions [67]. GLT-1 expression and glutamate uptake are
found obviously altered in PD models, and some studies
report the related regulatory mechanism. Since DA neurons
loss is the classical mechanism of PD, Vollbrecht et al. find
that partial prefrontal cortex (PFC) dopamine depletion
increases GLT-1 protein expression in the membrane and
glutamate uptake, but dopamine depletion does not change
the expressions of GLAST and EAAC1 [68]. These results
suggest that dopamine depletion possibly promotes PFC
astrocytic GLT-1 expression and activity via posttranslational
modification [68]. It is clear that nuclear factor-𝜅B (NF-
𝜅B) could bind with the GLT-1 promoter, and activation of
NF-𝜅B signaling pathway is demonstrated to elevate GLT-1
transcription upon ceftriaxone treatment [69]. Our previous
in vitro study indicates that neurotoxinMPP+ decreases GLT-
1 expression in the membrane and induces astrocytic death
via activation ofNF-𝜅B/c-JunN-terminal kinase (JNK)/c-Jun
pathway [70].

3.2.3. EAAC1 and PD. As mentioned previously, neuronal
glutamate transporter EAAC1 is responsible for the glutamate
uptake and cysteine uptake, and the latter is used to synthesize
glutathione. As neuronal EAAC1 does not contribute to bulk
glutamate uptake in the synaptic cleft, increasing studies
focus on the antioxidative effects of EAAC1 in the pathogen-
esis of PD. EAAC1 deficiency mice show age-dependent loss
of DA neurons in the SNpc, and nearly 40% of DA neurons
are lost at 12 months’ age [71]. Meanwhile, DA neurons loss is

accompanied by increased nitrotyrosine formation, nitrosy-
lated 𝛼-synuclein, and microglial activation [71]. Moreover,
Kinoshita et al. find that cysteine in the mesencephalon is
expressed in a diurnal variation manner and is accompanied
by the diurnal fluctuations of EAAC1 protein expression
[72]. MicroRNA-96-5p can downregulate EAAC1 expression,
and intracerebroventricular administration of microRNA-
96-5p inhibitor increases the levels of glutathione and EAAC1
expression in the substantia nigra, suggesting that suppress-
ing microRNA-96-5p shows benefit in the progress of PD
[72].

However, EAAC1 expression is also reported to be
increased in PD patients and models. The in situ hybridiza-
tion results performed by Plaitakis and Shashidharan in
the brain in PD patients suggest that EAAC1 expression is
increased in DA neurons and EAAC1 has a close correlation
with PD [73]. Increased expression and function of EAAC1
are also found in PD animal models [11, 62]. GLT-1 block-
ade increased EAAC1 expression, suggesting the reciprocal
regulation within different EAATs subtypes in PD progres-
sion [12]. Besides participating in glutathione homeostasis,
the glutamate transported by EAAC1 also contributes to
the neuronal metabolism and motor function. EAAC1 may
participate in normal GABA neurosynthesis and plays a role
in epilepsy [74].

As EAAT4 is limitedly expressed in the Purkinje cells
in the cerebellum and EAAT5 is limitedly expressed in
the retina, recently there is still lack of evidence on their
contributions in PD.

These studies suggest that, in the process of PD, reduced
EAATs expression induces the excessive extracellular glu-
tamate and glutamate can damage the DA neurons via
overstimulating the ionotropic and metabotropic glutamate
receptors, while increased EAATs expression is involved
in the compensation mechanism to reduce the glutamate
excitotoxicity.The related regulatorymechanism of EAATs in
PD still needs further study.

4. EAATs Are Potential Therapeutic
Targets in PD

Upregulation of EAATs can weaken the excitotoxic damage
to the CNS. Studies have shown that ceftriaxone can improve
GLT-1 expression by activation of NF-𝜅B and reduce gluta-
mate concentration in the synaptic cleft [69, 75, 76].Through
upregulation of GLT-1, ceftriaxone can reduce the DA neuron
death in the SNpc and striatum and ceftriaxone can also
improve the movement disorder and cognitive impairment
in PD models (Figure 2) [77–80]. Besides, ceftriaxone can
also improve the levodopa-induced dyskinesia via upregu-
lation of GLT-1 [81]. In addition, ATP-sensitive potassium
channel (KATP) opener iptakalim (IPT) can enhance the
glutamate transporter function in astrocytes and reduce the
extracellular glutamate, and thus IPT is also a prospective
drug in treatment of PD [82]. The improvement of behav-
ioral disorder and cognitive impairment by ceftriaxone and
other drugs is closely linked to EAATs, because EAATs
are also reported to participate in modulating learning,
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memory, and also motor function in human being and
animal models [26–29]. MicroRNAs are a novel type of
19- to 22-nucleotide noncoding RNAs that modulate gene
expression primarily at the posttranscriptional level. As stated
previously, suppressing microRNA-96-5p can increase the
levels of glutathione via promoting EAAC1 expression in
PD [72]. Neuronal exosomes containingmicroRNA-124a and
astrocyte-enriched microRNA-181 antagomir can increase
GLT-1 expression and show benefit in forebrain ischemia and
amyotrophic lateral sclerosis (ALS) animal models [83, 84].
These results suggest that microRNAs targeting EAATs are
also possible therapeutic targets in PD. In addition to ceftri-
axone, recently compound LDN/OSU-0212320 is also shown
to promote GLT-1 expression and activity at the translational
level via activation of PKC and subsequent Y-box-binding
protein 1 (YB-1) specially [85] (Figure 2). N-acetylcysteine
administration restores DA neurons loss, nitrosylated 𝛼-
synuclein aggregation, and microglial activation in SNpc in
EAAC1 deficiency mice [70]. Thus, N-acetylcysteine shows
benefit via evaluation of glutathione in treatment of PD.
The locomotor impairment is a common symptom in PD
progression; Arnold and Salvatore indicate that short-term
exercise can attenuate the locomotor impairment in aging
rats via increasing nigral glial cell line-derived neurotrophic
factor (GDNF) receptor, GFR-𝛼1, and EAAC1 expression
in conjunction with increased nigral tyrosine hydroxylase
expression [86]. We previously found that ceftriaxone can
improve the cell viability, glutamate uptake, and GLT-1
expression in the membrane in neurotoxin MPP+-treated
astrocytes [70]. Furthermore, we explore the related mech-
anism and we find that, by inhibiting NF-𝜅B/JNK/c-Jun
pathway, ceftriaxone enhances the astrocytes viability and
attenuates the apoptosis mediated by neurotoxin MPP+, and
ceftriaxone promotes the GLT-1 expression in the membrane
and the glutamate uptake and thus reduces the glutamate
excitotoxicity effects in MPP+-treated astrocytes [70].

In this review we indicate the structural and functional
characters of EAATs and their distribution in the CNS, we
also show that glutamate and other factors can mediate the
excitotoxicity in PD, andwe point out the relatedmechanism,
respectively.Within these, decreased expression and function
of EAATs play a predominant role in the excitotoxic damage
in PD. According to previous studies and our work, we show
that EAATs are novel therapeutic targets in PD and reveal that
the structure, function, and regulation mechanism of EAATs
will be a prospective research area in the clinical practice of
PD.
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Objective. We discuss the influence of anger emotional stress upon VEGF/VEGFR2 and its induced PI3K/AKT/mTOR signal
pathway. Methods. We created a rat model of induced anger (anger-out and anger-in) emotional response using social isolation
and resident-intruder paradigms and assessed changes in hippocampus’ VEGF content, neuroplasticity, and the PI3K/AKT/mTOR
signaling pathway. Results. The resident-intruder method successfully generated anger-out and anger-in models that differed
significantly in composite aggression score, aggression incubation, open field behavior, sucrose preference, and weight gain. Anger
emotional stress decreased synaptic connections and VEGFR2 expression. Anger emotional stress led to abnormal expression of
VEGF/VEGFR2 mRNA and protein and disorderly expression of key factors in the PI3K/AKT/mTOR signal pathway. Fluoxetine
administration ameliorated behavioral abnormalities and damage to hippocampal neurons caused by anger emotional stress, as well
as abnormal expression of some proteins in VEGF/VEGFR2 and its induced PI3K/AKT/mTOR signal pathway. Conclusion. This
research provides a detailed classification of anger emotion and verifies its influence upon VEGF and the VEGF-induced signaling
pathway, thus providing circumstantial evidence of mechanisms by which anger emotion damages neurogenesis. As VEGFR2 can
promote neurogenesis and vasculogenesis in the hippocampus and frontal lobe, these results suggest that anger emotional stress
can result in decreased neurogenesis.

1. Introduction

Research has shown that anger is one of the negative, most
influential emotional responses in interpersonal relationships
and social harmony; it is also the most stressful response and
is comorbid with pathogenesis. Anger is closely linked with
cardiovascular and cerebrovascular diseases, digestive system
diseases, and cancer, as well as psychological disorders and
related behaviors, such as depression and suicide. As anger
serves as a disease-inducing factor, it is important to study
the biological foundation of this emotion [1, 2].

At present, the state of research on the biological mech-
anism of anger emotion is relatively limited. As the core
expression of anger, aggressive behavior has been used as
a measure of anger across the literature. The substrate of

aggressive action is a physiological cascade that involves
GABA and 5-HT, as well as neurosteroids [3–5]. This results
in overactivation of the amygdaloid nucleus, which is in
charge of impulse control, causing the prefrontal cortex
to malfunction [6–11]. Hormones also play an important
role in human aggression. Moderate levels of progesterone,
high levels of testosterone, and a lowered level of corticos-
terone appear to be key factors mediating aggressiveness
[12–16]. Furthermore, allosteric modification of GABAAR
is closely related to aggressive behavior. Moderate levels of
allopregnanolone, high levels of androstenediol, and a posi-
tive endogenous modifier of GABAAR can increase aggres-
siveness [17–20]. Decreased 5-HT can also lead to aggres-
sive behavior. Decreased expression of 5-HT1A receptors in
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the prefrontal cortex and increased raphe nucleus density are
also relevant to aggression [21].

Contemporary research focuses on the cellular and
molecular foundation of mental diseases on trophic factors,
with relevant cell types covering neurons and endothelial
cells. These cells, with highly varied functions, interact with
each other through common signaling molecules. Disorders
of cell signaling pathways can influence cerebral function
and behavioral expression. Multifunction trophic factors,
such as vascular endothelial growth factor (VEGF), can
ameliorate defects in vessel and nerve growth to affect emo-
tional expression and psychodynamic cognition processes.
Understanding the behavior and cellular and molecular
function of multifunction trophic factors like VEGF may
elucidate novel therapeutic targets [22]. VEGF also promotes
angiogenesis, vascular endothelial growth, and vascular per-
meability.

In recent years, VEGF has been found to promote hip-
pocampal neuron growth. Research has confirmed that this
VEGF-induced stimulation of neurogenesis plays an impor-
tant role in neuropsychological diseases and stress responses.
VEGF participates in the stress response to relevant diseases,
particularly depression, and it also plays a role in the activity
of antidepression drugs through serotonin selective reuptake
inhibitor (SSRI) and interacts with the 5-HT system [23].
We predict that VEGF may participate in the expression of
anger emotion caused by a psychological stress response. We
investigated the influence of this process on VEGF and the
possible regulating mechanisms. An understanding of the
influence of anger emotion stress response abnormality upon
VEGF and its regulating processes may inform the biological
foundation of anger emotion.

The current research was designed to create rat models of
anger-out and anger-in expression induced by the resident-
intruder paradigm. By measuring the compound influence
of stress response and fluoxetine intervention upon aggres-
sive behavior, open field behavior, and sucrose preference
level, the behavioral features of anger-out and anger-in rats
with different responses induced by the resident-intruder
paradigm were revealed. We used electron microscopy
to observe the microstructure of hippocampal synapse of
model rats and explore the influence of anger emotional
stress upon the microstructure morphology of hippocampus;
immunofluorescent staining was used to further probe the
influence of anger emotional stress upon neuron expres-
sion of VEGFR2. Real-time PCR and Western blot assays
were used to analyze mRNA and protein expression of
hippocampal VEGF and VEGFR2, as well as the signal
pathway changes of PI3K/AKT/mTOR induced by VEGFR2,
in order to explore relevant biological foundation of VEGF
in anger emotional stress expression. Our research further
revealed the function of VEGF, with anger as the chronic
psychological stress damage disease-inducing factor, and
the function of VEGF and the relevant signal pathway in
relation to psychological stress damage. Taken together, these
results may provide a scientific foundation for researching
and developing intervening drugs for treating anger-related
pathology.

2. Materials and Methods

2.1. Experiment Animals and Drugs. SPF-grade healthy Wis-
tar rats, weighing 250–270 g, and SD rats, weighing 180–
200 g, were used (production permit number SCXK (Beijing)
2012-0001, Beijing Vital River Experiment Animal Co., Ltd.).
Wistar rats were used as experimental animals and were ran-
domly divided into groups. SD male rats were designated as
intruders, eliciting the emotion and behavior of experiment
rats. Each group of experimental rats was weighed at key time
points during the study to assess weight gain.

Laboratory animals were provided by the Laboratory
Animal Center of Shandong Traditional ChineseMedicineUni-
versity (license number: SCXK (LU) 2011-0003). Laboratory
animals were cared for according to “The Care and Use of
Laboratory Animals” by the Laboratory Animal Center of
Shandong Traditional Chinese Medicine University.

Fluoxetine capsules were used (Suzhou Chung-Hwa
Pharmaceutical Co., Ltd., approval number: 53513004). Based
on clinical equivalence conversion, an intragastric dose of
0.267mg/100 g/d was administered to rats according to prod-
uct manual.

2.2. Macro Behavioral Experiment
2.2.1. Open Field Test. An open field test chamber, made of
opaque materials and measuring 100 cm × 100 cm × 40 cm,
was used.The inside wall and floor were gray, and the bottom
was divided into 25 equal zones.The entire field was recorded
from above using a camera. During the test, each rat was
gently placed into the middle grid of the open field chamber,
and its general movement path during 3min was recorded
(Panlab Smart-15 software). The experiment was conducted
in a quiet environment. To account for circadian movement
changes, all studies were conducted at the same time of day.
Before each experiment, ethyl alcohol was used to clean the
floor of the chamber [24, 25].

2.2.2. Sucrose Preference Experiment. The sucrose preference
experiment [26, 27] included 48 h sucrose drinking training
and 1 h test after 24 h of training. 48 h before the experiment,
rats were habituated to drinking water with sucrose. Two bot-
tles of water, with equivalent weights, were given to animals,
one containing 1% sucrose solution and the other containing
common tap water. Every 12 h, the position of the two bottles
was shifted so as to avoid the positional effect of rats in
drinking behavior. After the training, rats were provided
with tap water for 6 h. After 18 h of providing no water or
food, each rat was given two bottles of water (one containing
1% sucrose solution and the other containing common tap
water) for them to drink for 1 h. Consumption of each
liquid was calculated from the weights of the bottles. Sucrose
preference was calculated as follows: sucrose preference rate
= sucrose consumption (g)/[sucrose consumption (g) +water
consumption (g)] × 100%.

2.2.3. Resident-Intruder Anger Emotional Stress Model and
Its Subtype. Animals were placed on a reverse light cycle
to habituate to the environment for one week and bred in
isolation for one more week. Then, they were sent into the
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Table 1: Primers and probes which were used in real-time PCR.

Primer ID Sequence
VEGFR2-forward 5-CCA CAT GGT CTC TCT GGT TG-3

VEGFR2-reverse 5-GGA GGG TTG GCA TAG ACT GT-3

VEGFR2-probe 5-TGG CAC CAT GCA GAC GCT GA-3

VEGF-forward 5-TAT CTT CAA GCC GTC CTG TG-3

VEGF-reverse 5-GAT CCG CAT GAT CTG CAT AG-3

VEGF-probe 5-ATC ATT GCA GCA GCC CGC AC-3

GADPH-forward 5-GTT ACC AGG GCT GCC TTC TC-3

GADPH-reverse 5-GGG TTT CCC GTT GAT GAC C-3

GADPH-probe 5-AAC GGC ACA GTC AAG GCT GAG AAT G-3

resident-intruder experiment. After one week in resident-
intruder experiment, the score of composite aggressive
behavior was calculated. Experimental rats were divided
into two groups based on the median method as follows:
High Aggressive (HA) described the anger-out group, while
Low Aggressive (LA) described the anger-in group [28].
Composite aggression was calculated using the following
formula: composite aggression = [(number of attacks) + 0.2
× (attack duration) + (number of bites) + 0.2 × (on-top
duration) + (piloerection)].

2.3. Transmission ElectronMicroscopy (TEM). On the day fol-
lowing drug administration, 40mg/kg pentobarbital sodium
(Sigma-Aldrich) was used for intraperitoneal anesthesia. The
specific steps were as follows: opened the chest to expose
the heart, inserted the tube through ascending aorta of the
left ventricle, and then used scissors to cut open the auricula
dextra; used precooled 0.9% NaCl solution (provided by
Qilu Hospital, Jinan) followed by 4∘C 4% paraformaldehyde,
0.1mol/L PBS (Beyotime Institute of Biotechnology, pH7.4)
for perfusion, then opened the skull after hardening to take
out the cerebral tissues to be fixed with 2.5% glutaraldehyde
(Sigma-Aldrich). In reference to the stereotaxic atlas of brain,
took 3 parts of brain tissues, measuring 2mm × 2mm ×
2mm, out of hippocampus to be rinsed 8 times for a duration
of 48 h with 0.1M phosphate buffer; used 2% osmic acid
(Sigma-Aldrich) to fix for 1.5 h and rinsed with PBS 5 times;
dehydratedwith 50%, 70%, 80%, 90%, 95%, and 100% acetone
I for 10min and with 100% acetone II and III for 40min,
respectively; used 812 epoxy resin and acetone (Sigma-
Aldrich) 1 : 1 mixed liquor for embedding and saturation for
1.5 h. Pure resin was embedded and polymerized for 3 h at
room temperature, 12 h at 37∘C, 12 h at 45∘C, and 48 h at
60∘C; trimmed the embedding end; sliced and double stained
with uranium lead; and then observed [29] them under TEM
(JEOL, JEM-1400).

2.4. Fluorescent Immunohistochemistry. Sections of hip-
pocampus and frontal lobes were selected based on the
stereotaxic atlas of the rat brain.The distribution of VEGFR2
in lobes and hippocampal brains was observed with a laser
scanning confocal microscope (LSM510, ZEISS, Germany).
Three different angleswere chosen fromeach target brain area
in each slice for imaging [30, 31]. The primary antibody used
was anti-VEGFR2 (Abcam, ab131441, dilution ratio: 1 : 1000),

Table 2: Primary antibodies which were used in Western blotting.

Antibody Supplier Cat. number Dilution
ratio

anti-PI3K Cell Signaling Technology #4257 1 : 1000
anti-pPI3K Cell Signaling Technology #4228 1 : 500
anti-pAKT Cell Signaling Technology #4060 1 : 1000
anti-AKT Cell Signaling Technology #4691 1 : 1000
anti-pmTOR Cell Signaling Technology #5536 1 : 1000
anti-mTOR Cell Signaling Technology #2983 1 : 1000

and the secondary antibody was IgG marked with FITC
(Wuhan Boster Biological Engineering Co., Ltd., BA1105,
dilution ratio: 1 : 50).

2.5. Real-Time qPCR. After the splitting decomposition of
samples, total RNAs (RNA Lyzol, Shanghai ExCell Biology
Co., Ltd., MB000-0012) were extracted and reverse transcrip-
tion (Thermo Scientific RevertAid First Strand cDNA Syn-
thesis Kit,Thermo Scientific Co., Ltd., K1622) was performed
according to the manufacturer’s instructions. The prepared
cDNA samples were used for fluorescent quantification via
RT-PCR (Real-time PCRMasterMix, ToyoboCo., Ltd., QPK-
101T). There were 3 duplication wells for each sample; 7500
Fast system software was used for analysis [32]. The primer
and sequence used were as shown in Table 1.

2.6. Western Blotting. The Western blotting experiment
was conducted according to standard procedures [33].
The primary antibodies used and their dilution ratios are
shown in Table 2. The second antibody was horseradish
peroxidase- (HRP-) conjugated goat anti-mouse IgG (Jack-
son ImmunoResearch, 115-035-166) or HRP-conjugated goat
anti-rabbit IgG (Jackson ImmunoResearch, 111-035-144), with
a dilution ratio of 1 : 5000.

2.7. Statistics. All data were analyzed with GraphPad Prism 5
statistical software and are shown as mean ± SEM. One-way
ANOVA was used for analysis and processing, and 𝑃 < 0.05
indicated statistical significance.

3. Results
3.1. Anger-Out and Anger-In Stress RatModeling and Behavior
Evaluation. We mainly referred to the anger stress model
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Figure 1: (a) Composite aggression scores of HA group and LA group (𝑛 = 36, ∗𝑃 < 0.05). (b) Latency of aggressive behavior of HA group
and LA group (𝑛 = 36, ∗𝑃 < 0.05). (c) Composite aggression scores of anger-out group before and after fluoxetine administration (𝑛 = 12,
∗

𝑃 < 0.05). (d) Composite aggression scores of anger-in group before and after fluoxetine administration (𝑛 = 12, ∗𝑃 < 0.05).

based on resident-intruder paradigm out of territory aware-
ness proposed by Prof. Sieste F. de Boer. After one week in the
resident-intruder mode, the scores of composite aggression
were tested and calculated, and the resident rats were divided
into two groups according to the median method. HA rats
were assigned to the anger-out group (Figure 1(a)) and LA
rats were assigned to the anger-in group (Figure 1(a)).We also
measured the latency of aggression. The HA group showed
shorter latency (Figure 1(b)) and the LA group showed longer
latency (Figure 1(b)). Division into HA and LA groups based
on the median method of composite aggression score was
practically feasible.

We randomly divided the anger-out group, namely, the
HA group, into two groups, including anger-out model
group and anger-out model group with administration of
fluoxetine (Figure 1(c)). We also divided the anger-in group
into two groups randomly, namely, anger-in model group
and anger-in model group with administration of fluoxetine
(Figure 1(d)). It has been shown that fluoxetine can effectively

ease depression, anxiety, and anger emotions induced by
various factors, so fluoxetine serves as an important tool
in studying anger emotion model. After one week of drug
administration, fluoxetine was able to effectively cut down
the aggression scores of both anger-out and anger-in groups
(Figures 1(c) and 1(d)).

Before model making, we tested the body weights for all
groups as the baseline.The body weights were statistically the
same among groups. At key times in modeling, we analyzed
weight gain. After one week in the resident-intruder mode,
the added weight of each group (including model group and
group of fluoxetine administration) significantly decreased
when compared with the control group (Figures 2(a) and
2(c)). After one week of drug administration, the added
weight of model group still decreased when compared with
the control group. Meanwhile, the added weight of the group
with drug administration had returned to the level of the
control group (Figures 2(b) and 2(d)). It is worth noting that,
after one week in the resident-intruder mode, although we
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Figure 2: Continued.
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Figure 2: Quantitative analysis (𝑛 = 12) in weight gain (a, b, c, d), sucrose preference (e, f, g, h), and open field test (i, j, k, l) of anger-out (a,
b, e, f, i, j) and anger-in (c, d, g, h, k, l) groups before (a, c, e, g, i, k) and after (b, d, f, h, j, l) fluoxetine administration (∗𝑃 < 0.05).
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Control group Anger-out group Anger-in group
Anger-out group

fluoxetine administration
Anger-in group

fluoxetine administration

Figure 3: Synaptic ultrastructure in hippocampal CA3 of control, anger-out, anger-in, fluoxetine treated anger-out, and fluoxetine treated
anger-in groups. Arrow heads were used to highlight synapses. Scale bar: 0.2 𝜇m.

conducted statistics and analysis of the weight gains of each
group, drug had not been administered. In other words, after
twoweeks in the resident-intrudermode, the groupwith drug
administration had only received the drug for one week.

We also conducted the sucrose preference test and open
field test. The results of the sucrose preference experiment
showed that after one week in the resident-intruder mode
the sucrose preference level of each group dropped sig-
nificantly (Figures 2(e) and 2(g)); after one week of drug
administration, the sucrose preference level of the model
group registered a significant decrease when compared with
the control group, while the group with drug administration
returned to the level of the control group (Figures 2(f) and
2(h)). On the other hand, open field test results showed that
after one week in the resident-intruder mode the open field
score for each group increased significantly (Figures 2(i) and
2(k)); after one week of drug administration, the open field
score of the model group improved when compared with
the control group, while the group with drug administration
returned to the level of the control group (Figures 2(j) and
2(l)).

3.2. Influence of Anger Stress upon the Microstructure of
Hippocampal Synapse of Rats as well as the Distribution and
Number of VEGFR2 Positive Cells in Hippocampus and Lobe.
Hippocampal neurons in the control group were complete
and clear in structure, with structurally complete mitochon-
dria, clearmitochondria ridge, full and rich postsynaptic den-
sity, and clearly visible synaptic vesicles, as well as increasing
synaptic connections (Figure 3). Mitochondrial structure in
the model group was normal, with spindle-shaped neurons,
increased ribosomes, and decreased numbers of other cells,
as well as decreased synaptic connections. Administration of
fluoxetine was able to improve these deficits to some extent
(Figure 3).

Immunofluorescence results showed that there were a
large number of VEGFR2 positive cells in the hippocampus
andCA3 area, with closely arrayed pyramidal cells (Figure 4).
In addition, the number of VEGFR2 positive cells in the
hippocampus and CA3 area of rats subjected to the resident-
intruder paradigm decreased, with loose array and irregular-
ity (Figure 4). Moreover, both anger-in and anger-out groups
exhibited decreased number of VEGFR2 positive cells. These
deficits were attenuated after administration of fluoxetine
(Figure 4).
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Control
Anger-out or

anger-in group administration
Fluoxetine

Figure 4: Hippocampal CA3 and frontal lobe (of control, anger-
in/anger-out, and fluoxetine administration groups) were stained
with anti-VEGFR2 antibody. Scale bar: 100 𝜇m.

3.3. Influence of Anger-Out and Anger-In Stress upon VEGF
and VEGFR2 in Rat’s Hippocampus and Lobe, as well as the
Induced PI3k/AKT/mTOR. We used fluorescent quantitative
PCR to detect VEGF and VEGFR2 mRNA levels in rat’s
hippocampus and frontal lobe.The results showed that, when
compared to the control group, the mRNA expression of
VEGF in hippocampus and lobe decreased in the model
group (Figure 5(a)) and that fluoxetine administration could
significantly attenuate decreases caused by anger emotional
stress (Figure 5(a)). However, there was no significant differ-
ence between the two brain regions of VEGFR2 mRNA in
each group (Figure 5(b)).

We then used Western blotting to detect expression
changes of relevant proteins in the PI3k/AKT/mTOR signal
pathway induced by VEGF and VEGFR2 (Figure 6(a)). The
results showed that the anger-out group registered decreased
pmTOR protein expression compared to the control group
(Figure 6(b)) and that administration of fluoxetine could
improve the situation significantly (Figure 6(b)). When com-
pared with the control group, pmTOR expression in the
anger-in group decreased, and fluoxetine administration
failed to improve it (Figure 6(b)).

The tmTOR expression of the anger-out group had no
significant changes when compared with the other groups,
including the control group (Figure 6(c)). The tmTOR
expression of the anger-in groupdecreased significantlywhen
compared with the control group, and fluoxetine administra-
tion failed to improve it (Figure 6(c)).
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Figure 5: Quantitative analysis (𝑛 = 5) in VEGF mRNA (a) and VEGFR2 mRNA (b) of hippocampus and frontal lobe. Control, anger-out,
anger-in, fluoxetine treated anger-out, and fluoxetine treated anger-in groups were tested (∗𝑃 < 0.05).

As for pPI3Kp85 level, its expression in the anger-
out group registered greater improvement than the control
group (Figure 6(d)), and fluoxetine administration greatly
improved the expression of pPI3Kp85 level in the anger-
out group (Figure 6(d)). The expression of pPI3Kp85 in the
anger-in group registered a greater decrease than the control
group (Figure 6(d)), and fluoxetine administration could
greatly improve the situation (Figure 6(d)). The tPI3Kp85
expression of all experimental groups (including anger-out
group, anger-in group, and both fluoxetine administration
groups) had no significant changes when compared with
control group (Figure 6(e)).

Moreover, the pAKT expression at the anger-out group
showed greater improvement than the control group
(Figure 6(f)), and fluoxetine administration significantly
increased pAKT expression in the anger-out group
(Figure 6(f)). The expression of pAKT in the anger-in
group registered a greater improvement than the control
group, and fluoxetine administration significantly increased
pAKT expression among anger-in rats (Figure 6(f)).

Finally, we discovered that tAKT expression in the anger-
out group registered a greater improvement than the control
group (Figure 6(g)) and that fluoxetine administration failed
to improve it (Figure 6(g)). The expression of tAKT in the
anger-in group also registered a greater improvement than
the control group, and fluoxetine administration had no
statistically significant effect in improving the expression
(Figure 6(g)).

4. Discussion
This research takes advantage of the resident-intruder
paradigm to establish the anger emotional model, further

divides anger into two groups, anger-out and anger-in,
and then explores the biological mechanisms of anger in
living creatures. Behavioral changes induced by the resident-
intruder paradigm are considered to be similar to human
aggression. Although aggressive behavior is not defined as
anger, the anger neuroendocrine mechanism is very similar
to the human emotion of anger [34] and it is widely believed
that aggressive behavior is caused by anger [35].

As a result of population research, scientists have divided
anger into anger-out and anger-in groups. Twice, they have
developed and revised the state-trait anger inventory (STAXI)
to distinguish anger into two different modes of expres-
sion [36]. Present research distinguishes anger-out group
from anger-in group according to the median method of
aggression scores. After one week of the resident-intruder
mode, we observed decreased weight gain in each group
when compared with the control group. This demonstrates
the same effect of inhibiting weight gain through emotional
stress, as observed with chronic unpredictable mild stress
(CUMS) [37]. After one week of fluoxetine administration
(second week of resident-intruder paradigm), there was no
significant difference of weight gain between anger emotional
stress groups and the control group. On the other hand, after
one week in the resident-intruder mode, the anger-out group
had a higher score in composite aggression than the control
group, and anger-out group exhibited a shorter latency of
aggression than the anger-in group. After fluoxetine admin-
istration, the score of composite aggression in each anger
emotional stress group dropped significantly, compared to
groups without administration. The above-described infor-
mation indicates that the modeling is successful in setting up
the major evaluation indexes.
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Figure 6: Continued.
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Figure 6: (a) Western blotting was performed with hippocampus’ samples of control, anger-out, anger-in, fluoxetine treated anger-out, and
fluoxetine treated anger-in groups. (b) Quantitative analysis (𝑛 = 8) in pmTOR protein level (∗𝑃 < 0.05). (c) Quantitative analysis (𝑛 = 8) in
tmTOR protein level (∗𝑃 < 0.05). (d) Quantitative analysis (𝑛 = 8) in pPI3Kp85 protein level (∗𝑃 < 0.05). (e) Quantitative analysis (𝑛 = 8) in
tPI3Kp85 protein level. (f) Quantitative analysis (𝑛 = 8) in pAKT protein level (∗𝑃 < 0.05). (g) Quantitative analysis (𝑛 = 8) in tAKT protein
level (∗𝑃 < 0.05).

Rodents are very sensitive to sweet solutions (common
sugar water), so sucrose drinking amount and sucrose prefer-
ence level are often used to evaluate the degree of anhedonia.
They are more frequently used in depression and anxiety
models and serve as an important sensitive index for eval-
uation [38]. This is the first study to link anhedonia to anger
emotion. After one week in the resident-intruder mode, the
sucrose preference level significantly decreased at each group
when compared with the control group, but after fluoxetine
administration the level of the model group still dropped
greatly, while the level at the group with administration
returned to the level of the control group, revealing the
presence of anhedonia during expression of the emotion of
anger. The open field test is designed to assess cognition of,
anxiety-like behavior towards, and interest in the outside
world and assesses behavioral inhibition and increased fear,
as well as decreased social behavior, through the activity level
of subjects [39]. The open field behavior can be measured
using several parameters, among which horizontal score
reflects the excitement of animals and vertical score reflects
the uncertainty and exploration trend of animals against the
surroundings. The total score in open field test is a general
reflection of the exploratory behaviors and motivation of
animals. After one week in the resident-intruder model,
the total score of open field test of each group improved
significantly when compared with the control group; fluox-
etine administration produced control-like behavior in the
open field test. This indicates that the motivation of rats
was increased following the resident-intruder test and that
fluoxetine was able to regulate this emotionality.

Although aggressive behavior is not defined as anger,
this research modeled valid subtypes for anger based on

composite aggression scores and obtained valid results from
subsequent behavioral tests. As a result, we believe that
aggressive behavior plays an important role in the generation
and development of anger emotion, which, to some degree,
prompts us to connect the research on anger and the research
on aggression. Research shows that disorders of the 5-HT
system can lead to impulsive aggressive behavior [40–44].
In addition, activation and distribution of different 5-HT
receptors are related to aggression [45]. 5-HT1A receptors
are distributed in presynaptic membranes of the raphe
nucleus, prefrontal cortex, and amygdala and postsynaptic
membranes of 5-HT neurons in the hippocampus. Our work
shows that rats with anger stress had more spindle-shaped
hippocampal neurons, more ribosomes, less organelles, and
fewer synaptic connections (Figure 3) and that, after fluox-
etine administration, these deficits could be improved to
some extent (Figure 3). These results provide evidence for a
relationship between aggression and anger.

Synaptic plasticity serves as importantmeans formessage
transfer and processing among neurons. Here we show
evidence of damage to microstructures in the hippocampal
CA3 area among anger-out and anger-in rats. The decrease
in synapse number and structural damage can influence the
release of neurotransmitters, hence hindering message trans-
fer in the central nervous system.The damage to the neurons
in the hippocampal CA3 area and microstructure of synapse
indicates that anger emotional stress harms the plasticity of
central nervous system. Meanwhile, chronic stress, caused
by emotional stress exceeding the bearing capacity of the
living body, will cause disorders in many aspects like mood,
nerve, internal secretion and immunity, and changes in brain
structure, as well as learning and memory.
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There have been multiple studies concerning the role of
VEGF in depression, with a focus on the PI3K/AKT/mTOR
signal pathway influencing the process of pathogenesis [46]
and neurogenesis [47]. As emotional stress abnormality,
after discovering the influence of anger emotion upon
hippocampal structure, this research further explored the
effects of anger on the PI3K/AKT/mTOR signal pathway
induced by VEGF and its receptor VEGFR2. It was found
out that the content of hippocampal VEGF dropped during
anger emotional stress. The expression of mRNA of VEGF
in hippocampus and lobes decreased, while there was no
significant change to the mRNA expression of VEGFR2.
The reason may lie in the fact that VEGFR2 plays its role
mainly through protein expression levels. The mode of anger
expression not only is connected with external stress but
also is related to individual physiological and psychological
features, which determines different responses of organisms
to external stress. The expression level of key proteins in
PI3K/AKT/mTOR signaling pathway is in disorder, pmTOR,
pPI3Kp85, and pAKT in particular. Protein phosphorylation
is called the “door to life,” as a protein will be activated after
phosphorylation, giving way to its biological function. This
complexity of change may be related to the complexity and
networking nature of signal pathway. Further research will be
required to assess these effects.

In summary, this research provides a detailed classifica-
tion of anger emotion and provides evidence of the influence
of anger emotion upon VEGF and its signal pathway. This
may provide a mechanism by which anger impairs neuro-
genesis through influencing VEGF/VEGFR2 and its induced
PI3k/AKT/mTOR signal pathway.
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Several explanations have been proposed to account for the mechanisms of neuroglial interactions involved in neural plasticity.
We review experimental results addressing plastic nonlinear interactions between glial membranes and synaptic terminals. These
results indicate the necessity of elaborating on a model based on the dynamics of hydroionic waves within the neuropil. These
waves have been detected in a small scale experimental model of the central nervous system, the in vitro retina. We suggest that the
brain, as the heart and kidney, is a system for which the state of water is functional.The use of nonlinear thermodynamics supports
experiments at convenient biological spatiotemporal scales, while an understanding of the properties of ions and their interactions
with water requires explanations based on quantum theories. In our approach, neural plasticity is seen as part of a larger process that
encompasses higher brain functions; in this regard, hydroionic waves within the neuropil are considered to carry both physiological
and cognitive functions.

1. Introduction

We discuss the plastic nonlinear interactions between
glial membranes and synaptic terminals, using physical-
chemical (electrochemical) concepts to describe the basic
brain dynamics that carry psychophysical processes. In our
approach, the Hodgkin-Huxley membrane model was not
relevant for the explanation of experimental results. Instead,
Ichigi Tasaki’s membrane model [1–4] and Katchalsky’s [5–
7] proposed synapse model are the foundations of the
interpretation of our electrophysiological and optical data
obtained from experiments with in vitro retinas.

The spreading depression is a general central grey matter
phenomenon predicted by Lashley in 1941 [8]. There is
an aphorism in this field of research that “to understand
spreading depression is to understand the brain.” Based on
the evolution of his own scotomas preceding a full-fledged
migraine attack, Lashley predicted an excitation/inhibition
wave spreading in the primary visual cortex and correctly

estimated its velocity at 3mm/min. The distortion of percep-
tion that accompanies the wave made him interpret it as a
psychophysical phenomenon, as expressed in the paper’s title
[8].

This model of brain activity advanced by Lashley has not
been hegemonic within the neurosciences community but
was kept alive by a minority of researchers. For example, just
two years after Tasaki and Chang’s paper on cortical glial
cells slow potentials [9] and its implicit contribution to the
EEG, Galambos [10] published an enthusiastic review of the
role of glia in the brain. The role of polyelectrolytes (in this
case polyanions) in synapses and their role in the brain self-
organizationwere clearly stated byKatchalsky [6, 7] in the late
sixties and early seventies of the XX century.

The explanatory value of a scientific conjecture can be
confirmed if it permits clear predictions and these pre-
dictions are supported by experimental results. We quote
directly Neumann and Katchalsky [11]: “Controlled changes
in the environment of metastable macromols or subcellular
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macromol. organizations such as membranes by high elec.
fields or by ion gradients can induce conformational changes
which could serve as reproducible imprints of a memory
nature.” Note that the supramolecular structure of biological
polyanionic gels creates electromagnetic fields that in turn
influence the metastable state of these gels (a case of “circular
causation,” a concept that plays a central role in synergetics
and systems control theories). Estimations of these fields
range in the order of 300,000V/cm2 [6]. Shortly after this
prediction, in 1977, a type of long-term memory (with a
duration of two weeks) was demonstrated in the basement
membrane of striated muscles [12]. This finding has been
confirmed many times over (see, e.g., [13–15]). These results
led to the suggestion that information could be embodied not
in special molecules, but in the energy pattern generated by
the macroscopic supramolecular structure.

A second vantage of the electrochemical approach to the
neuropil is that it is a unifying explanation for apparently
disparate research results: for instance, the effects of lithium
on the heart and its usage in psychiatry to control bipolar
disorder; the effects of cationic proteins in both tissues;
the physical-chemical (i.e., the solvent and not the isotope)
effects of deuterium in the retina model, as well as in
psychiatry (explaining the reported increase of depression in
populations submitted to high concentration of deuterium in
drinking water; see [16]).

All the above results are discussed in the following
sections. We begin with deuterium as solvent in two electro-
chemical systems; then, we discuss the role of the basement
membrane in the emergence of dynamic structures and
proceed to discuss the limitations of electrophysiological
recordings within the neuropil, when these dynamic patterns
are studied.The presence of remarkable intrinsic optic signals
(IOS) in retinal grey matter adds a new dimension to these
studies. Two recent publications give a detailed description
of the retinal IOS and how to use it in research [17, 18].

2. The Deuterium Experimental Results and
the Fourth State of Water

The deuterium solvent experiments series complemented a
long series of experiments aimed at comparing the behavior
of two very convenient excitable media systems: the excita-
tion states in in vitro retinas and the Belousov-Zhabotinsky
reaction system (B-Z; for the definition and history of this
chemical system, see Zhabotinsky’s article in Scholarpedia
[19]). Both are well-known excitable media and share the
same descriptive mathematical dynamics. Zykov [20] states
the mathematical identity between the biological equations
of FitzHug Nagumo and Brusselator [21] of Ilya Prigogine
chemical equations systems. In addition, there is a very good
definition of excitable media in the chapter.

We have analyzed dynamical waves in retinas as a two-
dimensional electrochemical pattern. In Brazil, the first set of
comparative experiments in biological and chemical system
was made in 1980: a circling B-Z system in analogy with
the circling retinal waves created by Martins-Ferreira in
1974 [22, 23]. Later on, one of the authors was part of

a research group that proceeded to compare the two systems’
behavior usingmodulation of physical fields, electromagnetic
and gravitational [24–26]. The similarity in response was
uncanny. For example, at similar temperature, the circling
retinal waves and B-Z waves spread at very close velocities,
and the retina and the B-Z system in gel react to increases
of gravitational forces and to microgravity in the same
qualitative way.

Deuterium solutions have different physical properties
than water solutions, as shown by Katz in 1960 [27]. The
use of liquid deuterium as solvent interferes with the global
coupling observed in excitable media [28, 29]. Liquid deu-
terium and water have similar dielectric constant and surface
tension. By contrast, the viscosity of deuterium at 25∘C is 25%
greater than that of water. Also significant is the temperature
of maximum density (g/cc): 3.98∘C for water and 11.2∘C for
deuterium. This difference made researchers speculate that
some effects of liquid deuterium would mimic temperature
effects [27, 30, 31]. However, the greater difference (except
for mass) between the isotopes is in self-ionization: liquid
deuteriumdissociation is five times smaller than that of water.

Previous experimental research with deuterium gave a
20% lower flow within aquaporins [32] for deuterium com-
pared to water. Based on earlier reports that the deuterium
effect was equal to a temperature difference of 4 degrees [30,
31], we expected a milder effect on retinas and a larger effect
on the B-Z reaction system. Zhabotinsky remarked that “the
Belousov-Zhabotinsky (BZ) reaction is a family of oscillating
chemical reactions. During these reactions, transition-metal
ions catalyze oxidation of various, usually organic, reductants
by bromic acid in acidic water solution. . .. The BZ reaction
can generate up to several thousand oscillatory cycles in a
closed system, which permits studying chemical waves and
patterns without constant replenishment of reactants” [19].

In spite of the expectation, retinal excitation waves and B-
Z systems responded in the same way, with complete collapse
of excitability in a short time. This was a very powerful
change in both systems. The role of self-ionization of water
in spreading depression was unclear until we learned about
the work of Pollack and Bunkin with interfacial water close
to polyelectrolytes [33–38]. To summarize these results, we
can say that when water is close to hydrophilic polyanions
(or cations), it assumes a state that has the properties of
quasi-liquid crystals! [39]. For example, the Bunkin group
found that its refractive index is 1.46 (while water has 1.332)
and that the interface is anisotropically sharing the optical
properties of photonic crystals.This structure is very dynamic
and fragile and disrupted by ultrasound. Therefore, when
liquid deuterium substitutes water, the diminished capacity
for self-ionization impairs the formation and increases the
fragility of these crystals and the system excitability collapses.

A very important point to be made for the structured
interfacial water is that it stores electrical energy and a
negative potential surges at the interface. At the interface
with the synthetic Nafion, this structure has a range of
more than 100 𝜇m and a negative potential of 120mV.
This negative interfacial potential can explain the three-
to-four mV potential drop one measures in electrophysi-
ological recordings when one electrode enters the tissue.
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(a) (b)

(c)

Figure 1: Experiment with the B-Z system. Clockwise: (a) the catalyzer ferroin was fixed in silica gel. One hour after covering the gel with the
reactants, several centers begin to create propagating circular waves that cause annihilation of each other upon collision.The whole Petri dish
(10 cm diameter) is filled with the self-organized spatiotemporal pattern; (b) detail of another experiment showing the temporal evolution of
the B-Z system using water as solvent; (c) experiment of B-Z in gel in which deuterium was used as solvent. Only about one-third of the Petri
dish is occupied by the propagating waves. The grid overlaying the dish has 2.0 cm spacing. A few reactive centers send waves that died out
long before reaching the border of the Petri dish. The waves become “fuzzy” and disappear. The propagation velocity was five times slower
than the ones in the water gel.The deuterium systems also were short-lived compared to the water systems.The results suggest the importance
of dissociated water in the B-Z system (figure modified from [28]).

In Figures 1(a) and 1(c), we show two self-organized wave
patterns of B-Z reaction in gel using water (a) and deuterium
as solvent (c). The spatial scale of the pattern shown in (c) is
four times amplified compared to (a).

In water, B-Z waves occupy the whole Petri dish within
the first hour of the experiment. In deuterium, only a fraction
of the dish showed waves and these waves had blurred
endings and died before travelling to the border.

Out of seven retinas submitted to liquid deuterium,
two (from the same animal) were dead within the hour.
Both displayed the typical excitotoxic optical profile before
tissue death (see [18]). The other five became unstable and
developed “spontaneous” activity [29], in which the optical
profiles also changed from wave to wave. Some of these
optical profiles had resemblance to waves recorded at 20∘C
[40], whereas others had the absence of the second peak one
finds in low glucose conditions leading to tissue exhaustion
[41]. After one hour or so of such activity, the retinas
were unexcitable for the next two hours of washing off the
deuterium, when the experiments were finished.

Experimental results at the extracellular matrix of the
inner plexiform layer of chick retinas showed a fast (in

the order of seconds) pH shift in the alkaline direction at
the wave onset [42]. Similar records made intracellularly in
astrocytes [43] showed a similar pH shift during spreading
depression. It is tempting to interpret this early alkaline shift
as the loss of the self-ionized hydronium ions around the
polyanions. The Glial Fibrillary Acidic Protein appears to be
the ideal candidate for inducing the formation of quasi-liquid
crystals inside the cells.Thus, the depolarization of spreading
depression could well be dominated by the transient loss of
this structure intra- and extracellularly and therefore the loss
of transparency.

We learned from the liquid deuterium experiments the
crucial role of hydronium ions in the brain. The next
important question was as follows: what is the brain doing
with the energy of the interfacial water?

3. The Basement Membrane/Glial Endfeet
CNS Interface and Its Interactions with
Complex Molecules

The experiments presented in this section have in common
complex molecules that did not easily penetrate the tissue
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and hence had to interact with the basement membrane glial
endfeet.They showed a powerful transducer role for the tissue
interface.

The glycoside ouabain is a large hydrophilic molecule and
as such it is poorly permeable in lipid membranes. On the
other hand, it is a well-known blocker of the Na/K ATPase
activity. The putative place of the blockade is an extracellular
loop close to the lipid bilayer. Therefore, in order to reach
the loop, ouabain has to negotiate a pathway through the
200𝜇m thick layer of polyanions continuous to the lipid
bilayer. We applied ouabain to in vitro chick retinas, first in
circling experiments and later with exogenous pulses or slow
perfusion [44].

In this avascular retina, the metabolism depends one
hundred percent on anaerobic glycolysis performed in the
glia [45].Moreover, there is tight coupling between the rate of
ion transport and the production of lactate by glia (for details
and relevant literature, see [18, 45]). The consequence of
stopping ion transport is a halt inmetabolism and subsequent
change in the ATP/ADP ratio. We used short pulses as well
as slow perfusion to apply ouabain from 1mM to 10 nM
concentration [44]. All 10 retinas were deadwithin one to two
hours of exposition to ouabain. In this series of experiments,
we could distinguish two pathways to tissue death: an acute
cell lysis that has the appearance of a macroscopic edema
[18, 45] and a second type of evolution to death (apoptosis?)
without the edema.

At the lowest concentration of 10 nM, the onset of the
excitotoxic response had a latency of 30 minutes whereas
the onset was 20–30 seconds with 1mM. The nanomolar
concentration range is the hormonal range and indeed
the hypothalamus and suprarenal glands produce cardiac
glycosides (see references at [18, 44]). It happens that the
𝛽 subunit of the glia ATPase is an adhesion molecule [46,
47]. In epithelium, adhesion molecules are closely linked to
apoptosis. Therefore, the tissue death induced by nanomolar
concentration of ouabain could be a consequence of subunit
interaction mechanisms rather than ion transport blockade.
It was in the lowest concentration that we observed slow
death without the macroscopic edema of acute cell lysis. All
in all, these experiments showed a dominant role of the glial
network in the control of the tissue state.

The ubiquitous Na/K ATPase exemplified the transducer
role of the glia. Phase transitions also have an important role
in the spread of excitation. Gyroxin (28KD) is a toxin of
the Brazilian rattlesnake venom (2% of the proteins), which
caused seizures in rats andmice, but did not have explanatory
mechanisms for its CNS action until we applied it to in vitro
retinas [48]. It has enzymatic activity as a serinoprotease like
the thrombin, and up to 30% of its weight is carbohydrate. It
is one unlikely candidate to cross the blood brain barrier and
yet it produces seizures in rats and mice.

At high concentration short pulses (0.500 𝜇g/500 𝜇L), the
rise of the excitotoxic response was so fast that it precluded
the toxin entering the tissue. The change had to be at the
basement membrane endfeet interface. The change in optical
properties was five to six times larger than that measured
at the peak of the first optical component of the retinal
spreading depression waves. The change in the optical signal

was in the millisecond range. For comparison, a similar large
pulse of glutamate (1mM/500𝜇L) elicits excitotoxicity with
a latency of 4 seconds. With the large volume pulse, the IOS
of the whole central retina changed at once. In order to see
propagation of this change, we used micro pulses with only
50 𝜇L volume aspersed close to the retina surface. In this case,
we could see propagation of the excitation with speed also up
to five times the spread of retinal circular waves.

Serinoproteases like thrombin cause platelet aggregation
and this aggregation is in itself an abrupt change akin to
phase transitions. Essays made to compare gyroxin and
thrombin produced similar activity for both [48].This action
is due to PAR (Protein Activated Receptors members of the
7TM receptor family). These receptors have a prominent
extracellular loop that is cut by the activating enzyme in an
irreversible faction. That apparently was the trigger for the
gyroxin excitotoxic response. A conformational change that
spreads through the basement membrane is a clear example of
phase transition in polyelectrolytes that abruptly changes the
glia neural dynamics. In mammalian CNS, PAR were local-
ized in glia membrane and endothelial basement membrane.
Glia PAR activation leads to neuronal activation [49]. The
retinal gyroxin results confirmed the interpretation of neural
glial dynamics in slices. Because chicken retina is avascular,
no vascular component of the basement membrane was
present at the vitreal retina interface; only the glia basement
membrane contacted the gyroxin. To explain the seizures
in rats and mice, either gyroxin acted at the AV3V system
in which the blood brain barrier does not exist or gyroxin
could cause breakdown of the barrier. Essays confirmed
that it did cause this breakdown [48]. This mechanism of
triggering seizures could only be proposed due to the added
dimension of the strong intrinsic optical signal present in
retinal experiments.

The membrane model that assigns a prominent role for
phase transition in polyelectrolytes is the Tasaki model [2, 3].
The phase transitions of interest are “volume phase transi-
tions” of polyelectrolytes. A change in electrical field or of ion
activity can bring about abrupt changes in polyanions. Once
started, they spread through the network. Within this model,
the action potential is an electrochemical wave propagating
at one dimension, while a retinal spreading depression wave
is a wave in two dimensions, and a heartbeat is a propagating
pattern in three dimensions. At least for the in vitro retina, it
is long known that glia and extracellular matrix are sufficient
to maintain propagation of a wave without changes in the
optical signal and at the same velocity of the neuropil spread.
This is due to the optical nerve papilla, a place where only
exiting axons and glia are present. It covers a relatively large
area continuous to the pecten.Waves invade this area without
changes in the optical signal. The Müller cells of chicken
retina also do not have gap junctions and have only very few
mitochondria.These are located close to the receptor layer far
away from the inner plexiform layer, the place where all wave
concomitants are at maximum value [17, 18]. Thus, theories
assigning important roles for gap junctions or mitochondria
in spreading depression do not agree with results of retina
experiments. The propagation within the papilla shows that
the glial network is necessary and sufficient for maintaining
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propagation, while the gyroxin experiments showed that the
endfeet layer can initiate excitotoxic responses that propagate
in the system.

In the previous section, we described a pathway toward
tissue excitability collapse in the presence of deuterium. The
tissue lost transparency and hence functionality. In here,
we describe another pathway toward excitability collapse in
which transparency increased and the tissue appeared in very
good shape. We refer to the experiments with protamine, a
small (32 amino acids), cationic, naturally occurring protein.
In medicine, the avidity of protamine for heparan sulfate
(heparin) is used in patients being weaned off anticoagulant
treatment. The protein is a polyarginine that in acid pH can
acquire a charge of +11. Heparan sulfate is a constituent of
glycocalyx and basement membranes (indeed, it is very hard
to decide when glycocalyx ends and the basement membrane
begins). Essays in vitro [50] with heparinized human plasma
showed that protamine made stable (up to 4 hours), large
(100 nm) heteropolymers complexes with heparin in plasma.

In retinas, the results were just fascinating [51]: protamine
induced excitability collapse in 32–34 minutes at concentra-
tions of 0.625 and 1.25 nM [51]. Several waves were observed
in this interval. A video recorded the passage of waves in
central retina, and optical profileswere acquired at two spatial
dimensions, a macro profile obtained from a photomultiplier
sampling a circular area of 1mmdiameter and a 50 𝜇msquare
matrix of pixels obtained from a camera signal. This micro
optical signal recorded as close as possible to an electrode
tip that measured the potential drop associated with the
retinal waves. The photomultiplier counted the amount of
scattered light by the retina and its baseline quantified the
shifts in transparency. The retinas just became more and
more transparent with time, and the observed waves became
split with larger and larger areas not invaded by the waves.
With 22.7 nM, the excitability collapse occurred in three
minutes. More interestingly, the wave optical profiles just
became smaller such that if one compares the profile obtained
before the protamine application with the last obtained
before complete collapse of excitability, the later looks like
a miniature version of the first, suggesting that membrane
mechanisms and tissue metabolism were not affected by the
protein. It appeared that the heteropolymers created by the
cationic peptide were far away from the endfeet membrane
and the effect was purely physical, a type of mechanical
clamping of the basement membrane that prevents wave
propagation.

Two facts support this interpretation: first, a functional
retina is a transparent one and the degree of transparency is
extremely sensitive to membrane states and tissue metabolic
state; second, mechanical stimuli did irritate the tissue and
with strongmechanical touch that can create large lesions, we
could see initial propagation that died out after 250–300𝜇m.
With these results, we could predict a similar effect on heart
and axons. Indeed, protamine blocks action potentials in
axons [51]. In the heart, we found a report of blockade of
a transplanted human heart by protamine. This precluded
neural mechanisms and the effect could only be intrinsic
[52]. We see the same effect of basement membranes on the
propagation of electrochemical patterns at one, two, and three

spatial dimensions of biological systems, in all cases caused by
the same agent. At vessels and epithelium, respectively, pro-
tamine blocked the rolling over of leucocytes and was found
to alter the structure of the epithelial basement membrane
while not affecting gap junctions [53, 54]. Neither had any
effect on the membrane apical potential.

Another cationic protein applied to retinas was crotamine
[51]. It is also small (42 amino acids in the primary chain of
which 9 are lysines and 2 arginines). In acid pH, it acquires
a charge of +9. It is also a Brazilian rattlesnake toxin that
belongs to a class of small basic toxins. Its primary chain is
identical to the Naja naja P6 toxin. Like gyroxin, it produces
a complex sequence of stereotyped behavior in mice (for
details, see [51]).

With 9 lysines in the primary chain, crotamine is a
naturally occurring polylysine. Polylysines adsorb on red
blood cells membranes and red cell “ghosts” [6]. They raise
the surface potential of the cells and at a critical potential
promote agglutination of the cells or membranes “ghosts.”
This critical potential lies well below the maximum potential.
The critical potential measured with potentiometers was ∼
−10mV andwith increasing adsorption of the peptide surface
potential reached more than +20mV [6].

We applied crotamine with short pulses of 500𝜇g/500 𝜇L
(206 nM)with pipettes.The perfusionwas stopped for a short
time and then resumed. The baseline transparency shifted
with a latency too short to be measurable and reached a
plateau after 5 to 6 minutes. Waves elicited after 12 minutes
of crotamine exposure had an altered profile with a small
first optical peak, slow recovery, and a high amplitude
long duration second peak. The altered parameters of the
profiles indicate that all membrane mechanisms, from the
dissipation of the electrochemical gradients at wave onset and
its recovery, were disturbed. Upon resumption of perfusion,
the transparency baseline recovered and the profiles reverted
to the typical pattern in 15minutes, suggesting an electrostatic
effect and a weak interactionwith the endfeetmembrane.The
wave profile pattern recorded in the presence of crotamine
suggested modulation of the rate of the Na/K ATPase ion
transfer.

In Figure 2, we show the photomicrograph under UV
illumination of characteristic microvilli of the outer segment
of an intensely labelled Müller cell. Fresh retinal slices
incubated with fluorescent crotamine (see [51]) under UV
illumination showed intense fluorescence associated with the
glial membrane, compared with the inner segment of the
adjacent cone receptor cell that also shows some fluorescence.
In these experiments, one could see bright spots inside the
Müller cells indicating fast internalization of the protein by
glia. It appears that the adsorption of crotamine induces
endocytosis ofmembrane patches. In additional experiments,
we showed that crotamine is easily incorporated into lipid
monolayers and bilayers and that the protein itself forms
oligomers in aqueous solution due to its amphiphilic nature
[55].

The crotamine effect onmuscle cells is depolarization and
cell death. The place of crotamine action was first supposed
to be sodium channels, while the cell death effect of a similar
basic toxin, the P6 toxin, with the same 9 lysines and 2



6 Neural Plasticity

Cone

Rod

Glia

(a) (b)

Figure 2: Fluorescence inMüller cell. (a) Fresh thin slice of retina under UV illumination.The slice was previously incubated with fluorescent
crotamine [51]. The outer retina receptor layer has strong fluorescence. Part of the fluorescence is intrinsic, due to oil droplets (blue, green,
and red) found in the inner segment of cones. A rod outer segment and a cone inner segment can easily be seen. Close to the cone, the inner
segment microvilli of the outer retina portion are very bright. (b) False color display of the inset. Note that all the fluorescence in glia is
extrinsic or due to the close association (adsorption) of the basic protein with glial membrane.

arginines in the primary chain, was attributed to the Na/K
ATPase [56–59].More recently, research inmolecular biology
did not confirm sodium channel interaction with crotamine
[60].Why would the adsorption of crotamine kill muscle and
spare retinas? The pump subunits assembled in muscle and
glia are different enough to change their physiology: muscle
pump is driven by sodium inside cells, whereas glia pump is
driven by potassium outside [61]. Not only the distribution
of 𝛼 subunits but also their associated 𝛽 subunits (the
glycosylated subunits) differ in CNS and heart. Irrespective
of the subunits expressed, all of the membrane ATPases
have several functions besides ion transport, including the
apoptotic and acute cell lysis pathways [62].

Ouabain promotes acute cell lysis and apoptosis in the
central gray matter of cortex [63] and retina [44], and in
muscle it modulates ion transport without killing the tissue.
While crotamine modulates ion transport in central gray
matter and depolarizes the glial network without further
harm, it kills muscle and tumors cells either with acute cell
lysis or with apoptosis [56, 57].The depolarization of the glial
network in mice initiates stereotyped behavior that ends in a
frozen characteristic posture followed by death [51].

If the results described by Katchalsky [6] for polylysines
on red blood cells membranes are taken into account, then
the crotamine effects are not classical lock-and-key effects
on specific receptors, but a physical change in the mem-
brane electrical field that changes the state of intrinsic and
associated membrane proteins. The glial membrane network
depolarization changes the tissue dynamics expressed in the
tissue baseline transparency and parameters of the optical
profiles of propagating waves.

The ouabain experimentsmerely reproduced in the retina
the cortical effects of the glycoside [63], just showing one
more time that the inner retina is part of the CNS and
not just a model of it. The experiments reinforced the
transducer role of theNa/KATPase of the endfeetmembrane.
With gyroxin, we learned how fast the change in neural
and glial dynamics can happen and spread after a trigger

that promoted conformational changes in the basement
membrane. The appropriate name for this is phase transition.
Protamine and crotamine experiments suggest the adaptabil-
ity of polyelectrolytes to the surrounding medium. If one
thinks in very simple terms of stick-and-ball configuration,
both proteins that are thought to be compact (disulfide
bonds) can unfold under the influence of the electrical fields
at the membrane interface. The stick configuration of the
amphiphilic crotamine inserts itself in the membrane the
same way that it does in bilayers and monolayers, while
the more hydrophilic protamine repelled by the hydronium
ions at the interface and in the basement membrane finds
heparan sulfates and then makes stable heteropolymers that
clamp pieces of the basement membrane, thus impairing
polyelectrolytes conformational changes crucial for spread of
excitation.

Last but not least, the remarkable IOS of retinas permit
the observation not only of the velocity of spread of excita-
tion, but also of the manner of spread. Excitotoxic responses
spread very differently fromcircularwaves. Also, we observed
that there are several ways of tissue death. Acute cell lysis is
observed while it is happening in retinas, instead of hours
to days later which is the rule in cortex [44, 48, 63, 64]. The
cause is the macroscopic tissue edema associated with acute
cell lysis while the apoptotic pathway produces final states
without the edema [44, 48, 62, 63].

4. The Potassium and Calcium Activities
within the Neuropil during Spread
of Excitation and within Dynamic
Electrochemical Patterns

In this section, we apply themodel to the neuropil, approach-
ing the mechanisms involved in neural plasticity. We begin
by describing results of measured activity with ion-sensitive
electrodes inserted in the neuropil and the related extrinsic
fluorescence. The layered structure of vertebrate retinas, in
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which cell bodies and synaptic terminals are completely
segregated, gives rise to sharp potential profiles that can
be better identified than in the hippocampus cell bodies’
stratum radiatum. In the inner plexiform layer, there are only
two types of membrane: glial and synaptic terminals. The
microglia of this avascular retina is situated at the border of
the ganglion cell layer and inner plexiform layer [45].

The ion activities changes during excitation waves are
related to lyotropic effects of ions (or the Hofmeister series).
The first researchers to do a systematic investigation of the
lyotropic effect of ions on neural excitability were Tasaki et al.
in 1965 [65]. A classical study in the field of stereochemical
properties of ions is the review by Williams in 1970 [66];
more recent ones are by Collins in 2004 [67] and Zhang and
Cremer in 2006 [68]. Ions with the same charge interact very
differently with polyelectrolytes. For example, magnesium
can only make special spatial configurations (octahedral)
in electrostatic interactions with polyanions, while calcium
has no spatial exigencies [66]. Katchalsky [6] cites a report
of ionic interactions with polyacid alginate. The result
showed that only 1% of calcium was free and 99% bound
in complexes, while 15% of magnesium was free. One ion
electrostatically immobilized had no detected activity. In the
same study, 40% of sodium and 35% of potassium were free.

Ion concentration and activity are equivalent only in
diluted solutions. At the synaptic space between membranes,
a layer of 50 nm of polyelectrolytes creates enormous electric
fields (300,000V/cm2). The behavior of ions in this environ-
ment is simply different from their behavior in diluted solu-
tions. Ionic activity can rise and fall according to ionization
of the polyanions and their screening capacity to immobilize
counterions.

High sodium solutions (120–140mEq/L from the stan-
dard 100mEq/L) on retinas had a negative effect on tissue
excitability: the amplitude of the potential drop was to 40%
of controls, its time derivative 23%, and propagation velocity
66%. The retina loses transparency in high sodium and
the optical profiles become inverted: transparency increases
when the potential drops [69]. Based on these results on
retinal waves and theHofmeister series position (Jones-Doyle
viscosity B coefficient [67]) of lithium and sodium, we could
predict pronounced lithium effects on excitable tissue. These
effects have been reported [70–72]. Dietary lithium changed
spread velocity of cortical spreading depressions. We have
reports of negative effects on excitability in the single axon,
as well as systemic effects in the heart and CNS. Therefore,
we have an explanation for the general effect of lithium
salts on mood swings. The probability of metastable states of
the polyanions just changes decreasing excitability of axons,
heart, and CNS.

4.1. The Extracellular Potassium Component of Circling
Waves Experiments and Exogeneous Pulses. This type of self-
sustained wave activity was created by Martins-Ferreira et al.
in 1974 [23] (for its history, see [18]). The other type of self-
sustained wave activity in retinas is the sequence of spiral
waves [73].

A metal ring cut a circle of tissue in central retina,
separating it from the rest of the tissue. A wave elicited

on the outer ring had one wavefront killed by aspersion of
magnesium chloride (4mEq/L). The other front will keep
circling for several hours (typically 3 to 4 hours). In most
retinas, the inner circle remains quiescent but sometimes a
region of it will start “spontaneous” (not deliberately elicited)
waves. When the inner circle wave reaches the border, in
the gap between the inner and outer circles, extracellular
potassiumactivity increases.This gap is filled by the perfusion
solution, set at 6mEq/L of potassium (in this gap, concen-
tration and activity are about the same). If the recording
electrode in the outer circle position is at 0.5mm or closer
to the border, extracellular potassium activity transients are
recorded associated with the inner circle wave. If the position
is farther than 0.5mm, no transient extracellular potassium
appears in the recording. This observation shows the tissue
long-range correlations for ion activities in the neuropil.

Figure 3 shows two extracellular potassium transients
associated with inner circle “spontaneous” waves (arrows).
The numbers on the side of the potassium and potential
records show the peak value for each successive circling
wave. These values are typical of spreading depression waves
recorded in neuropil.The kinetics of both wave concomitants
are of the more usual shape: an abrupt rise and long-lasting
relaxation to prewave values.

The first inner circle wave alters the recovery of the
extracellular potassium wave recorded in the outer circle.
The second produces a potassium activity transient typical
of exogenous potassium application. In the extracellular
potential recording, there is no visible alteration caused
by both extracellular potassium transients. Therefore, there
is no simple relation between the kinetics of ion activity
and extracellular potential recorded nearby (double barrel
pipettes). Moreover, there is no linear rise in potassium
preceding the abrupt rise that signals the wave onset, nor a
potential rise within the neuropil associated with the second
potassium transient.

What changes in the record of Figure 3 is the baseline
potassium activity, which was 4mEq/L at the end of the
record. At the beginning, the value was 6mEq/L, the same
as the perfusion solution. The potassium baseline value at
the end of the record is 4mEq/L. This retina is maintaining
extracellular potassium level below 6mEq/L used in the
perfusion solution for about 30 minutes. This is possible
only if potassium is being pumped by glia and accumulated
intracellularly or if the potassium activity is being checked by
electrostatic screening.

The active transport of potassium is attributed to the
Na/K ATPase. Reichenbach et al. [61] showed that the
glial pump is driven by extracellular potassium and that
its work is adaptive (the rate of transport adjusting to the
potassium level). At 2mEq/L or below, the pumping stops.
At 12mEq/L, it reaches the maximum rate. This maximum
rate was estimated at billions of ATP cleavages (3 × 109)
per cell per minute. Glial Na/K ATPases can change the
stoichiometric ratio of 3 Na for 2 K in situations of low
Na, high K, or high depolarization. In these situations,
potassiumwill be transported even in the absence of sodium.
There must exist a synergic action between the kinetics of
potassium channels and glial pumping rates; otherwise, the
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Figure 3: Schema of circling wave experiment with a potassium
sensitive electrode inserted in the inner plexiform layer. A circular
cut created an inner circular area separating the outer ring and
the inner circle. The gap is filled with the perfusion solution. A
wave is elicited in the outer ring and one wavefront is killed by
aspersion with a high MgCl

2
(4mEq/L) solution. The perfusion

rate is transiently increased such that the remaining wavefront
is kept propagating. The electrode was positioned within 0.5mm
of the border of the circular cut. The potassium activity and the
extracellular local potential are recorded simultaneously. At the side
of each potassium activity wave and extracellular potential drop,
the peak values are shown in mEq/L and mV. The values shown
are typical of this type of experiment, as well as the shape of the
potassium and potential wave concomitants. “Spontaneous” waves
appeared at the inner circle and potassium activity increased in the
solution gap and at the inner plexiform layer of the outer ring. Two
potassium activity transients are shown (arrows). Note that both do
not influence local extracellular potential, although the potassium
activity waves were affected (expected in system with hysteresis).
Note also that the relation between potential and potassium peaks
is not linear (modified from [74]).

dissipation of potassium gradients would lead the glial cells
toward potassium equilibrium in tens of seconds. We can see
from the figure that the tissue maintains neuropil potassium
activity not in equilibrium, with the perfusion solution at the
inner limiting membrane being kept in this state for tens of
minutes.

As shown in the figure, the interwave interval increases
between the second and third wave and then decreases
between the third and fourth ones. Usually, a retinamaintains
a uniform mean spread velocity for long periods (hours),
if left undisturbed. The system can maintain the metastable
state far from equilibrium for hours, with the circling wave
still spreading during the relative refractory state.The shorter
the absolute refractoriness, the higher the spread velocity in
the relative refractory period (see [75, 76] for the details).
Therefore, we can say that this retina had fluctuations on its
absolute refractory period and was in a nonstationary state.

What did not change in the record shown in Figure 3 was
the abrupt rise of potassium and the potential drop when the
front wave invaded the region sampled by the electrode. In
74 circling waves, the peaks of the simultaneously measured
time derivative of potassium activity and potential drop coin-
cided [77], suggesting tight coupling between the two wave
concomitants, although there is no linear causality between
them. In a different series, the simultaneously recorded time
derivative of potential and of the 𝜇IOS (the brightness of
a 50 𝜇m square pixel matrix overlaying the electrode tip
inserted in the inner plexiform layer) of retinal waves also
showed coincidence between the extracellular potential drop
and the change in the optical signal [17]. In summary, the rate
of fast changes at wave onset in potassium activity, potential
drop, and optical properties are tightly coupled events.

The effects of exogenous potassium applied in retinas can
be different from the ones shown in Figure 3 and reported
previously for experiments with slow pulses [77]. If a very
fast pulse of high concentration KCl (200mEq/L and 200𝜇L)
is asperged with pipettes very close to the inner limiting
membrane, then the local potential and optical response can
behave as shown in Figure 4.

The simultaneously recorded local potential and the 𝜇IOS
time series were stored. Later, the time derivative was calcu-
lated [17]. Figure 4 shows the potential, the time derivative,
and the 𝜇IOS time series. Note that the extracellular local
potential rises with pulse and with no latency measurable
with our slow sampling rate (10Hz). The potential rise
recovers exponentially in about 3 seconds.Then, the system is
at a supracritical state for 10 seconds, when the usual potential
drop signals the onset of excitation propagation.Thepotential
drop has the usual abrupt onset and slow relaxation in one
minute, but the recovery is not complete: a small negative
shift persists for five minutes. The time derivative shows two
components clearly separated and in different directions.

The 𝜇IOS shows an increase in tissue transparency with
kinetics close to the potential rise and 10 seconds later
the usual abrupt onset of light scatter at wave onset. The
recovery of the tissue transparency stops at a plateau level
(the duration of plateaus is 15–20minutes in different retinas).
The results show that the same agent elicits opposite electrical
and optical responses, demonstrating that there is no simple
relationship between ion activities and tissue transitions of
states. However, “complex” does not mean “inscrutable,” and
an electrochemical interpretation of these results is possible.

With fast pulses close to the inner limiting membrane,
KCl is pushed toward the endfeet layer. In solution, potassium
and chloride have the same mobility and they occupy the
same relative position in the Hofmeister series.They are both
named chaotropic. The rise in potential means that more
potassium than chloride reaches the endfeet membrane. In
other words, electroneutrality does not hold. The negative
charges of the polyanions in the gel and the lipids heads of
the bilayer will repel chloride, and the endfeet membrane
potential rises just as it rises in lipid bilayers in response to
fast solutions changes [78]. The endfeet membrane area is a
considerable part of the total area of the glial cells, and the
membrane is continuous with the rest of the cell, so that the
whole surface cell membrane potential rises. The recording
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Figure 4: Experiment with fast high concentration KCl solution
asperged over the inner limitingmembrane (200mEq/L and 200𝜇L)
with an Eppendorf pipette. The local potential and local IOS (the
average brightness of a 50 𝜇msquarematrix overlaying the electrode
tip) were simultaneously recorded. In the upper row, the 𝑑𝑉/𝑑𝑡
time series, calculated from the potential time series, shows two
separated peaks. The potential time series is in the middle row and
the 𝜇IOS in the lower row. Note that, in this context, both the
IOS and potential show two components: a potential rise at the
inner plexiform layer coincides with transient hypertransparency.
We interpret this component as the “passive” response of the endfeet
bilayer responding to the sudden potassium increase. Note that
electroneutrality is broken for three seconds. Ten seconds later,
the typical potential drop of retinal waves coincides with the
typical wave light scatter increase. We interpret this response as the
“active” response of the glial network/synapses, corresponding to
the cooperative conformational change in the polyelectrolyte gel.
The 𝜇IOS time series recovery stops at a plateau level, as well as
the potential time series, although the small negative potential only
lasts 5 minutes. Note also that in the 10-second interval between the
two components the system is at a supercritical state. Ten seconds
separates the two 𝑑𝑉/𝑑𝑡 components and eleven seconds the two
peaks of the 𝜇IOS. The potential drop has the typical one-minute
duration of retinal waves recorded at the inner plexiform layer.

electrode inserted in the inner plexiform layer senses this
potential.

There is a long held hypothesis that the Müller cells act
as light guides. It is radial glia elongated from inner limiting
membrane to outer limitingmembrane, with its nuclei on the
side of the body pushed out from the light pathway. Recently,
experimental evidence appears to confirm this hypothesis
(for a summary and relevant literature, see [45]). The endfeet
shape acts as a lens and its refractive index matches the
humour vitreous. The rise in surface potential of the endfeet
changed the shape in favor of the light pathway through the
retina, increasing transparency. This is one pathway of glial
cells modulating retina activity, thus promoting functional
plasticity.

The experiment shown in Figure 4 belongs to a series
in which the macroscopic IOS also was recorded simultane-
ously with the time series displayed in the figure [17]. The
hypertransparency was also recorded at macroscopic scale
(1mm diameter circular area of central retina). We estimated
that about 15.000Müller cells and 180.000 endfeet responded
synchronously to the fast KCl pulse. It is possible that, inside
the tubules of glia at the inner plexiform layer, the glial
acidic protein filaments helped to create photonic crystals
allowing more light to traverse the cell. After a few seconds,
potential and transparency were back to baseline values;
however, the excess potassium made the system unstable
and a wave was triggered 10 seconds after the pulse. The
potassium rise at the inner plexiform layer at the wave onset
coincides with the second component of the 𝑑𝑉/𝑑𝑡 time
series [77]. The potential drops and the tissue transparency
falls abruptly. Again, a structural change in the glial network
can explain the result: now conformation changes in the
polyanionic gel liberate potassium from screening sites in
a cooperative manner typical of “volume phase transitions”
in these gels [3, 4]. The polyelectrolytes conformational
changes change the membrane potential and ions activ-
ities. The loss of the structured interfacial water makes
the hydronium ions associated with it disappear and pH
shifts both intra- and extracellularly in the alkaline direction
within the glial network [42, 43]. The loss of the photonic
crystals decreases the tissue transparency (see section on
deuterium).

4.2.The Extracellular CalciumWaves in CirclingWaves Exper-
iments and Intracellular Calcium Fluorescence in Solitary
Circular Waves. The extracellular calcium activity was also
recorded in circling waves experiments. Figure 5 shows three
segments in our experiment with duration of 4 hours.

In the initial period shown in Figure 5, the circling wave
passes the region sampled by the calcium sensitive electrode
at regular intervals and with the local potential drop and
calcium activity fall with similar amplitudes in the successive
waves. The tissue is in a steady metastable state. Then, the
calcium concentration in the perfusion solutionwas switched
from 1 to 0.1mEq/L for 10 minutes. For 3 minutes after the
solution was equilibrated in the retinal chamber, calcium
activity in the neuropil did not change; after that, it begins
a slow fall reaching 0.6mEq/L at the end of low calcium
perfusion. The baseline calcium activity was back to control
10 minutes after the end of the low calcium perfusion. There
was a small and slow negative shift of the local potential.
The amplitudes of the electrochemical wave concomitants
did not change but the recovery of the calcium transient
was somewhat extended. It seems that immobilized calcium
within the gel was being liberated in order to maintain
homeostasis. Ionic exchanges at the membrane surface can
explain the results.

The abrupt fall in calcium activity at wave onset begins at
the peak of the local potential drop and potassium increase
derivatives. The fall in activity is one to two log units in
different retinas.The recovery to baseline apparently has a fast
and a slow component. Waves with only a small amplitude
and slow kinetics calcium activity have been occasionally



10 Neural Plasticity

1min
5mV

+

−

1

0.1

0.01(
Ca

2
+
)
∘

(m
M

)

(a)

5mV
+

−

1

0.1

0.01(
Ca

2
+
)
∘

(m
M

)

(b)

5mV
+

−

1

0.1

0.01(
Ca

2
+
)
∘

(m
M

)

(c)

Figure 5: Circling wave experiment recording with calcium sensitive electrode and local potential glass electrodes inserted at the inner
plexiform layer. (a) In the initial hour of the experiment, the circling wave spreads with uniform velocity. The extracellular calcium activity
falls two log units from 1 to 0.01mEq/L. The bar shows the change in the perfusion solution from 1mEq/L to 0.1mEq/L. Note that the fall
in baseline calcium activity at the neuropil is very slow and reaches the value of 0.6mEq/L at the end of the pulse. The wave transients do
not change. Note the slower propagation velocity with low calcium. (b) 40 minutes later, the system returned to control values for the wave
concomitants and propagation velocity. Flunarizin 2𝜇M was applied for 8 minutes. The baseline calcium activity increased to 3.2mEq/L at
the end of the pulse. The wave concomitants were smaller. Note the increase in propagation velocity under the influence of flunarizin. It took
40 minutes of flunarizin washing off for the baseline calcium activity to return to control level. (c)Third hour of circling wave recording, one
hour after the last wave in (b). Barium chloride (4mEq/L) was applied. Note the depression of potential and calcium transient during turning
waves. Barium was the agent which could depress the potential drop to zero and slow propagation to a factor of 5 times slower. There was an
increase in the baseline calcium and a positive shift in the baseline extracellular potential in the presence of barium (figure modified from
[79]).

recorded (see [80]). However, more frequently, we recorded
circling waves without changes in calcium activity (see the
next section). Calcium differs from the monovalent cations
and magnesium in the ability to make cross-links provoking
conformational changes in polyelectrolytes (as we already
commented in the results with alginic acids measurements of
99% bound calcium). All membrane receptors and channels
are glycoproteins with the sugars shown as tree branches
protruding into the extracellular gel. It is possible then
that most of the fall in activity is due to the ion-polymer
interaction and not to the transfer through channels from
the extra- to the intracellular compartment. Calcium activity
increases intracellularly in astrocytes at wave onset, but not
always [43, 81]. Measurements with calcium sensitive dyes
in in vitro retinas showed that even in one spreading wave
calcium signal could be absent in large patches of the tissue;
in [82], the scatter of red light and of exogenous calcium dye
fluorescence is shown, in which a large patch of a spreading
wave lacks both signals, while the scatter of green light was
seen in the area. In [82, 83], it was shown that barium addition
in the perfusion solution blocked the intracellular calcium
signal and the red light scatter of a propagating retinal wave,
without affecting the green light scatter of the wave.

Barium was also applied to circling waves. Figure 5(c)
shows an example of barium application to a circling wave

experiment. The bar shows the time when the barium added
solution (4mEq/L) reached equilibrium. The local potential
rises slowly and the potential drop associated with the waves
becomes smaller and smaller. The baseline activity of the
calcium electrode shows an increase and a smaller calcium
transient in the second wave recorded in the presence of
barium. Barium also had profound effects on the kinetics of
the extracellular potassium wave transients (see [80]). The
peak amplitude was increased and the recovery slowed down.
Also baseline potassium was maintained below 6mEq/L for
a prolonged period. However, the more pronounced effect of
barium was in the spread velocity of circling waves. An effect
on the absolute refractory period could explain the slower
spread velocity of circling waves.

Barium does increase the absolute refractory period; it
almost doubles it [76]. In two separate sets of mechanically
elicited, solitary waves experiments [69, 83], barium had a
marked effect on the amplitude of the local potential drop
and the spread velocity of retinal waves. In one of the experi-
mental series [69], from 10 out of the 17 waves elicited in the
presence of barium, 7 had complete depletion of the potential
amplitude. The other 10 waves appeared in (a mean of) 39%
of controls with the peak of the derivative appearing in 31%
of controls. However, barium did not change the shape of the
dispersion relation curve but only shifted it to lower values
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for all the interwave intervals tested [76]. The effect on the
spread velocity thus appears to be independent of metabolic
effects of barium. Physicochemical or lyotropic effects appear
to dominate barium effects. For monovalent cations, the
position in the Hofmeister series correlates well with the
value of the Jones-Doyle viscosity B coefficient [67]. This
coefficient is a direct measure of the ion-water interactions
normalized for water-water interactions. The B coefficients
for cations are magnesium 0.385, calcium 0.285, barium
0.220, lithium 0.150, and sodium 0.086.They are all said to be
kosmotropes. Potassium −0.007 and cesium −0.045 are said
to be chaotropes. For example, calcium is prone to promote
aggregation of macromolecules (or even membranes), one
of the mechanisms behind “volume phase transitions” of
polyanions. These effects are apparently used in nature to
form tight junctions and desmosomes. Lithium has 14 times
the affinity for carboxylate side chains in peptides compared
to magnesium [84]. Magnesium has spatial constraints for
charge interaction [66].

Figure 5(b) shows the marked effect of flunarizine [79]
on the baseline activity of calcium in the neuropil. It reached
3.2mEq/L and persisted for more than 20 minutes after the
pulse. After forty minutes, the baseline calcium was back
to 1mEq/L. Unlike barium, flunarizine increased the spread
velocity of circling waves (𝑛 = 4 retinas and 6 pulses). Low
calcium perfusion slows down propagation, but there is no
simple relationship between high calcium activity and spread
velocity in circling waves experiments.

A detailed study on the role of extracellular calcium and
propagating retinal waves used zwitterionic (phosphatidyl-
choline, PC) and negatively charged phospholipids (phos-
phatidylserine), as well as sialic acid, to compare their effects
with exogenous applied gangliosides [85]. Sialic acid (1mM)
was able to make the tissue unexcitable in about 2.5 hours.
Its effect was washed off in 30 minutes. Gangliosides had a
similar effect at 50𝜇M.Themore glycosylated the side chains,
the more pronounced the effect. Washing the tissue for two
or more hours did not reverse the ganglioside effect. Spread
velocity and the shape and intensity of the IOS also were
depressed by sialic acid and gangliosides, either in solitary
circular waves protocols or in circling waves. PC had no effect
and PS smaller effects than gangliosides at 500 𝜇M. EGTA at
800 𝜇M had smaller effects than the gangliosides (at 50 𝜇M).

Gangliosides are found exclusively at the outer leaflet
of lipid bilayers of mammalian membranes. They form the
nearest polyanion layer to the lipids and trap calcium ions.
The depression of the IOS amplitude by gangliosides suggests
that conformational changes at the endfeet membrane were
responsible for the optical and spread velocity effect on the
waves.

4.3. Wave Propagation with Nonstationary Glial-Neural
Dynamics in the Neuropil. Circling waves experiments are
especially suited to observe the conditions compatible with
the spread of excitation waves within the neuropil. The
absence of the local potential drop and of the calcium activity
fall transients was the common absence recorded. Extracel-
lular potassium increase in activity was always present but its
shape and peak values could vary.

Figure 6 shows one circling wave experiment in which
for 31 turns of the circling wave the local potential drop did
not occur; then, from wave 32 to wave 42, a small ampli-
tude potential drop appeared (around 2mV). The circling
stopped when a marked increase in extracellular potassium
activity elicited a “spontaneous” wave that collided with the
original circling one, annihilating each other. Two waves
were recorded by the electrode within this potassium activity
transient in which the activity reached 37mEq/L.

The extracellular potassium transients had a low ampli-
tude and variable shape in the first 10 turns and began to
stabilize in the typical shape and grow in amplitude at turn
32. Note the two small oscillations in the baseline potassium
activity, the second just before the prolonged high amplitude
transient. The observed IOS of the circling waves ensures the
existence of propagation.

Figure 7 shows a record of a solitary circular wave with
zero potential drop. In this series, local potentials were
recorded with the IOS at two spatial scales: 1mm circular
area sampled by a photomultiplier (labelled IOS in the figure)
and the pixel brightness of a square matrix overlying the
region of the inserted electrode tip calculated from digitized
frames from a camera (labelled in the figure as 𝜇IOS).
The local extracellular potential (labelled V) is the upper
row time series. The three time series were simultaneously
recorded. Note the abrupt rise of the IOS at the micro spatial
scale and the smooth growth of the photomultiplier signal.
The photomultiplier is integrating the light scatter of all
𝜇IOS within the circular area, such that the peak of the
photomultiplier signal is set at the pointwhen thewave covers
half of the sampled circular area. The peak of time derivative
of the 𝜇IOS and of the local potential matched in 44 circular
waves of 34 retinas [17].Therefore, in this wave, we found the
peak of the time derivative of the 𝜇IOS and looked at the local
potential time series to see what was happening. A very small
(order of 𝜇V), sharp transient coincided with the maximum
rate of change of the 𝜇IOS shown in the figure (marked by
an asterisk). If the optical properties of the tissue depend
to a large extent on the light guide role of glial cells, then
this geometric change can happen and propagate without the
local synchronous potential drop in the neuropil of the inner
plexiform layer.

Figure 8 shows a circling wave experiment in which for 10
turns the ion-sensitive electrode did not show calcium tran-
sients.The local potential had the typical shape and amplitude
and then lost amplitude, inverted to local potential rises
in the next 20 turns, and inverted to potential drops again
for the next 11 turns. Other examples of “positive potential”
waves are shown in [80]. At turn 11, the recording electrode
was changed to potassium sensitive and the extracellular
potassium transients associated with the circling wave show
variable kinetics and low amplitude until the end of the
recording. These experiments show clearly the nonlinearities
in the system. Just as there are several B-Z system “recipes,”
excitation in the neuropil propagates with the interacting
glial-synaptic membranes at different states and these states
can change within a circling wave experiment with 3 to
4 hours of recording time. In other words, it is a flexible
dynamical system.
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Figure 6: Plastic dynamics between the glia network and synaptic terminals in a circling wave experiment with 4-hour recording time.
Potassium sensitive electrode and local potential recorded at the inner plexiform layer. The horizontal bars in each square show 7 minutes
of time in the record. Below each wave is the number of the turns that reached the electrode tip. In the first 31 turns, the local potential did
not show the “typical” potential drop and the extracellular potassium activity wave change showed low amplitude and changed shape (or
kinetics). Then, at turn 32, a small potential drop appeared and the peak of the potassium waves increased to typical values. The potential
waves also increased in amplitude but remained one order of magnitude smaller than the “typical” values (above 10mV). Note the fast kinetics
of the potential and ion activity waves at 40–42. Note also the small oscillations of potassium activity in (a) and (c) before the long (order
of minutes) potassium increase that interacted with two propagating neuropil waves. The long potassium activity transient begins with a
linear growth and potential rise within the neuropil; then, a second linear growth interacts with the turning wave invading the area and the
extracellular potential drops. This second linear growth also had an IOS that showed a standing pattern that lasted for 24 minutes and faded
without leaving lesions behind.The value of potassium activity reached 37mEq/L.This value was maintained for 24minutes and the return to
baseline control levels took another 20 minutes. As usual, one wave was elicited at the border of the standing pattern and this wave killed the
previous circling wave on collision. One hour after the circling stopped, the retina was readily excitable by mechanical touches and 8 waves
were elicited with shape and amplitudes similar to the ones in 40–43 turns. This experiment illustrates well the plastic dynamics between
glia and synaptic terminals membranes interactions and the nonlinear system response to any particular macroscopic wave concomitant
precluding linear causality among these concomitants (modified from [79]).

5. Conceptual, Physical, and
Mathematical Models

In this section, we apply some concepts derived from
chemical and electrochemical excitable media to the brain.
Some predictions derived from the field and from the
physical-chemical properties of polyelectrolytes have been
fulfilled and they help to understand the brain dynamics.

What is now termed the field of excitable media had, at
its origin, the confluence of three factors: the fast increase in
computer power for simulations, the discovery (by western
researchers) of the chemical system created byBoris Belouzov
in the fifties of the XX century [19, 86], and, almost simul-
taneously, the acceptance of the theoretical model of Ilya
Prigogine for chemical self-organization [21].The recognition

of the spreading depression wave as a phenomenon akin
to the B-Z system by one of the leaders of the spreading
depression research, Bureš, led to the second prediction about
these CNSwaves: the existence of evolving sequences of spiral
waves [73, 87].

Forty years later, the existing knowledge about these
systems permits some generalizations. First, the systemwhere
they occur must be far from thermodynamical equilibrium
(plenty of energy is available for dissipation); second, pos-
itive feedback of some kind is present at the wave onset
(autocatalysis in chemical systems, interfacial electrical field
at electrochemical systems [88]). There is slow inhibition
following the explosive growth of a component of the system.

Mathematically, a nonlinear (quadratic or cubic) growth,
followed by linear slow decay, is the minimum requirement
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Figure 7: Extracellular potential recorded at the inner plexiform
layer and the wave IOS recorded simultaneously. The IOS was
recorded at two different spatial scales. 𝜇IOS time series depicts the
mean brightness of the 50 𝜇m square pixel matrix overlaying the
electrode tip and IOS the photomultiplier output that samples the
scattered photons of a circular area of central retina with a 1mm
diameter.Thewave recordedwas from a series of 44 isolated circular
waves from 34 retinas [17]. This wave had a “zero potential” record
at the usual amplification. However, when the time derivative of the
𝜇IOS was calculated, a small sharp transient (about 200 𝜇V/100ms)
coincided with the peak of 𝑑𝜇IOS/𝑑𝑡, suggesting that asynchronous
small transients were present at the inner plexiform layer instead
of the typical synchronous potential drop at wave onset. Note the
sharp onset of the𝜇IOS,whose peak coincidedwith themacroscopic
IOS peak (the electrode tip is at the centre of the photomultiplier’s
sampled circle) and slow smooth growth of the IOS time series:
the photomultiplier is integrating (summing up) many 𝜇IOS signals
from a large area.

for self-organization. These systems exhibit a rich behavioral
repertoire. The system has at least three states: quiescent but
ready to be excited, excited, and refractory to excitation. The
refractoriness goes from absolute to relative before the system
is back to quiescence. For example, both computer simula-
tions and experiments with bulk reactors showed that the
temporal behavior of the B-Z system changed from a simple
limit circle to complex periodic states to chaotic behavior,
depending on the rate of pumping matter or chemical energy
in the system. In two dimensions, waves appear in the form
of either target patterns (Figure 1) or sequence of spirals
[73].

The heart can be conceived as a machine designed to
produce excitation waves in three dimensions, while the
axons of neurons produce them in one dimension. This
knowledge explains why the retina is such a good model for
experimentswith two-dimensional excitationwaves: theCNS
slice has an intact network in which only the output axons
are cut behind the sclera. In the perfusion solution, glucose
concentration (30mM) is higher than the physiological

20mM found in the avian liquor. Furthermore, the network
is wired for transduction of electromagnetic energy; in order
to observe the waves, illumination is used.This second source
of energy in retinas is physiological. Only good shape retinas
with plenty of energy to expend will display waves. The fact
that the initial phase of the wave is very similar to the onset
of excitotoxic responses brings about some confusion for
experiments with other preparations. The complete optical
profile of these two states makes them easily recognizable in
retinas [44] and the recovery of excitability after an episode of
excitotoxic response ensures the functionality of the network.

Both cortical and retinal neuropils display excitation
waves, but with different probabilities and geometry of the
wavefront, due to the differences in the geometry of the glial
network [18]. The same structure will also display macro-
scopic oscillations (alpha and theta EEG cortical rhythms)
and standing patterns (a good guess for petit mal seizures).

Katchalsky predicted that electrochemical patterns in the
brain would happen at the suprasynaptic or macroscopic
scale and that wave propagation would show coherent flow
of matter or energy. An almost horizontal dipole standing
around a mechanical stimulus zone (see Figure 19 of [83])
produces a pattern that shimmers and shifts in place, sug-
gesting a dynamic pattern of space/time energy oscillations.
The predicted coherent flow was demonstrated by Rovinsky
and Menzinger [89] in a series of experiments with the
B-Z system. They constructed an almost one-dimensional
system, but one can also say that they created a system
analogous to the neuropil: they filled a tube of 3.2mm
diameter and 25 cm length with 40 𝜇m microspheres coated
with cation exchanger resin (sulfate polyanion). Upon this
coat, ferroin was loaded to act as catalyzer. The microspheres
had 40𝜇m average diameter and they were packed to fill the
maximum packing density, leaving 30% of the tube volume
for the reactors solution. In other words, a convoluted space
with a high surface-to-volume ratio separates facing reactive
surfaces, in a similar fashion to the neuropil. Coherent
flow was demonstrated beyond any doubt. The propagating
wavelengths were in the order of centimeters. The authors
called attention to the presence of the same organizing
principle in electrolytes in the presence of energy fields, as
predicted by Katchalsky.

Another significant result from excitable media is the
almost perfect two-dimensional system of Flätgen et al. [88].
The authors recorded images of potentials drops and two-
dimensional waves propagated at velocities ofmeters/second,
the order of magnitude of action potential propagation.They
stated that they did not interpret this as mere coincidence,
and neither do we. If Tasaki’s membrane model is used, then
the action potential is a surface or interfacial electrochemical
phenomenon: “The cortical gel layer of nerve fibers has
the properties of a cation exchanger. Hence, this layer can,
and actually does, undergo a reversible abrupt structural
change when monovalent cations (e.g., Na+) are substituted
for the divalent counter-ions (e.g., Ca2+). This structural
change brings about a sudden rise in the water content of the
layer, which in turn produces a large enhancement of cation
mobilities accompanied by a shift of ion-selectivity in favor
of hydrophilic cations” [4]. In the present interpretation,
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Figure 8: Circling experiment with 4-hour recording time and changing extracellular potential and ion activity concomitants.The horizontal
bars show the recording length of 7 minutes. (a) First-hour recording time, waves 7–10, calcium sensitive electrode inserted at the inner
plexiform layer. Only wave turn 7 has a small extracellular calcium transient. The extracellular potential drop looked typical for turns 7 and
8 and dropped markedly in amplitude for turn 9. The electrode was reinserted nearby (about 1mm away) and the calcium transient was still
zero with the extracellular potential changing direction from negative to positive for turns 10 to 20. (b) Second-hour recording time; the
calcium electrode was replaced by a potassium sensitive electrode. Wave turns at 12–14. Low amplitude and variable shape of the potassium
activity wave and potential rises in the extracellular inner plexiform layer occur. The “positive” potential waves were present from turns 10
to 20, and from 21 to 26 there were “zero potential” waves. (c) Third-hour recording time. Small potential drops reappear and persist from
turns 33 to 39, when a pulse of 3mM TEA was applied. TEA depressed the amplitude of potassium and potential waves and slowed down
their propagation velocity (modified from [74]).

interfacial water also transiently changes states from the
structured interfacial water to bulk liquid.

However, the most interesting model of excitable sys-
tem, in the present context, was created by Wüssling and
collaborators in 1999 [90–92]. They inserted fragments of
sarcoplasmic reticulum membrane of muscle in the polyan-
ionic gel of agarose and demonstrated optically the existence
of calcium activity waves. All the requirements of excitable
media were present (the first of their papers [90] is a good
introduction to the field). Furthermore, these experiments
show how the experimental context changes the behavior
of the system: the addition of mitochondria to the gel and
membrane increased the wave propagation velocity in the
first publication; however, changing the distribution of the
elements from aggregates to a more uniform one changed
the response tomitochondrial activity.This excitablemedium
is probably the simplest model for biological relevant ion
activity waves, and its constituents are a polyanionic gel
with positive feedback on calcium release by ryanodine
receptors. The slow kinetics of the transporters provide the
negative feedback. Ryanodine receptors have been iden-
tified as a source of cytoplasmic calcium on astrocytes
[93].

Katchalsky also predicted that what he called the mecha-
noelectric coupling of polyelectrolytes could be used in biol-
ogy when phase transitions would producemechanical work.
This is exactly the case for the mechanical behavior of inner
ear hair cells: the integral membrane protein prestin has a
prominent intracellular loop and is expressed in assemblies of
molecules. A change of monovalent anion to a divalent one at
the intracellular loop triggers the cooperative conformational
change (phase transition) that spreads through the assembly
[94, 95].

The biological significance of the results with Nafion gels
can be found by means of a description of exclusion zones
(EZs) in microvessels. Venules and capillaries have 0.5𝜇m
zone that excludes red blood cells and colloidal particles
[96–98]. The structured water around the polyelectrolyte
fixes the negative charges vibrating in place. The important
points here reiterated are as follows: the structured water is
a very dynamic and fragile structure that promotes charge
separation, and charge separation is energy. The vessels use
this energy to facilitate the flow. Nafion tubes submerged
in water showed self-driven flow in the absence of pressure
gradient [99]; furthermore, white and UV light increased the
flow velocity.
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6. Discussion

We have assumed an excitable media and polyelectrolytic
approach to explain ionic oscillations and waves in neuropil.
We also interpreted B-Zwith deuterium experiments from an
electrochemical point of view. Usually, B-Z is seen as a chem-
ical self-organized system. However, the role of hydronium
ions in organizing coherent flow is the simplest explanation
for the excitability collapse of B-Z systems and retinas. There
is little doubt now that water can store charge [35, 100, 101].
Therefore, interfacial water is not electroneutral, including
the unstirred layer of bilayers and the hydration of polyanions
of the extracellular and intracellular gels.

The structure of the neuropil membranes and interacting
gel between them generates electrical fields; fields imply
forces, and forces can direct a coherent flowof charges (e.g., in
hydronium ions). A direct demonstration of this type of far-
from-equilibrium flow has been published [99]. This effect
was not fully taken into account [89]; although a residual
flow due to gravitational field was recognized, the additional
electrical field effect was not considered in the interpretation
of the behavior of excitable media. The polyanionic gel was
considered to be just a passive element [90–92], since the
deuterium effects on retinas and B-Z were first presented
[28, 29]. With hindsight, the intrinsic electrical field effects
could be the unifying factor in all these excitable media.

Bunkin studied the optical properties of interfacial water
and demonstrated its birefringence [37, 38]. It is long known
as the birefringence of axons (e.g., [1]). He called attention to
the similarity of the optical properties of interfacial water and
quasi-liquid crystals [39] (photonic crystals behavior of this
water). The first photonic crystals described were dielectrics.
The pioneers of proposing the importance of the dielectric
properties of brain and cells were Frölich and Adey [102–
106]. The intrinsic electric field of the neuropil membranes
and the polyelectrolytes between them compose a vibrating,
self-organizing system. Macroscopic patterns can be formed,
as we have seen with a large dipole (Figure 19 of [83]). These
patterns can store information, as proposed byNeumann and
Katchalsky [11].The brain, heart, and kidney could be systems
for which the state of water is functional.

The proposal of Hameroff and Penrose [107] of using
quantum mechanical concepts to explain consciousness has
one direct piece of experimental evidence: the resonant
vibrations of energy found in a single wet microtubule
(then promoted to a nanotubule status) [108]. However, dry
microtubules did not show this energy. The authors probably
were not aware of the work of Pollack and Bunkin showing
that water interaction with microtubules is far from unique.
The Nafion experiments and exclusion zones of microvessels
suggest that the energy of interfacial water is ubiquitous
in physiology. The brain, after all, could be a “smart gel”
machine [109] in which some phase transitions are perceived
as functional pathologies (epilepsies, migraine aura, and
transient global amnesia).

The use of concepts from nonlinear thermodynamics has
the additional advantage of permitting experiments at very
convenient time and space scales, without the abstraction
of the concepts derived from quantum mechanics, such

as the famous “wave collapse” that has been the object of
a long controversy among specialists. Focusing on these
spatiotemporal scales does not imply complete abandonment
of quantum-like concepts, since an understanding of the
properties of ions and their biological milieu, as well as
their interactions, demands explanations based on quantum
theories.

The distortion in perception described in migraine aura,
hallucinations in the onset of complex seizures, and the
impairment of learning and memory described by experi-
menters with cortical spreading depressions show how elec-
trochemical patterns are close to higher mental functions
[8, 110, 111].

A question able to suggest further experiments concerns
the little discussed aspect of the asymmetry of the biological
membranes lipid bilayers and associated gels. The zwitte-
rionic phosphatidyl choline predominates in the external
leaflet of human red cells membranes, while the negatively
charged phosphatidyl serine predominates at the internal
leaflet. Computer simulations showed that this asymmetry
creates electrical fields [112]. Furthermore, glycolipids (gan-
gliosides) and glycoproteins are exclusive of the external
leaflet. The polyanion of the associated gel has carboxyl and
sulfate as the predominant fixed anions in the external face,
while phosphates are found in the intracellular milieu. Vol-
ume phase transitions [113] appear to be the conformational
change that spreads at the external gel, while polymerization
is the main change in the intracellular gel. The significance
of this asymmetry alone could sustain a research program.
We have measured in the retina long-range correlations of
the order of 300–500 𝜇m (see Figure 3 in this paper and
[114]). Another experimental result that is still in need of
explanation is the fact that the light scatter of the retinal
IOS has a red component that differs from the green light
scatter in temporal and spatial distribution [83, 114–116]. The
red scatter follows closely the potential drops and preceded
propagation, displaying fluctuations, while the green scatter
is the hallmark of propagation. Barium blocks the red scatter
and glycerol predominantly the green part of the IOS. The
second component of optical profiles has close coupling to
metabolic acceleration [117, 118] and follows an acid shift
in the extracellular compartment of the neuropil [42]. The
kinetics of this component are independent of spatial scale
[17] and its IOS spectrumhas broad smooth appearance [115].
The green red preference found in the first component of the
optical profile experimental manipulations is another issue
for further investigation.

7. Concluding Remarks

Early interpretations of the function of astroglial ionic waves
concentrated on neuroastroglial bidirectional glutamatergic
mechanisms activating calcium waves. This interpretation
was recently put into question by experiments with IP3
pathway knockout mice, revealing that blocking the release
of calcium ions from the endoplasmatic reticulum mediated
by the inositol pathway does not cause serious behavioral
impairment in cognitive tasks [119].While glutamatergic glio-
transmission was questioned, new findings have suggested
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important roles for the astroglial control of potassium home-
ostasis in brain function [120, 121]. The findings reviewed
in this paper suggest an original interpretive hypothesis
addressing the mechanisms of neuron-glia interactions and
related cognitive functions: the movements of calcium and
potassium ions inside astrocytes and from astrocytes to
neurons compose a coherent hydroionic wave with essential
roles in brain and mental functions [122–124].

The activity of extracellular potassium and calcium
changes the structure and state of excitable membranes in
both glia and neurons. The kinetics of the sodium pump
as well as membrane channels are changed in both net-
works with consequent changes in the intracellular ionic
environment and metabolism. The spread of such changes
is continuous in brain tissue and depends on the integrity
of extracellular polyanionic gel and its capacity for phase
transitions. This capacity is not impaired in IP3R2 knocked
out mice [119], since Ca2+ signaling in astrocytes relevant
for the hydroionic wave and related phase transitions is
dependent on the ryanodine.
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Synaptic plasticity refers to the ability of neurons to strengthen or weaken synaptic efficacy in response to activity and is the basis for
learning and memory. Glial cells communicate with neurons and in this way contribute in part to plasticity in the CNS and to the
pathology of Alzheimer’s disease (AD), a neurodegenerative disease in which impaired synaptic plasticity is causally implicated.
The transient receptor potential melastatin member 2 (TRPM2) channel is a nonselective Ca2+-permeable channel expressed in
both glial cells (microglia and astrocytes) and neurons. Recent studies indicated that TRPM2 regulates synaptic plasticity as well as
the activation of glial cells. TRPM2 also modulates oxidative stress and inflammation through interaction with glial cells. As both
oxidative stress and inflammation have been implicated in AD pathology, this suggests a possible contribution of TRPM2 to disease
processes. Through modulating the homeostasis of glutathione, TRPM2 is involved in the process of aging which is a risk factor
of AD. These results potentially point TRPM2 channel to be involved in AD through glial cells. This review summarizes recent
advances in studying the contribution of TRPM2 in health and in AD pathology, with a focus on contributions via glia cells.

1. Introduction

Inflammation, oxidative stress, and disturbance of intra-
cellular Ca2+ ([Ca2+]i) homeostasis are the most common
signaling pathways contributing to many neuropathological
conditions and/or diseases, such as Alzheimer’s disease (AD),
prion-related diseases, parkinsonism-dementia, and chronic
neuropathic/inflammatory pain [1–4]. These neuropatholog-
ical changes are associated with not only the roles played by
neurons but also the activation of glial cells (mainly includ-
ing microglia and astrocytes) and the interaction between
neurons and glial cells [1, 2]. Central sensitization is an
enhanced state of excitatory synaptic transmission in noci-
ceptive neurons and is a specific form of synaptic plasticity
involving neurons and glial cells in the central nervous system
(CNS) [5–8]. Synaptic plasticity is the ability of neurons to

change the transmission efficacy at synapses to adapt to dif-
ferent conditions, involves glial cells, and is thought of as the
mechanism of learning and memory [2, 9–12]. Alzheimer’s
disease (AD) is a neurodegenerative disease characterized
by progressive decline of recognition with advanced age
and involves the pathophysiological changes of N-methyl-D-
aspartate (NMDA) receptor which is also involved in cen-
tral sensitization and synaptic plasticity [13–15]. Therefore,
through inflammation, glutamate receptor involvement, and
neuron-glia communication [2, 6, 7, 16–18], both the central
sensitization and synaptic plasticity may be involved in the
pathology AD.

As a newly identified nonselective Ca2+-permeable cation
channel and the sensor of reactive oxygen species (ROS),
transient receptor potential melastatin member 2 (TRPM2)
channel has recently been indicated to be involved in
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inflammatory/neuropathic pain, synaptic plasticity, oxidative
stress, and neurodegenerative diseases through modulation
of multiple signaling pathways [17–20]. In addition to being
expressed in neurons, the TRPM2 channel is also found
to be expressed in glial cells (microglia and astrocytes)
and plays important role in pathophysiological conditions
[21]. Therefore, TRPM2 channel is an important regulator
of plasticity, not only in health but also in AD which is
characterized by synapse loss and involves inflammation and
oxidative stress [1, 13].

2. TRPM2 Channel Expression in Glial Cells

The glial cells in the CNS mainly include microglia, astro-
cytes, and oligodendrocytes. The microglia in the CNS func-
tion as quiescent immune cells that maintain the homeostasis
of brain through surveying the environment and scavenging
debris. The astrocytes regulate multiple aspects of neurons
and synaptic functions throughout the lifetime, including
synapse formation and uptake and recycling of neurotrans-
mitters. Recent study indicates that glial cells also express the
TRPM2 channel which plays an important role in immune
and inflammatory responses [22, 23].The protein andmRNA
of TRPM2 channel are both confirmed to be expressed
in spinal microglia [17, 21, 24, 25]. Consistently, TRPM2-
mediated Ca2+ current can be detected in cultured microglia
[24, 26] while inhibiting the expression of TRPM2 channel
by introduction of small interfering RNA (siRNA) into the
astrocytes can reduce the inflammation-induced oxidative
stress [21]. These results suggest that TRPM2 channel is
expressed in microglia and astrocytes in the CNS at both
transcriptional and posttranscriptional levels and functions
well in these cells.

In addition, the expression of TRPM2 channel in glial
cells is affected by multiple stimulations and plays important
role in behavior. For example, the expression of TRPM2
mRNA can be increased by cytokine interleukin-1𝛽 (IL-1𝛽) in
humanC13microglial cells [24]. Oxidative stress can enhance
the expression of TRPM2mRNA in astrocytes through influx
of extracellular Ca2+ [27]. In carrageenan-induced inflamma-
tion and sciatic nerve injury, the expression of TRPM2mRNA
in the inflamedpawand areas around the injured sciatic nerve
is increased [17]. In addition, the Ca2+ signaling induced
by lipopolysaccharide and interferon gamma (LPS/IFN𝛾) in
microglia is absent by pharmacological blockade or gene
deletion of TRPM2 channel [28] while deletion of TRPM2
channel attenuates the activation of spinal microglia in the
neuropathic painmodel with peripheral nerve injury [22, 23].
These studies imply that glial TRPM2 channel may play an
important role in the plasticity of the CNS and neurodegener-
ative diseases such as AD, since the Ca2+ signaling, oxidative
stress, and inflammation/nerve injury are involved in the
plasticity of the CNS and the pathology of AD.

3. Glia and TRPM2 Channel in Central
Sensitization and Synaptic Plasticity in CNS

Central sensitization, is a specific use-dependent plasticity of
nociceptive neurons in the CNS, can result in pain under

normally innocuous stimulus after inflammation or injury,
and is thought of as a crucial mechanism underlying the
increased excitability of nociceptive pathways in the CNS
[5]. Previous studies [6, 7, 29] indicate that inflammatory
stimulation of the tooth pulp produces central sensitization
of nociceptive neurons in the trigeminal subnucleus caudalis
mediated by glutamate, ATP, and mitogen-activated protein
kinase p38 (p38MAPK) signaling which are well-known to
be involved in the synaptic plasticity [30–32]. In parallel, exci-
tatory synaptic transmission in spinal cord slices, long-term
potentiation (LTP, a form of synaptic plasticity to underlie
the basic molecular mechanism of learning and memory) in
the intact spinal cord, and the central sensitization-driven
pain hypersensitivity are impaired in toll-like receptor knock-
out mice [33]. Astrocytes can release ATP, causing significant
attenuation of synaptic inhibition in the pyramidal neurons
and facilitating the induction of LTP through neuron-glia
communication and action on cannabinoid receptor [34, 35].
Microglia can prune unnecessary synapses and axon termi-
nals during postnatal development and adaptation to novel
environments, which plays important role in synaptic remod-
eling [36, 37]. These studies imply that both central sensi-
tization and synaptic plasticity are involved in learning and
memory through the activities of glial cells.This hypothesis is
further supported by the study finding that both anxiety and
chronic pain are capable of blocking the presynaptic LTP [38].

The involvement of glial cells in sensitization and plas-
ticity is suggested to be related with the TRPM2 channel
expressed in glial cells. The TRPM2 channel in microglia
and astrocyte is found to be involved in the neurotoxicity
mediated by p38MAPK, c-Jun N-terminal kinase (c-JNK),
and nuclear factor kappa-B (NF𝜅B) signaling [21] while
p38MAPK is involved in the central sensitization mediated
by glial cells [7] and in the synaptic plasticity [30]. The Ca2+
signaling induced by inflammatory molecules, LPS/IFN𝛾, in
microglia from wild-type mice is absent after pharmacologi-
cal blockade or gene deletion of TRPM2 channel, while the
Ca2+ signaling is a mechanism for activation of microglia
[28]. Furthermore, the p38MAPK and JNK signaling is
suggested to contribute to the LPS/IFN𝛾-induced activation
of microglia mediated by TRPM2 channel [28]. In the
neuropathic pain models induced by peripheral nerve injury,
the deletion of TRPM2 channel attenuates the neutrophil
infiltration through the activation of spinal microglia and the
production of chemokine ligand-2 frommacrophages around
the damaged peripheral nerve [17, 22, 23]. Furthermore, it
is found that TRPM2 knock-out mice demonstrate attenu-
ation of nocifensive behaviors in formalin test, mechanical
allodynia, and thermal hyperalgesia in carrageenan-induced
inflammatory pain and sciatic nerve injury-induced neu-
ropathic pain models [17]. The activation of microglia by
nerve injury and the glial chemokines are suppressed by
knock-out of TRPM2 channel [17]. Previous studies indicate
that the TRPM2 knock-out mice also demonstrate decreased
PSD95 and phosphorylation of glycogen synthase kinase-
3𝛽 (GSK3𝛽), impaired long-term depression (LTD, another
form of synaptic plasticity) [39]. These results imply that
the TRPM2 channel expressed in glial cells is involved in



Neural Plasticity 3

the plasticity of CNS in neuropathic and inflammatory pain
through aggravating pronociceptive response, which requires
further elucidation using specific deletion of TRPM2 channel
in glial cells.

4. Glia and TRPM2 Channel in
Alzheimer’s Diseases

There is increasing evidence suggesting that the patho-
physiology of neurodegenerative disorders is related to the
inflammatory responses and oxidative stress mediated by
microglia through producing neurotoxic factors such as
proinflammatory cytokines and nitric oxide that lead to
neuronal degeneration [2]. It is found that microglia can be
activated by transthyretin amyloid accumulationwhich in the
CNS can cause a kind of fatal and untreatable genetic disease,
oculoleptomeningeal amyloidosis, leading to the secretion
of inflammatory molecules such as tumor necrosis factor-
𝛼 (TNF-𝛼), interleukin-6 (IL-6), and nitric oxide, and the
neuronal damage [40]. The release of ATP from cortical
astrocytes decreases following the age, which impairs the
astrocytic modulation of synaptic transmission in neocortex
and therefore contributes to the impairment of synaptic
plasticity and the age-related decline of cognition [34, 35].
These studies suggest that the glial cells and the neuron-glia
communication in the CNS are involved in the functions of
brain and the pathology of AD.

AD, a neurodegenerative disorder exhibiting a gradual
decline in cognitive function, is characterized by the presence
of neuritic plaques composed of neurofibrillary tangles and
amyloid beta (A𝛽) peptide. Animals treated with A𝛽 show
impaired ability of learning andmemory, activated astrocytes
and microglial cells, and disturbed activation of c-JNK
and GSK3𝛽 [41], suggesting activation of glial cells in AD
pathology. Astrocytes around the amyloid plaques are found
to be activated to produce GABA by monoamine oxidase-B
and releaseGABA through the bestrophin 1 channel.Through
acting on presynaptic GABA receptors, the released GABA
from astrocytes is capable of decreasing the spike probability
of granule cells in the dentate gyrus of AD model mice,
impairing the synaptic plasticity and learning and memory
[42].These results provide solid support for the proposal that
glial cells are involved in AD. In AD, the neuropathological
characteristics of the formation of senile plaques by A𝛽 is
associated with the chronic inflammation involving reacti-
vated astrocytes, microglia, and proinflammatory molecules
such as IL-1𝛽, TNF-𝛼, human CCAAT/enhancer-binding
protein (CEBP) delta (CEBPD), p38MAPK, and GSK3𝛽. In
amyloid precursor protein (APP) transgenic mice, astrocytic
CEBPD is associated with the activation and migration
of microglia [43]. Furthermore, A𝛽 derived from trans-
genic mice is found to be accumulated initially on neurite
membranes with normal morphology, rapidly recognized by
glial cells, and finally transferred to attenuated processes
of microglia and astrocytes [44]. These results suggest that
glial processes can recognize the misfolded monomeric or

oligomeric membrane proteins accumulated in A𝛽 amyloi-
dosis which contributes to the cell death and neurotoxicity
during AD and prion disease through interaction with cellu-
lar prion protein and stress-inducible phosphoprotein-1 [45].

More and more studies suggest that the involvement of
glial cells in AD is related with the TRPM2 channel and
through inflammation and oxidative stress which are highly
involved in the pathology of AD. It is found that TRPM2
channel contributes to the trauma-induced oxidative stress,
neuronal apoptosis, mitochondria dysfunction, and [Ca2+]i
increase [46]; all these changes are related with the pathology
of AD. As an antioxidant agent, glutathione is found to play
an important role in neuronal oxidant defense and AD [47].
Following aging and during the pathology of AD, glutathione
is decreased [47] while the increased current of TRPM2
channel in old culture neurons can be decreased by provision
of glutathione [48]. Furthermore, depletion of glutathione
can induce oxidative stress, disturbance of Ca2+ homeostasis,
and apoptosis of hippocampal neurons through activation of
TRPM2 channel [49].TheCa2+ influx through TRPM2 chan-
nel is linked with the change of glutathione level in microglia
and astrocytes [21]. ROS such as H

2
O
2
can activate TRPM2

channel as plasma membrane channel or intracellular Ca2+-
release channel [50] to increase intracellular Ca2+ and sub-
sequently to induce cell death via poly[ADP-ribose (ADPR)]
polymerase (PARP) activation inmacrophage cells [51] which
are peripheral encounter part of glial cells in the CNS. It is
found that ADPR and H

2
O
2
can elicit a large Ca2+ influx,

cation current in lipopolysaccharide (LPS) treated microglial
cells, and activate the TRPM2 channel expressed inmicroglia
[26]. In a rat stroke model by transient middle cerebral artery
occlusion, A𝛽, ADPR, and H

2
O
2
can induce TRPM2 current

in microglia [24, 52]. In transcriptional level, oxidative stress
and traumatic injury of brain can result in Ca2+ influx and
enhanced expression of TRPM2 mRNA [27, 53]. Further-
more, oxidative stress induced by inhibition of glutathione
biosynthesis can induce human microglia and astrocytes to
secrete toxic materials, stimulating them to release TNF-𝛼,
IL-6, and nitrite ions and to increase the concentration of
intracellular Ca2+ ([Ca2+]i) inmicroglia and astrocytes.These
effects are correlated with the activation of inflammatory
signaling of p38MAPK, JNK, and NF𝜅B and are reduced
by pharmacological blockade of TRPM2 channel or genetic
inhibition of TRPM2 channel expression in microglia and
astrocytes [21]. These studies suggest that glial TRPM2 chan-
nel contributes to AD through inflammation and oxidative
stress. Furthermore, recent study indicated that the TRPM2
current in cultured hippocampal neurons can be enhanced
by A𝛽 treatment while TRPM2−/−/APP/PS1 transgenic mice
demonstrated blockades of increased endoplasmic reticulum
stress, age-dependent spatial memory deficit, and reduction
of microglial activation although TRPM2−/−/APP/PS1 trans-
genic mice did not show significant change in plaque [20].
These results suggest that deletion of the TRPM2 channel
shows protective effect in the AD pathology, which may be
achieved through the activation of microglia servicing as the
scavenger in the brain and remain to be further studied using
specific deletion of TRPM2 channels in glial cells.
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Table 1: Major references studying TRPM2 channel in plasticity and AD.

Experimental approach Effects Reference
TRPM2 KO hippocampal slice Deficit in LTD, GSK3𝛽 inactivation [39]
TRPM2 KO glia and neuron culture Glutathione homeostasis loss, inflammation [21, 48]
TRPM2 KO animal stroke Neuroprotection, GSK3𝛽 inhibition [54]
Expression of TRPM2 in striatal culture, A𝛽/oxidative stress Cell death [52]
Human microglia culture, rat brain ischemia,
inflammation/oxidative stress/electrophysiology TRPM2 activated in microglia by ADPR [24]

TRPM2 KO, ROS and inflammation in whole animal Negative feedback [19]
Neuropathic and inflammatory pain in TRPM2 KO animal Inhibition of microglia and pain in KO mice [17, 22]
Expression of TRPM2 in human glioblastoma, oxidative
stress Promoting cell death [55]

Electrophysiology in microglia, ADPR/H
2
O
2

Induction of Ca2+ influx and TRPM2 current [26, 56]
Diabetic rat, brain and DRG TRPM2 activity and oxidative stress enhanced [50]
Pharmacological gene deletion of TRPM2 in microglia TRPM2 mediates inflammation through p38MAPK/JNK [28]
TRPM2/APP/PS1 KO mice Absent microglia activation and memory impairment [20]
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Figure 1: A schematic figure for the involvement of glial TRPM2 channel in plasticity of CNS and AD. We proposed that the activation
of TRPM2 channels in microglia and astrocytes produces Ca2+ overload and subsequent inflammation and oxidative stress which results
in mitochondrial dysfunctions, [Ca2+]i increase, A𝛽 accumulation in neurons, PSD95 reduction, glutamate receptor dysfunction, and finally
change of plasticity anddementia.On the other hand, extinct factors such as aging anddiabetes can result in increase of extracellularA𝛽, which
activates the above pathways. The third pathway may be that activation of neuronal TRPM2 channel enhances [Ca2+]i and phosphorylates
GSK3𝛽 and subsequent pathway to change plasticity.

5. Conclusion

As a newly identified nonselective Ca2+-permeable channel,
the TRPM2 channel is expressed in both neurons and glial
cells (mainly microglia and astrocytes). TRPM2 channel can
be activated by A𝛽 and is involved in the synaptic plasticity
through interaction with PSD95 and GSK3𝛽 signal pathway.
TRPM2 channel is involved in the plasticity induced by

neuropathic and inflammatory pain through glia cells and
immune cells. These studies suggest that TRPM2 channel is
highly involved in the plasticity of CNS and the pathology of
AD through glial cells, as shown in Table 1. According to the
schematic figure (Figure 1), we proposed that the activation
of TRPM2 channels in microglia and astrocytes produces
Ca2+ overload and subsequent inflammation and oxidative
stress which results in mitochondrial dysfunctions, [Ca2+]i
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increase, A𝛽 accumulation in neurons, PSD95 reduction,
glutamate receptor dysfunction, and finally change of plas-
ticity and dementia. On the other hand, distinct factors such
as aging and diabetes can result in increase of extracellular
A𝛽, which activates the above pathways. The third pathway
may be that activation of neuronal TRPM2 channel enhances
[Ca2+]i and phosphorylates GSK3𝛽 and subsequent pathway
to change plasticity. However, there are still many further
studies remaining to be performed to elucidate the detailed
mechanism of glial TRPM2 channel in the plasticity of CNS
and the pathology of neurodegenerative diseases such as AD,
particularly using specific deletion of TRPM2 channel in glial
cells. Following the elucidation of the features of the TRPM2
channel in glial cells, it will shed a light on the study of
neurodegenerative diseases.

Highlights

TRPM2 channel is expressed in both neurons and glial cells.
Glial TRPM2 channel is involved in plasticity in CNS. Glial
TRPM2 channel is involved in Alzheimer’s disease.
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Purpose. Although active targeting of drugs using a magnetic-targeted drug delivery system (MTDS) with superparamagnetic iron
oxide nanoparticles (SPIONs) is a very effective treatment approach for tumors and other illnesses, successful results of drug-
resistant temporal lobe epilepsy (TLE) are unprecedented. A hallmark in the neuropathology of TLE is brain inflammation, in
particular the activation of interleukin-1𝛽 (IL-1𝛽) induced by activated glial cells, which has been considered a new mechanistic
target for treatment. The purpose of this study was to determine the feasibility of the functionalized SPIONs with anti-IL-1𝛽
monoclonal antibody (mAb) attached to renderMRI diagnoses and simultaneously provide targeted therapywith the neutralization
of IL-1𝛽 overexpressed in epileptogenic zone of an acute rat model of TLE. Experimental Design.The anti-IL-1𝛽mAb-SPIONs were
studied in vivo versus plain SPIONs and saline. Lithium-chloride pilocarpine-induced TLE models (𝑛 = 60) were followed by
Western blot, Perl’s iron staining, Nissl staining, and immunofluorescent double-label staining after MRI examination. Results.
The magnetic anti-IL-1𝛽mAb-SPION administered intravenously, which crossed the BBB and was concentrated in the astrocytes
and neurons in epileptogenic tissues, rendered these tissues visible on MRI and simultaneously delivered anti-IL-1𝛽 mAb to the
epileptogenic focus. Conclusions. Our study provides the first evidence that the novel approach enhanced accumulation and the
therapeutic effect of anti-IL-1𝛽mAb by MTDS using SPIONs.

1. Introduction

Temporal lobe epilepsy (TLE) is the most prevalent form
of adult focal onset epilepsy (a condition characterized by
recurrent, unpredictable, and spontaneous seizures) and is
often associated with pharmacological resistance [1], thus
medically refractory epilepsy. According to statistics, asmany
as 75% of patients with TLE are considered to have drug-
resistant epilepsy [2], which is a condition defined by the
International League Against Epilepsy as persistent seizures,
in spite of having used at least two appropriate and adequate
antiepileptic drug (AED) treatments [3]. Despite many other
approaches, such as surgery (resection or removal of small
areas of the brain where the seizures originate) [4], vagus

nerve stimulation (VNS) [5, 6], electrical stimulation [7], or
dietary treatment (the classic ketogenic diet and its variants)
[8] to treat refractory patients, these alternative treatments
all remain arguably mostly underutilized because of various
reasons such as lacking early identification and referral of
appropriate surgical candidates, and patients with medically
refractory epilepsy are too often not referred to epilepsy
centers or referred too late to prevent irreversible disability
[9]. Thus, a novel effective noninvasive strategy is clearly
needed. Of note, the therapeutic deficiency with respect to
AEDs in patients with medically refractory epilepsy includes
resistance to drugs, nonspecificity towards a pathologic site,
low local concentration, nonspecific toxicity, other adverse
side effects [10], and the high suicide risk [11, 12]. In the
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present study, we attempted to solve these shortcomings by
combining anti-interleukin- (IL-) 1𝛽 monoclonal antibody
(mAb) with the a magnetic-targeted drug delivery system
(MTDS) [13–16]. In this study, anti-IL-1𝛽 mAb, as an anti-
epileptogenic therapeutic targeting proteins, was chelated
to superparamagnetic iron oxide nanoparticles (SPIONs),
composed of iron oxide and polyethylene glycol (PEG), and
intravenous tail injections were performed and the possibility
of epileptogenic focus imaging and simultaneous targeted
therapy of new drug-delivery particles using MRI providing
an externalmagnetic field was explored in a ratmodel of TLE.

Previous experimental evidence supports the notion that
anti-IL-1𝛽mAb may be a promising antiepileptogenic thera-
peutic agent for TLE by acting on IL-1𝛽, a novel molecular
target [17, 18]. More recently, the rapidly growing body
of clinical and experimental evidence has provided strong
support to the hypothesis that immunity and inflammation
are considered to be key elements in the pathobiology of a
number of human TLE and convulsive disorders [19, 20].
A growing body of research has shown that the immune
exemption of the central nervous system (CNS) is related.
The CNS has a kind of special immune defense, including
microglia, astrocytes, and endothelial cells, that participates
in the immune response within the brain. Microglia are “the
sentinel” of the CNS immune system and maintain a steady
state in the CNS environment. The biological function of the
microglia is similar to the peripheral system of macrophages
and is inherent in immune defense within the CNS.Microglia
are relatively small in number, representing approximately 5%
of all glial cells. When the CNS is infected and impaired, the
function of static microglia is active, becomes macrophages,
and participates in the adaptive immune response with
circulating T cells. Excessive activation of microglia produces
neurotoxicity, which is an important source of proinflamma-
tory factors and oxidative stress. Activatedmicroglia cells can
release toxic substances, such as cytokines. Astrocytes, one
of the largest glial cells and 10-fold the number of neurons,
are an important member of the nervous system, which
can guide neuromobility, provide the energy for neurons,
and regulate the excitability of neurons. Astrocytes are an
important “energy library” in the CNS and the astrocyte
network, which are connected by gap junction channels
and can provide energy for neurons to maintain glutamate
synaptic transmission and discharge.

Astrocytes also express some cytokine receptors, espe-
cially IL-1 receptors [21], the proinflammatory cytokine, IL-
1𝛽, activated intracellular signaling pathways by acting on
the IL-1R, and may increase reactive glial cell proliferation
and signal amplification inflammation in TLE [22, 23]. IL-1𝛽
can trigger the neuronal endogenous inflammatory response
by activating the PI3K/Akt/mTOR signaling pathway, and
activation of this pathway participates in seizure generation
and pathogenesis [23]. In addition, IL-1𝛽 can aggravate the
occurrence and development of epilepsy and can rapidly
lower the focal ictal event threshold [24]. The reverse results
could be obtained when blocking IL-1𝛽 signaling [25, 26].
These findings strengthen the possibility targeting these
inflammatory pathways and IL-1𝛽may represent an effective
therapeutic strategy to prevent seizures.

Thus, IL-1𝛽 should be considered as a new molecular
target in the design of AEDs, whichmight not only inhibit the
symptoms of this disorder, but also prevent or abrogate dis-
ease pathogenesis [27]; however, the use of anti-IL-1𝛽mAb as
a neuroprotective therapeutic can be limited by the hindered
mobility through the BBB. An increasing body of experimen-
tal evidence suggests that MTDS can overcome the BBB issue
[28–30]. Guiding magnetic nanoparticles (MNPs), with the
help of an external magnetic field to its target, is the principle
for the development of MTDS [31, 32]. SPIONs are small syn-
thetic 𝛾-Fe

2
O
3
(maghemite), Fe

3
O
4
(magnetite), or 𝛼-Fe

2
O
3

(hematite) particles with a core ranging from 10 to 100 nm in
diameter [33]. In addition, due to the essential characteristics,
SPIONs exhibit unique electronic, optical, and magnetic
properties that have been widely used in in vivo biomedical
applications [33, 34], especially MRI contrast enhancement
[35, 36] and drug delivery [37], where SPIONs facilitate
laboratory diagnostics and therapeutics. Further studies have
demonstrated that SPIONs with proper surface architecture
and conjugated targeting ligands/proteins have shown great
potential in nanomedicine. For example, functionalized SPI-
ONs conjugated to targeting ligands, such as alpha methyl
tryptophan (AMT) and 2-deoxy glucose (2DG), are capable
of crossing the BBB and concentrating in the epileptogenic
tissues and are approved for MRI contrast agents in an
epilepsy model [38, 39]. Similarly, SPIONs with drugs loaded
can be guided to the desired target area (epileptogenic tissues)
using an external magnetic field, while simultaneously track-
ing the biodistribution of the particles on MRI [40]. More
specifically, the current research involving SPIONs is opening
up wide horizons for their use as diagnostic agents in MRI
and simultaneously as drug delivery vehicles [41].

In this study, we demonstrated the remarkable capability
of anti-IL-1𝛽mAb-SPION to specifically deliver neutralizing-
IL-1𝛽 antibody into the epileptogenic zone, thus significantly
increasing the efficacy of therapy and simultaneously ren-
dering these tissues visible on MRI as a contrast-enhancing
agent. The new approach, anti-IL-1𝛽mAb-SPION-MRI, pro-
vides a safe theranostic platform, which integrates targeted
delivery of antibody drugs and enhances MR imaging of
TLE.Thus, this new approach using a functionalized SPION-
MRI drugs delivery system truly makes them theranostic
(therapeutic and diagnostic) [40].

2. Materials and Methods

2.1. Particles. Two types of functionalized nanoparticles
(plain [P] SPIONs and anti-IL-1𝛽 mAb-SPIONs) were used
in this study. P-SPIONs (unconjugated) were prepared by a
procedure similar to that described by Akhtari et al. [38].
The particle consists of monocrystalline iron oxide cores
of maghemite (𝛾-Fe

2
O
3
) coated with a PEG layer using a

precipitation reaction, with an average diameter of 10–20 nm
(an average iron-oxide core diameter of 2-3 nm). Anti-IL-1𝛽
mAb was then covalently conjugated to the plain particles
with the same characteristics (solid content, 5mg/mL; iron
concentration, 2.4mg/mL; antibody concentration, 10 𝜇g/mg
Fe). All of the particles used for this study were provided by
MicroMod Company (Rostock, Germany).
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2.2. Experimental Animals. All procedures described in this
study were approved by the Medical University of Jining
Institutional Animal Care and Use Committee. Sprague-
Dawley rats (8–10 weeks old; LuKang Pharmaceutical Co.,
Shandong, China), weighing 250–300 g, were used in all
experiments. All rats were housed individually or in pairs
at an ambient temperature of 20–25∘C and relative humidity
of 50%–60% and 12 h light/dark cycle with access to food
and water ad libitum. All studies were performed in the
Key Laboratory of Molecular Pathology of Jining Medical
University (Shandong, China).

2.3. Pilocarpine-Status Epilepticus (SE) Model. 127mg/kg of
lithium chloride (Sigma-Aldrich, St. Louis, MO, USA) was
administered to all of the rats via a peritoneal injection.
After 18–20 h, the rats were injected with a low dose
of methylscopolamine (1mg/kg intraperitoneally in 0.9%
NaCl; Sigma-Aldrich) 15–30min before pilocarpine (Sigma-
Aldrich) injections to minimize peripheral effects of cholin-
ergic stimulation. A single dose of pilocarpine was admin-
istered (330–345mg/kg intraperitoneally in 0.9% saline)
following 30min later to induce SE. The period of SE was
alleviated after 90min with 1 diazepam injection (10mg/kg
in saline, intraperitoneal; Xupu Pharma, China). The rats
were observed for 1 h and scored according to a modified
Racine seizure scale [42] as follows: 1 = facial movements; 2 =
head nodding and chewing; 3 = unilateral forelimb clonus;
4 = bilateral forelimb clonus; and 5 = bilateral forelimb
clonus, rearing, and loss of balance. The models of TLE that
scored ≥ 4 were employed in the following study. All animals
were injected with 5% dextrose in lactate Ringer’s solution
(5mL intraperitoneal bid) and hand-fed moistened cookies
for approximately 3 days and thereafter when needed. Then,
randomly select 45 of the successful and survival rat epileptic
models, then divided into 3 groups (saline control group (𝑛 =
15), P-SPIONs control group (𝑛 = 15), and the anti-IL-1𝛽
mAb-SPION group (𝑛 = 15)).

2.4. MRI Study. MRI was performed using a clinical 3.0 T
MRI scanner (Siemens Magnetom, version 3.0 T; Berlin,
Germany) along with general 3-inch circular coil at room
temperature. T2-weighted images were acquired using the
following parameters: repetition time (TR)/echo time (TE),
2500/70; 6 echoes, 192∗192; slices, 12; thickness slice, 2.0mm;
field of view (FOV), 80mm; and acquisition time, 6.5min.
MRI scans were acquired on all models 72 h after SE (acute
state). MR images were acquired before the injection of anti-
IL-1𝛽mAb-SPION (15mg/kg), plain SPIONs (15mg/kg), and
saline (equivalent dose) in the tail vein 72 h after SE as well
as ∼4 h after tail vein injection to compare the differences
between images. All animals were denied food for at least 12 h
before injection. T2 relaxation data were acquired using T2
mapping.

2.5. Tissue Processing. After the MRI study, mice (𝑛 = 10
per group) were anesthetized and perfused transcardially
using 0.9% saline followed by 0.1% sodium sulfide and 4%
paraformaldehyde (0.1M (pH 7.4)). Brains were immediately

removed after perfusion and immersed in 4% paraformalde-
hyde overnight for additional fixation followed by being
arranged to sink in 20% and/or 30% sucrose solution in PBS
for 24 h at 4∘C. Brains were extracted and were cut on a freez-
ing slidingmicrotome at a thickness of 5 𝜇mwith consecutive
coronal slices from all brains throughout the septotemporal
extension of the hippocampus for neuropathology. One slice
was taken for every interval of 6 and a total of 10 slices
were taken from each specimen. Two slices were randomly
selected, respectively, for Perl’s iron staining, Nissl staining,
FJB staining, and immunofluorescence, and subjected to
statistical analysis. In addition, remnant animals (𝑛 = 5 per
group) were decapitated under anesthesia. The brains were
removed rapidly and hippocampal tissues were isolated and
stored in liquid nitrogen until use for Western blot analysis.

2.6. Western Blot. The tissue samples were dissected out at
4∘C and homogenized in lysis buffer and PMSF (nos. p0013
ST506; Beyotime Institute of Biotechnology, Jiangsu, China)
for 30min and centrifuged at 12,000 g for 15min at 4∘C
to separate and extract proteins. Total proteins (30 𝜇g per
lane; Bio-tanon, Shanghai, China) were separated using 8%–
12% sodium dodecyl sulfate (SDS) polyacrylamide gels, and
10% acrylamide and transferred to polyvinylidene fluoride
(PVDF) membranes, and each sample was run in dupli-
cate. Proteins were transferred to Millipore polyvinylidene
fluoride membranes by electroblotting. The membrane was
blocked with 5% nonfat milk in Tween-TBS (TBST) for 2 h
at room temperature and incubated at 4∘C overnight with
primary antibodies against IL-1𝛽 (1 : 500 dilution; Santa Cruz
Biotechnology Inc., Santa Cruz, CA, USA) or against IL-
1R1 (1 : 500 dilution; Santa Cruz Biotechnology Inc.). After
rinsing, the membranes were appropriately incubated with
horseradish peroxidase- (HRP-) conjugated goat anti-rabbit
IgG (1 : 5000 dilution; Santa Cruz Biotechnology Inc.) for 2 h
at room temperature. Protein bands were visualized by ECL
Western blot detection reagents (ECL, no. P0018; Beyotime
Institute of Biotechnology) and were exposed to X-ray film.
All experiments were repeated at least three times. Optical
density values in each sample were normalized using the
corresponding amount of 𝛽-actin.

2.7.Histology. In order to observe the distribution of iron par-
ticles in the brain tissue of each sample, Perl’s iron staining of
the sections was performed following the procedure of Perl’s
iron stain kit (Solarbio, Beijing, China). The sections were
incubated in a stock potassium ferrocyanide solution (10%)
for 5min. Immediately prior to use, a working potassium
ferrocyanide solution was prepared (70mL stock potassium
ferrocyanide + 30mL 10% HCl) and applied for 20min. Sec-
tions were counterstained with Nuclear Fast Red for 5min.

To investigate the antiepileptic effect of anti-IL-1𝛽 mAb-
SPIONs on the neuronal damage in the hippocampus
induced by SE, Nissl staining, Fluoro-Jade (F-J) B stain-
ing, and immunofluorescent double-label staining were per-
formed.

To evaluate the degree of hippocampal sclerosis and
the overall cellular death, brain sections of each specimen
underwent Nissl staining with toluidine blue according to
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the well-known Nissl staining protocol, and samples were
dried at room temperature. After 3 washes with distilled
water, the slides were dipped in 0.1% cresyl violet (Sigma-
Aldrich) for 30 seconds, washed again, and then dehydrated.
The sections were permeabilized with xylene and mounted
with neutral resin. Four randomly chosen nonoverlapping
fields were selected to calculate the number of hippocampal
CA3 pyramidal cells under a light microscope (Olympus,
Hamburg, Germany) at 400x magnification. The mean was
taken as the average number of each type of neuron in the
hippocampus. F-J B is a high affinity fluorescent marker
for the localization of neuronal degeneration. The staining
was performed with the following procedure: the slides
were first immersed in a solution containing 1% sodium
hydroxide in 80% alcohol (20mL of 5% NaOH added to
80mL of absolute alcohol) for 5min. This was followed by
a 2-minute immersion in 70% alcohol and 2min in distilled
water.The sections were then transferred to 0.06% potassium
permanganate and then a 0.0004% F-J B solution (Millipore,
Massachusetts, USA). After washing in distilled water, the
sections were placed on a slide warmer at 50∘Cuntil they fully
dried. The tissue was then examined using an epifluorescent
microscope (ZEISS, Oberkochen, Germany) with blue (450–
490 nm) excitation light and a barrier filter.

To highlight the differences in the levels of activated
nuclear factor-kappa B (NF-𝜅B) p65 and astrocyte hyper-
plasia within the CA3 region of the hippocampus, double
labeling of GFAP and NF-𝜅B p65 was carried out. The
brain sections were thawed and fixed in ice-cold acetone for
1min. Nonspecific binding was blocked using 10% normal
goat serum in PBS with 0.1% Triton X-100 for 2 h. The
brain sections then were incubated with primary anti-NF-
𝜅B p65 antibody (1 : 500 dilution; Abcam, Shanghai, China)
and astrocyte-specific primary antibody (rabbit anti-GFAP
antibody-Cy3, 1 : 400 dilution; Abcam) in PBS overnight
at 4∘C following preincubation in 10% normal goat serum
to block nonspecific binding, washed with PBS and then
with a secondary antibody (Alexa Fluor 488 donkey anti-
rabbit IgG antibody, 1 : 500 dilution; Abcam) for 1 h at
room temperature. Finally, cells were washed three times
and coverslips were mounted using Immu-Mount (Thermo
Scientific, Germany). All brain sections were observed under
a fluorescence microscope (ZEISS).

2.8. Statistical Analyses. All results are expressed as the
mean ± standard deviation (SD). Analysis of variance for
repeated measures was performed with SPSS 19.0 statistical
software. One-way analysis of variance (ANOVA) was used
for comparisons between groups, followed by the LSD test
for between-group comparisons.The results ofMRIT2 values
before and after injection in each group were compared with
𝑡-tests. 𝑃 < 0.05 was considered statistically significant and
𝑃 < 0.01 was considered highly significant.

3. Results

3.1. MRI Studies. Prior to particle injection, the baseline T2-
weighted MR images of the brains in the three groups all

showed areas of positive contrast enhancement (increased
signal intensity) of acute lesions of the TLE model (Figures
1(a), 1(c), and 1(e)). We chose the side of the macroscopic
lesion to carry out the statistical analysis. The MR signal
intensity at the lesion site before particle injection between
the three groups was not significantly different (𝑃 > 0.05;
Figure 1(g)). The postinjection images of rats to whom anti-
IL-1𝛽 mAb-SPION was administered (Figure 1(f)) showed
areas of negative enhancement (red arrow) in the regional
zone of the brain lesion, in agreement with a significant
decrease in T2 values by 21.5% in comparison to the prein-
jection image of epilepsy (𝑃 < 0.01; Figure 1(g)). The
hypointense region within the epileptogenic lesion is indica-
tive of nanoparticle accumulation, which causes a reduction
in signal intensity on T2-weighted image. After injection of
P-SPIONs, the MR images of P-SPIONs groups showed areas
of negligible negative enhancement (arrows; Figure 1(d)) of
partial lesions with no significant difference in T2 values
(𝑃 > 0.05; Figure 1(g)). The MR signal intensity of the saline
group showed no significant difference in comparison to
preinjection (𝑃 > 0.05), corresponding to almost no signal
reduction within the epileptogenic tissues (Figure 1(b)).

3.2. Distribution ofMagnetic Nanoparticles in Rat Brains of the
Acute TLEModel. To confirm that the signal intensity change
of epileptogenic lesions following administration of anti-IL-
1𝛽 mAb-SPIONs was due to the accumulation of SPIONs in
the epileptogenic tissues, we performed Perl’s iron staining
of the brain tissue after MR imaging (Figure 2). Perl’s iron
staining of coronal sections from brain tissues showed uptake
of anti-IL-1𝛽mAb-SPIONs (arrows; Figure 2(f)), crossing of
the BBB, and intracellular localization in the hippocampus
CA3; this accumulation manifested as areas of negative
enhancement of the MRI seen in Figure 1, with statistical
significance compared with the saline control group (𝑃 <
0.01; Figure 2(g)). Additionally, little brown iron particles
were observed in the P-SPIONs control group (arrows;
Figure 2(d)), and there was significant difference (𝑃 < 0.05)
compared with the saline group.

3.3. Anti-IL-1𝛽mAb-SPIONs: Neutralization of IL-1𝛽 Amelio-
rates Pilocarpine-Induced Epilepsy. Western blot for investi-
gating the neutralization of IL-1𝛽 protein and expression of
IL-1R1 protein was performed (Figure 3). After injection of
particles, the P-SPIONs group showed few changes (𝑃 > 0.05;
Figure 3(b)) in the level of IL-1𝛽 protein and IL-1R1 protein
in comparison to the saline group (Figure 3(a)); however,
compared with the two control groups, the anti-IL-1𝛽 mAb-
SPIONs-treated group had a significant decrease (𝑃 < 0.01)
in the level of IL-1𝛽 protein, with no significant decrease
(𝑃 > 0.05) in the level of IL-1R1 protein.

To explore the effect of anti-IL-1𝛽 mAb-SPIONs on
neuronal damage of brain regions induced by pilocarpine-
induced SE, Nissl staining of the brain sections was per-
formed. Representative photomicrographs of Nissl stain-
ing results are shown in Figure 3. Nissl staining of sam-
ples revealed typical neuropathologic changes, including
neuronal loss, organizational structure disorders (nucleus
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Figure 1: MR images of rat brains in the three groups are shown before and after tail vein injection of particles (15mg/kg). ((a), (c), and (e))
Baseline MRI prior to injection with saline, P-SPIONs, anti-IL-1𝛽, and mAb-SPIONs; (b) MR images acquired 4 h after saline injection. (d)
MR image acquired 4 h after P-SPIONs injection; area of negligible negative enhancement is not visible (red arrow). (f) MR images acquired
4 h after anti-IL-1𝛽mAb-SPIONs injection; area of negative enhancement is visible (red arrow) in CA3 showing unilateral uptake of particles;
(g) the changes in the value of T2 before and after injection in the three groups. Data represent mean ± SD of 10 pilocarpine-SE rats per group.
∗

𝑃 < 0.05 versus preinjection. #𝑃 > 0.05 between three groups when preinjected.

shrinkage or disappearance of Nissl bodies) of the hippocam-
pal CA3 area in the control groups (saline and P-SPIONs
group; Figures 4(a) and 4(b)); however, after injection of
the novel drug, anti-IL-1𝛽 mAb-SPIONs, improvement of

organizational structure in the hippocampal CA3 area was
observed in the experimental group (Figure 4(c)). F-J B stain-
ing selectively marked the damaged neurons in agreement
with the results of Nissl staining of the hippocampal CA3
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Figure 2: The distribution of iron particles in the hippocampus CA3 of models of TLE at 72 h post-SE after tail vein injection of particles.
((a)-(b)) Perl’s iron staining of saline group; ((c)-(d)) Perl’s iron staining of P-SPIONs group; ((e)-(f)) Perl’s iron staining of anti-IL-1𝛽mAb-
SPIONs group. ((a), (c), and (e)) Magnification 40; ((b), (d), and (f)) magnification 400; (g) shows bar graphs (mean ± SD, 𝑛 = 10) for the
number of iron particles. ∗𝑃 < 0.01 versus saline group. #𝑃 > 0.05 versus saline group and anti-IL-1𝛽mAb-SPIONs group.

area showing a trend towards neuronal loss. Compared to the
control groups, a decrease in the number of F-J B-positive
neurons was observed in the anti-IL-1𝛽mAb-SPIONs group
after the injection of the novel drug (𝑃 < 0.05; Figures 4(d)–
4(g)). This extensive cell loss was accompanied by microglial
proliferation and the activation ofNF-𝜅Bp65 in the brain hip-
pocampus. We studied NF-𝜅B p65 expression and astrocytes

hyperplasia in the hippocampus CA3 of epileptic rats treated
with anti-IL-1𝛽 mAb-SPIONs versus saline and P-SPIONs
(Figure 5).The activation ofGFAP-positive astrocytes and the
nuclear transfer of NF-𝜅B p65 in astrocytes were observed
in saline group (Figures 5(a1)–5(a4)) and P-SPIONs group
(Figures 5(b1)–5(b4)); there was no statistical significance
(𝑃 > 0.05; Figure 5(d)) between groups. Compared with
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Figure 3:The protein expression of IL-1𝛽/IL-1R1 (mean± SD, 𝑛 = 5)
measured in the rat hippocampus after particle injection, as assessed
by Western blot. (a) Western immunoblots for IL-1𝛽 and IL-1R1
protein expression in the saline, P-SPIONs, and anti-IL-1𝛽 mAb-
SPIONs groups. (b) shows bar graphs for IL-1𝛽 and IL-1R1 protein
expression plotted on the vertical-axis as a fold change relative to the
saline group. ∗𝑃 < 0.05 versus saline group and P-SPIONs group;
#
𝑃 > 0.05 versus saline group.

the control groups, the model rats of TLE treated with
anti-IL-1𝛽mAb-SPIONs showed the inhibition of NF-𝜅Bp65
expressed in the nuclei of astrocytes of hippocampus CA3
(Figure 5(c4)). Although the cell nucleus of astrocytes did not
express NF-𝜅B p65 during antibody treatment, the astrocytes
still showed an activated phenotype (Figures 5(c1) and 5(d)).

4. Discussion

The results of this study provide important proof of principle
for several aspects of the hypothesis that anti-IL-1𝛽 mAb-
SPIONs, which cross the BBB, can be used to localize and
delineate specific cerebral functions, such as the epileptogenic
focus, and simultaneously have a powerful targeted anti-
epileptic effect after tail vein administration in a rat model of
acute seizures with neuropathologic featuresmimicking TLE.
Most importantly, the improvement of neuropathology and
neurotomy (decreased neuronal cell loss and astrocyte prolif-
eration and inhibition of the NF-𝜅B p65 activation) of epilep-
togenic tissues in rat brain provides evidence that the novel
treatment showed high penetration of the antibody into the
epileptogenic zone of the brain hippocampus of epileptic rats.
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Figure 4: Effect of anti-IL-1𝛽 mAb-SPIONs dependency on SE-
induced neuronal cell loss of hippocampus CA3 at 72 h post-SE
after injection. ((a)–(c)) The Nissl staining (400x); ((d)-(e)) the FJB
staining (40x) showed FJB-positive cells; ((a), (d)) saline group; ((b),
(e)) P-SPIONs group; ((c), (f)) anti-IL-1𝛽 mAb-SPIONs group. (g)
Data (mean ± SD, 𝑛 = 10) present the number of the FJB-positive
cells. ∗𝑃 < 0.05 versus saline group and P-SPIONs group; #𝑃 > 0.05
versus saline group.

In the present study, we first focused on the uptake of
the SPIONs particles and then the ability of crossing the
BBB in the brain by the method of tracking even small
amounts of magnetite-labeled nanoparticles in the rat brain
using MRI [43] and Perl’s iron staining. The T2-negative
enhancement in epileptogenic tissues of the MRI patterns
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Figure 5: NF-kappa B p65 expression and astrocyte hyperplasia in the hippocampus CA3 of epileptic rats treated with anti-IL-1𝛽 mAb-
SPIONs versus saline and P-SPIONs (20x); ((a1)–(b4)) show the activation of GFAP-positive astrocytes and the expression of NF-kappa B
p65 in astrocyte nucleus was observed in the saline ((a1)–(a4)) and P-SPIONs groups ((b1)–(b4)). Colocalization panels ((a4)–(c4)) showNF-
𝜅B p65 expression in activated astrocytes in the hippocampus CA3 of epileptic rats; (c4) notes the inhibition of NF-𝜅B p65 nucleus transfer in
anti-IL-1𝛽mAb-SPIONS-treated rats; (c1) shows that the astrocytes still have an activated phenotype. (d) shows the number of positive-GFAP
astrocytes (mean ± SD, 𝑛 = 10). #𝑃 > 0.05 versus saline group.
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performedbefore and after anti-IL-1𝛽mAb-SPIONs injection
confirms previous results showing that these functionalized
magnetized particles were taken up by brain parenchyma and
then crossed the BBB in this epilepsy model [38, 44]. The
results of the distribution of particles in the brain by Perl’s
iron staining showed that the number of iron particles of
epileptogenic tissues in the experimental group exceeds the
control groups, corresponding to the negative enhancement
changes ofMRI images. As amacromolecule, anti-IL-1𝛽mAb
cannot aggregate sufficiently to the brain because of an inabil-
ity to cross the BBB. The results of the present in vivo study
indicated that MTDS significantly improved the accumula-
tion of the anti-IL-1𝛽mAb in pathologic sites and decreased
the undesirable side effects. The mechanisms underlying
anti-IL-1𝛽 mAb-SPIONs crossing the BBB accounted for a
number of observations. First, the inflammation induced
by epileptic seizures and epileptic activity itself can result
in BBB dysfunction (the disturbances of its integrity and
functionality), including an increase in cerebral capillary
permeability [45] and an increase in pinocytosis at the level of
the cerebral endothelium [46]. Second, the inherent property
of nanoparticles, such as the small size, can stick to the
cell surface and participate in the material transfer between
cells [30]. Previous evidence has shown that antibody-
mediated targeting of iron oxide nanoparticles can cross
the BBB by the method of receptor-mediated transcytosis
[47].Therefore, monoclonal antibodies, when chelated to the
SPIONs, not only influence the specificity of drug delivery,
but also penetrate and distribute anti-IL-1𝛽 mAb-SPIONs
by rendering them capable of selectively binding certain
antigens (IL-1𝛽) overexpressed on epileptogenic tissues. The
external magnetic field of MTDS, with the major advantage
of combining simplicity, amodest cost, enhanced localization
of deficient delivery, and reductions in both incubation time
and vector doses [31], has directed the delivery of drug
coupled to magnetic particles to further enhance selective
brain deposition [32]. Recent information suggests that using
a combined strategy of ultrasound, magnetic targeting, and
drug-loaded nanoparticles can also improve the outcome of
targeted delivery of chemotherapy drugs to the brain [48, 49].
The fact that SPIONs should be considered as a strong T2
contrast-enhancing agent, certified by the phantom study, is
suggested by changes in negative enhancement between the
MRI pattern seen with anti-IL-1𝛽 mAb-SPIONs and plain
SPIONs or saline during the acute phase.

Although a number of previous studies have shown
that IL-1𝛽 contributes to epileptic seizures and can be
considered as a therapeutic target for TLE, few of the
studies have attempted to use specific neutralizing antibody
in the treatment of TLE. Here, we found the potential
neuroprotective and anti-epileptic effect of anti-IL-1𝛽 mAb.
In this study, the downregulation of IL-1𝛽 protein inWestern
blot after novel drug injection indicated that anti-IL-1𝛽mAb,
which binds tightly to IL-1𝛽 with a neutralization potency >
10 times higher than the marketed antibody, canakinumab
[50], was highly sensitive and specific for IL-1𝛽 protein
overexpressed in epileptogenic tissues. Previous evidence
showed that neuroinflammation, triggered by the activation
of the IL-1𝛽/IL-1 receptor type 1 (IL-1R1) axis, played a

key role in epileptogenic brain areas. IL-1R1-mediated
posttranscriptional signaling in neurons, which was
induced by IL-1𝛽, promoted hyperexcitability, seizures, and
excitotoxicity by enhancing neuronal Ca2+ influx. However,
this study showed no statistical significance in expression of
IL-1R1 protein after antibody treatment. Even so, this study
demonstrated that neutralization of IL-1𝛽 simultaneously
led to neuroprotective effects, remarkable reduction of
hippocampal neuronal loss, and the improvement of
neuronal organizational structure, on SE-associated neuronal
damage in the CA3 area of the hippocampus as well as
performing targeted location on MRI. The combined sen-
sitivity and specificity of anti-IL-1𝛽 mAb-SPIONs provided
a robust and safe theranostic platform for TLE.

Among the classical AEDs and the nonclassical anti-
seizure drugs, vinpocetine and carbamazepine, with a mech-
anism of action that involves a decrease in Na+ channel
permeability, were investigated and shown to be highly effec-
tive in reducing the cerebral inflammatory IL-1𝛽 expression
to render reducing the increased brain excitability accom-
panying seizures [51]. The neutralizing anti-interleukin-
1𝛽 antibodies, as an anti-inflammatory drug, also have
significant positive effects on other pathologic conditions.
Recently, some researchers have found that in the fetus, the
anti-IL-1𝛽 mAb which be taken up by brain in ischemia-
reperfusion injury, can then attenuates ischemia-reperfusion
related fetal BBB dysfunction [52]. In traumatic brain injury
(TBI), similar to our studies, the neutralization of IL-1𝛽 was
associated with improved histologic and cognitive outcome
[53], modification of the inflammatory response, reduced
loss of hemispheric tissue, and attenuation of the microglial
activation caused by TBI [54]. However, in the present
study, the behavioral analysis of epileptic rats after antibody
treatment was not performed.

To evaluate potential mechanisms of action for the anti-
inflammatory antibody, we then used immunofluorescent
double-labeling staining of the CA3 region of the hippocam-
pus to evaluate changes in activated NF-𝜅B p65 and astrocyte
hyperplasia induced by SE. The experimental results showed
that the role of anti-IL-1𝛽 mAb-SPIONs on treatment for
epilepsy is not affected by decreased proliferation of astro-
cytes, implying that astrocytes which affect the development
of epilepsy are related to many mechanisms, such as ion
channels and water channels, amino acid metabolism of the
excitatory, and inhibitory amino acids in the inside and
outside of cells, cell factors, and gap junctions. In terms
of ion channels and water channels, previous study showed
that astrocytes lost the ability of removal of K in patients
with temporal lobe epilepsy and the marked increase in
the neurons in a highly excited state [55]. In addition, the
experiments have proved the existence of glutamate receptors
on AST cell membranes, which is a type of excitatory
neurotransmitter associated with seizures, and extracellular
glutamate levels in the brain are increased. Glutamic acid
can stimulate a paroxysmal depolarization offset [56], leading
to an epileptic discharge. A study confirmed that IL-1 may
reduce the production of glutamine by reducing Glu trans-
porter activity, indirectly reducing Glu synthesis. IL-1𝛽 and
high mobility group protein 1 (high mobility group box 1
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protein (HMGB1)) may play a role in promoting the epileptic
attack by making N-methyl-D-aspartate 2 B (N-methyl-D-
aspartate (NMDA2B)) phosphorylation [57].

It is generally known that anti-inflammatory response
and antiepileptic effect are complementary to each other.
These experimental results suggest that the antiepileptic
effect of anti-IL-1𝛽 mAb-SPIONs, which have decreased
the number of IL-1𝛽 molecules, was realized by reducing
the reaction of IL-1𝛽 with receptors on the surface of the
astrocytes and then reduced the activation of inflammation
in the cell signaling pathways in order for the inhibition
of the occurrence of epilepsy by reducing the signal of the
inflammation. Previous study showed that the downstream
mediators of IL-1𝛽 signaling, for example, the activation of
NF-𝜅B, are attenuated and inhibition of nucleus transfer after
neutralizing IL-1𝛽 after injection of antibody is associated
with IL-1𝛽 upregulation following SE. These data are similar
to previous evidence [58] and suggested that the proinflam-
matory cytokine, IL-1𝛽, contributes to the process leading to
increased cell death following TLE and is a key regulator of
acute inflammatory processes in the CNS. Despite inflam-
matory processes, IL-1𝛽 was involved in the entire process
of epilepsy; however, the postictal suppression (PS) phase, a
common and important period following SE, is an important
period of IL-1𝛽 action. Thus, only the acute stage (24 h after
SE) was discussed. Nevertheless, the optimum concentration
of anti-IL-1𝛽mAb-SPIONs warrants further study.

5. Conclusion

In summary, this study provides the first direct evidence of
the feasibility of a novel approach, integration of the anti-
inflammatory drug, and functionalized SPIONs (MTDS),
which crosses the BBB, in the simultaneous diagnosis and
therapy of epileptic rats in acute stage of TLE in vivo. Mag-
netic field-guided delivery of the anti-IL-1𝛽 mAb-SPIONs
enabled much more efficient uptake of SPIONs by brain
tissues, significantly enhancing the neuroprotective effect
of the delivered anti-inflammatory drug neutralizing-IL-
1𝛽 antibody. Moreover, the anti-IL-1𝛽 mAb-SPIONS dis-
played much higher MRI T2 sensitivity than plain SPI-
ONs, which makes them a very advantaged and safe
therapeutic-diagnostic platform for simultaneous magnetic-
targeted drugs and MRI diagnosis of other CNS diseases.
Further in vivo studies to explore this potential are currently
under way in our laboratory.
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Several types of microRNA (miRNA) overexpression in the brain are associated with stress. One of the targets of miR-34c is the
stress-related corticotrophin releasing factor receptor 1 mRNA (CRFR1 mRNA). Here we will probe into the short-term effect
and long-term effect of early adolescent traumatic stress on the expression of miR-34c and CRFR1 mRNA. Traumatic stress was
established by electric foot shock for six consecutive days using 28-day rats. The anxiety-like behaviors, memory damage, CRFR1
protein, CRFR1 mRNA, and miR-34c expression were detected in our study. The results of our study proved that exposure to acute
traumatic stress in early adolescent can cause permanent changes in neural network, resulting in dysregulation of CRFR1 expression
and CRFR1 mRNA and miR-34c expression in hypothalamus, anxiety-like behavior, and memory impairment, suggesting that the
miR-34c expression in hypothalamus may be an important factor involved in susceptibility to PTSD.

1. Introduction

Posttraumatic stress disorder (PTSD) is a prevalent anxiety
disorder triggered by the traumatic experiences which pro-
duce strong negative feelings, such as horror, intense fear, and
helplessness [1]. The hypothalamic-pituitary-adrenal (HPA)
axis plays a pivotal role in stress induced neural plasticity,
so that dysregulation of HPA axis is responsible for suscep-
tibility to certain anxiety disorders [2]. Further, as the key
upstream factors in HPA axis, CRHR1 was considered as
a critical factor in etiology and vulnerability of PTSD [3].
One study has showed that CRHR1 could strengthen the
traumatic memories in limbic system of mice after exposure
to foot shock stress [3]. Our previous study also showed
that traumatic stress in early adolescence triggered long-term
effect on central CRFR1 expression and induced dysfunction
of HPA axis in adulthood [4].

MicroRNAs (miRNAs), a subset of endogenous small
RNA molecules, are widely expressed in astrocytes and neu-
rons in the brain and perform crucial regulatory functions in
gene expression in the central nerve system [5, 6]. Previous
studies have found that dicer1 and miR-17 expression were

increased in reactive astrocyte, and it is also reported that
dicer1 plays an important role in astrocyte development
[7]. miRNAs exert their function via base-pairing with
complementary sequences within mRNA molecules. Upon
sequence-specific binding of miRNAs, mRNA molecules are
destabilized through shortening of their poly(A) tails or
degraded by cleavage of the mRNA strand or less efficiently
translated into proteins by ribosomes [8, 9]. One study has
observed that miRNAs are expressed differentially in patients
with different psychiatric diseases. Meanwhile, stress, gluco-
corticoids, and mood stabilizers altered the miRNAs level of
the patients, suggesting that miRNAs may be the potential
vital factors of the pathophysiology and therapeutics of men-
tal diseases [10]. More studies also pointed out that certain
miRNAsmay act as epigenetic modulators of gene expression
in psychiatric disorders like autism, schizophrenia, major
depression, and anxiety [10–12]; specificmiRNAswere related
to neuronal differentiation and synaptic plasticity and the
treatment target of anxiety disorders [13]. Those studies
indicated that the alterations of certain miRNAs expression
had implication in pathogenesis of PTSD [10, 14].
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miR-34c is a stress-related miRNA which was promi-
nently increased after traumatic stress and associated with
decreased anxiety-like behaviors. What caught our attention
was that CRFR1 mRNA is the target of miR-34c. Previous
work has confirmed that miR-34c combined with an evolu-
tionarily conserved region in the 3UTR of CRFR1 mRNA
perform its effect. miR-34c reduces the expression of stress-
related proteins (such as CRFR1) and plays a role in the
recovery process of stress reaction, suggesting that it might
have vital implication in vulnerability to PTSD and might
become a new target for the prevention and treatment of
stress-related disorders [15].

Adolescence is a very rapid development period, which
had increased susceptibility to stress. Recent studies have
showed that early life stress may have more influence on
epigenetic states and brain function than similar stress expo-
sure later in life [16]. Our previous study showed that early
life stress increased susceptibility to stress through CRFR1
expression in brain [4]; another study has observed that early
life stress activatedREST4-mediated gene transcription in the
medial prefrontal cortex [17]. Those studies provided new
insights that miRNAs could regulate gene expression which
alters susceptibility to developing stress-related diseases in
adulthood after early life stress. However,miR-34c expression
and the association between miR-34c and CRF1 expression
in hypothalamus in adult rats after adolescent stress had not
clarified.

In the present study, we used our previously established
rat model for PTSD, which replicates the specific neuroen-
docrinological abnormalities observed in PTSD patients [4,
18]. We would observe miR-34c expression in the hypotha-
lamus after adolescent stress because this brain region is a
complex region considered to be part of the limbic system
and integrate the nervous system and the endocrine system
and act as a “switching station” in the brain [19]. The purpose
of the study was first to detect dynamic changes, including
short-term state and long-term state of miR-34c expression
after early adolescent exposure to the stress. Second, we probe
into the question whether miR-34c expression could timely
regulate CRFR1 expression by using CRFR1 antagonist to
block the CRFR1 activity.

2. Methods and Materials

2.1. Animals. A total of 72 male Wistar rats (21 days old,
obtained from the experimental animal center of Shandong
University, China) were group-caged (two or three per
cage) under controlled lighting conditions (07:00–19:00 h)
and temperatures (25 ± 2∘C) with food and water made
available ad libitum and allowed to acclimate for seven
days prior to experimental testing. The study was approved
by the Institutional Animal Care Committee of Shandong
University. Rats were randomly divided into three groups
(𝑛 = 24 in each group): the control group (CON), the stress
group (S), and the stress and antagonist group (S + A). After
animal modeling and drug administration (two weeks after
foot shock), 12 rats randomly chosen from each group were
sacrificed after behavioral tests. The rest of the animals were
raised to adulthood (six weeks after foot shock) and were
sacrificed after behavioral tests (see Figure 1).

2.2. AnimalModel of PTSD. With the exception of the control
group, the rats received the repeated inescapable electric foot
shock for six consecutive days, according to the previously
published method [4, 18]. In each day, there were two trials
which lasted for 30 minutes; the interval between the two
trials was not less than 4 hours. In each trial, electric foot
shock continued for 6 seconds and repeated 20 times with a
random interval. The current intensity of electric foot shock
was 0.5mA.

2.3. Antagonist Administration. CRFR1 antagonist CP-154,
526 (Sigma-Aldrich, USA) was administered intraperi-
toneally. The rats in S + A group were treated with CP-154,
526 (3.2mg/kg/day, in vehicle) for 14 days after the foot shock
stress. Rats in other groups were treated with vehicle (80%
polyethylene glycol 400) to balance the systematic error. The
dose of CP-154, 526 was determined according to a previous
study [20].

2.4. Elevated Plus Maze (EPM). The elevated plus maze
consisted of three parts and two opposite closed arms (50 ×
10 cm2) with 40 cm tall nontransparent walls, two opposite
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open arms (50 × 10 cm2), and a central part (10 × 10 cm2),
which was elevated 50 cm above the floor. The laboratory
room was maintained with controlled levels of light and
temperatures. The rats were individually placed in the center
part of the maze facing an open arm and allowed free
exploration for 5 minutes. The apparatus was completely
cleaned with 75% ethanol between two sessions. The number
of entries into each arm and the total time spent in each
arm were recorded by the SMART video tracking system
(SMART v3.0, Panlab, Spain). Ratio entry was defined as the
total entries into the open arms divided by the total entries
into any arm of the maze. Ratio time was defined as the total
time spent in the open arms divided by the total time spent in
any arm of the maze. Anxiety score was calculated as anxiety
score = 1 − (ratio time + ratio entry/2). Anxious rats were
more likely to stay in the closed arms so that a reduced ratio
entry or ratio time indicates a more anxious status. When the
ratio entry and ratio time are zero, the anxiety score is 1, which
means extreme anxiety [21].

2.5. Morris Water Maze. The test was carried out within
24 h after EPM test. The water maze was a cylindrical black
galvanized metal container that was 120 cm in diameter and
equipped with a platform 1-2 cm below the water surface.The
visual objects were placed at fixed positions to serve as visual
cues for the location of the platform. The swimming track of
the animals in the water maze was recorded and measured
by the SMART video tracking system (SMART v3.0, Panlab,
Spain). At the start of learning trail, animals were placed
on the platform for 10 s to familiarize themselves with the
environment. Then the animals were individually placed in
the water facing the wall of the water maze and trained to
find the platform from different locations (E, S, W, and N)
around the edge of the container for 5 consecutive days. Once
the animals reach the platform, the trial was terminated. If the
animals failed to find the platformwithin 60 s, the animal was
placed on the platform for 10 s and the latency was recorded
as 60 s. The time(s) of escape latency to find the platform
was recorded and measured by the SMART video tracking
system (SMART v3.0, Panlab, Spain). On day 6, the original
platformwas removed and this quadrantwas defined as target
quadrant. The animals were placed in the quadrant opposite
the platform and allowed free exploration for 1min. The
entries to the target quadrant and cumulative time spending
in the target quadrant were recorded and measured by the
SMART video tracking system (SMART v3.0, Panlab, Spain).

2.6. Western Blotting

2.6.1. Tissue Preparation. Six rats in each group were decap-
itated immediately after behavioral tests. The rat’s skull was
cut and both sides of the frontal and the parietal bone were
pulled off to collect the whole brain from the cranial cavity.
After that, the hypothalamus was collected and immersed
immediately in liquid nitrogen and stored at −80∘C for
further protein isolation.

2.6.2. Protein Isolation. To isolate protein sample, the brain
tissue was homogenized in the lysis buffer (50mM Tris (pH

7.4), 150mMNaCl, 1%TritonX-100, 1% sodiumdeoxycholate,
0.1% SDS, sodium orthovanadate, sodium fluoride, EDTA,
and leupeptin) supplemented with 1% protease inhibitor
phenylmethanesulfonyl fluoride (PMSF) in a ratio of 1 : 5 (1 g
tissue/5mL reagent).The lysed tissue sample was centrifuged
at 14000 g at 4∘C for 30min, and then the protein-containing
supernatant obtained was either immediately used or stored
at −80∘C. The protein concentration was detected by BCA
Protein Assay Kit (Beyotime Institute of Biotechnology)
using the iMark Microplate Absorbance Reader (Bio-Rad,
CA, USA).

2.6.3. CRFR1 Western Blotting. Brain protein samples con-
taining the same amount of total proteins were mixed with
a 6x Laemmli loading buffer (Tris-HCl, 50mM, pH 6.8;
dithiothreitol, 0.1M, pH 6.8; glycerol, 10%; sodium dodecyl
sulfate (SDS), 2%; and bromophenol blue, 0.02mg/mL). The
mixed protein sample was heated at 99∘C for 5min to cause
protein denaturation, and then 20𝜇g of protein sample was
separated on 12% sodium dodecyl sulfate-polyacrylamide
(SDS-PAGE) gel and electrotransferred to polyvinylidene
difluoride (PVDF) membranes (Bio-Rad, CA, USA). The
membrane was blocked with 5% BSA in TBS containing
0.1% tween-20 (TBST) for 1 h and incubated with primary
antibodies against CRFR1 (1 : 4000, Sigma-Aldrich, USA,
SAB4500465) or GAPDH (1 : 4000, Biogot Technology, Co.,
Ltd.) at 4∘C overnight in a refrigerator. On the following day,
after washing with TBST for 5min three times, the PVDF
membrane was incubated for 1 h at room temperature with
the horseradish peroxidase- (HRP-) conjugated secondary
antibody (1 : 10000). Then, the PVDF membrane was washed
again with TBST for 15min three times, the Western blots
were visualized after being incubatedwith ECL solution (Mil-
lipore Corp., Billerica, Massachusetts, USA) for 1min and
exposed onto photographic films (Eastman Kodak Company,
Rochester, New York, USA) for 10–90 sec. Signal intensities
were quantified by the Image J 14.0 software and the density
value of the objective protein bandwas normalized according
to that of the GAPDH band of the same sample.

2.7. Real-Time PCR Assay. Six rats in each group were used
to detected CRFR1 mRNA and miR-34c expression. Each
hypothalamus was mixed with 1mL Trizol (Invitrogen) to
extract total RNA from frozen samples. 1mL of RNA was
used to measure the expression of CRFR1 mRNA or miR-34c
by RT-PCR. The expression of GAPDH or U6 was used as
internal control. The expression of CRFR1 mRNA or miR-
34c was calculated according to the threshold cycle (Ct);
the CT of the target gene for each sample was corrected by
subtracting theCTof the internal control (ΔCT).The controls
were chosen as reference samples with mean ΔCT for the
control samples being subtracted from the ΔCT for all the
experimental samples (ΔΔCT). Finally, relative expression
levels were calculated as 2−[(Ct of CRFR1 mRNA)−(Ct of GAPDH)] or
2−[(Ct of miR-34c)−(Ct of U6)]. Real-time PCR experiments were
performed by Kangchen Bio-Tech, Shanghai, China.
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Figure 2: Anxiety-like behavior in the EPM test (𝑛 = 8 in each group). (a) Anxiety-like behavior of rats in the EPM test in adolescence. (b)
Anxiety-like behavior of rats in the EPM test in adulthood. Ratio entry was defined as the total entries into the open arms divided by the total
entries into any arm of the maze. Ratio time was defined as the total time spent in the open arms divided by the total time spent in any arm
of the maze. Anxiety score was calculated as anxiety score = 1 − (ratio time + ratio entry/2). Values were expressed as mean ± SEM. ∗ and ∗∗
indicate 𝑝 < 0.05 and 𝑝 < 0.01 versus CON, respectively; # and ## indicate 𝑝 < 0.05 and 𝑝 < 0.01 versus S, respectively.

2.8. Statistical Analysis. All analyses were carried out using
the statistical software SPSS18.0. The repeated-measures
analysis of variance (ANOVA) was used for the analysis of
the escape latency among different groups in the Morris
water maze. One-way ANOVA was used for the analysis of
the other dates. Post hoc analyses consisted of 𝐹 tests for
simple effects and Turkey’s and Games-Howell tests where
appropriate. Results were expressed as the mean ± standard
error of the mean (SEM). Significances were accepted to be
present at 𝑝 < 0.05.

3. Results

3.1. Behavioral Test

3.1.1. EPM Test. Figure 2(a) shows the ratio entry to the
open arm [𝐹(2, 22) = 5.444, 𝑝 = 0.012], ratio time in the
open arm [𝐹(2, 22) = 10.914, 𝑝 = 0.001], and anxiety score
[𝐹(2, 22) = 10.575,𝑝 = 0.001] displayed by the rats twoweeks
after foot shook. S group had lower ratio entry than the CON
(𝑝 = 0.018) and S + A (𝑝 = 0.035) groups. Ratio time in the
open armwas lower in the S group than the CON (𝑝 = 0.005)
and S + A (𝑝 = 0.005) groups. Anxiety scores were higher
in the S group than the CON (𝑝 = 0.007) and S + A (𝑝 =
0.003) groups. Figure 2(b) shows the long-lasting effects of
adolescent foot shock on anxiety-like behaviors of rats later in
adulthood. Similar group differences were observed in ratio
entry to the open arm [𝐹(2, 22) = 4.32, 𝑝 = 0.027], ration
time in the open arm [𝐹(2, 22) = 9.495, 𝑝 = 0.001], and
anxiety score [𝐹(2, 22) = 11.473, 𝑝 = 0.000]. S group had
lower ratio entry than the CON group (𝑝 = 0.025), lower

ratio time than the CON (𝑝 = 0.004) and S + A (𝑝 = 0.002)
groups, and higher anxiety score than the CON (𝑝 = 0.001)
and S + A (𝑝 = 0.002) groups.

3.1.2. Memory Function Test. The Morris water maze was
performed two weeks and six weeks after foot shock. The
mean time to find the platform in the training days is shown
in Figures 3(a) and 3(b), and repeated-measures ANOVA
confirmed that there was no obvious difference among these
groups. One-way ANOVA showed similar differences in the
number of entries (Figure 3(c)) and the time spent in the
target quadrants (Figure 3(d)) of the adolescent rats and adult
rats. Two weeks after foot shock, S group performed less
entries to the target quadrants than CON (𝑝 = 0.004) and S +
A (𝑝 = 0.026) groups [𝐹(2, 22) = 7.252, 𝑝 = 0.003] and lower
time spent in the target quadrants than CON (𝑝 = 0.004) and
S + A (𝑝 = 0.026) groups [𝐹(2, 22) = 13.482, 𝑝 = 0.000].
Six weeks after foot shock, S group performed less entries
to the target quadrants than CON (𝑝 = 0.001) and S + A
(𝑝 = 0.031) groups [𝐹(2, 22) = 9.88, 𝑝 = 0.001] and lower
time spent in the target quadrants than CON (𝑝 = 0.000)
group [𝐹(2, 22) = 11.883, 𝑝 = 0.000].

3.2. CRFR1 Expression in Hypothalamus. In the adolescent
hypothalamus [𝐹(2, 16) = 9.275, 𝑝 = 0.002; see Figure 4],
the S group (𝑝 = 0.021) and S + A group (𝑝 = 0.002) had
lower CRFR1 expression than the CON group. However, in
the adult hypothalamus [𝐹(2, 16) = 9.706, 𝑝 = 0.002; see
Figure 4], S group exhibited higher CRFR1 expressions than
the CON group (𝑝 = 0.002) and S + A group (𝑝 = 0.032).
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Figure 3: Spatial memory performance in theMorris water maze (𝑛 = 8 in each group). (a)Mean escape latency to the platform in theMorris
water maze in adolescence. (b) Mean escape latency to the platform in the Morris water maze in adulthood. (c) Entries to the target quadrant
in adolescence and adulthood. (d) Time spent in the target quadrant in adolescence and adulthood. Values were expressed as mean ± SEM.
∗∗ indicates 𝑝 < 0.01 versus CON; # indicates 𝑝 < 0.05 versus S.

3.3. CRFR1 mRNA Expression and miR-34c Expression in
Hypothalamus. The level of CRFR1 mRNA was lower in the
adolescent hypothalamus in the S + A group than CON (𝑝 =
0.009) and S groups (𝑝 = 0.002) [𝐹(2, 16) = 10.493, 𝑝 =
0.001; see Figure 5]. In the adult hypothalamus [𝐹(2, 16) =
24.650, 𝑝 = 0.000; see Figure 5], the S (𝑝 = 0.004) and S + A
(𝑝 = 0.01) groups had lower level of CRFR1 mRNA than the
CON group.

In the adolescent hypothalamus [𝐹(2, 16) = 9.272, 𝑝 =
0.002; see Figure 6], the S group (𝑝 = 0.011) and the S + A
group (𝑝 = 0.003) had higher miR-34c expression than the
CON group. However, in the adult hypothalamus [𝐹(2, 16) =
8.547, 𝑝 = 0.003; see Figure 6], the S + A group exhibited
higher miR-34c expressions than the CON group (𝑝 = 0.005)
and S group (𝑝 = 0.012).

4. Discussion

Early life adverse conditions may lead to abnormal behav-
ioral, neuroendocrine, and genetic responses which might be
involved in the pathogenesis of psychiatric disorders [22–27].
Stressful experiences and individual psychology hereditary
quality are recognized as risk factors for PTSD [28, 29]. In
this study,we focused on the short-termand long-term effects
of adolescent foot shock on anxiety-like behavior, memory
damage, protein CRFR1 expression, CRFR1mRNA, andmiR-
34c levels in the hypothalamus of male Wistar rats.

Behavioral tests were carried out two weeks and six weeks
after the stressful foot shock, which acts as models of short-
term and long-term effects of adolescent stress, like what
to be observed in the PTSD patients. We found that foot
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shock had both short-term and prolonged negative effects
on anxiety-like behavior and memory. Gratifyingly, CRFR1
antagonist performed positive effects. Adolescent foot shock
triggered more anxiety-like behaviors and reduced open
arm exploration in the EPM test, and passing time did not
erase the anxiety of the stressed rats. Since the stressed
rats performed fewer entries to the target quadrant and
spent less time there than the controls, we speculated that
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Figure 6: Relative expression of miR-34c in adolescent and adult
hypothalamus. Values were expressed as mean ± SEM. ∗ and ∗∗
indicate 𝑝 < 0.05 and 𝑝 < 0.01 versus CON, respectively; # indicates
𝑝 < 0.05 versus S.

rats exposed to foot shock suffered memory damage which
lasted to adulthood. Administration of CRFR1 antagonist CP-
154,526 after foot shock was proved useful for alleviation of
anxiety and memory damage immediately and persistently.
Our results supported the conclusions that early life stress
resulted in a persisted anxiety behavior and PTSD patients or
animal models may develop memory impairments [30–32],
which are also affected by individual characters and the type
and intensity of stress [26, 30].

Our previous study found that early adolescent stress led
to lasting and profound changes in central CRFR1 expression
[4]. Therefore, we want to reveal whether the changes of
CRFR1 expression occur with the accompanying changes
in CRFR1 mRNA expression and miR-34c expression in
the hypothalamus, as one of the miR-34c targets is the
CRFR1 mRNA, which was regulated via the complementary
site on its 3UTR [15]. In adolescent study, stressed rats
showed similar level of CRFR1 mRNA, increased miR-34c
expression, and decreased CRFR1 expression compared with
the controls in hypothalamus. These results supported the
idea that traumatic stress could induce increased miR-34c
and decreasedCRFR1 expression, which is consistentwith the
mechanism aboutmiRNA influencing the protein translation
[8]. As a marker in stress recovery process, higher level of
miR-34c was observed in S + A group. Combined with the
result of improved behaviors in CRFR1 antagonist group,
our study suggested that CRFR1 antagonist could target a
positive process including increased level of miR-34c during
acute stress reaction and give a new certification thatmiR-34c
might be closely related with vulnerability to PTSD.

The study focused on the relationship among levels of
CRFR1, CRFR1 mRNA, and miR-34c expression in adult
stressed rats. In consistent with our hypothesis, stressed
rats showed lower level of CRFR1 mRNA, similar level of
miR-34c, and increased CRFR1 expression compared with
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the unstressed rats. This means although the behavioral
performance is the same between adolescence and adulthood
of rats after adolescent stress, the CRFR1 mRNA, miR-34c,
and protein CRFR1 displayed different dynamic changes after
certain period of passing time.The reasons may be explained
partially with the homeostasis theory of stress: when indi-
vidual confronts stress stimulus, organisms would start self-
defense mechanism to cope with the stress and induced
physiological change to maintain homeostasis. For instance,
miR-34c was upregulated after exposure to acute stress,
performing anxiolytic properties [15]. In our study, after
adolescent foot shock, stressed rats showed increased level
of miR-34c in the short term which trigged lower expression
of CRFR1 in the hypothalamus to fight against the anxiety.
After a protracted struggle which did not work, the level of
miR-34c expression returned to normal gradually, while the
level of CRFR1 expression was upregulated, as we observed in
the hypothalamus six weeks after foot shock. In addition, the
sustained upregulated CRFR1 expressionmight trigger a neg-
ative feedback action on the CRFR1 mRNA to maintain the
homeostasis. Both positive and negative stress adaptations
induce the experience epigenetic changes that affect its future
responses [33]. The other reasons including the epigenetic
factors such as DNA methylation, histone acetylation, and
other types of noncoding RNAs [16, 34, 35] might also influ-
ence theCRFR1 expression. For instance, Elliott et al. revealed
CRHpromoter was demethylated in stress-vulnerabilitymice
while imipramine treatment could reverse the alterations of
CRHpromotermethylation,mRNAexpression, and behavior
[36]. It is noticed that there were prominent higher levels
of miR-34c in both adolescent and adult CRFR1 antagonist
group in the study. The results indicated CRF1 antagonist
might improve anxiety-like behavior and memory by alter-
ation of miR-34c expression in hypothalamus.

5. Conclusions

Our results demonstrated that severe traumatic stress in early
adolescent induced lasting effects on anxiety-like behavior
and spatial memory damage, different alterations of CRFR1
expression, and CRFR1 mRNA and miR-34c expression in
hypothalamus between adolescent and adult period, which
suggested that the miR-34c expression in hypothalamus may
be unique regulator of stress reaction and may play a role
in vulnerability to PTSD following exposure to traumatic
experience.
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signaling in psychiatric disorders,” Journal of Molecular Biology,
vol. 426, no. 20, pp. 3389–3412, 2014.

[17] S. Uchida, K. Hara, A. Kobayashi et al., “Early life stress
enhances behavioral vulnerability to stress through the acti-
vation of REST4-mediated gene transcription in the medial
prefrontal cortex of rodents,” The Journal of Neuroscience, vol.
30, no. 45, pp. 15007–15018, 2010.

[18] H. Hendriksen, J. Prins, B. Olivier, and R. S. Oosting, “Environ-
mental enrichment induces behavioral recovery and enhanced
hippocampal cell proliferation in an antidepressant-resistant
animal model for PTSD,” PLoS ONE, vol. 5, no. 8, Article ID
e11943, 2010.

[19] A. Bowirrat, T. J. H. Chen, K. Blum et al., “Neuro-
psychopharmacogenetics and neurological antecedents of
posttraumatic stress disorder: unlocking the mysteries of
resilience and vulnerability,” Current Neuropharmacology, vol.
8, no. 4, pp. 335–358, 2010.

[20] L. Arborelius, K. H. Skelton, K. V. Thrivikraman, P. M. Plotsky,
D. W. Schulz, and M. J. Owens, “Chronic administration of
the selective corticotropin-releasing factor 1 receptor antagonist
CP-154,526: behavioral, endocrine and neurochemical effects
in the rat,” The Journal of Pharmacology and Experimental
Therapeutics, vol. 294, no. 2, pp. 588–597, 2000.

[21] R. Adamec, M. Hebert, J. Blundell, and R. F. Mervis, “Dendritic
morphology of amygdala and hippocampal neurons in more
and less predator stress responsive rats and more and less
spontaneously anxious handled controls,” Behavioural Brain
Research, vol. 226, no. 1, pp. 133–146, 2012.

[22] M. F. Juruena, “Early-life stress and HPA axis trigger recurrent
adulthood depression,”Epilepsy&Behavior, vol. 38, pp. 148–159,
2014.

[23] Y. Litvin, P. Tovote, N. S. Pentkowski et al., “Maternal separation
modulates short-term behavioral and physiological indices of
the stress response,” Hormones and Behavior, vol. 58, no. 2, pp.
241–249, 2010.

[24] M. Nishi, N. Horii-Hayashi, and T. Sasagawa, “Effects of early
life adverse experiences on the brain: implications from mater-
nal separationmodels in rodents,” Frontiers inNeuroscience, vol.
8, article 166, 2014.

[25] M. M. Sánchez, C. O. Ladd, and P. M. Plotsky, “Early
adverse experience as a developmental risk factor for later
psychopathology: evidence from rodent and primate models,”
Development and Psychopathology, vol. 13, no. 3, pp. 419–449,
2001.

[26] T. A. Kosten, J. J. Kim, and H. J. Lee, “Early life manipulations
alter learning and memory in rats,” Neuroscience & Biobehav-
ioral Reviews, vol. 36, no. 9, pp. 1985–2006, 2012.

[27] R. Yehuda, J. D. Flory, L. C. Pratchett, J. Buxbaum,M. Ising, and
F.Holsboer, “Putative biologicalmechanisms for the association
between early life adversity and the subsequent development of
PTSD,” Psychopharmacology, vol. 212, no. 3, pp. 405–417, 2010.

[28] J. D. Flory, R. Yehuda, V. Passarelli, and L. J. Siever, “Joint
effect of childhood abuse and family history ofmajor depressive
disorder on rates of PTSD in people with personality disorders,”
Depression Research and Treatment, vol. 2012, Article ID 350461,
7 pages, 2012.

[29] R. A. Lanius, P. A. Frewen, E. Vermetten, and R. Yehuda, “Fear
conditioning and early life vulnerabilities: two distinct pathways
of emotional dysregulation and brain dysfunction in PTSD,”
European Journal of Psychotraumatology, vol. 1, article 5467, pp.
1–10, 2010.

[30] L. A. Diehl, L. O. Alvares, C. Noschang et al., “Long-lasting
effects of maternal separation on an animal model of post-
traumatic stress disorder: effects on memory and hippocampal
oxidative stress,”Neurochemical Research, vol. 37, no. 4, pp. 700–
707, 2012.

[31] B. H. Johnsen, J. Eid, T. Løvstad, and L. T. Michelsen,
“Posttraumatic stress symptoms in nonexposed, victims, and
spontaneous rescuers after an avalanche,” Journal of Traumatic
Stress, vol. 10, no. 1, pp. 133–140, 1997.

[32] C.-Y. Su, K.-Y. Tsai, F. H.-C. Chou, W.-W. Ho, R. Liu, and
W.-K. Lin, “A three-year follow-up study of the psychosocial
predictors of delayed and unresolved post-traumatic stress
disorder in Taiwan Chi-Chi earthquake survivors,” Psychiatry
and Clinical Neurosciences, vol. 64, no. 3, pp. 239–248, 2010.

[33] B. B. Griffiths and R. G. Hunter, “Neuroepigenetics of stress,”
Neuroscience, vol. 275, pp. 420–435, 2014.

[34] A. Holmes, A. M. Le Guisquet, E. Vogel, R. A. Millstein,
S. Leman, and C. Belzung, “Early life genetic, epigenetic
and environmental factors shaping emotionality in rodents,”
Neuroscience and Biobehavioral Reviews, vol. 29, no. 8, pp. 1335–
1346, 2005.

[35] R. Yehuda and L. M. Bierer, “The relevance of epigenetics to
PTSD: implications for theDSM-V,” Journal of Traumatic Stress,
vol. 22, no. 5, pp. 427–434, 2009.

[36] E. Elliott, G. Ezra-Nevo, L. Regev, A. Neufeld-Cohen, and A.
Chen, “Resilience to social stress coincides with functional
DNA methylation of the Crf gene in adult mice,” Nature
Neuroscience, vol. 13, no. 11, pp. 1351–1353, 2010.




