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Many industrial/biotechnological processes take place under
extreme conditions of temperature, pH, salinity, or pres-
sure which are not suitable for activities of proteins from
model eukaryotic or common neutrophilic, mesophilic, and
prokaryotic microorganisms. In contrast, Archaea offer a
large panel of extremophile organisms that express proteins
that are able to remain properly folded and functional under
the harshest biophysical conditions.

The study of this group of organisms has uncovered
archaeal enzymes and proteins with unusual properties
compared to their traditional homologues. In addition, with
their ease of production and better-behaved samples for X-
ray crystallography, for example, archaeal proteins are often
more convenient for structural biology studies than their
eukaryotic equivalents. The knowledge thus gained can open
routes to commercial biotechnological applications. These
last years, with the emergence of next generation sequencing
techniques to decode whole genomes and metagenomes
and the pressure to develop “greener” industrial processes,
the rate of new archaeal proteins reported has significantly
increased, thereby widening again their potential of appli-
cations. In this special issue of Archaea, we present selected
papers dealing with the uses of archaeal proteins as tools for
various fields of biotechnologies and research.

DNA and RNA ligases are essential enzymes in living
cells and have applications in molecular biology. A review
by M. Tanabe et al. discusses the uses of DNA ligases and
recent progress in deciphering their catalytic mechanisms via
structural studies, and they describe how protein engineering
can improve ligation efficiency of an archaeal DNA ligase

over a broad temperature range. In another paper on ligases,
C. R. Chambers and W. M. Patrick present the current state
of knowledge on archaeal nucleic acid ligases including RNA
ligases, highlighting their remarkable properties relevant to
biotechnologists, and they discuss the modifications of the
activities of archaeal RNA ligases by directed mutagenesis to
develop more efficient molecular biology protocols.

J. A. Littlechild reviews research regarding the discovery
and potential applications of a range of thermophilic archaeal
proteins, illustrating the power of archaeal enzymes for vari-
ous industrial biocatalysis.Then, an article by V.M. Gumerov
et al. describes the characterization of a novel thermostable
and multifunctional 𝛽-glycosidase from Acidilobus saccha-
rovorans that displays a high tolerance to glucose, a desired
property for such enzymes used to process lignocellulose
biomass. C.-H. Wu et al. present a review summarizing
the strategies used in engineering and characterizing three
different forms of soluble hydrogenase I from the hyperther-
mophile Pyrococcus furiosus, an enzyme which has been used
in vitro for hydrogen production.

Archaea are not only interesting for catalysis applications.
J. C. Charlesworth and B. P. Burns give a comprehen-
sive overview of archaeal low-molecular weight compounds
including peptides with antimicrobial properties which can
be exploited for biotechnological purposes. Finally, in their
review, J. M. Miller and E. J. Enemark exemplify with MCM
helicases how crystallography of archaeal homologues can
be helpful to decipher structure/function relationships of
their eukaryotic versions which are more difficult to crystal-
lize.

Hindawi Publishing Corporation
Archaea
Volume 2015, Article ID 809758, 2 pages
http://dx.doi.org/10.1155/2015/809758

http://dx.doi.org/10.1155/2015/809758


2 Archaea

We hope this special issue will provide the reader with
an up-to-date overview of some of the diverse applications
of archaeal proteins and, perhaps, prompt further research in
this largely untapped field with rich prospects for the future
of many biotechnological applications.

Frédéric Pecorari
Vickery L. Arcus
Juergen Wiegel
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Hydrogen gas is a potential renewable alternative energy carrier that could be used in the future to help supplement humanity’s
growing energy needs. Unfortunately, current industrial methods for hydrogen production are expensive or environmentally
unfriendly. In recent years research has focused on biological mechanisms for hydrogen production and specifically on
hydrogenases, the enzyme responsible for catalyzing the reduction of protons to generate hydrogen. In particular, a better
understanding of this enzyme might allow us to generate hydrogen that does not use expensive metals, such as platinum, as
catalysts.The soluble hydrogenase I (SHI) from the hyperthermophile Pyrococcus furiosus, amember of the euryarchaeota, has been
studied extensively and used in various biotechnological applications. This review summarizes the strategies used in engineering
and characterizing three different forms of SHI and the properties of the recombinant enzymes. SHI has also been used in in vitro
systems for hydrogen production and NADPH generation and these systems are also discussed.

1. Introduction

Hydrogen is a potential renewable and carbon neutral energy
carrier. It has three times the energy content per unit mass
of fossil fuels [1]. The concept of replacing current gasoline-
based vehicles with hydrogen fuel cell vehicles (HFCVs) has
gained a lot of attention recently [2]. A major advantage
of HFCVs is that water is the only waste product, and
hence they eliminate the harmful exhaust of current vehicles,
thereby benefiting human health and the climate [2, 3]. With
the introduction of commercially available HFCVs in many
counties in 2015, the demand for hydrogen is anticipated to
dramatically increase in the near future [3]. Unfortunately,
current methods of producing hydrogen rely on fossil fuels
and are expensive. They include steam reforming of natural
gas, which produces greenhouse gases, and electrolysis to
split water uses the expensive metal platinum as a catalyst
[4]. New and renewablemethods are obviously needed for the
generation of hydrogen and biological-based systems have a
great deal of potential.

The enzyme hydrogenase catalyzes the simplest chemical
reaction in nature, the reversible interconversion of protons,
electrons, and hydrogen gas: 2H+ +2e− ↔ H

2
. Such enzymes

are widespread in bacteria and Archaea and are even found
in some Eukarya [5]. Hydrogenases enable organisms to
remove excess reducing power generated during metabolism
by evolving hydrogen, or they can oxidize hydrogen to
generate reducing power for growth [6]. Hydrogenases can
be classified into three types based on the metal content
of their catalytic sites, and they are referred to as [NiFe]
hydrogenases, [FeFe] hydrogenases, and mononuclear Fe
hydrogenases [7]. The [NiFe] hydrogenases are the most
ubiquitous and have been extensively studied [5]. They are
further classified into four different types (groups 1–4) based
on the peptide sequence used to bind the [NiFe]-containing
active site [7]. Group 1 [NiFe] hydrogenases are the best
studied among the four groups [5].The assembly of the [NiFe]
catalytic site of these hydrogenases requires eight maturation
proteins, based on the mechanism elucidated for Escherichia
coli hydrogenase 3 [8]. The [NiFe] hydrogenases are also
reversibly inactivated in the presence of oxygen [9].

Herein we focus on the [NiFe] hydrogenases of Pyrococ-
cus furiosus, a strictly anaerobic archaeon that grows opti-
mally at 100∘C.This organism utilizes carbohydrates as a car-
bon source for growth and generates acetate, carbon dioxide,
and hydrogen gas as end products. P. furiosus contains three
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different types of [NiFe] hydrogenase, a membrane-bound
enzyme (MBH) and two soluble hydrogenases (SHI and
SHII). MBH is the hydrogenase responsible for producing
H
2
during its fermentative metabolism wherein it oxidizes

the reduced ferredoxin generated during the oxidation of
glucose to acetate [15, 16]. In contrast, SHI and SHII utilize
NADP(H) andNAD(H) as electron carriers, respectively, and
while their functions have not been established, it is assumed
that they can recycle some of theH

2
produced byMBHunder

the appropriate growth conditions. All three hydrogenases
have been purified and characterized [6, 17–19]. This review
focuses on the engineering, properties, and applications of
SHI.

2. Expression and Purification

P. furiosus SHI is a heterotetramer encoded by a four-gene
operon (PF0891–0894). A structural model of SHI has been
proposed based on sequence analyses of the four subunits
[10]. As shown in Figure 1, PF0894 is the subunit harboring
the Fe- and Ni-containing catalytic site wherein the Fe
atom has three diatomic ligands, one -CO and two -CN.
PF0892 contains the flavin and a [2] cluster and is the site
of interaction with NADP(H). PF0891 and PF0893 contain
two and three [4] clusters, respectively, for electron transfer
between the flavin and the active site. SHI was first purified
and characterized using four chromatographic steps, which
yielded the intact heterotetramer [6]. The yield from this
purification was very low and an improvement in yield
was needed in order to generate the enzyme for detailed
characterization studies.

In order to improve the yield of SHI, an attempt wasmade
to heterologously express SHI in E. coli, with coexpression of
the genes encoding the accessory proteins that are necessary
for proper assembly of the [NiFe] active site [10].Thiswas also
the first example of heterologously expressing a functional
[NiFe] hydrogenase in E. coli, as well as demonstrating
expression of a hydrogenase in a distantly related host.
Unfortunately, the yield of this heterologous expressed SHI
was lower than the natively purified SHI from P. furiosus [10].
Although the expression of SHI in a genetically tractable host,
such as E. coli, was a significant achievement, this system was
not suitable to produce large amounts of this enzyme.

Once a genetic system was established in P. furiosus,
the host organism could be used to both overproduce and
engineer SHI [20]. The genetic system was established by
removing the pyrF gene in a genetically tractable strain
of P. furiosus termed COM1. pyrF is essential for uracil
biosynthesis and allows for selection and counter selection
based onuracil biosynthesis in aminimalmedium.Moreover,
it was demonstrated that the genes encoding SHI could be
deleted from P. furiosus without any apparent effect on cell
growth [20]. This suggested that SHI was not an essential
enzyme and could be engineered in various ways without
affecting the metabolism of P. furiosus, and this proved to be
the case.

In the first attempt to overexpress the four genes encoding
SHI and to affinity-tag the enzyme [11], transcription of SHI
was put under the control of a strong constitutive promoter,

Pslp, which controls expression of the gene encoding the S-
layer protein. In addition, PF0891 was engineered to include a
Strep-II affinity tag (Figure 2). A Strep tag was chosen instead
of a polyhistidine tag as the latter might interfere with the
incorporation of nickel into the catalytic site of SHI. Using
this approach and a one-step affinity purification, approxi-
mately seven times more SHI (per gram of cells) was purified
from the cytoplasmic fraction of P. furiosus compared to the
original purification of SHI [11]. Interestingly, expression of
the genes encoding the [NiFe]-maturation proteins was at the
same level in the recombinant strain as in the parent strain
even though the genes encoding SHI (under the control of
Pslp) were increased by about 10-fold. The native levels of the
maturation proteins were therefore able to synthesize almost
an order of magnitude more SHI and produce the active
enzyme.

Since a functional SHI is not required for growth of P.
furiosus [20], this allowed the engineering of nonfunctional
forms that did not utilize H

2
and/or NADP(H) as substrates.

A dimeric version of SHI that contained only PF0893 and
PF0894 was successfully produced (Figure 1). This enzyme
evolved H

2
from artificial electron donors but did not oxidize

NADPH, as it lacked the NADPH-oxidizing subunit [13].
Engineering dimeric SHI also involved the development of
another selectable marker, arginine decarboxylase (pdaD), to
be used for genetic manipulations in P. furiosus. In addition,
the purified dimeric SHI had a polyhistidine (9-His) tag at
the N-terminus of PF0893. The results demonstrated that
this type of tag does not interfere with the assembly of
nickel into the catalytic site of SHI as the enzyme retained
its H
2
-production activity (using an artificial dye as the

electron donor) after purification using the immobilized
nickel-affinity chromatography step.

Based on the success in engineering and purifying 9x-
His tag dimeric SHI, the tetrameric SHI was engineered to
contain a polyhistidine affinity tag to determine if this would
improve the efficiency of purification compared to the Strep-
tag II tetramer [12]. The same strategy to overexpress SHI
(tagging at the N-terminus of PF0891) was used, except that
the Strep-tag II was replaced by a 9x-His tag (Figure 2). This
resulted in an 8-fold improvement in the yield compared to
the Strep-tag II and a 50-fold higher yield of SHI compared
to the original native purification. A comparison of the yields
for the different purification procedures is shown in Table 1
and the strains constructed for SHI expression are shown in
Table 2.

During the affinity purification of the His-tagged
tetrameric form of SHI, a trimeric form was observed
eluting from the affinity column that lacked the large [NiFe]-
containing subunit (PF0894, see Figure 1). This Ni-free
trimeric SHI represented approximately 2% of total SHI [12].
This discovery supports the proposedmaturationmechanism
of [NiFe] hydrogenases in which the three subunits of the
P. furiosus enzyme (PF0891–PF0893) form a trimeric
complex before the catalytic subunit (PF0894) is assembled
[8]. This complex then binds to the catalytic subunit to
generate the active enzyme. Hence, in an overexpressed
strain, the processing machinery may not be able to keep
up with the production of the four protein subunits, such
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Figure 1: Models of tetrameric (a), Ni-free trimeric (b), and dimeric (c) forms of SHI. These are modified from [10] and are based on the
cofactor and iron-sulfur cluster contents in sequence analysis. The proposed electron flow from NADPH oxidation to hydrogen evolution is
also shown. Four different strains of P. furiosuswere constructed to obtain the various forms of SHI.They are designated asMW400,MW430,
MW434, and MW402 and their properties are listed in Table 2. These were used to prepare PF0891 Strep-tag II SHI [11], PF0891 9x-His tag
SHI [12], PF0894 9x-His tag SHI [12], and PF0893 9x-His tag dimeric SHI [13], respectively. SDS PAGE gels show the purity of the different
forms: (d) lane 1, Strep-tag II tetrameric SHI; (e) lane 2, 9x-His tag tetrameric SHI; lane 3, 9x-His tag Ni-free trimeric SHI; (f) lane 4, native
SHI; lane 5, 9x-His tag dimeric SHI (PF1542 is an unrelated protein that is a persistent contaminant that copurified with dimeric SHI). The
SDS PAGE gel data were modified from [11–13].

Table 1: Yields of SHI from different expression systems.

Protein Expression host Affinity tag Purification steps Protein yield (mg)1 Reference
Native SHI P. furiosus — 4 2.5 [6]
Recombinant SHI E. coli — 3 0.16 [10]
Strep-tag II SHI P. furiosus Strep-tag II 1 17 [11]
9x-His Dimeric SHI P. furiosus 9x-His tag 2 16 [13]
9x-His SHI P. furiosus 9x-His tag 1 135 [12]
1Protein yield from 100 g of cells (wet weight).

that there is a very slight excess of the Ni-free trimeric
form. These results are also consistent with the notion
that the catalytic subunit alone cannot be expressed and
isolated in an active form and needs the other hydrogenase
subunits to be processed. For example, when the catalytic

subunit of a cytoplasmic hydrogenase of Thermococcus
kodakarensis was expressed in E. coli, the purified subunit
was inactive and contained Fe, Zn, and Ca atoms but
not Ni, indicating that it was not properly assembled
[21].
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Figure 2: Genetic strategy for overexpression of SHI. MW400 is used as the example. The knock in cassette contains upstream flanking
region (UFR) and downstream flanking region (DFR) homologous to PF0890 and PF0891, respectively.This cassette also contains a selectable
marker pyrF with the promoter Pgdh, the promoter for the S-layer protein (Pslp) to drive expression of the SHI genes, and a Strep-tag II at the
N-terminus of PF0891. By homologous recombination, this cassette was inserted into the SHI locus in P. furiosus COM1.

Table 2: Strains for SHI expression.

Strain designation Genotype Deleted or inserted
ORF/elements Reference

MW400 Pslp Strep-tag II-shI𝛽𝛾𝛿𝛼 Pslp Strep-tag II, Pgdh-pyrF [11]
MW402 ΔshI𝛽𝛾𝛿𝛼 Pslp 9x-His-shI𝛿𝛼 Pslp 9x-His-shI𝛿𝛼, PpdaD-pdaD [13]
MW430 Pslp 9x-His-shI𝛽𝛾𝛿𝛼 Pslp9x-His, Pgdh-pyrF [12]
MW434 Pslp 9x-His-shI𝛽𝛾𝛿𝛼 Pslp9x-His, Pgdh-pyrF [12]

3. Properties

SHI is classified as a group 3 bidirectional [NiFe] hydrogenase
based on the amino acid sequence that surround the four
cysteinyl residues that coordinate the [NiFe] catalytic site
[7]. In in vitro assays, SHI oxidizes H

2
and reduces NADP+

and can also reduce protons in vitro to evolve H
2
using

NADPH as the electron donor [22]. Kinetic studies on SHI
showed that it has ten times higher hydrogen consumption
activity than hydrogen production and has a high affinity
for hydrogen (𝐾

𝑚
20𝜇M) and NADP+ (𝐾

𝑚
37 𝜇M) [6, 23,

24]. This suggested that the physiological function of SHI
is to regenerate NADPH from the hydrogen produced by
MBH [24]. However, since the SHI deletion mutant strain
did not have a phenotype under the growth conditions used
in the laboratory, the true physiological function of SHI is
still a mystery [20]. As shown in Figure 1, it is predicted
that NADPH binds to the flavin-containing subunit PF0892
and the electrons are transferred through the iron-sulfur
clusters of PF0892, PF0891, and PF0893 and finally to the
catalytic site in PF0894 in order to evolve hydrogen. As
expected, the dimeric form of SHI did not interact with
NADP(H) but, interestingly, it accepted electrons directly

from pyruvate ferredoxin oxidoreductase (POR) to produce
hydrogen in the absence of an intermediate electron carrier.
This two-enzyme system therefore directly oxidized pyruvate
to hydrogen gas (and acetyl-CoA) [13]. Potentially, the POR
subunit that would normally reduce ferredoxin is able to
directly transfer electrons to iron-sulfur clusters in dimeric
SHI that are exposed due to the lack of the other two subunits
(Figure 1).

P. furiosus is a hyperthermophile that grows at 100∘C
so it would be expected that SHI is extremely stable at
high temperature and this proved to be the case. The half-
life of SHI at 90∘C (as measured by its hydrogen evolution
activity) is 14 hours for the native enzyme and 6 hours for the
affinity tagged enzyme [12]. SHI is not a very oxygen-sensitive
enzyme. The half-life in air at 25∘C (as measured by loss of
hydrogen evolution activity at 80∘C) was 21 hours for native
SHI and 25 hours for the affinity tagged version [11]. SHI is
much less sensitive to inactivation by oxygen compared to
the well-characterized group 1 [NiFe] hydrogenases, which
are typically inactivated within an hour after exposure to
oxygen [25]. Although it is regarded as a strictly anaerobic
microorganism, P. furiosus is also resistant to oxygen and
contains a mechanism of oxygen detoxification. This allows
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it to grow even in the presence of 8% (v/v) oxygen. SHI
does not contribute to the resistance mechanism as the SHI
deletion strain behaved similarly to the parent strain [26].The
general resistance to oxygen of SHI is an attractive property
for biofuel-related applications.

SHI has been characterized previously by electron para-
magnetic resonance (EPR) and Fourier transform infrared
(FTIR) spectroscopy [6, 27–29]. The EPR properties of the
enzyme are consistent with the iron-sulfur clusters predicted
in the model as shown in Figure 1 [6, 29]. EPR can also
be used to follow the electronic state of the [NiFe] active
site. In general, the Ni atom in [NiFe] hydrogenases typically
exhibits three paramagnetic states referred to as Ni-A, Ni-B,
andNi-C. Ni-A is referred to as the inactive unready state and
requires incubation under reducing conditions for hours to
become active. Ni-B is referred to as the inactive ready state
of the enzyme and this can be reactivated within minutes
under reducing conditions [5]. These EPR-active states are
further distinguished by the type of oxygen ligand bound in
the active site. Ni-A is believed to harbor a peroxide ligand
while Ni-B is thought to harbor a bound hydroxide ligand,
which may explain the faster reactivation for Ni-B state as
the hydroxide would be easier to remove upon reduction. Ni-
C represents the active ready state of the enzyme, which is
free of any oxygen species, and performs the catalytic reaction
with hydrogen [5]. These EPR detectable states (Ni-A-like,
Ni-B-like, Ni-C) have been observed within P. furiosus SHI
although a heat treatment step was required to observe some
of these signals [27].

The diamagnetic states of the Ni atom in [NiFe] hydro-
genases can be observed by FTIR, which detects the vibra-
tion frequencies of the CO and CN ligands bound to the
Fe atom in the active site. The FTIR signals on the CN
ligand of SHI have been reported [28]. The frequencies at
1959, 1950, 1967, and 1954 cm−1 were assigned to the Niu/r-
A/B, Nia-S, Nia-C, and Nia-SR states, respectively [5, 28].
These are in agreement with the data obtained from the
extensively studied group 1 hydrogenases. The results from
X-ray absorption spectroscopy also show that the nickel
coordination geometry of SHI is identical to that of the active
site of the group 1 hydrogenases [30]. Taken together, all
of these data show that the [NiFe] site of SHI assumes the
same redox states and similar architecture as the catalytic
sites of the standard group 1 hydrogenases. Indeed, SHI was
recently used as a model [NiFe] hydrogenase to investigate
the catalytic mechanism using nanosecond transient infrared
and visible absorbance spectroscopy [31]. This approach
identified three new catalytic intermediates and established
the first elementary mechanistic description of catalysis by a
[NiFe] hydrogenase.

4. Biotechnological Applications

Like all hydrogenases, SHI catalyzes the reversible oxidation
of hydrogen but it is extremely unusual in that it is one of the
few hydrogenases that use NAD(P)H as an electron carrier.
Hence, SHI can oxidize NADPH to produce hydrogen or
can use hydrogen to reduce NADP+, and applications exist
that rely on both of these reactions. In general industrial

applications, oxidoreductase-type enzymes have been used
as biocatalysts in organic synthesis where they catalyze
stereoselective reductions.The products from these syntheses
include pharmaceuticals, artificial flavors, and agrochemicals
[32]. However, such oxidoreductases require a cofactor, either
NADHorNADPH, as a source of reductant, but these are too
expensive to be used directly in industrial synthesis. SHI was
the first hydrogenase reported to be used in an application to
regenerate NADPH using hydrogen as the source of reducing
power. It was used to regenerate NADPH in enantioselective
reductive reactions in vitro catalyzed by Thermoanaerobium
alcohol dehydrogenase [32]. With SHI and hydrogen, the
yield of product was greatly improved compared to using
NADPH alone. It was also reported that SHI was able to
produce approximately 200𝜇mol of NADPH in 100 hours of
repetitive batch reactions. SHI was used at 40∘C, at which
temperature it had a half-life of 208 hours [32]. These results
demonstrate that SHI functions efficiently at temperatures far
below its optimum (>90∘C). Instead of batch reactions, SHI
has been attached on graphite and glass beads in a continuous
NADPH production system, and it was also demonstrated
that SHI was electrochemically active in the presence of
hydrogen in cyclic voltammetric experiments [33]. Electro-
chemical and spectrophotometric studies also supported the
potential applications on biofuel cell and bioelectrocatalytic
applications, where SHI immobilized electrodes are used to
replace electrocatalysts, such as platinum [34, 35].

SHI has also been used in several different hydrogen
production systems. In an in vitro hydrogen photoproduc-
tion system, SHI accepted electrons from a light activated
semiconductor, titanium dioxide (TiO

2
) [36, 37]. In this

system, a mediator, methyl viologen, was used initially as the
electron carrier, but it was found that SHI accepted electrons
directly from the photoactivated TiO

2
. Improvements on this

system have also been reported [38, 39]. Instead of using a
mixture of SHI and TiO

2
, a two-compartment system was

developed that was separated by a membrane. Anodized
tubular TiO

2
electrode (ATTE) was placed at the anode and

SHI immobilized on the ATTE was used at the cathode.
ATTE on the anode splits water into protons and oxygen,
and the electrons were conducted into a solar cell and then
transferred to cathodic SHI immobilized ATTE for hydrogen
production. This system avoided using the rate-limiting step
of electron transfer from the photocatalyst to the enzyme
thereby improving system performance [38]. It was also
shown that SHI and ATTE could be chemically cross-linked,
which had a higher hydrogen production yield compared to
either a slurry of SHI-ATTE or the direct adsorption of SHI
onto ATTE [39].

SHI is also essential for a hydrogen-producing in vitro
system that has been developed whereby a variety of sugars
are completely oxidized to hydrogen and carbon dioxide.
This stemmed from an initial report showing that purified
SHI could successfully be used in an in vitro hydrogen pro-
duction system when combined with purified glucose dehy-
drogenase (GDH) from Thermoplasma acidophilum [40].
In this system, glucose was oxidized by GDH to generate
NADPH and the NADPH was utilized by SHI for hydrogen
production. NADP+ produced by SHI was recycled by GDH
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for continual hydrogen production. In addition, this two-
enzyme hydrogen production system also generated a high
value by-product, gluconic acid, from glucose oxidation [40].
This system was further modified to use renewable resources
for hydrogen production, including sucrose, lactose, cel-
lulose, xylan, starch, and pretreated aspen wood, where
corresponding enzymes were added to producemonosaccha-
rides.Thesemonosaccharides were further hydrolyzed by the
appropriate enzymes for the hydrogen production [41, 42].
This has now been developed into a novel and highly efficient
method for in vitro hydrogen production using a range of
sugars and various mixtures of purified enzymes where, in
all cases, SHI is the catalyst for hydrogen production [43].
Compared to biological fermentations (4 H

2
/glucose), this

cell-free synthetic pathway biotransformation (SyPaB) has a
three-time higher theoretical yield (12 H

2
/glucose). Different

sugar sources can be used, including starch [43], cellulosic
materials [44], xylose [45], and sucrose [46]. SyPaB has
three basic modules for biohydrogen production as shown in
Figure 3, for example, using starch as the sugar source, which
is first phosphorylated using inorganic phosphate rather than
ATP to produce glucose 6-phosphate (G6P). G6P is oxidized
by the pentose phosphate pathway in the second module in
order to generate NADPH and to regenerate G6P. In the third
module, NADPH produced in the second module is used
for hydrogen generation by SHI [43]. This coupled system

of SHI and pentose phosphate pathway for biohydrogen
production was first described by Woodward et al. [47]. The
net reaction is given by the following equation: C

6
H
10
O
5
(l)

+ 7 H
2
O (l) → 12 H

2
(g) + 6 CO

2
(g). The rate of hydrogen

production from glucose was reported to be two times
higher than the other substrate sources [48]. Moreover, this
pathway exhibited one of the highest biohydrogen generation
rates, 157mmol/L/h, while using glucose 6-phosphate as the
electron source [48]. The cost of biohydrogen production by
SyPaB using carbohydrates as the source of reductant could
be 40–75% lower than commodity prices [14]. Interestingly, a
very recent study showed that glucose and xylose from plant
biomass could be completely converted to hydrogen by the
in vitro enzymatic pathway containing P. furiosus SHI [49],
which bodes well for the future development of this synthetic
approach.

5. Conclusions

P. furiosus SHI has been successfully overexpressed in the
native host in affinity-tagged forms and can be purified
from the cytoplasmic extract in high yield by a single
chromatography step. The most efficient purification used a
polyhistidine tag, and the overall yield was 50 times higher
than that obtained in the original purification of native
SHI, which used multistep column chromatography. SHI has
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been characterized spectroscopically using EPR and FTIR.
Although SHI is classified as a group 3 hydrogenase, the
properties of its [NiFe] catalytic site appear to be very similar
to those of the extensively characterized group 1 enzymes.
SHI has a wide temperature spectrumof enzyme activity (30–
95∘C) and is less sensitive to oxygen inactivation than typical
[NiFe] hydrogenases. It is one of the few hydrogenases that
uses NADP(H) as an electron carrier and this has been taken
advantage of in several biotechnological applications. These
include using SHI to regenerate NADPH with hydrogen as
the electron donor for NADPH-dependent oxidoreductase
reactions and using SHI to produce hydrogen from NADPH
in cell-free synthetic pathways that oxidize a variety of sugars,
as well as those in plant biomass, completely to hydrogen gas
and carbon dioxide. The availability of significant quantities
of recombinant and affinity-tagged SHI should facilitate
the further development of these applications, as well as
enablingmore fundamental structure-function studies of this
fascinating enzyme.
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In eukaryotes, the replicative helicase is the largemultisubunit CMGcomplex consisting of theMcm2–7 hexameric ring, Cdc45, and
the tetrameric GINS complex. The Mcm2–7 ring assembles from six different, related proteins and forms the core of this complex.
In archaea, a homologousMCMhexameric ring functions as the replicative helicase at the replication fork. ArchaealMCMproteins
form thermostable homohexamers, facilitating their use as models of the eukaryotic Mcm2–7 helicase. Here we review archaeal
MCM helicase structure and function and how the archaeal findings relate to the eukaryotic Mcm2–7 ring.

1. Introduction

The process of cell division requires precise duplication of
geneticmaterial.This duplication is carried out by replisomes
that coordinatemultiple protein activities to separate parental
DNA strands and to synthesize new strands of complemen-
taryDNA.DNA strand separation and also the progression of
the replisome along DNA are fueled by a replicative helicase.
In eukaryotes, the replicative helicase is a large multiprotein
complex, termed the CMG complex, which encircles leading-
strand DNA at the replication fork [1–3]. The CMG complex
consists of Cdc45, the Mcm2–7 heterohexamer ring, and the
GINS tetramer. The Mcm2–7 ring contains six unique gene
products, which are loaded with Cdt1 at replication origins
by the Origin Recognition Complex (ORC) and Cdc6 [4]
to yield two Mcm2–7 rings that inactively encircle the DNA
as a double-hexamer [4, 5] (Figure 1(a)). Helicase activation
requires the Dbf4-dependent Cdc7 kinase (DDK) and cyclin-
dependent kinases (CDKs) to phosphorylate Mcm2–7 and
drive recruitment of Cdc45 and the GINS complex. Physical
interaction of GINS and Cdc45 with phosphorylated Mcm2–
7 supports formation of the active helicase complex [6–
13]. Once activated, the two CMG complexes separate and
translocate independently in opposite directions on opposing

ssDNA strands in the 3 → 5 direction to generate two
active replication forks [3, 12, 14–18] (Figure 1(a)).

MCM proteins were first identified in a screen for genes
essential forminichromosomemaintenance in yeast [19].The
identified genes include 6 highly similar proteins with identi-
fiable ATPasemotifs [20, 21],Mcm2–7 (Figure 1(b)).The pro-
posed function as the replicative helicase in eukaryotes was
initially controversial becauseMcm2–7 did not unwindDNA
in vitro. However, this was resolved by observations that the
larger CMG complex unwinds circular and forked double-
stranded DNA substrates in vitro [2] and that the ScMcm2–7
complex can unwindDNAby itself when glutamate or acetate
was included in the reaction buffer [1].

Electron microscopy studies have revealed general fea-
tures of Mcm2–7 architecture, including a dynamic gap
between the Mcm2 and Mcm5 subunits, an interface previ-
ously identified to serve as a “gate” in the ring [1, 22]. EM
studies have also shown that Cdc45 and the GINS tetramer
associate with the Mcm2–7 hexamer near the Mcm2/5 gate
[23, 24], potentially closing the gate (Figure 1(c)). The CMG
complex and the Mcm2–7 complex have not been visual-
ized at atomic resolution since each complex has thus far
resisted crystallization. A crystal to be used for structure
determination must be well ordered, which requires all
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Figure 1: Mcm2–7 activation and organization. (a) Mcm2–7 rings are loaded as inactive double-hexamers at origins of replication by the
Origin RecognitionComplex (ORC), Cdc6, andCdt1 (not shown). In a cell-cycle dependent fashion, theDbf4-dependent Cdc7 kinase (DDK)
and cyclin-dependent kinases (CDKs) drive the association of Cdc45 (red triangle) and theGINS complex (blue oval) with the phosphorylated
Mcm2–7 ring to yield the active replicative helicase complex, termed the CMG complex (Cdc45-Mcm2–7-GINS). (b) Schematized view of the
Mcm2–7 ring from the N-terminal face with subunits labeled to illustrate the order of subunits around the ring [65, 86].The ring orientation
has been selected to correspond with the orientation of the CMG complex shown in (c). (c) The three-dimensional electron microscopy
reconstruction of the CMG complex illustrates basic architectural features. The CMG structure representation was prepared with the UCSF
Chimera software package [87] and has been labeled with the Electron Microscopy Data Bank (EMDB) accession number.

related molecules to be consistently oriented throughout the
crystal. A grossly symmetric ring, such as Mcm2–7, has
special crystallization difficulties if the ring is able to adopt
multiple orientations that are permuted. These will look
similar at the macroscopic level but not at the atomic level.
In contrast, archaeal MCM complexes often consist of six
identical subunits, and thus all permutations are identical
at the macroscopic and atomic level, potentially facilitating
crystallization. Indeed, archaeal MCM complexes have been
crystallized, which has led to atomic-level descriptions for
major functions like DNA binding and ATP hydrolysis. Here

we review archaeal MCM helicase structure and function
with an emphasis on the advancements in our knowledge of
the Mcm2–7 complex that have been derived from archaeal
crystallographic studies.

2. Archaeal MCM as a Model for
Eukaryotic Mcm2–7

As in eukaryotes, the replisomes of archaea centrally con-
sist of a hexameric ring of MCM proteins that exhibits
a 3 → 5 polarity in in vitro double-stranded DNA
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Figure 2:General architecture ofMCMproteins. (a)MCMmonomers can be subdivided intoN- andC-terminal tiers. Each tier can be further
subdivided, where theN-terminal half includes subdomains A (red), B (blue), andC (yellow) and the C-terminal domain contains the helicase
core (green) and a winged helix domain (magenta). (b) The crystal structures of one subunit of theMethanobacterium thermoautotrophicum
MCM N-terminal domain double-hexamer (𝑀𝑡MCMN, PDB: 1LTL), monomeric Sulfolobus solfataricus MCM (SsoMCM, PDB: 3F9V),
and monomeric Methanopyrus kandleri MCM2 (MkMCM2, PDB: 3F8T) each illustrate the general architecture with distinct subdomains
A, B, C, and a AAA+ ATPase domain. Subdomains A, B, and C consist of a helical bundle (red), a zinc-binding domain (blue), and an
oligonucleotide/oligosaccharide- (OB-) binding fold (yellow), respectively. The AAA+ domain architecture has five 𝛽-sheets flanked by 𝛼-
helices. All structure representations of Figure 2 were prepared with the Pymol software package [88].

(dsDNA) unwinding experiments [17, 25, 26]. The amino
acid sequences of eukaryotic and archaeal MCM proteins
are highly conserved. Due to the strong functional and
sequence conservation, archaeal MCM proteins have proven
to be powerful tools for elucidating essential features of
MCM function. The MCM complexes of many archaea form
homohexamers from a single gene product [27]. As such,
these archaeal MCM complexes represent simplified versions
of the eukaryotic Mcm2–7 complex and can serve as a
model, both structurally and biochemically. These models
have played a critical role in deciphering essential features
of MCM structure and function because exclusively archaeal
MCM complexes have generated crystal structures thus far.
The identified essential features are likely to be conserved in
all MCM complexes, including eukaryotic Mcm2–7.

3. MCM Overall Architecture

Based on electron microscopy studies, MCM hexamers form
a ring with distinct N-terminal and C-terminal tiers [25, 28–
31]. Both tiers can independently bind DNA with the N-
terminal tier showing a stronger affinity than the C-terminal
tier [32]. The C-terminal tier contains the highly conserved
AAA+ (ATPases associated with various cellular activities)
ATPase/helicase core [33–36] and a winged helix (WH)
domain [37] (Figure 2(a)). The C-terminal ATPase tier alone

from either SsoMCM [32] or ApeMCM [38] is sufficient for
in vitro unwinding of dsDNA. The N-terminal tier (MCMN)
shows three consistent subdomains in crystal structures, A
(sA), B (sB), and C (sC) [39–44] (Figures 2(a)-2(b)), as
defined from the crystal structure of𝑀𝑡MCMN [39].

3.1. Subdomain A: Peripheral Helical Bundle. Subdomain A is
a helical bundle located at the ring periphery and is directly
connected to subdomain C by a short linker that may allow
for dynamic interaction with the body of the protein [45–
48] (Figure 2(b)). Dynamic ring association could play a
role in regulating MCM activities, perhaps by restricting
access to protein interaction surfaces [44, 46, 49]. Deletion
of subdomain A significantly reduces both single-stranded
DNA (ssDNA) and dsDNA binding by MCM [28]. The 5-
tail of Y-shaped DNA substrates has been proposed to wrap
around the MCM exterior and fit into a binding pocket
formed between solvent-exposed C-terminal residues and
subdomain A [28, 50–52]. Hence, subdomain A orientation
may impact protein:protein interactions, protein:DNA inter-
actions, or both.

The mcm5-BOB1 P83L mutation in yeast allows cells
to bypass the requirement for the S-phase activator pro-
tein Cdc7 [53]. The crystal structure of 𝑀𝑡MCMN reveals
that the corresponding residue sits at the center of the
interface between subdomain A and subdomains B/C [39].
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A “domain-push”model was proposed wheremutation of the
buried proline residue to an amino acid with a bulkier side-
chain weakens the interaction between subdomain A and
subdomains B/C. This hypothesis was tested by introducing
P83L, P83W, or P83K Mcm5 mutations in yeast cells [39].
Consistent with the “domain-push” model, bulky side-chains
(P83L, P83W, or P83K) allowed S-phase checkpoint bypass,
but P83GMcm5 mutant-containing cells behaved equivalent
to wild-type cells. The N-terminal subdomain A has most
often been observed in EM and crystal structures to pack
against subdomains B/C [39, 40, 43, 45, 48], but subdomain
A has also been observed in a different conformation that is
extended away from the body of the protein [44, 45, 54]. The
“domain-push” may expose a protein interaction surface that
is normally only exposed following DDK phosphorylation.
Thus, the observation that the mcm5-BOB1 mutant is able to
bypass the S-phase checkpoint may be a result of a shift in
protein interaction partners.

3.2. Subdomain B: Zinc-Binding Domain. All X-ray crystal
structures of MCMN reveal a tetrahedrally coordinated zinc
ion bound to subdomain B [39, 40, 43] (Figure 3(a)). Critical
zinc-binding amino acid side-chains are located on three
antiparallel 𝛽-strands [39–41, 43, 44]. MCM biochemical
activities show extreme sensitivity to mutation of the zinc-
binding residues, and a cysteine to serine point mutation
in MtMCM ablates dsDNA unwinding, DNA-dependent
ATPase activity, and ssDNA binding [55]. The zinc-binding
sequence motif is commonly CX

2
CX
𝑛
CX
2
C (C
4
type) [39,

43], although a histidine residue is also possible, as observed
in the crystal structure of SsoMCMN (Figures 3(a)-3(b)) [40]
and in the sequence of ApeMCM (Figure 3(b)). Other than
Mcm3, all of the subunits of eukaryoticMcm2–7 possess four
highly conserved cysteines that likely coordinate a zinc ion
with a tetrahedral geometry. The spacing of the cysteines
in these Zn-binding sequence motifs show family-specific
patterns (Figure 3(b)). Mcm2 has a CX

2
CX
𝑛
CX
2
C motif

analogous to those of MtMCM and PfMCM. Moreover, a
highly similar CX

2
CX
𝑛
CX
2–4C motif of Mcm4, Mcm6, and

Mcm7 also likely binds a zinc ion [55, 56]. In contrast, the
four conserved cysteines of Mcm5 have an unusually large
spacing between the third and fourth cysteine. The family-
specific conservation of the zinc-bindingmotif, including the
lack of an obvious motif in Mcm3, suggests that the zinc-
binding sites provide an important mechanism for regulation
of eukaryotic Mcm2–7 activities.

3.3. Subdomain C: OB-Fold. Subdomain C has an oligonu-
cleotide/oligosaccharide fold (OB-fold), a fold associated
with DNA binding [57] (Figure 2(b)). Multiple residues in
subdomain C are critical for DNA binding and hexameriza-
tion [41, 43, 49, 58]. Further, 𝛽-loop motifs found in subdo-
mainC appear to facilitate allosteric communication between
the N- and C-terminal tiers [59, 60]. A phenylalanine to
isoleucine mutation (F345I) in mouse Mcm4 subdomain C
has been termed Chaos3 (chromosome aberrations occur-
ring spontaneously 3) [61]. Homozygous Mcm4Chaos3/Chaos3
mice develop mammary adenocarcinomas within an average
of 12 months for >80% of cases, and mouse cells that

possess only F345I mutant Mcm4 (either Mcm4Chaos3/− or
Mcm4Chaos3/Chaos3) exhibit hypersensitivity to chromosomal
breakage [61]. Strains of Saccharomyces cerevisiae with the
analogous mutation (ScMcm4 F391I) exhibit the minichro-
mosome loss phenotype typically associated with a loss-
of-function for Mcm2–7 [61]. The phenylalanine residue
involved is highly conserved as an aromatic residue in all
eukaryotic Mcm2–7 subunits and also inMtMCM (MtMCM
F170) [61]. The highly conserved aromatic residue is at
the center of a hydrophobic intersubunit interface in the
structure of MtMCM [39] and is therefore likely critical
to the structural integrity of the MCM ring. Although the
Chaos3 mutation may not completely prevent interaction
of Mcm4 with other Mcm2–7 subunits, the mutation could
alter the intersubunit orientations to disrupt DNA binding
by theMCMsingle-stranded bindingmotif (MSSB, described
further below) [43] to generate genomic instability, a general
hallmark of cancer cells [62–64].

3.4. AAA+ATPase Core Domain. Crystal structures ofMCM
proteins containing both N- and C-terminal tiers have
revealed a canonical AAA+ ATP binding and hydrolysis site
in theC-terminal tier.TheMCMAAA+domain has 5 parallel
𝛽-strands flanked on either side by 𝛼-helices [41, 42, 44]
(Figure 2(b)). Consistent with other AAA+ family members,
such as domain 2 of N-ethylmaleimide sensitive fusion
protein, the strand order is 𝛽5–𝛽1–𝛽4–𝛽3–𝛽2, which strictly
positions key catalytic residues to generate a competent
ATPase site [34, 41, 42, 44]. The MCM AAA+ ATP binding
and hydrolysis site contains canonical cis- and trans-acting
elements like the cis-acting Walker A and Walker B motifs
and the trans-acting “SRF” arginine finger motif [65, 66].
Mutation of nearly any residue of the MCM AAA+ active
abolishes ATPase activity [32, 66, 67].

3.5. Winged Helix-Turn-Helix Domain. Amino acid residues
found at the extreme C-terminus of archaeal MCM proteins
[37], Mcm6 [68], and the replication factor Mcm10 [69, 70]
are predicted to adopt a flexible winged helix-turn-helix
fold (Figure 2(a)). For most archaeal MCM proteins, this
represents the C-terminal 60–70 amino acids. The NMR
structure of the Mcm6 winged helix (WH) domain indicates
that the isolated domain is well ordered [68, 71]. However,
it is connected to the core of the protein via a flexible linker
that allows for mobility of the domain similar to subdomain
A [48]. Consistent with this, all X-ray crystal structures
containing the C-terminal tier reported to date have been
with constructs that lack theWHdomain, suggesting that the
orientation of this domain is intrinsically flexible [41, 42, 44].
The deletion of the WH region in SsoMCM or MtMCM
results in a nearly 2-fold enhancement in ATPase activity
[32, 72]. For SsoMCM, deletion of theWHdomain also yields
a 15-fold increase in dsDNA unwinding activity [32]. Taken
together, the results suggest that the WH domain does not
play an essential role during normal unwinding and may
instead function during the initial assembly or activation of
the helicase or to sense atypical DNA structures, such as
damaged DNA, and to signal their presence. Consistent with
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Figure 3: Subdomain B contains a zinc-binding motif. (a) All MCMN X-ray crystal structures contain a zinc atom bound with a tetrahedral
geometry. Each structure is depicted in a cartoon representation with zinc-binding side-chains shown in stick. Cysteine sulfurs are colored in
yellow, and histidine nitrogen atoms are colored in blue. The remainder of each protein is shown as red, blue, and green for 𝑀𝑡MCMN
(PDB: 1LTL), 𝑃𝑓MCMN (PDB: 4POG), and 𝑆𝑠𝑜MCMN (PDB: 2VL6), respectively. Zinc atoms are shown as gray spheres. All structure
representations of Figure 3were preparedwith the Pymol software package [88]. (b)Amultiple sequence alignment shows the strong sequence
conservation of the MCM zinc-binding domain. The spacing of the cysteine residues in MCM Zn-binding sequence motifs shows family-
specific patterns, where residues displaying a high degree of sequence conservation across all MCM proteins or family-specific sequence
conservation have been colored as either green or orange, respectively. Residues involved in zinc-binding are highlighted in blue with a blue
dot for emphasis. Mcm3 does not possess an obvious zinc-binding motif, and Mcm5 has an abnormally large spacing between the third and
fourth cysteine residues.
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Sso-Pf MCM

PDB: 4R7Y

90∘

(a)

Walker A:
K334, S335

Walker B:
D759, E760

Sensor 3:
H773

Arginine
finger:
R828

Sensor 2:
R923

(b)

Q198
E199

R226

(c)

Figure 4: Crystal structure of a nearly full length MCM hexamer. An ADP-bound, nearly full length MCM protein was crystallized by
creating a chimeric fusion protein of the N-terminal domain of SsoMCM and the C-terminal tier of PfMCM. (a) Views of the Sso-PfMCM
hexamer crystal structure parallel and perpendicular to the central channel with each subunit uniquely colored. Magnesium ions are shown
asmagenta spheres, ADPmolecules are shown in space-filling view, and zinc ions are shown as gray spheres. In the view parallel to the central
channel, the ATPase domains are projected out of the page. In the perpendicular view, the ATPase domains are located at the top and the
N-terminal domains are located on the bottom. (b) The ATPase site is formed at subunit interfaces by cis- and trans-acting residues shown
in stick and labeled. The Walker A and Walker B residues of one subunit are positioned at the left side of the site (yellow), while three basic
residues are located on the right side of the site (blue).The bound ADPmolecule is shown in stick, and the magnesium ion is represented as a
magenta sphere. (c) Residues of the allosteric communication loop (ACL) interact across subunit interfaces and also with main-chain atoms
of the helix-2-insert (h2i) 𝛽-hairpin motif. The ACL is shown in blue and the h2i and presensor-1-𝛽-hairpin (ps1𝛽) are shown in yellow and
orange, respectively. Dashed lines indicate the discussed molecular interactions. All structure representations of Figure 4 were prepared with
the Pymol software package [88] and PDB accession code 4R7Y.

such a role, this domain is expected to sit directly proximal to
the entering dsDNA to be unwound [73].

4. MCM Hexamer

Although archaeal MCM proteins are often robust hexamers
in solution [32, 66, 73–75], they have proven to be highly
resistant to crystallization in a hexameric form. This chal-
lenge was overcome by a chimeric fusion of the N-terminal
domain of SsoMCM with the ATPase domain of PfMCM
(Sso-PfMCM), which crystallized as a hexamer bound to
Mg:ADP [44]. In the Sso-PfMCM hexamer structure, the
N- and C-terminal domains form distinct tiers stacked on
top of one another (Figure 4(a)). The cocrystallized ADP

revealed the general architecture of the AAA+ ATP binding
site and the specific interactions between the protein and
bound nucleotide (Figure 4(b)). A “sensor 3” residue was
identified based on the observation of a histidine side-chain
that projects into the active site similar to sensor 2 and the
arginine finger. The structure also revealed atomic details of
the intermolecular interactions between the subunits and also
intramolecular interactions between the tiers (Figure 4(c)).
In addition, the Sso-PfMCM structure crystallized with
subdomain A in an extended conformation, in contrast
to the previous N-terminal MCM crystal structures with
subdomain A packed against subdomains B/C, consistent
with an ability for subdomain A to adopt multiple discrete
conformations.
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5. ATPase Site

Consistent with other AAA+ superfamily members, the
MCM ATP binding and hydrolysis site is at the interface
of two adjacent subunits with catalytic residues contributed
both in cis and in trans. The site is competent to catalyze
ATP hydrolysis only when all requisite residues are precisely
arranged. In the ADP-bound Sso-PfMCM crystal structure,
Walker A residue K334 is observed to project into the ATP
binding site, and residue S335 coordinates a magnesium
cation (Figure 4(b)) [44]. Based on previously proposed
AAA+ ATPase catalytic mechanisms, this magnesium cation
likely positions the 𝛽- and 𝛾-phosphates of the bound
ATP molecule [76] and neutralizes an accumulated negative
charge on the 𝛾-phosphate during hydrolysis [34, 76]. Based
on crystal structures of other AAA+ family members, the
second conserved acidic residue of the Walker B motif
(E760) is the catalytic base for a water molecule to perform
a nucleophilic attack on the 𝛾-phosphate of the bound
ATP.

The trans-acting elements of AAA+ ATPase sites occupy
different positions depending on whether ATP, ADP, or no
nucleotide is bound to communicate the active site status
to the rest of the protein [66, 77, 78]. The trans-acting
residues must be able to reach the ATP molecule to generate
a hydrolysis site with the adjacent subunit. The subunit
interface is likely dynamic because the positions of the trans-
acting residues in the ADP-bound hexameric Sso-PfMCM
structure are too distant for such interaction, and the subunit
interface therefore needs to constrict in order for the trans-
acting residues to interact with ATP [44, 77]. Trans-acting
MCM residues include “sensor 2” [44, 66, 79], the “arginine
finger” [44, 66], and “sensor 3” [44]. The arginine finger may
function to polarize the 𝛾-phosphate during ATP hydrolysis
[76]. The trans-acting “sensor 2” element of MCM contrasts
most AAA+ ATPases that typically use this motif as a cis-
acting residue [42, 44, 66, 79].

6. MCM Double-Hexamer

In eukaryotes, two Mcm2–7 rings are initially loaded as an
inactive double-hexamer at replication origins [4, 5]. The X-
ray crystal structure of𝑀𝑡MCMN revealed anMCM double-
hexamer with two hexamers arranged head to head via
subdomain B domain interactions (Figure 5) [39], providing
a model for the Mcm2–7 double-hexamer interaction. A
single arginine to alanine mutation at the 𝑀𝑡MCMN hex-
amer:hexamer interface disrupted the interaction in favor
of single hexamers [80]. A double-hexamer structure had
previously been observed for full lengthMtMCMin scanning
transmission electron microscopy images [25]. In contrast to
the stable double-hexamer of MtMCM, X-ray crystal struc-
tures of 𝑆𝑠𝑜MCMN and 𝑃𝑓MCMN consist of single hexamers
[40, 43]. Although a double-hexamer structure has not yet
been universally detected among archaeal MCM complexes,
double-hexamer architecture is likely to be conserved when
MCM rings are first loaded onto DNA prior to the onset of
bidirectional replication [81].

MtMCMN
PDB: 1LTL

Figure 5: 𝑀𝑡MCMN double-hexamer crystal structure. The
𝑀𝑡MCMN double-hexamer crystal structure is shown in cartoon
representationwith one hexamer colored red and the other blue.The
two hexamers interact head to head via subdomain B interactions.
Zinc atoms are shown as gray spheres. The figure was prepared with
the Pymol software package [88] and PDB accession code 1LTL.

7. DNA Binding

The N-terminal and C-terminal domains of MCM are inde-
pendently able to bind DNA with several modules that line
the interior channel of the hexameric ring. These modules
and their interaction with DNA are detailed further below.

7.1. MCM Single-Stranded Binding Motif (MSSB). The MCM
N-terminal domain binds ssDNA as revealed by a recent
X-ray crystal structure of 𝑃𝑓MCMN bound to ssDNA [43].
In this structure, ssDNA binds in the plane of the ring,
rather than perpendicular as would be expected if DNA
were threaded through the central channel (Figure 6(a))
[43]. This DNA binding configuration contrasts the con-
figurations previously seen for the nucleic acid complexes
of the hexameric helicases E1 [77], DnaB [82], and Rho
[83] where nucleic acid binds perpendicular to the plane
of the hexamer. When viewed from the N-terminal side
of the complex (Figure 6(a)), the ssDNA binds with 3 to
5 polarity in the clockwise direction around the ring. The
MCMN:ssDNA structure revealed that 4 ssDNA nucleotides
are bound per subunit, which also contrasts with other
hexameric helicases that bind either one (E1 [77] and Rho
[83]) or two (DnaB [82]) nucleotides per subunit. Inter-
estingly, the MCMN:ssDNA structure reveals that ssDNA
is bound across subunit interfaces but is not bound at all
interfaces of a hexamer (Figure 6(b)) [43]. The intersubunit
distance appears to dictate whether ssDNA can bind at a
particular subunit interface with ssDNA observed only at
tighter interfaces [43].

The 𝑃𝑓MCMN:ssDNA cocrystal structure revealed spe-
cific amino acid residues of the OB-fold subdomain C that
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PfMCMN:ssDNA
PDB: 4POG

(a)

R124 R186

(b)

Sso-Pf MCM
PDB: 4R7Y

h2i
ps1𝛽
ACL

MSSB
𝛽-turn

(c)

Figure 6: Features of DNA binding in MCM hexamers. (a) The cocrystal structure of 𝑃𝑓MCMN bound to ssDNA revealed that DNA binds
in the plane of the hexamer. The DNA binds with a 3 to 5 polarity in the clockwise direction around the ring when viewed from the N-
terminal side of the hexamer. DNA is shown in yellow and zinc ions are shown as grey spheres. (b) DNA binds across subunit interfaces
through interactions between the DNA andMCM Single-Strand Binding (MSSB) residues R186 and R124 (𝑃𝑓MCMN:ssDNA structure, PDB:
4POG), shown in stick. (c) Important residues of the central channel in the MCM hexamer structure (PDB: 4R7Y) with other components
transparent. The h2i, ps1𝛽, ACL, MSSB, and N-terminal 𝛽-turn motifs are shown in yellow, orange, blue, red, and green, respectively. All
structure representations of Figure 6 were prepared with the Pymol software package [88].

bind to ssDNA (Figure 6(b)). This motif is termed the MCM
Single-Strand Binding (MSSB) motif (Figure 6(b)) and forms
a positively chargedDNAbinding pocket near the interface of
the N- and C-terminal tiers (Figure 6(c)). Residues R124 and
R186 were demonstrated to most significantly impair DNA
binding where the affinity of R124A and R186A pointmutants
for ssDNA decreased 7- and 6-fold, respectively [43]. The
R124A/R186A double-mutant exhibits a 25-fold reduction in
ssDNA binding affinity with much higher protein concen-
trations required for observation of binding relative to the
wild-type protein. Mutation of similarly positioned residues
in SsoMCM abolishes dsDNA unwinding activity [74].

In Saccharomyces cerevisiae, the PfMCM R124 and R186
MSSB residues are conserved as either an arginine or lysine
in Mcm4, Mcm6, and Mcm7 [43]. In Mcm2, Mcm3, and
Mcm5, only one of the two positively charged residues
is conserved but not both. Interestingly, complementation

studies in yeast demonstrated that while single-subunitMSSB
mutants are viable, cells with two-subunit MSSB mutations
are lethal: Mcm4/Mcm6, Mcm4/Mcm7, and Mcm6/Mcm7
[43] (Figure 1(b)). In fact, any of these combinations leave
the Mcm2–7 ring defective in helicase loading and severely
defective for replication [43].These data suggest a role for the
MSSB during Mcm2–7 helicase loading and activation.

7.2. N-Terminal 𝛽-Turn. A second N-terminal motif impli-
cated in DNA interaction is a 𝛽-turn that projects into the
central channel of the hexamer (Figure 6(c)). In SsoMCM,
this motif spans residues 241–251 (polypeptide sequence
QDSPVKRGSRA) between 𝛽-strands 𝛽11 and 𝛽12 [40]. The
𝛽-turn is present in all archaeal MCM proteins and has
been studied in ScMcm4 and ScMcm5 [39, 40, 43, 84].
The length and sequences of this loop vary among Mcm2–
7 subunits. In X-ray crystal structures of archaeal MCM
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hexamers, the N-terminal 𝛽-turn is the narrowest part of
the central channel, varying from 17 Å to 23 Å [39, 40,
43]. Despite poor sequence conservation in this region, the
presence of positively charged residues on the 𝛽-turn is
required for DNA binding [39, 73]. Double-mutation of
two positively charged residues (K246A/R247A) on the tip
of the N-terminal 𝛽-turn in SsoMCM leads to an 8-fold
reduction in DNA binding [73]. Similarly, DNA binding
is abolished for the comparable alanine double-mutant of
MtMCM (R226A/228A) [39]. Based on these experiments,
the DNA binding activity attributed to the N-terminal 𝛽-turn
is proposed to play a critical role in DNA loading [73, 84].
Structure-guided yeast genetic approaches have suggested
that the 𝛽-turn of ScMcm5 is important for binding to origins
of replication and subsequent initiation of DNA replication
[84]. Thus, the N-terminal 𝛽-turn likely has a major role in
facilitating initial DNA binding.

7.3. Presensor-1 𝛽-Hairpin (ps1𝛽) and Helix-2-Insert (h2i).
The ATPase domain of each MCM monomer contains two
𝛽-hairpin motifs that project into the central channel of
the hexamer, the helix-2-insert (h2i), and the presensor-1-𝛽-
hairpin (ps1𝛽) (Figures 7(a)-7(b)) [41, 42, 44, 72]. The h2i
motif is defined by a 𝛽-𝛼-𝛽 insertion in primary sequence
between Walker A and Walker B motifs [35, 72, 79]. This
feature is found as a unique insert within helix-2 of the con-
served ASCE (additional strand catalytic glutamate) ATPase
family [35, 72, 85]. Similarly, the ps1𝛽 feature represents an
insertion between sensor 1motif and the preceding helix [35].
Within the AAA+ superfamily, the ps1𝛽 superclade includes
the SFIII helicases, HslU, ClpX, Lon, ClpA, MCM, dynein,
midasin, YifB, and many others [35]. The ps1𝛽 superclade is
subdivided intoHslU/ClpX/Lon/ClpAB-C andh2i subclades,
where MCM proteins belong to the h2i subclade since they
contain both the ps1𝛽 and the h2i motifs [35].

MCM mutants lacking either the ps1𝛽 or h2i motifs are
unable to catalyze dsDNA unwinding, despite still being
competent for DNA binding [72, 73]. The ps1𝛽-deletion
mutant displays a weakened binding affinity for Y-shaped
DNA of 343 nM versus 152 nM for wild-type protein [73].
Interestingly, this contrasts an h2i-deletion mutant, which
displays a shift in binding affinity for a blunt dsDNA substrate
from greater than 1𝜇M for the wild-type protein to ∼8 nM
for the h2i-deleted mutant [72]. The observation of tighter
binding for an h2i-deleted MCM protein may suggest a role
for the h2i in destabilizing DNA:protein interactions, which
could facilitate themovement ofDNAduring unwinding.The
primary role of the ps1𝛽 motif is most likely to bind DNA
since deletion of the ps1𝛽 feature yields the weakened affinity
expected for a motif intimately involved in DNA binding.
The lack of detectable unwinding activity for either the ps1𝛽-
or h2i-deletion mutants indicates that both C-terminal 𝛽-
hairpins are essential.

8. DNA Translocation

The conformation of the h2i and ps1𝛽 motifs has been
proposed to depend on whether ATP or ADP is bound [41,
42, 72]. In the ADP-bound MCM hexamer structure, these

loops are observed to be in a “down” position (Figure 7(a))
[44]. Thus, a view perpendicular to the central channel of
the hexamer defines the C-terminal domain face as the “up”
direction and the N-terminal face as the “down” direction.
The orientation of the MCM hexamer shown in Figure 7(a)
would result in DNAbeing translocated with a netmovement
from the top to the bottom face. Consequently, this motion
implies that the h2i and ps1𝛽 motifs would be in the “up”
position in the ATP-bound state. Following hydrolysis of
ATP to ADP, the loops would move to the “down” position
shown in Figure 7(a). This direction of DNA translocation
is consistent with earlier FRET studies showing that MCM
hexamers bind forked DNA with the C-terminus facing the
leading direction [73].

The projection of each C-terminal 𝛽-hairpin into the
central channel of the MCM hexamer is expected to posi-
tion positively charged residues for interaction with DNA
(Figure 7(b)).This is conceptually similar to other hexameric
helicases such as E1 [77], DnaB [82], and Rho [83]. In
the crystal structures of each of these hexameric helicases,
positive residues on loops projected into the central channel
interact with nucleic acid in a spiral-staircase-like arrange-
ment (Figures 7(c)–7(h)). In this mode of binding, the
central channel loops fromadjacent subunits occupy different
heights around the ring to form a “spiral-staircase” shape.
The movement of DNA is then achieved by the concerted
movement of the entire staircase of loops [77, 82, 83]. As an
example, the adjacent subunits of the E1 structure adopt ATP-
like, ADP-like, and apo forms around the ring that clearly
demonstrate that the loop positions depend on whether ATP,
ADP, or no nucleotide is bound at the associatedATP binding
site [77]. Basic features of this mode of DNA binding and
translocation are most likely shared by all the hexameric
helicase superfamilies: SFIII (E1), SFIV (DnaB), SFV (Rho),
and SFVI (MCM) [89].

Although MCM proteins display high homology with
SFIII helicases, the presence of both the h2i and ps1𝛽 features
inMCMproteins suggests significantly differentmechanisms
for coupling the energy of ATP binding and hydrolysis to
dsDNAunwinding. Deletion of the h2i𝛽-hairpin inMtMCM
results in ∼12-fold increase in dsDNA-stimulated ATPase
activity relative to wild-type MtMCM [72]. However, no
detectable dsDNAunwinding is observed for the h2i-deletion
mutant, despite the observation that the h2i-deleted mutant
still binds both ssDNA and dsDNA [72]. Taken together,
these observations suggest that the deletion of the h2i motif
actually disrupts the coupling of ATP binding and hydrolysis
to DNA unwinding such that the helicase can bind dsDNA
and also hydrolyze ATP but cannot unwind dsDNA. This is
conceptually analogous to an automobile engine shifted to
neutral with deletion of the h2i motif disengaging the MCM
motor from dsDNA unwinding.

8.1. Allosteric Communication Loop. While the C-terminal
helicase core can catalyze unwinding of dsDNA in the
absence of the MCM N-terminal tier, inclusion of the N-
terminal tier results in an increase in the processivity ofMCM
catalyzed dsDNA unwinding [32]. Such increases in proces-
sivity are observed whether the two halves are expressed as
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MCM (PDB: 4R7Y) MCM (PDB: 4R7Y)

E1 (PDB: 2XGA) E1 (PDB: 2XGA)

DnaB (PDB: 4ESV) DnaB (PDB: 4ESV)

Rho (PDB: 3ICE) Rho (PDB: 3ICE)

(a) (b)

(c) (d)

(e) (f)
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Figure 7: Comparison of MCM with representative members of other hexameric helicase superfamilies. The hexameric MCM structure
viewed either perpendicular (a) or parallel (b) to the central channel axis.TheMCMh2i and ps1𝛽 central channel modules are colored yellow
and orange, respectively. (c–h) Comparisonwith representativemembers of other helicase superfamilies such as E1 ((c-d), SFIII, PDB: 2XGA),
DnaB ((e-f), SFIV, PDB: 4ESV), and Rho ((g-h), SFV, PDB: 3ICE) suggests that MCM central channel modules will move “up” and “down”
to translocate DNA. In the crystal structures of each of these hexameric helicases, basic residues on loops projected into the central channel
interact with nucleic acid in a spiral-staircase-like arrangement. In this mode of binding, the central channel loops from adjacent subunits
occupy different heights around the ring to form a “spiral-staircase” shape. The movement of DNA is then achieved by the movement of the
central channel loops. DNA is colored in teal and DNA binding loops are colored orange. All structures are viewed either perpendicular
(left column) or parallel (right column) to the central channel axis. All structure representations of Figure 7 were prepared with the Pymol
software package [88].
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a single gene product or when each half is expressed sepa-
rately and incubated together during unwinding experiments
[32]. An important interaction between each half is mediated
through a conserved loop found at the interface of the N- and
C-terminal tiers termed the “allosteric communication loop”
(ACL, Figure 6(c)). Mutational studies have revealed that
point mutations in this loop can have either stimulatory or
inhibitory effects on the observed MCM dsDNA unwinding
activity [60]. For the majority of point mutations introduced
to this loop, the rate ofMtMCMcatalyzed dsDNAunwinding
is observed to decrease relative to the wild-type protein, but
mutation of either Q181 or E185 to alanine actually results
in an increase in unwinding rate. Deletion of the entire
ACL causes a loss of unwinding activity. However, activity
is restored by the additional deletion of the N-terminal 𝛽-
turn, which suggests the position of the N-terminal 𝛽-turn
could be controlled by the ATP hydrolysis cycle via the ACL
[59]. In the Sso-PfMCM hexamer crystal structure, a fully
conserved glutamine residue (homologous toMtMCMQ181)
at the C-terminal end of the ACL interacts with the h2i
𝛽-hairpin of the C-terminal AAA+ domain (Figure 4(c)).
This glutamine:h2i interaction and the enhanced unwinding
rate observed for MtMCM Q181A are mutually consistent
with an interaction that restricts interdomain movement and
thus regulates helicase activity [60]. When the interaction is
removed bymutation of the glutamine to alanine, the helicase
activity is no longer regulated and can occur at an increased
rate.

Additional roles for the ACL in the regulation of MCM
catalyzed helicase activity are found in the observation that
MtMCM E182R mutation results in a 7-fold decrease in
unwinding rate relative to wild-typeMtMCM for unwinding
of forked DNA substrates [60]. In the Sso-PfMCM struc-
ture, the homologous glutamate residue (Sso-PfMCM E199)
interacts with an arginine residue of an adjacent subunit,
Sso-PfMCM R226 [44] (Figure 4(c)). Thus, the MtMCM
E182Rmutation would disrupt a salt bridge between adjacent
subunits and likely increase the distance between subunits by
electrostatic repulsion. Furthermore, the ACL is observed to
project towards the AAA+ ps1𝛽motif of an adjacent subunit,
which could be disrupted in the MtMCM E182R mutant
due to an altered intersubunit distance. The proximity of
the ACL to the h2i of the same subunit and the ps1𝛽 of a
neighboring subunit has previously been shown by Double
Electron-Electron Resonance (DEER) spectroscopy, with the
ACL:ps1𝛽 distance estimated to be approximately 30 Å [59].
While the role of the ACL:ps1𝛽 interaction is not clear, it may
function like the ACL glutamine:h2i interaction to stabilize
the ps1𝛽 and regulate MCM helicase activity. Thus, multiple
roles have emerged for the ACL, including regulation of
helicase activity, maintenance of intersubunit interfaces, and
intrasubunit interactions.

9. Concluding Comments

Much like any machine, the MCM helicase requires specific
events to occur in a precise order to unwind dsDNA. The
identification of the essential events and their timing is
complicated in the eukaryotic Mcm2–7 complex because

the subunits do not equivalently interact, and they also
interact with Cdc45 and the subunits of the GINS complex.
For this reason, archaeal MCM proteins have emerged as
useful models for elucidating the essential features of the
complex interaction network present in MCM hexamers.
A thorough understanding of the many interactions within
the replisome is essential to understand the replication
fork and DNA replication. Atomic resolution crystal struc-
tures will continue to reveal mechanistically important con-
formational states of the MCM complex, including how
MCM hexamers specifically respond to binding different
nucleotides, oligonucleotides, and protein interaction part-
ners. As new information becomes available, both for the
structural/biochemical details of MCM function and for
disease-associated mutations, the translation of basic science
informationwill undoubtedly aid in the treatment of primary
disease states.
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We expressed a putative 𝛽-galactosidase Asac 1390 from hyperthermophilic crenarchaeonAcidilobus saccharovorans in Escherichia
coli and purified the recombinant enzyme. Asac 1390 is composed of 490 amino acid residues and showed high sequence similarity
to family 1 glycoside hydrolases from various thermophilic Crenarchaeota.Themaximum activity was observed at pH 6.0 and 93∘C.
The half-life of the enzyme at 90∘Cwas about 7 hours. Asac 1390 displayed high tolerance to glucose and exhibits hydrolytic activity
towards cellobiose and various aryl glucosides. The hydrolytic activity with p-nitrophenyl (pNP) substrates followed the order
pNP-𝛽-D-galactopyranoside (328Umg−1), pNP-𝛽-D-glucopyranoside (246Umg−1), pNP-𝛽-D-xylopyranoside (72Umg−1), and
pNP-𝛽-D-mannopyranoside (28Umg−1).Thus the enzyme was actually a multifunctional 𝛽-glycosidase.Therefore, the utilization
of Asac 1390 may contribute to facilitating the efficient degradation of lignocellulosic biomass and help enhance bioconversion
processes.

1. Introduction

Lignocellulosic biomass, predominantly composed of cellu-
lose, hemicellulose, and lignin, is the most abundant renew-
able resource on earth, and its degradation to soluble sugars is
a key issue for the production of biobased chemicals and bio-
fuels. Cellulose and hemicellulose consist of polysaccharides,
and because of their recalcitrance, the enzymatic conversion
of these substrates into simple sugars requires many steps.

Microorganisms capable of degrading cellulose possess
three types of enzymes which act synergistically [1, 2]: (1)
endoglucanases (EC 3.2.1.4), (2) exoglucanases also known as
cellobiohydrolases (EC 3.2.1.91), and (3) 𝛽-glucosidases (EC
3.2.1.21). Endoglucanases randomly cleave the internal bonds
of cellulosic materials, releasing oligosaccharides of various
lengths and thus generating new ends of the polysaccharide
chains. The cellobiohydrolases act progressively on these
chain ends generating short cellooligosaccharides or cello-
biose. 𝛽-Glucosidases hydrolyze cellooligosaccharides or cel-
lobiose to glucose units [3, 4]. Hemicellulose is broken
down into soluble xylose or other types of monosaccharides
by hemicellulases such as endo-1,4-𝛽-xylanase (EC 3.2.1.8),

𝛽-xylosidase (EC 3.2.1.37), 𝛼-L-arabinofuranosidase (EC
3.2.1.55), endo-1,4-𝛽-mannanase (EC 3.2.1.78), 𝛽-mannosi-
dase (EC 3.2.1.25), and 𝛽-galactosidase (EC 3.2.1.23) [5].

The presence of 𝛽-glucosidases is very important in cellu-
lose hydrolysis process because they perform a rate-limiting
step by preventing the accumulation of cellobiose, which
inhibits the activities of most endo- and exoglucanases [6].
Moreover, most 𝛽-glucosidases are inhibited by glucose [7].
Therefore, 𝛽-glucosidases, with high specific activity and
glucose tolerance, could improve the efficiency of cellulolytic
enzyme complexes.

Thermostable enzymes have several advantages in lig-
nocellulose degradation processes because they are able to
withstand rough reaction conditions at elevated temperature
and allow elongated hydrolysis time due to higher stabil-
ity and reduced risk of contamination. High temperature
promotes high activity of these enzymes and increases the
solubility of substrates in the aqueous phase. Although a
number of thermostable 𝛽-glucosidases have been identified
[8–16], there are only several examples of glucose-tolerant
thermostable 𝛽-glucosidases [13, 14].
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Acidilobus saccharovorans 345-15T (DSM 16705) is an
anaerobic, organotrophic, thermoacidophilic crenarchaeon
with a pH range from 2.5 to 5.8 (optimum at pH 3.5 to 4)
and a temperature range from 60 to 90∘C (optimum at 80
to 85∘C), isolated from an acidic hot spring of Uzon Caldera,
Kamchatka, Russia [17]. The complete genome of A. saccha-
rovorans was sequenced [18], and the presence of genes for
extra- and intracellular glycoside hydrolases correlates with
the growth of A. saccharovorans on carbohydrates. Particu-
larly, the gene Asac 1390 encoding putative 𝛽-galactosidase
(EC 3.2.1.23) was identified [18]. In this paper we report the
cloning, expression, and biochemical characterization of this
enzyme appearing to be a multifunctional 𝛽-glycosidase.

2. Materials and Methods

2.1. Cloning of A. saccharovorans Gene Asac 1390. The 𝛽-gal-
actosidase gene Asac 1390 was amplified from A. saccha-
rovorans genomic DNA by PCR using primers F2 NcoI
(TTCCATGGCAGTTACCTTCCCAAA) and R2 BglII (5-
TTAGATCTGGATCTACCAGGCGCT-3); the PCR prod-
ucts were digested with NcoI and BglII and inserted into
pQE60 (Qiagen) at NcoI and BglII sites, yielding the plasmid
pQE60 Asac1390.

2.2. Expression and Purification of Recombinant Enzyme
Asac 1390. Plasmid pQE60 Asac1390 was transformed into
Escherichia coli strain DLT1270 carrying plasmid pRARE2
(Novagen). Recombinant strain was grown at 37∘C in
Luria-Bertani medium (LB) supplemented with ampicillin
and induced to express recombinant xylanases by adding
isopropyl-𝛽-D-thiogalactopyranoside (IPTG) to a final con-
centration of 1.0mM at OD

600
approximately 0.6 and incu-

bated further at 37∘C for 20 hours. The grown cells were
harvested by centrifugation at 5,000 g for 20min at 4∘C,
washed with 0.1M sodium phosphate buffer, pH 7.0, and
resuspended in 20mL of the same buffer with lysozyme
(1mg/mL). The cells were incubated 30min at 4∘C and then
disrupted by sonication.The insoluble debris was removed by
centrifugation at 5,000 g for 20min at 4∘C. The supernatant
was then incubated in a water bath for 30min at 75∘C and
then for 30min at 85∘C (double heat treatment) and cooled
on ice. Denatured proteins of E. coli were removed by cen-
trifugation at 12,000 g for 20min at 4∘C. The protein sample
was dialysed against 25mM phosphate buffer (pH 7.0) at 4∘C
for 3 h.

The purity of the purified protein was examined by SDS-
PAGE (10%) and its concentration was determined by the
Bradford method using bovine serum albumin (BSA) as a
standard.

2.3. Assay of 𝛽-Galactosidase Activity. The 𝛽-galactosidase
activity was analyzed using o-nitrophenyl-𝛽-D-galactopyra-
noside (oNPGal) as substrate following modified Craven
method [19]. 1.076mL of the substrate solution (0.7mg/mL
oNPGal in 0.1M sodium phosphate buffer, pH 7.0) was
preincubated at the appropriate temperature for 5min, and
the reaction was initiated by the addition of 0.05mL of

enzyme (0.08 𝜇g). The reaction was stopped with 0.375mL
of cold 1M Na

2
CO
3
solution. A blank, containing 0.05mL

of 0.1M sodium phosphate buffer instead of enzyme solution,
was used to correct for the thermal hydrolysis of oNPGal.The
amount of released o-nitrophenol was measured at 420 nm.
One unit (U) of enzyme activity was defined as the amount of
enzyme required to liberate 1𝜇mol of o-nitrophenol per min
under described conditions.

2.4. Biochemical Characterization of Recombinant Enzyme
Asac 1390. To examine the effects of pH and temperature
on 𝛽-galactosidase activity, pH values were varied from 3.0
to 8.0 at 80∘C using 0.1M acetate buffer (pH 3.0 to 5.0) and
0.1M sodium phosphate buffer (pH 6.0 to 8.0). Similarly, 𝛽-
galactosidase assay was done at various temperatures (50–
100∘C) and pH 7.0 to determine the optimum temperature for
Asac 1390 activity.

The thermostability of Asac 1390 was assessed by prein-
cubating the enzyme at 90∘C in sodium phosphate buffer,
pH 7.0. The samples were collected at the desired intervals
and assayed for the residual 𝛽-galactosidase activity in 0.1M
sodium phosphate buffer (pH 7.0) at 50∘C.

The substrate specificity of Asac 1390 was determined
using oNPGal, p-nitrophenyl-𝛽-D-galactopyranoside
(pNPGal), p-nitrophenyl-𝛽-D-glucopyranoside (pNPGlu),
p-nitrophenyl-𝛽-D-xylopyranoside (pNPXyl), and pNP-𝛽-
D-mannopyranoside (pNPMan). The reactions were per-
formed with 2.21mM of each substrate in 0.1M sodium
phosphate buffer (pH 7.0) at 93∘C and the activity was
measured by release of pNP (at 405 nm) and oNP (at
420 nm).

When cellobiose was used as a substrate (0.5% w/v),
the amount of glucose released was determined with a
Sucrose/D-Glucose/D-Fructose Kit (R-Biopharm AG, Ger-
many) according to the manufacturer’s protocol. The cel-
lobiose hydrolysis reactions were performed in 0.1M sodium
phosphate buffer (pH 6.0) at 50∘C. In this assay, 1 U of activity
is defined as the amount of enzyme which is required to
release 1 𝜇mol of glucose per minute under test conditions.

Various concentrations of oNPGal, pNPGal, pNPGlu,
pNPXyl, and pNPMan (from 0.277 to 2.21mM for oNPGal,
pNPGal, pNPGlu, and pNPMan and from 0.074 to 1.23mM
for pNPXyl) were used to determine kinetic parameters of
Asac 1390. The reactions were performed in 0.1M sodium
phosphate buffer (pH 7.0) at 93∘C. The enzyme kinetic
parameters, 𝐾

𝑚
(mM), 𝑉max (U/mg), 𝑘cat (c

−1), and 𝑘cat/𝐾𝑚,
were calculated from Hanes-Woolf plot of Michaelis-Menten
equation.

The effects of glucose on 𝛽-galactosidase activity were
investigated at the concentrations of glucose from 10 to
100mM using 2.21mM oNPGal at 80∘C in 0.1M phosphate
buffer (pH 7.0). The relative activity was defined as the
relative value to the maximum activity without glucose. The
type of inhibition and inhibition constants for glucose were
determined by fitting to Cornish-Bowden and Dixon plots
[20] using various concentrations of glucose (from 0 to
400mM) with various concentrations of oNPGal (from 0.05
to 0.5mM) as a substrate.
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Figure 1: Expression and purification of recombinant glycosidase
Asac 1390. SDS-PAGE was done using a 10.0% polyacrylamide gel;
proteins were stained with Coomassie Brilliant Blue R-250. Lanes:
1—molecular weight markers (sizes are shown in kDa); 2—total
protein from uninduced cells; 3—total protein from induced cells;
4—purified recombinant Asac 1390.

3. Results and Discussion

3.1. Gene Cloning and Enzyme Expression. The amino acid
sequence of a putative 𝛽-galactosidase Asac 1390 from A.
saccharovorans exhibited 54–71% identities with the glycoside
hydrolases from the thermophilic archaea of the genera
Caldivirga, Sulfolobus, Vulcanisaeta, Thermoproteus, Ignis-
phaera,Thermoplasma,Thermosphaera, Picrophilus,Thermo-
coccus, and Pyrococcus, annotated as 𝛽-galactosidases or 𝛽-
glucosidases. A Blastp search of the amino acid sequence of
Asac 1390 suggested that residues 1–46 contain a signature
typical of glycosyl hydrolase (GH) family 1 (Pfam00232).
Particularly, Asac 1390 is 63% identical to 𝛽-glycosidase from
Sulfolobus acidocaldarius that was found to exhibit activ-
ities toward 𝛽-glucosides, 𝛽-galactosides, and 𝛽-fucosides
[15]. The results suggest that the enzyme could have broad
substrate specificity. Asac 1390 does not have a predicted
secretion signal suggesting an intracellular action of this
enzyme.

Asac 1390 gene with the same sequence as that reported
in GenBank (CP001742) was cloned and expressed in E. coli.
The recombinant enzyme was expressed with a yield of about
30% of the total soluble protein and was purified from crude
E. coli extracts via two-step heat treatment to a purity of above
95%.The purified protein appeared in SDS-PAGE analysis as
a single band with a molecular mass of approximately 55 kDa
(Figure 1), consistent with the calculated value of 55,521 kDa
based on the 490 amino acid residues of Asac 1390.

3.2. Effects of pH and Temperature on the Enzyme Activity.
The 𝛽-galactosidase activity was examined over a pH range
of 3.0 to 8.0 at 80∘C. Maximum activity was observed at pH
6.0 in sodium phosphate buffer. At pH 5.0 and 7.0, the activity
was approximately 70% of the maximum (Figure 2(a)). The
effect of temperature on enzyme activity was investigated

Table 1: Hydrolytic activity of Asac 1390 with different substrates.

Substrate Specific activity (Umg−1)
oNPGal 325 ± 10

pNPGal 328 ± 10

pNPGlu 246 ± 6

pNPXyl 72 ± 1

pNPMan 28 ± 2

The reaction was carried out in 100mM sodium phosphate buffer (pH 7.0) at
93∘C. Data represent the means of three separate experiments.

in 0.1M sodium phosphate buffer, pH 7.0 (Figure 2(b)). The
maximum activity was recorded at 93∘C; at temperature of
100∘C the activity was about 80% of the maximum.

The thermal stability of Asac 1390 was examined by mea-
suring the activity over time at 90∘C.The samples were with-
drawn at various time intervals and assayed in 0.1M sodium
phosphate buffer (pH 7.0) at 50∘C for 20min (Figure 3). The
Asac 1390 enzyme appeared to be extremely thermostable;
the half-life of the enzyme at 90∘C was about 7 hours.

These values of the temperature and pH optima of
Asac 1390 are typical for 𝛽-galactosidases and 𝛽-glucosidases
from hyperthermophilic archaea, including enzymes from
Sulfolobus solfataricus (95∘C and pH 6.5, [21]), Pyrococcus
furiosus (100∘C and pH 5.0, [22]), S. acidocaldarius (90∘C and
pH 5.5, [15]), andThermococcus kodakarensis (100∘C and pH
6.5, [23]). In terms of thermal inactivation, Asac 1390 is one
of the most thermostable 𝛽-glycosidases with the half-life of
7 h at 90∘C. It showed a higher stability than 𝛽-glycosidases
from S. solfataricus and S. acidocaldarius, but a lower stability
than those from P. furiosus (85 h at 100∘C) and T. kodakaraen-
sis (18 h at 90∘C).

3.3. Effect of Glucose on the Activity of Asac 1390. The
effects of glucose on 𝛽-galactosidase activity during oNPGal
hydrolysis were investigated at various concentrations of D-
glucose. The addition of 10, 50, and 100mM of sugar reduced
the activity of Asac 1390 to 80%, 76%, and 65%, respectively.
Thus, glucose had little effect on hydrolytic activity.

The Cornish-Bowden and Dixon plots demonstrated
a mixed type of inhibition of Asac 1390 by glucose. The
dissociation constant of the EIS complex (𝐾

𝑖

= 158mM)
was significantly lower than that for EI complex (𝐾

𝑖
=

500mM). Glucose was reported to be a competitive inhibitor
of 𝛽-glycosidase from S. solfataricus [21] with the inhibition
constant 𝐾

𝑖
of 96mM, while it has little effect on the 𝛽-

glucosidase from Pyrococcus furiosus with an apparent 𝐾
𝑖
of

300mM [22].

3.4. Substrate Specificity and Kinetics of Asac 1390. The
hydrolytic activity of Asac 1390 was investigated with various
aryl glycosides (Table 1). For the pNP substrates the highest
activity was observed for pNPGal, followed by pNPGlu and
pNPXyl. The hydrolysis of pNPMan was the least effective.
The activity of the enzyme for oNPGal was about the same as
for pNPGal, indicating that the enzyme equally and efficiently
hydrolyzed 𝛽-1-2 and 𝛽-1-4 linkages. The Michaelis-Menten
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Figure 2: Effects of pH (a) and temperature (b) on the 𝛽-galactosidase activity of recombinant Asac 1390. Data represent the means of three
experiments and error bars represent standard deviation.
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Figure 3: Thermal inactivation of recombinant Asac 1390. Purified
Asac 1390 was preincubated at 90∘C followed by 𝛽-galactosidase
assay. Data represent the means of three experiments and error bars
represent standard deviation.

constants (𝐾
𝑚
), turnover numbers (𝑘cat), and catalytic effi-

ciencies (𝑘cat/𝐾𝑚) for oNPGal, pNPGal, pNPGlu, pNPXyl,
and pNPMan are presented in Table 2. The value of 𝑘cat/𝐾𝑚
for pNPGlu was much higher than that obtained with
pNPGal, indicating that Asac 1390 was not a 𝛽-galactosidase
as it was annotated, but rather a 𝛽-glucosidase.

The Asac 1390 enzyme has high specific 𝛽-galactosidase
and 𝛽-glucosidase activity (246–328Umg−1 on different sub-
strates), a high affinity with substrate (𝐾

𝑚
= 0.24mM

for pNPGlu), and high catalytic activity (𝑘cat/𝐾𝑚 =
1327 s−1mM−1 for pNPGlu). These values are among
the highest among archaeal enzymes of this class. Some
more active 𝛽-galactosidases from thermophilic bacteria
are known, but usually they are less thermostable (e.g.,
30,400Umg−1 and half-life of 1.5 h at 90∘C in case of
𝛽-glucosidaseThermotoga petrophila [24]).

Taking into account that some microbial GH1 family 𝛽-
glycosidases had low specific activity for cellobiose, we inves-
tigated the hydrolytic activity of Asac 1390 with this natural
𝛽-glucosidase substrate. The observed activities of Asac 1390
with cellobiose and pNPGlu at 50∘C and pH 6.0 were

Table 2: Kinetic parameters of Asac 1390.

Substrate 𝐾
𝑚

(mM)
𝑘cat
(s−1)

𝑘cat/𝐾𝑚
(s−1 mM−1)

𝑉max
(Umg−1)

oNPGal 2.0 434.0 217.0 468.9
pNPGal 2.9 461.8 159.8 499.3
pNPGlu 0.24 318.5 1327.1 343.9
pNPXyl 4.65 114.6 24.6 123.5
pNPMan 2.4 58.2 24.2 62.8
The reaction was carried out in 100mM sodium phosphate buffer (pH 7.0) at
93∘C. Data represent the means of three separate experiments.

68Umg−1 and 53Umg−1, respectively. Typically, glucose-
tolerant microbial 𝛽-glucosidases have considerably lower
specific activity for cellobiose than for pNPGlu, while the
known exceptions (e.g., 𝛽-glucosidase from Thermoanaer-
obacterium thermosaccharolyticum) are less thermostable
than Asac 1390 [14].

The broad substrate specificity of Asac 1390 is an interest-
ing and important feature of this enzyme. Although initially
annotated as 𝛽-galactosidase, this enzyme exhibits hydrolytic
activity towards cellobiose and various aryl glucosides: high
activity with pNPGal and pNPGlu, followed with pNPXyl
and pNPMan. Such broad substrate specificity𝛽-glycosidases
are known among Archaea [25], including S. acidocaldarius
and S. solfataricus [15, 26]. Analysis of recently determined
three-dimensional structure of Asac 1390 [27] could help to
reveal molecular features defining substrate specificity of the
enzyme.

Multifunctionality of Asac 1390 makes it very promising
for application in enzymatic hydrolysis of lignocellulose
biomass. 𝛽-Xylosidases and 𝛽-glucosidases are responsible
for the last steps of the hydrolysis of xylan and cellulose:
cleavage of xylobiose to xylose [28] and cellobiose to glucose
[1]. The activity of 𝛽-mannosidase is also useful since this
enzyme participates in the production of fermentable sugar
from another component of hemicellulosic materials, man-
nan [29]. For instance, Trichoderma reesei is a well-known
cellulase-overproducing filamentous fungus which secretes
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several cellulolytic enzymes. However, 𝛽-glucosidase activity
in T. reesei is partly mycelium-bound and obviously limits
the enzyme performance in commercialT. reesei preparations
[30]. Supplementation of enzyme complex produced by T.
reesei with highly active 𝛽-glucosidase, exhibiting also 𝛽-
xylosidase, 𝛽-mannosidase, and 𝛽-galactosidase hydrolytic
activities, could improve efficiency of processing of lignocel-
lulose biomass. Asac 1390 is particularly suitable for these
purposes due to its resistance to inhibition by the main
reaction product, glucose.

4. Conclusions

In this study, we expressed and characterized a thermostable
recombinant glycosyl hydrolase Asac 1390 from A. saccha-
rovorans. This enzyme is optimally active at high tem-
perature (93∘C) and pH 6.0 and is highly thermostable.
Asac 1390 is amultifunctional𝛽-glycosidase exhibiting activ-
ities of 𝛽-glucosidase, 𝛽-galactosidase, 𝛽-xylosidase, and 𝛽-
mannosidase. The broad substrate specificity and resistance
to inhibition by glucose make the new enzyme promising
for application in enzymatic degradation of lignocellulosic
materials.
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DNA ligases are indispensable in all living cells and ubiquitous in all organs. DNA ligases are broadly utilized in molecular biology
research fields, such as genetic engineering and DNA sequencing technologies. Here we review the utilization of DNA ligases in
a variety of in vitro gene manipulations, developed over the past several decades. During this period, fewer protein engineering
attempts for DNA ligases have been made, as compared to those for DNA polymerases. We summarize the recent progress in the
elucidation of theDNA ligationmechanisms obtained from the tertiary structures solved thus far, in each step of the ligation reaction
scheme. We also present some examples of engineered DNA ligases, developed from the viewpoint of their three-dimensional
structures.

1. Introduction

DNA ligases are critical DNA replication and repair enzymes;
they have beenwidely used inmolecular biology and biotech-
nology applications, such as cloning and next-generation
DNA sequencing [1, 2]. DNA ligases catalyze the joining of
adjacent 3-hydroxyl and 5-phosphorylated DNA termini
in duplex DNA. All DNA ligases accept nicked dsDNA
and homologous, cohesive ends as substrates, although the
minimum length of the overlap required for efficient ligation
varies widely. Some ligases, most notably T4 DNA ligase, also
accept fully base-paired (blunt end) substrates for in vitro
ligation reactions.

DNA ligases share a common mechanism and a high
degree of structural similarity with other members of the
nucleotidyltransferase superfamily, including RNA ligases
and RNA-capping enzymes [3]. Like other nucleotidyltrans-
ferases, DNA ligases utilize an ATP molecule to activate the
enzyme, and thus DNA ligases are prepared to react with
DNA substrates [4].

The details of each step in the DNA ligation reaction
sequence have been clarified by many efforts performed by

numerous researchers. Above all, Shuman’s group has made
extensive contributions toward the elucidation of the DNA
ligation mechanisms [5]. We describe the exemplified DNA
ligation schemes in particular, in the second section of this
review.

Since the discovery of DNA ligase, this enzyme has been
widely utilized in several types of molecular biology and
biotechnology applications. DNA ligase is frequently utilized
in combination with restriction enzymes in recombinant
DNA experiments. The enzyme has been applied in DNA
sequencing methods in diverse ways, by taking advantage of
the fact that DNA ligase does not require dNTPs as substrates
for its function, since large amounts of dNTPs in solution, a
general situation in DNA polymerase reactions, sometimes
inhibit effective measurements and cause misinterpretations.
DNA ligase is also utilized in analytical methods for protein-
protein interactions, as developed by Landegren et al. [6].
These methods are widely applied for quick and effective in
situ investigations of protein-protein interactions [7]. We will
describe the details of the utilization of DNA ligase in several
aspects of genetic engineering technology andmolecular and
cell biology in the third section.
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Since the first report of the X-ray crystal structure of
the ATP-dependent DNA ligase from bacteriophage T7 [8],
the crystallographic analyses of the archaeal and eukaryotic
ATP-dependent DNA ligases were subsequently reported
during the first decade of the new century [9–11]. The ATP-
dependent DNA ligases fromArchaea and Eukarya comprise
three domains, but, surprisingly, the relative arrangements
of the three domains were completely different from each
other in these reports [9–11], reflecting the dynamic domain
motion in the 3-step ligation sequence. Based on these struc-
tural transitions in the ligation sequence, several attempts
toward improving the enzymatic reaction have been made by
mutating the enzymes. In the fourth and the fifth sections, we
summarize the structural information about DNA ligase and
the mutation-based improvements of its enzymatic efficacy.

2. Basis of the DNA Ligase Reaction

The Gellert, Lehman, Richardson, and Hurwitz laboratories
discovered DNA ligases in 1967 and 1968 [12–15]. By joining
the 3-OH and 5-phosphate termini (nicks) to form a
phosphodiester bond, DNA ligases play an important role
in maintaining genome integrity. They are essential for DNA
replication and repair in all organisms [16, 17]. Furthermore,
DNA ligases have long been a critical reagent in the develop-
ment of molecular cloning and many subsequent aspects of
DNA biotechnology.

All DNA ligation reactions entail sequential nucleotidyl-
transfer steps [18]. The reaction mechanism can be divided
into three distinct catalytic events: the first (step 1), the acti-
vation of the enzyme through the covalent addition of AMP
to the conserved catalytic lysine of the ligase, accompanied by
the release of PPi or nicotinamide mononucleotide from the
cofactor (ATP or NAD+); the second (step 2), the binding of
the ligase-adenylylate to the substrate DNA and the transfer
of AMP from the ligase to the 5-phosphoryl group of the
nick on the DNA; and the third (step 3), the formation of
the phosphodiester-bond with the concomitant release of
free AMP from the DNA-adenylylate intermediate (Figure 1).
All three chemical steps depend on a divalent cation. The
DNA ligases are grouped into two families, according to the
cofactor dependence for the reaction. ATP-dependent DNA
ligases are found in viruses, bacteria, Eukarya, and Archaea
[18, 19], whereas NAD+-dependent DNA ligases are primarily
present in bacteria and entomopox viruses [19, 20].

Sequence analyses ofDNA ligases revealed that they share
six motifs (I, III, IIIa, IV, V, and VI), which are also conserved
in the nucleotidyltransferase superfamily members, includ-
ing RNA ligase [21], tRNA ligase [22], and mRNA-capping
enzymes [23], except for motif VI. In the ATP-dependent
DNA ligases, these six motifs align well among the enzymes
from viruses, bacteriophages, Archaea, and Eukarya, without
long gaps or insertions (Figure 2).The sequences of the ATP-
dependent DNA ligases showed that the amino acids in
motifs I, III, IIIa, IV, V, and VI contact the substrates, AMP
or DNA. The important roles of the individual amino acids
in these motifs were verified by alanine scanning mutational
studies and confirmed as essential for one or more steps of
the ligation pathway [24]. For example, motif I (KxDGxR)

Ligase ATP

Ligase - AMP 

ppi

Ligase - AMP - 

Ligase -

Ligase
AMP

Step 1

Step 2

Step 3

P

P

AMP
P

5
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3
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3


Figure 1: Schematic diagram of the three-step reaction catalyzed by
ATP-dependent DNA ligases. The three-step reaction catalyzed by
DNA ligase (Ligase) results in the serial transfer of AMP (adenosine
5-monophosphate) to an active site lysine (step 1) and then to the 5-
PO
4
end of DNA (step 2). During step 3, the 3-OH end of a second

DNA strand attacks the 5-PO
4
, to release AMP and generate the

ligated DNA product.

contains the lysine that becomes covalently linked to AMP
in the first step of the ligase reaction [25, 26]. Furthermore,
the arginine and lysine side chains in motif VI (RxDK) orient
the PPi leaving group apically relative to the attacking motif
I lysine, during step 1 enzyme nucleotidylation reaction [27,
28].

3. Utilization of DNA Ligases in Genetic
Research Technologies

The in vitro manipulation of DNA has been broadly applied
to studies in molecular genetics, microbiology, immunol-
ogy, and oncology and also to practical uses in clinical
assays [29].This technologywas developedwithDNA-related
enzymes, which were discovered by research on the molecu-
lar mechanisms of the replication and repair of DNA. DNA
replication is initiated by DNA primase, which synthesizes
small RNA primers that are subsequently elongated by DNA
polymerases [30]. Based on its primer extension activity, a
DNA polymerase can be utilized in the polymerase chain
reaction (PCR), which amplifies a single copy of DNA by
several orders of magnitude in a brief in vitro reaction [31].
In addition, DNA ligase plays a role in joining Okazaki
fragments during lagging strandmaturation [32]. Based on its
activity to join twoDNA strands in vitro, DNA ligase has been
contributing to recombinant DNA technology, for example,
DNA cloning [33]. In addition, DNA ligase is broadly utilized
for ligase-mediated mutation detection methods and DNA
sequencing.

3.1. Oligonucleotide Ligation Assay (OLA). DNA ligase can
only join two DNA strands when they are perfectly
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Figure 2: Conserved sequence elements define a superfamily of covalent nucleotidyltransferases. Six collinear sequence elements, designated
as motifs I, III, IIIa, IV, V, and VI, are conserved in capping enzymes and ligases. The amino acid sequences are aligned for the DNA ligases
from Chlorella virus (ChV), bacteriophage T7 (T7), Pyrococcus furiosus (Pfu), Sulfolobus solfataricus (Sso), and human (Hu). The number of
intervening amino acid residues is indicated. Conserved residues are highlighted in red (nucleotidyltransferases) and blue (DNA and RNA
ligases).

hybridized to a complementary DNA sequence. Even a
single base pair mismatch between two strands significantly
decreases the efficiency of the strand joining reaction [34].
In 1988, the Oligonucleotide Ligation Assay (OLA) was
developed, as a useful method to detect the genotype of the
target DNA by utilizing this characteristic [6, 35]. This was
the first example of the development of a method for gene
analysis by using DNA ligase.

OLA consists of two steps. First, the two probes to be
hybridized with the target DNA at the sequence of interest
must lie directly adjacent to one another. In this case, one
probe must contain a reporter group, which is either 32P- or
fluorescently labeled, and the other must include a recogni-
tion group for immobilization, such as a biotin group, which

could be captured by streptavidin immobilized on a solid
support. Second, the neighboring probes that are perfectly
hybridized to the target DNA at the sequence of interest
are joined by DNA ligase. Then, the ligation signal is subse-
quently captured by streptavidin and detected by autoradio-
graphy or fluorography (Figure 3).This assay takes advantage
of the enzymatic accuracy in two events, the hybridization
of the probes and the joining by DNA ligase, resulting in the
reliable analysis of the clinical genotype.

A breakthrough in OLA for practical use occurred in
1990, when PCRwas coupled to the assay prior to the ligation
reaction (PCR-OLA) [36]. PCR-OLA amplification only for
the target DNA enhanced the sensitivity of the assay, enabl-
ing the nonradioactive detection of theOLA results. Recently,
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Figure 3: Schematic diagrams for the Oligonucleotide Ligation Assay (OLA). DNA fragments from the normal type and the mutant type
(at the single nucleotide polymorphism (SNP) site) are shown as reaction templates. (1) Denature: samples are heated to 85–95∘C for
one to several minutes to denature (separate into single strands) the target DNA. (2) Hybridization: two oligonucleotide probes, 5-biotin
labeled probes and 3-fluorescent (or radiolabeled) probes, which are complementary to the normal-type target, hybridize to the target DNA
fragment. (3) Ligation: adjacent probes that are perfectly complementary to the target (left) are connected by DNA ligase. (4) Binding to
support: the fluorescently labeled ligation samples are immobilized to streptavidin and detected by fluorography only if ligated to biotinylated
oligonucleotides that can be bound to streptavidin on a solid support (left).
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Figure 4: Schematic diagrams for the Ligation Detection Reaction (LDR) processes. DNA fragments from the normal type and the mutant
type (at the single nucleotide polymorphism (SNP) site) are shown as reaction templates. (1) The denaturation process is the same as in
Figure 3 (1). (2) Hybridization: two oligonucleotide probes, complementary to the normal-type target, hybridize to the target DNA fragment.
(3) Ligation: adjacent probes that are perfectly complementary to the target (left) are connected by DNA ligase, and thermocycling linearly
amplifies the amount of product formed. In the case of the mutant type template, the presence of a single-base mismatch at the junction
inhibits the ligation, and therefore no ligated LDR probes are formed (right).

a sensitive, specific, and high-throughput OLA was devel-
oped for the detection of genotypic human immunodefi-
ciency virus type 1 (HIV-1) resistance to a Food and Drug
Administration-approved protease [37]. This report revealed
that OLA can be used for the detection of the HIV-1 genotype
(wild type or mutant) as a genetic diagnosis method.

3.2. DNA Ligase-Mediated Cycling of the Ligation Reaction.
Further spreading of DNA ligase-mediated technologies was
achieved by cycling the ligation reaction, like PCR, using

a thermostable DNA ligase, which became available com-
mercially in 1990. The thermostable DNA ligase enables the
cycling OLA reaction. OLA reaction method with thermal
cycling procedure developed by using thermostable DNA
ligase is often specifically termed LigationDetectionReaction
(LDR) (Figure 4).Through repeated denaturation, annealing,
and ligation, the target signal is amplified linearly [38–40].
Ligation Chain Reaction (LCR) [38, 39, 41] and Ligation
Amplification Reaction (LAR) [42] are also performed by
repeated cycles of heat denaturation of a DNA template
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Figure 5: Schematic diagrams for the Ligation Chain Reaction (LCR) and Ligation Amplification Reaction (LAR) processes. (Here, we
describe LCR.) DNA fragments from the normal type and the mutant type (at the single nucleotide polymorphism (SNP) site) are shown as
reaction templates. (1)The denaturation process is the same as in Figure 3 (1). (2) Hybridization: four oligonucleotide probes, complementary
to the normal-type target, hybridize to the target DNA fragment, and (3) Ligation: adjacent probes that are perfectly complementary to the
target (left) are connected by DNA ligase. Ligated LCR probes from the first round of the ligation become the targets for the subsequent round
using another probe set (dotted lines) complementary to the first set. Thus, the amount of ligated LCR probes increases exponentially. In the
case of the mutant type template, the presence of a single-base mismatch at the junction inhibits the ligation, and therefore no ligated LCR
probes are formed (right).

containing the target sequence, annealing of probes, and
ligation processes. After annealing the first set of two adjacent
oligonucleotide probes to the target DNA sequence in a
unique manner, a second set of complementary oligonu-
cleotide probes that hybridize to the sequence opposite to the
target DNA sequence is applied (Figure 5).Thereafter, a ther-
mostableDNA ligase will covalently link each pair of adjacent

probes that are completely hybridized at the junction of the
adjacent probes. Through the repeated sequential processes,
including denaturation, annealing, and ligation, the target
signal is amplified exponentially. These methods require a
thermostable DNA ligase to allow the ligation to occur
under temperature conditions that prevent mismatches from
hybridizing to form acceptable substrates. The thermostable
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DNA ligase made this assay useful for DNA-based diag-
nostic tests for inherited diseases in clinical laboratories.
The ligation-mediated detection of point mutations by ther-
mostable DNA ligase is now used to detect hepatitis B
virus (HBV) mutants [43–45], colon tumor microsatellite
sequence alterations [46], the mutation responsible for
bovine leukocyte adhesion deficiency [47], AZT-resistance
HIV mutants [48], mutations in the ras family of oncogenes
[49], extended spectrum 𝛽-lactamase resistance in bacteria
[50], and ganciclovir-resistant cytomegalovirus mutants [51].

3.3. Padlock Probe and Rolling-Circle Amplification (RCA).
Padlock probes and RCA are alternative methods for detect-
ing known sequence variants in DNA and particularly for
detecting single nucleotide polymorphisms, by using a ther-
mostable DNA ligase. The padlock probe has target recogni-
tion sequences situated at both the 5- and 3-ends, connected
by an intervening sequence that can include the sequence for
detection.When the probe is hybridized to a target sequence,
the two ends are brought adjacent to each other, and then
a thermostable DNA ligase covalently joins the two ends
and circularizes the probe. This circularized probe is wound
around the target strand in a manner similar to a padlock,
driven by the helical nature of the double-stranded DNA
[52] (Figure 6). This probe is used for the localization of
signals in in situ analyses. For example, a padlock probe
was able to detect repeated alphoid sequences in metaphase
chromosomes in a living cell, demonstrating its utility for
in situ studies [53–55]. RCA is also known as a simple and
efficient isothermal enzymatic process that utilizes strand-
displacement DNA and RNA polymerases, like Phi29, Bst,
and Vent exo-DNA polymerases for DNA and T7 RNA
polymerase for RNA, to generate long single stranded DNAs
and RNAs containing tens to hundreds of tandem repeats
that are complementary to the circular template [56–58].
The padlock principle has been combined with RCA for
mutation detection, in which a primer annealing to the linker
region initiates rolling circle replication (Figure 6), because
the padlock approach alone is not sufficient to detect single
nucleotide differences in a single copy gene in situ [59–
61]. Point mutations in the cystic fibrosis transmembrane
conductance regulator (CFTR), p53, BRCA1, and Gorlin
syndrome genes were visualized in interphase nuclei and
DNA fibers by RCA [62]. These results demonstrated that
ligase-mediated mutation detection methods coupled with
RCA are able to reveal single nucleotide differences in a single
cell. The ability to detect mutations in a cellular milieu has
important implications for cancer research and diagnosis.

In another aspect of the RCA with ligation methods,
Proximity Ligation Assay (PLA) is known for one of the
potent techniques for detecting individual proteins or protein
complexes in situ, by using antibodies with attached DNA
strands that participate in ligation and subsequent RCA
reactions [63]. PLA can be used for detecting reactions in
which identification of target molecules depends on two
recognition events. Formation of a proper target complex
results in the formation of a circular DNA strand by exoge-
nously added DNA ligase. This circular DNA is used to
template a locally restricted RCA reaction, which generates
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Figure 6: Schematic representation of the target-primed Rolling-
Circle Amplification (RCA) of circularized padlock probes. (1) 5–3
exonucleolysis: the target DNA is restriction digested 3 of the target
sequence and irreversibly made single stranded by strand-specific
5–3 exonucleolysis. (2) Hybridization: padlock probes (red) with
the tag sequence (green) are hybridized to their target sequences.
(3) Ligation & 5–3 exonucleolysis: adjacent padlock probes that
are perfectly complementary to the target (left) are connected
by DNA ligase, thus locking the probe onto the target molecule.
After ligation, the RCA is initiated by the Phi29 DNA polymerase,
by turning the target molecule into a primer through the 3–5
exonucleolysis of any 3 end protruding beyond the padlock probe
hybridization site. The padlock probe then serves as the template
for DNA synthesis. The RCA product (black) is detected through
the hybridization of fluorescently labeled probes (green) to tag
sequences specific for the padlock probe. Arrowheads indicate 3
ends of the RCA reaction.

an elongating ssDNA rolling-up in a ball that can be detected
when hybridized with fluorescence-labeled probes [7]. The
binding to a target interacting complex by two different anti-
bodies with attached oligonucleotides individually (referred
to as proximity probes) is followed by the addition of two
more oligonucleotides that are then ligated into a circular
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Figure 7: Schematic representation of in situ Proximity Ligation Assay (PLA). (1) Protein interaction: the complex is formed between target
proteins (light blue and pink). (2) Proximity probe binding: antibodies (black) with individual proximity probes (glay) bind to each of
the target protein complexes. (3) Hybridization of connector oligo-DNAs: target protein complex serves to template the hybridization of
connector oligo-DNAs (red). (4) Ligation to form complete DNA circle: adjacent connector oligos that are perfectly complementary to the
target template are connected by DNA ligase. (5) Rolling Circle Amplification (RCA) and detection: after ligation, the RCA is initiated by the
Phi29 DNA polymerase, by turning the target molecule primed by one of the proximity probes. The RCA product is detected through the
hybridization of fluorescently labeled probes (green). Arrowheads indicate 3 ends, and roundheadsmeans 3 endsmodified with 2 O-methyl
RNA.

DNA strand by the function of DNA ligase. The circular
DNA strand is templated by the oligonucleotides attached
to antibodies (Figure 7). Next, one of the antibody-bound
oligonucleotides is utilized as a primer of the succeeding
RCA reaction, resulting in the generation of an ssDNA
rolling circle product.The rolling circle is covalently attached

to one of the proximity probes. A 60min RCA by Phi29
DNA polymerase results in a 1000-fold amplification of
the 100 nt DNA circle, producing an around 100 kb rolling
circle product [63]. The rolling circle product is then visual-
ized by hybridization of fluorescence-labeled complementary
oligonucleotide detection probes in situ.
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3.4. Next-Generation DNA Sequencing by Using DNA Ligase.
Recently, Next Generation Sequencing (NGS) technologies,
such as the 454 FLX pyrosequencer (Roche) [64], Illumina
genome analyzer (Illumina) [65], and Sequence by Oligonu-
cleotide Ligation and Detection (SOLiD) sequencer (Life
Technologies) [66], have revolutionized genomic and genetic
research. Although these platforms are quite diverse, in terms
of their sequencing biochemistry and sequence detection,
their workflows are conceptually similar to each other. The
array is prepared by random fragmentation of DNA, fol-
lowed by in vitro ligation of common adaptor sequences by
DNA ligase. DNA fragments with adapters are amplified by
DNA polymerase and are detected by each platform. The
detection platforms rely on sequencing by DNA synthetic
methods, that is, the serial extension of primed templates.
The enzyme driving the DNA synthesis can be either a DNA
polymerase or a DNA ligase. The 454 FLX Pyrosequencer
and Illumina analyzer use DNA polymerase methods with
pyrosequencing [67] and reversible dye terminator technol-
ogy, respectively [68]. In contrast, SOLiD uses DNA ligase
and a unique approach to sequence the amplified fragments
[69]. A universal primer complementary to the adaptor
sequence is hybridized to the array of amplicons. Each cycle of
sequencing involves the ligation of a degenerate, fluorescently
labeled 8-mer probe set (Figure 8). The octamer mixture is
structured, and the type of nucleotide (A, T, G, or C) at the
specific position within the 8-mer probe set correlates with
the type of fluorescent label. After the ligation of the 8-mer
probes, images are acquired in four channels, resulting in the
effective collection of sequencing data for the 3 end positions
of the probes across all template-bearing beads. Then, the
octamer is chemically cleaved between positions 3 and 4, to
remove the fluorescent label. Progressive rounds of octamer
ligation enable the sequencing of every 5th base (e.g., bases
1, 6, 11, and 16 of the template strand). After several cycles
of probe ligation reactions, the extended primer is denatured
to reset the system. Subsequent iterations of this process can
be applied to a different set of positions (e.g., bases 0, 5, 10,
and 15 of the template strand), by using different mixtures of
octamers in which the nucleotides at the different position
are correlated with the label colors. An additional feature of
this platform involves the use of two-base encoding, an error-
correction scheme in which two adjacent bases, rather than a
single base, are correlated with the label. Each base position
is then queried twice (in a set of 2 bp interrogated in a given
cycle) and thus miscalls can be more readily identified [70].

4. Structural Transition of the DNA Ligase in
the Reaction Sequence

In Section 2, we showed that the sequence alignments clearly
revealed several homologous regions among ATP-dependent
DNA ligases and RNA capping enzymes, indicating the
presence of five conserved motifs (I, III, IIIa, IV, and V)
in these proteins. This fact suggests that the nucleotidyl-
transferase superfamily members, including ATP-dependent
DNA ligases, may share a similar protein fold and a common
reaction mechanism. Next, we will present a series of crystal
structures of ATP-dependent DNA ligases and describe the

structural and functional insights into the mechanisms of the
enzymes.

4.1. Structural Studies of ATP-Dependent DNA Ligase. ATP-
dependent DNA ligases show considerable variation in their
molecular sizes, which range from 41 kDa (bacteriophage
T7) [71] to 102 kDa (human DNA ligase I (hLigI)) [72].
Despite this wide size variation, it is clear from the sequence
alignments that the smaller enzymes constitute a common
core structure that is conserved across all ATP-dependent
ligases [73]. The crystal structures of the ATP-dependent
DNA ligases, such as bacteriophage T7 DNA ligase (T7Lig)
complexed with ATP [8, 74] and Chlorella virus DNA ligase
(ChvLig) with covalently bound AMP [75], have been solved
(Figure 9(a), top).These DNA ligases adopt a common archi-
tecture of two distinct domains: the adenylylation domain
(AdD) and the oligonucleotide/oligosaccharide-binding-fold
domain (OBD), which are jointly called the catalytic core
domains. The catalytic core domains are the minimal entity
for the nick-joining activity, as seen in the ChvLig and T7Lig
enzymes [8, 75].TheAdD contains the catalytic lysine residue
that forms a covalent bond with AMP, which is derived from
the substrate ATP. The Lys238 and Lys240 residues of T7Lig
(Lys188 and Lys186 of ChvLig) within the AdD are essential
for the adenylylation and nick sealing activities [76, 77]. The
Lys240 residue forms a photo-crosslinking adduct with the
5-terminal nucleotide of the nick, implying its direct involve-
ment in binding the phosphate of the nick [78]. The OBD is
connected to the AdD via the conserved motif V [5, 79] and
is similar to other DNA and RNA binding proteins [80, 81].
The OBD is observed in the related nucleotidyltransferase,
the mRNA capping enzyme from Chlorella virus, which
undergoes opened-closed conformational changes during
catalysis. The OBD domain of the enzyme was found to
move towards AdD and close the nucleotide-binding pocket
[80, 81].

In contrast, three crystal structures of large ATP-
dependent DNA ligases, which mainly ligate the nicks
between Okazaki fragment in DNA replication in Eukarya
and Archaea, with an additional N-terminal DNA-binding
domain (DBD), have been reported (Figure 9(a), bottom) [9–
11, 82, 83].This extra domain is not essential for hLigI activity
in vitro [84, 85] but is considered to be crucial for detecting a
singly nicked dsDNA [9]. The structures of the two archaeal
DNA ligases fromPyrococcus furiosus (PfuLig) and Sulfolobus
solfataricus (SsoLig) were determined in the closed [11] and
extended forms [10], respectively. The structure of hLigI in
complex with DNA [9] revealed that the enzyme entirely
encircles the nicked-DNA. All of these DNA ligases are
commonly composed of three domains (DBD, AdD, and
OBD) in the sequences from theN toC termini. Although the
protein folding of each domain is strikingly similar among the
three DNA ligases, the relative domain orientations within
each enzyme are quite different.

4.2. Structural Transition of DNA Ligase Molecules in Each
Reaction Step. Based on the crystal structures described
above, a ligation mechanism was proposed, as schematically
represented in Figure 9(b). In solution, a DNA ligase partly
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Figure 8: The ligase-mediated sequencing approach of the Sequence by Oligonucleotide Ligation and Detection (SOLiD) sequencer (Life
Technologies). (1) Library preparation: two different adapters are ligated to sheared genomic DNA. (2) Emulsion PCR: emulsion PCR is
conducted using magnetic beads to generate “bead clones,” in which each contains a single nucleic acid species. (3) Bead deposition: the
beads are then attached to the surface of a glass slide. (4) Sequencing by ligation: ligase-mediated sequencing begins by annealing a universal
primer to the shared adapter sequences on each amplified fragment (i), and then DNA ligase is provided along with specific fluorescently
labeled 8-mers, in which the two bases at the 3 end of the probe are encoded by the attached fluorescent group. Each ligation step is followed
by fluorescence detection (ii), after which a regeneration step removes the bases from the ligated 8-mer (including the fluorescent group)
(iii), and concomitantly prepares the extended probe for another round of ligation (iv–vii). Since each fluorescent group on a ligated 8-mer
identifies a two-base combination, the resulting sequence reads can be screened for base-calling errors versus either true polymorphisms or
single base deletions, by aligning the individual reads to a known high-quality reference sequence.

adopts the extended form, as expected from the SsoLig crystal
structure and the small angle X-ray scattering (SAXS) analy-
sis [10]. In the absence ofDNAandAMP, theOBDof SsoLig is
turned away from the AdD in an open conformation, resem-
bling that seen in the crystal structures of the compact and
two-domain (AdD-OBD) DNA ligases from Chlorella virus
andT7 (Figure 9(a)).The closed conformation of the catalytic
core domains, which represents the active conformation for

step 1, is observed in the crystal structures of PfuLig, as
proposed previously [10, 11]. In step 2, tight binding between
the enzyme and the substrate DNA occurs, as revealed by the
hLigI–DNA complex crystal structure [9]. These structures
depict three different phosphoryl transfer reactions, and the
flexible multidomain structure of DNA ligases facilitates
the adoption of different enzyme conformations during the
course of the reaction (Figure 9(b)) [10]. A superimposition
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Figure 9: Crystal structures of ATP-dependentDNA ligases. (a)The viral and bacterial ATP-dependentDNA ligases fromChlorella virus (left,
blue) and bacteriophage T7 (right, yellow) are two-domain ligases. These ligases revealed the common structures of two distinct domains,
designated as the adenylylation domain (AdD) and the oligonucleotide/oligosaccharide-binding-fold domain (OBD), which are jointly called
the catalytic core domains. In these two structures, the catalytic core domains adopted an open form. The three-domain structure of DNA
ligase is characteristic of the archaeal (Sulfolobus solfataricus: SsoLig (orange, left) and Pyrococcus furiosus: PfuLig (blue, right)) and eukaryotic
(human: hLigI (green, center)) DNA ligases. The AdD contains most of the catalytic residues and is assisted by two flanking domains that
also bind to DNA, the N-terminal DNA-binding domain (DBD) and the C-terminal OBD. Each C-terminal helix is highlighted in yellow
(SsoLig), magenta (hLigI), and red (PfuLig). The figure was prepared using Chimera [105]. (b) Schematic diagram of the structure-based
ligationmechanism. Before and after the ligation reaction, DNA ligase adopts the extended conformation, as expected from the SsoLig crystal
structure. In step 1, the closed conformation of the catalytic core domains at the carboxyl terminus in PfuLig creates a small compartment,
which holds a covalently bound AMPmolecule. In step 2, the interactions with the substrate DNAmust be stabilized for the enzyme to adopt
a compact conformation, as seen in the crystal structure of hLig1 bound to the nicked-DNA. Finally, the ligation of the DNA strands and the
subsequent release of AMP and DNA strands from DNA ligase occur during step 3.
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Figure 10: Superimposed ribbon diagrams. (a) Ribbon diagrams of PfuLig (2CFM, blue), hLigI (1X9N, green), and SsoLig (2HIV, orange),
in which the AdD from each ligase were maximally overlapped with each other. The DBD from hLigI and SsoLig were omitted, for clarity.
The arrangements of the OBD relative to the AdD in each ligase are apparently different from each other. Notably, the OBD from PfuLig is
closely bound to AdD and is replaced by the bound-DNA substrate (grey) in hLigI. (b) Superimposed diagrams of adenylation domains from
PfuLig and hLigI, flanked by surface representations of motif VI (PfuLig) and the upstream region of the substrate DNA (hLigI), in which
the electrostatic distributions (positive charge, blue; negative charge, red) are mapped onto the molecular surfaces. Since the electrostatic
distributions on the surfaces nearby the AdD of motif VI and the DNA are both negatively charged, the replacement of motif VI with DNA
may easily occur.

of the AdDs in PfuLig, SsoLig, and hLigI revealed that the
arrangements of the OBD relative to the AdD in each ligase
are apparently different from each other. Notably, the OBD
from PfuLig is closely bound to the AdD and is replaced
by the bound-DNA substrate in hLigI (Figure 10(a)). Ribbon
diagrams of the AdDs from hLigI and PfuLig, together with
the adjacent surface representations of the substrate DNA
(hLigI) and motif VI (PfuLig), are shown in Figure 10(b).
The electrostatic distribution on the motif VI surface facing
AdD is negative, suggesting that motif VI is a molecular
mimic of the incoming DNA substrate [11]. This finding
indicates that the ligation could be completed simply by
the smooth replacement between the substrate DNA and
motif VI. Indeed, in the closed structure of PfuLig, motif VI

approaches the active site in the absence of DNA, whereas it
occupies a position in the region upstream from the nicked
DNA in the structure of hLigI.

4.3. Interface of the Mandatory Domains (AdD and OBD) for
the Enzymatic Reaction. In the ATP-dependent DNA ligases,
the enzyme captures ATP to adenylylate a Lys residue in the
first step, in which motif VI is also indispensable [27]. Motif
VI in PfuLig provides several basic residues located around
the AMP binding pocket. This electron density contributes
to forming the compartment that traps the AMP molecule
(Figure 11). In particular, R531 and K534 in motif VI, specific
to the DNA ligases in Archaea and Eukarya, contribute to the
basic surface within the pocket (Figure 11) [11].
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Figure 11: Top: the AMP-binding pocket viewed from the inside
of the molecule. A solvent-accessible surface was created without
the bound AMP, and then the final refined AMP model was
superimposed. The noncovalently bound AMP is trapped within a
closed compartment, which conforms well to the shape of the AMP
molecule. Bottom: surface representation around the hole in the
active site pocket.The surface ofmotif VI is colored cyan.The bound
AMP is depicted as a sphere model. The phosphate (phosphorus,
orange; oxygen, red) group is visible through a small “exit.”

The electrostatic potential distributions of the AdD-OBD
interacting surfaces (Figure 12) revealed that the predom-
inant charge distribution on each surface was oppositely
charged, and this may be involved in stabilizing the closed
conformation of the two catalytic core domains [11]. There is
a small exit of the pocket through the closed conformation
of the two domains (Figure 11), and the diameter of the exit
is about 5.5 Å and could accommodate the PPi molecule but
not the AMP moiety. The exit may serve for the spontaneous
release of the PPi product. This notion is consistent with the
fact that the DNA ligase from Pyrococcus horikoshii, which
is more than 90% identical to PfuLig, cannot use NAD+ as
a nucleotide cofactor [86], because the pocket is too small
to accommodate the nicotinamide ring to be released from
the active site. Presumably, this compact “reaction room” of
PfuLig would have been specifically designed to complete
the conversion process from ATP to AMP within the closed
pocket [11].

4.4. Role of the C-Terminal Helix Commonly Observed in the
Archaeal and Eukaryotic DNA Ligases. The overall architec-
tures of the three domains in hLigI and PfuLig are similar
to each other (Figure 9(a)), although the sequence identities
between the corresponding fragments of hLigI and PfuLig
are moderate (32%). The crystal structures and sequence
analyses revealed that the eukaryotic and archaeal DNA
ligases possess a C-terminal helix shortly after motif VI
(Figures 9(a) and 13(a)). The sequence extension harboring
the C-terminal helix is conserved among the eukaryotic
and archaeal DNA ligases, whereas the ligases from viruses
(Chlorella virus (ChV)) and bacteriophages (bacteriophage
T7 (T7)) lack this long extension (Figure 13(a)). The C-
terminal helix is located at the boundary of the AdD and
the OBD in the closed structure of PfuLig [11]. In the case
of hLigI, this helix is distant from the domain interface,
because of the bound DNA substrate (Figure 9(a)). In fact,
a structural comparison between the DNA-hLigI complex
and PfuLig suggested that the C-terminal helix might play
a crucial role in switching from the tightly closed form
to the DNA-substrate-bound form. The C-terminal helix of
PfuLig connects the AdD and the OBD through five polar
or ionic interactions (Figure 13(b)). This feature suggests that
the helix might play a critical role in stabilizing the closed
conformation of the catalytic core domains during step 1.

5. Engineered DNA Ligases with
Improved Abilities

As described in Section 3, DNA ligases are critical for many
applications in molecular biology. Improvements in the
enzymatic ability, such as the nick sealing efficiency or fidelity,
will provide better performance in the current methods for
ligase-mediated mutation detection and NGS, as described
above. Numerous improvements of DNA polymerases have
been reported [87–89], whereas fewer are known for DNA
ligases. Here we describe some reports on improvements of
the enzymatic performances of DNA ligases.

5.1. Improvement of the Nick-Sealing Activity by Fusion with
the Archaeal DNA Binding Domain. The ATP-dependent
DNA ligase from bacteriophage T4 (T4Lig) has evolved to be
a nick-sealing enzyme. It can also join double-stranded DNA
(dsDNA) fragments with cohesive ends [90]. Furthermore,
it is the only commercially available DNA ligase that can
join blunt-ended DNA duplexes in vitro, in the absence
of macromolecular enhancers such as polyethylene glycol
[91, 92]. The ligation reaction of cohesive or blunt-ended
dsDNA fragments is prerequisite for NGS, which requires
the in vitro ligation of common adaptor sequences. However,
the turnover numbers for the fragment joining reactions
of T4Lig are lower than those for nick sealing, and T4Lig
is approximately five orders of magnitude less efficient in
joining blunt-ended duplexes than nick-sealing [92, 93].
T4Lig is also inefficient for ligating fragments with single base
overhangs [94]. The poor fragment joining activity of T4Lig
often leads to NGS failures. In order to improve the efficiency
of fragment joining by T4Lig, Wilson et al. constructed a
variety of chimeras of T4Lig fused with the DNA-binding
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Figure 12:The electrostatic distributions on the interacting surfaces of AdD (bottom, left) andOBD (bottom, right), in which one of the ionic
interaction pairs (Arg414 and Asp540) is highlighted as sphere models.

domains from other enzymes [92]. This mutational strategy
was inspired by a previous report, in which the genetic
fusion of a sequence of a nonspecific archaeal DNA binding
protein (Sso7d from Sulfolobus solfataricus) to Pfu DNA
polymerases resulted in considerably increased processivity
and improved performance in polymerase chain reaction
(PCR) amplifications [88]. The fusion of T4Lig with Sso7d
showed a 60% increase in performance over T4Lig in the
cloning of a blunt-ended fragment [92].

5.2. Improvement of the Fidelity of Thermostable DNA Ligase
by Site-Directed Mutagenesis. The specificity of DNA ligase
is exploited in LCR and LDR analyses to distinguish single
base mutations associated with genetic diseases. The ligation
fidelity of T4Lig is improved by the presence of spermidine
and by high salt and low ligase concentrations [6, 34].
However, the increased fidelity of T4Lig by adjusting the
reaction conditions is not sufficient for the ideal detection
of SNPs [6, 34, 95, 96]. The thermostable DNA ligases from

Thermus aquaticus (Taq) and Thermus thermophilus (Tth)
exhibited far greater fidelity than that reported for T4Lig
[39, 97].The ligation reactions at the higher temperature pre-
ventedmismatched hybridizations in the substrates. Luo et al.
reported the further improvement of the fidelity of TthLig by
site-directed mutagenesis. The fidelity of DNA polymerases
was decreased by site-directed mutagenesis at the motif
associated with primer-template binding or the exoIII motif
[98–100]. However, the exoIII motif mutants, also known
as “antimutator” strains, showed increased fidelity in which
the balanced activities of the polymerizing and 3



→ 5


exonuclease reactions might improve the overall fidelity [99–
102]. Two mutant ligases, K294R and K294P, were identified
with fidelities increased by ∼4-fold and 11-fold, respectively,
besides retaining their nick sealing activities [97].

5.3. Structure-Based Mutational Study of an Archaeal DNA
Ligase towards Improvement of the Ligation Activity. Asmen-
tioned in the previous section, thermostable DNA ligases are
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Figure 13: Roles of the C-terminal extension helix. (a) Alignment of the sequences of motif VI and the C-terminal extension. The sequences
of the DNA ligases from a virus (ChV, Chlorella virus), bacteriophage (T7, bacteriophage T7), Archaea (Pfu, Pyrococcus furiosus; Tko,
Thermococcus kodakaraensis), human (hu1, human DNA ligase I), and yeast (Sc1, Saccharomyces cerevisiae DNA ligase I) are aligned. The
region formotif VI is shaded, and the extension helix region, determined by the crystal structures of PfuLig and hLigI, is colored red (residues
after Q902 of hLigI were not included in the previously reported crystal structure and are colored gray). (b) Stereo diagram of the interface
of the AdD and the OBD in PfuLig. Ball-and-stick models represent the amino acid residues involved in the interaction between the two
domains: basic, acidic, and polar residues are colored blue, red, and purple, respectively. The C-terminal helix is colored red.The dotted lines
indicate the polar or ionic interactions between AdD and OBD.

utilized in LCR and LDR, which require a heat denaturation
step. However, thermostable DNA ligases possess weaker
ligation activity at lower temperatures (20–40∘C), resulting
in the decreased efficiency of the LCR and LDR procedures
using short probes with low-melting temperatures. Here
we present a structure-guided mutational analysis of the
hyperthermostable DNA ligase from P. furiosus, in order to
improve the ligation efficiency with the thermostability [103].
In Section 4.4, we showed that the C-terminal helix in the
closed structure observed in PfuLig connects the AdD and
the OBD via five polar or ionic interactions (Figure 13(b)). In
contrast, the crystal structures of hLigI and SsoLig revealed
that the relative arrangements of the OBD and the AdD
are quite different from that of PfuLig (Figure 9(a)). Taken
together, we hypothesized that the binding efficiency of
the DNA ligase to the DNA substrate would increase by
reducing the ionic interactions between the AdD and the
OBD, resulting in improved ligation efficiency. The ionic
residues involved in the interactions between the AdD and

the OBD were selected and mutated to create a series of
mutants in which certain ionic residues are replaced or
deleted. First, the series of the alanine mutants (1ala, 2ala,
and 3ala), in which the ionic residues at the C-terminal helix
are replaced with alanine residues, were prepared, and the
series of deletion mutants (d4, d8, and d15) were also created.
Then the initial reaction rates of thesemutantsweremeasured
at the maximum temperature (60∘C). The initial reaction
rates were increased according to the number of replaced or
deleted ionic residues (Figure 14(a)) [104].

Next, we found that the initial reaction rate was largely
improved when the fourth ionic residue (Asp540) from the
C-terminus was mutated, in addition to the 3ala mutations
(D540A/3ala).Therefore the single alaninemutant of Asp540
(D540A) was created and assessed the effect of the mutation
on the ligation efficiency. The reaction rate of D540A was
almost the same as that of D540A/3ala [103], suggesting
that the effect of the mutation of Asp540 dominates the
improvement of the alanine mutations of the ionic residues
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Figure 14: Nick-joining activities of the wild type and mutant proteins. (a) Initial reaction rates for the wild type (WT), K558A (1ala),
K554A/K558A (2ala), Q547A/K554A/K558A (3ala), C-terminal 4 residue-deleted mutant d4 (open circles), d8 (open squares), and d15 (open
triangles) enzymes, represented by time course data. (b) Initial reaction rates forWT, 3ala, D540A/3ala, D540A, D540S, D540R, and D540K.
(c) Nick-joining activities of Asp540 mutants at each temperature for 15min. The extents of nick ligation by D540A (open circles), D540S
(open squares), D540R (open triangles), andD540K (open diamonds) were plotted as a function of time. (d) Nick-joining activities of Asp540
mutants at each temperature for 120min. Error bars represent the standard deviation (𝑛 = 3) [103].

on the C-terminal helix. Asp540 is located at the AdD-
interacting surface of the OBD and forms an ionic pair with
Arg414, in the vicinity of the AMP binding site in the AdD
(Figure 12).

A series of Asp540 mutants, in which Asp540 was
replaced with serine (D540S), lysine (D540K), and arginine
(D540R), were also constructed, and their ligation efficiencies
were evaluated. As a result, the initial reaction rates of
D540K and D540R were similarly the fastest among all of the
mutants, followed byD540S, thenD540A, andfinally thewild
type (Figure 14(b)). The evaluation of the ligation efficiencies
of these Asp540 mutants over the broad temperature range
from 20 to 80∘C revealed that D540K and D540R were
also the most productive. Thus, we successfully generated
the PfuLig mutant with highly improved ligation efficiency
over a broad temperature range, while maintaining its useful
thermostability, by replacing Asp540 with a basic residue
such as lysine or arginine (Figures 14(c) and 14(d)) [103].

Further investigation into the effects of the replacement of
Asp540 with a basic residue on the ligation process revealed
that the replacement contributed to both the adenylylation
and DNA binding steps. These results suggested that the
increase in the number of basic residues in the proximity of
the active site was advantageous for the adenylylation step, in
which the negatively charged pyrophosphate is pulled away
from the ATP molecule in the active site pocket and that
the alteration to the basic residue was also efficient for the
AdD/OBDdomain opening, caused by the repulsion between
either Arg540 or Lys 540 and Arg414, which formed the ion
pair with Asp540 (Figure 12) [103].

6. Conclusions

Archaea live in extreme conditions, even in the temperature
range of 80∘C to 100∘C, and have yielded many useful
enzymes for gene technology, such as hyperthermostable
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DNA polymerases and DNA ligases. In this review, we have
described the utilization of thermostable DNA ligases in
common molecular biology protocols and the structural
mechanism of DNA ligase and shown some examples of
protein-engineered DNA ligases. Improvements of these
enzymes are potentially effective for advancing the existing
methods mentioned above and beneficial for constructing
novel biotechnological methods. Several protein engineering
strategies, such as fusion with other proteins or site-direct
mutagenesis based on structural information, may facilitate
the construction of application-specific DNA ligases in the
future. The enzymes can be improved artificially, based
on their three-dimensional structures, even if they have
naturally evolved for a long period of time.

As many Archaea thrive in extreme environments, it will
be very interesting to learn how the fidelity mechanisms of
these extremophilic organisms have adapted to overcome
these harsh conditions. Therefore, archaeal enzymes will
continue to play an important role in future research and will
be employed in numerous aspects of gene technology.
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Archaea are an understudied domain of life often found in “extreme” environments in terms of temperature, salinity, and a range
of other factors. Archaeal proteins, such as a wide range of enzymes, have adapted to function under these extreme conditions,
providing biotechnology with interesting activities to exploit. In addition to producing structural and enzymatic proteins, archaea
also produce a range of small peptide molecules (such as archaeocins) and other novel secondary metabolites such as those
putatively involved in cell communication (acyl homoserine lactones), which can be exploited for biotechnological purposes.
Due to the wide array of metabolites produced there is a great deal of biotechnological potential from antimicrobials such
as diketopiperazines and archaeocins, as well as roles in the cosmetics and food industry. In this review we will discuss the
diversity of small molecules, both peptide and nonpeptide, produced by archaea and their potential biotechnological applica-
tions.

1. Introduction

Archaea are organisms that often thrive in “extreme” envi-
ronments tolerating conditions that other organisms could
not such as a wide range of temperatures from the lakes
of Antarctica to the hot springs of Yellowstone, as well as
conditions such as high salt of the dead sea or extreme
pH conditions of soda lakes in Africa [1–4]. As a result
of tolerance to these environmental stressors, proteins from
these organisms have been highly valued in biotechnology
for their stability and ability to function where other pro-
teins would degrade. However, further research is needed
to elucidate, for example, whether metabolites produced
by these extremophiles have similar stability and function
through chemical modifications such as carboxylation of acyl
homoserine lactones discussed below. Enzymes are of partic-
ular interest, withmany classes being thoroughly investigated
such as proteases [5], hydrolases [6], and lipases and esterases
[7].These enzymes have been widely covered in the literature
[8, 9], and as such will not be covered in this review.

However, in addition to enzymes already being utilized
for biotechnological processes, recent research indicates
archaea can produce a wide range of small peptides and
secondary metabolites, which could be of considerable inter-
est to biotechnology. Comparatively less is known about
biosynthesis in archaea than bacteria; while vitamins and
cofactors are readily produced in a number of archaeal
strains, there are incomplete biosynthesis pathways possibly
due to novel genes being present [10]. The same is true of
a number of the metabolites examined in this study despite
several having bacterial analogues, and the same genes
required for biosynthesis are not present in archaea. Despite a
number of recent studies and rise of new technologies such as
metabolomics, little is understood regarding the full potential
of archaeal metabolites. There are multiple cases of entire
metabolite groups being represented at this time by a single
archaeal species, most likely due to a lack of study.

In this review we discuss the variety of molecules pro-
duced by archaea and their potential role and biosynthesis
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Figure 1: Structure of DKPs known to be produced by the archaeon H. hispanica. (a) Cyclo(D-prolyl-L-tyrosine), (b) cyclo(L-prolyl-L-
tyrosine), (c) cyclo(L-prolyl-L-valine), (d) cyclo(L-prolyl-L-phenylalanine), and (e) cyclo(L-prolyl-L-isoleucine).

based on bacterial analogues and how these molecules may
be exploited for biotechnological gain.

2. Archaeocins
Bacteria have widely produced antimicrobial peptides and
proteins termed bacteriocins, which have been utilized in
a range of industries. Archaeocins are antibiotic peptides
sourced from archaea being found widely amongst haloar-
chaea (termed halocins) and more recently from the Sul-
folobus genus (sulfolobicins). Halocin production is thought
to be near universal amongst haloarchaea [11], and as a result
of this, there is a great deal of diversitywithin thesemolecules.
Halocins can be divided into two classes based on size: the
smaller microhalocins that can be as small as 3.6 kDa to the
larger halocins of 35 kDa [12]. The antimicrobial activity of
these halocins can also range, with some halocins having nar-
row range of activity affecting only close relatives, as opposed
to a more broadly active A4 halocin capable of inhibiting the
growth of Sulfolobus solfataricus, a representative of another
phylum of archaea [13]. While some bacteriocins are capable
of inhibiting archaea [12], there is no confirmed inhibition
of bacteria by a halocin, although there have been reports
that halophilic archaea are capable of inhibiting halophilic
bacteria [14].

One particularly relevant use of halocin producing strains
is in the textile industry, which uses considerable amounts of
salt in the tanning process.These conditions allow halophiles
including some haloarchaea to grow which in turn can
damage the product, and halocins have been used to prevent
this unwanted growth [15].

Some halocins have also been considered for potential
medical use. Halocin H6 has been indicated to have a
potential therapeutic benefit in dogs following organ trans-
plant surgery [16]. Halocin production is near universal and
relatively few have been fully characterized, in particular
their molecular diversity and differences in activity, and it

is entirely possible that other therapeutic treatments could
result from further study [14]. Another class of archaeocins,
Sulfolobicins, were first identified in Sulfolobus islandicus,
a member of the thermoacidophile group Sulfolobus which
grow at low pH range of 2–4 and high temperatures between
65∘C and 85∘C. Sulfolobus species are members of the
crenarchaeota phylum as opposed to haloarchaea which
are members of the euryarchaeota phylum. Sulfolobicins
produced by S. islandicus are able to inhibit growth of other
closely related strains of S. islandicus and other Sulfolobus
species. No activity of sulfolobicins against organisms outside
of the Sulfolobus phylum has been recorded. Interestingly
sulfolobicins appear to be remarkably stable, able to tolerate
pH conditions between 3 and 10.7 and as high temperature
as 78∘C [17]. Sulfolobicins produced by S. islandicus appear
to be associated with the cytoplasmic membrane and are not
generally released into the surrounding medium [18].

3. Diketopiperazines
Diketopiperazines (DKPs) also occasionally referred to as
cyclic dipeptides have been observed in many bacteria from
a wide range of environments and have only recently been
identified in a haloarchaeon, Haloterrigena hispanica [19]. A
schematic illustrating some of the known DKP structures is
shown in Figure 1. It is currently unknown howmany archaea
produce DKPs, with suggestions that Natronococcus occultus
is also a potential producer as a result of a biosensor assay
which can be activated by DKPs or AHLs [19, 20]. DKPs
are synthesized in bacteria using one of two pathways, the
nonribosomal peptide synthesis (NRPS) or via a novel class
of enzymes called cyclic dipeptide synthases (CDPS) [21]. At
present there are no functional NRPS gene clusters or CDPS
genes identified in archaea. DKPs have a plethora of useful
bioactivities that are of potential significance for industrial
and medical purposes, including antibacterial, antifungal,
and antiviral as well as antitumor activities. Other activities
relating to human physiology have also been reviewed [22].
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Figure 2: Chemical structure of N-carboxyl-C14-HSL: a putative
AHL produced by Methanosaeta harundinacea. The carboxylation
modification has only been observed in archaea.

Another interesting activity of DKPs is the ability to
activate (and sometimes inhibit) quorum sensing systems
in bacteria. Quorum sensing refers to genetic organization
in which an organism can control when a phenotype is
expressed based on the population levels present, that is,
activating a phenotype under a high cell density. Inhibition
of these quorum sensing systems in bacteria is thought to
be a potential therapy for a range of pathogens such as
Pseudomonas aeruginosa infections of cystic fibrosis patients
[23]. There is also potential for quorum sensing blockers to
be used more broadly in industry where biofilms can cause
biofouling, a problem for a variety of industries, particularly
shipping [24]. Biofilms have also been linked to difficulties
in implants and catheters [25], as well as contaminating
water pipe systems [26]. DKPs sourced from archaea could
potentially be used to block these QS systems in order to
prevent these biofilms from occurring.

4. Acyl Homoserine Lactones

Acyl homoserine lactones (AHLs) arewell describedmetabo-
lites controlling a range of quorum sensing phenotypes
in bacteria and have recently been identified in archaea.
AHLs, while predominantly produced by Gram-negative
bacteria, have been shown to interact with eukaryotes as
well representing a potential cross-kingdom signaling system
[27]. It is important to note the AHLs currently identified in
Methanosaeta harundinacea have a carboxylation modifica-
tion previously unseen in bacteria (Figure 2); however, these
carboxyl AHLs are still able to activate bacterial biosensors
[28]. Short chain AHLs typically degrade quite rapidly under
a range of conditions archaea may face such as high temper-
ature and alkaline conditions [29], and thus it is likely that
(any) AHL-like molecules in archaea would be either longer
chain or possess other characteristics that facilitate stability.
However, there is little known what properties the carboxyl
modification provides for the molecule in the environment
when facing such extreme conditions. Currently the only
phenotype known to be AHL regulated in archaea is filament
production in M. harundinacea [28]. An extracellular pro-
tease from extreme haloalkaliphilic Natronococcus occultus
has also been potentially linked to AHL based quorum sens-
ing but this has not been confirmed [20]. Other phenotypes
commonly regulated by quorum sensing in bacteria, however,
are present in archaea such as antimicrobial production (see
above), cellular competence, and biofilm formation.

AHLs and other quorum sensing molecules are often in
control of exopolysaccharide production [30], which could

potentially be controlled by quorum sensing. The biofilms of
haloarchaea and the extremophiles are of particular interest
to biotechnology due to the exopolysaccharides and polyhy-
droxyalkanoates produced during this particular phenotype.
These molecules have many potential uses discussed below.

Many phenotypes governed by quorum sensing in bac-
teria are of particular interest to bioremediation such as the
expression of biofilms, flocculation, and enzyme production.
It is possiblewith a greater understanding of archaeal quorum
sensing there could be benefits to bioremediation [28–31].
AHLs are synthesized by AHL synthases, using acyl groups
taken from the fatty acid synthesis pathway in bacteria via
an acyl-carrier protein ACP [32]. Not only do archaea lack
any traditional AHL synthase, they also lack any ACPs [33] as
they have very different lipid biochemistry to bacteria, having
a fatty acid pathway that may function independently of an
ACP type protein.While all knownAHL synthases in bacteria
aremembers of theGCN5 acetyltransferase family, it has been
suggested that FilI, a histidine kinase, is an AHL synthase in
M. harundinacea [28].

5. Exopolysaccharides and
Polyhydroxyalkanoates

Exopolysaccharides (EPS) are high molecular weight carbo-
hydrates produced and released by many different microor-
ganisms including archaea. EPS is thought to provide an
organism protection against several environmental insults
such as desiccation, predation, or ultraviolet radiation [30].
EPS production in archaea has been primarily researched
within the halophile and thermophile groups [34]. EPS
molecules have a number of industrial applications such as
uses in the food industry as gelling or emulsifying agents. A
number of bacterial EPS molecules such as xanthan, curdlan,
and dextran are being produced industrially despite a number
of these being produced by pathogens such as Alcaligenes
faecalis [35]. As there are no known archaeal pathogens, it is
possible a safer alternative could be found in archaea.

It has been suggested EPS producing Haloferax species
could be used to remove heavy metal contamination from
environments high in salt [36]. The biosorption process
of heavy metals by EPS has been documented in other
organisms [37]; however, halophilic archaea may be uniquely
equipped to survive and produce EPS to reduce contamina-
tion in strictly halophilic environments [36].

Another EPS component, polyhydroxyalkanoates, is a
water insoluble polymer used as a means of carbon and
energy storage in bacteria and archaea. PHAs have received
considerable attention in biotechnology as a potential alter-
native to petrochemical based plastics due to their structural
properties and biodegradability [34]. PHAs at present are
being produced by recombinant E. coli strains; however, there
is the suggestion that some halophilic archaea may be ideal
producers of PHAs. There are a number of producers of
PHAs amongst the haloarchaea [38], the best of which may
beH. medeterrani with 65% of the dry cell weight being PHA
when fed glucose or starch [39]. As H. medeterrani needs
22% salt to grow optimally, there is less of a need for sterile
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Figure 3: Chemical structure of methanophenazine, a phenazine observed only in archaea.

conditions as there is a reduced chance of contamination
[40]. The need for high salt also provides an ease of cell
lysis by simply changing to fresh water [40]. Current research
revolves around improving the production of PHAs through
the knockout of nonessential genes, such as those involved in
EPS production [41].

6. Carotenoids

Carotenoids are naturally occurring pigments that are
commonly found in haloarchaea and are responsible for
the recognizable reddish pigmentation of the organisms.
Carotenoids are widely used as food supplements and colour-
ing agents resulting in an estimated market value of $1.02
billion in 2009 [42]. The role of carotenoids in human health
is still being researched; however, some potential benefits
have been identified, such as the prevention of chronic
diseases and disorders such as cancer [43], chronic heart
disease [44], and osteoporosis. There are many carotenoids
in nature produced by bacteria, eukarya, and archaea, though
few are able to be either chemically synthesized or extracted
at a high enough level for industry [42]. Canthaxanthin is a
carotenoid used by industry as a feed additive for chickens,
fish, and crustacean farms and used in cosmetics. Due to the
properties of carnathaxin and its many usages there has been
continuing research into producing it in larger quantities.
The halophilic archaeon Haloferax alexandrinus produces
canthaxanthin at a high enough level it could be considered
for commercial production of canthaxanthin [45]. It has been
suggested by using H. alexandrinus that there is less of a
concern for aseptic culturing as the higher salt conditions
reduce the chance for contamination. As for PHAs described
earlier, another benefit to using H. alexandrinus to produce
carnathaxin is the ease at which cells lyse in fresh water
making the carnathaxin easier to extract [45].

7. Biosurfactants

Biosurfactants are surfactants produced by a wide range of
organisms including archaea and are a mixture of glycolipids,
fatty acids, proteins, and sugars. Biosurfactants show many
advantages to traditional chemically derived surfactants by
being biodegradable, nontoxic, renewable, and active under
a range of extreme conditions [46]. Biosurfactants may be
able to assist bioremediation of oil spills in soil and water
samples, as well as a range of other uses in the food [47],
cosmetic, and pharmaceutical industries. Several halophilic
archaea have been identified to produce biosurfactants at
the highest salt concentration recorded [48]. A species of
Natrialbawas isolated from a solar saltern in Algeria that was
found to produce a biosurfactant [49] which was constituted

of sugar protein and lipids including rhamnolipids, a class of
glycolipid already suggested for use in bioremediation [50]
and cosmetics [51]. It was suggested that thisNatrialba species
or possibly other halophilic archaea may be an ideal choice
for assisting in the bioremediation of oil spills in saline and
hypersaline environments, which can be often contaminated
through industrial processes [49].

8. Phenazines

Phenazines are naturally occurring compounds commonly
produced by bacterial genera such as Pseudomonas and
Streptomyces and are known for a variety of biological
activities such as antibacterial, antiparasitic, and antitu-
mour effects [52]. While there are a variety of bacteri-
ally produced phenazines, there is also an example of a
phenazine (methanophenazine) produced by an array of
Methanosarcina including Methanosarcina mazei [53]. An
example of such a phenazine structure is shown in Figure 3.
This methanophenazine appears to play a key role in the
metabolism of the organism as an electron carrier, unlike
most other phenazines that are typically considered sec-
ondary metabolites [53]. It is unknown whether phenazine
production in archaea is limited to M. mazei or if it is
more widespread. The biosynthesis of phenazines in bacteria
typically stems from nonribosomal peptide synthesis, a pro-
cess responsible for many secondary metabolites and natural
products, though as mentioned above there are no known
NRPS systems detected in archaea.

9. Organic Solutes from Archaea

Organic solutes, also referred to as osmolytes, compati-
ble solutes, and osmoprotectants, are small molecules that
assistmicroorganisms in surviving saline conditions.Organic
solutes have several suggested usages in biotechnology
as preservatives or cryoprotectants of enzymes and other
organic molecules as well as other potential roles such as
cosmetics [54]. Organic solutes are widely used by all three
kingdoms; dunaliella, an algal species, uses glycine betaine
and among bacteria ectoine and glycine betaine are most
common [55]. In archaea there are several groups that
produce organic solutes such as the halophilic methanogens
that produce a range of organic solutes [56]. A novel class
of organic solutes, 2-sulfotrehalose, was discovered in the
haloalkaphiles such as N. occultus [57] and was later found
in other related species such as Natrialba magadii and Halal-
kalicoccus jeotgali [58]. Hyperthermophiles also produce a
range of compatible solutes considered potentially useful
for industry such as trehalose produced by members of the
Sulfolobus genus which could be used as a cryoprotectant
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of mammalian cells, as well as having roles in cosmetics
and food industries [59]. Other examples such as diglycerol
phosphate produced by Archaeoglobus fulgidus [60] or di-
myo-inositol phosphate from Pyrococcus furiosus have been
suggested as protein stabilizers under high temperatures.

10. Conclusions

While archaea apparently lack traditional gene clusters for
natural product biosynthesis such as NRPS, archaea still
display a wide diversity of metabolites. Although some
metabolites produced by archaea are already in use, others
would require significantly more research and development
before the applications become apparent and/or economi-
cally feasible. Despite this, archaea represent an untapped
resource in the field of natural product discovery and could
contribute to many areas of industry if fully utilized.
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Archaeal enzymes are playing an important role in industrial biotechnology. Many representatives of organisms living in “extreme”
conditions, the so-called Extremophiles, belong to the archaeal kingdom of life. This paper will review studies carried by the
Exeter group and others regarding archaeal enzymes that have important applications in commercial biocatalysis. Some of these
biocatalysts are already being used in large scale industrial processes for the production of optically pure drug intermediates and
amino acids and their analogues. Other enzymes have been characterised at laboratory scale regarding their substrate specificity
and properties for potential industrial application. The increasing availability of DNA sequences from new archaeal species and
metagenomes will provide a continuing resource to identify new enzymes of commercial interest using both bioinformatics and
screening approaches.

1. Introduction

The application of enzymes in “White Biotechnology” for
the synthesis of industrially important chiral compounds
is becoming increasingly important for the pharmaceutical
industry. Many companies who were traditionally not incor-
porating biocatalysis in their drug production programmes
are now very keen to develop the technology. Enzyme
chemistry can make reactions feasible which are currently
unavailable using conventional methods. Use of enzymes for
chemical processes is a route to lower energy consumption
and reduced waste generation. In addition, the selectivity of
enzymatic processes reduces the raw material costs and the
safety issues surrounding the production of wasteful biprod-
ucts. It is anticipated that optimised enzyme production
through further bioprocess intensification will lead to more
economically viable and cost effective, sustainable compound
production.

The wealth of genome and metagenome data now avail-
able makes searching for enzymes using both advanced
bioinformatic and substrate screening approaches an area
for development. Also more representatives of the different
classified enzyme groups are being investigated for their
application in industrial biocatalytic processes. The enzyme
process is often used in a “cascade reaction” with traditional

chemistry synthetic steps. When “nonnatural” industrial
substrates are presented to enzymes found in “nature” it has
been found that different classes of enzyme can use the same
nonnatural compound as a substrate to carry out a specific
biotransformation. This makes it difficult to predict which
class of enzyme should be best for the biocatalytic process.
Also using the enzyme in the presence of solvents or at
nonphysiological pH can result in “side reactions” which are
different from the normal activity of the enzyme catalyst.

The development of novel, efficient, and cost effective
biocatalytic processes in a variety of industries is currently
limited by the number of robust, highly selective, and useful
biocatalysts. This paper will concentrate on specific novel
enzymes from the archaeal kingdom that have been isolated
from thermophilic marine and terrestrial environments.
Thermophilic enzymes from archaea offer additional nov-
elty in relation to those from thermophilic bacteria since
they have been shown to be more primitive enzymes. An
example of this is the Sulfolobus solfataricus Glyceraldehyde
phosphate dehydrogenase (GAPDH) [1] which has the cat-
alytic cysteine on the same secondary structure as other
bacterial and eukaryotic ADHs but other residues involved
in catalysis are presented into the active site from different
secondary structural elements. This enzyme has only 18%
sequence identity to other well-characterised GAPDHs and
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was thought to have a different overall structure until the
crystal structure of the archaeal enzyme was determined.
Some archaeal enzymes have evolved by a different route
to their bacterial or eukaryotic equivalents in so much that
they are a combination of different enzymes such as the L-
aminoacylase from Thermococcus litoralis [2] that has only
L-aminoacylase activity but is related regarding its sequence
similarity to a carboxypeptidase enzyme from a Sulfolobus
species.

Many of the archaeal species have novel metabolic path-
ways that are not found in other kingdoms of life. For exam-
ple, some utilise modified versions of the canonical Emb-
den Meyerhof and Entner-Doudoroff pathway involving a
large number of novel enzymes [3] and have unusual pentose
degradation pathways.

Some archaeal enzymes are more promiscuous in their
activity than comparable enzymes from bacteria or eukar-
yotes: for example, the S. solfataricus, Picrophilus torridus
glucose/galactose dehydrogenase dehydratase, and gluco-
nate/galactonate dehydratase [4–6]. The archaeon S. solfatar-
icus has a promiscuity in 2-keto-3-deoxygluconate aldolase
from the Entner-Doudoroff pathway which is able to cleave
KDG and D-2-keto-3-deoxygalactonate (KDGal) to produce
pyruvate and D-glyceraldehyde. The aldolase also exhibits a
lack of stereoselectivity in the reversible condensation reac-
tion of pyruvate and D-glyceraldehyde. An understanding of
the structural basis of the promiscuity has been studied [7].

Enzymes isolated from thermophilic archaea usually are
more stable to high temperature, presence of solvents, and
resistance to proteolysis which together are ideal features for
industrial applications. Stability of an enzyme is dependent
on maintenance of a functional structure, and the stability
of any protein is marginal and equivalent to a small number
of molecular interactions [8]. This remains the case with
a thermostable protein, the only difference being that the
free energy of stabilisation is slightly higher than that of its
mesophilic counterpart [9]. The active form of a protein is
usually held together by a combination of noncovalent forces
including hydrogen bonds, ion pairs, hydrophobic bonds,
and Van der Waals interactions. When these interactions
are disrupted, for example, by elevated temperatures, both
mesophilic and thermophilic proteins unfold into inactive
but kinetically stable structures. Once unfolded in this man-
ner the protein is prone to aggregation and chemical modi-
fication. Aggregation occurs when the hydrophobic residues
of a protein that have been exposed by the polypeptide chain
unfolding interact with hydrophobic residues from other
protein molecules, which usually follows immediately after
unfolding. Chemical modifications of the protein can include
cysteine oxidation, deamination of asparagine and glutamine
residues, and peptide bond hydrolysis. The unfolding of the
protein may be reversible for smaller proteins but is usually
irreversible with larger proteins.

Although the optimal temperature for activity of the ther-
mostable archaeal enzymes is above what would normally be
used in an industrial process they can be used at lower tem-
peratures andusuallymaintain at least 20%of theirmaximum
activity at ambient temperature. There is often an advantage
to running a process at temperatures between 50 and 60∘C

since at this temperature many nonnatural substrates which
are insoluble at room temperature become soluble at the
higher temperature. The temperature for operation of the
industrial process needs to be balanced against the overall
economics of the biocatalytic conversion.

Many thermophilic enzymes can be cloned and overex-
pressed in a soluble form using amesophilic host (Escherichia
coli) and can be easily purified from the cell extract by a
straight forward heat treatment which precipitates most of
the mesophilic proteins. The features responsible for the
increased thermophilicity can be identified by studying the
biochemical and structural features of a range of purified
thermophilic proteins [10].These include an increase in ionic
interactions and often large ionic networks are observed
within the protein and at the subunit interfaces. This is
observed especially in hyperthermophilic proteins. The 𝛼-
helices in the protein can be “capped” so that an acidic
amino acid is placed to neutralise the charge of the protein
at the amino end of the helix and a basic amino acid to
neutralise the charge at the acidic end of the helix. Many
thermophilic proteins have increased hydrophobicity within
their interior and at subunit interfaces. This is especially
true for thermophilic proteins from Sulfolobus species. They
often have increased packing such as additional secondary
structures and C-terminal extensions which can pack into
the protein to fill unnecessary voids. Thermophilic proteins
usually have shorter surface loops and often the internal
loops can be stabilised by metal ions. An increased content
of proline residues is seen in some thermophilic bacteria
such as Thermus species which have a high G-C content in
their DNA. Generally there is a reduction in amino acids that
are unstable at high temperatures such as asparagines and
cysteines except where they play an important catalytic role.
Finally some species especially some of the aerobic archaea
such as Aeropyrum species use the introduction of a covalent
disulfide bond into the protein to offer the required stability
to high temperature.

This paper will address some important industrially
relevant biocatalytic reactions which can be carried out using
archaeal enzymes.

2. Biocatalytic Industrial Applications

2.1. Production of Carbocyclic Nucleotides. Carbocyclic nucle-
osides are valuable chemotherapeutic agents such as cardiac
vasodilators and are used in the treatment of viral infection.
New antiviral compounds are especially important for the
treatment of HIV since they act as nucleotide inhibitors of
the viral reverse transcriptase enzyme. The viral proteins
can readily mutate in order to overcome the inhibition.
New inhibitors therefore have to be continually developed.
An enzyme from the archaeon S. solfataricus MT4 can use
the bicyclic synthon (rac)-𝛾-lactam(2-azabicyclo[2.2.1]hept-
5-en-3-one) as a substrate to obtain a single enantiomer of
the 𝛾-bicyclic lactam product which is an important building
block for the anti-HIV compound, Abacavir (Scheme 1) [11].
This (+)-𝛾-lactamase was identified in the Sulfolobus strain
by screening colonies from an expression library for their
ability to produce the amino acid product when supplied
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with the racemic 𝛾-lactam. Screening was carried out using
genomic libraries using a filter paper overlay. The colonies
on the plate that were active showed a brown colouration of
the filter paper when the amino acid was produced which
had been soaked in ninhydrin stain. Purified enantiomers of
the (+) or (−)-𝛾-lactam were used as substrates to determine
the stereospecificity of the enzyme.Another nonthermophilic
bacterial (+)-𝛾-lactamase that can also carry out this reaction
has been identified within the bacterium Delftia acidovorans.
This enzyme is of a different class, structure, and mechanism
from the archaeal enzyme but both can use the nonnatural
𝛾-lactam as a substrate. This archaeal 𝛾-lactamase has been
cloned and overexpressed in E. coli and purified to homo-
geneity. The molecular mass of the monomer was estimated
to be 55 kDa by SDS-PAGE which is consistent with the
calculated molecular mass of 55.7 kDa. The native molecular
mass was determined to be 110 kDa by gel filtration indicating
that the enzyme exists as a dimer in solution. The purified
enzyme has been crystallised with a view to determining its
three-dimensional structure.

The thermostable archaeal 𝛾-lactamase has a high
sequence homology to the signature amidase family of
enzymes. It shows similar inhibition patterns as the amidase
enzymes towards benzonitrile, phenylmethylsulfonyl fluo-
ride, and heavy metals such as mercury and it is activated
by thiol reagents. The enzyme selectively cleaves the (+)-
enantiomer from a 𝛾-racemicmixture. It also exhibits general
amidase activity by cleaving linear and branched aliphatic
and aromatic amides [12, 13].

Alignment of the amino acid sequences of the 𝛾-lactam-
ase from S. solfataricusMT4with 4 amidases fromPseudomo-
nas chlororaphis B23, Rhodococcus sp. N-771, R. erythropolis
N-774, and Rhodococcus rhodochrous J shows that it has a
41–44% sequence identity to these enzymes. The amidases
belong to the signature amidase family as they all contain the
consensus sequenceGGSS(S/G)GS.The amino acid sequence
of the 𝛾-lactamase contains the highly conserved putative
catalytic residues of aspartic acid and serine but not the highly
conserved cysteine residue [14].

The purified (+)-𝛾-lactamase enzyme has been immo-
bilised as a cross-linked, polymerised enzyme preparation
and packed into microreactors [15]. The thermophilic (+)-
𝛾-lactamase retained 100% of its initial activity at the assay
temperature, 80∘C, for 6 h and retained 52% activity after
10 h, indicating the advantage of the immobilisation.The high
stability of the immobilised enzyme provided the advantage

that it could be used to screenmany compounds in amicrore-
actor system without denaturation.

2.2. Transfer of Amine Groups. Many drugs are formed from
chiral amines and there has been increasing interest from
pharmaceutical companies to study the enzymes that can
transfer amine groups from one compound to another in a
stereospecific way. The transaminases catalyse the transfer of
an amino group from an amino acid to a ketoacid [16]. They
use the cofactor pyridoxal phosphate (PLP), the biologically
active form of vitamin B6. The PLP normally covalently
binds to an active site lysine amino acid by a Schiff base
(internal aldimine).Themechanismof transaminases ismade
up of two half-reactions. In the first half-reaction the donor
substrate gives its amino group to the cofactor, resulting
in a keto acid and enzyme-bound pyridoxamine-phosphate
(PMP). In the second half-reaction an amino group is
transferred from PMP to an acceptor keto acid, producing an
amino acid and restoring the PLP internal aldimine.

The archaeon S. solfataricus has been found to be an
interesting source of a thermostable transaminase enzyme
of group IV Pfam [17]. This pyridoxal phosphate containing
enzyme is involved in the nonphosphorylated pathway for
serine synthesis which is not found in bacteria and is found
in animals and plants. The transaminase reaction that the
enzyme carries out is the conversion of L-serine and pyruvate
to 3-hydroxypyruvate and alanine. Activity is also shown
towards methionine, asparagine, glutamine, phenylalanine,
histidine, and tryptophan. The enzyme can be used in
combination with transketolase for synthesis of chiral drug
intermediates [18].

The dimeric thermophilic archaeal transaminase enzyme
structure has been solved in the holo form of the enzyme
and in complex with an inhibitor gabaculine and in a
substrate complex with phenylpyruvate, the keto product of
phenylalanine [17]. Figure 1 shows a cartoon diagram of the
dimeric S. solfataricus transaminase with the cofactors PLP in
the two active sites.

The structural studies with this enzyme have given some
insight into the conformational changes around the active
site of the transaminase that occur during catalysis and have
helped to understand the enzyme’s substrate specificity. The
most related enzyme to the S. solfataricus transaminase is the
mesophilic yeast alanine:glyoxylate transaminase (AGAT)
which shares 37% amino acid identity [19]. The yeast AGAT
enzyme has been reported to have high substrate specificity
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Figure 1: A ribbon diagram of the structure of the Sulfolobus
transaminase dimer showing each monomer in a different colour
as viewed along the molecular twofold axis. The cofactor pyridoxal
phosphate (PLP) is shown bound to the active site lysine as a stick
model in the two active sites (PDB code 3ZRP). The figure was
constructed using CCP4mg [53].

for small amino acids such as alanine and glyoxylate, unlike
the Sulfolobus transaminase which exhibits a broad amino
acid substrate specificity. The substrate-binding pockets of
AGATs are remarkably similar to that of Sulfolobus enzyme.
The aromatic substrate phenylalanine was modelled into the
Sulfolobus enzyme active site and was compared with the
superimposed yeast AGAT enzyme structure. Most residues
in the vicinity of the modelled substrate are conserved
between the two proteins. The Sulfolobus enzyme has a
significantly larger substrate-binding pocket as its loop region
between strands 9 and 10 is two amino acids shorter. This
gives more space for the bulkier phenylalanine substrate
to bind compared with the AGAT enzyme, which is only
active towards alanine and glycine. An isoleucine residue in
AGAT occupies the space where larger substrates would sit
in the active site of the Sulfolobus enzyme. The isoleucine is
positioned 2.9 Å from the modelled substrate and hinders
the binding of any amino acid larger than alanine. In the S.
solfataricus transaminase enzyme there is a corresponding
valine residue in the position of the isoleucine of AGAT
which is positioned further away allowing the binding of
larger amino acids. These subtle differences between the
two enzymes are enough to change the enzymes substrate
specificity which is vitally important to understand for its use
in commercial applications.

The archaeal transaminase is relatively thermostable for
10 minutes at 70∘C and at pH 6.5. Features of the archaeal
enzyme that relate to its increased stability when compared
with the related AGAT enzyme show that the yeast enzyme
has 10 salt bridges compared to 21 salt bridges in the
Sulfolobus transaminase which includes several 3-4 amino
acid networks which offer increased stability. There is a C-
terminal extension in the Sulfolobus enzyme and shorter
surface loops which are all general features that are found
in thermophilic enzymes.The Sulfolobus transaminase dimer
interface is unusual being hydrophobic in nature with few
ionic interactions which are generally associated with more
thermophilic archaeal enzymes (Figure 2). This Sulfolobus
serine transaminase is the first example of a thermophilic

Figure 2: The structure of the Sulfolobus transaminase dimer
showing one subunit in surface space filling mode where the
white regions indicate hydrophobic regions and blue indicates basic
regions and red acidic regions. The other subunit is represented as a
𝛼-C chain showing that the subunit interface is mainly hydrophobic
(PDB code 3ZRP). The figure was constructed using CCP4mg [53].

Figure 3: A ribbon diagram of the structure of the Sulfolobus
dehalogenase dimerwith eachmonomer shown in a different colour.
The monomer has a core domain with a Rossmann-like fold of six-
stranded parallel 𝛽-strands surrounded by five 𝛼-helices and three
3
10

helices and a subdomain composed of 𝛼-helices. A substrate
mimic is shown in the two active sites as a stick model, located
between the two domains of each monomer (PDB code 2W11). The
figure was constructed using CCP4mg [53].

archaeal serine transaminase to be studied structurally and
to show that its properties meet the requirements for the
commercial application of the enzyme in biocatalysis.

2.3. Removal of Halogen Groups. Another archaeal enzyme
of industrial interest is found in Sulfolobus tokodaii. This L-
haloacid dehalogenase enzyme has been cloned and overex-
pressed in E. coli. It has been characterised biochemically and
structurally [20, 21].The enzymemonomer has two domains.
The core domain has a Rossmann fold with a six-stranded
parallel 𝛽-strand bundle surrounded by five 𝛼-helices and
three 3

10
helices. The subdomain is composed of 𝛼-helices.

The active site is located between the two domains and the
native enzyme forms a dimer as shown in Figure 3.

This enzyme has applications for chiral halo-carboxylic
acid production and bioremediation. Chiral halo-
carboxylic acids are important intermediates in the fine
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chemical/pharmaceutical industries. Removal of the halogen
group can be carried out by a dehalogenase. The Sulfolobus
enzyme has the potential to resolve racemic mixtures of
bromocarboxylic acids. This L-bromoacid dehalogenase is
able to catalyse the conversion of 2-halo-carboxylic acids to
the corresponding hydroxyalkanoic acids. It has been shown
to display activity towards longer chain substrates than the
bacterial Xanthomonas autotrophicus dehalogenase [22] with
activity seen towards 2-chlorobutyric acid. This is due to
a more accessible active site. The enzyme has a maximum
activity at 60∘C and a half-life of over an hour at 70∘C. It
is stabilised by a salt bridge and hydrophobic interactions
on the subunit interface, helix capping, a more compact
subdomain than related enzymes, and shortening of surface
loops. Another thermophilic enzyme of this family from
hyperthermophilic archaea has addressed the problem of
thermostability in a different way. The related Pyrococcus
dehalogenase (29% sequence identity) whose structure is
available from a structural genomics project is a monomeric
enzyme stabilised by a disulfide bond [23].

2.4. Hydrolysis and Esterification. Esterases are a class of
commonly used enzymes in industrial applications. This is
partially due to their inherent stability in organic solvents
and the ability to freely reverse the enzyme reaction from
hydrolysis to synthesis by the elimination of water that is used
in the hydrolysis mechanism. The carboxylesterases catalyse
the hydrolysis of the ester bond of relatively small water
soluble substrates. The carboxyl esterase NP originally iden-
tified from the fungus Ophiostoma novo-ulmi is used for the
production of the nonsteroidal pain killing drug, naproxen
[24]. The racemic naproxen methylester is hydrolysed to the
(S)-acid which is separated from the (R)-methylester to yield
(S)-naproxen with a 99% ee and a yield of 95%. It is important
that new drugs coming to market are of one optical form
preventing the problems associated with side effects of the
inactive enantiomer.

A thermostable carboxylesterase from the archaeon Sul-
folobus shibatae has been cloned, sequenced, and overex-
pressed in E. coli [25] (Toogood and Littlechild, unpublished
data). The enzyme has a 71 to 77% sequence identity to
an esterase from S. tokodaii and a carboxylesterase from
S. solfataricus strain P1, respectively [26, 27]. This enzyme
was identified as a serine esterase belonging to the mam-
malian hormone-sensitive lipase (HSL) family. It contains
the conserved putative catalytic triad residues Ser, Asp,
and His and is inhibited by the serine hydrolase inhibitors
phenylmethylsulfonyl fluoride andbenzamidine andpartially
inhibited by thiol reagents.The enzyme is thermostable, with
no loss of activity detected after 24 h at 60∘C.The enzymewas
able to cleave a variety of p-nitrophenyl ester substrates, with
the highest activity detected with p-nitrophenyl caproate.The
carboxylesterase was also tested for its ability to cleave a
variety of industrially relevant esters and diesters. It has a
preference for substrates containing aromatic groups such
as diethyl-2-benzyl malonate, benzyl acetoacetate, and Z-
phenylalanine methyl ester. However, it was also able to
enantioselectively cleave compounds such as 2-methyl-1,3-
propanediol diacetate.

2.5. Resolution of Amino Acids and Amino Acid Analogues.
Amino acids can be either of the “so-called” L configuration
as found in all proteins or of the D configuration found
in bacterial cell walls. The production of the specific L-
amino acids and amino acid analogues is important for
a variety of purposes. The industrial process to carry out
this biocatalytic reaction makes use of an L-aminoacylase
enzyme. A thermophilic archaeal version of this enzyme
has been cloned and overexpressed from the archaeon Ther-
mococcus litoralis [2]. The enzyme is a homotetramer of
43 kDa monomers and has an 82% sequence identity to an
aminoacylase from Pyrococcus furiosus and 45% sequence
identity to a carboxypeptidase from S. solfataricus. The
enzyme is thermostable, with a half-life of 25 hours at 70∘C.
Cell-free extracts of the aminoacylase were found to have
optimal activity at 85∘C in Tris-HCl pH 8.0. Conventional
aminoacylase inhibitors, such as mono-tert-butyl malonate,
have only a slight effect on its activity. The T. litoralis L-
aminoacylase has a broad substrate specificity preferring the
amino acids: Phe≫Met >Cys >Ala ≃Val >Tyr > Propargyl-
glycine > Trp > Pro > Arg. A column bioreactor containing
the recombinantThermococcus L-aminoacylase immobilised
onto Sepharose beads was constructed with the substrate, N-
acetyl-DL-Trp, continuously flowing at 60∘C for 10 days. No
loss of activity was detected over five days, with 32% activity
remaining after 40 days at 60∘C [28]. The enzyme has also
been immobilized into microreactors by covalent attachment
to expoxy resins in channels of the reactor which allow
the biocatalytic reaction to be carried out within this high
throughput “flow” system [29]. This can be used for rapid
screening of substrate specificity and eliminates problems
with product inhibition often seen in industrial reactions
which are carried out at high substrate concentrations. The
Thermococcus L-aminoacylase enzyme is now being used
in multiton commercial production of L-amino acids and
their analogues byChirotech/DowPharma andmore recently
by Chirotech/Dr. Reddy’s for large scale biotransformations
[30]. A racemase enzyme has been developed in order to
convert the isomer not used by the enzyme to the form
that is used which can enable a more efficient process with
potentially 100% conversion of a racemic substrate [31].

The hyperthermophilic L-aminoacylase from P. horiko-
shii has also been cloned and overexpressed in E. coli [32].
There are differences in substrate specificity between the
Thermococcus and the Pyrococcus enzymes. The substrate N-
acetyl-L-phenylalanine is the most favourable substrate for
theThermococcus enzyme; however, this substrate is not used
by the Pyrococcus L-aminoacylase.

2.6. Chiral Alcohol Production. A thermophilic aerobic ar-
chaeon Aeropyrum pernix is the source of a very stable
alcohol dehydrogenase (ADH) enzyme that can be used for
chiral alcohol production. This enzyme has been cloned
and overexpressed in E. coli [33]. The A. pernix ADH
enzyme is a tetrameric, zinc-containing, type I ADH with
a monomer size of 39.5 kDa. It has sequence identity to a
related horse liver ADH of 24% and the highest sequence
identity to a known structure is 39% to amedium chain ADH
from the hyperthermophilic archaeon S. solfataricus [34].
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Figure 4: A ribbon diagram of the structure of the Aeropyrum
alcohol dehydrogenase enzymemonomer showing the two different
domains: the Rossmann domain which binds the NADH cofactor
and the substrate-binding domain.The active site is located between
the twodomainswhere the cofactor and a substratemimic are bound
and shown as stick models. The two bound zinc ions are shown as
blue spheres: the catalytic zinc in the active site and the structural
zinc located in a distal loop. The active enzyme has a quaternary
structure of a tetramer of four identicalmonomers (PDB code1H2B).
The Figure was constructed using CCP4mg [53].

The A. pernix enzyme is highly specific for the cofactor
NAD(H) and displays activity towards a broad range of
alcohols, aldehydes, and ketones, while appearing to show
a preference for cyclic substrates. The enzyme is very ther-
mostable with a half-life of 2 hr at 90∘C. The maximal
activity is beyond 75∘C; however, there is still 10% activity
at 20∘C. The enzyme is solvent stable with over 50% activity
retained after incubation with 60% acetonitrile or dioxane.
The crystal structure of the enzyme has been determined
with an inhibitor bound into the active site [35]. The ADH
monomer is formed from a catalytic and a cofactor binding
domain, with the overall fold similar to previously solved
ADH structures (Figure 4). The 1.62 Å resolution A. pernix
ADH structure is that of the holo form, with the cofactor
NADH bound into the cleft between the two domains.
An inhibitor is bound in the active site which has been
interpreted to be octanoic acid. This inhibitor is positioned
with its carbonyl oxygen forming the fourth ligand of the
catalytic zinc ion (Figure 5). The enzyme is stabilised by an
ion-pair cluster at the subunit interfaces of the tetramer.There
are two zincs bound to the enzyme, one at the active site and
another at remote site which appears to stabilise the enzyme.
When the zinc does not occupy this second site a disulfide
bond is formed to hold the same two protein chains together
(Figure 6). It has now been predicted that disulfide bonds do
exist to stabilise many cytoplasmic proteins in this aerobic
archaeon, A. pernix [36].

The enzyme is active against primary and secondary alco-
hols with optimum chain length of C4-C5. It is most active to
large cyclic alcohols such as cycloheptanol and cyclooctanol.
The enzyme reaction can be reversed to produce chiral
alcohols by changing the pH. Initial experiments demonstrate
that the A. pernix ADH shows some stereoselectivity in the
reverse reaction producing the (S) phenylethanol [37] (Guy,
2002). The related Sulfolobus ADH has been reported to also

Figure 5: A ribbon diagram highlighting the details of the active
site of the Aeropyrum ADH enzyme showing the catalytic zinc ion
as a sphere together with the bound cofactor NADH and an enzyme
inhibitor in stick mode, defining the substrate-binding pocket (PDB
code 1H2B). The figure was constructed using CCP4mg [53].

be (S) selective showing enantiomeric excesses as high as 98%
[38] (Raia et al., 2001).

Other thermophilic archaeal alcohol dehydrogenases
have been characterised and are of the short chain or aldol
keto reductase family such as the short-chain Pyrococcus
furiosusADH [39] and the aldol keto reductaseThermococcus
kodakarensis ADH [40].

2.7. Cleavage of Lactone Rings. The specific cleavage of a
lactone ring is an important activity of interest to the
pharmaceutical companies. The lactonase enzymes identi-
fied to date fall into three structurally diverse groups: the
enol lactonases, gluconolactonases, and the quorum sensing
lactonases. Phosphotriesterase-like lactonases (PLLs) were
identified in the archaeal species S. solfataricus and S. aci-
docaldarius [41–44]. These enzymes catalyse the hydrolytic
cleavage of the intramolecular ester bond in lactones and
acyl-homoserine lactones (AHLs) to give the correspond-
ing hydroxyacylic acids. They also have a promiscuous
but significantly lower phosphotriesterase activity towards
organophosphate compounds. Recently an enzyme of this
class has been identified, cloned, overexpressed, and char-
acterised [45] from Vulcanisaeta moutnovskia a hyperther-
moacidophilic crenarchaeon that was recently isolated from
a solfataric field close to Moutnovsky volcano in Kamchatka
(Russia) [46]. The VmutPLL converted lactones and acyl-
homoserine lactones (AHLs) with comparable activities. A
promiscuous, significantly lower activity was observed to
organophosphates and only minor activity was observed
with carboxylesters. The catalytic activity strictly depended
on bivalent cations (Cd2+ > Ni2+ > Co2+ > Mn2+ >
Zn2+). The VmutPLL showed a pH optimum around 8.0, a
temperature optimum of 80∘C, and a half-life of 26min at
90∘C. The enzyme has demonstrated high activity towards
linear 𝛾-lactones with hydrophobic side chains of variable
lengths. These ranged from 𝛾-butyrolactone (no side chain)
and 𝛾-valerolactone which has a methyl side chain and
𝛾-dodecalactone which has a seven carbon side chain. It
was shown that the enzyme has activity to whiskey lactone
and 𝛿-dodecalactone. No measurable activity was seen for
mevalonolactone or 𝛿-decalactone. For two of the substrates
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Figure 6: (a)The binding site of the structural zinc ion in the Aeropyrum ADH enzyme. (b) When zinc is not present a disulfide bond forms
to stabilise the enzyme at this position in its structure (PDB code 1H2B). The figure was constructed with Bobscript [54].

𝛾-valerolactone and 𝛾-caprolactone, the optical isomeric
forms of these were tested to determine stereoselectivity of
the enzyme (Table 1). Results indicated that while activity is
seen with both isomers the enzyme seems to favour the D
form of these substrates.

The recent structure of the V. moutnovskia lactonase has
been carried out in complex with a long chain fatty acid
[47] which maps the substrate-binding pocket. This is lined
by hydrophobic side chains, which would provide affinity
for 𝛾-lactones of any side chain length. The homologous
lactonase from the S. islandicus is reported to favour 𝛾-lactone
substrates with long hydrophobic acyl chains of over four
carbons in length [48]. The substrate-binding site of the S.
islandicus lactonase revealed a number of polar residues at the
entrance of the substrate pocket with hydrophobic residues
lining the bottom of this pocket. This would disfavour the
binding of the smaller 𝛾-lactones in the correct catalytic
position.The different distribution of hydrophobic and other
residues in the active site pocket between the two related
enzymes appears to be responsible for their different catalytic
activities. The V. moutnovskia lactonase belongs to the ami-
dohydrolase superfamily with a (𝛽/𝛼)

8
-barrel structural fold.

In the V. moutnovskia enzyme these metals are two cobalt
ions [48] that are essential for activity and are located in at
the C-terminus of the 𝛽 barrel. The coordinating residues of
the metals are four histidines, one aspartate, and one lysine
which are highly conserved in this enzyme family. In the
proposed catalytic cycle the metal ions activate a bridging
water molecule through proton abstraction. The resulting
hydroxide ion then performs a nucleophilic attack on the C

1

of the lactone ring resulting in hydrolysis [49].
The high thermal stability of this enzyme as well as its

broad substrate specificity for different lactones AHLs and
OPs makes it an interesting new enzyme for commercial
biocatalysis. The enzyme is thought to have a natural role
in quorum sensing which plays a role in some of the
stages involved in biofilm formation [50, 51] and also in the
expression of virulence factors that are of interest in medic-
inal and biotechnological applications [52]. The enzymatic

degradation ofAHLs catalysed by the PLLs provides potential
for the interruption of quorum sensing signalling pathways
and the control of microbial communities.

3. Conclusions

This review has summarised some of the important industrial
applications using enzymes that have been identified from
a variety of different thermophilic archaea. It is expected
that the number of these enzymes used industrially will
increase due to their inherent stability and novel specificities.
The development of new rapid screening technologies and
improved bioinformatic approaches in combinationwith new
generation sequencing methodologies of archaeal genomes
and metagenomes will provide new enzymes for industrial
biotechnology.The enzymes can be cloned and overexpressed
in easily grown hosts such as E. coli allowing access to
sufficient quantities of the purified enzymes for detailed
biochemical and structural characterisation. The scale-up of
the enzyme production required for commercial applications
can be carried out by using a fungal host system which
allows export of the proteins into the growthmedium for easy
downstream processing. The cost of the enzyme biocatalyst
is often the most expensive component of the industrial
biotransformation and must be matched to the value of the
end product. Higher value optically pure compounds which
are important as drug intermediates for the pharmaceutical
industries will allow a high enzyme price. Other enzymes
that are required for the production of bulk chemicals, used
as additives for domestic cleaning products, used in food
production, or used to supplement biomass degradation pro-
cesses, generally need to be marketed at a cheaper price and
supplied in larger quantities.The stability of the biocatalyst is
also an important issue since the enzyme ideally needs to be
reused in several repeated biocatalytic cycles. Immobilisation
of the enzyme can often increase its stability and allow it
to be easily recovered for reuse. Thermostable enzymes are
usually more robust under industrial conditions and can be
used for repetitive biocatalytic conversions. The increased
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Table 1: The kinetic parameters of the activity of the VmutPLL enzyme with different lactone substrates. Taken from Kallnik et al., 2014 [45].

Substrate Structure Kcat [s−1] Km [mM] Kcat/Km [s−1∗M−1]

𝛾-(R)-valerolactone
O O

6.23 ± 0.42 4.56 ± 0.51 1327.1 ± 61.3

𝛾-(S)-valerolactone
O O

2.68 ± 0.00 1.95 ± 0.18 1379.95 ± 110.67

𝛾-(R)-caprolactone
O O

3.04 ± 0.01 0.55 ± 0.02 5563.72 ± 140.96

𝛾-(S)-caprolactone
O O

1.89 ± 0.11 0.75 ± 0.04 2531.22 ± 298.99

Whiskey lactone

OO

4.20 ± 0.06 0.93 ± 0.07 4538.63 ± 402.78

𝛾-Butyrolactone

O O
2.79 ± 0.07 11.57 ± 0.58 241.7 ± 11.18

pNP-acetate
N+

−O

O

O

O

1.66 ± 0.34 8.19 ± 1.10 201.74 ± 20.48

Methyl-paraoxon
N+

−O

O

O O

O

O

P 1.25 ± 0.40 2.79 ± 0.7 442.58 ± 50.14

use of enzymes from the extremophilic archaea offers the
opportunity to access biocatalysts that are naturally stable to
a variety of different conditions of temperature, pH, salinity,
and pressuremaking thembetter suited to different industrial
processes.

The use of enzymes in “White Biotechnology” is expected
to grow with biobased materials and chemicals produced
from emerging technologies predicted to rise globally to over
7.4 million metric tons in 2018 (Lux Research Analysts). The
initial process of enzyme discovery and optimisation is still
a limiting factor in the adoption of new biobased industrial
processes. There is therefore an increasing opportunity to
commercialise newly discovered archaeal enzymes for sus-
tainable manufacturing to contribute to the new circular
economy.
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With their ability to catalyse the formation of phosphodiester linkages, DNA ligases and RNA ligases are essential tools for many
protocols in molecular biology and biotechnology. Currently, the nucleic acid ligases from bacteriophage T4 are used extensively in
these protocols. In this review, we argue that the nucleic acid ligases fromArchaea represent a largely untapped pool of enzymeswith
diverse and potentially favourable properties for new and emerging biotechnological applications. We summarise the current state
of knowledge on archaeal DNA and RNA ligases, whichmakes apparent the relative scarcity of information on in vitro activities that
are of most relevance to biotechnologists (such as the ability to join blunt- or cohesive-ended, double-stranded DNA fragments).
We highlight the existing biotechnological applications of archaeal DNA ligases and RNA ligases. Finally, we draw attention to
recent experiments in which protein engineering was used to modify the activities of the DNA ligase from Pyrococcus furiosus and
the RNA ligase fromMethanothermobacter thermautotrophicus, thus demonstrating the potential for further work in this area.

1. Introduction

DNA and RNA ligases are ubiquitous enzymes that catalyse
the formation of phosphodiester bonds between opposing
5-phosphate and 3-hydroxyl termini in nucleic acids [1–3].
Their activities are essential for central biological processes,
including DNA replication and recombination, rearrange-
ment of immunoglobulin genes, and RNA editing and repair.
Their activities in vitro have also been exploited in numerous
molecular biology protocols, making them critical tools for
modern biotechnology.

Together with the RNA capping enzymes and tRNA li-
gases, DNA and RNA ligases constitute the nucleotidyl trans-
ferase superfamily [4]. All of the enzymes in this superfamily
catalyse phosphodiester bond formation in a conserved,
three-stepmechanism that utilises either ATP, GTP, or NAD+
as a high-energy cofactor [4–6]. In the first step, nucleophilic
attack on the 𝛼-phosphate of the cofactor by an active site
lysine yields a ligase-AMP intermediate. Secondly, theAMP is
transferred to the 5-phosphate of one polynucleotide strand,
resulting in an adenylated nucleic acid intermediate (with

the active site lysine as the leaving group). Finally, the 3-
hydroxyl group of the second polynucleotide strand attacks
the 5-phosphate of the opposing strand, joining the two
strands with a new phosphodiester bond and liberating AMP.

Species from the domain Archaea not only survive, but
thrive, under conditions of extreme temperature, salinity,
pH, and pressure. Evolution in these extreme environments
has resulted in archaeal proteins that have properties of
value to biotechnologists, including stability and activity
under a range of comparatively harsh in vitro conditions.
A familiar example is the widespread use of the Pyrococcus
furiosus DNA polymerase in the Polymerase Chain Reaction
(PCR) [7], in which its thermostability and processivity also
make it valuable for related protocols such as QuikChange
mutagenesis [8, 9]. In this review, we turn the attention to
archaeal nucleic acid ligases. We summarise the current state
of knowledge about these enzymes, including their existing
applications in biotechnology, and we argue that they offer a
largely untapped pool of activities for use in “next generation”
molecular biology protocols.
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2. DNA Ligases

In vivo, DNA ligases catalyse the formation of phosphodiester
bonds at single-stranded nicks in double-strandedDNA.This
activity is critical for maintaining genomic integrity during
DNA replication, DNA recombination, and DNA excision
repair [2, 6]. They are essential in all organisms and they are
conventionally classified into two families according to their
cofactor specificity. ATP-dependent ligases (EC 6.5.1.1) are
typically found in Eukarya, Archaea, and viruses (including
bacteriophages), while the NAD+-dependent DNA ligases
(EC 6.5.1.2) are typically found in bacteria and some eukary-
otic viruses. There are, however, exceptions to this rule. Most
notably, the archaeal speciesHaloferax volcanii possesses two
active DNA ligases: one ATP-dependent (LigA) and the other
NAD+-dependent (LigN) [10].

DNA ligases are essential for numerous applications in
molecular biology and biotechnology. For decades, DNA
ligases have been used to construct recombinant DNA
molecules (i.e., cloning) and for genetic disease detection
using the ligation chain reaction [11]. More recently, the
DNA ligase from the bacterium,Thermus aquaticus (Taq), has
become important forGibson assembly.This is an isothermal,
one-pot method for assembling overlapping DNA molecules
without the use of restriction enzymes [12]. A number of next
generation sequencing methods also depend on DNA ligases
[13, 14], either for adapter ligation during sample preparation
(e.g., Illumina and 454 sequencing) or for the sequencing
reaction itself (SOLiD sequencing).

With its ability to ligate both cohesive- and blunt-ended,
double-stranded DNA molecules [15], the most commonly
used DNA ligase in biotechnology is the ATP-dependent
enzyme from bacteriophage T4. However, it is only weakly
active for the ligation of blunt-ended fragments [16] and it
is irreversibly inactivated at 65∘C. It is also inactive at NaCl
concentrations above ∼150mM. We posit that thermostable
archaeal DNA ligases could be well suited for use in some
or all of the above applications. For example, the ligation
chain reaction requires a ligase that is stable at temperatures
above 90∘C, and Archaea may provide biotechnologists with
superior alternatives to Taq ligase for Gibson assembly.

3. Archaeal DNA Ligases

To date, fewer than 25 archaeal DNA ligases have been
characterised to any extent at all, and in general data on
them is limited compared with DNA ligases from other
domains of life [17, 18]. Table 1 summarises the current state
of knowledge and highlights the diverse range of properties
possessed by archaeal DNA ligases. Data for T4 DNA ligase
are also included, for comparison.

As noted above, DNA ligases are usually classified based
on their strict cofactor specificity for either ATP or NAD+.
Interestingly, a number of archaeal DNA ligases can utilise
multiple cofactors. Sequence homology suggested that the
DNA ligases from Thermococcus kodakaraensis, T. fumi-
colans, and T. onnurineus belong to the ATP-dependent
family (EC 6.5.1.1); however, in vitro characterisation of each
has shown that they are able to use either ATP or NAD+ as

their cofactor [19–21]. The ATP-dependent DNA ligase from
Sulfophobococcus zilligii also shows relative activity of 63%
when the cofactor is switched from ATP to GTP [22]. Other
than the S. zilligii DNA ligase, activity with GTP has only
been described for RNA capping enzymes [4]. A number of
archaeal DNA ligases, including the S. zilligii enzyme, are also
able to use ADP (Table 1).

One hypothesis for the undifferentiated nucleotide speci-
ficities of archaeal DNA ligases is that they have retained a
trait from the ancient common ancestor of the ATP- and
NAD+-dependent enzymes. This ancestor may have used
ADP as a cofactor [23], as the ADP moiety is common
to both ATP and NAD+. However, it has also been noted
that direct evidence of ADP utilisation by DNA ligases is
minimal [24]. Another proposal is that ATP is comparatively
unstable at high temperatures, and this provided the selection
pressure for evolution of thermophilic ligases with specificity
for alternative cofactors such as ADP and GTP [22].

DNA ligases employ multidomain architectures in order
to catalyse phosphodiester bond formation; however, there
is variation in the number and identity of the domains they
possess [14]. To date, the structures of six archaeal DNA
ligases have been solved, from Archaeoglobus fulgidus [25],
Pyrococcus furiosus [26, 27], Sulfolobus solfataricus [28], S.
zilligii [29],Thermococcus sibiricus [30], andThermococcus sp.
1519 [31]. Each enzyme comprises three domains: the adeny-
lation domain (AdD), the oligonucleotide-binding domain
(OBD), and the N-terminal DNA-binding domain (DBD).
TheAdDcontains the sixmotifs (I, III, IIIb, IV,V, andVI) that
are characteristic of the nucleotidyl transferase superfamily
[32]. The AdD and OBD are minimally required for activity
and together they are referred to as the catalytic core. The N-
terminal DBD is unique to the eukaryotic and archaeal DNA
ligases and is thought to play roles in maintaining an active
conformation of the catalytic core, as well as distorting the
DNA substrate [33].

Elucidation of the unbound [34] and DNA-bound [35]
structures of the ATP-dependent ligase from Chlorella virus
has highlighted the importance of large conformational
changes during the catalytic cycle of DNA ligases. During
DNA binding the OBD translocates by >60 Å and rotates
nearly 180∘ around a swivel point, in order to fit into the
minor groove of the DNA substrate. No archaeal DNA
ligases have had their structures solved in complex with
DNA; however, OBDs have been captured adopting three
different conformations (Figure 1).The S. solfataricus enzyme
exhibited an open and extended conformation in which
the OBD was turned away from the AdD (Figure 1(a)); the
overall structure resembled that of the DNA ligase from
bacteriophage T7 [36]. In contrast, the Thermococcus sp.
1519 ligase structure (Figure 1(b)) adopted an intermediate
conformation in which the OBD was rotated anticlockwise
around the AdD by ∼90∘ compared to the open extended
conformation, although this rotation was insufficient to
introduce any hydrogen bonds or salt bridges between the
OBD and the other domains. A further 120∘ rotation of
the OBD yields a closed conformation, as observed in the
structures of the DNA ligases from P. furiosus (Figure 1(c)),
A. fulgidus, and T. sibiricus. In these structures a C-terminal
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DBD

AdD

OBD

(a)

90
∘

(b)

C-terminal
helix

120
∘

(c)

Nicked DNA

(d)

Figure 1: Structures of the DNA ligases from: (a) Sulfolobus solfataricus (PDB ID 2HIX); (b) Thermococcus sp. 1519 (PDB ID 3RR5);
(c)Pyrococcus furiosus (PDB ID 2CFM); and (d)Homo sapiens (PDB ID 1X9N).Thepositions of theDNAbinding domain (DBD), adenylation
domain (AdD), and oligonucleotide binding domain (OBD) are indicated in the S. solfataricus structure. While the DBD and AdD occupy
equivalent positions in all of the structures, the S. solfataricus enzyme shows an open extended conformation of the OBD, theThermococcus
sp. 1519 enzyme shows a 90∘ anticlockwise rotation of the OBD relative to the S. solfataricus enzyme (indicated by a black arrow) resulting
in the intermediate conformation, and the P. furiosus ligase has a 120∘ rotation exhibiting the closed conformation. Human DNA ligase 1 is
shown bound to a nicked DNA substrate (light green). The C-terminal helix of each enzyme is highlighted in purple.

helix (Figure 1), found after conservedmotif VI, stabilises the
closed conformation by mediating several ionic interactions
between the OBD and the AdD [26]. This additional helix
occupies the cleft between the AdD and OBD in the archaeal
unbound structures, but it is displaced in the DNA-bound
structure of human DNA ligase I [33].

The domain arrangements of the archaeal ligase struc-
tures all differ substantially from those of the DNA-bound
structures obtained for human DNA ligases I and III [33,
51], where the three domains encircle the DNA substrate
(Figure 1(d)). The emerging picture is one in which con-
formational flexibility is critical for the correct functioning
of archaeal DNA ligases. However, to date, no structures of
archaealDNA ligases in complexwithDNAhave been solved;
therefore it is unknown whether the differences in unbound
structures (Figures 1(a)–1(c)) correlate with differences in
domain orientations when the DNA substrate is bound. The
protein dynamics associated with catalysis at the growth
temperatures of the host cells (70–100∘C) also remain to be
elucidated.

4. Biotechnological Applications of
Archaeal DNA Ligases

Given their primary physiological role in DNA repair, it
is unsurprising that most archaeal DNA ligases have only
been assayed for their ability to seal single-stranded nicks
in double-stranded DNA. Of more interest for biotechno-
logical applications is the ability to ligate double-stranded,
cohesive-, or blunt-ended fragments. These activities have
been reported for four archaeal DNA ligases. The enzymes
from Aeropyrum pernix, Staphylothermus marinus, Thermo-
coccus sp. 1519, and T. fumicolans have all been shown to

perform ligation of cohesive-ended fragments. In addition,
the S. marinus and T. fumicolans DNA ligases could also join
blunt-ended fragments [19, 40]. Thus, it seems likely that
further characterisation of archaeal DNA ligases should yield
a pool of enzymes with potential utility in molecular biology
and biotechnology.

The most immediate applications for archaeal DNA lig-
ases are likely to be those that exploit their high temperature
optima (typically 50–100∘C; Table 1). For example, the DNA
ligase from Thermococcus sp. 1519 is most active at 60–
70∘C and it is able to ligate DNA fragments with long
cohesive ends (12-nucleotide overhangs), but not fragments
with shorter (4-nucleotide) cohesive ends or with blunt ends
[48]. While it remains to be tested, this combination of
properties would appear to make it a promising tool for
Gibson assembly [12]. This protocol has rapidly emerged as
the dominant method for restriction enzyme-independent
assembly of DNA fragments in synthetic biology and it is
currently performed at 50∘C.We speculate that archaealDNA
ligases, such as the one from Thermococcus sp. 1519, may
drive the development of newmethods, with the promise that
ligation at higher temperatures (60–70∘C) would decrease
the number of incorrect ligation events that arise from
misannealing of fragments with short overhangs.

In a similar vein, the DNA ligase from Staphylothermus
marinus has a half-life of almost 3 h at 100∘C and catalyses a
variety of ligation reactions with cohesive- and blunt-ended
fragments [40]. This extremely thermostable enzyme could
find utility in the ligase chain reaction (LCR) for detection of
single nucleotide polymorphisms, as it is able to survive the
high temperature denaturation steps (∼95∘C) in the thermal
cycling protocol. More generally, it has been shown that
thermostable proteins are ideal starting points for protein
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engineering, as they are more tolerant of mutations and
thus yield more functional variants on mutation than their
mesophilic homologues [52].

5. Engineering an Improved Archaeal
DNA Ligase

Despite the ubiquity of DNA ligases in molecular biology,
very few attempts have beenmade to enhance their properties
by protein engineering. To date only the DNA ligase from
bacteriophage T4 [53] and one archaeal DNA ligase, from
Pyrococcus furiosus [27, 47], have been targeted.

Nishida and colleagues have successfully used their struc-
tural insights [26] to enhance the activity of the P. furio-
sus DNA ligase through structure-guided mutagenesis. In
particular, they have targeted the C-terminal helix that
interacts with the OBD and the AdD to stabilise the closed
conformation of the enzyme (Figure 1(c)). To begin, five polar
residues from the OBD (Asp540, Arg544, Gln547, Lys554,
and Lys558), each of which contributed to interactions with
the AdD, were mutated to alanine [47]. The hypothesis
was that destabilising the interdomain interaction would
facilitate increased motion of the OBD and thus increase
activity by “unlocking” the enzyme. Of the five selected
residues, mutation of Asp540, located at the N-terminus
of the helical extension, exerted the greatest effect. Further
mutagenesis at this position showed that the Asp540→Arg
(D540R) substitution gave optimal activity, over a broadened
temperature range (20–80∘C).

In proof-of-concept ligation-amplification experiments,
the authors showed that the engineered ligase (with the
D540R mutation) outperformed the wild type at two tem-
peratures. At 60∘C, maximum amplification of ligated DNA
product was achieved after only 3 cycles with the mutant
but took 10 cycles with the wild type enzyme. At 30∘C, the
engineered enzyme gave maximum product yield after 5
cycles of ligation-amplification, whereas the product yield
with the wild type ligase was only ∼30% as great, even
after 10 cycles [47]. Further, a series of insightful biophysics
experiments showed that the introduction of a positively
charged arginine residue, in place of the negatively charged
Asp540, had accelerated both the formation of the covalent
ligase-AMP intermediate and binding of the nicked DNA
substrate [47]. This work is also the basis of a granted US
patent, number 8,137,943.

In a follow-up study, the same group has recently
used further mutagenesis to eliminate the ionic interac-
tions between the AdD and the OBD entirely [27]. P.
furiosus DNA ligase carrying either three point mutations
(D540R/K554A/K558A), or D540R plus deletion of the
final four amino acids of the C-terminal helix, had further
enhanced nick-joining activities. While it is yet to be tested
with other archaeal DNA ligases, this design approach,
releasing the interactions of the C-terminal helix with the
AdD and OBD domains, appears as though it could be a
generally applicable one for enhancing activity.

6. RNA Ligases

RNA ligases (EC 6.5.1.3) are RNA end-joining enzymes
involved in RNA repair, splicing, and editing pathways. In
contrast to the ubiquitous DNA ligases, RNA ligases have
a narrower phylogenetic distribution. Sequence similarity
searches have found RNA ligases in all three domains of life
but only in a subset of species [54].

RNA ligases are typically classified into two broad fam-
ilies. The Rnl1 family includes the eponymous RNA ligase
1 (Rnl1) from bacteriophage T4 [3] and the tRNA ligases
from fungi, yeasts, and plants [5, 55, 56]. These enzymes
repair breaks that have been introduced into single-stranded
RNA by site-specific nucleases. The Rnl2 family contains the
bacteriophage T4 RNA ligase 2 (Rnl2) and the RNA-editing
ligases from the protozoans Trypanosoma and Leishmania.
These enzymes are primarily associated with sealing nicks
in RNA made duplex by the presence of a bridging comple-
mentary strand [54, 57, 58]. While the RNA ligases share the
same six conserved nucleotidyl transferase motifs as DNA
ligases, their overall levels of sequence conservation are low.
In general, thismakes family classification bothmore difficult
and less meaningful.

Like DNA ligases, RNA ligases are also important in
molecular biology. T4 RNA ligases 1 and 2 have become
essential for a subset of rapid amplification of cDNA ends
(RACE) protocols, 3 RNA labelling, andmost importantly, at
present, the preparation of microRNA (miRNA) sequencing
libraries. ATP-dependent RNA ligases capable of forming
phosphodiester bonds between 5-phosphate and 3-hydroxyl
termini are of most use in these protocols; therefore, they
will be the focus of the following sections. For completeness,
we also note that two noncanonical RNA ligases from
the archaeal species Pyrococcus horikoshii have also been
reported.The first is a putative 2-5 RNA ligase, the structure
of which has been solved [59].The second, RtcB, is an unusual
ligase that joins either 2,3-cyclic phosphate or 3-phosphate
termini to 5-hydroxyl termini. Its structure, its mechanism,
and its interaction with a novel protein cofactor (Archease)
have recently been characterised in detail [60, 61].

7. Archaeal RNA Ligases

The first detailed biochemical characterisation of an archaeal
RNA ligase was reported in 2008, when an open reading
frame from Pyrococcus abyssi, previously annotated as encod-
ing a DNA ligase, was found to encode an RNA ligase instead
[62]. Previously, it had been assumed that archaeal RNA
ligases were likely to be Rnl2-like enzymes, as they showed
similarly variant nucleotidyl transferase motifs as T4 Rnl2
[54]. However, the structure of the P. abyssi RNA ligase
was a marginally closer structural homologue of T4 Rnl1
(secondary structure matching 𝑍-score of 6.4, and RMSD
of 2.78 Å over 200 aligned residues) than T4 Rnl2 (𝑍-score
6.2, RMSD 2.39 Å over 164 aligned residues) [62]. Further,
the P. abyssi RNA ligase was active with single-stranded RNA
substrates, but not double-stranded RNA, similar to T4 Rnl1.
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Figure 2: The Pyrococcus abyssi RNA ligase. (a) The homodimeric structure of the enzyme (PDB ID 2VUG). The four domains of each
monomer are coloured individually and labelled. (b) Schematic diagram of the domain boundaries, with amino acid numbering shown.

Unlike the monomeric mesophilic ligases, X-ray crystal-
lography revealed a homodimeric structure for the P. abyssi
RNA ligase [62]. Each monomer comprised four domains:
an N-terminal domain, a catalytic domain, a dimerisation
domain, and a C-terminal domain (Figure 2). The catalytic
domain showed structural similarities with other members
of the nucleotidyl transferase superfamily. The N-terminal
domain resembled that of T4Rnl1 andhas only been observed
in these two enzymes to date. The C-terminal domain was
all 𝛼-helical, had no structural homologues, and was not
ascribed a function. The dimerisation domain had structural
similarity to the copper-binding domain of the amyloid
precursor protein, although the metal binding residues are
absent in the ligase [62].

The role of dimerisation in the P. abyssi RNA ligase is
not known. It has been proposed that it may be functionally
important for facilitating two symmetric and simultaneous
ligation events, such as splicing and intron circularisation
[62].More generally, oligomerisation is a common adaptation
associated with thermophily in archaeal proteins [64]. This
strategy is thought to increase the rigidity of the individual
subunits and promote tighter packing of the hydrophobic
core.

To date, the only other archaeal RNA ligase to be charac-
terised biochemically is the one from the speciesMethanobac-
terium thermoautotrophicum [63], which is now generally
known as Methanothermobacter thermautotrophicus [65].
The properties of the P. abyssi and M. thermautotrophicus
RNA ligases are summarised in Table 2.

8. RNA Ligases in Biotechnology

In addition to their roles in vivo, RNA ligases have become
important tools in molecular biology [66]. Shortly after
the discovery of T4 Rnl1, new protocols were established,
including 3-end biotin and fluorophore labelling [67], RNA
ligase mediated rapid amplification of cDNA ends (RLM-
RACE) [68], oligonucleotide synthesis [69], and 5 nucleotide
modifications of both RNA and DNA [70].

More recently RNA ligases have become essential for
constructing sequencing libraries of microRNAs (miRNAs)
and other small RNAs. During library preparation, T4 RNA
ligases are used to join 5- and 3-adaptors to the RNA
substrates, so that the adaptor sequences can be used for
priming during reverse transcription and PCR [71–73]. The
emerging realisation that miRNAs, small regulatory RNAs
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Table 2: Properties of archaeal RNA ligases.

Organism UniProt ID PDB ID Co-Factor 𝑇opt Properties Reference

Pyrococcus abyssi Q9UYG2 2VUG ATP 85–90∘C

Efficient at forming
adenylated RNA but
not so efficient at

strand joining. Forms
circular products.

[62]

Methanothermobacter thermautotrophicus O27289 — ATP 65∘C
Circularises

single-stranded RNA
and single-stranded

DNA.

[63]

𝑇opt: temperature optimum for the RNA ligase in vitro.

involved in posttranscriptional regulation [74], have numer-
ous biological functions and whose misregulation have been
implicated in a number of diseases [75], has meant that high-
throughput screening has become an invaluable tool for both
the discovery and profiling of miRNA expression. Therefore
RNA ligases capable of producing high quality sequencing
libraries, representative of the original miRNA population in
a sample, are of great interest.

Unfortunately, it has become increasingly apparent that
miRNA sequencing datasets are prone to severe biases [76]
and that the adaptor ligation step is a key contributor.
One limitation is the unwanted production of circular by-
products [66, 76]. The evolutionarily conserved function of
RNA ligases in vivo is to seal nicks in RNA hairpin loops
(such as those in cleaved tRNA molecules). In vitro, this
results in a propensity to circularise the RNA substrates,
preventing adaptor ligation. Another limitation with the T4
RNA ligases is that they are biased towards ligating particular
RNA sequences [77, 78] which can lead to the miscalculation
of miRNA abundance by up to 4 orders of magnitude [73].
This ligation bias is not a result of primary sequence pref-
erence but instead a bias against RNA secondary structure
[79]. Therefore there is growing interest in characterising
thermostable RNA ligases that are active at temperatures
sufficient to denature RNA secondary structures [80].

9. Biotechnological Roles for
Archaeal RNA Ligases

Archaeal RNA ligases have found some use in molecular
biology protocols. The M. thermautotrophicus RNA ligase
has the ability to adenylate both single-stranded RNA and
single-stranded DNA (Table 2) and it has been used to
5-adenylate single-stranded DNA adapters for use in the
construction of miRNA sequencing libraries [81]. Previously
either a chemical synthesis protocol [82] or a methodology
involving T4 DNA ligase was used for this adenylation step
[83]; however, T4 DNA ligase does not accumulate sufficient
adenylated products and the synthesismethodwas expensive.
On the other hand, the M. thermautotrophicus RNA ligase
accumulates high quantities of the adenylated intermediates
(AppRNA and AppDNA) when an excess of ATP is used in
the reaction, making it an ideal substitute. This enzyme is

currently available commercially as a component of a 5 DNA
adenylation kit (from New England Biolabs).

While the M. thermautotrophicus RNA ligase is highly
active as a 5 adenylation enzyme, a single point mutation
(Lys97→Ala) resulted in an enzyme that was unable to
perform adenylation at all, but which retained the ability
to form phosphodiester bonds [81]. This has enabled the
development of a two-step protocol in which the wild type
enzyme is used to adenylate DNA adapters in an initial
reaction.The adenylated adaptors can then be incubated with
the pool of target miRNA molecules and the mutated ligase.
The result is ligation of preadenylated adaptors to the RNA
substrates, with no possibility of circularising the (nonadeny-
lated) RNA [81]. The ability of the M. thermautotrophicus
RNA ligase (and the K97A mutant) to function at 65∘C also
helps to remove ligation bias associated with RNA secondary
structures. In order to implement this protocol, the mutated
enzyme is commercially available (as the Thermostable 5
AppDNA/RNA Ligase from New England Biolabs).

10. Concluding Remarks

In this review, we have summarised the current literature on
archaeal nucleic acid ligases. We have highlighted the relative
dearth of knowledge on these enzymes, while discussing
characteristics that are likely tomake them valuable additions
to the biotechnologist’s toolbox in future. In particular,
archaeal enzymes are archetypically thermostable. DNA lig-
ases that are stable and active at elevated temperatures are
becoming critical for emerging technologies such as Gibson
assembly (which underpins synthetic biology) [12], while
thermostable RNA ligases offer the promise of constructing
unbiased miRNA sequencing libraries [76]. Moreover, the
thermostability of archaeal enzymes makes them ideal start-
ing points for protein engineering [52]. Recent experiments
to engineer the Pyrococcus furiosus DNA ligase [27, 47] and
the Methanothermobacter thermautotrophicus RNA ligase
[81] demonstrate the great potential for further work in this
area.

Overall, the pool of archaeal nucleic acid ligases is diverse
but currently undersampled. We anticipate that its further
exploration will lead to the discovery of new enzymes with
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favourable properties for molecular biology and biotech-
nology, which in turn will drive the development of new
methodologies.
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