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Manipulation of the tissue microenvironment has become a
promising method to enhance the regenerative abilities of
stem cells/progenitors for musculoskeletal repair. The com-
position of the microenvironment is determined by the resi-
dent cells, extracellular matrix, cytokines, and chemokines as
well as the biomechanical property and nutrient status. The
microenvironment is altered by the homeostasis and degen-
erative stage of the native tissue. All the alterations of the
surrounding host microenvironment will definitely change
the biology of the implanted stem cells/progenitors. Thus, a
thorough understanding of the stem cell-microenvironment
communication would therefore accelerate the success of
musculoskeletal repair. In this special issue with the theme
“Interaction between stem cells and the microenvironment
for musculoskeletal repair,” we are very pleased to present
the 11 accepted papers (7 research articles and 4 review arti-
cles) in which how the microenvironment affects the stem
cells/progenitors was well investigated.

Bone marrow mesenchymal stem cells (BM-MSCs)
play a central role during the process of bone modeling
and remodeling; yet, their biology is regulated by the cyto-
kines, biomechanical stimuli, and other types of cells.

Increased B lymphopoiesis was found in mouse with osteopo-
rosis [1], which constitutes a microenvironmental factor for
BM-MSCs. The study of Pan et al. checked the involvement
of activated B lymphocytes in osteoporosis by first establishing
two rat models of osteoporosis by ovariectomy or splenecto-
mized variectomy. Examination at 3 months postsurgery
showed that both models exhibited signs of osteoporosis, rep-
resented by loss of bone volume and quality, as well as the acti-
vation of B lymphocytes, represented as increased proportion
of CD3-CD45RA dual positivity in bone marrow cells, while
SPX alone induced activation of B lymphocytes but did not
induce osteoporosis. Further cell study revealed that lipopoly-
saccharide pretreated B lymphocytes suppressed the mineral
deposition and alkaline phosphatase activities of BM-MSCs
under osteogenic inductive condition, suggesting impaired
osteogenesis, while untreated normal B lymphocytes had no
such effect. On the other hand, the suppression of osteogenesis
of BM-MSCs could be relieved by the addition of a dexameth-
asone or Notch inhibitor. These results suggest that bone loss
after menopause may have resulted from activated B lympho-
cytes which have a negative impact on the osteogenesis of BM-
MSCs and that the dexamethasone or Notch inhibitor could
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reduce bone loss through suppressing B lymphocytes. Glu-
tamine provides the energy demand for the cells and serves
as a secondary metabolic regulator in bone homeostasis. Dr.
Zhou and coauthors contributed a review paper in this
issue to majorly summarize the recent evidences regarding
how glutamine metabolism mediates the bioenergy of BM-
MSCs and how glutamine influences proliferation, differen-
tiation, and mineralization. The authors suggested that
extensively basic and clinical investigations are needed to
deeply understand the importance of glutamine metabolism
in bone homeostasis and to develop new therapeutic strate-
gies. To facilitate the osteogenesis of rat BM-MSCs in vitro,
Dr. Ni’s group used 20 IU/ml erythropoietin combined with
the cyclic mechanical stretch (1Hz sinusoidal curve set at
10% elongation); the underlying mechanism may be
associated with the activation of ERK1/2 signaling pathway.
Dr. Huang’s group found that 10mM strontium (a trace
element in the bone tissue) was able to promote the osteo-
genic gene expression and mineralization of human BM-
MSCs and placenta-derived MSCs. Interestingly, using the
exosomes derived from the osteogenically differentiated
adipose-derived stem cells (ADSCs), obvious enhancements
in the osteogenic differentiation of ADSCs were recorded.
Dr. Yang and colleagues further determined that this
enhancement was related to the upregulated (201) and
downregulated (33) exosomal miRNAs derived from the
osteogenically differentiated ADSCs. Hence, beyond the res-
ident cells, the bioactive compounds, and the biomechanical
stimuli, exosomal miRNAs probably became a new target to
enhance the osteogenesis of endogenous and exogenous
stem cells/progenitors.

During the cause of intervertebral disc (IVD) degenera-
tion, gradual changes in the disc morphology, matrix compo-
sition, and microenvironment have been observed [2, 3]. In
the review paper contributed by Dr. Vadalà and coauthors,
the updated knowledge regarding the microenvironment in
the healthy and the degenerated IVD was described and
how the components of IVD microenvironment regulated
the MSC viability and biological potential was summarized.
The authors further emphasized the consideration of IVD
microenvironment before developing MSC-based and
biomaterial-based therapies. The IVD microenvironment is
also affected by the phenotype of native resident cells, which
can change during aging. Cheng et al. isolated nucleus pulpo-
sus (NP) cells from the caudal IVD of young (2 months) and
old (24 months) SD rats; the NP cells from old rats showed a
senescent phenotype, as well as declined cell proliferation
and migration capacity. The transcriptomes of the young
and senescent NP cells were analyzed by microarray. A total
of 1038 differentially expressed genes were reported between
the young and senescent NP cells, with the upregulated genes
mainly enriched in the TNF signaling pathway and downreg-
ulated genes enriched in the extracellular matrix receptor
interaction. The results revealed the underlying genes and
pathways of senescent NP cells that were supposed to
increase with aging. The reported findings provide a rich
transcriptomic dataset for young vs. senescent NP cells,
which may assist the development of novel biological
methods to treat degenerative disc diseases.

The tendon is to transmit muscular forces to the bone,
permitting joint motion and subsequent body movement
[4]. It was thought that the tendon only consists of tenocytes;
nevertheless, the recent studies demonstrated that human
and mouse tendons contain stem cells, namely, tendon
stem/progenitor cells (TSPCs) [5]. In the review contributed
by Dr. Zhang and colleagues, the recent advances in the
identification and characterization of TSPCs and their inter-
actions with extracellular matrix and mechanical loading
were summarized; meanwhile, the authors outlined the
challenges in understanding TSPC biology and function
in vivo due to the heterogeneity and lack of specific markers
and suggested that the mechanobiology of TSPCs and its role
in tendon development, growth, repair, and pathology need
to be better clarified.

The interaction between stem cells and local microenvi-
ronment goes in both directions. Not only the microenviron-
ment can impose on the fate of stem cells, but also stem cells
can positively affect the local microenvironment of injured
tissues. In Fang’s study using a rat peripheral nerve injury
model, except from generating neurons, transplanted embry-
onic spinal cord cells were found to have a regulatory effect
on local Schwann cells in the distal nerve and induced them
to produce proximal axons to facilitate nerve regeneration.
Amyotrophic lateral sclerosis (ALS) is a progressive disease
that affects nerve cells in the brain and spinal cord, causing
loss of muscle control. Due to the low bioavailability and
short half-life in vivo, in clinics, the expected outcomes of
the intrathecal administration of neurotrophic factors alone
was hard to achieve. Pawlukowska et al. performed a clinical
study using the autologous lineage negative (Lin-) stem cells
to treat ALS. The authors thought Lin- stem cell-based ther-
apy would be a reasonable and promising alternative for clas-
sic ALS treatments because the Lin- stem cells could produce
the trophic support for the host’s neurons, stimulate the
secretion of neurotrophins (NTs), and differentiate into
oligodendrocyte progenitor cells or neurons. In this article,
the authors completed a clinical trial to assess the impact of
intrathecal administration of bone marrow Lin- stem cells
in 32 patients suffering from ALS on articulation; it was
demonstrated that 6 patients achieved the improvement of
articulation after 28 days, 23 patients remained stable, and
3 deteriorated. Although some valuable findings were
observed, several limitations should be acknowledged such
as the small number of patients, the lack of control group,
and a short observation period.

During muscle regeneration, as reviewed by Dort et al.,
the spatial recruitment of proinflammatory and anti-
inflammatory macrophages is different in addition to their
temporal recruitment; proinflammatory macrophages are
located close to proliferating satellite cells, while anti-
inflammatory macrophages are found close to the regener-
ating area containing differentiated myoblasts. Depletion
of proinflammatory macrophages resulted in impaired
muscle regeneration in animal models. The suppression
of the switch of macrophage from proinflammatory phe-
notype to anti-inflammatory phenotype reduced muscle
fiber growth but did not affect the clearance of necrotic
tissues. At the cellular level, proinflammatory macrophages
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promote myoblast proliferation and inhibit differentiation,
while anti-inflammatory macrophages inhibit myoblast
proliferation and stimulate their differentiation and myofi-
ber growth. Direct coculture of macrophages also pro-
moted proliferation and inhibited apoptosis of myogenic
cells. Altogether, these findings suggest that different sub-
sets of macrophages have complementary roles in the reg-
ulation of satellite cell/myoblast function, myogenesis
progression, and optimal muscle regeneration.

In summary, the published articles in this special issue
add new perspectives to the understanding regarding the
interaction between stem cells/progenitors and the micro-
environment for the bone, intervertebral disc, tendon,
muscle, and nerve regeneration. We hope that all these
basic and clinical studies will be helpful for the develop-
ment of stem cell-based therapies for musculoskeletal
repair. Finally, we would like to express our gratitude to
all the authors, the reviewers, and the editorial board
members of this journal for their contribution and assis-
tance to make this special issue successful.
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In peripheral nerve injuries (PNIs) in which proximal axons do not regenerate quickly enough, significant chronic degeneration of
Schwann cells (SCs) can occur at the distal stump of the injured nerve and obstruct regeneration. Cell transplantation can delay the
degeneration of SCs, but transplanted cells fail to generate voluntary electrical impulses without downstream signal stimulation
from the central nervous system. In this study, we combined cell transplantation and nerve transfer strategies to investigate
whether the transplantation of embryonic spinal cord cells could benefit the microenvironment of the distal stump of the
injured nerve. The experiment consisted of two stages. In the first-stage surgery, common peroneal nerves were transected, and
embryonic day 14 (E14) cells or cell culture medium was transplanted into the distal stump of the CPs. Six months after the
first-stage surgery, the transplanted cells were removed, and the nerve segment distal to the transplanted site was used to bridge
freshly cut tibial nerves to detect whether the cell-treated graft promoted axon growth. The phenotypic changes and the
neurotrophic factor expression pattern of SCs distal to the transplanted site were detected at several time points after cell
transplantation and excision. The results showed that at different times after transplantation, the cells could survive and
generate neurons. Thus, the neurons play the role of proximal axons to prevent chronic degeneration and fibrosis of SCs. After
excision of the transplanted cells, the SCs returned to their dedifferentiated phenotype and upregulated growth-associated gene
expression. The ability of SCs to be activated again allowed a favorable microenvironment to be created and enhanced the
regeneration and remyelination of proximal axons. Muscle reinnervation was also elevated. This transplantation strategy could
provide a treatment option for complex neurological injuries in the clinic.

1. Introduction

There are many serious traumas in the clinic that often lead
to long segmental defects of the peripheral nerves without
direct tension-free anastomosis repair methods. Autografts,
acellular nerves, and allografts (ANAs) are alternative
options [1, 2]. There are also cases limited by soft tissue
conditions that require delayed repair [3]. However, these
cases often have poor outcomes because the slow-growing
proximal axons do not reach the distal nerve fast enough,
and chronic degeneration of distal nerves and muscles
hinders the potential for reinnervation [4, 5].

Currently, the most widely accepted clinical option to
alleviate chronic degeneration is transferring an adjacent

nerve to protect the distal nerve and muscles, known as the
“babysit” procedure [6–9]. When the temporary neuroanas-
tomosis is terminated months later and the original proximal
end of the injured nerve stump (or including graft) is sutured
back, the regenerated axons within can regrow into the distal
stump [10]. However, these methods are characterized by the
disadvantage of causing additional injury to the donor nerve,
and sometimes, the source of the donor nerve is insufficient.
Cell transplantation (including neural stem cells, embryonic
spinal neurons, or in vitro-induced motor neurons) to the
distal stump of peripheral nerve damage has been shown to
delay chronic degeneration of the distal nerve and muscle
[11]. However, transplanted cells fail to generate voluntary
electrical impulses without downstream signal stimulation
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from the central nervous system [12]. In a previous study, we
combined the “cell transplantation” and “nerve transfer”
strategies to address this problem. We transplanted E14
neurons to the distal stump of transected nerves and showed
that, 3 months after transplantation, after resection of the
transplanted site, the ability of the distal nerve and muscle
to support proximal axon regeneration was enhanced
compared with the control group [13]. However, it remains
unclear whether this improvement was induced by effects
on the distal nerves, muscles, or both.

After peripheral nerve injury, Schwann cells (SCs) at the
distal stump dedifferentiate and secrete growth-associated
neurotrophic factors to induce proximal axonal regeneration
[14]. However, this state is only temporary. If the regenera-
tive axons are unable to contact the distal SCs within a certain
time window, the SCs will enter a quiescent state, reducing
the secretion of neurotrophic factors. Even if the proximal
axon is in contact during this period, the distal SCs are unable
to support elongation and remyelination. Sulaiman and
Gordon confirmed that this time window was 6 months in
rats [15]. In contrast, recent research believed that even if a
rat has been denervated for more than 1 year, the muscle still
has the ability to regenerate, which corresponds to better tol-
erance than nerves [16, 17]. Therefore, this study is aimed at
determining the effect of transplanted embryonic neurons on
SCs in distal nerve stumps in a rat peripheral nerve injury
(PNI) model. We hypothesized that transplanted cells inter-
act with SCs to maintain the microenvironment of the distal
nerve stump in an axon-innervated condition. When these
cells are removed, the nerves distal to the cells undergo
another process that is equivalent to the denervation process,
and the expression of GAGs rises again, creating a better
environment for proximal axon regeneration. To verify this
hypothesis, we designed the following experiment.

Briefly, the procedure consisted of two stages. In the first-
stage (1st) surgery, the right common peroneal nerves (CPs)
were transected, and embryonic day 14 (E14) cells or cell
culture medium was transplanted into the distal stump of
the CPs. The phenotype changes and neurotrophic factor
expression of SCs distal to the transplanted site were mea-
sured at multiple time points after transplantation. Six
months after the 1st surgery, the transplanted cells were
removed (second-stage surgery-I), and the phenotypic
changes and neurotrophic factor expression pattern of SCs
distal to the transplanted site were compared with the state
after the 1st surgery. Then, the nerve segment distal to the
transplanted site was used to bridge the freshly cut tibial
nerves (TIBs) to detect whether the nerve segment has the
effect of promoting axon growth (second-stage surgery-II).

2. Materials and Methods

All surgical interventions and subsequent care and treatment
were approved by the Ethics Committee for the Use of Ani-
mals at Fujian Medical University (No. SYXK-min-2016-
0006). Animals were provided by the Laboratory Animal
Unit at Fujian Medical University. We followed the method-
ology of our previously published work [13, 18, 19].

2.1. Cell Preparation. The Sprague-Dawley transgenic rats
expressing green fluorescent protein (GFP; “green rat” CZ-
004; SLC, Shizuoka, Japan) were used. The ventral spinal
cord cells from embryonic day 14 (E14) rats were prepared
with reference to a modified published protocol [20]. Briefly,
under sterile conditions, the spinal cord was separated and
the surrounding tissues were removed. The ventral horn of
cord was collected and transferred to DMEM-F12 culture
medium (Gibco, Grand Island, NY, USA). Trypsin (0.15%,
Invitrogen, 25200-072, USA) was supplemented to the
medium and digested for 7 minutes and then neutralized
with trypsin inhibitor (Invitrogen, 17075-029, USA). Next,
the spinal cord was dissociated into single-cell suspension
by mechanical trituration and further filtered through a
40μm cell strainer (BD Falcon, San Jose, CA, USA). After
centrifugation, the suspension was resuspended in DMEM-
F12 culture medium at a density of 1:0 × 105 cells/μl and kept
on ice for transplantation.

2.2. Staging Animal Surgery. Sixty female Sprague-Dawley
rats (250-300 g) were used in this study. Animals were
anesthetized with an intraperitoneal injection of ketamine
(80mg/kg) and xylazine (8mg/kg) and placed in prone
position. The surgeries were performed in two stages
(Figure 1). In the first-stage (1st) surgery (nerve denerva-
tion and cell/vehicle injection), the animals were randomly
divided into 2 groups. (i) Cell injection group: the CP was
transected at a distance of 5mm from the bifurcation of
the sciatic nerve, and 3μl of cell suspension was slowly
injected into the distal stump of the CP. The transplanted
cells were confined to a limited area of the distal nerve to
facilitate the second-stage resection of the transplanted
area, and the proximal and distal stumps were ligated
and imbedded into the muscle to prevent regeneration
(Figures 1(a), 1(h), 1(i), 1(j), and 1(k)). (ii) Vehicle injec-
tion group: the same surgical procedure was performed,
and 3μl of cell culture medium was injected
(Figures 1(a), 1(h), 1(i), 1(j), and 1(k)). At different time
points after the first surgery (1 month, 3 months, and 6
months), one-sixth of the rats in each group (n = 5) were
killed, and 20mm distal nerve segments including the
transplanted site were collected for immunohistochemistry
staining (IHC) and quantitative reverse transcription-PCR
(qRT-PCR) analysis (Figure 1(b)).

Six months after the 1st surgery, the remaining rats
underwent the second-stage (2nd) surgery (I-cell excision
or II-cell excision plus distal nerve grafting). For the cell
excision rats (n = 5), a 5mm nerve segment including the
transplanted cells was excised (2nd surgery-I, Figures 1(c)
and 1(l)). The rats were maintained for an additional 2
weeks for the qRT-PCR analysis and IHC (Figure 1(e)).
For the cell excision plus distal nerve grafting rats
(n = 10), after the cells were excised, a 10mm segment
was cut from the distal stump of the transplanted site,
and then, the TIB was transected. The distal and proximal
stumps of the TIB were bridged by this segment with 10-0
sutures (2nd surgery-II, Figures 1(d) and 1(m)). The
animals were kept for an additional 3 months, after which
electrophysiology, fluorogold (FG) retrograde axonal
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Figure 1: Schematic diagram of the stages of the surgery procedures. (a) In the first-stage surgery, the right CP was transected, and the
proximal stump was ligated. Embryonic (E14) ventral spinal cord cells or an equivalent volume of cell culture medium was injected into
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tracing, and electron microscopy (EM) analyses were per-
formed. The rats were maintained for an additional 3 days
in favor of FG transportation (Figure 1(f)). Nerve seg-
ments of the same length were cut in the vehicle group
(n = 10) during the second-stage surgery, and the subse-
quent procedures remained the same.

2.3. Immunohistochemistry Staining (IHC). At every
detection time point after the 1st and 2nd surgery-I, rats were
euthanized and perfused with 4% paraformaldehyde (PFA).
A 5mm segment of CP containing the transplanted cells
and a 10mm adjacent segment were cut and collected
(Figures 1(b) and 1(e)). The nerves were postfixed in 4%
PFA at 4°C overnight and then dehydrated in 30% sucrose
(dissolved in 0.1M PB) at 4°C for 48 hours. Serial longitudi-
nal cryosections (20μm thick) of the nerve segments were
prepared. Every third section was used for IHC with
reference to the published protocol [20] (5 rats per group
per time point). For segments containing cells, staining of
neuronal nuclei (NeuN) was performed. For adjacent distal
segments, staining of neurofilament 200 (NF200, axon
marker), myelin basic protein (MBP, myelin sheath marker),
S100 (cytoplasmic marker of SCs), and P75 (dedifferentiated
SCs marker) was performed. Briefly, after washed with
0.01M phosphate-buffered saline (PBS), sections were
blocked in 10% goat serum for 30min and incubated with
the primary antibodies at 4°C overnight (mouse anti-NeuN,
1 : 500, MAB377, EMD Millipore; mouse anti-NF200, 1 : 500,
N0142, Sigma; rabbit anti-MBP, 1 : 200, M3821, Sigma; rabbit
anti-S100, 1 : 200, Z0311, DAKO; rabbit anti-P75, 1 : 200,
G3231, PROMEGA). After washed with 0.01M PBS, sections
were incubated with species-specific fluorescence-conjugated
secondary antibodies at 20°C for 2 h (goat anti-mouse Alexa
Fluor 586/488, 1 : 500, A11031/A11029, Invitrogen; donkey
anti-rabbit Alexa Fluor 586/488, 1 : 500, A10042/A21206,
Invitrogen). Sections were subsequently counterstained with
4′,6-diamidino-2-phenylindole (DAPI) to stain the nuclei
and then coverslipped with antifade mounting medium
(FluorSave, Calbiochem, San Diego, CA, USA).

The number of NeuN-positive cells was counted manu-
ally following a systematic random sampling technique
[21]. Briefly, for all the measurements, one in 3 sections with
a total of 6 sections was assessed. The counting was carried
out in GFP-positive fields at ×40 magnification under a fluo-
rescence microscope (Axioplan, Carl Zeiss, Germany). Cells
that met all of the following criteria were counted: (1) cells
that were present in the GFP-positive region and stained with
NeuN and (2) cells that had a large cytoplasm and nucleus
and contained at least one large nucleolus. The result is mul-
tiplied by 3 to yield the final count. The fluorescence intensity
of NF200, MBP, S100, and P75 was evaluated in ImageJ soft-
ware (National Institutes of Health, Bethesda, Maryland),
which was presented as the mean gray values of the regions
of interest (ROIs). In each sample evaluated, the mean gray
value of ROI was normalized to the intensity of the uninjured
CP and averaged over triplicate measurements from 1 rat for
each time point [9].

At 3 months after the 2nd surgery-II, after the electro-
physiological examination has been performed, the gastroc-

nemius muscle (GM) was dissected. The wet weight of GM
was measured. And then the serial longitudinal cryostat sec-
tions (20μm) were prepared using a freezing microtome
(Leica CM 1900). The sections were blocked in 5% normal
donkey serum for 1 hour and incubated with primary anti-
bodies at 4°C overnight (rabbit anti-neurofilament 200,
1 : 500, N4142, Sigma-Aldrich), followed by secondary anti-
bodies at 37°C (Alexa Fluor 594, 1 : 500, A30008, Invitrogen).
Finally, alpha-bungarotoxin conjugated to Alexa Fluor 488
(a-BTX, 1 : 500, B13422, Invitrogen) was applied to label ace-
tylcholine receptors (AchRs). Every fifth section of the GM
was used to count the neuromuscular junctions (NMJs) (10
sections per animal). The AchR clusters were captured, and
100 randomly selected NMJs were studied in each animal
(10 animals in each group). The NMJs were categorized into
reinnervated and denervated based on previously described
methods with modifications [22]. The reinnervation rate
was calculated as the number of reinnervated NMJs divided
by the total number of NMJs.

2.4. Quantitative Real Time-PCR (qRT-PCR). At every detec-
tion time point after the 1st and 2nd surgery-I, the expression
levels of growth-associated genes (GAGs) in distal nerve,
which has been previously shown to be significantly differen-
tially expressed after denervation in vivo, were analyzed by
qRT-PCR, including glial cell-derived neurotrophic factor
(GDNF), brain-derived neurotrophic factor (BDNF), and
nerve growth factor (NGF) [14]. The myelin-related gene
myelin protein zero (MPZ) was also analyzed [23]. Addi-
tional contralateral intact CPs were used for normalization
of the mRNA expression levels (i.e., day 0). Total RNA was
extracted from the 5mm CP segment using TRIzol reagent
(Invitrogen, USA) following the manufacturer’s protocol.
The extracted RNA was further purified using DNase-I to
eliminate residual genomic DNA. A total of 1 g of total
RNA was reverse-transcribed using random primers and
reverse transcriptase (M-MLV-RT, Takara, Japan) follow-
ing the manufacturer’s instructions. qRT-PCR was per-
formed according to standard protocols using SYBR
Green Kit (Takara, Japan) in the iCycler iQTM (Bio-
Rad) system. Briefly, 1μl of cDNA was added to a 19μl
reaction mixture containing 0.5μM primer sets and 0.5X
SYBR Green mixture. The primers were designed and syn-
thesized by Integrated DNA Technologies (Shatin, N. T.,
Hong Kong, China): NGF: forward 5′ACCTCTTCG-
GACACTCTGGA3′ and reverse 5′GTCCGTGGCTGTGG
TCTTAT3′; BDNF: forward 5′GAACAGGACGGAAACA
GAACG3′ and reverse 5′GAACAGGACGGAAACAGAA
CG3′; GDNF: forward 5′GCGGTTCCTGTGAAGCGGC
CGA3′ and reverse 5′TAGATACATCCACACCGTTTA
GCGG3′; MPZ: forward 5′GGTGGTGCTGTTGCTGCT
G3′ and reverse 5′TTGGTGCTTCGGCTGTGGTC3′; and
β-actin: forward 5′-TCATGAAGTGTGACGTGGACATC-
3′ and reverse 5′TGTTGCATTTGCGGG GACGATG-3′.

The PCR was run in the following cycling conditions:
95°C for 5min and 35 cycles of 95°C for 30 s, 60°C for 30 s,
and 72°C for 40 s. The expression level of each growth factor
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gene in the distal nerve was calculated as the fold change
compared with that in the contralateral intact nerve (normal-
ized to 1 arbitrary unit) using the 2-ΔΔCtmethod, where ΔCt
represents the difference between the Ct values of each gene
and β-actin and ΔΔCt represents the difference in ΔCt
between the transected nerve and the intact nerve after nor-
malization to β-actin. All PCRs were performed in tripli-
cate and repeated for 3 times.

2.5. Electrophysiological Analysis. Three months after the 2nd

surgery-II, the functional recovery of the GM was evaluated
by electrophysiological analysis via a standard nerve-evoked
potential recording system (RM6240BD, Chengdu, China)
in 10 animals per group. The procedure was performed as
previously described and illustrated in Figure 1(f) [11, 13].
In brief, animals were anesthetized and placed in a prone
position. The resutured TIB nerve and the right GM muscle
were exposed. The bipolar stimulating electrode was placed
underneath the nerve and kept contacted. The GM tendon
was fixed to the transducer with a 4-0 suture to record muscle
contraction force. For compound muscle action potential
(CMAP) recording, the stainless-steel monopolar recording
electrodes were inserted into the muscle belly, and the
grounding electrode was inserted into the subcutaneous tis-
sue. Initial electrical stimulus (0.1mA; 1ms duration; 1Hz
frequency; square wave) was applied and gradually increased
by 0.1mA until a supramaximal response was reached. The
maximum muscle contraction force and the evoked CMAP
were recorded for 5 times with a 2-minute interval. The same
procedure was repeated on the contralateral side (L) which
was set as the reference value. The results were presented as
the ratio of the value on the surgical side (R) to that on the
contralateral side (L) (R/L). After electrophysiological analy-
sis, the GM muscle and distal nerve was collected. Subse-
quent retrograde axonal tracing was performed.

2.6. Electron Microscopy (EM) Analysis.At 3 months after the
2nd surgery-II, after electrophysiology analysis, a 2mm nerve
segment from the distal part of the nerve graft was excised
(10 animals per group) (Figure 1(f)). Nerves were postfixed
in EM fixative (2.5% glutaraldehyde and 2% PFA in 0.1M
PB, pH 7.4) and 2% osmic acid and then dehydrated in gra-
dient alcohol (30%–95%). Next, nerves were infiltrated and
embedded in pure Epon at 60°C for 3 days. Semithin sections
(1μm) were cut with glass knife in microtome and were then
stained with 0.5% toluidine blue.

Sections were seen under microscopy and photos were
taken. The number of myelinated axons was calculated using
ImageJ. A total of 6 fields (0:5 ∗ 0:5mm2) from each animal
(10 animals per group) were randomly selected. The G-ratio,
which was calculated by dividing the inner diameter of the
axon (without myelin) by the outer diameter of the entire
fiber (including the myelin), was calculated to evaluate the
myelination of regenerating axons. At least 100 myelinated
axons were randomly selected in each animal.

2.7. Retrograde Axonal Tracing and FG Counting. At 3
months after the 2nd surgery-II, the regeneration of spinal
cord motor neurons into the graft was examined by retro-

grade axonal tracing with FG (10 animals per group) [24].
In short, after the segment was excised for EM analysis
(Figure 1(f)), 0.5μl of 2% (w/v) FG solution was injected
proximally. The injection was slow and lasted for 10 seconds,
after which the injection site was clamped with microforceps
for 10 seconds and sutured to prevent leakage. The rats were
sacrificed 3 days later to examine FG transportation. The L3-
6 spinal cord was harvested, used, and processed for frozen
section. Longitudinal sections (30μm thick) were evaluated
under a fluorescence microscope (Axioplan, Carl Zeiss,
Germany), and the FG-labeled neurons were counted. Two
examiners independently counted the neurons with reference
to the published protocol [24].

2.8. Statistical Analysis. Imaging analyses were evaluated in a
blinded manner. Sections were randomly assigned identifica-
tion numbers, and two experienced investigators (X Fang
and C Zhang), respectively, assessed the slides. The values
were averaged before further analysis. All the data are pre-
sented as the mean ± SEM. Two-way ANOVA followed by
a post hoc Dunnett’s test for multiple comparisons was
carried out in the SPSS 13.0 software (Chicago, IL). A P value
less than 0.05 was considered significant.

3. Results

3.1. Transplanted Neurons Survived in the Distal Stump of
CPs at Different Time Points after Injection. At different
detection time points after the 1st surgery, IHC was per-
formed to confirm that the transplanted cells survived and
differentiated to neurons at the injection sites. One month,
three months, and six months after transplantation, many
GFP-positive transplanted cells were observed at the distal
stump of CPs (Figures 2(a), 2(d), and 2(g)). NeuN-positive
neurons were abundant in the transplanted area
(Figures 2(b), 2(e), and 2(h)). Cell counts revealed that the
number of NeuN-positive cells gradually decreased over
time, but there was no significant difference in the number
of neurons among the three time points (P > 0:05). In the
vehicle group, no GFP-positive area was found, and there
were no NeuN-positive cells (Figures 2(j)–2(l)). Interestingly,
we also noted that the intensity of GFP in NeuN-positive cells
was somehowmuch weaker than that in NeuN-negative cells,
similar to a previous report [20].

3.2. The Presence and Absence of Neurons Induced a
Transition between the Denervated and Innervated States in
the Distal Nerve. Due to the intensity of GFP attenuation in
transplanted cells as mentioned above, we used NF200 to
label regenerated axons and MBP to label myelin sheath.
The immunoreactivity of NF200-positive axons and MBP-
positive myelin sheath in the vehicle group decreased gradu-
ally as time progressed and was almost undetectable 6
months after the 1st surgery, indicating long-term denerva-
tion and fibrosis status (Figures 3(a), 3(b), 3(e), 3(f), 3(i),
3(j), and 3(u)). The regeneration of NF200-positive axons
coincided with the expression of MBP-positive myelin
sheath, and both were gradually increased in the cell group
(Figures 3(c), 3(d), 3(g), 3(h),3(k), 3(l), and 3(u)). Two weeks
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after the 2nd surgery-I, the NF200-positive and MBP-positive
signals in the cell group became discontinuous, indicating
that Wallerian degeneration reemerges in axons and the
myelin sheath (Figures 3(o) and 3(p)); there was no immuno-
reactivity in the vehicle group (Figures 3(m) and 3(n)). The
fluorescent intensity of each section was normalized to the
intensity of the contralateral intact CP (Figures 3(q)–3(t)).
The time course of axons from transplanted cells grown into

denervated CP nerve stumps in the cell group and the process
of axonal gradual degeneration in the vehicle group are
shown in the histograms in Figure 4(f). The expression of
MBP showed the same trend as the expression of NF200.

3.3. The Presence and Absence of Transplanted Neurons
Affected the SC Quantity and Phenotype Change in the
Distal Nerve. The expression of P75 neurotrophic factor,
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the axonal and myelin debris had been gradually eliminated in the vehicle group, and abundant NF200-positive axons and MBP-positive
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which is a marker of dedifferentiated SCs, was significantly
elevated in the vehicle group 1 month after the 1st surgery
(Figure 5(a)). Meanwhile, the expression of P75 in the cell
group was weaker than that in the vehicle group
(Figure 5(c)). As time progressed, the expression of P75 grad-
ually decreased in both groups, and the expression of P75 in
the cell group decreased faster than that in the vehicle group
(Figures 5(e) and 5(g)). Six months after the first-stage sur-
gery, the P75 immunoreactivity in the cell group returned
to the baseline of myelinating SCs, while a small degree of
expression remained in the vehicle group (Figures 5(i) and
5(k)). Two weeks after the second-stage surgery-I, the expres-
sion of P75 in the cell group increased again (Figure 5(o)),
indicating that the SCs in the cell group underwent another
process of dedifferentiation. This process was not observed
in the vehicle group, which maintained a low level of expres-
sion (Figure 5(m)).

S100, the characteristic cytoplasmic marker of SCs, was
used to label the quantity of SCs. One month after the 1st

surgery, the intensity of S100 in both groups was slightly
lower than that in intact nerves (Figures 5(b) and 5(d)).
Three months after the 1st surgery, the intensity of S100
in the vehicle group gradually decreased, and there was
only occasional visible fluorescence at 6 months after the

1st surgery (Figures 5(f) and 5(j)). In the cell group,
S100 was maintained at a high level at both 3 and 6
months after the 1st surgery (Figures 5(h) and 5(l)). Two
weeks after the 2nd stage-I surgery, the expression of
S100 in the vehicle group was still low (Figure 5(n)), and
the expression of S100 in the cell group declined
(Figure 5(p)), indicating that the number of SCs begins
to decline after denervation. The fluorescent intensity of
each section was normalized to the intensity of the contra-
lateral intact CP (Figures 5(q)–5(t)).

3.4. The Presence and Absence of Transplanted Neurons
Affected the Expression of GAGs and a Myelin-Related Gene
in the Distal Nerve. Current evidence suggests that SCs in
denervated nerves resume a more primitive, nonmyelinating
phenotype, upregulate GAGs, and downregulate myelin-
related genes to attract proximal axons [25]. The expression
of GDNF, BDNF, NGF, and MPZ was measured by qRT-
PCR at different time points, and the expression levels in
the contralateral intact nerve were normalized to 1 as an arbi-
trary unit (Figure 6).

One month after the 1st surgery, GDNF expression in the
vehicle group was upregulated (by 11-fold compared with
intact nerve). In the cell group, GDNF expression was also
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one month after the 1st surgery, the intensity of P75 was significantly higher and the intensity of S100 was lower on the transected side than on
the intact side. In the cell group, the increase in P75 expression and the decrease in S100 expression were not obvious compared with the
vehicle group. (e–l) At 3 and 6 months after the 1st surgery, the expression of both markers had gradually decreased to a low level in the
vehicle group. In the cell group, P75 was maintained at a low level while S100 expression was maintained at a high level, and their levels
did not significantly fluctuate. (m–p) Two weeks after the 2nd surgery-I, the expression of P75 in the cell group increased, while the
expression of S100 decreased; the vehicle group did not exhibit these changes. (u) The expression intensity of P75 and S100 in the vehicle
group declined over time. In the cell group, a reversal in the expression of P75 (low to high) and S100 (high to low) was observed after
excision of the transplanted cells. Scale bar = 100μm.
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upregulated (by 3-fold compared with intact nerve) but was
significantly lower than that in the vehicle injection group
(Figure 6(a), ∗∗P < 0:01 compared with the vehicle injection
group). Three and six months after the 1st surgery, the
expression levels of GDNF in the vehicle injection and cell
injection groups both declined and were not significantly dif-
ferent (Figure 6(a), P > 0:05). Two weeks after the 2nd sur-
gery-I, the expression of GDNF in the cell injection group
was significantly elevated, reaching 8-fold the level in the
intact nerve, and was significantly higher than that in the
vehicle injection group, which declined to 1.2-fold the level
in the intact nerve (Figure 6(a), ∗P < 0:05 compared with
the vehicle injection group). BDNF expression exhibited sim-
ilar changes. One month after the 1st surgery, BDNF expres-
sion was increased by 22-fold and 4-fold in the vehicle
injection and cell injection groups, respectively, and the dif-
ference was significant (Figure 6(b), ∗∗P < 0:01 compared
with the vehicle injection group). Three and six months after
the 1st surgery, the expression level of BDNF in the vehicle
group declined over time; although it was still higher than
the expression in the cell group, there was no significant dif-

ference between the groups (Figure 6(b), P > 0:05). Two
weeks after the 2nd surgery-I, the expression level of BDNF
in the cell injection group was significantly elevated, reaching
14-fold the level in the intact nerve, and was significantly
higher than that in the vehicle injection group, which
declined to 2.8-fold the level in the intact nerve
(Figure 6(b), ∗P < 0:05 compared with the vehicle injection
group). NGF exhibited a different expression pattern from
the former two factors. At one month after the 1st surgery,
NGF expression increased in the vehicle group (by 3.2-fold
compared with the intact nerve) but gradually fell to the base-
line level at a later time point. The cell group remained at a
low level of NGF expression at all time points. There was
no significant difference in the expression between the two
groups at any time point (Figure 6(c), P > 0:05).

The expression of MPZ in the two groups showed the
opposite trend compared with the BDNF and GDNF. The
cell group showed a gradually increasing trend at 1 month,
3 months, and 6 months after the 1st surgery and a decreasing
trend 2 weeks after the 2nd surgery. The vehicle group
showed a gradual downward trend after the 1st surgery. The
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Figure 6: Temporal mRNA expression of growth factors in the distal nerve stump after the 1st and 2nd surgery-I. The transplanted neurons
downregulated the expression of GAGs (a, GDNF; b, BDNF; c, NGF) and upregulated the expression of a myelin-related gene (d, MPZ). Two
weeks after the 2nd surgery-I, the excision of transplanted neurons upregulated the expression of GAGs and downregulated the expression of a
myelin-related gene. The expression level for each gene in the distal nerve was calculated as the fold change compared with that in the
contralateral intact nerve (normalized to 1 as an arbitrary unit). Asterisks placed above the standard error bars indicate a significant
difference between the cell injection and vehicle injection groups at a given time point (∗∗P < 0:01 compared with the vehicle injection
group, ∗P < 0:05 compared with the vehicle injection group). Error bars represent SEM.
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expression of MPZ in the cell group at each time point was
higher than that in the vehicle group, and the difference
between the two groups at 6 months after the 1st surgery
was significant (Figure 6(d), ∗P < 0:05 compared with the
vehicle injection group).

3.5. Reactivation of SCs in Grafts Promoted Axon
Regeneration and Remyelination after 2nd Surgery-II. After
the segment including the grafted cells was removed and a
10mm segment of the distal stump was transplanted to
bridge the freshly cut TIB nerve, the axon from the proximal
TIB nerve was able to regenerate into the graft. Three months

later, retrograde FG labeling and EM analysis were per-
formed to evaluate regeneration and remyelination in the
transplanted nerve. The number of labeled motor neurons
in the cell group was significantly higher than that in the
vehicle group (278:1 ± 34:3 vs. 423:4 ± 47:8, P < 0:05;
Figures 4(a), 4(b), and 4(e)). Consistent with the finding of
FG labeling, the number of myelinated axons in the vehicle
group was more abundant in the cell group (266:2 ± 43:7
vs. 416:3 ± 49:5, P < 0:05; Figures 4(c), 4(d), and 4(f)).
Moreover, the G-ratio (axonal diameter/total length of
the myelin sheath) in the cell group was significantly
higher than that in the PC group (0:71 ± 0:04 vs. 0:39 ±
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Figure 7: IHC and electrophysiological analysis of the GM 3months after the 2nd surgery-II. (a) There was no significant difference in the R/L
wet weight ratio between the two groups (P > 0:05). (b–d) IHC staining of NMJs showed more reestablished NMJs (arrows) in the cell group
than in the vehicle group. Statistical analysis showed a higher reinnervation rate in the cell group (∗P < 0:05, compared with the vehicle
injection group). (e–h) Typical CMAP amplitude and muscle force. (i, j) The R/L ratio of CMAP amplitude and muscle force in the cell
group showed no significant differences compared with the vehicle group (P > 0:05).
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0:05, P < 0:05; Figure 4(g)), indicating that the myelin sheath
of the myelinated nerve fibers in the cell group was thicker
than that in the vehicle group.

3.6. Reactivation of SCs in Grafts Promoted Reinnervation of
the Muscle after the 2nd Surgery-II. Three months after the
2nd surgery-II, the muscles of each group were significantly
atrophied compared with those on the contralateral side.
The wet weight R/L ratios of the quadriceps muscles in
the vehicle group and cell group were 0:77 ± 0:17 and
0:61 ± 0:12, respectively, which did not significantly differ
(Figure 7(a), P > 0:05). We further analyzed the reinnerva-
tion of the denervated motor endplates by IHC staining of
axon terminals and AchRs (Figures 7(c) and 7(d)). We
found both denervated and reinnervated motor endplates
in both groups, and the reinnervation rate was signifi-
cantly higher in the cell group than in the vehicle group
3 months after the 2nd surgery-II (P < 0:05, Figure 7(b)).
Electrophysiological analysis showed that the average
CMAP and muscle contractility force were slightly higher
in the cell group than in the vehicle group (Figures 7(e)–
7(h)), but there were no statistically significant differences
(Figures 7(i) and 7(j), P > 0:05).

4. Discussion

In this study, we combined cell transplantation and nerve
transfer strategies to investigate whether the transplantation
of embryonic spinal cord cells could benefit the microenvi-
ronment of the distal stump of the injured nerve. A two-
stage surgery model was used, and we showed that at differ-
ent times after transplantation, the transplanted embryonic
spinal cord cells could survive and generate neurons. Thus,
the neurons play the role of proximal axons to prevent
chronic degeneration and fibrosis of SCs. After excision of
the transplanted cells, the SCs returned to their dedifferen-
tiated phenotype and upregulated growth-associated gene
expression. The ability of SCs to be activated again allowed
a favorable microenvironment to be created and enhanced
the regeneration and remyelination of proximal axons. Mus-
cle reinnervation was also elevated. This transplantation
strategy could provide a treatment option for complex neuro-
logical injuries in the clinic.

4.1. The Principle Underlying the Design of the Experiment.
As early as 1993, Erb et al. transplanted embryonic spinal
cord cells into the distal stump of an injured peripheral nerve
and found that neurons could survive and regenerate axons,
dominating distal muscles [26]. To promote the efficacy of
transplantation, later studies introduced several methods to
transform the cells by inducing differentiation, applying elec-
trical stimulation, increasing trophic factor expression, and
transfecting with light-sensitive proteins [27–30]. However,
the main purpose of these studies was neuronal replacement,
and it remains difficult to use the abovementioned cells to
replace autologous neurons in clinical practice. Because the
distal nerve stumpmay be less tolerating than muscle, a more
practical strategy to improve regeneration is to maintain the
distal nerve in an “available” state to accept the proximal

axons [17]. A previous study used mesenchymal stem cell
transplantation to activate denervated SCs in predegenerated
nerves, but because the denervation time of the distal stump
is short, the true utility of this approach is uncertain [31]. The
current “side-to-side,” “side-to-end,” “end-to-side,” and
“supercharge end-to-side” surgical methods in clinical prac-
tice are used to “babysit” distal nerves while waiting for the
arrival of proximal regenerating axons [10, 32, 33]. Inspired
by the clinical “babysit” concept, after transplanting cells to
protect the distal nerve for a period of time, we cut off the
cells and terminated the protection. The role of transplanted
cells is “mobile power charging” without relying on
surrounding donor nerves. The purpose of this study is to
demonstrate that the presence and absence of transplanted
cells have a regulatory effect on SCs in the distal nerve and
this regulation can improve the ability of SCs to induce prox-
imal axons.

In our previous studies, it was also proven that the
reexcision of transplanted cells promoted the regeneration
of axons after secondary replantation, although the degener-
ation time of the distal nerves in the experimental model was
only 3 months [13]. Gordon et al. found that the proliferation
and phenotypic changes of SCs in the distal nerves after
peripheral nerve transection were maintained until one
month after surgery. With prolonged denervation time, the
number of SCs and the expression of GAGs in the distal
nerves gradually decrease. Six months after transection, SCs
are significantly atrophied, and the reversion of growth factor
expression to baseline levels makes axonal regeneration
difficult to induce [15]. Therefore, the time of chronic neuro-
degeneration was extended to 6 months in this study. More-
over, our previous research used a cross-suture model, which
was unable to distinguish cells from promoting regeneration
through the action of distal nerves or muscles. The mecha-
nism underlying the phenomenon was not clearly explained.
This study used a cell-treated graft to bridge fresh nerve axot-
omy, thus excluding the effects of muscle factors on the
results, demonstrating that cell-treated grafts do improve
the regeneration of proximal axons. Changes in the SC phe-
notype and GAG expression were also detected at different
time points after cell transplantation and after excision of
the transplanted cells to explore the interaction between
transplanted cells and peripheral nerve SCs.

4.2. Innervation by Transplanted Neurons Maintained the
Quantity and Myelinated Phenotype of SCs. During periph-
eral nerve regeneration, SC proliferation was enhanced by
growth-associated proteins (GAPs), such as neuregulin and
GAP-43, which are secreted by proximal axons. When SCs
do not receive a proximal signal for a long period of time,
they gradually degenerate and decrease in number [34]. In
the present study, during the 6-month period of survival of
transplanted cells, S100 IHC staining suggested that the
number of SCs in the distal nerves was maintained at a high
level, while the SCs in the vehicle group gradually degener-
ated, exhibited fibrosis, and decreased in number. Thus,
transplanted cells may replace proximal axons and play a role
in maintaining the number of SCs, laying the foundation for
promoting regeneration after the 2nd surgery.
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In addition to proliferation, dedifferentiated SCs trans-
form the myelin-formation phenotype into a growth-
supportive phenotype. The expression of myelin-related
genes decreased, and the expression of dedifferentiated SC
marker P75 and GAGs such as GDNF, BDNF, and NGF
was upregulated [35]. Consistent with previous research,
one month after the 1st surgery, P75 and the trophic factors
GDNF and BDNF were highly expressed in the vehicle
group. It was noted from our study that NGF was not statis-
tically different at all time points. This may be due to the fact
that NGF is a traditional sensory neurotrophins, the expres-
sion of which will be upregulated in denervated sensory nerve
(cutaneous-derived SCs), but its degree of upregulation was
significantly weaker than that of another sensory neurotro-
phins “BDNF.”Moreover, the CP was a mixed nerve and pre-
dominated was motor axons, after denervation, the motor-
derived SCs may not upregulate the expression of NGF.
Together, these two factors lead to the upregulation of NGF
in the vehicle group not as significant as BDNF and GDNF
in the denervated CP. This is consistent with a previous
report that the expression of NGF was not significantly dif-
ferent in the denervated nerve and immediately repaired
nerve [14].

When proximal axonal growth occurs, SCs gradually
change from a dedifferentiated phenotype to a mature phe-
notype when they form myelin to surround axons to support
nerve impulse conduction, and therefore, the expression of
P75 and GAGs declines [14, 35, 36]. Based on the IHC
results, we confirmed that after the 1st surgery, in the cell
group, neurons gradually emitted axons to innervate the dis-
tal nerves, while SCs gradually formed myelin sheaths to sur-
round axons over time. The distal nerve switched from a
denervated state to an innervated state. The expression of
P75 was significantly lower in the cell group than in the vehi-
cle group at 1 month after the 1st surgery, suggesting a
decrease in dedifferentiated SCs. Similarly, the expression of
regeneration-related factors was also significantly lower in
the cell group than in the vehicle group. When more SCs
were converted to mature phenotypes, the expression of
P75 and regeneration-related factors in the cell group
decreased slowly. SCs in the vehicle group decreased their
P75 and trophic factor expression levels at a faster rate over
time, which were similar to the levels in the cell group at 6
months after the 1st surgery. The growth-supportive pheno-
type cannot be maintained for a long period of time without
proximal axons, and thus, SCs eventually enter a chronic
degenerative and fibrotic state [14, 34, 37].

4.3. Reactivation of SCs by Transplanted Neuron Excision
Promoted Axon Regeneration and Remyelination. Six months
after the 1st surgery, minimal positive staining for P75 was
found in the distal nerve in both groups. The expression of
GAGs in the two groups was also at a low level close to base-
line. However, the expression of the myelin gene was still
active distal to the cell transplanted site in the cell group,
indicating that remyelination was ongoing. MBP staining
also confirmed gradual formation of the myelin sheath over
time in the cell group. These phenomena were absent in the
vehicle group.

Two weeks after the 2nd surgery-I, the expression of P75
in the distal cells of the cell group again increased. The levels
of neurotrophic factors GDNF and BDNF were significantly
higher than the baseline levels before excision, while the
expression of the myelin gene was significantly lower than
before excision. The vehicle group did not exhibit this effect,
suggesting that resecting the cell transplanted site is equiva-
lent to cutting off the proximal axon again. The SCs in the
distal stump of the cell transplantation site undergo a “fresh
degeneration” process and convert to a dedifferentiated phe-
notype. The function of SCs shifts from forming myelin to
guiding axon regeneration. In the vehicle group, SCs undergo
long-term degeneration for 6 months and become atrophic
and fibrotic, and even if the proximal nerve segment is
removed, a state of dedifferentiation cannot be reinitiated.
These results also indirectly suggest an interaction between
the transplanted cells and the distal segment of SCs, and the
effect provides an ideal environment for axonal regeneration.

In the 2nd surgery-II, the redegeneration distal CP
nerve was used as a graft to bridge the freshly cut TIB
nerve end. The results also demonstrated that the cell-
protected nerve segment promoted the regeneration of
proximal axons, which verified our hypothesis. The EM
analysis also revealed that the remyelination of regenerated
axons was significantly improved, indicating that the SCs
in the graft did not lose their ability to form myelin after
redegeneration, but rather, this ability was enhanced. Fur-
thermore, we examined the recovery of muscle after the
2nd surgery-II and found that the reinnervation rate of
the GM in the cell group was increased, although there
were no significant differences in muscle atrophy and
EMG function. In a study by Gordon et al., the degree
of muscle atrophy and contraction force after bridging
surgery was similar between the chronic denervation graft
group and the fresh graft group, which is consistent with
our results [4]. A possible explanation is that although
the number of axons through the chronic denervation
graft is insufficient, the limited number of formed motor
units can compensate for the loss of quantity by the
increased function of a single motor unit, thereby achiev-
ing functional recovery and alleviating atrophy. In our
previous study, the model protected both the distal nerves
and muscles, and a difference in muscle atrophy and func-
tion was found after the second-stage repair. The findings
proved that transplanted cells have a separate protective
effect on muscles, although the mechanism requires fur-
ther study [13]. These data prove our original argument
that the activation of chronic SC denervation but not
chronic denervation of muscles by our strategy improves
axon regeneration and reinnervation independently.

There are several limitations of this study. First, our study
lacked a noninjected control group containing animals that
did not receive an injection. It is possible that the second
surgery itselfmay have an effect on the distal stump evenwith-
out the implantation of cells. Furthermore, the embryonic spi-
nal cord cells were amixture of neurons and neural progenitor
cells [38]. We lacked a group of other cells (such as glial cells)
and cannot rule out the possible effects of factors secreted by
glial cells on the results; a more pure neuron source, such as
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induced pluripotent cells, would be ideal. Moreover, the
mechanisms underlying the protection of the denervated
muscle from atrophy remain to be elucidated, and further
studies from a molecular perspective are required.

5. Conclusions

Neurons transplanted into the distal stump of the injured
nerve can interact with SCs, playing the role to some
extent of proximal axons and preventing chronic degener-
ation and fibrosis of SCs. The ability of SCs to be activated
again after resection of the neurons allows a favorable micro-
environment to be created for promoting the growth of prox-
imal axons. This transplant strategy could provide a treatment
option for complex neurological injuries in the clinic.
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The osteogenic potential of mesenchymal stromal cells (MSCs) varies among different tissue sources. Strontium enhances the
osteogenic differentiation of bone marrow-derived MSCs (BM-MSCs), but whether it exerts similar effects on placental decidual
basalis-derived MSCs (PDB-MSCs) remains unknown. Here, we compared the influence of strontium on the proliferation and
osteogenic differentiation of human PDB- and BM-MSCs in vitro. We found that 1mM and 10mM strontium, but not 0.1mM
strontium, evidently promoted the proliferation of human PDB- and BM-MSCs. These doses of strontium showed a comparable
alkaline phosphatase activity in both cell types, but their osteogenic gene expressions were promoted in a dose-dependent
manner. Strontium at doses of 0.1mM and 1mM elevated several osteogenic gene expressions of PDB-MSCs, but not those of
BM-MSCs at an early stage. Nevertheless, they failed to enhance the mineralization of either cell type. By contrast, 10mM
strontium facilitated the osteogenic gene expression as well as the mineralization of human PDB- and BM-MSCs. Collectively,
this study demonstrated that human PDB- and BM-MSCs shared a great similarity in response to strontium, which promoted
their proliferation and osteogenic differentiation in a dose-dependent manner.

1. Introduction

Large bone defects, resulting from trauma, infection, and
congenital diseases, remain a great challenge in the
clinic. Mesenchymal stromal cells (MSCs) are fibroblast-

like adherent cells with a self-renewal ability and multipo-
tency. They are considered as promising seed cells for bone
regeneration, mainly due to their osteogenic potential and
paracrine effects [1, 2]. Currently, bone marrow represents
the main source of MSCs for clinical studies. A great
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number of animal studies and several clinical trials have
shown that bone marrow-derived MSCs (BM-MSCs)
improved bone regeneration [2, 3]. However, several draw-
backs hinder wide clinical application. For example, the iso-
lation of BM-MSCs requires an invasive procedure, and the
proliferation and differentiation capability of BM-MSCs
decrease with donor age [4, 5]. Therefore, many researches
tried to explore other sources of MSCs for bone regeneration.

The human placenta is an attractive source of MSCs
because of the noninvasive tissue collection, the lack of
ethical concerns, the high cell harvest rate, and the robust cell
proliferation ability [6]. MSCs have been isolated from
different parts of the placenta, including the chorionic villi,
amnion membrane, and decidual basalis [7–10]. They can
undergo osteogenic differentiation when cultured in the tra-
ditional osteogenic medium or stimulated by the osteogenic
growth factors (e.g., bone morphogenic proteins) in vitro
[11]. When grafted in combination with osteoinductive
scaffolds, they are able to form bone tissue at the ectopic sites
[12, 13]. Noticeably, they also enhanced bone regeneration
after transplantation at the bone defects [14, 15]. Neverthe-
less, several studies have revealed that the osteogenic poten-
tial of placenta-derived MSCs was inferior to that of the
BM-MSCs [16–18], highlighting the need of developing
efficient strategies to improve the osteogenic commitment
of cells.

Strontium is a trace element in natural bone tissue that
has dual effects on bone metabolism. It enhances the prolifer-
ation of osteoprogenitor cells, while inhibiting the terminal
differentiation of osteoclasts [19]. Considering the chemical
stability and low cost of strontium, many efforts have been
made in developing strontium-modified scaffolds to enhance
bone repair in combination with MSCs [20, 21]. It is well-
known that strontium promotes the osteogenic differentia-
tion of osteoblast and BM-MSCs derived from rodent species
[22–28]. However, much fewer studies have determined the
effect of strontium on MSCs derived from human tissues
[29–32], especially those derived from perinatal tissues. Yang
et al. has reported the enhanced osteogenic response of
human umbilical cord-derived MSCs to strontium stimula-
tion [32], but the influence of strontium on MSCs derived
from other human perinatal tissues, such as the decidual
basalis, has not been investigated yet.

Since tissue origin profoundly influences the biological
properties of MSCs, including their proliferation ability and
differentiation potential [16–18, 33], it is reasonable to
assume that human BM-MSCs and placental decidual
basalis-derived MSCs (PDB-MSCs) might respond differ-
ently to strontium stimulation. In this study, we first deter-
mined the proper treatment doses of strontium for both cell
types and then compared the effect of strontium on their
osteogenic differentiation in vitro, with the aim of providing
valuable information for potential applications of strontium
for MSC-based bone regeneration.

2. Materials and Methods

2.1. Cell Isolation. This study was approved by the ethics
committee of West China Hospital, Sichuan University.

Human placentas were obtained from four healthy donors
(age ranging from 25 to 33) with informed consent. PDB-
MSCs were isolated as described in our previous report [7].
Briefly, decidua basalis was dissected from placentas, washed
in phosphate-buffered saline (PBS), minced into small pieces
of tissue, and digested with 0.25% Trypsin (Gibco, USA) and
0.1% Collagenase IV (Invitrogen, USA). After centrifugation,
the nucleated cells were resuspended and cultured in the
growth medium containing Dulbecco’s modified Eagle’s
medium-high glucose (Gibco, USA), 10% fetal bovine serum
(HyClone, USA), and 1% penicillin/streptomycin (Gibco,
USA). The growth medium was changed every 3 days. When
the cells reached 70-80% confluence, they were collected by
0.25% trypsin/ethylene diamine tetraacetic acid (EDTA;
Sigma-Aldrich, USA) treatment and passaged at a dilution
of 1 : 3. Cells from the 4th passage of each donor were pooled
together, and the mixed cells were cultured for an additional
1 to 3 passages for further use in the subsequent studies.

Human bone marrow samples were obtained from one
healthy female donor (25 years old) and three patients with
scoliosis (one female donor and two male donors, age
ranging from 15 to 18) with informed consent. BM-MSCs
were isolated according to our previous description [34].
Briefly, bone marrow aspirates were diluted with PBS, layered
over Ficoll solution (TBD Science, China), and centrifuged at
500 g for 30mins to collect mononuclear cells from the
gradient interface. Then, the mononuclear cells were cultured
in the growth medium, which was changed to remove the
nonadherent cells after 72 hours of culture. When the cells
reached 70-80% confluence, they were passaged at a ratio of
1 : 3. The cells at passage 4 from each donor were pooled
together, and the mixed cells were subcultured for additional
passages. Cells at the 5th to 7th passage were used in the
following experiments.

2.2. Cell Characterization. The multilineage differentiation
potential of human BM-MSCs and PDB-MSCs was investi-
gated according to our previous reports [7, 34]. Briefly, the
cells were seeded at a density of 1 × 104 cells/cm2. For osteo-
genic differentiation, the cells were cultured in the osteogenic
medium containing the growth medium, 50mg/L L-ascorbic
acid-2-phosphate (Sigma-Aldrich, USA), 10-7M dexametha-
sone (Sigma-Aldrich, USA), and 10mM β-glycerophosphate
(Sigma-Aldrich, USA). The osteogenic medium was changed
every 3 days. After induction for 21 days, the samples
were fixed in 75% ethanol and stained with 1% alizarin
red solution (Sigma-Aldrich, USA) for 30mins at 37°C.

For adipogenic differentiation, the cells were cultured in
the adipogenic medium containing the growth medium,
0.25μM dexamethasone (Sigma-Aldrich, USA), 10μM insu-
lin (Sigma-Aldrich, USA), 0.5μM isobutyl-methylxanthine
(Sigma-Aldrich, USA), and 50μM indomethacin (Sigma-
Aldrich, USA). The adipogenic medium was changed every
3 days. After induction for 15 days, the samples were fixed
with 10% formalin and stained with oil red O solution
(Sigma-Aldrich, USA) for 45mins to detect lipid droplets in
the cytoplasm.

For chondrogenic differentiation, the cells were cul-
tured in the chondrogenic medium containing the growth
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medium, 100mg/L sodium pyruvate (Sigma-Aldrich, USA),
10μg/L transforming growth factor-β1 (R&D Systems,
USA), 100mg/L ascorbate-2-phosphate (Sigma-Aldrich,
USA), 1% insulin-transferrin-selenium (Gibco, USA), and
0.1μMdexamethasone (Sigma-Aldrich, USA). The chondro-
genic medium was changed every 3 days. After induction for
14 days, the samples were stained with Alcian Blue 8GX
(Cyagen Biosciences, China) for 30mins to observe the depo-
sition of glycosaminoglycans. After histological staining, all
of the samples were observed and photographed by a
phase-contrast microscope (Olympus Corporation, Japan).

2.3. Cell Proliferation. Both BM- and PDB-MSCs were
cultured in the growth medium or the growth medium
supplemented with different concentrations of SrCl2·6H2O
(Kelong, China), respectively. The cells cultured in the
growth medium served as the control group. Briefly, the cells
were seeded at a density of 3000 cells/well in 96-well plates.
Cell proliferation was continually monitored using an ala-
marBlue® Cell Viability Reagent (Invitrogen, USA) on days
1, 3, and 7. At each timepoint, the cells were rinsed with
PBS and then incubated with 100μL working solution
prepared according to the manufacturer’s instructions for
4 h at 37°C. Finally, the absorbance was recorded using a
plate reader (Molecular Devices, USA) at 570nm, using
600nm as a reference wavelength.

2.4. Live/Dead Staining. Human BM-MSCs were seeded at a
density of 5,000 cells/cm2 in 12-well plates and cultured in
the growth medium or the growth medium supplemented
with strontium at doses of 0.1mM, 1mM, and 10mM,
respectively. On days 1, 3, and 7, a Live/Dead® Cell Viability
Assay Kit (Invitrogen, USA) was used to monitor cell via-
bility. The samples (n = 3 for each group) were gently
washed with PBS for two times and then incubated in
the working solution for 30mins at 37°C. Cell viability
was observed by an inverted fluorescence microscope
(Olympus Corporation, Japan).

2.5. Cell Apoptosis Analysis. Human BM-MSCs were seeded
at a density of 5,000 cells/cm2 in 25 cm2 culture flasks and
cultured in the growth medium or the growth medium
supplemented with different doses of strontium (0.1mM,
1mM, and 10mM) for 3 days, respectively. The cells cultured
in the growth medium served as the control group. After cell
culture, the cells were harvested for apoptosis detection
(Annexin V-FITC Apoptosis Detection Kit, Beyotime
Institute of Biotechnology, China) according to the manufac-
turer’s instructions, and the samples were analysed using
flow cytometry (FACSAria II, BD Biosciences, USA).

2.6. Alkaline Phosphatase (ALP) Activity Assay. Human BM-
and PDB-MSCs were seeded at a density of 5000 cells/cm2

and cultured in the growth medium or the osteogenic
medium added with different doses of strontium (0.1mM,
1mM, and 10mM), respectively. The cells cultured in the
growth medium or the osteogenic medium served as the con-
trol group, respectively. After 7 days of culture, the ALP
activity of cells (n = 4 for each group) was measured using
an ALP assay kit (Nanjin Jiancheng Bioengineering Institute,

China). Briefly, the cells were detached by 0.25% trypsin/
EDTA, resuspended in deionized H2O (100μL/sample),
and lysed by three freeze-thaw cycles. Then, the ALP activity
of cell lysates was determined according to the manufac-
turer’s instructions. The absorbance at 405nm was read by
a plate reader (Molecular Devices, USA). The ALP activity
results were normalized to the amount of total protein, which
was quantified using a BCA protein assay kit (Bio-Rad, USA).

2.7. ALP Staining. Human BM- and PDB-MSCs were seeded
at a density of 5000 cells/cm2 and cultured with different
doses of strontium (0.1mM, 1mM, and 10mM) supple-
mented in the growth medium or the osteogenic medium,
respectively. The cells cultured in the growth medium or
the osteogenic medium served as the control group, respec-
tively. After 7 days of culture, the ALP activity of cells
(n = 3 for each group) was observed using an ALP staining
kit (Sigma-Aldrich, USA). Briefly, the cells were fixed in 4%
phosphate-buffered paraformaldehyde for 30mins at room
temperature, washed with running water, stained with an
ALP staining kit according to the manufacturer’s instruc-
tions, and finally observed using microscopy (Olympus
Corporation, Japan).

2.8. Real-Time Polymerase Chain Reaction (RT-PCR). Human
BM- and PDB-MSCs were seeded at a density of 5000
cells/cm2 and cultured with different doses of SrCl2·6H2O
(0.1mM, 1mM, and 10mM) supplemented in the growth
medium or the osteogenic medium, respectively. The cells
cultured in the growth medium or the osteogenic medium
served as the control group, respectively. After culture for
3, 7, and 14 days, total RNA (n = 4 for each group) was
extracted using a RNAiso Plus reagent (Takara Bio, Japan)
and then reverse-transcribed into cDNA using a Prime-
Script RT Reagent Kit (Takara Bio, Japan). Gene expression
was quantified using a SYBR Premix Ex Taq II Kit (Takara
Bio, Japan) in an iQ5 real-time system (Bio-Rad, USA).
The primers for the osteogenic genes and the housekeep-
ing gene, including runt-related transcription factor 2
(Runx2), osteocalcin (OC), osteoprotegerin (OPG), osteo-
pontin (OPN), and glyceraldehyde-3-phosphate dehydroge-
nase (GADPH), are listed as follows: Runx 2: forward
primer—CCCAGTATGAGAGTAGGTGTCC, reverse
primer—GGGTAAGACTGGTCATAGGACC; OC: forward
primer—GAGGGCAGCGAGGTAGTGAA, reverse primer—
TCCTGAAAGCCGATGTGGTC; OPN: forward primer—
TGACCAGAGTGCTGAAACCCA, reverse primer—CCTG
ACTATCAATCACATCGGAAT; OPG: forward primer—
GGTCTCCTGCTAACTCAGAAAGG, reverse primer—
CAGCAAACCTGAAGAATGCCTCC; and GAPDH: forward
primer—CTTTGGTATCGTGGAAGGACTC, reverse primer—
GTAGAGGCAGGGATGATGTTCT. GADPH served as the
housekeeping gene. Target gene expression was analyzed
by the 2-△△Ct method. Results were expressed relative to
the gene expression level of the control group.

2.9. Mineralization Assay. Human BM- and PDB-MSCs
were seeded at a density of 5000 cells/cm2 in 6-well plates
and were cultured in the osteogenic medium supplemented
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with different doses of strontium (0.1mM, 1mM, and
10mM) for 21 days, respectively. The cells cultured in the
osteogenic medium served as the control group. After induc-
tion, the samples (n = 3 for each group) were stained with
alizarin red as described above and were grossly visualized.

2.10. Statistical Analysis. Data were expressed as the mean ±
standard deviation (SD). A one-way ANOVA followed by
Dennett’s Multiple Comparison Test was performed for sta-
tistical testing using GraphPad Prism software (GraphPad
Software Inc., USA), and p < 0:05 was considered significant.

3. Results

3.1. Strontium Enhanced the Proliferation of BM- and PDB-
MSCs. Human BM- and PDB-MSCs were characterized
before investigating their responses to strontium stimulation.
Similar to our previous reports [7, 34], both cells showed
a fibroblastic-like morphology and possessed the osteo-
genic, adipogenic, and chondrogenic differentiation potential
in vitro (Figure 1). Interestingly, after chondrogenic induc-
tion, both BM- and PDB-MSCs were positive for Alcian blue
staining, but there was an obvious difference between them: a
multilayered cell sheet was observed in BM-MSCs, while
PDB-MSCs formed cellular nodules. This result indicates a
tissue origin-dependent variation in the chondrogenic poten-
tial of MSCs, which has been reported by other research
groups [35].

To determine the proper doses of strontium, both cell
types were cultured with different concentrations of stron-
tium (0.01mM, 0.1mM, 0.5mM, 1mM, 5mM, 10mM, and
20mM). The cell proliferation was evaluated on days 1, 3,
and 7. As shown in Figure 2(a), strontium, at doses of
0.01mM, 0.5mM, 1mM, 5mM, and 10mM, facilitated the

growth of BM-MSCs, while 20mM strontium inhibited the
replication. For PDB-MSCs, the growth rate of cells treated
with 0.01mM, 0.1mM, and 0.5mM strontium was compara-
ble to the GM group at all timepoints. 1mM, 5mM, and
10mM strontium promoted the proliferation of PDB-MSCs
on day 7, while 20mM strontium showed an evident
inhibition on days 3 and 7 (Figure 2(b)).

To further confirm the cytotoxic effects of strontium on
human BM-MSCs, live/dead staining and cell apoptosis
analysis were performed. As shown in Figure 3(a), the cells
showed good viability (green fluorescence) on days 1, 3,
and 7, and few dead cells (red fluorescence) were observed
in each group. Similarly, the result of an apoptosis assay
revealed a comparable cell viability in the 0.1mM, 1mM,
and 10mM strontium groups when comparing with the
GM group (Figure 3(b)).

Considering the fact that the average strontium concen-
tration in the serum of postmenopausal women taking
2 g/day strontium ranelate orally is 0.117mM [36], and
combining this information with the above results, we
therefore chose 0.1mM, 1mM, and 10mM strontium in
the subsequent experiments to investigate the osteogenic
effects of strontium on BM- and PDB-MSCs.

3.2. Strontium Promoted the Osteogenic Differentiation of
BM- and PDB-MSCs in the Growth Medium. To determine
whether strontium promoted the osteogenic differentiation
of human BM- and PDB-MSCs without any other soluble
osteogenic factors, both cells were cultured in the growth
medium supplemented with different doses of strontium.
Then, the osteogenic differentiation of cells was measured,
including the ALP activity and the osteogenic gene
expression.

(a) (b) (c) (d)

(e) (f) (g) (h)

Figure 1: Characterization of human BM- and PDB-MSCs. Morphology of (a) BM-MSCs and (e) PDB-MSCs; scale bar: 200 μm. Alizarin red
staining of (b) BM-MSCs and (f) PDB-MSCs after osteogenic induction; scale bar: 200 μm. Oil red O staining of (c) BM-MSCs and (g) PDB-
MSCs after adipogenic induction; scale bar: 200μm. Alcian blue staining of (d) BM-MSCs and (h) PDB-MSCs after chondrogenic induction;
scale bar: 200μm for (d) and 100 μm for (h).
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Figure 2: Proliferation of BM- and PDB-MSCs cultured with different doses of strontium supplemented in the growth medium. (a) BM-
MSCs. (b) PDB-MSCs. ∗P < 0:05 when compared with the GM group; #P < 0:01 when compared with the GM group. GM: growth
medium. All of these results are representative of three independent experiments.
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Figure 3: Cytotoxic effects of strontium on human BM-MSCs. (a) Live/dead staining of human BM-MSCs cultured with different
concentrations of strontium; green fluorescence: live cells; red fluorescence: dead cells; scale bar: 500 μm. (b) Cell apoptosis analysis of
human BM-MSCs. The percentages of the following cell populations are indicated on the respective density plots: necrotic cells (Annexin
V-negative and PI-positive) are located in the upper left (C1), late apoptotic cells (Annexin V-positive and PI-positive) in the upper right
(C2), viable cells (Annexin V-negative and PI-negative) in the lower left (C3), and early apoptotic cells (Annexin V-positive and PI-
negative) in the lower right (C4) quadrants, respectively. GM: growth medium. All of these results are representative of three
independent experiments.
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As shown in Figure 4(a), only a few cells were positive for
the ALP staining in both cell types after 7 days of culture, and
there was no obvious difference among all groups in each cell
type. Accordingly, the ALP activity of strontium groups
(0.1mM, 1mM, and 10mM) was comparable to that of the
GM group (P > 0:05, Figure 4(b)). However, when compar-
ing with the ALP staining of BM-MSCs, a much weaker
staining result was found after PDB-MSCs were treated with
the same concentration of strontium (Figure 4(a)).

The osteogenic gene expression of cells on days 3, 7, and
14, including the expression of Runx2,OC,OPN, andOPG, is
shown in Figure 4(c). For BM-MSCs, 0.1mM and 1mM
strontium demonstrated a similar gene expression level when
compared with the GM group, while 10mM strontium sig-
nificantly enhanced the expression of OC, OPN, and OPG
on days 3, 7, and 14, and the expression of Runx2 on day 3.
For PDB-MSCs, 0.1mM and 1mM strontium elevated the
expression of Runx2 on day 3, as well as the expression of
OC on day 7. Furthermore, 10mM strontium enhanced the
expression of OPN and OPG on day 14.

Altogether, these results revealed that, even without
any other soluble osteogenic factors, strontium promoted
the osteogenic differentiation of both cells in a dose-
dependent manner.

3.3. Strontium Promoted the Osteogenic Differentiation of
BM- and PDB-MSCs in the Osteogenic Medium. We next
determined whether strontium enhanced the osteogenic
differentiation of BM- and PDB-MSCs in an osteogenic
microenvironment in vitro. Both cells were cultured in the
osteogenic medium supplemented with different doses of
strontium. The osteogenic differentiation of cells was
measured by the ALP activity on day 7, the expression of
osteogenic genes on days 3, 7, and 14, and finally the miner-
alization of extracellular matrix on day 21.

As shown in Figure 5(a), both cells were positive for ALP
staining after osteogenic induction, but there was no obvious
difference among all groups in each cell type. Similarly, ALP
activity of the strontium groups (0.1mM, 1mM, and 10mM)
was comparable to that of the osteogenic medium (OST)
group on day 7 (P > 0:05, Figure 5(b)). Interestingly, BM-
MSCs showed stronger staining results when comparing with
that of PDB-MSCs after treated with the same concentration
of strontium (Figure 5(a)).

As shown in Figure 5(c), strontium promoted the
osteogenic gene expression of both cell types in a dose-
dependent manner. For BM-MSCs, 0.1mM and 1mM
strontium showed a comparable osteogenic gene expression
level to that of the OST group, while 10mM strontium
enhanced the expression of Runx2 on day 7, the expression
of OC on days 3, 7, and 14, the expression of OPN on days
3 and 7, and the expression of OPG on days 7 and 14.

For PDB-MSCs, 0.1mM strontium elevated the expres-
sion of OPN on days 7 and 14; 1mM strontium enhanced
the expression of OC on day 7; and notably, 10mM stron-
tium enhanced more osteogenic gene expressions than the
0.1mM and 1mM groups, facilitating the expression of OC
on days 7 and 14, the expression of OPN on day 7, and the
expression of OPG on days 3, 7, and 14 (Figure 5(c)).

The mineralization of cells was observed by the Alizarin
red staining (Figure 5(d)). Compared with the OST group,
0.1mM and 1mM strontium showed a similar mineraliza-
tion in both cell types, while 10mM strontium obviously
enhanced their mineralization.

Taken together, the above results clearly demonstrated
that strontium can effectively promote the osteogenic differ-
entiation of both BM- and PDB-MSCs under traditional
osteogenic induction in vitro.

4. Discussion

PDB-MSCs are multipotent and readily available and, thus,
present a potential cell source for bone repair. Nevertheless,
the osteogenic potential of MSCs derived from the placenta
tissues has been shown to be inferior to that of BM-MSCs
[16–18], suggesting a need for effective osteogenic induction.
As a trace element in natural human bone tissue, strontium
pronouncedly enhances bone regeneration, mainly through
stimulating the osteogenic differentiation of BM-MSCs while
inhibiting the differentiation of osteoclasts [19]. In this study,
we found that strontium facilitated the proliferation and
osteogenic differentiation of PDB-MSCs, which shared a
great similarity to the response of BM-MSCs. As far as we
know, this is the first study to investigate the effect of stron-
tium on the proliferation and osteogenic differentiation of
PDB-MSCs in vitro.

According to our results, strontium exerted a dose-
dependent effect on the proliferation of human PDB-MSCs,
which was also observed in human BM-MSCs. Similarly, in
other MSC cultures, such as rat BM-MSCs [26] and human
adipose tissue-derived MSCs [37], strontium also exerted a
dose-dependent effect on their proliferation. In this study,
we found that 20mM strontium inhibited the replication of
both PDB- and BM-MSCs, while 1mM, 5mM, and 10mM
strontium promoted their proliferation. In the literature, dif-
ferent results have been reported regarding the cytotoxic
effect of strontium on human BM-MSCs [29–31] and osteo-
blasts [38, 39]. For instance, it was found that strontium at
concentrations of 1mM and above drastically decreased the
viability of human BM-MSCs [30]. However, 1mM stron-
tium was also reported to enhance the proliferation of human
BM-MSCs by another research group [31]; additionally, it
was determined that 210.7μg/mL strontium (i.e., 2.4mM)
did not inhibit the proliferation of human BM-MSCs [29].
These discrepancies associated with strontium cytotoxicity
may be partially due to the following reasons: First, human
BM-MSCs derived from different donors respond differently
to strontium stimulation [31]. Second, the experiment
conditions, including cell culture medium, cell passage, and
methods used to test cytotoxicity, varied greatly among
studies [29–31]. Considering this, it is difficult to compare
them directly; instead, the discrepancies described above
highlight the need to determine proper concentrations for
experiment cells.

Unlike a proproliferation effect of the high concentra-
tions of strontium (1mM, 5mM, and 10mM) on both BM-
and PDB-MSCs, they responded differently to some lower
concentrations of strontium. For instance, 0.01mM and
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Figure 4: Effect of strontium on the osteogenic differentiation of BM- and PDB-MSCs cultured in the growth medium. (a) Results of the ALP
staining of BM- and PDB-MSCs cultured with strontium for 7 days. Red indicates positive staining. Scale bar: 100 μm. (b) The ALP activity of
BM- and PDB-MSCs treated with strontium for 7 days, n = 4 for each group. (c) The osteogenic gene expression of BM- and PDB-MSCs on
days 3, 7, and 14, n = 4 for each group. All of these results are representative of three independent experiments. ∗P < 0:05when compared with
the GM group; #P < 0:01 when compared with the GM group. GM: growth medium.
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Figure 5: Continued.
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0.5mM strontium increased the growth kinetics of human
BM-MSCs but not that of PDB-MSCs. This cell-type-
specific effect of strontium on the replication of somatic cells
was also observed by other researchers [40], yet the mecha-
nism underlying different cell responses remains largely
unknown and needs further studies.

Regarding the osteogenic effects of strontium onMSCs, it
has been reported that proper concentrations of strontium
facilitated the osteogenic differentiation of rodent BM-
MSCs [26–28], as well as MSCs derived from human tissues,
such as bone marrow [29–31], umbilical cord [32], and
adipose tissue [41]. In this study, we investigated, for the first
time, the osteogenic effects of strontium on human PDB-
MSCs, and found that 10mM strontium, but not 0.1mM or
1mM strontium, promoted their osteogenic differentiation,
which will provide a simple approach to stimulate the osteo-
genic potential of PDB-MSCs for bone regeneration.

Nevertheless, we should acknowledge that there are some
limitations in this work. First, a pool of MSCs derived from
four donors, but not cell replicates from each donor, was used
in the experiments. Although this makes the comparison of
MSCs derived from two different tissues simple and straight-
forward, it fails to uncover the donor-dependent variation in
the responses of each cell type, which is important for future
clinical applications. Second, the cells used in this study were
at the middle passages. It is well-known that MSC-based
therapies need a large number of cells, and that MSCs at
passage 3-7 are usually used as graft cells in clinics [42];
therefore, we used both cell types at passage 5-7 in this study,
which were relevant to the clinics. However, it should be
noted that the differentiation potential of human MSCs
declines with increasing passage number [43], and conse-
quently, further studies are suggested to determine the
proper cell passage for strontium stimulation. Last but not
least, the mechanism underlining the osteogenic effects of
strontium on human PDB-MSCs remains unknown. It has
been reported that strontium enhanced the osteogenic differ-
entiation of MSCs through different cell signaling pathways,
such as the Ras/MAPK pathway [28], the Wnt/β-catenin
pathway [32], and the MAPK/ERK pathway [44]. However,

it is still unknown whether these signaling pathways are
involved in the osteogenic differentiation of PDB-MSCs
treated with strontium, and thus further studies are required
to understand the target pathway.

Based on the above studies, it is clearly demonstrated that
10mM strontium, rather than 0.1mM and 1mM strontium,
obviously facilitated the proliferation and osteogenic lineage
commitment of human PDB- and BM-MSCs. Considering
the dose-dependent effect of strontium on the proliferation
and differentiation of humanMSCs, it is noteworthy to deter-
mine the proper ion release profile of strontium-containing
bone scaffolds when using these MSCs to fabricate tissue
engineered bone grafts.

5. Conclusions

In conclusion, strontium promoted the proliferation and
osteogenic differentiation of human PDB- and BM-MSCs
in a dose-dependent manner. At low doses of strontium
(0.1mM and 1mM), the osteogenic gene expression of
PDB-MSCs was slightly different from that of BM-MSCs,
but the mineralization of both cell types was not enhanced.
By contrast, they shared a great similarity in the response to
a relative high dose of strontium (10mM), which promoted
their proliferation and osteogenic differentiation. This dose-
dependent effect of strontium should be taken into consider-
ation when combining strontium and human MSCs for
bone regeneration.
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Figure 5: Effect of strontium on the osteogenic differentiation of BM- and PDB-MSCs cultured in the osteogenic medium. (a) ALP staining
of BM- and PDB-MSCs cultured with strontium for 7 days. Red indicates positive staining. Scale bar: 100 μm. (b) ALP activity of BM- and
PDB-MSCs treated with strontium for 7 days. n = 4 for each group. (c) Osteogenic gene expression of BM- and PDB-MSCs on days 3, 7, and
14. n = 4 for each group. (d) Alizarin red staining of BM- and PDB-MSCs after 21 days of culture. Red indicates the mineralization of the
extracellular matrix. All of these results are representative of three independent experiments. ∗P < 0:05 when compared with the OST group;
#P < 0:01 when compared with the OST group. OST: osteogenic medium.
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PDB-MSCs: Placental decidual basalis-derived mesenchy-
mal stromal cells

Runx2: Runt-related transcription factor 2.
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Tendons are unique connective tissues in the sense that their biological properties are largely determined by their tendon-specific
stem cells, extracellular matrix (ECM) surrounding the stem cells, mechanical loading conditions placed on the tendon, and the
complex interactions among them. This review is aimed at providing an overview of recent advances in the identification and
characterization of tendon stem/progenitor cells (TSPCs) and their interactions with ECM and mechanical loading. In addition,
the effects of such interactions on the maintenance of tendon homeostasis and the initiation of tendon pathological conditions
are discussed. Moreover, the challenges in further investigations of TSPC mechanobiology in vitro and in vivo are outlined.
Finally, future research efforts are suggested, which include using specific gene knockout models and single-cell transcription
profiling to enable a broad and deep understanding of the physiology and pathophysiology of tendons.

1. Introduction

Tendons are specialized tissues that enable joint movements
by transmitting muscular forces from muscle to bone. They
are relatively hypocellular tissues that are composed of an
extracellular matrix (ECM), predominantly of collagen [1,
2], which is organized in a hierarchical manner. The collagen
molecules assemble into fibrils that form fibers, fibers form
fascicles, and bundles of fascicles form the fascicular matrix
(FM). Endotenon, also known as the interfascicular matrix
(IFM), occupies the space between fascicle bundles and is
covered by epitenon and another layer of paratenon forming
the whole tendon unit [1, 3]. Additionally, tendon contains
two major types of cells, tenocytes and tendon stem/progeni-
tor cells (TSPCs). Under normal conditions, tenocytes are
responsible for maintaining tendon homeostasis, whereas
TSPCs replenish tendon cells by undergoing self-renewal
and differentiation [4, 5]. Tendon also contains other cell

types such as endothelial cells, synovial cells of the tendon
sheaths, and chondrocytes at the pressure and insertion sites
in smaller amounts [3, 6].

The first study that isolated and characterized TSPCs
indicates that these cell populations reside within the
tendon proper (midsubstance) that comprises FM and
IFM [4]. These cells are not strictly classified as “stem” cells,
since they display heterogeneity in their biological proper-
ties. Instead, they were classified as “stem/progenitor” cells
considering the possibility of inclusion of progenitor cells,
which are destined to undergo differentiation towards a spe-
cific lineage. Indeed, while TSPCs possess multidifferentia-
tion potential, they may contain progenitors that may
specifically differentiate into tenocytes. Although TSPCs
have been isolated and identified more than a decade ago,
the lack of specific markers poses a challenge to study them
further. In addition, distinctive populations of TSPCs have
been identified from locations other than the tendon proper
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such as peritenon [7–9], but their functions are yet to be
defined.

The hierarchical tendon structure is well optimized for its
specific functions. Mechanical loads placed on the tendons are
transformed into biochemical signals to tendon cells, which
respond appropriately to regulate the metabolism of tendon
and its structural properties [10, 11]. However, mechanical
overloading may cause tendon injury, which is a common
clinical problem affecting the quality of life for millions [12,
13]. Once tendon injury occurs, a successive natural healing
process is thought to take place in three phases: inflammation
(infiltration of inflammatory cells), proliferation (formation of
new cells), and remodeling of ECM (change in the structure
and form of tendon matrix) [14].

There are two categories of tendon injury: acute and
chronic. Acute tendon injury, either partial or complete tear,
results from a sudden tendon rupture that may be spontane-
ous or caused by direct trauma. Chronic tendon injury,
commonly referred to as tendinopathy, is generally thought
to result from repetitive mechanical overloading on the ten-
don, genetic predisposition, and age-related degeneration
[15–17]. While pain and disability are the clinical indicators,
the pathological features of tendinopathy include changes in
the extracellular matrix (ECM) with collagen disorganiza-
tion, proteoglycan deposition, neovascularization, and calci-
fication [18, 19]. Several mechanisms have been proposed
for the pathogenesis of tendinopathy that include with or
without inflammation-mediated changes in tendon [20–22].

Due to the hypocellularity and hypovascularity of the ten-
don, the natural healing ability of tendons is rather limited [23,
24]. Moreover, tendon healing results in the formation of scar
tissues, manifested by disorganized collagen matrix, increased
proteoglycan and glycosaminoglycan content, and increased
noncollagenous ECM [25–27]. Despite years of research,
restoration of damaged tendon tissues to normal structure
and function remains a great challenge in sports medicine
and orthopaedic surgery. In particular, tendinopathic tendons
respond poorly to current treatments including NSAIDS, cor-
ticosteroid and PRP injections, exercise-based physical ther-
apy, and surgery [28]. Although heavy slow resistance (HSR)
training reduces pain and improves collagen fibril morphology
in a small number of patients [29], the efficacy of HSR training
remains to be verified with large randomized controlled trials.
By and large, current therapeutic strategies are palliative due
to the limited understanding of the cellular and molecular
mechanisms of tendinopathy. The development of new effec-
tive treatment options needs an in-depth understanding of
basic tendon biology and, in particular, the function of
tendon cells and their interactions with ECM in tendon.

Moreover, tendon is a mechanoresponsive tissue. There-
fore, tendon homeostasis is maintained not only by the cells
and ECM, but also by the mechanical loads placed on the ten-
don. TSPCs are responsive to mechanical loading, and some
findings suggest that TSPCs are likely responsible for the
development of degenerative tendinopathy by virtue of their
multidifferentiation potential to nontenocyte phenotypes
under excessive mechanical loading conditions [30–33].
Considering the emerging role of TSPCs in tendon homeo-
stasis and in the development of tendon’s pathological condi-

tions, and their potential applications in tissue engineering of
injured tendons, a deeper understanding of the interactions
between TSPCs, ECM, and mechanical loading is essential.
In this review, we discuss the efforts to identify and charac-
terize TSPCs with regard to their locations in tendon. We
also provide an overview of the interactions between TSPCs,
ECM, and mechanical loading that may be important
advances in tendon biology and pathology. Finally, we dis-
cuss the challenges in understanding TSPC biology and pro-
vide our perspectives on future research directions.

2. Tendon Cells

The cell populations in tendon are heterogeneous, and they
are identified based on their anatomical locations such as
FM, IFM, and paratenon, as well as the perivascular area
close to paratenon in and around the tendon [34]. Still, there
is little understanding of the phenotypical differences
between these cell populations and specific markers to dis-
criminate between them. The primary cell type in tendon is
tenocytes, which are elongated fibroblast-like cells with
spindle-shaped nuclei that are found mainly in FM [35].
Commonly used markers for tenocytes are collagen types I
and III and tenomodulin (TNMD) [36]. It should be noted,
however, that the term tenocyte in literature can be some-
what “arbitrary,” meaning that some so-called tenocytes are
likely stem/progenitor cells.

Until the discovery of TSPCs, tenocytes were thought to
be the only major cell type in tendon. The quest for the pres-
ence of adult stem cells in tendons began with two previous
observations: (a) human and mouse tendons develop fibro-
cartilage and ossification in response to injury and (b)
tendon-derived immortalized cell lines and human tendon-
derived “fibroblasts” possess multidifferentiation capabilities
in vitro [24, 37, 38]. Before long, TSPCs were first identified
in humans and mice in 2007 [4]. The TSPCs isolated from
the tendon proper with stem cell characteristics of clonogeni-
city, multipotency, and self-renewal could regenerate tendon-
like tissues after in vitro expansion and in vivo transplanta-
tion [4]. In addition, an ECM-rich niche composed of bigly-
can and fibromodulin controls the self-renewal and
differentiation of TSPCs [4]. Shortly, two other groups iso-
lated and identified this unique stem cell population from
tendons of rabbits and rats and characterized them exten-
sively [5, 39]. In these studies, TSPC colonies exhibit large
variations in cell proliferation and differentiation possibly
due to differences in species, tissue origin, and initial seeding
density in culture. The shape of TSPCs also varies between
species, tissue origin, cell passages, and confluence of the cul-
ture [40]. Additionally, the success of obtaining a large pool
of TSPCs depends on the age of the animal/individual; aged
tendon tissues are depleted of at least 70% TSPCs, they pro-
liferate much slower than young TSPCs, and they have much
lower expression of stem cell markers [41].

TSPCs possess distinct properties compared to resident
tenocytes. They differ from tenocytes in many aspects such
as shape, proliferation and differentiation potential, and
expression of stem cell-specific markers [5]. Rabbit TSPCs
are more cobblestone-shaped with large nuclei, while
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tenocytes are more elongated, fibroblast-like with small
nuclei in culture. Overall, TSPCs also proliferate much faster
than tenocytes in culture [5]. Moreover, the capacity of mul-
tidifferentiation potency allows TSPCs to differentiate into
tenocytes as well as nontenocytes, including adipocytes,
chondrocytes, and osteocytes [4, 5, 39]. While both express
common tendon-related markers including collagen type I,
collagen type III, tenascin C, and TNMD, TSPCs in vitro
express stem cell markers such as Oct-4, SSEA-1/4 and
nucleostemin, while tenocytes exhibit a minimal expression
of these markers [5].

TSPCs and bone marrow mesenchymal stem cells
(BMSCs) share many of the same markers, yet the expression
pattern is not identical between humans, mice, and rats [4,
41]. For example, human and mouse TSPCs lack CD18, but
it is expressed in human BMSCs, and human and rat TSPCs
do not express CD106, while it is expressed in human and
mouse BMSCs [4, 39, 42, 43]. Also, over 60% of mouse
TSPCs express CD90.2 whereas mouse BMSCs lack the
expression [4]. Compared to mouse BMSCs, mouse TSPCs
express higher mRNA levels of scleraxis (Scx), Comp, SOX-
9, and Runx2. Human TSPCs also express higher levels of
TNMD than human BMSCs [4]. Moreover, rat TSPCs have
higher mRNA expression of tenogenic, adipogenic, and oste-
ogenic markers compared to rat BMSCs at basal level [44].
These differences between species could suggest that TSPCs
and BMSCs represent different developmental stages of a
common MSC predecessor. Finally, since TSPCs tend to
differentiate into tendon-specific cells (tenocytes) compared
to BMSCs, whereas BMSCs tend to differentiate towards
osteogenic lineage [4, 45], TSPCs may be ideal cells for tissue
engineering of injured tendons.

3. Locations of TSPCs

The exact location of TSPCs in tendon is unclear. The IFM is
a suggested location based on several observations. First of
all, in the pioneering studies, TSPCs were isolated and char-
acterized from the tendon proper after stripping off the ten-
don sheath and surrounding paratenon possibly to exclude
vascular cells from the peritenon region [4, 5, 39], indicating
IFM as a potential source of TSPCs. This speculation is
strengthened by the observation that there are morphological
and metabolic differences between IFM and FM. The IFM
region is highly cellular and more vascular and has a fast
turnover of noncollagenous matrix compared to FM, and
the cells within IFM are round in shape compared to elon-
gated tenocytes in FM (Figure 1) [46, 47]. However, tendon
healing is thought to result from cells originating from mul-
tiple locations [48]. Therefore, it is possible that TSPCs may
exist within each region in tendon and they may differ from
one region to another, in terms of origins of progenitors,
numbers of progenitor cells, and differentiation potentials.
In fact, TSPCs have been isolated from peritenon/perivascu-
lar sources and their stem cell properties, such as clonogeni-
city, multipotency, and surface marker expression, have been
determined and compared with TSPCs from the tendon
proper (Table 1).

The perivascular area is an important source of stem/pro-
genitor cells in tendon. Cells in intact human supraspinatus
tendon biopsies and perivascular cells isolated from the
microvessels of the same biopsies have been characterized.
The results suggest that the perivascular region is a source
of tendon precursor cells [7]. These cells express classical
stem cell markers musashi-1, nestin, prominin-1/CD133,
CD29, and CD44 as well as tendon-specific markers Scx
and Smad 8. They also retain stem cell characteristics in cul-
ture. Later on, another study characterized TSPCs from the
peritenon and tendon proper of mouse Achilles tendons
[8]. Cells derived from the peritenon form less stem/progeni-
tor cell colonies relative to those from the tendon proper.
Analysis of surface markers for TSPCs from both regions
indicated that they are Sca1+ (stem cell marker), CD90+,
and CD44+ (fibroblast markers) (Table 1).

Progenitors from both the tendon proper and the perite-
non demonstrate a low percentage of cells positive for leuko-
cytic, hematopoietic, and perivascular markers CD18, CD34,
and CD133, indicative of subpopulations of progenitor cells
with stem cell properties, fibroblast features, and little contri-
bution from leukocytic, hematopoietic, or perivascular
sources. The marker profile of TSPCs isolated from the ten-
don proper is consistent with that described by Bi et al. [4].
Tendon proper stem/progenitor cells express high levels of
TNMD and Scx, indicative of enrichment of stem/progenitor
cells of a tendon origin. In contrast, cells of the peritenon
demonstrate relative increases in the expression of vascular
(endomucin) and pericyte (CD133) markers relative to cells
from the tendon proper. However, cells from both regions
were able to form primitive tendon constructs when seeded
within a fibrin gel. These tendon constructs displayed
tendon-like characteristics such as the expression of collagen
type I and TNMD and formation of collagen fibril and fiber
along the long axis. One particular distinction noted between
the progenitors from the two sources was that when these
cells were grown in osteogenic media, only progenitors from
the tendon proper deposited calcium within the cell layer.
This feature may provide an explanation for the calcification
and ossification, which is a typical feature of tendinopathy in
the tendon proper. Recently, transcriptome profiles of iso-
lated murine Achilles tendon proper- and peritenon-
derived progenitor cells were carried out [49]. It was found
that progenitor cells from the tendon proper differ from peri-
tenon progenitor cells in the differential expression of genes,
including Scx, Mohawk, Thbs4, and Wnt10α. The distinct
types of TSPCs within the tendon proper and the peritenon
may differentially contribute to intrinsic (tendon proper)
and extrinsic (epitenon and paratenon) tendon repair mech-
anisms. The intrinsic repair may require those progenitor
cells that predominantly express tendon markers, while
extrinsic repair may involve those stem cells recruited from
the perivascular area.

To understand the location of tendon stem/progenitor
cells in tendons and their role in tendon repair, in vivo iden-
tity of TSPCs and their role in tendon healing have been
investigated in rats using the IdU label-retaining method
[9]. The results showed that label-retaining cells (LRCs)
could be identified at the tendon proper, peritenon, and
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tendon-bone junction. Most of the TSPCs isolated from the
tendon proper were LRCs suggesting that LRCs were likely
to be TSPCs isolated from tendon tissue. Most of the LRCs
were found to be embedded between parallel collagen fibers;
however, some LRCs were also found at the perivascular

region at the peritenon, and these LRCs expressed CD146.
Isolated TSPCs also expressed CD146 initially, but lost its
expression during the in vitro expansion, although they still
expressed Nanog, Oct-4, SOX-2, and nucleostemin. In the ten-
don injury model with a window defect, the LRCs migrated,

Epitenon

Fascicles
or

fascicular matrix
(FM)

Paratenon

Perivascular
stem cells

Endotenon
or

interfascicular
matrix
(IFM)

TSPCs

Tenocytes

Collagen fiber

Figure 1: A simplifiedmodel of tendon structure adapted from Speisz et al. [47] showing fascicular matrix (FM), interfascicular matrix (IFM),
and paratenon. The elongated tenocytes are located in FM in between fibers. The TSPCs from the tendon proper are presumably located in
IFM; its exact location is yet to be determined, however.

Table 1: Sources and properties of TSPCs.

Sources Properties Markers Reference

Tendon
proper/midsubstance

(i) Typical stem cell characteristics
(ii) Multipotent
(iii) Distinct from BMSCs

Scleraxis, TNMD, collagen type I,
tenascin, Sca1, CD90.2, CD44, CD146,

Oct-4, SSEA-4, nucleostemin

Bi et al., 2007 [4]; Zhang
and Wang, 2010 [5]; Rui

et al., 2010 [39]

(i) Typical stem cell characteristics
(ii) Form tendon constructs that express
collagen type I and TNMD
(iii) Deposit calcium in osteogenic medium
(iv) Potential nonvascular origin

Sca1, CD90, CD44, CD19, CD34, CD13,
musashi-1, TNMD, scleraxis

Mienaltowski et al., 2013
[8]

(i) Typical stem cell characteristics
(ii) Potential nonvascular origin

CD146, Oct-4, nanog, SOX-2,
nucleostemin

Tan et al., 2013 [9]

(i) Typical stem cell characteristics
(ii) Higher self-renewal and tenogenesis
capacity, larger collagen fibril diameter
compared to nestin-negative TSPCs

Nestin, CD146, CD90, CD44, CD105,
CD51

Yin et al., 2016 [52]

Peritenon

(i) Express classical stem cell markers
(ii) Retain stem cell characteristics in culture
(iii) Potential vascular origin

Musashi-1, nestin, prominin-1/CD133,
nestin, collagen types I and III, Smad8,

CD29, CD44, scleraxis
Tempfer et al., 2009 [7]

(i) Typical stem cell characteristics
(ii) Display TSPC surface profile
(iii) Form tendon constructs that express
collagen type I and TNMD
(iv) Potential vascular origin

Sca1, CD90, CD44, CD19, CD34, CD13,
musashi-1

Mienaltowski et al., 2013
[8]

(v) Both vascular and nonvascular sources
CD146, Oct-4, Nanog, SOX-2,

nucleostemin
Tan et al., 2013 [9]

(i) Typical stem cell characteristics
(ii) Neural crest-like stem cells
(iii) Potential vascular origin
(iv) Involved in tendon repair

CD29, CD90, P75, vimentin, Snail, SOX-
10

Xu et al., 2015 [50]
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proliferated, and activated for tenogenesis in the wound [9]. In
another study, a subpopulation of cells exhibiting stem charac-
teristics of clonogenicity, multipotency, and self-renewal
capacity putatively of perivascular origin that reside within
rat peritenon has been identified [50]. These cells expressed
markers P75 (neurotrophin receptor), vimentin, SOX-10,
and Snail consistent with neural crest stem cells (NCSCs). In
the event of tendon injury, these perivascular cells may
migrate from the vessels to interstitial space, and produce col-
lagenous and noncollagenous proteins to repair damaged
ECM [51].

The molecular profiling of individual cells derived from
tendon identified a distinct subpopulation of nestin+ cells
that express stem cell markers (CD146, CD105, etc.) and
tenolineage markers (Col I, tenascin C, etc.) that are likely
to be TSPCs [52]. Nestin is a type IV filament protein
expressed in a variety of adult stem/progenitor cell popula-
tions that is required for the proper self-renewal [53–55].
Analysis of phenotypic differences between nestin+ TSPCs
isolated in vitro from the tendon proper of human Achilles
tendon shows a better tenogenic potential and self-
renewing capacity and larger collagen fibril diameter than
nestin- TSPCs (Table 1). The nestin expression seems to be
essential for the tenogenesis of TSPCs since the expression
of nestin led to a strong induction of Scx and Mkx and
tendon-related marker genes elastin and collagen type I and
XIV. However, both nestin+ and nestin- TSPCs display a sim-
ilar propensity to differentiate into osteocytes, adipocytes,
and chondrocytes and have similar proliferation potential.
Nestin knockdown significantly reduces colony forming
capacity and causes the loss of the typical shape of TSPCs.
Nestin knockdown also impairs tendon repair and regenera-
tion in a rat model of patellar tendon defect. Collectively,
these data show that nestin could function as a marker for
TSPCs. This is further strengthened by a previous study
showing high levels of nestin expression in TSPCs isolated
from human Achilles tendon [56]. Taken together, these
studies identify sources for TSPCs including the tendon
proper (midsubstance) and peritenon that may contribute
towards tendon tissue maintenance, healing, or repair.

4. Interactions of TSPCs with ECM and
Mechanical Loading

Stem cells cannot function without the signals from their
niche. The various niche factors for stem cells include ECM
and mechanical stress, as well as oxygen tension, growth fac-
tors, and cytokines [4, 40, 57, 58]. Considering the surround-
ing rich ECM, the main niche signals that TSPCs receive may
be from those ECM components such as biglycan and fibro-
modulin [4]. The ECM microenvironment likely plays an
important role in TSPC fate that ultimately affects tendon
maintenance and repair when injury occurs to the tendon
[4]. Alteration of the ECM may lead to tendon pathological
conditions, but whether this altered composition of ECMwill
directly affect the fate of TSPCs remains rather unexplored.

In addition to rich collagen, tendon ECM contains small
amounts of proteoglycans (PGs) [2, 35]. Small leucine-rich
proteins (SLRPs) are the most abundant PGs present in ten-

don and act as the crucial components of ECM, as well as
function as an organizer for collagen fibril assembly and reg-
ulators of ECM turnover [59, 60]. Decorin and biglycan are
the main SLRPs in tendon. SLRPs such as fibromodulin
and lumican are also present in tendon. The tendons of dec-
orin/biglycan/fibromodulin-deficient animals are mechani-
cally inferior to normal tendons of wild-type mice [61, 62],
and the collagen fibers within the tendon become disorga-
nized in the absence of biglycan and fibromodulin [4]. Ten-
don integrity is impaired in lumican and fibromodulin-
deficient mice [63]. Alteration of the ECM composition
changes the structure of the TSPC niche consequently affect-
ing the fate of TSPCs, which leads to tendon malformation
and ossification [4]. Biglycan and fibromodulin are two crit-
ical SLRPs that control the fate of TSPCs. This may be medi-
ated in part by modulating bone morphogenic protein
(BMP) activity. TSPCs from biglycan and fibromodulin
double-knockout mice proliferate faster, form larger colo-
nies, and form bone-like tissues in addition to tendon-like
tissues compared to those from wild type (WT) mice which
form only tendon-like tissues [4]. The increased sensitivity
of TSPCs to BMP-2 in the absence of biglycan and fibromo-
dulin could be a mechanism for altering the fate of TSPCs.
The expression of tendon markers Scx and collagen type I
is decreased in TSPCs from these knockout mice compared
to cells from WT mice. Therefore, the integrity of ECM is
important in maintaining the stemness of TSPCs, and the
precise regulation of the tenogenic differentiation of TSPCs
is essential for the positive outcome of stem cell-based ther-
apy for injured tendons.

In tendon, cell-ECM interactions maintain tissue homeo-
stasis by generating cell signals that affect cell proliferation,
differentiation, migration, and adhesion [35]. On the other
hand, the ECM plays an important role in disease progres-
sion. The tendon ECM is enriched in growth factors and
cytokines, and the ECM plays a major role in regulating the
local availability of growth factors at a cellular level [64].
The changes of the structure and composition of ECM may
disturb the local release of growth factors and cytokines as
well as the modulation of cell shape and signaling cascade
affecting the cell fate. Aberrant ECM changes including calci-
fication, ossification, and lipid and proteoglycan accumula-
tion are evident in human tendinopathy samples [65, 66].
The aberrant differentiation of TSPCs to nontenocytes (adi-
pocytes, chondrocytes, and osteoblasts), which produce non-
tendinous tissues, is suggested as a possible mechanism in the
development of tendinopathy due to mechanical overloading
placed on the tendon [30, 32, 33].

An engineered tendon matrix (ETM) from decellularized
tendon tissues stimulates rabbit TSPC proliferation and bet-
ter preserves stemness compared to plastic culture surfaces
commonly used in culture, and implantation of ETM-TSPC
composite promotes tendon-like tissue formation [67]. The
ECM components and/or growth factors may contribute
these properties to TSPCs, which are important in tissue
engineering applications of such composites in injured ten-
don repair. A similar study using decellularized collagenous
matrix from three different tissues (tendon, bone, and
dermis) showed that tendon-derived decellularized matrix
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promotes the tendinous phenotype in human TSPCs and
inhibits their osteogenesis, even under osteogenic induction
conditions, although all the three matrices support cell adhe-
sion and proliferation [68]. The bone-derived decellularized
matrix robustly induces osteogenic differentiation of TSPCs,
whereas the dermal skin-derived collagen matrix induces
only an intermediate level of osteogenesis. The differential
cellular response could be attributed to the differences in
the structure and topography but otherwise similar bioactiv-
ity of the matrices. The cell shape and alignment also differed
in the three matrices; cells adopt an elongated shape and
align on the tendon matrix, but not on the dermis matrix.
This shows that besides the composition, ECM topographical
cues are important in regulating the stem cell fate. This is
supported by yet another study, which indicated that the
culture of human TSPCs in an aligned nanofiber scaffold
promotes tenogenic commitment, but in a random scaf-
fold enhances osteogenic differentiation [42]. Compared
to embryonic stem cell-mesenchymal stromal cells, TSPCs
combined with the decellularized matrix also show more
improvement in the structural and biomechanical properties
of regenerated tendons in vivo [69]. In short, ECM compo-
nents provide niche signals to TSPCs and play a significant
role in deciding their fate depending on the changes in
ECM composition and topographical cues.

The precise function of TSPCs in vivo is not well defined
yet, and comparison studies with tenocytes are rare. Tendons
have poor regenerative capacity as demonstrated by the infe-
rior quality of tissues following injury or chronic degenera-
tion [70, 71]. Therefore, it is conceivable that TSPCs alone
may not be able to functionally restore the damaged tissues,
although TSPCs promote functional repair of tendon tissues
[72–77].

It is well known that mechanical loads play a major role
in tendon development, homeostasis, pathology, and injury
healing. These forces are translated into biochemical signals
by molecules possessing mechanotransduction capabilities
which activate and control key cellular processes of tendon
[11, 78]. Normal mechanical loads are essential for appro-
priate tendon development and maintenance, because such
loads like moderate loading patterns induce cellular ana-
bolic adaptation of tendon [78–80]. On the other hand,
abnormal mechanical loads cause pathological conditions
(e.g. tendinopathy) in tendon by inducing dominant cata-
bolic responses in tendon cells [14, 81–85]. Tendon cells
respond to mechanical loads and modulate ECM via vari-
ous mechanisms/pathways which have been extensively
investigated using both in vitro and in vivo loading models
(e.g., [86–88]).

TSPCs are capable of altering the tendon ECM in
response to modifications of the loading environments. Also,
the multidifferentiation potential of TSPCs allow them to
differentially respond to altering mechanical loads. For
example, an in vitro study showed that a uniaxial cyclic
mechanical stretching of patellar and Achilles TSPCs from
mice at moderate levels (4% elongation, 0.5Hz for 12 hrs)
increases proliferation and collagen type I gene expression
without affecting the gene expressions of PPARγ (a marker
for adipocytes), collagen type II, SOX-9 (markers for chon-

drocytes), and Runx2 (a marker osteocytes) [30]. Similarly,
mechanical loading in the form of moderate treadmill run-
ning in mice increases the proliferation of TSPCs and
TSPC-related cellular production of collagen [57].

However, mechanical stretching of mouse TSPCs at an
excessive level (8% elongation) increases the gene expression
of PPARγ, collagen type II, SOX-9, and Runx2 [30]. A further
study showed that a 4% stretching of TSPCs increases the
expression of tenocyte-related genes (collagen I and TNMD)
while 8% stretching increased the expression of both tenocyte
and non-tenocyte-related genes (LPL, SOX-9, and Runx2) in
TSPCs but not in tenocytes [33]. The increase in both teno-
cyte and nontenocyte-related gene expression under 8%
stretching may be due to the fact that the TSPC population
is heterogeneous, meaning that individual TSPC may have
different levels of threshold in response to mechanical load-
ing and as a result, they respond differently in their gene
expression. Similar results were obtained when the study
was performed in vivo using moderate and intensive tread-
mill running to apply low and excess mechanical loading,
respectively [33]. Although the results from cellular and tis-
sue levels are presented only at gene expression levels, it
may indicate that mechanical overloading may prime TSPCs
to undergo nontenocyte differentiation. Further studies are
warranted to link the nontenogenic differentiation of TSPCs
and degenerative changes in tendinopathy.

Also, in another study, mechanical stretching at 4% and
8% (0.5Hz for 4 hrs) increased BMP-2 expression at gene
and protein levels in rat TSPCs [31]. BMP-2 increased oste-
ogenic differentiation of TSPCs as indicated by ALP activity
and calcium nodule formation. The observation of osteo-
genic differentiation at 4% is in contrast with the previous
findings [30, 33], possibly due to the differences in the
stretching regimen, species difference, and culture condi-
tions. Involvement of BMP-2 in the pathogenesis of tendi-
nopathy has been suggested previously based on the
reported observations that chondrocyte phenotype and
ectopic ossification are present in calcifying tendinopathy
and based on the expression of BMP-2 protein at those sites
[89–92]. Moreover, the addition of BMP-2 to human
TSPCs in culture decreased cell proliferation and induced
osteogenic differentiation [93]. Higher BMP-2 receptor
expression and BMP-2-induced osteogenic differentiation
of rat TSPCs compared to BMSCs have been reported
[94]. Taken together, these studies indicate that the activa-
tion of BMP-2 expression in TSPCs during tendon overuse
might provide a possible explanation for ectopic calcifica-
tion in calcifying tendinopathy. Overall, the data indicate
that moderate mechanical loads are beneficial for maintain-
ing tendon homeostasis, but mechanical overloading may
contribute to degenerative changes in tendon, with TSPCs
playing a major role.

5. Conclusion

TSPCs have been identified in both the tendon proper and
peritenon in tendon that may have both vascular and
nonvascular origins. However, how TSPCs from different
locations contribute to tendon maintenance, repair, and
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tendinopathy remains to be better understood. This is indeed
a challenging task now considering the lack of definitive
genetic lineage tracing and specific markers for TSPC iden-
tity, functions, and biological characterization. To this end,
advanced studies using state-of-the-art novel approaches,
including genetic models, genetic lineage tracing, and
single-cell transcription profiling to identify the heterogene-
ity of TSPCs, need to be conducted.

TSPCs reside in tendons and are constantly subjected to
mechanical loading due to the fact that tendons like Achilles
and patellar are load-bearing tissues. Consequently, the
function of TSPCs is regulated by ECM composition, orga-
nization, and mechanical loads. Therefore, further investiga-
tions are necessary to understand the crosstalk among
TSPCs, ECM, and mechanical loads, and also those signal-
ing pathways involved, so that tendon physiology and path-
ophysiology can be better understood. The findings from
these investigations will surely aid in devising new yet effec-
tive tissue engineering approaches to regenerate injured
tendons and also developing novel treatment strategies to
manage tendinopathy, a prevalent tendon disorder com-
monly seen in both athletic and general populations.
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Skeleton has emerged as an endocrine organ which is both capable of regulating energy metabolism and being a target for it.
Glutamine is the most bountiful and flexible amino acid in the body which provides adenosine 5′-triphosphate (ATP) demands
for cells. Emerging evidences support that glutamine which acts as the second metabolic regulator after glucose exerts crucial
roles in bone homeostasis at cellular level, including the lineage allocation and proliferation of bone mesenchymal stem cells
(BMSCs), the matrix mineralization of osteoblasts, and the biosynthesis in chondrocytes. The integrated mechanism consisting
of WNT, mammalian target of rapamycin (mTOR), and reactive oxygen species (ROS) signaling pathway in a glutamine-
dependent pattern is responsible to regulate the complex intrinsic biological process, despite more extensive molecules are
deserved to be elucidated in glutamine metabolism further. Indeed, dysfunctional glutamine metabolism enhances the
development of degenerative bone diseases, such as osteoporosis and osteoarthritis, and glutamine or glutamine progenitor
supplementation can partially restore bone defects which may promote treatment of bone diseases, although the mechanisms
are not quite clear. In this review, we will summarize and update the latest research findings and clinical trials on the crucial
regulatory roles of glutamine metabolism in BMSCs and BMSC-derived bone cells, also followed with the osteoclasts which are
important in bone resorption.

1. Introduction

Bone is a relatively dynamic organ which provides stiffness,
shape, support, and locomotion for body structures [1]. It
undergoes modeling and constant remodeling throughout
life, exhibiting structure and shape changes. Bone modeling
occurs from birth to adulthood and is responsible for gain-
ing mass and changing the skeletal structure, as exemplified
by the increases in bone length and diameter. Bone
remodeling, tightly coupling bone resorption and formation,
behaves the substitute for old tissues by new bones, thereby
maintaining the mineral homeostasis and strength [2]. Oste-
oblasts for bone formation and osteoclasts for bone resorp-
tion are the main cells involved in bone remodeling;
meanwhile, osteocytes derived from osteoprogenitors are
also crucial in this biological process [3–6]. Recently, emerg-
ing evidences support that bone is an endocrine organ and

manifests active metabolism, where cell bioenergetics plays
an essential role in regulating intermediary metabolism
[1, 7]. Collaboratively signaling networks contribute to an
efficient transition in organisms between anabolic and cat-
abolic states; thus, bone cells are capable to survive and
grow in environments in which nutrient availability differs.

Virtually, biosynthesis requires amounts of exogenous
fuel uptake, which can be converted to hydrolysis of adeno-
sine 5′-triphosphate (ATP) inside the body to drive all cellu-
lar processes later [8]. The fuel sources containing glucose,
free fatty acids, and the amino acids are excellent substrates
for generating ATP in both cytoplasm and mitochondria
through oxidative phosphorylation [9–11]. Their consump-
tion and catabolism are adjusted automatically in order to
match the distinctive energy demands in different stages
covering proliferation, differentiation, and apoptosis, in
which intracellular signaling molecules serve as checkpoints
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for fuel selection, storage, transport, and utilization [12]. In
addition, extrinsic factors like glucocorticoids also change
the fuel metabolism and biological behavior of bone cells in
result [13].

Previous studies supported that glutamine metabolism as
a regulatory node participated in many biological processes,
including vessel formation, cancer progress, and immune reg-
ulation [14–16]. Recently, glutamine in bone homeostasis
gained increasing concentration in mediating the prolifera-
tion, osteoblast, and adipocyte differentiation, immunological
features of cell BMSCs [17]. Alternatively, the bioenergetics of
osteoblasts, osteocytes, and even the adipocytes were also
regulated directly or indirectly by glutamine metabolism,
which were tightly related to the degenerative diseases such
as osteoporosis. Mechanistically, it was elucidated that
WNT/β-catenin signaling, mammalian target of rapamycin
signaling (mTOR), hypoxia-inducible transcription factors
(HIFs), and some other signaling pathways were involved in
bone cell metabolic activities [18–20]. In this paper, we
reviewed and updated the crucial regulatory roles of gluta-
mine metabolism in BMSCs, BMSC-derived bone cells, and
osteoclasts which expected to provide a novel therapeutic per-
spective for bone destructive disorders.

2. Glutamine Metabolism

Glutamine, a nonessential amino acid (NEAA) composed of
carbon (41.09%), hydrogen (6.90%), oxygen (32.84%), and
nitrogen (19.17%), is mainly synthesized by the enzyme glu-
tamine synthetase (GS) using glutamate and ammonia (NH3)
as a source. As the most bountiful and flexible amino acid
in the body, it represents about 20% of the total free
amino acids pool in the blood and 40% to 60% of the total
amino acid pool in certain tissues [21–23]. Glutamine is
hydrolyzed by glutaminase (GLS) to ammonium-ion
(NH4) and glutamate, the latter is subsequently transformed
to α-ketoglutarate (α-KG) occurring as a transamination or a
deamination [24]. Then, α-KG enters the tricarboxylic acid
cycle (TCA cycle) to generate ATP through the production
of nicotinamide adenine dinucleotide (NADH) and flavin
adenine dinucleotide (FADH2) [25]. Rather than being a
substitute fuel source in TCA cycle, glutamine is also used
as substrate for constructing proteins and nucleotides [26].
The nitrogen from glutamine through the practice of amino-
transferases maintains the degrees of numerous amino acid
pools in the cell, as exemplified by more than 50% of NEAAs
originated from glutamine are used in protein synthesis in
cancer cells in vitro [27]. It is indicated that, in cancer cells,
mutations in TCA cycle enzymes, fumarate hydratase (FH)
and succinate dehydrogenase (SDH), or complexes of the
electron transfer chain (ETC), such as complex I and com-
plex III, could promote glutamine utilization. In other words,
TCA cycle, FH, SDH, and ETC are involved in its participa-
tion of nonessential amino acid production. For example,
taken in by the cell through a transporter, glutamine is deam-
inated to glutamate by cytoplasmic GLS1, transferred by
SLC25A11 into the mitochondrial matrix, and converted into
α-KG. Then, α-KG follows TCA cycle steps until oxaloacetic
acid, which is then converted into aspartate by aspartate

transaminase (GOT2) and exported into the cytoplasm,
which is critical to both purine and pyrimidine biosynthe-
sis. After that, Asparate may be transformed into aspara-
gine and arginine. In addition, glutamate in cytoplasm
could be converted into arginine and proline [28–30].
Besides, glutamine also powers fatty acid synthesis through
reductive carboxylation [31].

Glutamine metabolism was first put forward in 1935 by
Hans Krebs, who reported that the brain cortex and retina
of vertebrates and the kidney of rabbits and Guinea pigs
could synthesize glutamate into glutamine and hydrolyze
glutamine to ammonium glutamate [32]. Developing over
time, much is known about the importance of glutamine
metabolism in pathological conditions. Some tumor cells
utilized glutamine to provide both nicotinamide adenine
dinucleotide phosphate (NADPH) and carbon for lipid and
glutathione biosynthesis as well as nitrogen for nucleotide
biosynthesis, which was essential in controlling oxidative
stress and supporting proliferation [33, 34]. Moreover, gluta-
mine metabolism is also critical for liver-to-pancreas trans-
differentiation, mature adipocyte inflammatory responses,
and immunological cell functions [35–37]. And glutamine
metabolism impacted epigenetic states as well as genome
organization via α-KG, eventually altered cellular differen-
tiation decisions [38]. More than 30 years ago, Biltz et al.
firstly reported an active consumption and metabolism
of glutamine in isolated calvaria and long bones [39];
subsequently, the role of glutamine in bone has drawn
increasing attention.

3. Glutamine Metabolism in BMSCs

BMSCs, known as nonhemopoietic multipotent mesenchy-
mal cells, are traditionally capable to differentiate into
osteoblasts, adipocytes, and chondrocytes, thereby regulating
bone homeostasis [40–42]. Recently, the energy metabolisms
including glucose metabolism, glutamine metabolism, and
fatty acids in MSCs in various contexts are reported con-
stantly [43–45]. Glucose is a major energy and carbon source
for mammalian cells and has been known as a major nutrient
for osteoblasts since the early 1960s [46]. Instead of energy
supplement, aerobic glycolysis in osteoblasts may be linked
with the citrate secretion, which plays a critical role in the
formation of apatite nanocrystals in bone [47, 48]. Therapeu-
tic strategies that target glucose metabolism tend to apply to
patients diagnosed with systemic diseases such as type 2 dia-
betes mellitus and chronic kidney disease [49, 50]. Moreover,
Thrailkill et al. suggested that treatment with insulin alone
only partially corrected both hyperglycemia and diabetic
bone phenotype in twelve-week-old diabetic mice, which
means the therapy targets in other metabolism are required
[51]. Fatty acids, generated from stored triacylglycerides or
fat depots and released into the circulation, are degraded in
the mitochondria for the generation of ATP in bone cells,
while the amount that is utilized for ATP production is
currently unknown [52]. Similar to fatty acids, the extent that
amino acids contributes to oxidative phosphorylation
remains unclear at present; however, there are increasing
numbers of researches on glutamine. Glutamine as the
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second critical regulator after glucose exerts an essential mod-
ulation in BMSC proliferation, lineage allocation, osteoblast
specification, and even the immunomodulatory properties.

3.1. Glutamine Metabolism in BMSC Proliferation. With
regard to the proliferation of cells, Eagle et al. initially
described the importance of glutamine in cell proliferation
in vitro and meticulously essential for MSC proliferation
[53]. In synchronized HeLa cells, glutamine, as well as glu-
cose, is required for progression through the restriction point
in mid-to-late G1. And glutamine is the only essential
substrate for the progression through S phase into cell divi-
sion, which was also indicated by combining pulse-chase
LC-MS-based isotope tracing with computational deconvo-
lution and metabolic flux modeling in synchronized cell
populations [54, 55]. Mechanistically, glutamine has been
reported to progress through the restriction point in mid-
to-late G1 as well as exit S phase that was efficient for cell
division beginning [54]. It is indicated that glutamine could
enhance the expression of cyclin D1 and D3 and regulate
cyclin-dependent kinase (CDKs) that were able to promote
the passage into S phase and downregulate p21 expression,
a key regulator for the cycle checkpoint of G1/S [56]. And
this phenomenon may be associated with GLS, since
glutamine increased the activity of GLS and glutamate
dehydrogenase (GDH) through the mTOR/S6 and MAPK
pathways in a dose-dependent manner, which finally pro-
moted the cell proliferation [57]. However, the concrete
mechanism remains unclear currently. In addition, it is com-
monly accepted that glutamine provided precursors for
downstream synthetic steps, such as the DNA replication in
S phase and lipid synthesis in G2 phase. And the majority
of TCA carbons and nitrogen of some NEAAs derived from
degraded glutamine in endothelial cells [15, 58]. Glucose is
a major energy and carbon source for mammalian cells and
has been known as a major nutrient for osteoblasts since
the early 1960s. What is more, glutamine also provides a
small amount of energy, since the glutamine-consuming
enzymes are found largely in mitochondria and far from

the primary need for ATP. Additionally, Karner’s group
found that BMSC proliferation and colony expansion were
largely correlated with amino acid transaminase-dependent
α-KG production, which could partially explain the negative
impact of reduced GLS activity on BMSC proliferation [17].
However, the contribution of other amino acid biosynthesis
derived from glutamine metabolism to BMSC proliferation
has not been clear yet [33, 59]. For tumor cells in other
tissues, glutamine satisfies biosynthetic and bioenergetic
demands of these cells via anaplerotic entry to the TCA cycle
and reductive carboxylation, thus regulating cell survival and
proliferation [60, 61]. In contrast, the proliferation rates of
skeletal progenitor cells seemed less important connection
with glutamine-dependent reductive carboxylation or TCA
cycle anaplerosis, which suggested distinctive roles of
glutamine metabolism in different types of cells [19].

3.2. Glutamine Metabolism in BMSC Differentiation. Osteo-
genic and adipocyte differentiations are the pivotal linage
commitments of BMSCs in skeletal development. BMSCs
consume and metabolize a significant amount of glutamine
as they undergo differentiation into the osteoblast but not
the adipocyte lineage. As BMSCs differentiated toward oste-
oblasts, glutamine metabolism provided ATP through the
TCA cycle with a declined contribution to citrate [17].
Furthermore, an integrated mechanism in a glutamine-
dependent pattern was involved to meet energetic and syn-
thetic demands during BMSC differentiation (see Figure 1).

3.2.1. GLS. Mitochondria is a pivotal place covering many
complex metabolic reactions [62]. GLS catabolizes glutamine
into glutamate, then α-KG, which replenishes anaplerosis of
TCA intermediates to maintain mitochondrial activity and
supply metabolic intermediates for active biosynthesis in
osteogenesis [63]. Experimental evidence suggested GLS as
the targeted enzyme of glutamine metabolism which influ-
enced the differentiation of BMSCs. Genetically inhibiting
glutamine metabolism via deletion of Gls in BMSCs resulted
in reduction of overall osteoblast numbers and capability of

Glutamine Glutamate �훼-KG TCA cycle
GLS GDH

Transaminase

ERR�훼
PGC-1�훼

mTOR

GOLM1 Osteogenic differentiation

Redundant ROS(O2–)

WNT signaling

Nucleotide/protein
biosynthesis

Adipocyte 
differentiation

Figure 1: Glutamine-dependent regulation of BMSC osteogenic and adipocyte differentiation. The black arrows represent the signaling
pathway in osteogenic differentiation regulated by glutamine; meanwhile, the gray arrows represent the signaling pathway in adipogenic
differentiation.
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bone information, consequently causing decreased bone
mass relative to wild-type littermates [17]. Alternatively,
miRNA as an important regulator was able to establish a
complex circuit in bone homeostasis by interacting with
different genes [64]. Recent evidences reported that
miRNA-206 participated BMSC bioenergy by directly
bounding to the 3′-untranslated region (3′-UTR) of GLS
mRNA, which resulted in the suppression of GLS expres-
sion and glutamine metabolism and eventually inhibited
the osteogenic differentiation of BMSCs [65].

3.2.2. mTOR.mTOR is a sensor of growth factors whose acti-
vation increases bone width and mass as a result of hyperpro-
liferated MSCs but declines bone length and mineral
contents due to defective MSC differentiation [66]. Mecha-
nistically, mTOR is a central target of intrinsic control in
bone cells which integrates various molecules associated with
glutamine metabolism in BMSC differentiation. Previous
studies indicated WNT signaling influenced osteoblasts
biological behaviors by enhancing both cell numbers and
protein synthesis activity [67]. Importantly, to meet the
increased energetic and synthetic need, the anabolic mecha-
nism directly responded to WNT signaling to impact osteo-
blast differentiation of BMSCs. WNT signaling targeted the
mammalian target of rapamycin complex1 (mTORC1) to
stimulate glutamine entry to the TCA cycle, subsequently it
lowered intracellular glutamine levels. Then, the general con-
trol nonderepressible 2-mediated (GCN2-mediated) with
integrated stress response (ISR) pathway was triggered due
to the WNT-induced reduction of glutamine, which stim-
ulated the expression of genes that responsible for amino
acid transport, tRNA aminoacylation, and protein folding
[68]. Previous studies also suggested that mTORC1 activa-
tion stimulated glutamate to α-KG conversion by activat-
ing GDH, thus promoting cancer cell proliferation [69].
The activation of mTOR signaling pathway stimulated by
Golgi membrane protein 1 (GOLM1) overexpression in
BMSCs was in sympathy with that in cancer cells,
behaving inhibited osteogenic differentiation of BMSCs
due to increased GDH activity and glutamine to α-KG
conversion. [20].

3.2.3. ERRα. Estrogen-related receptor α (ERRα), an orphan
nuclear hormone receptor, is capable of regulating the
transcription of related genes. Previous studies reported that
ERRα positively regulated adipocytic and chondrocytic
differentiation of MSCs while behaved a dual effect on oste-
oblast differentiation in Runx2- and/or WNT-target manner
[70]. Recently, the age-related restriction of BMSCs has
been reported as an essential factor in bone degenerative
progress because of declined osteogenic capacity and unbal-
anced lineage allocation [71, 72]. And the dynamic expres-
sion patterns of ERRα with ages were tightly associated
with BMSC osteoblast differentiation. A study displayed that
ERRα expression was obviously reduced in elder rats, which
was consistent with the deteriorated osteogenic capacity
with ages [73]. Besides, ERRα was dysregulated in age-
prevalent diseases like osteoarthritis and rheumatoid arthri-
tis [74, 75]. As for cell level, ERRα reached peak protein

expression levels at early phase of osteoblast differentiation
and declined at mineralization stage while mRNA levels
remained stable. It indeed supported the view that ERRα
was inactivated after the onset of osteoblast maturation
and it regulated osteoblast differentiation in a time-specific
manner [76]. However, precise molecular mechanism
remains unclear. Dysregulation of mitochondrial function
is a common feature of aging, and coactivation of ERRα
with proliferator-activated receptor gamma coactivator 1-
α (PGC-1α) regulated mitochondrial biogenesis through
fatty acid oxidation and energy expenditure related to
ROS [77, 78]. Through binding to its promoter, ERRα
directly regulated GLS expression, leading mitochondrial
Gln-dependent anaplerosis critical to TCA cycle and bio-
synthesis of nucleotides and proteins. Aging negatively
impacted on this ERRα/GLS signaling pathway, and
repaired ERRα and GLS expression could partially restore
osteogenic capacity of MSCs to resist bone loss [73]. In
addition, the synthesis master regulator mTOR modulated
ERRα/GLS signaling via affecting ERRα transcriptional
activity, which may be a targeted therapy for aging-
related bone loss [73].

3.2.4. ROS. Reactive oxygen species (ROS) originate from
the oxidation of metabolic intermediates of ETC and are
usually produced in the form of superoxide in the mito-
chondria [79]. The complexes of the respiratory chain in
mitochondria are the main ROS production sites, espe-
cially complexes I and III. Besides, many other proteins
such as pyruvate dehydrogenase (PDH) and electron
transfer flavoprotein (ETF) are also ROS producers [80].
ROS are not only a consequence of differentiation but also
are critical components of pathways regulating stem cell
differentiation [81]. They are precisely regulated to prevent
oxidative damage of cells in normal circumstances; ele-
vated ROS in BMSCs with ages were reported to destruct
the lineage allocation, displaying promoted adipogenesis
and blocked osteogenesis [82, 83]. A potential mechanism
may be the toxic accumulation of α-KG under excessive
oxidative metabolism. Increased activity of PDH and loss
of mitochondrial membrane potential (MMP) with a
transformation to TCA cycle most likely enhanced pyru-
vate entry into mitochondria, thus accumulating toxic
metabolites [84]. Then, it resulted in nucleocytoplasmic
vacuolation and chromatin condensation which obviously
prevented osteogenic and adipocyte differentiation. Simul-
taneously, the accompanying DNA damage, inhibition of
histone H3 (Lys27) of acetylation, and increased HIF-1α
degradation contributed to the death of BMSCs [84].
Moreover, another study reported that increased glutathi-
one content from glutamine was important to offset the
detrimental effect of ROS to the osteoblast fate [17]. Alter-
natively, compared with the positive role of ROS, glutamine
was less chief in adipocyte differentiation of BMSCs. The
mitochondrial-generated ROS enhanced adipocyte differen-
tiation in a mTORC1-dependent pattern, which could
explain the phenomenon that neither glutamine consump-
tion nor GLS activity altered during adipocyte differentia-
tion relative to undifferentiated BMSCs [85, 86].
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3.3. Glutamine Metabolism of BMSCs in Osteoimmunology.
Apart from the self-renewal and multilineage differentiation
features, MSCs are known to exert an immunosuppressed
modulation by expressing adhesion molecules and secreting
effectual factors like cytokines, chemokines, and growth fac-
tors [87–89]. Researches about glutamine metabolism in
immune system in recent decades also prompted the recogni-
tion of its regulatory role in adaptive immunity and innate
immunity, covering lymphocytes, neutrophils, and macro-
phages as well as a series of cytokines [90–92]. In BMSCs,
the concentration of glutamine was relevant to their immu-
nology properties. High dose of glutamine displayed an
enhancement for immunosuppressive properties of BMSCs
via affecting inflammatory cytokines, displaying decreased
levels of proinflammatory cytokines like interleukin-1β (IL-
1β) and IL-6 and increased levels of anti-inflammatory cyto-
kines IL-10, and transforming growth factor-β (TGF-β) [93].
Mechanistically, varied production of proinflammatory cyto-
kines may relate to the reduced expression of phosphorylated
nuclear factor kappa-B (NF-κB) and high level of signal
transducer and activator (STAT-3) in BMSCs as they control
cytokine production [94]. Additionally, IL-10 was critical in
immune responses in glutamine concentration as they inhib-
ited activation of NF-κB, thus modulating the cytokine pro-
duction. Meanwhile, both IL-10 and STAT-3 increased in
BMSCs with glutamine, which could be explained that the
anti-inflammatory effects of IL-10 were mediated by
STAT-3, and in turn, IL-10 was also reported to promote
STAT-3 to reduce amounts of proinflammatory cytokines
[95, 96]. Additionally, the proliferation of lymphocytes
and macrophages was inhibited when cocultured with
BMSCs in glutamine medium, both followed with an
increased production of IL-10 [97]. The increased IL-10
may be attributed to the transformation of macrophages
to an anti-inflammatory M2 phenotype with the induction
of MSCs [98], whereas the precise mechanism of immuno-
modulation in BMSC-mediated glutamine is unclear.

4. Glutamine Metabolism in Osteoblasts

Characterized as the chief bone-making cells, osteoblasts take
charge of producing large amounts of both collagen I-rich
bone matrix and ectoenzymes controlling matrix mineraliza-
tion. They follow timely programmed steps and express
specific genes under the control of proosteogenic pathways.
WNT signaling pathway is pivotal to promote the commit-
ment towards an osteo/chondroprogenitor of BMSCs,
especially in the early steps in osteoblast differentiation
[99]. It is suggested that WNT signaling directly reprograms
cellular metabolism in osteoblast lineage cells by stimulating
aerobic glycolysis, glutamine catabolism, and fatty acid
oxidation [67]. Additionally, glutamine catabolism has
been identified as a crucial regulatory step in satisfying
both energetic and synthetic requirements which is con-
nected with WNT-induced bone anabolism in immature
osteoblasts.

Karner et al. reported that glutamine was both an energy
source and a protein-translation rheostat which was respon-
sive to osteoblast differentiation [68], and impaired osteo-

blast differentiation with ages in BMSCs may be linked with
declined glutamine consumption [73]. Meanwhile, Brown
et al. supported that glutamine significantly improved
osteoblast viability and enhanced the utilization of glucose
in both human osteoblast-like cell lines and mouse calvarial
osteoblasts, and higher levels of osteocalcin expression were
beneficial for matrix mineralization [100]. Furthermore,
considering that glutamine directly stimulated collagen
type1a1 transcription in fibroblasts, the practice of glutamine
on mineralization in osteoblast cultures might be owing to an
influence on collagen expression [101]. However, it remains
unknown whether glutamine anaplerosis is required for
physiological osteoblasts activity in bone formation due
to the lack of systematic analyses in osteoblasts with Gls
depletion [102].

5. Glutamine Metabolism in Chondrocytes

The commitment of BMSCs to the chondrogenic lineage is a
significant event to initiate the endochondral ossification that
BMSCs firstly give rise to immature chondrocytes and carti-
lage primordia. Integrated signaling among growth factors
and components of the extracellular matrix containing colla-
gens, proteoglycans, glycosaminoglycans (GAGs), and prote-
ases regulate chondrocytes collaboratively to facilitate
progressive changes in endochondral ossification and bone
formation [103]. Glutamine was initially shown to sustain
glycosaminoglycan and protein synthesis as a carbon and
nitrogen provider in extracellular matrix metabolism in
chondrocytes [104]. In view of the special avascular environ-
ment of cartilage, it was widely assumed that cells within car-
tilage were hypoxic and hypoxia regulated the energetic state
of maturing cells [105]. However, an excessive hypoxic envi-
ronment was harmful for chondrocytes, and it was usually
followed with a reduced utilization of glutamine and declined
content of glutathione, which was possibly attributed to the
downregulated mitochondria1 function and inhibited oxida-
tive deamination [105]. HIF-1α is a protein expressing in
hypoxic microenvironment, and higher expression of HIF-
1α under hypoxic condition is of great necessity for chondro-
cytes survival in an intrinsic mechanism [106, 107]. As HIF-
1α mediated an upregulated expression of GLS1, the flux of
glutamine to α-KG was enhanced to favor α-KG-dependent
proline and lysine hydroxylation of collagen, and it was ben-
eficial to increase bone mass by endowing the resistance of
the cartilaginous matrix to protease-mediated degradation
[108]. In some pathological situations, glutamine also
exhibited a protective effect on chondrocytes. For instance,
glutamine upregulated glutathione concentration in chon-
drocytes to protect cells from injury in surgery or infectious
conditions [109, 110]. In stress conditions, glutamine exerted
chondroprotective effect by enhancing the expression of heat
shock protein 70 (HSP70), which reduced chondrocytes
apoptosis to prevent the progress of cartilage degeneration
[111]. Importantly, two energy-dependent anabolic pro-
cesses collaboratively regulated the biological behavior in
chondrocytes. The imbalance of glucose-mediated reduced
collagen synthesis and glutamine-mediated increased bone
mass in chondrocytes will lead to the skeletal dysplasia [108].
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6. Glutamine Metabolism in Osteoclasts

Tomaintain skeletal architecture and strength, a homeostatic
balance between new bone formation and old or damaged
bone resorption is required. Osteoclasts derived from the
hematopoietic lineage mainly degrade bone matrix and
liberate the calcium and phosphate, eventually exhibiting
regulation on bone mass as well as quality [112]. It was sug-
gested that L-glutamine had a significant impact on early
phase of osteoclast differentiation and maturation stage
[113]. Following the uptake through SLC1A5, a Na+-depen-
dent transporter of L-glutamine [114–116], osteoclasts
converted glutamine to glutamate and then to α-KG, which
was important as an anaplerotic substrate in osteoclast differ-
entiation [117]. Additionally, glutamine was an essential fuel
for the acquisition of bone-resorbing activity in mature, mul-
tinucleated osteoclasts [113]. Morten et al. reported that hyp-
oxia stimulated glutamine consumption in osteoclasts, which
was similar to SK–N–SH neuroblastoma and A549 lung ade-
nocarcinoma cells [118, 119]. The increased glutamine
uptake may mainly contribute to biosynthesis as glutamine
withdrawal had no effect on either ATP production [61].

7. Therapeutic Potential of Glutamine in Bone
Disorder Treatment

Energetic metabolism has gained improving attentions in the
past decades for the regulation in the delivery and utilization
of nutrients throughout the body, and the metabolic inflexi-
bility is associated with various pathological process [120].
In updated clinical trials, amounts of researches have been
arisen to elucidate the influence of glutamine in the improve-
ment of adverse reactions induced by treatments and the
potential applications in diagnosis (see Table 1). Addition-
ally, glutamine is pivotal for both energy production and
redox homeostasis in bone homeostasis, which can be a
potential strategy in bone diseases such as osteoporosis and
osteoarthritis.

7.1. Osteoporosis. Osteoporosis, mainly occurring in post-
menopausal women and elder group, is characterized by
low bone mass and deterioration of the bone microarchi-
tecture which eventually behaves increased fracture suscep-
tibility [151]. Previous researches reported aging-related
changes of glutamine metabolism in osteoporosis could
break the balance between osteogenic and adipocyte differ-
entiation of BMSCs through key enzyme destruction in
glutamine metabolism or mitochondria metabolic deteriora-
tion [73, 84]. Early anabolic therapies associated with gluta-
mine may be a good way to treat osteoporosis from the
perspective of etiology. Glutamine supplement (L-glutami-
ne/L-alanyl solution (2.0ml/kg) through the tail veins in
the first 7 d was noted to obtain quicker and more regular pri-
mary callus and cartilaginous callus through attainments of
positive nitrogen balance in standardized albino rats, which
was instrumental in the healing of fractured osteoporosis
patients [152]. However, the effect was tiny on enhancing
the quality of fracture healing under conditions of stress, only
exhibiting some influence on the speed of healing [152]. Vir-

tually, glutamine precursor has been explored to apply in the
treatment of osteoporosis in animal model. 2-Oxoglutarate
(2-Ox), a precursor of glutamine, has been identified to pro-
mote the thickness of cancellous bone, growth plate, and
articular cartilage in fundectomy-induced osteopenic bone
[153]. It was also applied in osteoporosis induced by gluco-
corticoid treatment in premature infants with inflammatory
and autoimmune disorders, which improved levels of growth
hormone and osteocalcin concentration and preserved
microarchitecture of trabecular bone [154].

7.2. Osteoarthritis. Osteoarthritis, characterized by degenera-
tion of the articular cartilage and subchondral bone
pathologically, is often diagnosed by the symptoms of pain,
joint stiffness, and disability [155]. In osteoarthritis patients,
inflammatory cytokines and ROS are induced by nonphysio-
logical mechanical loading and heat stress facilitated by
deviant joint movements, eventually contribute to the patho-
logical progression. The treatment of chondrocytes with glu-
tamine protected cells from heat stress and NO-induced
apoptosis, thereby preventing osteoarthritis [111]. Fujita
et al. indicated that heat stimulation and glutamine could
stimulate the expression of HSP70 in rat articular cartilage
in vivo, which may be involved in the suppression of osteoar-
thritis progression [156]. As stem cell-based therapy is a
potential approach for osteoarthritis, researches about cellu-
lar metabolism in stem cells contribute to the application of
cell-based treatment in general. Stegen et al. suggested that
HIF-1α-mediated conversion of glutamine to glutathione
synthesis was beneficial to maintain redox homeostasis under
oxidative or nutrient stress, consequently exerting beneficial
impact on cell survival [19]. The transplantation of
adipose-derived mesenchymal stem cells (Ad-MSCs) in
1ml of Dulbecco’s modified Eagle’s medium (DMEM) was
injected into articular defect area of the osteoarthritis rabbits,
and the overall healing score of experimental knees was supe-
rior when compared to the control group just received 1ml of
DMEM, in which 2mM L-glutamine was included [157]. In
addition, when it comes to osteoarthritis patients who
received TKA, supplementation with a combination of β-
hydroxy-β-methyl butyrate, L-arginine, and L-glutamine
(HMB/Arg/Gln) during the postoperative recovery could
suppress the loss of muscle strength [150].

8. Conclusion

Recent evidences indicated that glutamine is a critical regula-
tor in bone homeostasis via supporting energy as a substitute
carbon source through TCA cycle and providing precursors
for protein and nucleic acid synthesis. At cellular level,
glutamine metabolism mediate the bioenergy of bone cells
including BMSCs, osteoblasts, chondrocytes, and osteoclasts,
thus influencing their capabilities of the proliferation,
differentiation, and mineralization. Abnormal glutamine
metabolism is associated with clinical disorders such as oste-
oporosis and osteoarthritis and expected to provide novel
guideline for treatments. In bone tissues, an integrated
regulatory network where glutamine acting as the target
participate BMSC differentiation, whereas researches of
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downstream effectors of glutamine metabolism are seldom
studied currently. Therefore, the mechanism of glutamine
in bone homeostasis is likely multifaceted and additional
basic investigation is needed beyond doubt. Glutamine
metabolism has diversified influences on other cells or
tissues, for example, it impacted the cellular differentiation
through the epigenetic regulation in embryonic stem cells
[158]; nevertheless, it has not been elucidated in bone cells.
Alternatively, glutamine supplement has been applied in
some systemic disease treatment and is expected to restore
the impairment of osteoporosis and osteoarthritis. Virtually,
the targets of glutamine in bone disease therapy are little
known. Therefore, more fundamental and clinical studies
are needed to deeply investigate the role of glutamine metab-
olism in regulating bone homeostasis and provide a new
strategy for the clinical treatment of bone diseases.
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Table 1: The application of glutamine in clinical trials.

Disorders/treatment/diagnosis Detailed effect

Digestive system disease Postinfectious irritable bowel syndrome
Restore tight junction proteins, increase claudin-1

expression, and improve permeability [121]

Crohn’s disease
Increase the insoluble fraction of claudin-1 and

occludin proteins, prevent the tight junction proteins,
and maintain the intercellular junction [122]

Short bowel syndrome
Provide energy for enterocytes, enhance the

transport of sodium and water in the ileum, and
upregulate intracellular protein synthesis [123–125]

Acute pancreatitis
Improve lymphocyte proliferation, reduce

proinflammatory cytokine, release C-reactive protein,
and improve the nutritional status [126, 127]

Cirrhotic Increase blood ammonia [128]

Circulation system disease Sickle cell disease
Raise the NAD redox ratio within sickle cells and

synthesize NAD and decrease endothelial cell adhesion in
sickled red cells [129, 130]

Heart failure
Maintain a positive nitrogen balance and activate the

suppressed oxidative metabolism [131]

Locomotor system disease Duchenne muscular dystrophy
Inhibit whole-body protein degradation and stimulate

insulin secretion [132, 133]

Systemic disorders Critically ill patients Maintain high level of HSP70 [134]

Sepsis
Increase immune response, donate nitrogen for many
anabolic processes, and promote wound healing [135]

Type 2 diabetes mellitus
Delay gastric emptying to lower glycemia, stimulate
GLP-1 concentration, and increase circulating insulin

Low birthweight infants
Aid in maturation of the intestinal tract enhances growth,

development, and function of the immunologic system [136, 137]

Imaging diagnosis PET assay of tumor A potential tumor biomarker for targeted radiotracer imaging [138]

Regulatory effect on
certain treatments

Radiotherapy-induced toxicities Protective effects of diarrhea minimized dermatitis [139, 140]

Chemotherapy-induced toxicities
Treat neuropathy induced by vincristine and decrease

mucositis severity [141–144]

Peripheral blood stem cell transplantation Improve CD3+ and CD4+lymphocyte recovery [145, 146]

Liver transplantation
Synthesize glutathione and protect the liver graft

against lipid peroxidation [147]

Cardiac surgery
Enhance cell survival, attenuate the systemic inflammatory

response, and prevent intracellular lactate accumulation [148, 149]

Total knee replacement (TKA) Suppress the loss of muscle strength after TKA [150]
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Lowbackpain (LBP) inoneof themostdisabling symptomsaffectingnearly 80%of thepopulationworldwide. Itsprimary cause seems
to be intervertebral disc degeneration (IDD): a chronic and progressive process characterized by loss of viable cells and extracellular
matrix (ECM) breakdown within the intervertebral disc (IVD) especially in its inner region, the nucleus pulposus (NP). Over the
last decades, innovative biological treatments have been investigated in order to restore the original healthy IVD environment and
achieve disc regeneration. Mesenchymal stem cells (MSCs) have been widely exploited in regenerative medicine for their capacity
to be easily harvested and be able to differentiate along the osteogenic, chondrogenic, and adipogenic lineages and to secrete a wide
range of trophic factors that promote tissue homeostasis along with immunomodulation and anti-inflammation. Several in vitro and
preclinical studies have demonstrated that MSCs are able to acquire a NP cell-like phenotype and to synthesize structural
components of the ECM as well as trophic and anti-inflammatory mediators that may support resident cell activity. However, due to
its unique anatomical location and function, the IVD presents distinctive features: avascularity, hypoxia, low glucose concentration,
low pH, hyperosmolarity, and mechanical loading. Such conditions establish a hostile microenvironment for both resident and
exogenously administered cells, which limited the efficacy of intradiscal cell therapy in diverse investigations. This review is aimed at
describing the characteristics of the healthy and degenerated IVD microenvironment and how such features influence both resident
cells and MSC viability and biological activity. Furthermore, we focused on how recent research has tried to overcome the obstacles
coming from the IVD microenvironment by developing innovative cell therapies and functionalized bioscaffolds.

1. Introduction

Low back pain (LBP) is one of the most common muscu-
loskeletal symptoms; it is estimated that up to 84% of
adults will experience LBP at least once in their life, while
more than 25% report to have suffered from an episode of
LBP in the previous three months [1]. The peak preva-
lence of LBP occurs between 45 and 64 of age and is
slightly more frequent in women, who usually complain
of a higher rate of recurrence [2]. In addition, LBP is a
major cause of disability and loss of working capacity
worldwide [3], resulting in an enormous socioeconomic
burden that significantly impacts on patients’ quality of

life as well as on healthcare expenditure. Indeed, it has
been estimated that LBP is the second most common
cause of loss of productive time among adult workers,
especially if female, older than 60 years of age, and
exposed to hostile and unsafe working conditions [4].

Although being triggered by several different causes,
LBP is mainly provoked by intervertebral disc degenera-
tion (IDD) [5]. The intervertebral disc (IVD) is a complex
structure located between the vertebrae which provides the
spine with bending capacity and shock-absorbing proper-
ties while helping in distributing mechanical loads across
vertebral segments [6]. With the onset of IDD, the IVD
especially its inner portion, namely, the nucleus pulposus
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(NP), undergoes a progressive dehydration due to proteo-
lytic cleavage of aggrecan together with a substantial reduc-
tion of resident cell viability [7]. This ultimately impairs
IVD biomechanical properties subsequently leading to struc-
tural alterations and development of discogenic LBP, as well
as more severe sequelae, including disc herniation, spinal
instability, and stenosis with serious neurological conse-
quences [8]. To date, there is no treatment—neither conser-
vative nor surgical—able to arrest or at least slow down the
degenerative process. For this reason, several efforts are being
made in order to develop innovative approaches to repair or
ideally regenerate IVD original morphofunctional features.

One of the most appealing and promising strategies is
disc regeneration through the supplementation of the
degenerated IVD with exogenous mesenchymal stem cells
(MSCs) [9, 10]. MSCs are multipotent adult stem cells
provided with the capacity to self-renew and to differen-
tiate into several tissues, including bone, cartilage, muscle,
and fat. In the last decades, MSCs have been widely
employed in different areas of regenerative medicine with
promising results, especially in the musculoskeletal field
and also in IDD. A major advantage of MSC-based treat-
ments is their high accessibility as they can be easily and
safely isolated from the bone marrow and the adipose
tissue [9]. MSCs are identified upon three criteria pro-
posed by the International Society for Cellular Therapy:
(1) adherence to plastic, (2) marker expression (CD105+,
CD73+, CD90+, CD45-, CD34-, CD14- or CD11b-,
CD79a- or CD19-, and HLA-DR-), and (3) the capacity
to differentiate along the chondrogenic, osteogenic, and
adipogenic lineages [11]. The underlying concept is to
induce the differentiation of MSCs towards a NP cell
phenotype and/or to stimulate resident NP cells via
released growth factors. This may increase the synthesis
of extracellular matrix (ECM) main components, so as
to regenerate the IVD [12, 13]. In the last 20 years, sev-
eral preclinical and clinical studies have been conducted
to confirm such proof of concept. Despite the incredible
heterogeneity among these investigations (different animal
models, cell sources and number, injection routes, and
association with biomaterials), overall results showed a
substantial improvement of LBP and IVD structure, even
if no restitutio ad integrum was ever documented [12]. In
addition, several studies demonstrated that injected MSCs
rapidly become undetectable due to premature death soon
after implantation [14, 15], while studies associating
MSCs with bioscaffolds resulted in higher cell viability
and improved differentiation, possibly by providing exog-
enous MSCs with a proper microenvironment [16, 17].
This has generated the hypothesis that the hostile envi-
ronment of the degenerated IVD may critically impact
on MSC survival, metabolism, and differentiation thus
limiting or even abolishing their regenerative effect [18].
In order to tackle such limitations, innovative tissue engi-
neering approaches have been investigated so as to mimic
the original IVD healthy microenvironment by combining
cell therapy, bioscaffolds, and soluble factors.

This review is aimed at describing the characteristics of the
IVD microenvironment in both physiological and degenerative

conditions and how they affect both endogenous and exoge-
nous cell viabilities, functionalities, and phenotypes. Further-
more, this paper will discuss how recent research efforts have
developed innovative cell therapies and biomaterials to over-
come such harsh asperities and to encourage disc regeneration.

2. The Intervertebral Disc in
Physiological Conditions

The IVD consists of three specialized tissues: the cartilagi-
nous end plate (CEP), connecting the disc with the adjacent
vertebral bodies, the annulus fibrosus (AF) and the NP [19].

The CEP is about 0.6mm thick in humans and resembles
hyaline articular cartilage in structure [20]. It is fundamental
for the nourishment of the AF and NP; indeed, nutrients to
the IVD pass through the bone marrow cavities of the verte-
bral bodies and then to the capillaries branching through the
CEP, so that they can diffuse to the inner AF and NP which
are definitely avascular [21].

The AF constitutes the external part of the IVD and
surrounds the NP. It is composed of 15-25 concentric lamel-
lae mainly made of type I collagen fibers directed radially and
perpendicularly [22] with an interlamellar matrix containing
noncollagenous proteins (e.g., elastin), proteoglycans, and
fibroblast-like cells [23].

The NP is a gelatinous tissue mainly constituted by type
II collagen and proteoglycans, especially aggrecan, which
establishes a high level of hydration and swelling pressure
due to the large number of sulfated glycosaminoglycans
(GAGs) present in the ECM, providing the NP with its
unique biomechanical properties [24]. Additional proteogly-
cans contained in the NP include versican, decorin, biglycan,
and fibromodulin, as well as significant amounts of elastin,
laminin, and fibronectin [25]. Within the NP, chondrocyte-
like round cells, also known as nucleopulpocytes (NPCy)
[12], can be found; such cells are characterized by specific
markers, including hypoxia-inducible factor (HIF) 1α, glypi-
can 3 (GPC3), keratin (KRT) 8, 18, and 19, paired box 1 and
forkhead box 1, Noto, Brachyury, and glioma-associated
oncogene (Gli) 1 and 3 [26, 27]. In the immature and young
IVD, the NP also contains large vacuolated cells that are
referred as notochordal cells, whose number gradually
decreases with advancing age [28]. Considering the ratio
between the cell number and the disc volume, the IVD
is considered to be relatively acellular. Indeed, it presents
an average cell density of 5:8 × 103 cells/mm3 (with the
NP containing 4 × 103 cells/mm3 and the AF with 9 × 103
cells/mm3); however, such values progressively decline
with aging [29]. In the healthy IVD, cell anabolism and
proliferation are orchestrated by numerous growth factors
that are normally present in the disc. These include
members of the transforming growth factor β (TGF-β)
superfamily, insulin-like growth factor 1 (IGF-1), epidermal
growth factor (EGF), connective tissue growth factor
(CTGF), bone morphogenetic protein- (BMP-) 2, osteogenic
protein-1 (OP-1), and growth and differentiation factor-
(GDF-) 5 and 6 [30]. Several in vitro and in vivo studies have
showed the capacity of such factors to enhance cell

2 Stem Cells International



proliferation, proteoglycan, and collagen synthesis while
reducing the production of metalloproteinases and proin-
flammatory cytokines [30].

Recent studies have demonstrated the existence of a pop-
ulation of progenitor stem cells within the IVD. These cells
have been isolated from the NP, AF, CEP, and niches located
in the perichondrium outside of the epiphyseal plate [12].
Such cells exhibited plastic adherence capacity, multilineage
differentiation in vitro, and expression of a characteristic
surface marker pattern (CD73+ CD90+ CD105+ CD11b-

CD14- CD19- CD34- CD79- HLADR-) and thus can be clas-
sified as NP-MSCs [31]. However, compared to bone
marrow-derived MSCs (BM-MSCs), NP progenitor cells iso-
lated from degenerated IVDs showed a reduced or even
defective adipogenic differentiation [32]. In addition, NP-
MSCs exhibited increased viability and proliferative capacity
under hypoxic and acidic conditions compared to AD-MSCs
in vitro [33, 34]. Furthermore, a specific subpopulation of
clones derived from IVD progenitors expressing the tyrosine
protein kinase receptor TIE2 and the disialoganglioside GD2
was recognized for its superior capacity to proliferate, form
spheroid colonies, synthesize ECM components, self-renew,
and differentiate into diverse lineages, both in vitro and
in vivo [35].More specifically,TIE2+GD2- cells are considered
to be dormant precursors of TIE2+ GD2+ cells; this switch
denotes the activation of NP progenitor cells and the irrevers-
ible andunidirectional differentiative process characterizedby
the loss of TIE2 andGD2 and the expression of CD24, eventu-
ally leading to the acquisition of thematureNP cell phenotype
[31]. In this context, angiopoietin-1 (ANG-1), a ligand of the
TIE2 receptor, has been shown to stimulate the formation of
NP progenitor cell colonies in vitro. This molecule may thus
be a key regulating factor in the IVD stem cell niche [35].

Due to its unique anatomical location and function, the
IVD displays intrinsic physicochemical features that collec-
tively establish a harsh microenvironment for both resident
cells and transplanted exogenous cells, whose viability and
functionality may thus be significantly blunted [36]. Indeed,
the IVD presents with an avascular, nutrient-deficient,
hypoxic, acidic, hyperosmolar, and mechanically solicited
environment [37]. Such conditions even worsen with the
onset and progression of IDD [38]. Main IVDmicroenviron-
ment characteristics are summarized in Table 1.

3. Intervertebral Disc Degeneration: A Great
Challenge for Cell Survival

The pathophysiology of IDD is complex and still not
completely understood. Major contributors include aging
[38], smoking [52], mechanical overload [53], obesity [54],
and diabetes [55]. The structural hallmark of IDD is the
progressive dehydration of the NP mainly due to the gradual
loss of proteoglycans within the ECM [19, 56]. The principal
proteolytic enzymes involved include the matrix metallopro-
teinases (MMPs) andadisintegrin andmetalloproteinasewith
thrombospondin motifs (ADAMTS) [57] which are upregu-
lated together with proinflammatory cytokines, including
tumor necrosis factor α (TNF-α), interleukin- (IL-) 6, IL-1,
IL-17, and interferon γ (IFN-γ) [51], while anabolic factors,

such as IGF-1 [58] and TGF-β [59], appear to be downregu-
lated. Tissue inflammation [51], increased oxidative stress
[60],mechanical overload [61], and theprevalence of catabolic
events notably impact on NPCy viability by boosting cell
senescence [62] and apoptosis [55, 63].

Cell senescence is defined as the irreversible arrest of the
cell cycle with loss of proliferative capacity, reduced anabolic
activity, and aberrant production of metalloproteinases, pro-
inflammatory cytokines, and chemokines [64]. During IDD,
cell senescence is triggered by several stimuli, including oxi-
dative stress, acidity, nutrient depletion, mechanical over-
loading, and tissue inflammation [65]. These lead to DNA
damage and the activation of the p53-p21-Rb, p38-p16-Rb,
and Wnt/β-catenin pathways, which ultimately cause the
acquisition of the senescent phenotype [66]. As IDD pro-
gresses, the number of senescence-associated β galactosi-
dase- (SA-β-Gal-) positive cells increases and positively
correlates with the Thompson and Pfirrmann degeneration
grade of degenerated IVDs [64].

The reduced number of functional cells progressively
results in the incapacity of NPCy to counteract degenerative
changes by producing an adequate amount of ECM to
maintain IVD structural integrity [67]. Furthermore, the
enhanced secretion of proinflammatory and catabolic factors
by senescent cells may favour the senescence of neighbouring
healthy cells thus precipitating a sort of degenerative domino
effect. The strong relationships among IDD, cell senescence,
and inflammation have been recently described as “inflam-
maging,” a process with distinctive biological and proteomic
features typical of aging and degenerating IVDs [68].

Eventually, NP dehydration leads to a decrease of disc
height and shock-absorbing properties of the NP itself, thus
causing circumferential forces to be transmitted to the AF
which eventually result in the formation of cracks and
fissures, providing a basis for the development of discogenic
LBP, disc herniations, and segmental instability [69].

3.1. Avascularity and Nutrient Deficiency. As stated above,
the nourishment of IVD tissues strictly depends on the diffu-
sion of nutrients from the capillaries running through the
CEP [21]. Therefore, the IVD itself is inherently avascular.
The diffusion process may be further hampered because of
end plate calcification and subsequent capillary obliteration,
which is common in IDD due to IVD aging and mechanical
overstress [39]. The lack of blood flow consequently estab-
lishes a hypoxic microenvironment with higher O2 concen-
trations at the AF surface (19.5%) that then drop towards
the center of the NP (0.65%), where cell survival is fully
maintained even when oxygen tension falls below 5% [40].
Resulting oxygen concentration is determined by the balance
among O2 transportation across the CEP, cell density, and
metabolism [70]. As a consequence of avascularity, IVD tis-
sue are exposed to low glucose concentrations that vary from
approximately 5mM at the periphery to circa 0.8mM in the
center of the IVD [42]. To maintain their viability, IVD cells
adjust their metabolic requirements to the hypoxic low
glucose environment by mainly relying on anaerobic glycol-
ysis, which allows generating energy while consuming less
O2 and producing less reactive oxygen species (ROS) [71].
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Such degree of adaptation has been confirmed by the fact that
NPCy are able to survive in hypoxic conditions by HIF-1 and
-2 expression, which positively regulate cell proliferation,
energy metabolism, type 2 collagen production, oxidative
stress, and cell autophagy and apoptosis. These mechanisms
may hold a fundamental role in the adaptation of NPCy to
even lower levels of oxygen and nutrients as it occurs during
IDD [72]. Similarly, BM-MSCs and adipose-derived stem
cells (ADSCs) have been demonstrated to increase cell viabil-
ity and synthesis of ECM components in hypoxic (1-5% O2)
and low glucose conditions in vitro [36, 73]. BM-MSCs have
shown a greater development of colony-forming units (CFU)
[74], a decrease of osteogenic differentiation [75], and an
attenuation of the inhibitory effect of IL-1β towards chon-
drogenic differentiation when exposed to a hypoxic environ-
ment [76]. Moreover, hypoxia has demonstrated to inhibit
MSC senescence and to maintain cell stemness through stim-
ulation of telomerase activity via the HIF1α-Twist-mediated
downregulation of the E2A-p21 pathway [77]. Collectively,
these adaptive strategies may favour MSC survival in the
hostile IVD microenvironment after implantation. However,
it has been shown that the prolonged exposure to severe hyp-
oxia (oxygen tension < 1%) together with serum deprivation
eventually resulted in complete cell death [78].

MSC viability and differentiation into a NPCy-like phe-
notype may be further enhanced by the supplementation of
growth factors, namely, TGF-β, IGF-1, growth differentia-
tion factor- (GDF-) 5, GDF-6, platelet-derived growth factor
(PDGF), and basic fibroblast-like growth factor (bFGF). Such
molecules are normally expressed by IVD resident cells, but
as cell density decreases, nutrient diffusion hinders and
ECM becomes disrupted; their anabolic effect gets almost
completely blunted. For this reason, preexposing MSCs
in vitro to such growth factors before implantation or embed-

ding them in MSC-loaded bioscaffolds could maintain their
biological activity and boost cell proliferation, differentiation,
and synthetic potential [37]. Several in vitro and preclinical
studies have been conducted in this regard [79–83].

3.2. Acidity. Due to the extensive recourse to anaerobic
glycolysis by disc cells, lactic acid is produced and accumu-
lated within IVD tissues (average concentration between
2mM and 6mM), whose average pH is slightly acidic (7.0-
7.2) in physiological conditions. However, in mild degenera-
tive conditions, the pH may drop to 6.5 and even to 5.6 in
severely degenerated IVDs, with a significant effect on NP
cell viability and ECM composition resulting in a reduction
of collagen and proteoglycan synthesis [38]. pH variations
are recognized by IVD cells through acid-sensing ion chan-
nels (ASICs), which regulate Ca2+ transmembrane influx
upon fluctuations of extracellular H+ levels. Moreover, ASIC
expression by both NPCy and AF cells is upregulated in IDD,
thus suggesting the crucial role of these channels [84].
Human IVD cells express all ASIC isoforms (ASIC-1,
ASIC-2, ASIC-3, and ASIC-4); ASIC-1a activation has been
shown to increase Ca2+ cellular influx eventually resulting
in apoptosis of CEP chondrocytes [85], while ASIC-3 has
been involved in NPCy survival under acidic and hyperos-
molar conditions via the nerve growth factor (NGF)/p75/ex-
tracellular signal-related kinases (ERK) pathway [86].
However, NGF is also renowned for its role in IDD as it
promotes nerve ingrowth within the injured IVD and
hence favours the development of discogenic LBP [87].
Based upon these observations, it has been questioned
whether the survival of disc cells within the acidic envi-
ronment may be enhanced by inhibiting ASIC1a and/or
stimulating ASIC3, although the increased expression of
the latter in dorsal root ganglions has been associated with

Table 1: Main IVD microenvironment features under physiological and degenerative conditions.

Healthy IVD IDD

Avascularity
Vessels from the vertebral bodies branch into capillaries

terminating in the CEP [21]
CEP calcification may hinder nutrient diffusion [39]

Hypoxia
Oxygen concentration decreases from AF surfaces (19.5%)

to the inner portion of the NP (0.65%) [40]

Oxygen concentration falls due to reduced blood supply and
shift of NP cell metabolism towards oxidative

phosphorylation [41]

Low glucose
concentration

Glucose concentration is higher at IVD boundaries while it
falls towards the center of the NP [42]

Glucose levels diminish together with blood supply and
increased consumption by degenerative cells [43]

Acidity
Due to anaerobic glycolysis and lactic acid production,

average pH is 7.0-7.2 [38]

pH may decrease to 6.5 in mild IDD and 5.6 in severe IDD
due to nutrient depletion and increase lactic acid

production [38]

Hyperosmolarity
The high GAG content within the NP determines a high
osmolarity which varies upon mechanical load (430-

500mOsm/L) [44]

The loss of proteoglycans due to matrix breakdown reduces
IVD osmolarity [45]

Mechanical
loading

Mechanical stimuli (flexion, torsion, shear, and
compression) regulate IVD cell activity and metabolism

within a physiological range (0.1-2.5MPa) [46, 47]

Disruption of IVD structure alters loading transmission
across the IVD and the vertebral segments, resulting in

tissue damage and cellular overstress [48]

Inflammation
Proinflammatory cytokines and chemokines may have a

role in IVD development and recruitment of local
progenitor cells [49, 50]

The excess of proinflammatory cytokines increases cell
apoptosis, senescence, autophagy, matrix breakdown, and

discogenic LBP [51]

CEP = cartilaginous end plate; AF = annulus fibrosus; NP = nucleus pulposus; IVD = intervertebral disc; IDD = intervertebral disc degeneration;
GAG= glycosaminoglycan; LBP = low back pain.
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enhanced radicular pain [88]. Gilbert et al. elegantly
showed that, when exposed to a pH of 6.8 in vitro, human
NPCy viability remained high while proliferation stopped.
At lower pH values, cells began to die and secrete significant
amounts of proinflammatory cytokines (IL-1β and ΙL-6) and
neurotrophic pain-related factors, including NGF and brain-
derived neurotrophic factor (BDNF). Highly acidic culture
conditions also resulted in a decrease of aggrecan content
together with an upregulation of MMP-3, ADAMTS-4, and
ASIC-3, while ASIC-1 and ASIC-2 levels remained
unchanged. Interestingly, when ASIC-3 was selectively inhib-
ited using APETx2, the increase of cytokines and neuro-
trophic factors was prevented, even if no positive effect was
reported on cell viability nor on ECM breakdown in acidic
conditions. However, this study pointed out again the impor-
tance of ASIC-3 in triggering the pH-dependent inflamma-
tory and neurogenic response of NPCy [89].

Differently from IVD cells, MSC biosynthetic activity is
largely impaired when exposed to acidic pH in vitro. A study
from Wuertz et al. showed that rat BM-MSCs underwent a
significant decrease of cell viability and proliferation together
with the inhibition of aggrecan, type 1 collagen, and tissue
inhibitor of metalloproteinases- (TIMP-) 3 even when
exposed to a pH corresponding to a mild degenerative condi-
tion (6.8) [90]. More recently, Liu and colleagues reported
that, with decreasing pH (from 7.4 to 6.2), human NP-
MSCs displayed a reduction of cell proliferation, an increase
of apoptosis, and a diminished gene expression of type 1
collagen, type II collagen, aggrecan, and SOX-9, as well as
of stemness-related genes (Oct4, Nanog, Jagged, and Notch1)
in vitro. Contrariwise, as pH decreased, ASIC-1, ASIC-2,
ASIC-3, and ASIC-4 expression gradually increased. Block-
ing ASIC activity by using amiloride resulted in a significant
improvement of cell viability and a normalization of ECM
and stem cell-related gene expression, thus suggesting the
importance of ASICs in the negative regulation of IVD cell
metabolism within the acidic degenerative disc environment
[91]. Similar results were previously documented by Han
et al., who compared the effect of the acidic environment
on AD-MSCs and NP-MSCs eventually reporting that the
latter were less sensitive to the inhibitory and catabolic con-
sequences of low pH, thus being more promising as candi-
dates for IVD regeneration [34].

3.3. Hyperosmolarity. Due to the large amount of negatively
charged GAG side chains of aggrecan molecules, the IVD
and especially the NP are characterized by a high osmolarity,
which is responsible for the notable imbibition and swelling
pressure of the NP in physiological conditions. However, NP
osmolarity (and thus water content) is not fixed but cyclically
varies upon applied mechanical load; indeed, it diminishes by
20-25%during diurnal activities while it is restored at rest, with
values ranging between 430 and 500mOsm/L in vivo [44]. Due
to the progressive loss of proteoglycans with IDD, IVD osmo-
larity declines as the degenerative process goes on [45].

NPCy are able to sense changes of osmolarity by regulat-
ing the expression of tonicity enhancer-binding protein
(TonEBP), which is activated in hypertonic conditions and
binds to the tonicity-responsive enhancer element (TonE)

motif, eventually resulting in the upregulation of down-
stream genes, namely, heat shock protein 70, betaine/γ-ami-
nobutyric acid transporter, sodium myo-inositol transporter,
taurine transporter, and aquaporin-2, which are fundamental
to control intracellular osmotic stress [92, 93]. However,
hyperosmolarity was not found to induce autophagy in
NPCy as it occurs with other cell types [94]. Moreover,
TonEBP activation may positively regulate the production
of ECM components by directly increasing the expression
of both aggrecan and galactose-β1,3-glucuronosyltransfer-
ase-I (GlcAT-I), which is a key enzyme for the synthesis of
GAG side chains [95]. Notwithstanding, a recent in vitro
study showed that although hyperosmolarity upregulated
ECM gene expression, no notable increase was noted at the
protein level [96]. TonEBP is also involved in the upregula-
tion of proinflammatory cytokines under hypertonic stress,
including C-C motif chemokine ligand (CCL), nitric oxide
synthase 2 (NOS-2), IL-6, and TNFα [97].

An excessive hypertonic stress has been documented to
induce DNA damage and subsequent arrest of the cell cycle
in bovine NPCy, though cells exhibited the capacity to repair
DNA after the genotoxic insult [98]. An interesting study
conducted by Li and colleagues using a whole organ-
cultured porcine IVDmodel assessed the effect of hypoosmo-
larity (330mOsm/L), isoosmolarity (430mOsm/L), hyperos-
molarity (550mOsm/L), and cyclic osmolarity (430mOsm/L
for 8 h and then 550mOsm/L for 16 h) on NPCy viability and
ECM synthesis. They found that hypo- and hyperosmolarity
significantly increased NPCy apoptosis compared to isoos-
molarity and cyclic osmolarity; the process was even more
pronounced after the inhibition of ERK 1/2, which may phys-
iologically protect NPCy against osmotic stress-induced
apoptosis [99]. Similarly, expression and protein synthesis
of SOX9, aggrecan, and type 2 collagen as well as GAG con-
tent were notably higher in isoosmolarity and cyclic osmolar-
ity cultures [100].

Mizuno et al. investigated the effect of different combina-
tions of hydrostatic and osmotic pressures on bovine NPCy
in vitro and demonstrated that the association of a cyclic
hydrostatic stress (0.5MPa, 0.5Hz) with a high osmolarity
(450mOsm/L) mimicking daily spinal stress resulted in an
upregulation of aggrecan, type II collagen, and other anabolic
markers [101].

Differently from mature NPCy, notochordal cells can
better adapt to fluctuations in osmolarity. In case of a
hypotonic stress, notochordal cells have shown to release a
low osmotic solution from intracellular vacuoles so as to
dilute the cytoplasm and maintain an osmotic equilibrium
across the membrane thus preventing excessive cell swelling
and death [102]. Conversely, hyperosmolarity has demon-
strated to induce notochordal cell differentiation towards a
mature NP cell phenotype characterized by upregulation of
aquaporin-3 and downregulation of N-cadherin [103].

Less is known about the effect of hyperosmolarity on
MSCs. A previous study has shown that hypertonic culture
conditions reduced BM-MSC proliferation, anabolic marker
expression, and chondrogenic differentiation [73]; similarly,
AD-MSC viability and proliferation together with aggrecan
and type 1 collagen expression were abated [36]. In a recent
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study, Li et al. showed that exposing NP-MSCs to osmotic
pressures mimicking the healthy IVD environment (430-
500mOsm/L) resulted in a decrease of cell proliferation and
chondrogenic differentiation via activation of the ERK path-
way, while the relative hypoosmotic condition of mild IDD
proved to increase NP-MSC proliferation and chondrogenic
potential. Based on this study, a degenerative microenviron-
ment, due to lower osmotic pressures, may be less hostile to
NP-MSCs, providing an interesting insight for future regen-
erative strategies [104].

3.4. Mechanical Loading. IVDs, especially in the cervical and
lumbar regions, are naturally exposed to complex bio-
mechanical stimuli, including flexion, torsion, shear, and
compression. Diverse load intensity, duration, frequency,
and direction profoundly influence IVD cell activity and
ECM dynamic composition [46]. Normally, intradiscal
pressure (L4-L5) is approximately 0.1-0.24MPa in supine
position and may increase up to 2.0MPa when carrying
a 20 kg weight with the flexed back [47]. It has been pre-
viously shown that, at physiological pressures, MMP-3
production is reduced while TIMP-1 synthesis is increased,
thus exerting a net anabolic effect on the ECM. Con-
versely, as intradiscal pressure drops during IDD due to
NP dehydration, the MMP-3/TIMP-1 ratio is inverted and
catabolic events predominate. In addition, IVD cells har-
vested from degenerated discs seem to exhibit a less anabolic
response at a physiological intradiscal pressure [46]. When
exposed to increasing mechanical loads, NPCy get over-
stressed due to mitochondrial damage and excessive ROS
production. Under a certain threshold, NPCy can counteract
such stress by activating autophagy and removing damaged
mitochondria so as to reduce the generation of ROS [105].
However, with prolonged loading, NPCy irreversibly
undergo apoptosis through caspase-dependent mitochon-
drial pathways. In addition, a specific form of programmed
cell death with necrosis-like features, namely, necroptosis,
seems to be involved in the compression-induced death of
NPCy [106].

The effect of different loading modalities on IVD cells has
been extensively investigated by several studies. In most
investigations, static compressive loading has been associated
with increased cell death and matrix catabolism due to
diminished expression of collagen and aggrecan while metal-
loproteases were produced in higher amounts. Conversely,
dynamic compressive loading has been described to often
elicit an anabolic response and to enhance transportation of
nutrients and especially high molecular weight molecules,
such as growth factors (IGF-1, TGF-β, FGF, and PDGF),
within the NP [48]. The type, degree, and duration of meta-
bolic responses of IVD cells to loading strictly depend upon
experimental design, cell source, age of donor, and culturing
conditions and have been reviewed elsewhere [46, 48].

Similarly to IVD cells, cyclic mechanical loading has been
shown to stimulate ECM production and chondrogenic dif-
ferentiation of BM-MSCs [26] and NP-MSCs [37] in vitro.
A study from Gan et al. demonstrated that the anabolic
response of BM-MSCs to low-magnitude compression was
triggered by the activation of the mechanotransducer tran-

sient receptor potential vanilloid 4 (TRPV-4) on the cell
surface [107]. While mechanical loading may be a convenient
resource to predifferentiate MSCs in view of a subsequent cell
therapy, it could be speculated that the enhanced chondro-
genic commitment of NP progenitors upon prolonged
mechanical stimulation may contribute to the exhaustion of
the resident stem cell compartment during IDD. This has
been also demonstrated by previous studies showing an
increased NP-like differentiation upon dynamic loading of
AD-MSCs [108] and the acquisition of an AF-like pheno-
type by BM-MSCs when exposed to radial compressive
stimulation [109]. Differently from dynamic loading, static
prolonged loading (1MPa, >24 h) significantly diminished
NP-MSC viability, migration, differentiation, CFU forma-
tion, and stemness-related gene expression, suggesting that
biomechanical overload might be a cause of endogenous
repair failure for IVD regeneration [110]. However, in a
coculture experiment involving AD-MSCs and NPCy
undergoing high prolonged loading (3MPa for 48 h), the
presence of AD-MSCs resulted in a reduction on NPCy
apoptosis via the inhibition of activated caspase-9 and 3
as well as in an upregulation of ECM genes with dimin-
ished expression of metalloproteinases and proinflamma-
tory cytokines (IL-1β, IL-6, and TNF-α) [111].

3.5. Inflammation. IDD is thought to be sustained in part by
the abnormal secretion of proinflammatory cytokines by AF
cells, NPCy as well as by T cells, neutrophils, and macro-
phages located within the IVD. A wide array of inflammatory
mediators is involved in the process, including interleukins
(IL-1, IL-2, IL-4, IL-6, IL-8, IL-10, and IL-17), TNF-α, IFN-
γ, chemokines, and prostaglandin E2 (PGE2). These mole-
cules are able to induce cell apoptosis, senescence, and
autophagy, to favour the development of discogenic LBP
and to upregulate the synthesis of MMPs (-1, -3, -7, -9, and
-13) and ADAMTS (-1, -4, -5, -9, and -15) by NPCy, thus
leading to ECM breakdown [51].

IL-1β is considered a key molecule in the IDD-driven
inflammatory response. Indeed, IL-1β expression is posi-
tively associated with the severity of IDD and promotes
ECM catabolism both by upregulating proteolytic enzymes
and inhibiting aggrecan expression and synthesis [112]. In
addition, it has been shown that IL-1β can reduce aggrecan
and SOX9 expression by rat NP-MSCs and improve their
neurogenic potential, which may eventually result in IVD
neoinnervation and generation of LBP [49]. However, it has
been noted that IL-1β is expressed even in healthy IVDs since
birth, thence possibly presenting an unknown physiological
function. Interestingly, a recent study from Gorth et al.
reported that, compared to controls, IL-1α/β knockout mice
unexpectedly showed bone morphology alterations and
higher degrees of IDD mainly involving the AF, while NP
structure remained mostly unaffected [50].

Together with IL-1β, TNF-α holds a fundamental role in
IVD inflammation as the two cytokines are present at high
levels in degenerated and herniated disc as well as in the epi-
dural space [51]. Furthermore, TNF-α is able to amplify the
inflammatory response by stimulating IVD cells to synthe-
size additional cytokines, including IL-6, IL-8, IL-17, IL-1β,
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and substance P (SP), and numerous chemokines. Among
the latter, CCL-5 has been shown to attract eosinophils and
macrophages towards the inflamed IVD and to correlate with
both discogenic LBP and the severity of IDD [113].

A previous study has reported that MSCs are able to
secrete anti-inflammatory mediators (IL-1 receptor antago-
nist, IL-10, IL-13, and tumor necrosis factor-inducible gene
6 protein), anticatabolic factors (TIMPs), and growth factors
(TGF-β, GDF-5) when cultured in IDD-like conditions, thus
exerting an immunomodulatory effect on surrounding cells
[114]. In a recent study, Teixeira and colleagues evaluated
the biological responses of human BM-MSCs using an
ex vivo bovine model of IDD (needle puncture with IL-1β
supplementation). While not presenting a tangible effect on
ECM production, BM-MSCs showed an increased produc-
tion of IL-6, IL-8, PGE2, and monocyte chemoattractant
protein 1 (MCP-1) and a downregulation of the expression
of IL-6, IL-8, and TNF-α by bovine IVD cells [79]. Moreover,
MSC migration to inflamed IVD tissues was enhanced prob-
ably due to the presence of IL-1β, which has renowned
chemoattractant properties towards MSCs [115]. Indeed,
many of the proinflammatory mediators that have been pre-
viously cited exhibit chemotactic features which may be cru-
cial in the recruitment of MSCs (both endogenous and
exogenous) into the degenerating IVD by resident NP cells
[106]. On the other hand, MSCs have been described to
secrete cytokines and factors that support NP cell viability
and functionality under stress. For example, TGF-β and
IGF-1 have shown to inhibit NP cell senescence [116], while
IGF-1 and bone morphogenetic protein 7 protected NPCy
against apoptosis [91] and together with TGF-β reduced
ECM degradation and inflammation [117].

4. Intervertebral Disc Regeneration: The
Need to Learn from the
Disc Microenvironment

As IDD is mainly sustained by progressive NPCy depletion,
several research efforts have been conducted to develop bio-
logical treatments that may replenish the NP with active
and functional cells. In the last decades, numerous attempts
to regenerate the IVD by introducing viable stem cells into
the degenerating disc have been made, using different cell
sources, animal models, injection routes, and bioengineered
scaffolds [12, 118]. Among the diverse cell utilized in the
studies within the field, MSCs have been widely adopted for
their prompt availability (as they can be easily and safely har-
vested from the bone marrow and the adipose tissue) and the
capacity to differentiate along the chondrogenic pathway [9].
In addition, MSCs acquire a NPCy-like phenotype when
exposed to specific growth factors in vitro [119] and have
been shown to increase ECM production and even to
improve radiographically assessed disc height and IVD
hydration at T2-weighed magnetic resonance imaging
(MRI) in different preclinical studies [31, 120]. The rationale
behind intradiscal cell therapy is to increase NP cellularity
due to the differentiation of MSCs into functional NPCy
and to support residual NPCy activity through the secretion

of growth factors, anti-inflammatory cytokines, and anticata-
bolic mediators, thus eventually resulting in ECM restoration
and regeneration of the IVD [106]. Furthermore, the recent
individuation of endogenous IVD stem/progenitor cells has
raised the possibility that this mechanism may naturally
occur during IDD upon release of specific cues by resident
IVD cells that could recruit local progenitors from stem cell
niches to regenerate the tissues. However, as IDD advances,
both progenitor cell number and ability to migrate (and
hence their intrinsic regenerative capacity) decline because
of the hostility of the degenerating IVD microenvironment
[106]. The lack of a full regenerative response and, in some
studies, the absence of significant changes compared to the
controls, apart from methodological issues, have been
imputed to the unlikely capacity of transplanted cells to sur-
vive in the degenerating IVD harsh microenvironment,
which is profoundly different from stem cell niches [37].
While hypoxia [76] and mechanical loading [26] have been
described to enhance MSC differentiation, proliferation,
and anabolism, acidic pH [90, 91] and hyperosmolarity
[73] drastically impair cell viability and phenotype (Figure 1).

In addition, the cell response to the degenerating micro-
environment may significantly vary when comparing NP-
MSCs, BM-MSCs, and ADSCs (Table 2). Among the three
cell types, NP-MSCs tend to exhibit a higher chondrogenic
differentiation capacity, considering that MSCs isolated from
a specific tissue are more prone to acquire the residing cell
phenotype [121]. However, the role of NP-MSCs in IDD cell
therapy may be significantly limited by the low number of
available cells, by the reduced regenerative potential due to
the degree of IDD at the time of cell harvest and by the need
of an invasive approach to the IVD for NP-MSC retrieval
[33]. Conversely, BM-MSCs have been demonstrated to be
promptly available, easy, and safe to harvest and able to
maintain a significantly high viability and CFU capacity even
in adverse conditions. This cell type is the most extensively
investigated with regard to IVD regeneration and thus con-
stitute the most convenient source for intradiscal cell therapy
at the present time [9]. ADSCs have also shown to hold
potential for regenerating the IVD. Even with a lower ability
to differentiate along the chondrogenic line and a reduced
capacity to tolerate the acidic and hyperosmolar microenvi-
ronment compared to NP- and BM-MSCs, the use of ADSCs
may be favoured by their high proliferation rate and the little
donor site morbidity [36].

In the last years, the growing body of preclinical research
has confirmed the safety, feasibility, and efficacy of MSC-
based intradiscal cell therapy, thus funding the basis for
clinical application. Orozco et al. conducted a pilot study
on 10 patients affected by LBP unresponsive to conservative
treatment. Patients were injected with autologous expanded
BM-MSCs into the NP area; pain and disability (measured
with the Visual Analogue Scale (VAS) and Oswestry Disabil-
ity Index (ODI), respectively) were significantly reduced at 3,
6, and 12 after injection. In addition, although disc height
was not restored, MRI demonstrated a significant elevation
of NP water content at 12 months [122]. Similar results were
described by Pettine et al., who reported that 8 of 20 treated
patients showed a reduction of one modified Pfirrmann
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Acidity
↓ cell viability
↓ ECM production
↑ cell apoptosis

Hypoxia and low glucose
↑ cell viability
↑ ECM production
↓ cell senescence

Hyperosmolarity

↓ cell proliferation
↓ chondrogenic differentiation
↓ cell anabolism

Low mechanical loading

↑ chondrogenic differentiation
↑ ECM production

Figure 1: Schematic representation of the major effect of the IVD microenvironment on MSCs based upon actual evidences.
ECM= extracellular matrix.

Table 2: Different responses of NPCy, NP-MSCs, BM-MSCs, and ADSCs to the degenerative microenvironment.

NPCy NP-MSCs BM-MSCs ADSCs

Hypoxia and low
glucose
concentration

NPCy survive by relying on
anaerobic glycolysis [71].
Low O2 concentration

increases the expression of
HIF-1 and 2, which

upregulate cell proliferation
and matrix production [72].

Low O2 concentration is
associated with a higher
viability and proliferative
capacity of NP-MSCs

compared to ADSCs [33, 34].

Hypoxia increases BM-
MSCs CFU, reduces cell
senescence and maintains
cell stemness [74–77].

Low glucose slightly increases
cell apoptosis and inhibits cell
proliferation while enhancing
aggrecan production [36, 73].

Acidity

NPCy survival at low pH is
mediated by ASICs [84–86],
even if critically acidic pH has

been associated with
decreased cell viability and

upregulation of
metalloproteinases and

proinflammatory cytokines
[87–89].

Low pH leads to reduced cell
proliferation, enhanced

apoptosis, and diminished
expression of stemness-

related and ECM genes [91].
However, overall

performance was better than
BM-MSCs and ADSCs [34].

Acidic pH significantly
decreases cell

proliferation, aggrecan,
and type I collagen
production [90].

Low pH promoted cell
necrosis, reduced the
proliferation rate, and
diminished aggrecan

production, while increasing
type I collagen synthesis [36].

Hyperosmolarity

NPCy respond to
hyperosmolarity through

TonEBP activation [92, 93],
which increases ECM gene
expression [96]. However,
excessive hyperosmolarity
results in upregulation of
proinflammatory cytokines
and cell apoptosis [97–100].

Hyperosmolarity has been
demonstrated to induce

progenitor cell differentiation
towards a mature NP
phenotype [104].

Hypertonic conditions
reduced BM-MSC

proliferation, anabolism,
and chondrogenic
differentiation [73].

IVD-like hyperosmolarity
significantly reduced ADSC
viability and proliferative

capacity and abated aggrecan
and type I collagen synthesis

[36].

Mechanical
loading

Physiological loadings
promote cell anabolism while
abnormal mechanical stimuli
cause ECM breakdown and
reduced cell viability [46,

105].

Cyclic mechanical loading
favours the differentiation of
NP-MSCs towards mature
NPCy [37], while static

prolonged loading
diminished cell viability,
migration, differentiation,

and stemness [110].

Cyclic mechanical loading
enhances BM-MSC

chondrogenic
differentiation and cell

anabolism [26].

ADCs may protect NPCy
from apoptosis and promote
the synthesis of ECM genes
under prolonged loading

[111].

Inflammation

Proinflammatory cytokines
induce NPCy apoptosis,

senescence, and autophagy
and upregulate the synthesis
of metalloproteinases, thus
resulting in ECM breakdown

[51, 112].

IL-1β may reduce aggrecan
and SOX expression by NP-
MSCs while improving their
neurogenic differentiation,

which may have a role in IVD
neoinnervation [49].

BM-MSCs may support
resident cells by secreting

anti-inflammatory
cytokines, anticatabolic,
and growth factors [79,

114].

Under inflammatory
conditions, ADSCs have been

shown to increase
proliferation,

proinflammatory cytokine
production, and osteogenic

differentiation [125].

NPCy = nucleopulpocytes; NP-MSCs = nucleus pulposus-derived mesenchymal stem cells; BM-MSCs = bone marrow-derived mesenchymal stem cells;
ADSCs = adipose tissue-derived mesenchymal stem cells; HIF = hypoxia-inducible factor; CFU = colony-forming units; ASIC = acid-sensing ion channels;
ECM= extracellular matrix; TonEBP = tonicity enhancer-binding protein; NP = nucleus pulposus; IVD = intervertebral disc; IL = interleukin.
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grade at 12 months. Furthermore, improvement of pain and
disability was faster in patient receiving a higher dose of BM-
MSCs but reduced in patients >40 years of age, suggesting
that MSC regenerative capacity may depend on both cell con-
centration and patients’ characteristics [123]. The study by
Centeno et al. was conducted on 33 patients affected by
LBP and radiculopathy and injected with autologous BM-
MSCs. The follow-up period was extended until 6 years; pain
was significantly reduced at 3, 36, 48, 60, and 72 months after
injection, as well as reported functionality (functional rating
index, FRI), which was improved at each time point exclud-
ing 12 months. In addition, 17 patients showed a reduction
of the disc herniation volume (average reduction of 23% in
size) [124]. The first, small randomized controlled trial has
been conducted by Noriega et al., who randomized 24
patients with degenerative LBP treated with either sham infil-
tration or allogeneic BM-MSCs from healthy donors.

40% of the patients in the experimental group showed
a rapid improvement of pain and functionality as well as
Pfirrmann grading, which instead worsened in the control
group [126].

The only clinical evidence of an intradiscal therapy involv-
ingADSCs has been provided byKumar et al., who performed
a phase I clinical trial on 10 patients affected by chronic LBP.
Patients were injected with a combination of hyaluronic acid
(HA) and ADSCs and followed up to 1 year. 60% of individ-
uals displayed a significant improvement of pain, disability,
and quality of life, with 3 patients additionally showing
increased water content as demonstrated by MRI [127].

Overall, intradiscal cell therapy has demonstrated to be
safe in all previous reports; no major adverse events were
observed, while minor event basically consisted in local pain
treated with analgesics [128].

Another strategy that is being widely investigated in the
field is tissue engineering, whose principal aim is to mimic
the natural IVDmicroenvironment through the combination
of biomaterials, soluble factors, and functional cells so as to
reproduce IVD original biological and biomechanical
properties. Regarding IDD, three main bioengineering
approaches have been developed: repair of the AF, NP regen-
eration or replacement, and NP/AF combined repair [25].

AF fissures and tears usually occur with IDD due to higher
tensile and compressive stresses transmitted to the AF as a con-
sequence of NP dehydration and loss of disc height. At the
latest stages, AF disruption may lead to NP displacement thus
causing IVD herniation [129]. In this regard, a strategy to
repair the AF may result in the restoration of IVD function
and prevention of reherniation. Different suturing devices
and polymeric meshes have been employed to close the annular
defect; such approaches have demonstrated to be efficacious
and safe in numerous in vitro studies [130] and in some clinical
applications, although the complexity of the techniques and
their consistent costs have limited their diffusion [25]. Alterna-
tively, diverse biomaterials have been exploited as void fillers of
the AF damage in the form of hydrogels and sponges (polylac-
tic acid, polyglycolic acid, GAGs, poly(s-caprolactone), silk,
etc.) with or without a cellular component. Indeed, BM-
MSCs engrafted within a poly(trimethylene carbonate) scaffold
and covered by a poly(ester-urethane) membrane were tested

in a bovine organ culture annulotomy model. After 14 days
under dynamic load, disc height was restored and no rehernia-
tion occurred. Moreover, MSCs displayed an increased expres-
sion of anabolic genes and markers of the AF phenotype [131].

Tissue engineering attempts to regenerate the NP ideally
aimed at reproducing the nucleus functions so as to restore
disc height and spinal biomechanics. Hydrating synthetic
polymers were firstly investigated for their potential ability
to mimic the water retention capacity of GAGs lost during
IDD thus leading to increased IVD height and pressure.
However, the in vivo application of such materials often
resulted in excessive swelling with consequent development
of segmental stiffness, end plate fractures, and device failure
[25]. A similar strategy that is gaining growing interest is
the design of synthetic polymers that undergo a transition
from an easily injectable form to a gel-like form when
exposed to particular pH levels or when combined with
cross-linking molecules [132]. Biomaterials that have been
tested in this field include HA, GAG-containing scaffolds,
and collagen. Again, this approach mainly focuses on biome-
chanical goals and the integration and interaction of the
implants with resident cells have been neglected in most
studies [25]. The most appealing solution to regenerate the
NP at the present time seems to be the design of proper scaf-
folds that could provide transplanted MSCs with an adequate
three-dimensional microenvironment. The ideal scaffold
should be biocompatible and easy to manipulate, while bio-
mechanically stable and respectful to cell morphology and
functionality [133]. To date, various biomaterials including
HA, collagen, fibrin, alginate, gelatin, and silk have been
investigated as scaffolds for cell engraftment and IVD regen-
eration [12]. Although there is no definitive evidence for
preferring a carrier than another, hydrogels are being more
thoroughly evaluated due to the high-water content (90-
95%) similar to the healthy NP ECM and their easy handling
and tunability. Hydrogels are composed of natural or
synthetic macromolecules that can be assembled to be either
“mechanically competent” or “biologically competent” [134].
The former are constituted by highly cross-linked molecular
networks that are able to increase disc height and withstand
biomechanical stimuli, while not allowing for an adequate
matrix hydration and cell encapsulation. On the other hand,
“biologically competent” hydrogels present a less cross-
linking degree which permits embedded cells to proliferate,
differentiate, and produce ECM components whereas they
lack adequate biomechanical characteristics [135]. Major
drawbacks of these biomaterials have recently been overcome
by the development of double network hydrogels, which
combine a highly cross-linked network (providing the scaf-
fold with mechanical competence) with a less dense network
that may consent cell survival and matrix deposition, and
thus hold a promising role in IVD regeneration [136]. Recent
studies have reported that the macromolecules employed to
build hydrogels for IVD regeneration may modulate the
harsh degenerative microenvironment by naturally present-
ing anti-inflammatory properties or by being combined with
other active molecules. Indeed, Teixeira et al. have showed
that the injection of chitosan/diclofenac/γ-polyglycolic acid
nanoparticles was able to reduce the production of IL-6, IL-
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8, and PGE2 in an organ model of IDD [137]. HA is a high
molecular weight-nonsulfated GAG which is normally
expressed within the healthy IVD matrix. Such molecule
is fundamental in multiple biological processes, including
cell migration, survival, apoptosis, and morphogenesis as
well as tumorigenesis and tissue inflammation [138]. For
these reasons, HA is being widely investigated as a bioscaf-
fold in IVD regeneration in various formulations. A recent
in vivo study demonstrated that the intradiscal injection of
HA in a rat model of IDD resulted in a strong analgesic effect
with the reduction of hyperalgesia, allodynia, and sensory
hyperinnervation, while decreasing the expression of IL-1β
and IL-6 and the deposition of fibrous tissue within the
ECM [139].

In addition, biomaterials can be further implemented
with biological cues that may boost differentiation and anab-
olism of the cells embedded in the scaffold. For example, the
combination of TGF-β with a MSC-embedded polymerized
fibrin scaffold implanted in a rat model demonstrated to
inhibit MSC apoptosis and led to an increased disc height
when compared to the scaffold alone [16]. Similarly, in
another study, BM-MSCs were cultured with collagen micro-
carriers functionalized with either TGF-β or bFGF; while the
former was significantly upregulated MSC chondrogenic dif-
ferentiation and production of aggrecan, collagen, and pro-
teoglycan, bFGF notably increased cell proliferation [140].

An additional innovative solution involves the use of self-
assembling peptides that are able to form stable nanofiber
hydrogels which can be further enriched with specific motifs
that have been shown to improve cell migration, adhesion,
proliferation, and differentiation [141].

5. Conclusions

The IVD is a complex organ with unique physicochemical
characteristics; the absence of vasculature, hypoxia, low
glucose concentration, acidity, hyperosmolarity, and con-
tinuous mechanical stimulation contribute to establish a
hostile microenvironment for cell survival and endogenous
tissue repair. With the progression of IDD, such asperities
become harsher and are further worsened by the local
inflammatory response, eventually leading to excessive res-
ident cell death, ECM breakdown, and loss of IVD original
features. Intradiscal cell therapy has raised the possibility
to regenerate the IVD by restoring the functional cell com-
partment and reversing the degenerative changes of IDD.
However, the design of an efficacious and long-lasting thera-
peutical approach must carefully consider the deleterious
effects of the IVD microenvironment on implanted cells. In
this regard, more efforts are needed to better identify the
most suitable cell source and an adequate scaffold that
may provide an immediate mechanical support while
allowing for cell nourishment, proliferation, differentiation,
and synthesis of anti-inflammatory and trophic factors. As
our understanding of IDD is still limited, it is essential to
conduct further studies to better comprehend how the IVD
microenvironment orchestrates local biology and how it
impacts on exogenously delivered cells when far from their
original niche.
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Muscle regeneration is a closely regulated process that involves a variety of cell types such as satellite cells, myofibers,
fibroadipogenic progenitors, endothelial cells, and inflammatory cells. Among these different cell types, macrophages emerged as
a central actor coordinating the different cellular interactions and biological processes. Particularly, the transition of
macrophages from their proinflammatory to their anti-inflammatory phenotype was shown to regulate inflammation,
myogenesis, fibrosis, vascularization, and return to homeostasis. On the other hand, deregulation of macrophage accumulation
or polarization in chronic degenerative muscle disorders was shown to impair muscle regeneration. Considering the key roles of
macrophages in skeletal muscle, they represent an attractive target for new therapeutic approaches aiming at mitigating various
muscle disorders. This review aims at summarizing the novel insights into macrophage heterogeneity, plasticity, and functions
in skeletal muscle homeostasis, regeneration, and disease.

1. Introduction

Skeletal muscle injury can be caused by a variety of condi-
tions such as direct trauma, disuse, ischemia, exercise, toxins,
and genetic diseases. To face these challenges, skeletal muscle
has developed a remarkable regenerative capacity, which
relies on muscle stem cells, named satellite cells. Skeletal
muscle regeneration is a tightly regulated process during
which quiescent satellite cells are activated and become pro-
liferating myoblasts, which will differentiate and fuse to form
multinucleated myotubes (newly formed muscle fiber) [1].
The coordination of the myogenesis process (formation of
new muscle tissue) involves the cooperation of numerous
other cellular and molecular components [2]. Particularly,
the onset, development, and the resolution of the inflam-
matory response play an instrumental role in the regulation
of myogenesis.

Monocytes and macrophages are predominant myeloid
cells that chronologically accumulate in skeletal muscle at

the onset of injury-induced inflammation [3]. There are
numerous evidences indicating that macrophages are key
regulators of different biological processes involved during
skeletal muscle regeneration, such as myogenesis, fibrosis,
inflammation, and revascularization [3–9]. On the other
hand, in chronic degenerative conditions, the excessive
and disorganized influx of macrophages stimulates muscle
necrosis, fibrosis, and defective muscle repair. Therefore,
the spatiotemporal regulation of inflammation is vital for
an effective regeneration of skeletal muscle.

In recent years, novel discoveries revealed that the
plasticity, heterogeneity, and the roles played by macro-
phages in skeletal muscles are much more complex than
anticipated. This review will discuss these novel insights into
the role of macrophages in muscle homeostasis, regeneration,
and diseases with a particular focus on Duchenne muscular
dystrophy (DMD). Promising strategies targeting macro-
phage polarization in physiopathological conditions will also
be discussed.
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2. Origin and Recruitment of Monocyte
and Macrophages

Numerous tissues contain long-lived resident macrophages
that originate from the yolk sac during development [10]. In
steady state, these tissue-resident macrophages self-renew
through in situ proliferation or are replenished by blood
monocytes [11–13]. Resident macrophages are observed in
healthy skeletal muscles where they regulate tissue homeo-
stasis. In rats, resident macrophages are identified by the
marker ED2, while infiltrating monocytes/macrophages
are defined by the expression of the marker ED1. In
humans, resident macrophages were shown to largely
coexpress CD11b and CD206 [14]. Contrary to infiltrating
macrophages, ED2+ resident macrophages do not contrib-
ute to phagocytosis [15]; instead, it is suggested that they
act as sentinels that are readily activated by damage-
associated molecular patterns (DAMPs) secreted during
muscle injury to facilitate the invasion of circulating leuko-
cytes. However, the literature on these resident cells is
limited, and further research is needed to clearly compre-
hend their roles in healthy and regenerating skeletal muscle.

After an injury, activated monocytes originating from the
bone marrow adhere to the blood vessels, roll, and migrate to
damaged sites, where they start differentiating into macro-
phages. In mice, two main monocyte subsets have been
described according to their mechanism of extravasation
and their level of expression of the protein Ly6C [16, 17].
The proinflammatory Ly6Chi population recruited via
the C-C motif chemokine receptor 2 axis (CCR2/CCL2)
preferentially accumulates during the acute phase of
inflammation, while the CX3C chemokine receptor-1-
(CX3CR1-) dependent Ly6Clo subset appears later and
exhibits anti-inflammatory properties. Similar monocyte
subsets have also been identified in humans using the
markers CD14 and CD16. Monocytes CD14hiCD16lo corre-
spond to the Ly6Chi monocytes in mice, while CD14loCD16hi

relate to the Ly6Clo monocyte profile [16].
The mechanism of monocyte recruitment appears to be

specific to the tissue and the nature of the insult. For instance,
both Ly6Chi and Ly6Clo were shown to sequentially invade
the injured tissue after myocardial infarction using their
CCR2 or CX3CR1 receptor, respectively [18]. On the other
hand, it has been shown that only the Ly6Chi subtype is
recruited during sterile skeletal muscle injury, which thereaf-
ter switch to the Ly6Clo phenotype [17]. The phagocytosis of
apoptotic neutrophils by macrophages was shown to partially
contribute to this switch [17]; however, it is likely that many
other cellular and chemical interactions present in the
dynamic regenerative microenvironment also contribute to
this process. In addition to their transition from Ly6Chi

monocytes/macrophages, the Ly6Clo cells also accumulate
from local proliferation [19]. This finding was also observed
in rats where the accumulation of ED1+ and ED2+ macro-
phages was shown to be partially mediated by local prolifer-
ation, especially when invasion of circulating monocytes is
reduced by injection of liposome-encapsulated clodronate
[20]. Notably, while the different subsets of macrophages
were suggested to accumulate sequentially in the injured

tissue, it is important to notice that both subsets of macro-
phages could be simultaneously present in acute regenerating
muscles [21], a phenomenon which is exacerbated in chronic
degenerative muscle diseases such as DMD [22].

3. Macrophage Subsets and Polarization

A general classification suggests that macrophages can be
immunologically classified into two main subsets according
to their specific functions: the “classically activated” M1
macrophages, which are present in the inflammatory period
and associated with phagocytosis, and the “alternatively
activated” M2 macrophages, accumulating at the site of
injury once necrotic tissue has been removed and participat-
ing in the regeneration and remodelling process. In vitro, the
M2 phenotype has been further classified into three main
subsets—M2a, M2b, and M2c—each of which requires
specific polarization cues [23, 24]. The alternatively activated
M2a macrophages arise from exposure to interleukin-4
(IL-4) and IL-13, the M2b subtype is polarized by IL-1
receptor ligands, and the M2c phenotype is promoted by
IL-10 and glucocorticoids [25, 26]. In mice, the M2 mac-
rophages are identified by the expression of the pan-
macrophage marker F4/80 and the alternative activation
markers such as Fizz-1 and Ym1 [27]. Of note, Arginase-1
was considered as a specific marker for M2 macrophages;
however, it is also expressed in the spectrum of M1 macro-
phage polarization [28]. In humans, M2 macrophages
express the pan-macrophage marker CD68 and alternative
activation markers such as CD163 and/or CD206 [27].

Recent insights suggest that this classification based on
specific activating factors in vitro is an important underesti-
mation of the different macrophage subsets. Accordingly, a
study investigating the transcriptional program of macro-
phages showed that there is a wide spectrum of macrophage
activation states [29]. The authors showed that while the
bipolar activation state is maintained when the macrophages
are stimulated with factors classically associated with M1 or
M2 polarization (e.g., TNF-α vs. IL-4), it becomes much
more complex when other factors such as fatty acids or a
combination of molecules associated with chronic inflamma-
tion are used. From the 29 different conditions tested, the
authors identified 10 major clusters of activation [29]. These
different conditions in vitro only give a glimpse of the
complexity of the microenvironment of macrophages during
muscle regeneration in vivo. Indeed, macrophages are inter-
acting with a fluctuating network of hundreds of different
molecular, physical, and cellular components that affect their
phenotype. For instance, after their extravasation into the
injured tissue, monocytes will attach to the extracellular
matrix (ECM), which continuously evolves during muscle
regeneration. Notably, components of the ECM, such as
collagen and fibrinogen, were shown to stimulate macro-
phage phagocytosis and expression of proinflammatory
factors, respectively [30]. Alternatively, attachment of
macrophages through their α4β1 integrin receptor to ECM
matrix components (fibronectin and vascular cell adhe-
sion molecule-1 (VCAM-1)) stimulates their transition
toward the anti-inflammatory phenotype by activating Rac2
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signalling [31]. Moreover, macrophage polarization is also
sensitive to mechanical stress. Low-frequency mechanical
stretch pushes macrophages toward the anti-inflammatory
phenotype, while high-frequency strains maintain macro-
phages in their proinflammatory state [32]. These results
suggest that macrophage activation and polarization in vivo
are processes that are much more complex than what has
been described so far. Accordingly, recent analysis of macro-
phage transcriptional signature after an in vivomuscle injury
induced by cardiotoxin showed that Ly6Chi and Ly6Clo mac-
rophages only partially overlap withM1 andM2 gene expres-
sion patterns, respectively [19]. Instead, the authors showed
that the time lapse was the prevalent driving force regulating
macrophage gene expression profile, suggesting that a global
and coordinated change in the microenvironment compo-
nents is required to regulate macrophage polarization. The
authors identified four key features that account for the
changes in gene expression in macrophages during the
course of muscle regeneration: firstly, an early expression
of genes involved in acute inflammation (e.g., S100A8/9,
lipocalin-2, haptoglobin, formyl peptide receptor-1, and
leukotriene B4 receptor-1); secondly, a metabolic shift
from glycolysis to glutamine and oxidative metabolism-
associated genes (e.g., glutamate synthase-1, glycerol-3-
phosphate dehydrogenase 2, and superoxide dismutase 2);
thirdly, a transient increase in genes associated with cell
proliferation (e.g., cyclin-D1 and -A2, many members of
the minichromosome maintenance (mcm-2, -3, -4, -5, -6,
and -7), DNA ligase-1, replication factor C subunit-1, and
ribonucleotide reductase catalytic subunit-M1 and -M2);
and fourthly, an increase in the expression of ECM genes
(e.g., fibrillin-1, decorin, periostin, lumican, osteonectin,
and biglycan). These different clusters of genes could be used
to identify new markers to characterize macrophage hetero-
geneity in skeletal muscle regeneration.

Overall, the M1 and M2 macrophage nomenclature
is oversimplistic to characterize macrophage polarization
in vivo, which should rather be considered as a continuum
of activation. Recent effort has been made to propose a com-
mon framework for the macrophage-activation nomencla-
ture [28]. Here, for the sake of clarity, we propose to use a
bipolar nomenclature (proinflammatory vs. anti-inflamma-
tory) to describe the two opposite sides of the spectrum of
macrophage activation; however, one should keep in mind
that the actual activation state of macrophages is much more
plastic, heterogeneous, and complex.

4. Macrophages Regulate the Different
Biological Processes Implicated in Acute
Skeletal Muscle Healing

4.1. Macrophages Interact with Other Leukocytes to Regulate
Inflammation. The inflammatory process is constituted of
different types of leukocytes such as mast cells, neutrophils,
eosinophils, monocytes/macrophages, and lymphocytes,
which have all been shown to act on skeletal muscle regen-
eration [6]. Particularly, monocytes/macrophages emerged
as the key cellular component orchestrating leukocyte

accumulation and function during the different phases of
the inflammatory process, i.e., the onset, development,
and resolution stages (Figure 1).

4.1.1. Onset. As described previously, resident macrophages
are important to sense damage to the tissue and initiate
the recruitment of circulating leukocytes. Once activated,
resident macrophages secrete chemokines such as cytokine-
induced neutrophil chemoattractant 1 (CINC-1) and mono-
cyte chemoattractant protein-1 (MCP-1) that promote the
recruitment of neutrophils and monocytes [6]. Moreover, it
was also observed that a subset of Ly6Clo circulating mono-
cytes was “crawling” inside the blood vessels independently
of the blood flow, with the help of their receptors CX3CR1
and lymphocyte function-associated antigen-1 (LFA-1)
[33]. These patrolling monocytes sense tissue damage or
infection and transiently invade the tissue as soon as 1 h after
an insult (much faster than other circulating leukocytes). At
this timepoint, patrolling monocytes are the principal source
of TNF-α, which promotes the recruitment of other inflam-
matory cells. Moreover, patrolling monocytes were also
shown to promote the recruitment of neutrophils through
prolonged cell-cell contact in the microvasculature [34]. This
direct physical interaction stimulates neutrophil retention
and production of reactive oxygen species (ROS) at the site
of the injury.

4.1.2. Development. Starting a few hours after the injury, the
accumulation of neutrophils in the injured muscle remains
elevated for a few days. Neutrophils stimulate host defense
and the clearance of cell debris by phagocytosis and by the
release of ROS and proteases [3]. Accordingly, depletion of
neutrophils during acute muscle regeneration leads to
persistence of necrotic tissue and delayed regeneration [35].
Moreover, a subset of neutrophils was also shown to promote
angiogenesis [36]. Neutrophils also stimulate the develop-
ment of the inflammatory process by expressing cytokines
such as macrophage inflammatory protein 1 (MIP-1α) and
MCP-1 that attract circulating monocytes at the damaged
sites [37]. Ly6Chi monocytes massively infiltrate in the
injured muscle, where they play a key role in the develop-
ment of inflammation by secreting proinflammatory cyto-
kines such as TNF-α that further promote the recruitment
of neutrophils and monocytes [17, 38]. This proinflamma-
tory environment peaks around 48 h after the injury. There-
after, Ly6Clo monocytes become the predominant subsets
in the regenerating muscle, in which they play a key role to
dampen inflammation.

4.1.3. Resolution. The phase of resolution of inflammation is
not a passive process caused by the decrease in proinflam-
matory signals; it is an active process that involves a variety
of cell types and mediators [39]. Ly6Clo antimacrophages
are actively promoting the resolution of inflammation by
expressing a wide array of anti-inflammatory cytokines
(e.g., IL-4 and IL-13) and by switching their expression of
proinflammatory lipids (e.g., prostaglandin-E2 (PGE2)) to
proresolving lipids (e.g., 15Δ-PGJ2) [40]. These mediators
do not only reduce proinflammatory signals and ROS
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production, but they also actively stop the recruitment of
neutrophils and promote their apoptosis and their non-
phlogistic phagocytosis by macrophages [39]. Accordingly,
the depletion of macrophages during muscle regeneration
prolonged the presence of neutrophils in the injured muscle
[41]. The importance of macrophages in the resolution of
inflammation is crucial considering that the chronic pres-
ence of inflammatory cells has been associated with
impaired tissue regeneration. At the late stages of muscle
regeneration, macrophages ceased the expression of both
pro- and anti-inflammatory cytokines and turned to a
silenced mode, which precede the return to homeostasis
[42]. Overall, monocytes/macrophages play a central role
in the regulation of inflammation from the beginning to
the end.

4.2. Macrophages Interact with Satellite Cells to Regulate
Myogenesis. Proinflammatory macrophages are key regula-
tors of the host defense, and they are typically associated with
clearance of cell debris during skeletal muscle repair [3, 8].
Necrotic fibers may act either as atrophic factors to repress
myoblast growth or as physical barriers to prevent myoblast
contact, indicating that sufficient infiltration of macrophages
might be required for proper regeneration. For instance,
using a mouse model deficient in CCR2, which is essential
for Ly6Chi monocyte extravasation, it was shown that the
drastic reduction of infiltrating monocytes following muscle
injury induced by ischemia [43], notexin or cardiotoxin
[17, 44], and barium chloride [45] is accompanied by
altered muscle regeneration. This impaired regeneration was
partially mediated by insufficient phagocytosis of necrotic

fibers [45]. However, even after adequate phagocytosis, myofi-
bers failed to efficiently recover when intramuscular macro-
phages are depleted in a model of notexin-induced injury in
mice [17].

Macrophages have multiple beneficial roles during
muscle regeneration in addition to their participation in the
clearance of cell debris. Particularly, the importance of mac-
rophages in the regulation satellite cells and myoblasts during
the myogenesis process is now well defined (Figure 1). The
hypothesis that macrophages promote myogenesis was first
supported by experiments showing that macrophage-
conditioned medium triggers myoblast proliferation in vitro
and improves muscle regeneration in vivo [46, 47]. The cru-
cial role of macrophages to stimulate myogenesis is further
illustrated in a model of 3D muscle construct in vitro, in
which the addition of macrophages is necessary to allow the
tissue to self-repair after an injury [48]. Pioneer work from
Chazaud’s lab has shown that the release of proinflammatory
cytokines by Ly6Chi macrophages promotes myoblast prolif-
eration and inhibits differentiation, while the release of anti-
inflammatory cytokines by Ly6Clo macrophages inhibits
myoblast proliferation and stimulates their differentiation
and fusion [17]. The exact cocktail of paracrine factors
regulating satellite cell function has not been precisely
characterized; however, many molecules secreted by macro-
phages have been shown to partially mediate these effects.
For instance, cytokines highly expressed by proinflammatory
macrophages such as interleukin-6 (IL-6) [49], TNF-α, and
PGE2 [50] were shown to stimulate satellite cell prolifera-
tion. Moreover, Ly6Chi macrophages secrete the enzyme
ADAMTS1 (A Disintegrin-Like And Metalloproteinase

FAPs

Neutrophils

Satellite cells

Pro

Induce
proliferation

Induce
differentiation

Stimulate recruitment

Phagocytosis

Induce apoptosis
Pr

om
ot

e s
ur

vi
va

l
 (v

ia
 re

le
as

e o
f T

G
F-
�훽

)

Prom
ote 

chem
otaxis

Acute muscle healing

Promote myogenesis

Stim
ulate angiogenesisSt

im
ul

at
e c

el
l g

ro
w

th

Inhibit adipogenesis

&
 sprouting

Blood vessels

Prom
ote angiogenesis

Anticontinuum

Prom
ote sw

itching

Pr
om

ot
e s

w
itc

hi
ng

& switching

Promote 
switching

Pr
om

ot
e m

yo
ge

ne
sis

In
du

ce
 ap

op
to

sis
 (v

ia
 re

le
as

e o
f T

N
F-
�훼

)

&
 angiogenesis

Prom
ote

rem
odelling

(a)

Neutrophils Satellite cells

HybridInduce chronic 
recruitment

FAPs

Chronic muscle degeneration

Impair 
myogenesis

Pr
om

ot
e 

pr
ol

ife
ra

tio
n

Blood vessels

In
du

ce
 fi

br
os

is
G

en
er

at
e 

ab
no

rm
al

 
ne

tw
or

k

(b)

Figure 1: Macrophages are central regulators in skeletal muscle regeneration and diseases. In acute muscle injury (a), the inflammatory
process is characterized by early accumulation of proinflammatory macrophages, which play a key role in various biological processes
involved in muscle regeneration, by regulating fibrosis (FAP apoptosis), myogenesis (satellite cell proliferation), angiogenesis (sprouting),
and inflammation (phagocytosis). Thereafter, macrophages switch toward the anti-inflammatory phenotype, which dampens
inflammation, stimulates satellite cell/myoblast differentiation, and promotes tissue remodelling. This temporal and coordinated process is
essential for optimal muscle healing. In a chronic degenerative muscle (b), the concurrent pro- and anti-inflammatory signals lead to the
adoption of an abnormal hybrid phenotype by macrophages, which promote chronic inflammatory cell infiltration, excessive fibrosis,
impaired myogenesis, and disorganized blood vessel network.
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With Thrombospondin Type 1 Motif) that reduces the
Notch signalling pathway, leading to increased satellite cell
activation and muscle regeneration [51]. On the other hand,
cytokines and growth factors highly expressed by anti-
inflammatory macrophages such as interleukin-4 (IL-4)
[52] and insulin-like growth factor-1 (IGF-1) [41] were
shown to stimulate myoblast differentiation/fusion and
myofiber growth. In addition to paracrine factors, the direct
physical contact of myogenic cells with macrophages is
important to regulate their cell function and fate decision.
Accordingly, in vitro coculture of macrophages and myo-
genic cells showed that macrophages have a proproliferative
effect through the release of paracrine factors and an antia-
poptotic effect by direct physical contact through a set of
different adhesion molecules (VCAM1, intercellular adhe-
sion molecule-1 (ICAM-1), platelet endothelial cell adhesion
molecule-1 (PECAM-1), and CX3CR1) [53, 54].

The critical role of the different subsets of macrophages
was also confirmed in vivo. It was first observed that in
regenerating muscle, proinflammatory macrophages are in
close proximity to proliferating satellite cells, while anti-
inflammatory macrophages are near to the regenerating area
containing differentiated myoblasts [21]. Depletion experi-
ments were used to further characterize the role of the
different subsets of macrophages in vivo. For instance, the
depletion of infiltrating Ly6Chi monocytes using genetic
models or pharmacological compounds, prolonged the pres-
ence of necrotic cells, promoted the accumulation of muscle
fat and fibrosis, and impaired the overall muscle regeneration
[17, 41, 55, 56]. On the other hand, the suppression of the
ability of macrophages to switch to their anti-inflammatory
phenotype, induced by loss-of-function mutations in AMP-
activated protein kinase-1 (AMPKα1) [57], IGF-1 [58],
CCAAT/enhancer binding protein-β (CEBPB) [59], or per-
oxisome proliferator-activated receptor-γ (PPAR-γ) [60],
was shown to reduce muscle fiber growth, without affecting
the removal of necrotic tissue. In turn, models of satellite cell
deletion also showed to have delayed macrophage transition
to their anti-inflammatory phenotype, suggesting that there
is a regulatory feedback by which myogenic cells contribute
to the phenotypic switch of macrophages [61]. Altogether,
these in vitro and in vivo experiments demonstrate that the
different subsets of macrophages have complementary roles
in the regulation of satellite cell/myoblast function, myogen-
esis progression, and optimal muscle regeneration. Further-
more, these findings also suggest that the temporal and
spatial recruitment of macrophages is crucial to regulate the
progression of satellite cells through the myogenesis process.
Therefore, disorganized macrophage accumulation could
send aberrant signals to satellite cells and impair their
myogenesis capacity, which will be further discussed later
in this manuscript.

4.3. Macrophages Interact with FAPs to Regulate Muscle
Fibrosis. Another stem cell type, the fibroadipogenic progen-
itors (FAPs), plays a crucial role in skeletal muscle regenera-
tion. These tissue-resident stem cells can differentiate into
fibroblasts or adipocytes. In acute skeletal muscle injury,
FAPs support satellite cell activation and differentiation

and, retroactively, satellite cells inhibit FAP differentiation
into adipocytes [62–64]. However, in chronic muscle disor-
ders, FAPs can turn into direct contributors of ectopic fat
deposition and formation of fibrotic scars that fail to support
satellite cell activity [65]. Therefore, FAP activity and accu-
mulation need to be closely regulated. It was shown that
FAPs quickly and massively accumulate in the early phase
of acute muscle injury, while their number quickly decreases
after a few days [5]. Interestingly, this decrease in FAP
accumulation correlates with the peak of macrophage accu-
mulation [2]. It was demonstrated that the infiltration of
proinflammatory macrophages is essential to control the
accumulation of FAPs, via their secretion of TNF-α that
directly stimulates FAP apoptosis [5]. Nitric oxide is another
factor abundantly produced by proinflammatory macro-
phages that was shown to inhibit FAP differentiation toward
adipocytes in vitro and to reduce the deposition of intra-
muscular fat and connective tissue in vivo [66]. The absence
of monocyte recruitment to the site of injury in CCR2-/- mice
or following diphtheria toxin injection to ITGAM-DTR
mice impairs FAP clearance and prolongs their presence
in the injured muscle leading to abnormal collagen depo-
sition [5, 67]. On the other hand, anti-inflammatory mac-
rophages release transforming growth factor-β (TGF-β)
that promotes FAP survival, which could be important
for tissue remodelling during late muscle healing phases.
Coculture of fibroblasts with the different subsets of macro-
phages confirmed that anti-inflammatory macrophages pro-
mote fibroblast proliferation and collagen synthesis, while
proinflammatory macrophages reduce collagen synthesis
and secrete enzymes such as MMP-1 and MMP-3 that
degrade ECM [68, 69]. In turn, evidence suggests that a sub-
set of FAPs could also contribute to the phenotypic switch of
macrophages [67].

Overall, macrophages play a crucial role to control
fibrogenic cell accumulation and activity and to regulate
muscle fibrosis. Particularly, the sequential accumulation
of the different macrophage subsets is decisive in this pro-
cess to find the delicate balance that not only limits the
excessive activity of fibrotic cells and fibrosis deposition
but also allows tissue remodelling needed for the return
to homeostasis (Figure 1).

4.4. Macrophages Interact with Endothelial Cells to Regulate
Neovascularization. In steady state, satellite cells reside in
close proximity to the blood vessels [70]. There is a regula-
tory cross talk by which satellite cells secrete VEGFA to
recruit endothelial cells, which in turn maintain satellite cell
quiescence through the notch ligand Dll4 (Delta-like 4)
[70]. Similarly, the interaction between angiopoietin-1
secreted by the smooth muscle cells and the Tie-2 receptor
of the satellite cells was also demonstrated to promote quies-
cence [71]. Following an injury, cells from the blood vessels
interact with satellite cells to promote revascularization,
which is critical for muscle recovery. Particularly, endothelial
cells directly regulate satellite cell growth by secreting various
growth factors (IGF-1, hepatocyte growth factor (HGF),
basic fibroblast growth factor (bFGF), platelet-derived
growth factor (PDGF), and vascular endothelial growth
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factor (VEGF)), and through a retroactive loop, differentiated
myoblasts stimulate angiogenesis [72]. Similarly, pericytes,
which are juxtaposed to capillary endothelial cells, were
shown to have myogenic capacities in vitro and to stimulate
myoblast function and muscle regeneration in vivo [73].

Macrophages play a central role during muscle regenera-
tion to regulate the function of endothelial cells, which in
turn promote the polarization of macrophages to their anti-
inflammatory phenotype (Figure 1) [74]. For instance, the
depletion of infiltrating monocytes in CCR2-/- mice impairs
collateral arteriogenesis after ischemic hindlimb occlusion
[75]. However, the role of the different subsets of macro-
phages on vascularization is still debated. The proangiogenic
role of tumour-associated macrophages, a distinct subset of
anti-inflammatory macrophages [76], is well defined;
however, the role of the different macrophage subsets in a
nontumourigenic environment is variable and dependent
on various factors. An in vitro study indicated that anti-
inflammatory macrophages promote the formation of new
blood vessels to a higher level than proinflammatory macro-
phages [77]. Another in vitro model showed that proinflam-
matory macrophages (stimulated with lipopolysaccharide
(LPS) + interferon-γ (IFN-γ)) increase the length and
number of blood vessel sprouts to a higher level than anti-
inflammatory M2a macrophages (induced by IL-4+ IL-13),
but to a lower level than anti-inflammatory M2c macro-
phages (induced by IL-10) [78]. Notably, the anti-
inflammatory M2a macrophage subset in these experiments
produced higher levels of paracrine factors recruiting peri-
cytes [78]. A model of in vitro coculture between endothelial
cells, myogenic progenitor cells, and macrophages stimulated
with IL-4 or IL-10 showed that anti-inflammatory macro-
phages coordinate angiogenesis and myogenesis in part by
the secretion of oncostatin M [79]. Overall, the subsets of
macrophages play several roles that contribute to the differ-
ent phases of angiogenesis. Accordingly, it was shown that
the subsequent incubation of endothelial cells with proin-
flammatory followed by anti-inflammatory M2a macro-
phages in vitro (to mimic the macrophage phenotype
switch observed in vivo) enhances the blood vessel network
formation [78].

Neovascularization was studied in vivo with different
models of biomaterial implementation. Similar to in vitro
experiments, the conclusion regarding the roles of the
different subsets of macrophages on angiogenesis is
variable depending on the experimental design and the
outcomes measured. While some studies indicated that
anti-inflammatory macrophages are primarily responsible
for microvascular network growth and remodelling [80],
others showed that the vascularization is related to a higher
ratio of proinflammatory : anti-inflammatory macrophages
[81]. This discrepancy might be related to the diversity of
macrophage phenotypes in vivo and to the complex regula-
tory network between these subsets of macrophages and the
numerous cell types involved in angiogenesis. Overall,
macrophages play a crucial role in the regulation of muscle
revascularization after an injury; however, further studies
are needed to delineate the specific impacts of the different
subsets of macrophages.

5. Macrophages in Chronic Muscle Disorders

To mediate their beneficial effects on the different cellular
processes involved in skeletal muscle regeneration, the accu-
mulation of the different subsets of macrophages needs to be
controlled, transient, and sequential. Disorganization or
excessive macrophage activity is a common feature of many
chronic conditions, which contributes to tissue degeneration.
For instance, iron overloading caused by the excessive
engulfment of erythrocytes by anti-inflammatory macro-
phages induces their switch to an unrestrained proinflamma-
tory phenotype, which stimulates chronic inflammation
and impairs wound healing [82]. Asynchronous muscle
injuries (induced by two consecutive traumatic injuries
separated by a few days) also perturb the proper course
of inflammation leading to the concurrent (nonsequential)
accumulation of proinflammatory and anti-inflammatory
macrophages in the injured area that increases muscle
fibrosis [83].

Many muscular diseases are associated with chronic
inflammation and impaired muscle regeneration. For
instance, skeletal muscles from patients with Pompe dis-
ease, which is caused by acid-alpha glucosidase deficiency
resulting in lysosomal glycogen accumulation, are sub-
jected to an excessive invasion of proinflammatory mac-
rophages that is correlated with impaired satellite cell
differentiation [84]. Similarly, dysferlinopathy, another type
of progressive myopathy caused by a mutation in the dysferlin
gene, is associated with chronic accumulation of macrophages.
These macrophages are maintained in a cytodestructive proin-
flammatory state that promotes myogenic cell apoptosis/
necrosis [85].

The most studied form of muscular disorders is DMD, a
frequent and severe debilitating disease characterized by pro-
gressive muscle weakness resulting in loss of ambulation,
respiratory dysfunctions, and premature death. DMD is
caused by a mutation in the gene that encodes for dystrophin,
a protein important for muscle fiber stability and for satellite
cell function [86]. Therefore, in the absence of dystrophin the
muscles are subjected to repetitive and overlapping cycles of
degeneration and regeneration. The microenvironment in
these dystrophic muscles is characterized by the overactiva-
tion of inflammatory pathways such as NF-κB [87], increased
cell membrane permeability, and abnormal intracellular
calcium influx, as well as a deregulated nitric oxide signalling
[88]. These abnormalities provoke changes in gene expres-
sion toward a chronic inflammatory molecular signature
characterized by the high expression of molecules associated
with cytokine and chemokine signalling, vascular adhesion
and permeability, and lymphoid and myeloid markers [89].
Particularly, osteopontin is one of the most highly upregu-
lated genes in muscles from mdx mice (mouse model of
DMD) and in DMD patients [89, 90]. Osteopontin is an
immunomodulator protein involved in immune cell migra-
tion and survival, and its ablation in dystrophic mdx mice
was shown to promote the transition of proinflammatory
macrophages toward their anti-inflammatory phenotype
leading to reduced fibrosis and improved muscle function
[91]. The chronic inflammatory environment in dystrophic
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muscles promotes the long-lasting recruitment of neu-
trophils and monocytes/macrophages, which instead of
contributing to tissue clearance through phagocytosis of cell
debris, rather stimulate muscle cell lysis [92] through their
high levels of expression of cytotoxic molecules such as
ROS. Accordingly, the depletion of neutrophils [93] or
monocytes [92] reduces the number of necrotic fibers in
mdx mice. Interestingly, the ablation of CCR2 in mdx mice
not only reduces the number of infiltrating macrophages
but also restores the macrophage polarization balance by
skewing macrophages to their anti-inflammatory phenotype,
which decreases muscle histopathology and increases muscle
force [94]. This beneficial effect was not sustained at long
term, potentially due to the local proliferation of resident
macrophages that compensate for the lack of infiltrating
monocytes [94, 95].

In contrast to the self-limited inflammation following
acute sterile muscle injury, the conflicting signals sent
simultaneously by degenerative and regenerative environ-
ments in chronic or excessive muscle injuries impair mac-
rophage polarization. For instance, following a massive
injury induced by muscle laceration, macrophages adopt
an intermediary phenotype, which was associated with
impaired muscle regeneration and persistent collagen depo-
sition [96]. Interestingly, in this model, the exogenous
transplantation of proinflammatory macrophages in the
injured muscle reestablished the polarization state, which
resulted in decreased fibrosis and improved muscle healing.
Likewise, macrophages expressing high levels of both the
proinflammatory macrophage marker iNOS (inducible
nitric oxide synthase) and the anti-inflammatory macro-
phage marker CD206 have been observed in mdx mice
[94]. In dystrophic muscles, hybrid macrophages expressing
high levels of both proinflammatory cytokines (TNF-α) and
anti-inflammatory cytokines (TGF-β) showed their inability
to reduce the accumulation of FAPs in the injured muscle
[5]. Similarly, it was shown that the binding of macro-
phages to excessive fibrinogen deposition in dystrophic
muscle stimulates the production of the proinflammatory
cytokine IL-1β together with TGF-β [97]. These hybrid
macrophages, particularly Ly6Chi macrophages expressing
high levels of LTBP4 (latent TGF-β binding protein), pro-
mote the overexpression of the ECM component by FAPs
and fibroblasts, leading to aberrant muscle fibrosis [98].
Interestingly, therapeutic strategies promoting the switch
of macrophages toward the proinflammatory or anti-
inflammatory phenotype were demonstrated to reduce
fibrosis in dystrophic mice. For instance, blocking TGF-β-
induced p38 kinase activation with the tyrosine kinase
inhibitor Nilotinib restores the ability of proinflammatory
macrophages to induce FAP apoptosis and promote the
resolution of fibrosis in mdx mice [5]. On the other hand,
skewing macrophages toward their anti-inflammatory
phenotype by AMPK activation blocks their production of
latent-TGF-b1 and reduces fibrosis deposition [98]. Overall,
the chronic and deregulated macrophage accumulation and
polarization observed in dystrophic muscles perturb the
inflammatory process, enhance myofiber degeneration,
impair myogenesis, and stimulate fibrosis deposition, which

contribute to accelerate the progression of the disease
(Figure 1).

6. Macrophages in Muscle Aging

Aging is associated with progressive degeneration that affects
multiple tissues, including skeletal muscles. Progressive loss
of muscle mass of approximately 1% to 2% per year is
observed beyond the age of 50 [99]. In some conditions,
aging is also associated with sarcopenia, a phenomenon
characterized by progressive and generalized loss of muscle
mass and force/function leading to physical disability, poor
quality of life, and death. Genome-wide transcription
analysis revealed that the expression of inflammatory- and
immunology-related genes is particularly affected in skeletal
muscle during aging [100]. Evidence suggests that altered
macrophages during aging impair satellite cell function and
muscle regeneration. An in vitro model showed that condi-
tioned medium collected from old bone marrow-derived
macrophages (BMDM) decreased the number of Ki67+

myoblasts compared to conditioned medium generated from
young BMDM, suggesting a reduction in the ability of
macrophages to secrete proproliferative factors during aging
[101]. In resting muscles of aged mice, an increase in M2a
macrophages (CD68+CD163+) has been observed, which
correlates with an increase in skeletal muscle fibrosis [102].
Furthermore, the transplantation of bone marrow cells
isolated from young mice into aged mice prevented the
increase of M2a macrophages and the accumulation of con-
nective tissues in these muscles. In humans, one study com-
paring young (21-33 years) to elderly subjects (70-81 years)
showed that total macrophage density (CD68+) is not
different between the two groups, but that the gene expres-
sion of CD206 is higher in the elderly group, suggesting an
increase in the proportion of anti-inflammatory macro-
phages in aging human skeletal muscle, similar to what has
been observed in mice [103]. However, another study showed
that in elderly subjects (average 71.4 years), there is a
decrease in the number of both proinflammatory macro-
phages (CD11b+ cells) and anti-inflammatory macrophages
(CD163+ cells) when compared to young individuals
(average 31.9 years) [104]. Notably, both subpopulations of
macrophages increase following acute resistance exercise in
young adults but not in the elderly, indicating an impaired
ability of aged muscle to develop a coordinated inflammatory
response. Moreover, another study investigating the effect of
aging on skeletal muscle macrophages in different conditions
(healthy, bed rest, and rehabilitation exercise) showed that
elderly individuals (average 66 years old) have less proin-
flammatory macrophages (CD11b+CD68+) and a similar
number of anti-inflammatory macrophages (CD68+CD163+)
than young individuals (average 23 years old) in each condi-
tion [105]. These studies indicate that the effect of aging on
skeletal muscle macrophages in humans is variable depend-
ing on the marker used, the population examined, and the
condition studied. Overall, we can conclude that the func-
tion of macrophages in skeletal muscle homeostasis and
regeneration seems to be perturbed during aging; however,
further high-quality research is needed to better define
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these dysfunctions and comprehend the physiopathological
mechanisms.

7. Promoting Muscle Regeneration by
Modulating the Macrophage Phenotype

Considering the detrimental effect of inflammation in dys-
trophic muscles, anti-inflammatory drugs are a standard
therapeutic approach for many muscle diseases. Accordingly,
glucocorticoids are the only drugs that consistently demon-
strated efficacy on the preservation of muscle force and
ambulatory function in DMD patients [106]. Glucocorticoid
treatment reduces macrophage accumulation and promotes
their switch toward the anti-inflammatory phenotype, which
is correlated with reduction of muscle necrosis and preser-
vation of muscle force and function in DMD [107, 108].
However, glucocorticoids are nonspecific and have many
detrimental side effects. Particularly, they stimulate signalling
pathways involved in muscle catabolism and indirectly con-
tribute to muscle wasting [109]. Therefore, novel therapeutic
approaches specifically targeting macrophages in order to
restore their polarization are a promising avenue for the
treatment of DMD (Figure 2) [110].

7.1. Anti-Inflammatory Cytokines and Growth Factors

7.1.1. Interleukin-10. IL-10 has been used as an immune-
based intervention because of its potential to deactivate
proinflammatory macrophages and induce the anti-
inflammatory phenotype in vitro [111–116]. To determine
the role of IL-10 in vivo, the regenerative capacity of IL-10-
null mice was investigated after hind limb muscle unloading
and reloading [117]. The authors showed that IL-10 mutant
mice exhibit high levels of proinflammatory markers (IL-6
and CCL2), persistent signs of muscle damage, and reduced
accumulation of anti-inflammatory macrophages (express-
ing CD163 and arginase-1), leading to altered muscle
regeneration [117]. Similarly, ablation of IL-10 expression

in 12-week-old dystrophic mice reduces anti-inflammatory
M2c macrophage polarization and muscle strength [118].
In vitro coculture assays revealed that IL-10 does not affect
directly myoblast proliferation or differentiation, but rather
affects myogenesis indirectly by promoting the transition of
macrophages toward their anti-inflammatory M2c pheno-
type, which favours myoblast differentiation [117, 118].
Therefore, IL-10 has been considered as a therapeutic target
to improve muscle regeneration; however, administration
of IL-10 early in the regenerative process leads to the
premature differentiation of myoblasts which reduces fiber
size at 7 days postcardiotoxin injury [42] and may promote
tissue fibrosis [118, 119].

7.1.2. Insulin Growth Factor-1. IGF-1 is a key growth factor
involved in numerous biological processes. During muscle
regeneration, IGF-1 was shown to mediate myogenic cell
proliferation, differentiation, and survival, and it also plays
a crucial role in shaping the macrophage activation state
[58, 120]. During muscle regeneration, IGF-1 is secreted by
various cell types, including pro- and anti-inflammatory
macrophages, which show a similar level of expression of this
growth factor [58]. Conditional deletion of the IGF-1 gene in
myeloid cells promotes the accumulation of the Ly6Chi

proinflammatory monocyte/macrophage phenotype and
reduces CD206+ anti-inflammatory macrophages during
muscle regeneration, leading to increased fat deposition and
reduced fiber size at 10 days after cardiotoxin injury [58].
Analysis of the transcriptional profile showed that IGF-1
deletion skewed macrophages toward their proinflammatory
profile, which indicates that IGF-1 is an autocrine factor
regulating macrophage polarization [58]. Moreover, IGF-1
is necessary for IL-4-induced transition of macrophages
toward their anti-inflammatory phenotype [121]. The thera-
peutic efficacy of IGF-1 injection has been observed by
increased fiber size after sterile muscle injury in transgenic
mice [45, 122] and improved muscle strength in old adult
mice [123]. However, because myeloid cell-derived IGF-1
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Figure 2: Macrophage-centered therapeutic approaches. Different strategies were developed to restore a balance in macrophage polarization
in chronic degenerative muscle disorders. These strategies include cytokines (e.g., IL-10), nutritional compounds (e.g., PUFA and vitamins),
RNA silencing (e.g., miRNA), pharmacological drugs (e.g., glucocorticoids), and biomaterials (synthetic, biological, or mixed). These
strategies could be used to skew macrophage polarization toward their pro- or anti-inflammatory phenotype depending on the desired
therapeutic effect.
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peaks by 3 days postinjury and then decline to baseline
[45], the long-term beneficial effect of IGF-1 remains
uncertain. Particularly, since IGF-1 is involved in a variety
of cellular processes, its exogenous administration could
have detrimental side effects. For instance, IGF-1 suppresses
circulating insulin and growth hormone levels, causing hypo-
glycemia in humans [124] and stimulates human osteogenic
sarcomas [125].

Overall, anti-inflammatory cytokines and growth factors
have a great potential to skew macrophages toward their
anti-inflammatory profile, which would be beneficial in
chronic degenerative muscle diseases; however, the mitiga-
tion of their potential side effects is technically challenging
and remains a concern for the development of successful
therapeutic approaches (Table 1).

7.2. RNA Silencing

7.2.1. Small Interfering RNA. The potential of small interfer-
ing RNA (siRNA) has been investigated in many studies to
silence proinflammatory markers and adhesion molecules
such as TNF-α, VCAM-1, and P-selectins during inflamma-
tory diseases [126, 127]. The ability of siRNA to promote
macrophage skewing toward their anti-inflammatory pheno-
type has been evaluated in different conditions. For instance,
the delivery of siRNA targeting collapsin response mediator
protein-2 (CRMP2) through lipidoid nanoparticles resulted
in a drastic switch toward the anti-inflammatory macro-
phage phenotype which decreased inflammation, fibrosis,
and heart failure postmyocardial infarction [128]. Similarly,
silencing of TIMP-1 in proinflammatory macrophages was
shown to promote their proangiogenesis capacity at a similar
level than the anti-inflammatory phenotype [77]. Receptors
such as toll-like receptor-4 (TLR4) and CCR2 are also
potential targets in inflammatory diseases and healthy mus-
cle regeneration. The ablation of these receptors blunts the
total macrophage accumulation, which results in reduced
inflammation in acute injury and dystrophic mdx mice
[45, 129, 130]. Genetic or pharmacologic blockage of TLR4,
TLR2, or CCR2 in chronic degenerative muscles of mdx mice
reduced total macrophage numbers and skewed them toward
an anti-inflammatory profile (iNOS-CD206+), leading to
enhanced histopathology and muscle force generation
[94, 129, 131]. On the other hand, loss-of-function of
TLR2 or CCR2 decreases total monocytes/macrophages
during acute muscle injury but fails to polarize macrophages
toward an anti-inflammatory phenotype and causes abnor-
mal persistence of necrotic fibers and impaired regeneration
[44, 45, 131]. Therefore, the therapeutic strategies aiming at
reprograming the macrophage phenotype must be carefully
selected for the treatment of chronic degenerative conditions,
since the controlled and coordinated accumulation of both
pro- and anti-inflammatory phenotypes is essential for
optimal muscle healing after an acute injury.

7.2.2. Small Noncoding RNAMolecules.MicroRNA (miRNAs)
are small noncoding RNA molecules containing about 22
nucleotides, which function as posttranscriptional regula-
tors of many genes and cellular processes in an autocrine

or paracrine manner. Multiple miRNAs were shown to be
involved in macrophage polarization. For instance, miR-9,
miR-127, miR-155, and miR-125b were classified as proin-
flammatory inducers, while miR-124, miR-223, miR-34a,
let-7c, miR-132, miR-146a, and miR-125a-5p skewed mac-
rophages toward an anti-inflammatory phenotype [132].
The way that miRNAs regulate proinflammatory macro-
phage phenotypes includes silencing of specific targets such
PPAR-δ, B-cell lymphoma 6 (Bcl6), dual-specificity protein
phosphatase 1 (Dusp1), signal transducer and activator of
transcription-6 (STAT6), C/EBP, suppressors of cytokine
signalling-1 (SOCS1), and interferon regulatory factor 4
(IRF4) and stimulating the c-Jun N-terminal kinase
(JNK) pathway [133–135]. miRNAs that promote anti-
inflammatory polarization mechanistically inhibit Notch1,
signal-regulatory protein beta-1 (SIRPb1), STAT3, C/EBP-δ,
and interleukin 1 receptor-associated kinase-1/tumour-
necrosis-factor-receptor-associated factor-6 (IRAK1-TRAF6)
[136–138]. Transfection of either miR-34a, miR-146a, or
miR-132 reduces the levels of proinflammatory-associated
markers (iNOS, IL-12) upon LPS challenge [136, 137] and
enhances anti-inflammatory markers [137]. Knockout gene
strategies of either let-7c or miR-124 also showed an increase
in proinflammatory markers (CD86, iNOS, TNF-α, and
IL-12), in parallel with a decrease in anti-inflammatory-
associated markers (FR-b, CD206, and Ym1) [136, 139].
Delivering a mixture of miR-1, -133, and -206 after lacera-
tion of rat tibialis anterior muscle enhances muscle regener-
ation and prevents fibrosis formation [140]. Although the
effect of these myomiRNAs is likely to be mediated through
a direct muscle-specific effect, rather than by acting on
inflammation, it illustrates the potential of this therapeutic
strategy for muscle disorders. However, the use of miRNA
as a therapeutic approach is challenging because of inappro-
priate biodistribution, poor in vivo stability, and untoward
side effects (Table 1) [141].

7.3. NF-κB Inhibitors. NF-κB is a key transcription factor in
macrophages that is required for the expression of numerous
proinflammatory genes [142]. In DMD, the NF-κB pathway
is persistently overexpressed in immune cells and skeletal
muscle cells [143]. Inhibition of this pathway specifically in
myeloid cells of dystrophic mdx mice reduced inflammation
and muscle necrosis, while its specific deletion in muscle
progenitor cells increased myogenesis [143]. Pharmacologi-
cal inhibition of this pathway mitigated the disease and
improved muscle function in dystrophic mdx mice and
golden retriever muscular dystrophy dog model [143, 144].
Therefore, it is a promising therapeutic target for chronic
muscle diseases.

However, while the NF-κB pathway has been initially
described as an inflammatory pathway, accumulating evi-
dence indicate that its effect on inflammation is more
complex than anticipated [145]. A pioneer study showed that
the inhibition of NF-κB during the onset of inflammation
reduces the inflammatory response, while its inhibition
during the resolution of inflammation results in the prolon-
gation of the inflammatory response [146]. In vitro models
have also shown that inhibition of NF-κB impairs the
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maturation of human monocytes into both pro- and anti-
inflammatory macrophages [147]. Other models have shown
that the effect of the NF-κB pathway varies depending on dif-
ferent factors such as the type of cell and insult. For instance,
in a model of bacterial infection, the specific knockout of
IKKβ (factor involved in the NF-κB pathway) in airway epi-
thelial cells inhibited inflammation; however, its inhibition in
myeloid cells promoted the inflammation response [148].
IKKβ-deficient macrophages showed increased markers of
inflammation and an impaired ability to skew to their anti-
inflammatory phenotype, which suggests an important role
of NF-κB in the macrophage phenotype switch [148]. Over-
all, while NF-κB inhibitors are attractive compounds for the
treatment of chronic muscle disorders, the broad and
complex roles of this pathway make it a difficult target for
the development of a macrophage-centered therapeutic
approach (Table 1) [145].

7.4. Nutritional Compounds

7.4.1. Proteins and Amino Acids. Many nutritional com-
pounds were shown to regulate the inflammatory process,
which represent a simple therapeutic approach for the
treatment of chronic muscle disorders. Cod and shrimp
proteins were shown to decrease the density of neutrophils
and proinflammatory macrophages, while increasing the
anti-inflammatory subset in rat muscles following acute
sterile injury [149–151]. The beneficial effects of cod protein
on the resolution of inflammation and muscle regeneration
after injury were attributable to its high content of arginine,
glycine, taurine, and lysine [150]. These amino acids have
been shown to decrease muscle cell damage in various rodent
models of inflammation including endotoxin- and exercise-
induced muscle damage by inhibiting the secretion of
inflammatory markers, such as TNF-α, IL-1β, IL-6, and
PGE2, and by reducing COX-2 expression and ROS genera-
tion [152–158]. The protective effects of L-arginine on
muscle cell membrane integrity in mdx mice was reported
to be mediated through a decrease in TNF-α, IL-1β, and
IL-6 expression levels [153]. Therefore, dietary fish protein
rich in arginine, glycine, and taurine represents a safe, inex-
pensive, and efficient approach for the treatment of inflam-
matory musculoskeletal diseases (Table 1).

7.4.2. Long-Chain Polyunsaturated Fatty Acids. Omega-3
polyunsaturated fatty acids (PUFA) were shown to have a
variety of anti-inflammatory effects such as decreasing adhe-
sion molecules and leukocyte chemotaxis in a variety of
inflammatory conditions [159–161]. This effect is partly
mediated by their ability to inhibit NF-κB-dependent inflam-
matory genes and blunt the production of eicosanoids, such
as prostaglandins and leukotrienes [162]. In addition to
reducing leukocyte accumulation, PUFA directly target
macrophages to inhibit their activation and promote their
switch toward their anti-inflammatory phenotype [163]. In
skeletal muscle, the long-term therapy of omega-3 supple-
mentation to mdx mice reduced proinflammatory markers
(TNF-α and NF-κB levels) and improved muscle regenera-
tion [164]. Similarly, a diet supplemented with fish oil

diminished the signs of inflammation and reduced fibrosis
in the diaphragm muscle of old mdx mice [165]. Therefore,
a diet rich in PUFA represents a simple strategy for the
treatment of chronic muscle disorders.

7.4.3. Vitamins and Antioxidants. Different studies looked at
the role of vitamins to regulate inflammation and macro-
phage phenotype. So far, retinoic acid (active form of vitamin
A), vitamin D3, and vitamin E have been shown to play a role
in the functional polarization of macrophages. Using a
microarray to scan over 40,000 genes in peritoneal macro-
phages, it was shown that retinoic acid acts through
GATA-6 signalling to change the profile of macrophages,
which acquire some markers of the anti-inflammatory profile
(e.g., Arg1) but not others (e.g., CD206) [166]. These findings
show that retinoic acid promotes an anti-inflammatory-
oriented profile that is located in a broad spectrum of macro-
phage polarization states. Retinoic acid was also shown to
potentiate the ability of IL-4 to skew macrophages toward
their anti-inflammatory phenotype, indicating that macro-
phage polarization is a result of the complex interaction of
various molecular components [167]. Skeletal muscle regen-
eration was delayed in mice deficient in retinoic acid recep-
tor-γ, while the treatment of injured wild-type mice with a
retinoic acid receptor-γ agonist reduced fibrotic/adipose tis-
sue and improved muscle repair [168]. However, the exact
contribution of macrophages in the positive effect of retinoic
acid on skeletal muscle repair remains to be determined.

Vitamin D3 has an inhibitory role in a plethora of cellular
immune processes, including in T cells, by reducing the
inclination of Th0 toward Th1 cells, along with a selective
reduction of Th1-related cytokines [169, 170]. Moreover,
vitamin D3 was shown to promote Treg development, which
plays an important role in driving the M2 macrophage phe-
notype [171]. Vitamin D3 deficiency was shown to impair
the maturation of monocytes to macrophages, while vitamin
D3 addition increases the expression of macrophage-specific
surface antigens. Macrophages treated with vitamin D3
adopt an intermediary phenotype located on the broad
spectrum of macrophage polarization, which is characterized
by a controlled increase in oxidative burst, chemotaxis, and
phagocytosis, together with a decrease in the expression
of TLR2/4 and a reduced level of the proinflammatory
cytokines TNF-α, IL-1, and IL-6 [172].

As the most abundant lipid soluble chain-breaking anti-
oxidant in cell membranes, vitamin E has been shown to
prevent mitochondrial oxidative damages and entrap peroxyl
radicals and oxygen species, all of which are putative factors
in several human diseases [173]. Besides its well-known
antioxidant properties, accumulating evidences support
the immunostimulating effects of vitamin E in pathogen-
infected subjects through different mechanisms that enhance
the Th1-like pattern immune response [174]. In conditions
with a low-grade inflammation (e.g., obesity and aortic
lesions), vitamin E appears to suppress infiltrating macro-
phage accumulation and related cytokines [175, 176]. Indeed,
γ-tocopherol, one of the active forms of vitamin E, sub-
stantially reduced the recruitment of adipose tissue mac-
rophages in high-fat-fed mice. Moreover, LPS-mediated
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proinflammatory macrophage polarization was reduced in
γ-tocopherol-treated human adipose tissue with minimal
influence on alternative polarization into anti-inflammatory
macrophages [175].

Altogether, these findings indicate that vitamins are not
classical inducers of the anti-inflammatory phenotype, but
they rather promote an intermediary phenotype located
in the continuum of macrophage polarization. Thus, the
contribution of vitamins to the promotion of the pro- or
anti-inflammatory phenotype of macrophages is dependent
on their combinatory effect with other molecular and
cellular components.

7.5. Biomaterials. The advancement in bioengineering led to
the development of new implantable medical devices that can
be used in regenerative medicine to modulate macrophage
response in different tissues, such as skeletal muscles [177].
The interface between the biomaterial surface and the tissue
initiates cellular events that activate a subsequent signalling
cascade of paracrine and autocrine factors in the host tissue.
These biomaterials can be either synthetic (biodegradable or
nonbiodegradable) or biologic [178, 179].

7.5.1. Biologic Materials. These biomaterials include human
and porcine skin substitutes, porcine small intestine submu-
cosa, dermal, and other natural substitutes (e.g., collagen,
chitosan, silk, and keratin) [178, 180]. The nature and the
age of the source animal have a significant impact on the
effect of the transplanted biomaterial. For instance, porcine
small intestine submucosa harvested from pigs at different
ages revealed that a scaffold isolated from younger ani-
mals promote a dominant anti-inflammatory macrophage
response and better muscle regeneration than a scaffold
derived from older animals [181]. The macrophage response
is also affected depending on whether the scaffold is
implanted in its native form or its cross-linked form (which
increases the protein cross-links to improve stability and
durability), the former enhancing the anti-inflammatory
phenotype, while the latter promoting the proinflammatory
phenotype of macrophages [182, 183].

7.5.2. Synthetic Biomaterials. Synthetic biomaterials such
as polyethylene, polyethylene terephthalate, polyacryl-
amide, perfluoropolyether, and polydioxanone elicit an
anti-inflammatory response in macrophages in vitro [178].
Macrophage response to biomaterials is dependent on
many factors including their composition, characteristics
(dimension, pore size, and topography), and the quality
of the sterilisation [178]. The pore size is a critical regulator
of macrophage polarization, with a smaller pore size induc-
ing the proinflammatory phenotype of macrophages cultured
on perfluoropolyether [184], while larger pores induce an
anti-inflammatory response [185]. In addition to pore size,
other factors such as the nature of the material play a
significant role in polarizing macrophages, since macro-
phages cultured on expanded polytetrafluoroethylene and
chitosan with large pores show a proinflammatory cytokine
profile [186, 187].

7.5.3. Hybrid Biomaterials. These biomaterials are derived
from both synthetic and biologic materials. For instance,
the coating of polypropylene mesh with ECM components
(isolated from decellularized porcine skin) was shown to
increase the ratio of anti-inflammatory macrophages com-
pared to uncoated polypropylene mesh [188]. Moreover,
these biomaterials could be used as a carrier for biochemical
cues (e.g., cytokines and growth factors) or pharmacological
compounds. Therefore, biomaterials could be used as a
mixed therapy with other anti-inflammatory-stimulating
factors described previously. Moreover, biomaterials can also
be used as a carrier in cellular transplantation experiments
(e.g., for macrophages, satellite cells, or other stem cells).
For instance, a tissue engineering strategy showed that a
compound containing mesenchymal stem cells and a decellu-
larized ECM scaffold synergistically promoted macrophage
polarization toward theM2 phenotype and improved skeletal
muscle regeneration in rats [189]. Biomaterials were also
shown to improve the success of myoblast transplanta-
tion; however, the contribution of macrophage polariza-
tion in the beneficial impact of these biomaterials is
still elusive [190].

Biomaterials were also used as a scaffold to increase mus-
cle regeneration. Acellular biological scaffolds were shown to
elicit an anti-inflammatory macrophage response resulting in
constructive remodelling, while scaffolds containing cellular
components were associated with a proinflammatory macro-
phage response resulting in fibrosis and failed regeneration
[191]. Biomaterials were also tested as a strategy to improve
innervation, vascularization, and myofiber contractility in
skeletal muscles [192]; however, the potential of biomaterials
as a macrophage-centered approach for the treatment of
DMD remains to be investigated. Nonetheless, the recent
advances in bioengineering open an exciting new therapeutic
avenue that could be used in combination with other factors
regulating macrophage polarization for the treatment of
chronic degenerative muscle disorders (Table 1).

7.6. Macrophage Transplantation. Transplantation of M2
macrophages is considered as a new cell-based therapy for
many diseases including Alzheimer, diabetes, and peripheral
arterial disease [193–195]. In a rat model of Alzheimer, M2
macrophage transplantation greatly attenuated inflamma-
tion and cognitive impairment by skewing endogenous
microglial cells toward the M2 phenotype [193]. Moreover,
systemic administration of peritoneal M2 macrophages
enhanced glucose tolerance, prevented rejection, and pro-
longed the survival time of islet allografts in diabetic mice
[194]. With regard to skeletal muscle regeneration, it was
shown that transplantation of M1-polarized macrophages
(LPS/IFN-γ) following ischemia-induced muscle injury
enhanced the recovery of muscle function, while the
administration of nonpolarized macrophages did not
[196]. Similar results were observed in another model of
muscle injury (laceration) [96]. Another study demon-
strated that early administration of M1-polarized macro-
phages (IFN-γ) reduced fibrosis and improved myofiber
size and muscle function, while early administration of
M2-polarized macrophages (IL-4/IL-13) improved myofiber
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size but not muscle force and fibrosis [195]. These results
indicate that the transplantation of macrophages needs to
be timely coordinated to improve skeletal muscle regener-
ation. Notably, the safety and efficacy of macrophage
transplantation have already been tested in two clinical
studies, showing a significant improvement of motor and
cognitive activities in patients with stroke and neurological
affectations [197, 198].

Satellite cell transplantation is also a promising therapeu-
tic avenue to treat different muscle diseases; however, it faces
many technical challenges such as poor cell survival, lack of
self-renewal, and long-term engraftment. Macrophages
represent an attractive approach to improve the success rate
of satellite cell transplantation. For instance, coinjection of
myoblasts with proinflammatory macrophages supported
myoblast engraftment by extending their proliferative phase
and delaying their differentiation, while coinjection with
anti-inflammatory macrophages did not improve myoblast
engraftment [199]. Altogether, these findings suggest that
macrophages are an interesting therapeutic approach, either
as a direct therapy or as a cofactor for the transplantation
of other cell types. However, macrophage polarization needs
to be tightly regulated to optimize muscle regeneration.

8. Conclusion

Muscle regeneration relies on different stem cell types,
especially satellite cells and FAPs. While these cells are the
ultimate executors of muscle repair, their activity is regulated
and coordinated by neighbouring cells. Particularly, macro-
phage polarization toward their proinflammatory or anti-
inflammatory phenotype has been shown to play key roles
in myogenesis and skeletal muscle healing. The novel insights
into the field of inflammation have revealed that macro-
phages span a continuum of polarization states, which
evolves depending on intrinsic and extrinsic factors. In
chronic degenerative muscle disorders, the abnormal pheno-
type adopted by macrophages was shown to contribute to
this detrimental process. Therefore, new therapeutics target-
ing macrophage polarization such as cytokines and growth
factors, nutritional compounds, RNA silencing, pharmaco-
logical drugs, and biomaterials are tested to improve skeletal
muscle regeneration. Depending on the type of muscle injury
and on the desired therapeutic effect, these strategies could be
used to skew macrophage polarization toward the proinflam-
matory phenotype (e.g., to decrease excessive fibrosis) or
toward the anti-inflammatory phenotype (e.g., to dampen
inflammation and promote myogenesis). Despite some
technical challenges, these new strategies have a strong
therapeutic potential to mitigate different muscle disorders
such as DMD. The recent technological advances combined
with our improved comprehension of the role of macro-
phages in skeletal muscle regeneration and diseases will
synergize to develop this promising field of research.
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Nucleus pulposus cells (NPCs) play a vital role in maintaining the homeostasis of the intervertebral disc (IVD). Previous studies
have discovered that NPCs exhibited malfunction due to cellular senescence during disc aging and degeneration; this might be
one of the key factors of IVD degeneration. Thus, we conducted this study in order to investigate the altered biofunction and
the underlying genes and pathways of senescent NPCs. We isolated and identified NPCs from the tail discs of young (2 months)
and old (24 months) SD rats and confirmed the senescent phenotype through SA-β-gal staining. CCK-8 assay, transwell assay,
and cell scratch assay were adopted to detect the proliferous and migratory ability of two groups. Then, a rat Gene Chip
Clariom™ S array was used to detect differentially expressed genes (DEGs). After rigorous bioinformatics analysis of the raw
data, totally, 1038 differentially expressed genes with a fold change > 1 5 were identified out of 23189 probes. Among them,
617 were upregulated and 421 were downregulated. Furthermore, Gene Ontology (GO) and Kyoto Encyclopedia of Genes
and Genomes (KEGG) pathway analysis were conducted and revealed numerous number of enriched GO terms and
signaling pathways associated with senescence of NPCs. A protein-protein interaction (PPI) network of the DEGs was
constructed using the Search Tool for the Retrieval of Interacting Genes (STRING) database and Cytoscape software. Module
analysis was conducted for the PPI network using the MCODE plugin in Cytoscape. Hub genes were identified by the
CytoHubba plugin in Cytoscape. Derived 5 hub genes and most significantly up- or downregulated genes were further
verified by real-time PCR. The present study investigated underlying mechanisms in the senescence of NPCs on a genome-
wide scale. The illumination of molecular mechanisms of NPCs senescence may assist the development of novel biological
methods to treat degenerative disc diseases.
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1. Introduction

Low back pain (LBP) is a major age-related disease, not only
contributing to patients’ suffering and disability but also
causing large financial burden to society [1]. Intervertebral
disc degeneration (IVDD) has been confirmed to be one of
the most fundamental pathological changes of LBP [2]. Due
to a largely unknown mechanism of IVDD, effective therapy
methods still need investigation.

Traditional therapy strategies including surgery and con-
servative therapy are aimed at alleviating symptoms instead
of regenerating the degenerated disc. Thus, biological
approaches which mainly focus on restoring the structure
and function of the IVD are considered more promising
[3, 4]. The structure of the intervertebral disc could be
divided into three different regions: nucleus pulposus (NP),
annulus fibrosus (AF), and cartilaginous endplate (CEP)
[5]. NP is a kind of gelatinous tissue containing extracellular
matrix (ECM) comprising highly hydrated proteoglycan,
collagen fibers, and aggrecan [6]. It plays a vital role in
maintaining the physiological function of IVD because
NP could absorb stress when the IVD is confronting diverse
mechanical impact [7]. Nucleus pulposus cells (NPCs) are
the organ-specific cells residing in the nucleus pulposus [8].
NPCs are responsible for the metabolism homeostasis of
the ECM by producing collagen I, collagen II, and proteogly-
can, which are the main components of the gelatinous struc-
tures of NP [9]. During aging and degeneration of IVD, the
normal function of NPCs was disrupted, thus resulting in
aberrant metabolism of ECM, which could accelerate the
process of IVDD [10, 11]. Cytotherapy by reactivate degener-
ated NPCs has been proposed to be an ideal biological ther-
apy method to treat IVDD [11]. However, the specific
mechanism of NPC degeneration is still unknown, which
hindered the development of cytotherapy.

Cell senescence is defined as a cellular program that
leads to a stable growth arrest along with distinct pheno-
typic alterations and presentation of senescence-associated
secretory phenotype (SASP) [12, 13]. Senescence of disc
cells has been widely accepted as one of the major factors
of IVD degeneration and aging [14, 15]. The number of
viable cell in NP was decreased, and the cellular function
of NPCs is being impaired with age, eventually leading to
biomechanical failure and degeneration of IVD [15, 16].
There were two historically forms of senescence: one is rep-
licative senescence which is related to shortened telomere
length; the other is stress-induced premature senescence
which is induced by a variety of environmental stimuli
[17, 18]. Among them, time-dependent accumulation of
cell replication and replicative senescence is considered to
be more related with aging [19]. Accumulating researches
focus on rejuvenating aged NPCs by preventing senescence
[11]. However, little progress has been achieved due to the
unclear potential regulators or mechanisms of senescence
of NPCs. Therefore, elucidating the major regulators and
mechanisms underlying NPCs senescence will help us bet-
ter understand the pathogenesis of IVD aging and degener-
ation and may illustrate a new therapy target to rejuvenate
aged IVD.

Gene microarray technology can simultaneously analyse
differences in the expression level of thousands of genes from
predefined groups of samples [20]. It also has the advantage
of highly effective evaluation of whole genome-wide expres-
sion changes [21]. This technology gives researchers a novel
point of view to investigate the mechanism of different dis-
eases more deeply. Although the senescence of NPCs plays
an important role during IVDD, yet there were limited num-
ber of studies that focus on the aberrantly expressed genes
during NPC aging.

Thus, the aim of this study was to investigate the
abnormally expressed mRNA and signaling pathways dur-
ing NPC aging by the method of microarray analysis and
bioinformatics analysis. We also compared the migration
capability between young and old NPCs because decreased
migration of IVD cells may be another important reason for
the declining regenerative potential of IVD. These analyses
may help to elucidate the senescence mechanism of NPCs,
which will contribute in identifying the key factors necessary
to rejuvenate NPCs in IVDD patients and promoting the
effect of cytotherapy in IVDD.

2. Materials and Methods

2.1. Ethic Statement. All experimental procedures described
blow were reviewed and approved by the Laboratory Animal
Ethics Committee of The Sixth Medical Centre of PLA Gen-
eral Hospital, Beijing, China, and carried out in accordance
with the relevant guidelines and regulations.

2.2. Isolation and Culture of NPCs. 12 Sprague-Dawley (SD)
rats were involved in this experiment and were divided into
two groups according to their age: the young group (n = 6,
2 months old) and old group (n = 6, 24 months old). 24-
month-old rats were defined as the old group according to
a previous study [22]. Then, they were sacrificed by intraper-
itoneal injection of 5ml 10% chloral hydrate. After being
soaked in 70% ethanol for 1 h, the coccygeal NP tissues
(C3-C7) of each rat were collected by ophthalmic surgical
instruments under a sterile dissecting microscope. After
being washed with PBS for three times, the harvested NP tis-
sues were mechanically minced and digested with 0.2% colla-
genase II (Sigma-Aldrich, St. Louis, MO, USA) in Dulbecco’s
modified Eagle’s medium-low glucose (DMEM-LG, Solarbio
Science & Technology Co. Ltd., Beijing, China) for 4 h. The
suspension was centrifuged at 1000 rpm/min for 5min.
Then, the suspension solution was discarded, and the pellets
were resuspended with standard culture medium containing
DMEM-LG, 10% FBS (Gibco BRL, Grand Island, NY, USA),
and 1% penicillin-streptomycin (Hyclone, USA). Finally, the
cell pellets were cultured in 25 cm2 cell culture flasks in a
humidified incubator at 37°C and 5% CO2. The culture
medium was replaced every two days. When the cells reached
70-80% confluence, they were collected using 0.25% trypsin-
EDTA (Gibco, USA) and subcultured at 1 : 3; cells at passage
2 were used for experiment.

2.3. Cell Phenotype Identification. To identify the cell pheno-
type of young and old NPCs, a series of surface markers were
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detected. Both groups of NPCs at P2 were collected and
resuspended in cold PBS to a concentration of 1 × 106
cells/ml. Then, 100μl cell suspension was incubated with
antibodies against CD34-PE, CD24-FITC, CD29-PE,
CD45-FITC, and CD90-PerCP-Cy5.5 (Abcam, Cambridge,
MA, USA) for 30min at 4°C in the dark. Then, cells were
washed twice and resuspended in 500μl PBS. Finally, quanti-
tative analyses for the expression of surface markers of each
samples were performed using the FACSCalibur system
(FACScan, BD, USA).

2.4. Senescence-Associated β-Galactosidase (SA-β-gal)
Staining.When NPCs were cultured to 80%-90% confluence,
SA-β-gal staining (Beyotime Institute of Biotechnology,
China) was performed to analyse the rate of senescent cells
in the young and old groups according to the manufacturers’
protocol. Briefly, cells were washed by PBS for three times,
then fixed with fixative solution for 15 minutes at RT, washed
twice with PBS, and stained with X-Gal containing SA-β-gal
working solution overnight at 37°C without CO2. Quantifica-
tion analysis was performed under fluorescence microscopy
by determining the average percentage of total SA-β-gal-pos-
itive cells in 5 randomly selected fields of each well.

2.5. Cell Counting Kit-8 Proliferation Assay. To compare the
proliferation ability of young and old NPCs, P2 cells were
plated at a 96-well plate at 1000 cells/well and cultured in
standard medium containing 10% FBS for 1, 3, 5, 7, and 9
days. At each time point, the medium was replaced by the
mixture solution which contains 100μl fresh medium and
10μl CCK-8 reagent. After being incubated in the humidified
incubator at 37°C and 5% CO2 for 4 h, the absorbance of each
sample was measured at 450nm using a microplate reader
(Model 680, Bio-Rad Laboratories K.K., Tokyo, Japan).

2.6. Cell Scratch Assay. Young and old NPCs were seeded in
6-well plates at a concentration of 1 × 105 cells/ml. After
growing to 100% confluence, parallel scratches were made
at the bottom of the 6-well plate with a 200ml pipet tip.
The suspended cells were washed off with serum-free
medium, and the width of the scratches was observed and
pictured at 0 h and 24 h under an Olympus photomicroscope.
The migration of the cells was determined by measuring the
distance between the wound edges using ImageJ software.
Three different areas were measured for each group, and
the average distance was calculated for analysis.

2.7. Transwell Assay. The migration capability of young and
old NPCs was evaluated with transwell cell culture chambers
(pore size 8 μm, Corning, USA), and these chambers were
inserted into 24-well plates. The lower chamber was filled
with 600ml medium with 10% FBS, and the upper chamber
contained 150μl of DMEM along and 5 × 104 cells. After
24 h, the media in both chambers were removed and the non-
migratory cells in the upper chamber were wiped off gently
by a cotton swab. After being fixed with 4% paraformalde-
hyde, the migrated cells in the lower chamber were stained
with 0.1% crystal violet at room temperature for 30min.
Then, cells traversing the membranes were counted in three

randomly selected areas under a light microscope (Olympus
Optical Co. Ltd., Tokyo, Japan) at 100x magnification.

2.8. RNA Extraction and Quality Control. After being grown
to 90% confluence, NPCs of the young and old groups were
treated with Trizol. Then, the total RNA was extracted and
purified with an RNase Kit (Bio-Rad, CA, USA). The quality
of derived mRNA was measured by a spectrophotometer
(NanoDrop-1000, Thermo Scientific, MA, USA). The mRNA
integrity and DNA contamination were detected by agarose-
gel electrophoresis (results are shown in supplementary
materials (available here)).

2.9. Microarray Analysis.Obtained RNA from young and old
NPCs was hybridised to Rat GeneChip Clariom™ S Array
from Affymetrix Corporation. The procedures of hybridiza-
tion and scanning of the microarray were performed accord-
ing toWhole Transcript (WT) Expression Arrays User Guide
of Affymetrix Corporation. Briefly, after the process of probe
set signal integration, background correction, and quantile
normalisation, these files were transferred to the Affymetrix
Transcriptome Analysis Console software to analyse the dif-
ferentially expressed genes (DEGs). The threshold set for up-
and downregulated genes was fold change ≥ 1 5 and P < 0 05.
The data had been uploaded to the NCBI Gene Expression
Omnibus (GEO) and can be accessed via GEO Series acces-
sion [GEO:GSE126883] (https://www.ncbi.nlm.nih.gov/geo/
query/acc.cgi?acc=GSE126883).

2.10. GO Functional and KEGG Pathway Enrichment
Analysis. The Database for Annotation, Visualization, and
Integrated Discovery (DAVID, http://david.abcc.ncifcrf.gov/)
is a gene functional classification implement that accom-
modates a set of functional annotation tools for investigators
to analyse the biological roles of genes and to perform
GO (Gene Ontology) and KEGG (Kyoto Encyclopedia
of Genes and Genomes) pathway enrichment analysis of
DEGs. The functions and pathway enrichment of up-
and downregulated DEGs were analysed using the DAVID
database. A count > 2 and EASE > 0 1 was considered as
the cut-off criteria.

2.11. PPI Network Construction and Module Analysis. Func-
tional PPI analysis was essential to interpret the molecular
mechanisms of key cellular activities. The Search Tool for
the Retrieval of Interacting Genes (STRING, https://string-
db.org/) database was adopted to obtain the PPI relationships
for DEGs. Briefly, DEGs were uploaded to the STRING data-
base, and the result which interaction score is more than 0.7
(high confidence) was visualized in Cytoscape software. Fur-
thermore, significant modules were detected through the
MCODE (Molecular Complex Detection) plugin in Cytos-
cape based on the constructed PPI networks with the criteria
of K score = 4,Degree cut − off = 2; node score cut − off = 0 2
, andmaximumdepth = 100. GO functional and KEGG path-
way enrichment analyses of the highest score module were
performed using DAVID.

2.12. Identification of Hub Genes. Cytoscape software was
applied to analyse the hub genes, which are important nodes
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with many interaction partners. We utilized the CytoHubba
plugin in Cytoscape to find hub genes and employed six cal-
culation methods: Degree, EPC, EcCentricity, MCC, Bottle-
Neck, and MNC. The intersecting genes derived using these
six algorithms represent key candidate genes with important
biological regulatory functions. These hub genes were further
performed by GO and KEGG pathway enrichment analyses
using the DAVID database.

2.13. Real-Time PCR. To validate the microarray results,
derived 5 hub genes and the most significantly up- or down-
regulated genes were selected for the real-time PCR valida-
tion. Briefly, complementary DNA (cDNA) was synthesized
by the reverse transcript using the Quantscript RT Kit (Tian-
Gen Biotech, China) according to the manufacturer’s proto-
col. Then, derived cDNAs were taken for quantitative real-
time PCR (qPCR) using a SYBR Premix Ex Taq™ (Tli Rna-
seH Plus; TaKaRa Bio, Otsu, Japan) in a Peltier thermal
cycler (Bio-Rad Laboratories K.K., Tokyo, Japan) at an ulti-
mate reaction volume of 20μl. The cDNA was amplified for
40 cycles. GAPDH was selected as the internal control to cal-
culate the relative expression of target genes by the 2-ΔΔCT

method. All reactions were performed in triplicate, and the
sequences of the used primers are shown in Table 1.

2.14. Statistical Analysis. All the data were expressed as the
means ± SD. The comparative analyses between the groups
were made by independent sample t-tests to determine the
significant difference through SPSS 20.0 software (Chicago
IL, USA). A chi-square test was adopted for enumeration
data. P < 0 05 was considered statistically significant.

3. Results

3.1. Immunophenotypes of Young and Old NPCs. NPCs were
successfully isolated from rat nucleus pulposus tissues. The
P2 generation of young NPCs exhibited a characteristic of
small, spindle-like morphology, with an abundant cytoplasm
containing large ovoid and prominent nucleoli. Old NPCs
had a more relatively round shape with polygonal and flat
morphology (Figure 1(a)).

A series of cell surface antigens were selected to detect the
cell surface marker of young and old NPCs [23, 24]. Both
groups of NPCs were highly positive for CD29 and CD90
and CD24 (Figures 1(b) and 1(c)). However, the expression
of CD24 was significantly lower in the old group than that

in the young group (P < 0 05). The positive rates in the young
group were CD29 (99 15 ± 0 67%), CD90 (97 63 ± 0 62%),
and CD24 (92 68 ± 0 88%). The positive rates in the old
group were CD29 (97 3 ± 1 26%), CD90 (96 36 ± 0 54%),
and CD24 (77 91 ± 2 49%). All NPCs were negative for the
hematopoietic stem cell markers CD34 (1 1 ± 0 4% in the
young group and 3 98 ± 0 22% in the old group) and CD45
(3 98 ± 0 22% in the young group and 1 9 ± 0 16% in the
old group) (Figures 1(b) and 1(c)).

3.2. β-Galactosidase (SA-β-gal) Staining and Aging-Related
Decline in Proliferation and Migration Ability. β-Galactosi-
dase (SA-β-gal) staining is a sensitive measurement to detect
senescent cells, the results showed a higher positive staining
cell percentage in the old group (45 32 ± 6 87%) than that
in the young group (10 84 ± 1 41%) (P < 0 05) (Figures 2(a)
and 2(b)). To assess the proliferation of young and old NPCs,
CCK-8 assay was performed. Results showed old NPCs went
into early plateau phase approx. 7 days after initially culture
and young NPCs did not enter a growth plateau until 9 days
of culture (Figure 2(c)). The migration ability was assessed
through transwell assay and cell scratch assay. Results of trans-
well assay showed a decreased migration cell number in the
old group (56 33 ± 8 327) compared with the young group
cells (169 3 ± 16 44) (P < 0 05) (Figures 2(e) and 2(f)). Quan-
tification of the migration area percent after 24h of the young
group (41.02±6.13%) is higher than that of the old group
(14 9 ± 3 15%) (P < 0 05), indicating a decreased migration
speed of old NPCs (Figures 2(d) and 2(g)). Thus, our results
clearly demonstrate a dramatic decrease in the proliferous
and migratory capacity of NPCs during aging.

3.3. Identification of Differentially Expressed Genes. To detect
molecular factors involved in NPC aging, we performed
microchip hybridization with RNA from NPCs of the young
and old groups. A total of 1038 differentially expressed genes
(DEGs) were detected, including 617 upregulated genes and
421 downregulated genes. The upregulated genes refer to
those increase expressed in old NPCs. Volcano plot was plotted
to show the DEGs of two groups according to the gene expres-
sion values (Figure 3). The hierarchical clustering heat map is
shown in the supplementary materials. The greatest upregu-
lated gene is kininogen 1 (fold change = 25 06), followed
by lipocalin 2, upregulated, and EGF-containing fibulin-
like extracellular matrix protein 1, upregulated. The great-
est downregulated gene is periostin (fold change = −24 05),

Table 1: Primers used for real-time PCR.

Gene name Forward sequence 5′-3′ Reverse sequence 5′-3′
Fos CAAACCGACCTACTGTCCC ACCAACAACCTTGTCGTCATAT

Egr1 GCAACACTTTGTGGCCTGAA GAGTTGGGACTGGTAGGTGT

Cxcl1 AAATGGTGAAGGTCGGTGTGAAC CAACAATCTCCACTTTGCCACTG

Igf1 GCACTCTGCTTGCTCACCTTTA TCCGAATGCTGGAGCCATA

Ptgs2 TTCGGGAGCACAACAGAGTG TGAAGTGGTAACCGCTCAGG

Kininogen 1 ATGGTCCCGACTGTGAAATGCCAAG CTATCTCTGGGTAGTCTGCTTTACAC

Periostin ACAAGCCAACAAAAGGGTTCA ACGGCCTTCTCTTGATCGC

GAPDH GGCATCCTGGGCTACACT CCACCACCCTGTTGCTGT
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Figure 1: The cell morphology and immunophenotype identification of young and old NPCs. (a) Cell morphology of P2 young and old
NPCs. (b, c) Both young and old NPCs exhibited high expression of CD29 and CD90 (>95%) and low expression of CD34 and CD45
(<5%). The expression of CD24 in the young group was 92 68 ± 0 88% and in the old group was 77 91 ± 2 49%. The difference of CD24
expression between young and old NPCs was significant (P < 0 05). ∗P < 0 05 compared with the young group.
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Figure 2: Continued.
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followed by neuronal regeneration-related protein, down-
regulated, and dermatopontin, downregulated. The top 10
up- and downregulated genes are shown in Tables 2 and 3.

3.4. GO Functional and KEGG Pathway Enrichment Analysis
of DEGs. The functions of up and downregulated DEGs
were evaluated at DAVID. The GO analysis showed that,
in terms of biological processes (BP), the upregulated genes
were mainly enriched in response to lipopolysaccharide and
response to organic cyclic compound and negative regulation
of cell proliferation (Table 4 and Figure 4). The downreg-
ulated genes were mainly enriched in cell adhesion, endo-
dermal cell differentiation, and ossification (Table 5 and
Figure 5). In terms of cellular components (CC), upregulated
genes were mainly enriched in the extracellular space and
extracellular exosome (Table 4 and Figure 4). Downregu-
lated genes were mainly enriched in the extracellular matrix
and basement membrane (Table 5 and Figure 5). In terms

of molecular function (MF), upregulated genes were
mainly enriched in endopeptidase inhibitor activity and
transcriptional activator activity (Table 4 and Figure 4), while
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Figure 2: The aging phenotype and migration capacity of young and old NPCs. (a, b) Representative images of SA-β-gal staining for the
detection of senescent NPCs from the young and old groups. Quantitative analysis showed that the senescent cell number in the old group
was higher than that in the young group. (c) Cell proliferation curve detected by CCK-8 assay. The OD value is higher in the young group
after 7 days culture, indicating a higher proliferation capability of young NPCs. (d, g) Cell scratch assay showed declined migrated
percentage in old NPCs after 12 h. (e, f) Transwell assay showed a declined migrated cell number in the old group. All samples examined
in triplicate. Data are presented as the mean ± SD. ∗P < 0 05.

Table 2: The top 10 upregulated genes.

Gene names Fold change P value

Kininogen 1 25.06 2.00117E-05

Lipocalin 2 15.25 4.43512E-05

EGF-containing fibulin-like
extracellular matrix protein 1

12.85 0.000583062

Collagen 14a1 12.81 3.332E-05

Phospholipase A2 10.35 7.85477E-05

Interferon-induced
transmembrane protein 1

8.89 0.000557976

LOC100125362 8.48 8.31466E-06

Carboxypeptidase X 7.57 1.60859E-05

Complement component 6 7.48 5.87991E-05

Inhibitor of DNA binding 1 7.48 0.000073019

Filter criteria for significant difference gene: ∣fold change∣ > 1 5, P value < 0.05.

Table 3: The top 10 downregulated genes.

Gene names Fold change P value

Periostin -24.05 1.60411E-06

Neuronal regeneration-related protein -8.77 5.64411E-06

Dermatopontin -6.57 8.44669E-05

Integrin alpha 4 -6.44 0.000120932

Syntaxin-binding protein 5-like -6.12 5.20189E-07

Fibulin 2 -6.11 1.64021E-05

Dihydropyrimidinase-like 3 -6.09 0.000253521

Calponin 1 -6.03 0.000115957

Sphingosine-1-phosphate receptor 3 -5.72 9.20555E-05

Gliomedin -5.30 0.000144277

Filter criteria for significant difference gene: ∣fold change∣ > 1 5, P value < 0.05.
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Figure 3: Volcano plot showed differentially expressed genes
between the young and old groups. Volcano plot of differentially
expressed genes in young and old group. Left: significantly
downregulated genes, which account for 1.8% of total detected
probes. Middle: nondifferentially expressed genes. Right: significantly
upregulated genes, which account for 2.7% of total detected probes
(based on ∣log2 FC∣ > 2 and P < 0 05). Heat map and hierarchical
clustering of DEG profile comparison between the young and old
NPCs are included in the supplementary materials.
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downregulated genes were mainly enriched in extracellu-
lar matrix structural constituent and calcium ion binding
(Table 5 and Figure 5).

The KEGG pathway analysis showed that the upregu-
lated genes were enriched in 36 pathways; the most signifi-
cant pathway was the TNF signaling pathway, and the top 5
significant pathways are shown in Table 4 and Figure 4.
The downregulated genes were enriched in 19 pathways;
among them, the most significant pathway is ECM-receptor
interaction, and the top 5 significant pathways are shown in
Table 5 and Figure 5.

3.5. PPI Analysis and Hub Gene Screening. Based on informa-
tion from the STRING database, a PPI network comprising
311 nodes and 696 edges with parameters including a mini-
mum required interaction score > 0 7 (high confidence) was
constructed using the Cytoscape software (Figure 6(a)).
Then, the networks were analysed by plugin MCODE with

the criteria of node score > 4 and number of nodes > 4.
Finally, 3 significant modules were selected (Figures 6(b)–
6(d)). The KEGG pathways enriched of the genes in the
highest scored modules (score 6.276) were the TNF signal-
ing pathway, PI3K-Akt signaling pathway, and cytokine-
cytokine receptor interaction; the GO biological processes
were chiefly enriched in cellular response to organic sub-
stance, skeletal muscle cell differentiation, and inflammatory
response (Table 6). Then, we detected the hub genes in the
network. After running the CytoHubba plugin, there were
5 hub genes identified by the 6 calculation methods (Degree,
EPC, EcCentricity, BottleNeck, MCC, and MNC). Results are
listed in Table 7. The 6 most significant genes were chemo-
kine (C-X-C motif), ligand 1 (Cxcl1), early growth response
1 (Egr1), FBJ osteosarcoma oncogene (Fos), insulin-like
growth factor 1 (Igf1), and prostaglandin-endoperoxide syn-
thase 2 (Ptgs2). Furthermore, we performed GO and KEGG
enrichment analysis of hub genes in DAVID. These hub
genes were mainly enriched in the TNF signaling pathway
and pathways in cancer (Table 8). The chief GO biological
processes were in response to lipopolysaccharide and
response to glucocorticoid (Table 8).

3.6. Validation of Hub Gene by Real-Time PCR. To validate
the results of microarray date, we selected the 5 hub genes
and the most significantly up- or downregulated genes for
real-time PCR analysis. Results were showed consistent with
the microarray data. The gene chip analysis demonstrated
these mRNAs were upregulated up to 2.643-fold (CXCL1),
5.429-fold (Fos), 2.386-fold (Igf1), 2.369-fold (Egf1), and
3.748-fold (Ptgs2). The RT-PCR results exhibit the expres-
sion of CXCL1 (P < 0 05), Fos (P < 0 05), Igf1 (P < 0 05),
Egf1 (P < 0 05), and Ptgs2 (P < 0 05) in the old group which
were significantly increased up to 3.8-fold, 4.36-fold, 2.39-
fold, 3.04-fold, and 3.27-fold, respectively. The expression
of periostin (P < 0 05) in the old group was -12.7-fold com-
pared with that in the young group, and the expression of
kininogen 1 (P< 0.05) in the old group was 12.4-fold com-
pared with that in the young group. Results of RT-PCR were
consistent with the results of microarray data. The results are
shown in Figure 7.

4. Discussion

Cellular senescence serves as an important disease-causing
determinant [12, 17]. Senescence of NPCs with age is closely
related to the change of IVD aging and degeneration [7, 10,
11]. In this study, we compared the biological functions and
analysed the differentially expressed gene in young and old
NPCs to uncover the potential therapeutic target during
NPC senescence. This study has a significant value in clinic
therapy of IVDD because the key regulated genes during
the NPC senescence could be manipulated to reactivate the
senescent NPCs. It would be unnecessary to isolate NPCs
from the tissue by invasive operation, patients may just need
to receive molecules to rejuvenate NPCs, and then, the self-
repair procedure could be started.

To identify the surface phenotypes of isolated young and
old NPCs, a variety of surface markers were adopted for

Table 4: List of top 5 terms of upregulated genes enriched by GO
and KEGG analysis.

Terms Count
-log10

(P value)

KEGG:rno04668:TNFsignaling pathway 15 4.863619311

KEGG:rno04151:PI3K-Aktsignaling
pathway

27 4.249211392

KEGG:rno05200:Pathways in cancer 29 3.912805981

KEGG:rno04630:Jak-STAT signaling
pathway

14 3.272521081

KEGG:rno04512:ECM-receptor interaction 10 2.566175661

GO BP:0032496~response to
lipopolysaccharide

29 7.485884419

GO BP:0014070~response to organic
cyclic compound

28 7.172760304

GO BP:0008285~negative regulation
of cell proliferation

33 6.863888026

GO BP:0001666~response to hypoxia 27 6.668325051

GO BP:0050680~negative regulation
of epithelial cell proliferation

13 5.878814283

GO MF:0004866~endopeptidase
inhibitor activity

9 5.741812795

GO MF:0001077~transcriptional activator
activity, RNA polymerase II
core promoter proximal region
sequence-specific binding

24 5.695518301

GO MF:0005509~calcium ion binding 39 3.672674033

GO MF:0008134~transcription factor
binding

23 3.591418924

GO MF:0043565~sequence-specific
DNA binding

33 3.418128712

GO CC:0005615~extracellular space 99 16.94638876

GO CC:0070062~extracellular exosome 135 9.756235253

GO CC:0009986~cell surface 48 8.51199254

GO CC:0005578~proteinaceous
extracellular matrix

25 6.200499673

GO CC:0031012~extracellular matrix 25 6.169491531
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detection according to previous studies [23–25]. CD24 is a
glycosylphosphatidylinositol-anchored cell surface protein,
which has been defined as a marker of healthy NPCs by
Risbud et al. [23]. Tang et al. found a strong expression of
CD24 in juvenile human NP tissue, and its expression would
decline with age [26]. Although the species in this study was
different with previous studies, we also found the expression
of CD24 in old NPCs decreased significantly than that in
young NPCs. This result indicated that CD24 may serve as
a marker of NPC senescence. We further detected the expres-
sion of CD90, which is a cell-surface-anchored glycoprotein
found in many kinds of stem/progenitor cells [27]. In the
present study, CD90 was highly expressed in both young
and old NPCs. However, Tang et al. found that CD90 is only
expressed in AF cells and may serve as a non-NP marker in
rats [14]. We considered that this may be due to the different
isolation method used in their study. Previous study of Moli-
nos et al. found that NPCs highly express CD29 and Brachy-
ury with a low expression of CD34, CD45, and CD146 [24].
In our study, the expression of CD34 and CD45 was lower
than 5% in both the young and old groups, which indicated

no contamination of hematopoietic-lineage cells. Both young
and old NPCs could highly express CD29 (>95%), and its
expression discovered no difference in young and old NPCs,
which was consistent with the previous study [24].

Then, we compared the proliferation and migration
capabilities of young and old NPCs. An age-related decline
in the growth kinetics was reported for NPCs before. Jeong
et al. found that human NPCs from young patients have
a higher proliferation ability and less SA-β-gal staining
percentage than old ones [28]. In line with the above-
mentioned research, our study also showed a diminished
proliferation capacity of old NPCs. We further investigate
the migration capability between young and old NPCs, and
results showed a declined migration ability in old NPCs than
young NPCs. Thus, based on the combined above results, we
propose that the declined proliferous and migratory capabil-
ities of NPCs are two key processes of IVD aging.

In the present study, we further revealed the DEGs
between young and old NPCs. Among the downregulated
genes, periostin was the most significantly altered gene. Pre-
vious studies have shown that periostin could regulate the
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Figure 4: Go function and KEGG pathway enrichment analysis of upregulated genes. Top 5most significantly enriched GO terms and KEGG
pathways of upregulated genes. The length of the bars on the x-axis represents the negative logarithm of the P value (-log10 P) of each
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proliferation and differentiation of many kinds of cells such
as periodontal ligament mesenchymal stem cells [29, 30],
skeletal stem cells [31], and adipose-derived stem cell [32,
33]. Furthermore, periostin could interact with structural
collagens, thereby influencing the mechanical structure of
the ECM in a local tissue [34]. Egbert et al. found that perios-
tin contributes to proper collagen function and is downregu-
lated during skin aging, indicating an important role of
periostin in the regulation of collagen function [35]. Previous
research found that periostin is also being expressed in the
human and rat IVD and has relevance to the IVDD because
it binds to several ECM components such as fibronectin,
tenascin, and collagen V and is related to the expression of
several inflammatory cytokines such as IL-4 and TNF-α
[36]. However, Tsai et.al reported an increased expression
of periostin in IVD cells during IVDD, which was contradic-
ting with our results [37]. We consider that it is because their
model represents rapid injury of IVD, thus stimulating peri-
ostin expression to regulate the structure of ECM. The reac-
tion of cells to the change of environment might be
declined with age, thus showing a downregulation of perios-
tin of NPCs. Consistent with our hypothesis, Graja et.al
reported that loss of periostin occurs in aging adipose tissue
is closely associated with the age-related alterations of the

adipose tissue extracellular matrix [32]. Moreover, Duchamp
de Lageneste et.al discovered that the bone regenerative
potential of skeletal stem cells in periosteum is determined
by periostin [31]. Thus, methods that upregulate the expres-
sion of periostin might reverse the malfunction of NPCs dur-
ing aging. Among the high expression genes, kininogen 1 was
the highest one. Kininogen 1 has been detected in numerous
pathophysiological conditions, such as arthritis [38] and
inflammatory bowel disease [39]. Although there is no liter-
ature that reported the association of kininogen 1 with IVD
aging, the relationship of kininogen 1 with aging in other tis-
sues has been recognized [40, 41]. Besides, Dai et.al reported
that cleaved kininogen could accelerate the onset of endothe-
lial progenitor cell senescence by activating the ROS-p38
kinase-p16INK4a signaling cascade [42]. Therefore, kinino-
gen 1 might have a similar effect on NPC senescence.

Functional annotation of upregulated genes was con-
ducted by GO and KEGG pathway analysis. Interestingly,
the top 5 enrichments of GO BP included response to lipo-
polysaccharide (GO BP:003249), negative regulation of cell
proliferation (GO BP:0008285), and response to hypoxia
(GO BP:0001666). Lots of literatures reported that lipopoly-
saccharide could induce inflammatory response of IVD; thus,
the biological processes in response to lipopolysaccharide
indicated an important role of inflammation in NPC senes-
cence [43]. Besides, hypoxia and inflammation are two
important characteristics of the environment of degenerated
IVD [44]; thus, these results highlighted a vital role of a local
environment in NPC senescence. Additionally, the most sig-
nificant signaling pathways of upregulated genes included
the TNF signaling pathway (KEGG:rno04668), PI3K-Akt
signaling pathway (KEGG:rno04151), and pathways in can-
cer (KEGG:rno05200). The TNF signaling pathway has been
widely recognized as a vital regulator of the inflammatory
cascade during IVDD [45, 46]. Thus, our results showed that
the biological function of old NPCs might been influenced
by the harsh conditions existing in the microenvironment of
IVD. Among the downregulated genes, GO functional
enrichment of BP is mainly enriched at cell adhesion (GO
BP:0007155), cell-matrix adhesion (GO BP:0007160), and
endodermal cell differentiation (GO BP:0035987). Pathway
enrichment analysis is mainly at ECM-receptor interaction
(KEGG:rno04512) and focal adhesion (KEGG:rno04510).
Interestingly, these results were consistent with our cellular
experiment results which showed a declined migratory capa-
bility of old NPCs. Therefore, these results indicated a
decreased migratory capability of old NPCs.

We further analysed the hub genes in the PPI network by
6 calculation methods. All derived 5 hub genes (Cxcl1, Egr1,
Ptgs2, Fos, and Igf1) were upregulated in the old group. We
further conducted real-time PCR to verify the results of
microarray. Results showed a consistent expression trend
with microarray. Cxcl1, Egr1, and Ptgs2 have been reported
to be existing in IVD tissues and revealed a close relationship
with the immune response and inflammation. [47–49] Fos is
a well-studied oncogene. It was reported that Fos existed in
the herniated disc tissue instead of the healthy disc [50].
Besides, a recent study had shown that Fos could regulate
the transcription of Sox9 and that the cfos-Sox9 axis is critical

Table 5: List of top 5 terms of down regulated genes enriched by
GO and KEGG analysis.

Terms Count
-log10

(P value)

KEGG:rno04512:ECM-receptor interaction 12 6.305467082

KEGG:rno04510:Focal adhesion 16 5.283730936

KEGG:rno04151:PI3K-Akt signaling
pathway

18 3.918980827

KEGG:rno04974:Protein digestion and
absorption

8 2.964674869

KEGG:rno04024:cAMP signaling pathway 11 2.565239027

GO BP:0007155~cell adhesion 19 5.677119186

GO BP:0035987~endodermal cell
differentiation

6 3.820807813

GO BP:0001503~ossification 9 3.307311242

GO BP:0007160~cell-matrix adhesion 8 3.272206365

GO BP:0010628~positive regulation
of gene expression

17 2.767181699

GO MF:0005201~extracellular matrix
structural constituent

7 3.709602001

GO MF:0005509~calcium ion binding 28 3.596212048

GO MF:0003735~structural constituent
of ribosome

18 2.633105261

GO MF:0044325~ion channel binding 9 2.592276912

GO MF:0005178~integrin binding 8 2.584636716

GO CC:0031012~extracellular matrix 28 12.71649934

GO CC:0005604~basement membrane 16 9.863156842

GO CC:0005615~extracellular space 53 6.939058168

GO CC:0005578~proteinaceous
extracellular matrix

20 6.645158563

GO CC:0005925~focal adhesion 25 6.484468766
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for the role of cfos in the induction of chondroblastic Osteo-
sarcoma [51]. Considering that SOX-9 is also an important
marker of nucleus pulposus cells, the role of cfos in the
regulation of NPCs during aging is needed to be deeply
investigated. Igf1 is a growth factor known to activate matrix
metabolism. Igf1 has also been found to have a close relation-
ship with IVDD [52]. A previous study has described that the
responsiveness of chondrocytes to IGF-I decreased with age
[53]. Okuda et.al found that the increased expression of
IGF-I binding proteins (IGFBPs) and downregulation of
IGF-I receptor might be the two key mechanisms for the
aging-related nonresponsiveness to IGF-1 [54]. Therefore,
we hypothesized the upregulated expression of IGF-1 might
be the compensation feedback in old NPCs. We also per-
formed the GO and KEGG analysis of derived hub genes.
Results showed that the TNF signaling pathways in response
to lipopolysaccharide were enriched, which is consistent with
the GO and KEGG results of upregulated genes.

The three most significant submodules of DEGs were
extracted from the PPI network with MCODE scores of ≥4.

After GO functional and KEGG pathway enrichment analy-
ses of the DEGs in the highest scored modules, the genes in
this module were mainly associated with the cellular response
to organic substance (GO:0071310), skeletal muscle cell
differentiation (GO:0035914), and inflammatory response
(GO:0006954). The pathways were enriched in the TNF sig-
naling pathway (rno04668), and PI3K-Akt signaling pathway
(rno04151), which further illustrated the importance of these
two pathways during NPC aging.

There were several limitations in this study. First, numer-
ous RNA probes were detected in the microarray analysis and
this limited the validation of the gene chip results. Therefore,
we only interpreted the results based on previous studies and
our interests. It was reported that NP consists of a mixture
of small chondrocyte-like mesenchymal cells and larger
notochordal-derived cells [26]. In mature NP tissues, noto-
chordal cells gradually disappeared, replaced by smaller
fibrochondrocyte-like cells [8]. However, the harvested cells
in this study were mainly fibrochondrocyte-like cells in both
the young and old groups, which was different with the
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Figure 5: Go functional and KEGG pathway enrichment analysis of downregulated genes. Top 5 most significantly enriched GO terms and
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cellular morphology of notochordal cells (characterized by
lots of vacuoles). The culture method in this study was a
monolayer with normoxic condition, which may be difficult
to preserve the phenotype of notochordal cells due to the
phenotype of notochordal cells that would quickly disappear
after in vitro culture. Since the optimal culture condition for
notochordal cell phenotype maintenance is still under inves-
tigation, our study may only represent a part of the mecha-

nism of NPC senescence. Another limitation exists in the
normoxic culture condition. Hypoxia is one of characteristics
of IVD. Previous studies shown that the gene expression of
NPCs may be altered due to the normoxic culture condition
[55]. Thus, hypoxia and 3 dimensional cultures may be more
suitable to maintain the phenotype of NPCs.

5. Conclusions

Taken together, we discovered that the old NPCs showed
declined proliferation and migration abilities. Furthermore,
we identified a series of molecular pathways that contribute
to NPC aging and degeneration through microarray analysis.
Further studies will be needed to elucidate downstream
mechanisms of potential targets. An understanding of the

Table 6: KEGG and GO analysis of the highest scored module
genes.

Terms
-log10

(P value)
Count

GO BP:0071310~cellular response to
organic substance

4.428041285 4

GO BP:0035914~skeletal muscle cell
differentiation

4.06731104 4

GO BP:0006954~inflammatory response 4.016795968 6

GO BP:0009611~response to wounding 3.559234434 4

GO BP:0032496~response to
lipopolysaccharide

3.016316347 5

KEGG:rno04668:TNF signaling pathway 3.913584453 5

KEGG:rno04151:PI3K-Akt signaling
pathway

1.320427527 4

KEGG: rno04060:Cytokine-cytokine
receptor interaction

1.074017917 3

Table 7: The hub genes were analysed by different topological
algorithms in the protein-protein interaction network.

Topological algorithm Top 20 genes were ranked by score

Maximal Clique
Centrality (MCC)

Btg2, Clu, Csf1, Cx3cl1, Cxcl1, Cxcl5,
Dusp1, Egr1, Egr2, Fos, Ier2, Igf1, Junb,

Kng1, Kng2, Nfkbiz, Penk, Ptgs2,
Serping1, Zfp36

Degree

A2m, Acta2, Clu, Col3a1, Csf1, Cxcl1,
Cxcl5, Dusp1, Egr1, Fos, Igf1, Il7, Kitl,

Kng1, Kng2, Postn, Ptgs2, Socs3,
Vcam1, Vcan

Edge Percolated
Component

Cd68, Clu, Cp, Csf1, Cx3cl1, Cxcl1,
Cxcl5, Egr1, Fos, Igf1, Il7, Kitl, Kng1,
Kng2, Nfkbiz, Penk, Ptgs2, Serpina3n,

Socs3, Vcam1

Maximum
Neighborhood
Component

Acta2, Clu, Col3a1, Csf1, Cx3cl1,
Cxcl1, Cxcl5, Dusp1, Egr1, Fos, Igf1,
Il7, Kitl, Kng1, Kng2, Nfkbiz, Postn,

Ptgs2, Serpina3n, Vcam1

BottleNeck

A2m, Acta1, Cd68, Cfh, Cxcl1, Dusp1,
Egr1, Eng, Folr2, Fos, Igf1, Il7, Jag1,
Kitl, Mcam, Negr1, Postn, Ptgs2,

Timp3, Vcam1

EcCentricity

Acta2, Cd68, Csf1, Cx3cl1, Cxcl1, Egr1,
Eng, Fgf10, Fgf9, Fgfr2, Fos, Igf1, Junb,
Lyz2, Mmp12, Myh11, Ptgs2, Serping1,

Smad9, Vcam1

Common genes of 6
topological algorithms

Cxcl1, Egr1, Fos, Igf1, Ptgs2

Table 8: KEGG and GO analysis of hub gene.

Terms
-log10

(P value)
Count

KEGG:rno04668:TNF signaling pathway 2.937464369 3

KEGG:rno05200:Pathways in cancer 1.8358872 3

KEGG:rno04913:Ovarian steroidogenesis 1.543625084 2

KEGG:rno05140:Leishmaniasis 1.435827789 2

KEGG:rno05132:Salmonella infection 1.375008637 2

GO BP:0032496~response to
lipopolysaccharide

4.797953003 4

GO BP:0051384~response to glucocorticoid 3.469546007 3

GO BP:0042127~regulation of cell
proliferation

2.980755828 3

GO BP:0014070~response to organic
cyclic compound

2.85105501 3

GO BP:0042493~response to drug 2.282716935 3
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Figure 7: Validation of microarray results by RT-PCR. Five hub
genes (Cxcl1, Egr1, Fos, Igf1, and Ptgs2) and the most significantly
upregulated (kininogen 1) and downregulated (periostin) genes
were selected for the real-time PCR validation. GAPDH was
selected as the internal control. Data are presented as the mean ±
SD. ∗P < 0 05 compared with the young group.
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mechanisms underlying these aging processes may lead to a
novel breakthrough in the prevention and treatment of disc
aging and aging-related degeneration.
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Introduction. The effects of erythropoietin (EPO) on the behaviors of bone marrow mesenchymal stem cells (BMSCs) subjected to
mechanical stretch remain unclear. This study was therefore aimed at establishing the dose-response effect of EPO stimulation on
rat BMSCs and investigating the effects of mechanical stretch combined with EPO on the proliferation and osteogenic
differentiation of BMSCs. Material and Methods. The proliferation and osteogenic differentiation of rat BMSCs were examined
and compared using EPO with different concentrations. Thereafter, BMSCs were subjected to 10% elongation using a Flexcell
strain unit, combined with 20 IU/ml EPO. The proliferation of BMSCs was detected by Cell Counting Kit-8, colony formation
assay, and cell cycle assay; meanwhile, the mRNA expression levels of Ets-1, C-myc, Ccnd1, and C-fos were detected by reverse
transcription and real-time quantitative PCR (qPCR). The osteogenic differentiation of BMSCs was detected by alkaline
phosphatase (ALP) staining, and the mRNA expression levels of ALP, OCN, COL, and Runx2 were detected by qPCR. The role
of the extracellular signal-regulated kinases 1/2 (ERK1/2) in the osteogenesis of BMSCs stimulated by mechanical stretch
combined with 20 IU/ml EPO was examined by Western blot. Results. Our results showed that effects of EPO on BMSCs
included a dose-response relationship, with the 20 IU/ml EPO yielding the largest. Mechanical stretch combined with 20 IU/ml
EPO promoted proliferation and osteogenic differentiation of BMSCs. The increase in ALP, mineral deposition, and osteoblastic
genes induced by the mechanical stretch–EPO combination was inhibited by U0126, an ERK1/2 inhibitor. Conclusion. EPO was
able to promote the proliferation and osteogenic differentiation of BMSCs, and these effects were enhanced when combined
with mechanical stretch. The underlying mechanism may be related to the activation of the ERK1/2 signaling pathway.

1. Introduction

Large bone defects resulting from trauma, congenital defects,
neoplasm, failed arthroplasty, and infection are quite com-
mon [1, 2], and the incidences of nonunion and delayed
union are very high [3]. It remains a great challenge for
orthopedic surgeons to achieve osseous reconstruction for
nonunion and bone defects. Distraction osteogenesis (DO)
is regarded as one of the most effective therapeutic strategies
for posttraumatic complex nonunion [4–7]; but the overall

therapeutic process lasts for a relatively long period, and a
variety of complications may arise, such as pin loss, infection
around the transmucosal pin, bone fracture, and restriction
in joint motion [8]. Various approaches have been tested to
promote bone formation in order to shorten the DO period.
Among them, bone morphogenic proteins (BMPs) are
thought to be the most potent osteoinductive factors and play
a key role in the process of bone formation during DO. How-
ever, the high cost and the short half-life in vivo restrict usage
of their applications [9–12]. It is therefore necessary to seek
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alternatives with good therapeutic outcomes for use in the
DO technique.

Erythropoietin is a glycoprotein hormone that stimulates
red blood cell (RBC) production in bone marrow via binding
to the cell-surface receptor on hematopoietic progenitor cells,
and it has been widely used for treating anemia [13]. In addi-
tion to its classical role in the regulation of RBC proliferation,
EPO has been shown to exert protective and regenerative
capabilities in a variety of nonhematopoietic tissues [14].
Notably, it promotes the osteogenic differentiation of bone
mesenchymal stem cells (BMSCs) [15–17]. Furthermore,
mechanical stretch may induce the differentiation of BMSCs
into mature osteoblasts and enhance the deposition of the
bone matrix [18–20]. Nevertheless, the effects of EPO remain
unknown on the behaviors of BMSCs subjected to mechani-
cal stretch, which is an in vitro condition simulated to an
in vivo DO procedure.

This study was therefore aimed at addressing three key
issues: First, is there a dose-dependent effect of EPO on the
proliferation and osteogenic differentiation of BMSCs? And
which is the optimal concentration if so? Second, what is
the effect of EPO at its optimal concentration on the prolifer-
ation and osteogenic differentiation of BMSCs subjected to
mechanical stretch? Third, is the ERK1/2 signaling pathway
involved in the promotion of the osteogenic differentiation
of EPO combined with mechanical stretch on BMSCs?

2. Material and Methods

2.1. BMSC Isolation, Identification, and Culture. This study
was approved by the Animal Ethics Committee of Nanfang
Hospital, SouthernMedical University. The BMSCs were iso-
lated from 4-week-old male Sprague-Dawley rats using a
method described previously [21]. The morphology of the
cells was observed by optic and inverted phase contrast
microscope. After identification by flow cytometry, the
third generation (P3) cells were selected for further study.
L-DMEM containing 10% fetal bovine serum (FBS) was
used as the culture medium.

Flow cytometry analysis and cell cycle assay were con-
ducted using a method described in our previous study
[21]. Briefly, the isolated cells were collected and incubated
with antibodies of CD11b, CD45, CD79, and CD90 accord-
ing to the manufacturer’s instructions. After being incubated
for 30 minutes at 4°C, the cells were analyzed by flow cytom-
etry (BD Biosciences, USA). The isolated cells were then col-
lected and fixed in 70% precooling ethanol overnight at 4°C.
After being stained with propidium iodide (PI)/RNase buffer
at room temperature in the dark for 30 minutes, the isolated
cells were analyzed for cell cycle by flow cytometry.

2.2. Experimental Design. After incubation for 24 hours, the
cells were treated with EPO with different concentrations of
rhEPO (5 IU/ml, 10 IU/ml, 20 IU/ml, and 40 IU/ml). Cells
untreated with rhEPO were defined as the control group.
After 7 days of being cultured, the cells were examined for
their proliferation and osteogenic differentiation. Thereafter,
the optimal concentration of rhEPO was chosen for further
investigations.

After being incubated for 24 hours, the cells were treated
with EPO and/or mechanical stretch and divided into the fol-
lowing 4 groups: the control (CON) group, EPO group,
stretch (STR) group, and EPO+STR group. In terms of
mechanical stretch, a cyclic mechanical stretch with a 1Hz
sinusoidal curve set at 10% elongation was applied for
4 hours twice a day using the FX-5000TM Flexcell Tension
Plus™ unit (Flexcell International Corporation, NC, USA).
After treatment for 7 days, CCK-8 was applied to the cells
to detect proliferation. The colony formations and the cell
cycles were examined by colony formation assay (CFA) and
flow cytometry, respectively. The osteogenic differentiation
of the cells was detected by ALP staining and ALP activity.
Reverse transcription and real-time qPCR were used to
examine the gene expressions of Ets-1, C-myc, Ccnd1,
C-fos, ALP, OCN, COL, and Runx2.

The cells were divided into 4 groups based on treatment
methods: CON, EPO, STR, and EPO+STR. After 7 days of
treatment, the expression levels of t-ERK1/2 and p-ERK1/2
were detected by Western blot. In addition, the P3 cells were
further divided into 4 groups based on treatment methods:
CON, STR+EPO, CON+blocking, STR+EPO+blocking. An
osteogenic-induced medium was used to induce cell osteo-
genesis, whereas U0126 (10 μM) was used as an ERK1/2
blocker. After 7 days of treatment, the osteogenic differentia-
tion of the cells was detected by ALP activity.

2.3. Cell Proliferation. Cell Counting Kit-8 (CCK-8) assay
was used to assess cell proliferation. In brief, all cells were
harvested and incubated with CCK-8 solution according to
the manufacturer’s instructions. After being incubated
for 2 hours at 37°C, the optical density (OD) value of
the cells was measured at 450nm with a microplate
reader (SpectraMax M5, Molecular Devices, USA).

2.4. CFA Assessment. Approximately 1 × 103 cells from each
group were seeded in 3 wells of a 6-well culture plate
and incubated under the same conditions noted above
for 14 days. After incubation, the medium was removed
by aspiration and the colonies were washed with PBS.
The colonies were fixed with 4.0% (w/v) paraformaldehyde
for 20 minutes, then stained with 0.1% crystal violet for
1 hour at room temperature. After washing excess crystal
violet with ddH2O, the plates were left to dry in normal air
at room temperature overnight.

2.5. ALP Activity and Staining Measurement. ALP activity
and staining was performed according to a previous protocol
[22]. For the ALP activity assay, cells from each group were
rinsed twice with PBS, then lysed with 10mM Tris–HCl con-
taining 2mMMgCl2 and 0.05% Triton X-100 (pH8.2) at 4°C.
Sonicated cell lysates were subsequently centrifuged at
12000g for 10min at 4°C, then the supernatants were used
for the assays. Lysates were incubated in an ALP detection
buffer for 30min at 37°C. The reaction was stopped by add-
ing 0.1M NaOH and then monitored at 405nm. Total pro-
tein was measured spectrophotometrically using a Micro
BCA Protein Assay Kit (Pierce) and read at 562nm. The
enzymatic activity of ALP was normalized to the total protein
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content of the sample (405/562 nm). For the ALP staining
assay, cells from each group were fixed with 4% paraformal-
dehyde for 15min, stained with ALP detection solution for
30min at 37°C, and washed with PBS to remove excess
staining.

2.6. qPCR. Total RNA was extracted from cells both in the
experiment group and in the control group using RNAiso Plus
(Takara Bio Inc., Dalian, China). RNA purity and concentra-
tion were quantified spectrophotometrically using a Nano-
Drop ND-1000 (NanoDrop Technologies, USA). The cDNA
(10 μl final volume) was synthesized from the total RNA using
the Bestar qPCRRTKit (DBI Bioscience, Germany) according
to the manufacturer protocol. The qPCR reactions (20μl final
volume) were conducted using the Bestar SybrGreen qPCR
Mastermix (DBI Bioscience, Germany). The primer sequences
for these experiments are listed in Table 1.

The cDNA was amplified in triplicate at 95°C for
2 minutes, followed by 40 denaturation cycles at 95°C for
10 seconds, annealing and extension at 60°C for 30 seconds,
and 40 more denaturation cycles at 72°C for 30 seconds.
A dissociation curve was constructed to confirm that
there was no nonspecific amplification. Glyceraldehyde-
3-phosphate dehydrogenase (GAPDH) was quantified as
an endogenous reference, and each sample was normalized
to its GAPDH content. Dissociation curve analysis was used
to determine the specificity of qPCR. The data from qPCR
experiments was analyzed using the comparative CT method
as described in the manual for the LightCycler® 480 System
(Roche Life Science, Canada) to determine relative quantita-
tive gene expression.

2.7. Western Blot Analysis. After 7 days of treatment, the
cells from 4 groups were washed with ice-cold PBS and

digested immediately. The proteins were extracted using
a cell lysis buffer. After electrophoretic separation by 8%
SDS-polyacrylamide gel electrophoresis, the proteins were
electrotransferred onto polyvinylidene fluoride (PVDF)
membranes (Millipore, Billerica, MA, USA). The mem-
branes were then blocked with Tris-buffered saline con-
taining 0.1% Tween-20 (TBST) and 5% skim milk for
1 hour at room temperature. t-ERK1/2 rabbit mAb,
phospho-ERK1/2 (p-ERK1/2) rabbit mAb (Cell Signaling
Technology, Danvers, MA, USA), and GAPDH rabbit
mAb (4A Biotech, Beijing, China) were used according
to the manufacturers’ protocols, and the membranes were
incubated overnight with these antibodies at 4°C with
slight shaking. Thereafter, the membranes were washed 3
times in TBST and further incubated with an HRP-
conjugated antibody (goat anti-rabbit IgG, Sigma-Aldrich,
Saint Louis, MO, USA) for 1 hour at room temperature.
Finally, the membranes were washed 3 times in TBST,
and the signals were developed using an enhanced chemi-
luminescence kit (KeyGen Biotech, Nanjing, China). A
semiquantitative evaluation of the bands was performed
by densitometry (VersaDoc, Bio-Rad, Hercules, CA, USA).
The levels of t-ERK1/2 and p-ERK1/2 proteins were
determined through their normalization to the protein level
of GAPDH.

For inhibition of ERK1/2 activation, BMSCs were
incubated with U0126 (10 μM, Sigma-Aldrich, Saint Louis,
MO, USA) for 30 minutes at 37°C before they were
subjected to cyclic mechanical stretch combined with
20 IU/ml EPO.

2.8. Statistical Analysis. Data was statistically analyzed using
SPSS 19.0 software. All experimental data were expressed as
the means ± standard deviation. Differences between 2

Table 1: Primer sequences for qPCR.

Gene Primer Primer sequence (5′-3′) Product (bp)

C-fos
Forward TGCATGAATTCCCCAGCCGACTC

618
Reverse TGCATAAGCTTCAGCTCCCTCCT

Ets-1
Forward GAGTTCAGCCTGAAGGGTGTT

153
Reverse CACATCCTCTTTCTGCAGGATCT

C-myc
Forward AATTCCAGCGAGAGACAGAG

434
Reverse CAAAGCCCTTCTCACTCCA

Ccnd1
Forward CGTACCCTGACACCAATCTC

434
Reverse TGAAGTAAGAAACGGAGGGC

ALP
Forward TATGTCTGGAACCGCACTGAAC

90
Reverse CACTAGCAAGAAGAAGCCTTTGG

OCN
Forward GCCCTGACTGCATTCTGCCTCT

192
Reverse TCACCACCTTACTGCCCTCCTG

COL
Forward CAGGCTGGTGTGATGGGATT

278
Reverse CCAAGGTCTCCAGGAACACC

Runx2
Forward ATCCAGCCACCTTCACTTACACC

199
Reverse GGGACCATTGGGAACTGATAGG

GAPDH
Forward TGCCACTCAGAAGACTGTGG

129
Reverse TTCAGCTCTGGGATGCCTT
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Figure 1: Representative images of BMSCs before and after mechanical stretch. Before mechanical stretch, the obtained cells were fibroblast-
like, spindle-shaped, and randomly oriented (a). After mechanical stretch, the BMSCs were still fibroblast-like and spindle-shaped but became
much thinner compared to the nonstretch cells. The cells were oriented perpendicularly to the axis of the external strain (b). In addition,
immunophenotypic characterization was analyzed by flow cytometry, indicating that the obtained cells were BMSCs (c). The arrow
indicates direction of stretch field. Bar = 50 μm.
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groups were determined statistically by Student’s t-test, and
the variance was analyzed. One-way ANOVA with post hoc
LSD was performed, and p values < 0.05 were considered sta-
tistically significant.

3. Results

3.1. Cell Characterization. The obtained cells were fibroblast-
like and spindle-shaped (Figure 1(a)). The BMSCs were still
fibroblast-like and spindle-shaped after mechanical stretch
but were much thinner compared to the nonstretch cells.
The cells were oriented perpendicularly to the axis of the
external strain, whether in the absence or the presence of
applied EPO (Figure 1(b)). In order to evaluate the character
of the cells, CD11b, CD45, CD79, and CD90 expressions
were analyzed using flow cytometry. The results showed that
all cells were positive for cell surface markers CD79 and
CD90 with percentages of 99 2 ± 1 8 and 98 2 ± 2 1, respec-
tively; all cells were negative for CD11b and CD45 with per-
centages of 8 6 ± 1 1 and 5 3 ± 0 7, respectively (Figure 1(c)).
These results indicate that the obtained cells were BMSCs.

3.2. EPO Promoted the Proliferation of BMSCs. CCK-8 assay
was used to examine the proliferation of the cells. As shown
in Figure 2(a), under the stimulus of different concentrations
of EPO, a dose-response relationship was evident among the
experiment groups, and the group of 20 IU/ml EPO showed
the maximum value, with the cell proliferation significantly
increased about 3-fold compared to the control (p < 0 001).
These results indicated that EPO promoted proliferation of
BMSCs; meanwhile, the EPO concentration of 20 IU/ml
yielded the largest effect.

3.3. EPO Promoted the Osteogenic Differentiation of BMSCs.
The osteogenic potential of BMSCs was detected using ALP
activity. As shown in Figure 2(b), ALP activity of the cells
treated with EPO is much higher than in the control.

Furthermore, the EPO dosage of 20 IU/ml yielded the largest
effect relative to the control. These results indicated that EPO
promoted osteogenic differentiation of BMSCs.

3.4. Mechanical Stretch Combined with 20 IU/ml EPO
Promoted the Proliferation of BMSCs. CCK-8 assay was used
to examine the proliferation of the cells, both stretched and
nonstretched. As shown in Figure 3(a), under the stimulus
of stretch whether combined with EPO or not, the cell prolif-
eration increased significantly compared to the control
(p < 0 01). Among the experiment groups, the STR+EPO
group showed the maximum value, with the cell proliferation
significantly increased about 4.5-fold compared to the con-
trol (p < 0 001). These results indicated that mechanical
stretch combined with 20 IU/ml EPO promoted proliferation
of BMSCs.

To further show the proliferation of BMSCs under the
intervention of mechanical stretch whether combined with
EPO or not, we investigated the colony-forming characteris-
tic of the cells by evaluating the number of cell colonies that
developed after 14 days of being cultured (Figure 3(b)). The
number of cell colonies that developed was evidently higher
under the intervention of mechanical stretch combined with
20 IU/ml EPO compared to the other groups.

In order to further clarify the role of mechanical stretch
combined with 20 IU/ml EPO in regulating the proliferation
of BMSCs, qPCR was used to analyze the proliferation genes.
As seen in Figure 3(c), BMSCs subjected to mechanical
stretch with or without EPO clearly show a change in the
mRNA expression levels of Ets-1, C-myc, Ccnd1, and C-fos
compared to the control (p < 0 01). The mRNA expression
of Ets-1 in the group subjected to mechanical stretch com-
bined with 20 IU/ml EPO showed the maximum value, with
the expression significantly increased about 5.32-fold com-
pared to the control (p < 0 001), as shown in Figure 3(c).
The mRNA expressions of C-myc, Ccnd1, and C-fos in the
group subjected to mechanical stretch combined with
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Figure 2: The proliferation and ALP staining of BMSCs under the stimulus of different concentrations of EPO. A dose-response relationship
was evident among the experiment groups, and the group of 20 IU/ml EPO showed the maximum value, with the cell proliferation
significantly increased about 3-fold compared to the control (a). On the other hand, the staining of the cells treated with EPO is much
more obvious than that in the control. Furthermore, the EPO dosage of 20 IU/ml yielded the largest effect relative to the control (b). ∗p <
0 05 and ∗∗p < 0 001 compared with the control group.
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Figure 3: Effects of mechanical stretch combined with 20 IU/ml EPO on the cell proliferation, the distribution of the cell cycles, and the
expression of proliferation genes. Under the stimulus of stretch with and without EPO, the cell proliferation increased significantly compared
to the control. Among the experiment groups, the STR+EPO group showed the maximum value, with the cell proliferation significantly
increased about 4.5-fold compared to the control (a). The number of cell colonies under the intervention of mechanical stretch with and
without EPO. One representative well was presented for each group (b). Quantitative results for these assays are also presented as bar graphs.
The number of cell colonies that developed was evidently higher under the intervention of mechanical stretch combined with 20 IU/ml EPO
compared to the other groups (b). The results showed that mechanical stretch combined with 20 IU/ml EPO stimulated cell proliferation by
promoting cell cycle progression from G1 to S-G2/M phases. Besides, qPCR was used to analyze the proliferation genes. BMSCs subjected to
mechanical stretch with or without EPO clearly show a change in the mRNA expression levels of Ets-1, C-myc, Ccnd1, and C-fos compared
to the control. The mRNA expression of Ets-1 in the group subjected to mechanical stretch combined with 20 IU/ml EPO showed the
maximum value, with the expression significantly increased about 5.32-fold compared to the control. The mRNA expressions of C-myc,
Ccnd1, and C-fos in the group subjected to mechanical stretch combined with 20 IU/ml EPO increased about 5.59-fold, 5.72-fold, and
5.58-fold, respectively, compared to the control (c). ∗p < 0 05 and ∗∗p < 0 001 compared with the control group.
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20 IU/ml EPO increased about 5.59-fold, 5.72-fold, and 5.58-
fold, respectively, compared to the control (p < 0 001). These
results indicated that mechanical stretch combined with
20 IU/ml EPO promoted proliferation of BMSCs through
upregulation of the mRNA expressions of Ets-1, C-myc,
Ccnd1, and C-fos.

To understand the process of combining mechanical
stretch with 20 IU/ml EPO to regulate the proliferation of
BMSCs, flow cytometry was used to analyze the distribution
of the cell cycles. As shown in Figure 4, there was a signifi-
cantly high S-G2/M phase population with percentages of
27 0 ± 0 74 in the experimental cells (strains combined with
20 IU/ml EPO) compared to the other groups of cells with
percentages of 10 7 ± 0 85, 17 9 ± 0 79, and 20 6 ± 0 68. The
results showed that mechanical stretch combined with
20 IU/ml EPO stimulated cell proliferation by promoting cell
cycle progression from G1 to S-G2/M phases.

3.5. Mechanical Stretch Combined with 20 IU/ml EPO
Promoted the Osteogenic Differentiation of BMSCs. The oste-
ogenic potential of BMSCs was detected using ALP activity
and staining. As shown in Figures 5(a) and 5(b), the activity
and staining of the cells subjected to mechanical stretch with
or without EPO were more obvious than those in the control.
The group subjected to mechanical stretch combined with
20 IU/ml EPO yielded the largest effect relative to the control.
These results indicated that mechanical stretch combined
with 20 IU/ml EPO promoted differentiation of BMSCs into
osteoblasts.

ALP activity and staining is a marker not only of osteo-
blast differentiation but also of the genes ALP, OCN, COL,
and Runx2. In Figure 5(c), we can clearly see that BMSCs
subjected to mechanical stretch with or without EPO show
a change in the mRNA expression levels of ALP, OCN,
COL, and Runx2 compared to the control group (p < 0 01).
The mRNA expression of ALP in the group of mechanical
stretch combined with 20 IU/ml EPO showed the maximum
value, with the expression significantly increased about 5.37-
fold compared to that of the control (p < 0 001), as shown in
Figure 5(c). The mRNA expressions of OCN, COL, and
Runx2 in the group of mechanical stretch combined with
20 IU/ml EPO increased about 5.85-fold, 5.41-fold, and
5.42-fold, respectively, compared to those in the control
(p < 0 001). These results indicated that mechanical stretch
combined with 20 IU/ml EPO promoted osteogenic differen-
tiation of BMSCs through upregulation of the mRNA expres-
sions of ALP, OCN, COL, and Runx2.

3.6. Mechanical Stretch Combined with 20 IU/ml EPO
Promoted the Osteogenic Differentiation of BMSCs via the
Activation of the ERK1/2 Signaling Pathway. The ERK1/2 sig-
nal plays a vital role in the osteogenic differentiation of
BMSCs; therefore, we analyzed the levels of p-ERK1/2. We
found that the p-ERK1/2 expression of the cells subjected
to mechanical stretch with or without EPO was more obvious
than that of the control. The group subjected to mechanical
stretch combined with 20 IU/ml EPO yielded the largest
effect relative to the control, as shown in Figures 6(a) and
6(b). Furthermore, the U0126, an inhibitor of ERK1/2,

inhibited the ALP activity induced by mechanical stretch
combined with 20 IU/ml EPO, as shown in Figure 6(c). These
results demonstrated that mechanical stretch combined
with 20 IU/ml EPO promoted osteogenic differentiation
of BMSCs via activating the ERK1/2 signaling pathway.

4. Discussion

It has been determined that EPO promoted the osteogenic
differentiation of BMSCs [15–17]. Nevertheless, its effects
on the behaviors of BMSCs subjected to mechanical stretch
remain unclear. In this study, it was indicated that EPO pro-
moted the proliferation and osteogenic differentiation of
BMSCs in a dose-response relationship, with an optimal
effect at the dosage of 20 IU/ml. Furthermore, synergistic
effect on the proliferation and osteogenic differentiation of
BMSCs was obtained from 10% mechanical stretch com-
bined with 20 IU/ml EPO.

In this study, the effects of EPO on the proliferation and
osteogenic differentiation of BMSCs were examined with a
range of concentrations from 0 IU/ml to 40 IU/ml. Our find-
ings indicated that EPO simultaneously enhanced the prolif-
eration and osteogenic differentiation of BMSCs, with the
optimal effects at the dosage of 20 IU/ml. It seems that the
effects of EPO depend on not only its concentration but also
the type and quantity of BMSCs, and the duration under the
treatment as well. Dose-dependent effects of EPO were ever
suggested on the osteogenic differentiation of human mesen-
chymal stromal cells with a range of concentrations from
0 IU/ml to 100 IU/ml, and 20 IU/ml EPO was the lowest
effective dose that produced a consistent osteogenic effect
on the cells [14]. Kim et al. demonstrated that 20 IU/ml
EPO could directly induce the differentiation of human mes-
enchymal stromal cells into osteoblasts [23]. Nevertheless, in
another study, the proliferation effect of EPO was most
obvious when the time was 12 hours and the concentration
was 5U/ml [15]. As supposed, with the increase of its con-
centration, EPO would combine with more erythropoietin

G0/G1 S G2/M
0

20

40

60

80

100

Cell cycle

Pe
rc

en
ta

ge
 (%

)

CON
E20

STR
E20+STR

⁎

⁎

⁎

Figure 4: Flow cytometry was used to analyze the distribution of the
cell cycles. There was a significantly high S-G2/M phase population
with percentages of 27 0 ± 0 74 in the experimental cells (strains
combined with 20 IU/ml EPO) compared to the other groups of
cells with percentages of 10 7 ± 0 85, 17 9 ± 0 79, and 20 6 ± 0 68
(3B). ∗p < 0 05 and ∗∗p < 0 001 compared with the control group.
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receptors (EPORs), leading to a gradually increased effect on
the proliferation and osteogenic differentiation of BMSCs.
Nevertheless, the high concentration of 40 IU/ml has delayed
effect on the proliferation and osteogenic differentiation. It
was therefore assumed that there might exist a negative feed-
back mechanism for the regulation of EPO on the prolifera-
tion and osteogenic differentiation when the concentration
of EPO amounts to a certain level. This requires further
investigation.

The effect of mechanical stretch has been extensively
investigated on cell behaviors using various magnitudes.
For example, it was reported that mechanical stretch on the
order of 1%–3% elongation is needed to obtain a cellular
response in vitro [24]. Positive effects were also found using
6% elongation of cyclic mechanical stretch on the osteogenic
differentiation of MSCs [25], 8% elongation of strain on the
proliferation of rat BMSCs [26], 10% elongation of mechan-
ical stretch on the differentiation of BMSCs [14, 27], and 12%
elongation of cyclic stretch on the osteogenesis-related gene
expression of osteoblast-like cells [28]. As such, 10% elonga-
tion of mechanical stretch was chosen in this study in order
to enhance the proliferation and differentiation of BMSCs.

Bone formation following the DO technique is a complex
process that involves a series of BMSC activities, including
proliferation and osteogenic differentiation [29]. According
to the literature, the effect of mechanical stretch on the pro-
liferation of BMSCs is inconsistent. Some studies reported

that appropriate mechanical stretch promotes the prolifera-
tion of BMSCs [25, 27, 30], whereas many others reported
the opposite results [31, 32]. Such discrepancies may be
attributable to different strain parameters selected in these
studies, including type, magnitude, frequency, and duration.
A body of evidence indicates that EPO enhances the prolifer-
ation of BMSCs in vitro [17, 18] and in vivo [19, 20]. In this
study, the mRNA expressions of Ets-1, C-myc, Ccnd1, and
C-fos of BMSCs, subjected to mechanical stretch with
20 IU/ml EPO, were quantified by qPCR. Ets-1 played a vital
role mainly during the first proliferation phase and is also a
critical transcription factor in regulating the expression of
numerous genes involved in bone development [33]. C-myc
is activated by Wnt/β-catenin signaling and then induces
the proliferation of BMSCs [34]. Moreover, Ccnd1 and C-
fos both play important roles in the proliferation of cells,
and the activation of these genes could be used as an index
of cell proliferation [35, 36]. Our results indicated that the
mRNA expression of these genes increased significantly com-
pared to the strain alone, the EPO dosage of 20 IU/ml alone,
or the control. In addition, the results of the CCK-8 assay,
CFA, and cell cycle assay also supported the aforementioned
results. All these results showed that mechanical stretch
incorporated with 20 IU/ml EPO significantly promoted the
proliferation of BMSCs.

In addition to proliferation, our results indicated that
mechanical stretch combined with 20 IU/ml EPO can also
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Figure 5: The ALP staining of the cells subjected to mechanical stretch with or without EPO was more obvious than that of the control (a).
The group subjected to mechanical stretch combined with 20 IU/ml EPO yielded the largest ALP activity relative to the control (b). BMSCs
subjected to mechanical stretch with or without EPO show a change in the mRNA expression levels of ALP, OCN, COL, and Runx2 compared
to the control group. The mRNA expression of ALP in the group of mechanical stretch combined with 20 IU/ml EPO showed the maximum
value, with the expression significantly increased about 5.37-fold compared to that of the control. The mRNA expressions of OCN, COL, and
Runx2 in the group of mechanical stretch combined with 20 IU/ml EPO increased about 5.85-fold, 5.41-fold, and 5.42-fold, respectively,
compared to those of the control (c). ∗p < 0 05 and ∗∗p < 0 001 compared with the control group.
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enhance the osteogenic differentiation of BMSCs. Osteogenic
differentiation of BMSCs is the final and vital step in the pro-
cess of bone formation. As shown, the Runx2 protein has the
ability to bind to and regulate the expression of other genes,
including those for collagen type I, osteocalcin, and osteo-
pontin [37], and it is necessary for membranous bone forma-
tion [38]. Several studies have reported that Runx2 is a
mechanical stretch target gene that increases osteoblastic
activity [39, 40]. Meanwhile, Shiozawa et al. proved that
when BMSCs were treated with EPO, the mRNA expression
of Runx2, the mineral deposition, and the ALP activity were
enhanced [41]. In addition to Runx2, ALP, OCN, and COL I
are also typically used in the identification of osteogenic dif-
ferentiation of cells [30, 42, 43]. Our result is consistent with
those mentioned above; additionally, among the experiment
groups, the group of mechanical stretch combined with
20 IU/ml EPO showed the maximum value.

However, the real mechanism of mechanical stretch com-
bined with EPO affecting the osteogenic differentiation of
BMSCs remains to be discovered. EPO, a hypoxia-regulated
factor, combined with different kinds of cells through EPORs
and elicited a variety of reactions in the cells [44–46]. There
are EPORs in the surface of BMSCs, and the EPO can activate
the ERK1/2 signaling pathway. Previous studies also con-
firmed that mechanical stretch can activate the ERK1/2 sig-
naling pathway [39, 44], and the ERK1/2 signal plays a vital

role in the osteogenic differentiation of BMSCs. One hypoth-
esis is that when BMSCs are subjected to mechanical stretch,
the stretch may induce the cells into a hypoxic state [41, 44];
as a result, cells may have a stronger ability to combine with
EPO. Meanwhile, the application of EPO would activate the
ERK1/2 signaling pathway, the same function of mechanical
stretch on the cells; therefore, stretch and EPO may work
synergistically, activating the ERK1/2 signaling pathway
and finally promoting the osteogenic differentiation of
BMSCs. Additionally, consistent with previous studies
[30, 47], BMSCs in this study were observed to be ori-
ented perpendicularly to the stretch axis after applied
stretch (10% elongation). Cell function and cell fate are
often determined by cell shape. Cells in different native
tissues often show different specific morphologies, such
as spindle tendon cells, dendritic neuronal cells, or flat-
tened osteogenic cells. Cell fate is primarily determined
by its morphology. For example, at the same occupying
area, BMSCs with a sharp pentagon and high aspect ratio
exhibit higher cell contractility, thus leading preferentially
to osteogenic differentiation [48, 49]. Therefore, with an
appropriate parameter of mechanical stretch, the F-actin
filaments in BMSCs would become more arranged and
oriented perpendicular to the axis of mechanical loading
[47], then change cells’ morphology, and finally lead pref-
erentially to osteogenic differentiation.

CON

p-ERK1/2 44 kD
42 kD

44 kD
42 kD

36 kD

t-ERK1/2

GAPDH

E20 STR STR+E20

(a)

CON E20 STR STR+E20
0.0

0.5

1.0

1.5

2.0

Group

Re
la

tiv
e p

ro
te

in
 ex

pr
es

sio
n

p-
ER

K1
/2

/G
A

PD
H

⁎

⁎

⁎⁎

(b)

CON STR+E20 CON STR+E20
0.0

0.2

0.4

0.6

0.8

ALP activity

Group

A
LP

 ac
tiv

ity

⁎

⁎⁎

No inhibition +U0126

(c)

Figure 6: The levels of p-ERK1/2 under mechanical stretch combined with 20 IU/ml EPO. The p-ERK1/2 expression of the cells subjected to
mechanical stretch with or without EPO was more obvious than the control. The group subjected to mechanical stretch combined with
20 IU/ml EPO yielded the largest effect relative to the control (a, b). Furthermore, the U0126, an inhibitor of ERK1/2, inhibited the ALP
activity induced by mechanical stretch combined with 20 IU/ml EPO (c). ∗p < 0 05 and ∗∗p < 0 001 compared with the control group.
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Mechanical stretch on cells in vitro is somehow like the
DO technique in vivo. This work demonstrated that an
appropriate parameter of mechanical stretch (10%, 1Hz,
twice every day, for 4 h for each treatment, 7 days) enhances
the proliferation, migration (data not shown), and differenti-
ation of BMSCs. This combination may provide an effective
therapeutic strategy for posttraumatic complex nonunion
with shortening treatment duration, decreasing complica-
tions and reducing hospital costs. Nevertheless, we should
acknowledge that there are some limitations to this study.
First, the parameter of mechanical stretch used in this study
needs to be optimized, although the positive effect was noted.
Further investigations are needed to understand the best
parameters for the osteogenesis of BMSCs. Second, this study
found that 20 IU/ml EPO yielded the largest effect on
BMSCs, but the concentration of EPO between 20 IU/ml
and 40 IU/ml might yield a larger effect if combined with
higher numbers of EPORs. Third, this study found that
mechanical stretch promoted the osteogenic differentiation
of BMSCs induced by erythropoietin via activating the
ERK1/2 signaling pathway, but the upstream and down-
stream factors involved in the ERK1/2 signaling pathway
remain unclear. Finally, the in vivo experiment is necessary
to further determine the effects of mechanical stretch com-
bined with EPO on bone formation.

5. Conclusion

In summary, our findings suggested that EPO was able to
promote the proliferation and osteogenic differentiation of
BMSCs, and these effects were enhanced when combined
with mechanical stretch. The underlying mechanism may
be related to the activation of the ERK1/2 signaling pathway.
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Human adipose-derived stem cells (ADSCs) can release exosomes; however, their specific functions remain elusive. In this study,
we verified that exosomes derived from osteogenically differentiated ADSCs can promote osteogenic differentiation of ADSCs.
Furthermore, in order to investigate the importance of exosomal microRNAs (miRNAs) in osteogenic differentiation of ADSCs,
we used microarray assays to analyze the expression profiles of exosomal miRNAs derived from undifferentiated as well as
osteogenically differentiated ADSCs; 201 miRNAs were upregulated and 33 miRNAs were downregulated between the two types
of exosomes. Additionally, bioinformatic analyses, which included gene ontology analyses, pathway analysis, and miRNA-
mRNA-network investigations, were performed. The results of these analyses revealed that the differentially expressed exosomal
miRNAs participate in multiple biological processes, such as gene expression, synthesis of biomolecules, cell development,
differentiation, and signal transduction, among others. Moreover, we found that these differentially expressed exosomal miRNAs
connect osteogenic differentiation to processes such as axon guidance, MAPK signaling, and Wnt signaling. To the best of our
knowledge, this is the first study to identify and characterize exosomal miRNAs derived from osteogenically differentiated
ADSCs. This study confirms that alterations in the expression of exosomal miRNAs can promote osteogenic differentiation of
ADSCs, which also provides the foundation for further research on the regulatory functions of exosomal miRNAs in the context
of ADSC osteogenesis.

1. Introduction

Effective reconstruction of craniomaxillofacial bone defects
caused by trauma, tumor resection, or congenital malforma-
tion is a major problem in orthopedic surgery. In most cases,
bones can regenerate and heal themselves [1]. However, this
ability is lost when the area of the bone defect exceeds a crit-
ical size. In clinical practice, autologous and allogenic bone
grafts can be a “gold standard” in bone defect treatment, even
they have certain limitations such as chronic pain, poor
cosmesis, nonunion, and infection [2, 3]. Over the last
decades, mesenchymal stem cells (MSCs) have attracted
extensive attention in the field of bone regeneration [4–7].

MSCs are a population of nonhematopoietic adult stem
cells that have the property of self-renewal and can differen-
tiate into multiple lineages [8–10]. They were initially found
in the bone marrow [11] but can also be found in other tis-

sues, such as adipose, periosteum, muscle, placenta, and tra-
becular bone [12]. Among these, adipose-derived stem cells
(ADSCs) are a type of mesenchymal stem cell isolated from
adipose tissue, which has the advantages of abundant storage
in vivo, easy acquisition, and expansion [13–15]. Recently, a
number of studies have confirmed that ADSCs possess the
ability to differentiate into adipocytes, osteoblasts, and chon-
drocytes [16–18], suggesting that a broader source of stem
cells is available for application in tissue engineering. ADSCs
have already been used in bone regeneration [19, 20].

With the in-depth researches of MSCs, an increasing
number of studies have indicated that the therapeutic effects
of MSCs can be attributed not only to their differentiation
capacity but also to their paracrine action [21]. Most of these
paracrine secretions include soluble factors and exosomes,
which regulate the repair and regeneration processes at sites
of damage by affecting cell proliferation, migration, and
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differentiation [22, 23]. Exosomes are a type of sphere- or
dish-shaped extracellular vesicle whose diameter is between
30 and 150nm. Exosomes are found in abundance in
endosome-derived components, which are considered to
play important roles in intercellular communication due to
their ability to transfer “cargos” [24, 25]. By transporting
“cargos” such as proteins, RNAs, DNAs, and lipids [26], exo-
somes regulate the eventual fate of recipient cells. Recently,
several studies have shown that ADSC-derived exosomes
can exert similar biological effects as ADSCs and enhance
bone regeneration [27, 28].

However, how exosomes function in osteogenic differ-
entiation of ADSCs still needs to be further explored. As
exosome research techniques develop, researchers have dis-
covered that exosomes can induce epigenetic changes and
regulate the fate of receptor cells in the process of promoting
bone tissue repair and regeneration, including promoting
proliferation or inhibiting apoptosis. Proteins and RNAs play
vital roles in such processes [29–31]. MicroRNAs (miRNAs)
are endogenous non-protein-coding RNAs with a length of
approximately 22 nt. They can act as quintessential post-
transcriptional regulators and can regulate the expression
of target genes, mainly through specific binding to the 3′
untranslated regions (UTRs) of target genes [32]. Targeted
binding of miRNAs to mRNAs leads to recruitment of the
targeted mRNAs to the RNA-induced silencing complex
(RISC), which then leads to translation stoppage and degra-
dation of mRNA [32, 33]. Through this process, miRNAs
can inhibit protein expression of targeted mRNAs. In
recent years, an increasing number of studies have demon-
strated that miRNAs play important roles in bone formation
[34, 35]. Additionally, it has been found that exosomes con-
tain miRNAs [36], which can regulate the process of bone
regeneration by targeting multiple genes in recipient cells
[34]. Nevertheless, there is a lack of data regarding the global
expression profiles of miRNAs in exosomes derived from
undifferentiated and osteogenic-differentiated ADSCs.

In this study, we verified that only exosomes derived
from osteogenically differentiated ADSCs can promote oste-
ogenic differentiation of ADSCs. Moreover, we compared the
expression profiles of miRNAs in exosomes derived from
undifferentiated ADSCs with those from osteogenically dif-
ferentiated ADSCs using microarray assays and performed
bioinformatic analyses to further explore the biological func-
tions of these differentially expressed miRNAs, which will lay
the foundation for further study regarding ADSCs’ osteo-
genic regulatory functions of exosomal miRNAs.

2. Material and Methods

The study was approved by the Ethics Committee of the First
Hospital of China Medical University, Shenyang, China.

2.1. Isolation, Culture, and Characterization of ADSCs

2.1.1. Isolation and Culture of ADSCs. Human adipose tissue
was obtained from 6 female patients aged 26 67 ± 5 57 years
undergoing liposuction and without metabolic disease, hepa-
titis, HIV, syphilis, and other systemic diseases, which might

affect the ongoing study at the Department of Plastic Surgery,
in the first hospital of China Medical University.

ADSCs were separated and expanded according to the
methods previously reported [37, 38]. In brief, the obtained
adipose tissue was added into 50mL centrifuge tubes and
washed with sterile phosphate-buffered saline (PBS (Gibco,
USA)), then centrifuged at 1200 ×g for 5min to remove red
blood cells (RBCs). The above procedure was repeated 3–4
times before enzymatic digestion with 0.2% collagenase type
I (Sigma, USA) at 37°C. Dulbecco’s Modified Eagle’s Med-
ium/Nutrient F-12 Ham (DME F12 (HyClone, USA)), con-
taining 10% fetal bovine serum (FBS (Gibco, USA)), was
added to the digested lipoaspirates for 5min in order to neu-
tralize enzyme activity; this was followed by centrifugation at
1200 ×g for 5min. The pellet was resuspended and filtered
through a 100 μm mesh filter to remove cellular debris.
Finally, cells were plated in 75 cm2 culture flasks and incu-
bated in culture medium (DME F12, 10% FBS, 1%
Penicillin-Streptomycin Solution (Gibco, USA)) at 37°C in
5% CO2 with saturated humidity. The culture flasks were
washed thoroughly with PBS to remove RBCs, and the
medium was changed every two days. ADSCs were passaged
until they were 90% confluent; 0.25% trypsin: 0.2% EDTA at
a ratio of 1 : 3 was used to dissociate the cells. ADSCs at pas-
sage three were used for subsequent experiments.

2.1.2. Characterization of ADSCs by Flow Cytometry. Cells
at the third passage (P3) were digested with trypsin to
form a single cell suspension solution, which was incubated
with antibodies, including anti-CD34-PE, anti-CD31-APC,
anti-CD45-PerCP-Cy5-5, anti-CD10-APC-Cy7 (BioLegend,
USA), anti-CD13-PE, and anti-CD49d-PE-Cy7 (BD Biosci-
ences, USA). All antibody incubations were performed at
37°C in the dark for 30min. The cells were analyzed by
flow cytometry (LSR II, BD Biosciences, USA) and Treestar
FlowJo software.

2.1.3. Multilineage Potential Assay of ADSCs. Third passage
ADSCs were used to demonstrate their ability to differentiate
into adipocytes, osteoblasts, and chondrocytes. Briefly, cells
were seeded in a 24-well plate at a density of 5 × 103 cells/cm2

in standard growth medium. According to the manufac-
turer’s instructions, when the cells reached 90–100% conflu-
ence, the basal medium was replaced with complete OriCell™
osteogenic differentiation medium (Cyagen, USA) and
complete MesenCult™ Adipogenic Differentiation Medium
(Stem Cell Technologies, Canada) for aiding osteogenesis
and adipogenesis of ADSCs. The medium was changed every
3 days for 2–4 weeks. Adipogenic and osteogenic differentia-
tions were detected by oil red O (Cyagen, USA) and alizarin
red S (Solarbio, China) staining, respectively.

To verify the chondrogenic differentiation ability of
ADSCs, MesenCult™ Chondrogenic Differentiation Medium
was added based on the manufacturer’s instructions. Briefly,
5 × 105 cells were resuspended in 0.5mL of complete Mesen-
Cult™ Chondrogenic Differentiation Medium and added
into 15mL polypropylene tubes, followed by centrifugation
at 300 ×g for 10min. The caps of the tubes were loosened
prior to incubation at 37°C under 5% CO2 for 3 days. Then,
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0.5mL complete MesenCult™ Chondrogenic Differentiation
Medium was added to a final volume of 1mL, and incubation
was continued at 37°C under 5% CO2 for 3 days. The medium
was changed every three days until day 28. Subsequently, the
cartilage mass was fixed with formalin and embedded in
paraffin. Finally, alcian blue (Solarbio, China) staining was
performed to detect chondrogenic differentiation.

2.2. Extraction and Identification of ADSC-Derived Exosomes.
When the cells reached 80%–90% confluence, we replaced
the standard growth medium with serum-free medium and
collected conditioned medium after incubating for an addi-
tional 24 h. Similarly, the cells in the experimental group
were induced by treating with complete OriCell™ osteogenic
differentiation medium (Cyagen, USA) for 14 days, and the
conditioned medium was collected after 24 h of continuous
culture with serum-free medium instead of the original
medium. Exosomes were harvested by centrifugation and
ultracentrifugation of the conditioned medium containing
undifferentiated ADSCs (Exos_D0) and osteogenically differ-
entiated ADSCs after 14 days (Exos_D14), respectively.

2.2.1. Extraction of ADSC-Derived Exosomes. The condi-
tioned medium was centrifuged at 300 ×g for 10min at 4°C,
and the supernatant was collected. Next, the supernatant
was centrifuged at 2000 ×g for 20min at 4°C, and the result-
ing supernatant was transferred to a new tube and centri-
fuged at 10000 ×g for 30min in a 45TI rotor (Beckman,
USA). Finally, the precipitates containing the exosomes and
contaminating proteins were collected after centrifugation
at 130000 ×g for 70min and were resuspended in 50mL
PBS. The resuspension was recentrifuged under the same
conditions as the previous step to obtain exosomes, which
were resuspended in PBS and sterilized by filtration using a
0.45 μm filter.

2.2.2. Identification of ADSC-Derived Exosomes. The struc-
ture of exosomes was observed by transmission electron
microscopy (TEM, (HITACHI, Japan)). Characteristic sur-
face markers of exosomes such as TSG101, CD9, and cal-
nexin were detected by western blotting, as described in
Section 2.6.

2.2.3. Uptake Assay of ADSC-Derived Exosomes In Vitro. To
identify uptake of exosomes by ADSCs, exosomes were
labeled with Dil (Beyotime Biotechnology, China) at a con-
centration of 10 μM for 15min, according to the manufac-
turer’s instructions. Then, the exosomes were incubated
with ADSCs for 6 h. Nuclei of ADSCs were stained with
Hoechst33258 (Solarbio, China). Exosome uptake was
observed by fluorescence microscopy (OLYMPUS, Japan).

2.3. Osteogenic Differentiation of ADSCs with Exosomes and
Alizarin Red S (ARS) Assay. ADSCs (P3) were seeded in a
6-well plate at a density of 2 × 104 cells/cm2 in standard
growth medium until the cells reached 90% confluence.
Subsequently, the standard growth medium was changed
to complete OriCell™ osteogenic differentiation medium
(Cyagen, USA) with the medium containing Exos_D0 or
Exos_D14, whose concentration was 20 μg/mL, compared

to negative controls without simulation. The medium was
changed every two days until day 21. According to the
manufacturer’s instructions, the cells were washed with
PBS once or twice and fixed for 30min with 2mL of 4%
neutral formaldehyde solution in each well. After the form-
aldehyde solution was aspirated away and wells washed
with PBS twice, 1mL of alizarin red S solution was added
for 5min. The plate was washed with PBS twice, followed
by placement under a light microscope to observe the
stained cells.

2.4. Alkaline Phosphatase (ALP) Activity Assay. The detected
ADSCs were lysed by cell lysis buffer for Western and IP with-
out inhibitors (Beyotime Biotechnology, China). Then, the
supernatant was collected by centrifugation for semiquantita-
tive analyses of ALP using an Alkaline Phosphatase Assay Kit
(Beyotime Biotechnology, China) according to the manufac-
turer’s instructions. As a common chromogenic substrate of
phosphatase activity, paranitrophenol (p-nitrophenol) yields
a yellow product under alkaline conditions. Optical density
(OD) values were determined using a spectrophotometer
(SpectraMax Plus384, Molecular Devices, USA) at 405nm.
Finally, we normalized ALP expression levels to the total cell
protein content to obtain an absorbance index.

2.5. Isolation of Exosomal RNA. Exosomal RNA was isolated
by the SeraMir Exosome RNA Purification kit (System Bio-
sciences, USA), according to the manufacturer’s instructions.
The exosome RNA isolation protocol was mainly divided
into three parts: exosome isolation and lysis, exoRNA purifi-
cation, and exoRNA elution. For the isolation and lysis steps,
culture medium was combined with ExoQuick-TC before
thorough mixing by inversion three times. Then, the mixture
was placed at 4°C for 6 h overnight and centrifuged at 11200
×g for 2min. After that, supernatant was removed and lysis
buffer was added to the exosome pellet. After vortexing for
15 s, the mixture was placed at room temperature (25°C)
for 5min to allow complete lysis. For exoRNA purification,
100% ethanol was added before vortexing for 10 s. After the
assembly of spin column and collection tubes, the mixture
was transferred to spin columns and centrifuged at 11200
×g for 1min. The flow-through was discarded, and the spin
column was placed back into a collection tube. Then, wash
buffer was added before centrifugation at 11200 ×g for
1min, and this step was repeated twice. Lastly, the flow-
through was discarded and the mixture was centrifuged at
11200 ×g for 2min to dry. For elution, the collection tube
was discarded, and the spin column was assembled with a
fresh, RNase-free 1.5mL elution tube. Elution buffer was
added directly to the spin columnmembrane and centrifuged
at 300 ×g for 2min and then 11200 ×g for 1min to elute
exoRNAs. After that, exosome RNA was recovered.

2.6. Quantitative Real-Time PCR (qPCR). Extraction of cellu-
lar total RNAs and synthesis of cDNA were performed using
TRIzol™ Reagent (Invitrogen, USA) and PrimeScript™ RT
Master Mix (TAKARA, Japan), respectively, according to
the manufacturer’s instructions. Quantitative fluorescence
detection was performed using TB Green™ Premix Ex
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Taq™ II (TAKARA, Japan) according to the manufacturer’s
instructions, under the PCR conditions of predenaturation
at 95°C for 30 s, denaturation at 95°C for 5 s, and exten-
sion at 60°C for 30 s, for 40 cycles. The relative expression
was calculated by the 2-ΔΔCT method, and each experiment
was repeated 3 times. Sequences of PCR primers for Runt-
related transcription factor 2 (RUNX2), alkaline phos-
phatase (ALP), glyceraldehyde-3-phosphate dehydrogenase
(GAPDH), differentially expressed miRNAs (miR-130a-3p,
miR-30b-5p, miR-34a-5p, miR-324-5p, miR-378f, and miR-
513b-5p), and U6 are given in Table 1. GAPDH was used
for mRNA normalization. U6 was used for miRNA normali-
zation. We defined significant results according to p value
threshold (<0.05) and FC (fold change) threshold (≥2).

2.7. Western Blotting. Proteins were separated by electropho-
resis on 11% SDS-PAGE gels and transferred to PVDF mem-
branes (Millipore, USA) and stained with Ponceau S staining
solution (Beyotime Biotechnology, China) for 5-10min.
Membranes were then incubated with each primary anti-
body, including anti-ALP, anti-RUNX2, anti-TSG101, anti-
CD9, and anti-calnexin (Abcam, USA, 1 : 1000 dilution) for
16 h, and the respective secondary antibody (Cell Signaling
Technology, USA, 1 : 5000 dilution) after the membrane
was blocked with 5% evaporated skimmed milk. After each
incubation, the membrane was washed three times with
TBST. Target bands were developed using an enhanced
chemiluminescence (ECL) kit (Solarbio, China) according
to the manufacturer’s instructions. To quantify the results
of western blots, we calculated mean Intden (integrated den-
sity) values using ImageJ 1.8.0 software. The relative intensity
was measured by normalization using GAPDH.

2.8. Microarray Assays. Total RNAs of Exos_D0 and Exos_
D14 were extracted from exosomes using TRIzol™ Reagent
(Invitrogen, USA) according to the manufacturer’s instruc-
tions. The quantity and quality of RNA were examined by
NanoDrop 2000 and Agilent Bioanalyzer 2100. Expression
profiles of miRNA were tested by GeneChip 4.0 (Affymetrix,
USA) and verified using three parallel replicates.

2.9. Bioinformatics Analysis. Recognition of differentially
expressed genes was performed using the limma package of

the R program [39] with thresholds of p values < 0.05 and
log2 ∣FC∣ ≥ 1 ∣FC∣≥2 . Differentially expressed genes in two
datasets were selected for further analysis. In order to avoid
biasing of results from different analysis platforms, we use
DAVID Bioinformatics Resources 6.8 (https://david.ncifcrf
.gov/) [40] for pathway analysis and gene ontology (GO)
analyses, in which pathway analyses included Kyoto Ency-
clopedia of Genes and Genomes (KEGG) pathway analysis
and Biocarta pathway analysis. GO analysis included bio-
logical process (BP), cellular component (CC), and molecular
function (MF) categories. For the analysis results, we consid-
ered p values < 0.05 as significant. In addition, we selected
10 miRNAs with the most obvious differential expression
to predict downstream target genes using three online
analysis platforms: TargetScan (http://www.targetscan.org),
microRNA.ORG (http://www.microrna.org/microrna/), and
miRDB (http://mirdb.org/). We regarded the intersection
of the three platforms as the ultimate target genes. In
order to depict pathway and GO analysis results intui-
tively, we constructed enrichment analysis maps using R.
The miRNA-Gene-Network was visually presented through
Cytoscape 3.60.

2.10. Statistical Analysis. In this study, each experiment was
checked by three parallel replicates to ensure the repeatability
of the experiments. Statistical analysis was performed using
SPSS 17.0 software and GraphPad Prism 7.0. For all data, p
values < 0.05 were considered statistically significant.

3. Results

3.1. Identification of Human ADSCs. ADSCs that we used in
this study were obtained by a method involving collagenase
digestion and adherent cell culture. We detected characteris-
tic ADSC surface markers using flow cytometry and obtained
the following results: CD10, CD13, and CD49d expression
was positive, while the expression of CD34, CD31, and
CD45 was negative, as shown in Figure 1(a). Importantly,
ADSCs can differentiate into adipocytes, osteoblasts, and
chondrocytes (Figures 1(b)–1(d)), confirming multilineage
potential, in line with the recognized standard for identifica-
tion of ADSCs [9, 41].

Table 1: List of gene primers.

Gene Forward sequence Reverse sequence

ALP CAACGAGGTCATCTCCGTGATG TACCAGTTGCGGTTCACCGTGT

RUNX2 CCCAGTATGAGAGTAGGTGTCC GGGTAAGACTGGTCATAGGACC

GAPDH GTCTCCTCTGACTTCAACAGCG ACCACCCTGTTGCTGTAGCCAA

U6 CTCGCTTCGGCAGCACA AACGCTTCACGAATTTGCGT

miR-130a-3p GATGCTCTCAGTGCAATGTTA

miR-34a-5p AGCCGCTGGCAGTGTCTTA

miR-30b-5p GCTGCCGTTGTAAACATCCTAC

miR-324-5p CAGCCTAATCGCATCCCCTA

miR-513b-5p GCCGCTTCACAAGGAGGT

miR-378f GCTGGGACTGGACTTGGA
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3.2. Exosomes Derived Only from Osteogenically
Differentiated ADSCs Can Promote
Osteogenic Differentiation

3.2.1. Identification of ADSC-Derived Exosomes. ADSC-
derived exosomes were isolated by centrifugation and ultra-
centrifugation from conditioned medium. As shown in
Figure 2(a), TEM revealed that vesicles with particle sizes
between 30nm and 150nm exhibited spherical morphology,
proving the presence of exosomes. In addition, the western
blot results showed that the exosome-associated proteins

TSG101 and CD9 were expressed while the endoplasmic
reticulum protein calnexin was hardly expressed in exosomes
(Figure 2(b)). The above results demonstrate that we success-
fully extracted ADSC-derived exosomes.

3.2.2. Exosome Uptake by ADSCs. To explore whether ADSCs
can internalize exosomes, we incubated Dil-labeled exosomes
with ADSCs for 6 h. As shown in Figure 3, exosomes labeled
with Dil (red dots) were gradually internalized by ADSCs.
Many exosomes were observed in the cytoplasm of their
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Figure 1: Characterization of ADSCs (P3). (a) The expression of the characteristic surface markers of ADSCs shown by flow cytometry. (b)
Lipid droplets formed after 14 days of adipogenic induction, which is confirmed by oil red O staining. (c) Calcium nodules formed during
osteogenic differentiation, which is identified by ARS after 28 days of osteogenic induction. (d) The chondrocytes stained by alcian blue
after 28 days of chondrogenic induction. Notes: ADSCs: human adipose-derived stem cells; ARS: alizarin red S. Scale bar: 100 μm.
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homotypic cells—ADSCs at only 6 h postincubation by fluo-
rescence microscopy.

3.2.3. Exosomes Derived fromOsteogenically Differentiated and
Undifferentiated ADSCs Promote Osteogenic Differentiation
of ADSCs. To investigate differences in exosome function,
exosomes derived from undifferentiated ADSCs (Exos_D0)
and osteogenically differentiated ADSCs at 14 days (Exos_
D14) were extracted. Exos_D0 and Exos_D14 were used as
stimuli to treat third passage ADSCs without other osteo-
genic interference factors. In order to establish more accurate
results, we set-up 4 comparative groups: a negative control
(NC) group, a positive control (PC) group, an Exos_D0
group, and an Exos_D14 group. ADSCs in the PC group were
induced with osteogenic differentiation medium, while the
NC group remained untreated.

qPCR and ALP activity assays were performed 7 days
after treatment. Compared with NC and Exos_D0, the
expression of osteogenesis-related genes such as ALP and
RUNX2 was significantly increased (FC > 2, p < 0 05) in the
Exos_D14 and PC groups. Interestingly, there were no signif-
icant differences between the NC and Exos_D0 groups, but
the difference between the Exos_D0 and Exos_D14 groups
was obvious (Figure 4(a)). ALP semiquantitative analyses

also showed similar results to those of qPCR. ALP activity
was dramatically higher in the Exos_D14 and PC groups.
In comparisons between NC and Exos_D0, Exos_D0 and
Exos_D14 groups, the results exhibited no significant differ-
ences and notable differences (Figure 4(b)). Additionally,
western blot analysis was corroborated by qPCR results in
that protein expression of ALP, and RUNX2 was remarkably
elevated in the Exos_D14 and PC groups, compared with NC
and Exos_D0, as shown in Figures 4(c) and 4(d).

After 21 days of treatment, alizarin red staining revealed
that there were significantly more calcium nodules formed in
the Exos_D14 and PC groups (Figure 4(e)). These results
confirmed that Exos_D14 rather than Exos_D0 can effec-
tively promote osteogenic differentiation of ADSCs.

3.3. Distinct Levels of miRNA Expression in Exosomes Derived
from Osteogenically Differentiated ADSCs and Undifferentiated
ADSCs. In order to understand the underlying mechanisms
of how exosomes promoted osteogenic differentiation of
ADSCs, the miRNA expression profiles of exosomes derived
from undifferentiated and osteogenically differentiated
ADSCs were analyzed by microarray. We detected a total of
2170 mature miRNAs and 1868 pre-miRNAs expressed in
ADSC-derived exosomes in which hierarchical clustering

200 nm
×15.0k Zoom-1 HC-1 80.0 kV 2018/09/18 13.51
Hitachi TEM system.

1.0 �휇m

(a)

TSG101

Calnexin

CD9

Cells Exos
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Figure 2: Identification of ADSCs-derived exosomes from the conditioned medium. (a) The image of TEM of ADSC-derived exosomes, scale
bar: 200 nm. (b) Western blot analysis of the exosome-associated protein TSG101 and CD9 was expressed while endoplasmic reticulum
proteins calnexin was hardly expressed. Notes: TEM: transmission electron microscopy.
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Figure 3: Internalization of exosomes by ADSCs. ADSCs can ingest a large number of exosomes at only 6 h postincubation. The results
shown in Figure S1 further confirmed that exosomes can be internalized by ADSCs. Exosomes were labeled with Dil (red), and the nuclei
were stained with Hoechst33258 (blue). Scale bar: 100 μm.
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Figure 4: The Potential of exosomes’ ability to promote osteogenic differentiation of ADSCs. (a) qPCR analysis expression of osteogenesis-
related genes (ALP, RUNX2) in NC, Exos_D0, Exos_D14, and PC on 7th day. (b) Semiquantitative analyses of ALP activity on 7th day. (c)
Western blot analyses of the protein expression of ALP and RUNX2 on 14th day. (d) Relative intensity analyses of western blot results of ALP
and RUNX2. (e) ARS staining on 21st day (1 represents NC, 2 represents Exos_D0, 3 represents Exos_D14, and 4 represents PC), scale bar:
100 μm. Notes: ∗represents significant differences between NC and other groups; #represents significant differences between Exos_D14 and
Exos_D0; NS represents no significant differences. ∗p < 0 05; #p < 0 05.
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showed that miRNA expression profiles in the same group
were consistent, while the expression profiles between the
two groups were distinct. As shown in Figure 5(a), the
abscissa represents sample clustering (the first three columns

represent exosomes derived from undifferentiated ADSCs,
and the last three columns represent exosomes derived from
osteogenically differentiated ADSCs) and the ordinate repre-
sents gene clustering. The deeper the red, the more obvious
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Figure 5: The miRNA differential expression profiles in exosomes. (a) The heat map of distinct miRNAs in exosomes derived from
undifferentiated and osteogenically differentiated ADSCs based on microarray. (b) The volcano plot of miRNAs in exosomes derived from
undifferentiated and osteogenically differentiated ADSCs. The red dots represent upregulation, and the green dots represent
downregulation of expression with statistical significance (fold change ≥2, p value < 0.05). Notes: NC: normal control (exosomes derived
from undifferentiated ADSCs); OD: osteogenic differentiation (exosomes derived from osteogenically differentiated ADSCs).
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the upregulation of the gene, and the deeper the green, the
more obvious the downregulation of the gene.

Compared with exosomes derived from undifferentiated
ADSCs, 201 miRNAs were upregulated and 33 miRNAs were
downregulated in exosomes derived from osteogenically dif-
ferentiated ADSCs (FC ≥ 2, p value < 0.05), as represented by
a volcano plot (Figure 5(b)).

3.4. Exosomal miRNAs Affect Osteogenic Differentiation via a
Series of Biological Processes. Exosomal miRNAs can affect
the osteogenic differentiation process through a series of bio-
logical processes in which they first target related genes such
that they can regulate axon guidance, MAPK signaling, and
Wnt signaling and modify gene expression, cell metabolism,
and other biological functions.

3.4.1. Pathway Analysis and Functional Analysis of Exosomal
miRNAs. To determine which signaling pathways were chan-
ged during osteogenic differentiation of ADSCs regulated by
exogenous microRNAs, KEGG pathway analysis and Bio-
carta pathway analysis were performed. The results revealed
that the target genes of the differentially expressed miRNAs
are principally related to processes such as axon guidance
(p value = 1.16E-18), MAPK signaling (p value = 2.31E-16),
Wnt signaling (p value = 1.03E-15), endocytosis (p value =
7.1E-12), regulation of actin cytoskeleton (p value = 1.31E-
11), and the TGF-β signaling pathway (p value = 5.26E-10)
(Figure 6(a)). It suggested that these biologic pathways were
involved in osteogenic differentiation of ADSCs.

To explore the potential biological functions of differ-
entially expressed miRNAs, we performed GO enrichment
analyses, including BP, CC, and MF by DAVID. Accord-
ing to statistically significant GO analysis results (p values
< 0.05), we found that functions such as enzyme binding
(p value = 7.7E-69), cell projection (p value = 1.29E-54),
transcription factor activity (p value = 1.53E-45), regula-
tion of gene expression (p value = 4.52E-74), and cell
metabolism (p value = 5.92E-74) are mainly affected by
differentially expressed miRNAs (Figures 6(b)–6(d)). Inter-
estingly, these functions were closely related to osteogenic
differentiation of ADSCs.

3.4.2. miRNA-mRNA Network Analysis. miRNAs can target
single or multiple genes involved in the same or different
signaling pathways in order to regulate the process of bone
regeneration [30]. To explore the link between differen-
tially expressed miRNAs and associated protein-encoding
mRNAs, we chose 10 miRNAs (miR-130a-3p, miR-30b-5p,
miR-34a-5p, miR-183-5p, miR-212-3p, miR-324-5p, miR-
345-5p, miR-378f, miR-513a-5p, and miR-513b-5p) with
the most obvious differential expression to predict down-
stream target genes using TargetScan, microRNA.ORG,
miRDB, and constructed miRNA-mRNA networks using
Cytoscape. As shown in Figure 7, we discovered that one
miRNA may recognize multiple target mRNAs simulta-
neously, and one gene may also be regulated by multiple
miRNAs. More importantly, a great quantity of miRNAs
was predicted to be involved in a variety of pathways that
promote osteogenic differentiation. For instance, mir-130a-

3p was a miRNA with the highest differential expression
and which was predicted to have a high probability of bind-
ing to SIRT7. Previous research has found that knockdown
of SIRT7 enhances osteogenic differentiation of bonemarrow
mesenchymal stem cells (BMSCs) [42].

3.4.3. qPCR Validation of miRNA Expression. The 6 miR-
NAs (miR-130a-3p, miR-513b-5p, miR-30b-5p, miR-34a-
5p, miR-324-5p, and miR-378f) with the most obvious
differential expression were chosen to validate the results
of microarray analyses using qPCR. In agreement with the
preliminary conclusions obtained by microarray, compared
with exosomes derived from undifferentiated ADSCs, the
expression of 5 miRNAs (miR-130a-3p, miR-30b-5p, miR-
34a-5p, miR-324-5p, and miR-378f) in exosomes derived
from osteogenically differentiated ADSCs was significantly
increased (FC > 2, p < 0 05) while the expression of miR-
513b-5p was decreased (Figure 8). qPCR results confirmed
the validity of differentially expressed miRNAs identified
by microarray, which revealed that these miRNAs have
functions in regulating ADSC osteogenesis.

4. Discussion

A major issue in the field of bone regeneration is inducing
differentiation of stem cells into osteoblasts. In addition to
osteogenic differentiation medium, genetic modification,
and growth factors, MSC-derived exosomes have also drawn
much attention in recent years because of their ability to
induce osteogenic differentiation of stem cells [28, 43, 44].
However, ADSC-derived exosomes have rarely been exam-
ined in the field of bone regeneration. In our current study,
we explored the differences between the effects of exosomes
derived from osteogenically differentiated ADSCs and undif-
ferentiated ADSCs separately on osteogenic differentiation
of ADSCs in vitro. Our results indicated that osteogenically
differentiated ADSC-derived exosomes can promote osteo-
genic differentiation of ADSCs, whereas undifferentiated
ADSC-derived exosomes cannot (Figure 4). This finding
provides evidence that ADSC-derived exosomes can be an
ideal inducing factor with excellent osteogenic efficacy,
safety, and widespread availability in bone regeneration
and clinical applications. Li et al. have proven that the addi-
tion of ADSC-derived exosomes to osteogenic differentiation
medium can promote osteogenic differentiation of bone mar-
row MSCs in vitro [28]. To our knowledge, in the absence of
factors intervening in osteogenic differentiation, for the first
time, we have demonstrated excellent osteogenic activity of
osteogenically differentiated ADSC-derived exosomes. In
addition, we found that it took only 6 h for ADSCs to ingest
a large number of ADSC-derived exosomes (Figure 3), com-
pared to 48h for bone marrow-derived stem cells (BMSCs)
[28]. We speculated that perhaps this may be because
ADSC-derived exosomes are more easily ingested by homo-
typic cells, namely, ADSCs. This suggests that the combina-
tion of ADSC-derived exosomes and ADSCs in bone tissue
engineering can reduce the loss of exosomes, which is due
to a longer uptake time, thus promoting bone regeneration
more efficiently.
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Figure 6: Continued.
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Understanding the precise molecular mechanisms of
osteogenesis is of immense importance for promoting the
osteogenic efficacy and clinical application of stem cells in
bone regeneration. To date, most research has focused on
the study of epigenetic and transcriptional factors involving

stem cells themselves [45–47], whereas few studies have
focused on the effects of exosome “cargo” on the osteogenic
differentiation of stem cells. It has been noted that exosomes
can regulate corresponding biological processes by affecting
related pathways in receptor cells. For example, Yue et al.
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showed that huc-MSC-derived exosomes promote cutaneous
wound healing by influencing Wnt4 signaling [48]. Zhang
et al. demonstrated that exosomes can enhance bone regener-
ation by activating the PI3K/Akt signaling pathway [49].

Interestingly, microRNAs can regulate the expression of
mRNA by binding specifically to the 3′UTR of target genes,
thus affecting the corresponding signaling pathways [32].
Based on previous studies, we have learned that there are
proteins, DNAs, RNAs, lipids, and other biomolecules in
exosomes, among which proteins and RNAs play important
roles [25, 28]. miRNAs, an important class of RNA, are
involved in a series of crucial processes, including cell
growth, cell proliferation, differentiation, apoptosis, and cell
death. Numerous reviews have mentioned that miRNAs play
a critical role in bone biology [50–52]. Moreover, there are no
reports concerning the genome-wide expression and func-
tion of miRNAs in ADSC-derived exosomes. We analyzed
differences in the expression of miRNAs between undifferen-
tiated ADSC-derived exosomes and osteogenically differenti-
ated ADSC-derived exosomes by microarray assays.

Dysregulation of exosome-derived miRNA expression
has been reported in schizophrenia and localized breast can-
cer [53, 54]. These studies suggested that the expression of
miRNAs in exosomes changed significantly under different
conditions. In this study, we detected 2170 mature miRNAs
and 1868 pre-miRNAs in ADSC-derived exosomes. Com-
pared with undifferentiated ADSC-derived exosomes, there
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were 234 significantly differentially expressed miRNAs (201
upregulated and 33 downregulated) in osteogenically differ-
entiated ADSC-derived exosomes. A heat map of distinct
miRNAs in exosomes indicates that miRNAs may play an
important regulatory role in the process of osteogenic differ-
entiation of ADSCs, promoted by exosomes.

miRNAs act through base pairing with complementary
sequences within mRNAs and silence expression of corre-
sponding genes, thus interfering with signaling pathways
[55]. Furthermore, 10 differentially expressed miRNAs
showing a high fold change were selected to predict their tar-
get genes and to perform pathway analysis. We found that
one miRNA can target multiple mRNAs and that one mRNA
can be regulated by one or more miRNAs. This conclusion is
consistent with previous reports [56]. In our study, a majority
of predicted miRNAs involved in signaling pathways were
related to osteogenic differentiation, including the MAPK
signaling pathway, Wnt signaling pathway, and TGF-β sig-
naling pathway, among others (Figure 6(a)). For example,
SIRT7 is predicted to be a highly likely target of miR-130a-
3p, with the highest fold change. We also confirmed that
the expression of miR-130a-3p was significantly increased
in Exo_D14, compared with Exos_D0 (Figure 8). Previous
studies have demonstrated that SIRT7 inhibits osteogenic
differentiation of BMSCs by antagonizing the Wnt signaling
pathway, while mir-130a-3p promotes it [42, 57], which is
consistent with our prediction. It is a fact that theWnt signal-
ing pathway is a highly conserved pathway involved in the
regulation of cell growth, differentiation, survival, and apo-
ptosis and plays a key role in the self-renewal and mainte-
nance of stem cells [58]. To date, many studies have
confirmed the important regulatory role of theWnt signaling
pathway in the process of osteogenic differentiation of stem
cells [59, 60]. Consequently, the mir-130a-3p/SIRT7/Wnt
axis may be a novel molecular mechanism regulating osteo-
genic differentiation of ADSCs. To further clarify the biolog-
ical function of target genes of differentially expressed
microRNAs, GO analyses, including BP, CC, and MF, were
carried out. The results of the GO analyses revealed that the
affected target genes are mainly involved in enzyme binding,
cell projection, transcription factor activity, regulation of
gene expression, and cell metabolism (Figures 6(b)–6(d)). It
is clear that certain differentially expressed miRNAs in exo-
somes are closely related to cellular and molecular responses
in the osteogenic differentiation process of ADSCs.

Our results indicated that exosomal miRNAs may play a
vital role in enhancing bone regeneration. Exosomes can be
ingested more rapidly by homotypic cells, as opposed to
other cells. We believe that the combination of ADSC-
derived exosomes and ADSCs will serve as excellent “induc-
ing factors” and “seed cells” during the creation of tissue
engineered bone—a development that would aid the repair
of clinical bone defects. Moreover, the detailed mechanisms
of how ADSC-derived exosomes enhance osteogenic differ-
entiation of ADSCs require further exploration, but these
comprehensive analytical experiments will build a rich infor-
mation base for understanding the mechanisms underlying
exosome-mediated promotion of osteogenic differentiation
of ADSCs.

We should indicate that there are some limitations to this
study. We only compared exosomes derived from osteogeni-
cally differentiated ADSCs and undifferentiated ADSCs. This
may lead us to lose information regarding the dynamic
changes in exosomal miRNAs throughout the osteogenic dif-
ferentiation process. In addition, the specific molecular
mechanisms involving exosomes remain elusive. Therefore,
these issues should be explored in future studies.

5. Conclusion

In summary, to the best of our knowledge, we demonstrated
for the first time that osteogenically differentiated ADSC-
derived exosomes can promote osteogenic differentiation of
ADSCs. Importantly, we successfully identified miRNAs of
exosomes and performed functional analyses involving core-
gulated networks. These will serve as a new foundation for
basic research in bone regeneration and clinical bone regen-
eration therapy.
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Estrogen is very important to the differentiation of B lymphocytes; B lymphopoiesis induced by OVX was supposedly involved in
osteoporosis. But the effects of B lymphocytes on the osteogenic differentiation of bone mesenchymal stem cells (BMSCs) are not
clear. In this study, we detected bone quality and bone loss in a trabecular bone by electronic universal material testing machine and
microcomputed tomography (micro-CT) in OVX and splenectomized-ovariectomy (SPX-OVX) rats. Additionally, changes in
lymphocytes (B lymphocyte, CD4+ and CD8+ T lymphocytes, and macrophages) in the bone marrow were analyzed by flow
cytometry. The osteogenesis of BMSCs cocultured with normal and LPS-pretreated B lymphocytes was detected by BCIP/NBT
and Alizarin red S staining. Measurement of the Notch2, Notch4, Hey1, Hey2, Hes1, and runt-related transcription factor 2
(Runx2) expression in BMSCs cocultured with B lymphocytes was done using real-time PCR. The effects of dexamethasone and
DAPT (inhibitor of Notch signaling) on osteogenesis of BMSCs were detected by BCIP/NBT, Alizarin red S staining, and real-
time PCR. Osteoporosis happened in OVX rats, more serious in SPX-OVX rats, B lymphocytes increased in OVX rats, and
sharply higher in SPX-OVX rats. Osteoporosis did not happen in SPX rats which is still companied with a high increase of B
lymphocytes. LPS-pretreated B lymphocytes suppressed the osteogenesis of BMSCs, but the normal B lymphocytes could not.
The LPS-pretreated B lymphocytes upregulated the expression of Notch4, Hes1, and Hey2 and downregulated the expression of
Runx2 in BMSCs. Dexamethasone and DAPT could downregulate the high expression of Notch4, Hes1, Hey2 and upregulate
the low expression of Runx2 in BMSCs which cocultured with LPS treated B lymphocytes, the inhibited ALP and Alizarin red
staining in BMSCs which cocultured with LPS treated B lymphocytes also partly restored.

1. Introduction

It has become clear that complex interactions underlie the
relationship between the skeletal and immune systems. This
is particularly true for the development of immune cells in
the bone marrow as well as the functions of bone cells in skel-
etal homeostasis and pathologies. Estrogen deficiency caused
by ovariectomy (OVX) results in a marked bone loss due to

exceeded bone resorption by increased osteoclasts (OC),
which are partly stimulated by the immune system [1].
Increase of T lymphopoiesis by OVX is detected in OVX
mice [2, 3]; expanded T cells stimulate osteoclastogenesis
by more cytokine production such as RANKL, TNFa, and
IFN-gamma in OVX mice, which half of bone loss was atten-
uated by thymectomy [2]. The number of B lymphocytes in
bone marrow increased after OVX, and these activated B
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lymphocytes expressed RANKL contributing to bone resorp-
tion [4, 5]. Changes in B lymphocyte populations in the
blood of postmenopausal osteoporosis patients have been
shown [6]. However, as one of the important lymphocytes
in the immune system, the role of B lymphocytes in bone
mesenchymal stem cells of bone loss induced by estrogen
deficiency remains unknown. These experiments were
designed to investigate the skeleton phenotypes in splenecto-
mized OVX female rats and the effects of B lymphocytes on
OVX-induced bone loss. Meanwhile, we detected the differ-
entiation of BMSCs cocultured with B lymphocytes which
were pretreated with LPS. We also investigated the effects
of dexamethasone in the differentiation of BMSCs which
were cocultured with B lymphocytes and the changes of the
Notch signaling in BMSCs; then, we used the inhibitor of
Notch signaling to investigate the differentiation and the
expression of Notch signaling in BMSCs.

2. Materials and Methods

2.1. Animal Studies. Female Sprague-Dawley rats (Shanghai
Lab Animal Resource Center, STCSM, Shanghai, China)
were bilateral splenectomized (SPX), ovariectomized (OVX),
splenectomized OVX (SPX-OVX), and sham-operated
(Sham), respectively, at 6 months of age under anesthesia.
The animals were treated with benzylpenicillin sodium
(D1110226, NCPC, China) for three days. All rats were
maintained in a virus- and parasite-free barrier facility
and exposed to a 12 h/12 h light/dark cycle and allowed
free access to water and commercial standard rodent chow
(containing: calcium: 1.8%, phosphorus: 0.6-1.2%). Tissues
were collected at 3 months after surgery for densitometry,
histomorphometry, and flow cytometry studies, respec-
tively. This study was approved by the ethical committee
for animal experiments in Fudan University, and all efforts
were made to minimize suffering.

2.2. Histological Analyses of Bone. Bone mineral density
(BMD) of either the femur or the lumbar (L1-5) was deter-
mined by dual-energy X-ray absorptiometry (DXA, Discov-
ery A, Hologic Inc., Bedford, MA, USA) using an animal
model at 3 months after surgery. The biomechanical quality
was evaluated by the three-point bending test (femur) and
compress test (L2), respectively, performed on an electronic
universal material testing machine (INSTRON-5543, USA).
For histomorphometry, the tissues were removed and fixed
in PLP fixative (2% paraformaldehyde containing 0.075M
lysine and 0.01M sodium periodate solution) 2 days at 5°C
and processed histologically. Briefly, the distal end of the
femurs was decalcified in EDTA glycerol solution for 28–30
days at 5°C. After paraffin embedding, 5μm sections were
cut on a rotary microtome. The sections were stained with
H&E, and the changes of bone trabecula were measured with
bone volume over total volume (BV/TV, %).

2.3. Micro-CT Analysis. The tibiae and lumbar (L3) obtained
from rats were dissected free of soft tissue, fixed overnight in
70% ethanol, and analyzed by micro-CT with a SkyScan-
1176 scanner (Bruker microCT, Belgium) [7]. The trabecular

bone region of interest (ROI) was drawn to include all cancel-
lous bone in the whole area of 0.2mm below the growth plate
for trabecular bone mineral density (tBMD) analysis. The
trabecular bone volume fraction (BV/TV), trabecular thick-
ness (Tb.Th), number (Tb.N), and separation (Tb.Sp) were
calculated on a 2mm region of metaphysical spongiosa
0.2mm below the growth plate.

2.4. Flow Cytometry. Bone marrow was collected 3 months
after surgery. B lymphocytes, macrophages, and CD4+ and
CD8+ T lymphocytes were detected by flow cytometry. The
antibodies and protocol were previously described [7, 8].

2.5. Cell Culture and Coculture. BMSCs and B lymphocytes of
the spleen from normal rats were collected according to the
previous protocol [7]: (1) normal BMSCs cocultured for 3
days with different B lymphocytes density (0, 104, 2 × 104,
4 × 104) for 3 days; (2) B lymphocytes treated with LPS
(0, 1, 10, 100 μmol/L) for 3 days, then collected cells and
immediately cocultured with normal BMSCs for 3 days in
the same B lymphocytes density (2 × 104). ALP staining
and Alizarin red staining were performed at 14 and 28 days.

LPS- (10 μmol/L) treated B lymphocytes above were
cocultured with normal BMSCs for 3 days and grouped into
(1) control (BMSCs+without lymphocyte), lymphocyte
(BMSCs+lymphocyte), DXM (BMSCs+dexamethasone
(DXM, 10-8 M)), and DXM+lymphocyte (BMSCs+lympho-
cyte+DXM, 10-8 M); (2) control (BMSCs+without lympho-
cyte), DAPT (BMSCs+DAPT, 5 μM), lymphocyte (BMSCs
+lymphocyte), and lymphocyte+DAPT (BMSCs+lympho-
cyte+DAPT, 5 μM). Some samples were used for real-time
PCR; others were replaced with osteogenic differentiation
medium; ALP staining and Alizarin red staining were per-
formed at 14 and 28 days.

2.6. Quantitative Real-Time PCR. The real-time PCR was
performed according to the previous protocol [7]. Primers
with the following sequences were obtained from SBSgene
(http://www.sbsgene.com) using a previously described pro-
tocol: Runx2, 5′-AGCCTCTTCAGCGCAGTGAC-3′ and
5′-CTGGTGCTCGGATCCCAA-3′ (132bp, AF187319);
Hey1, 5′-AGTGAGCTGGACGAGACCAT-3′ and 5′-CTGG
GTACCAGCCTTCTCAG-3′ (197bp, XM_017590595.1);
Hey2, 5′-GATCTGCCAAGTTGGAAAAGG-3′ and 5′-
TGTTGCCTGGAGCATCTTC-3′ (71bp, NM_130417.1);
Hes1, 5′-CAGAAAGTCATCAAAGCCTATCATG-3′ and
5′-TCAGTGTTTTCAGTTGGCTCAAA-3′ (80 bp, NM_
024360.3); Notch4: 5′-CCTGGACAG CAATGCCAAGA-3′
and 5′-AGTCCAGCCCTCGTTACACACAC-3′ (147bp,
XM_017601710.1); Notch2: 5′-GACTGCCAATACTCGACCT
C-3′ and 5′-TTCAGAAGTGAAGTCTCCAG-3′ (438bp,
NM_024358.1); and GAPDH, 5′-AAACCCATCACCATCT
TCCA-3′ and 5′-GTGGTTCACACCCATCACAA-3′
(198 bp, DQ403053). The cDNA content was normalized
by subtracting the cycle numbers of GAPDH from those
of the target gene (ΔCt = Ct of target gene–Ct of GAPDH),
and gene expression levels were calculated using the 2–(ΔCt)

method [9].
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2.7. Statistical Analysis. Differences were determined by
one-way ANOVA with Bonferroni post hoc testing or
by paired or unpaired Student’s t-test, as appropriate
(GraphPad, Prism 6, version 6.0c). The results were
expressed as the means ± standard derivations, and p < 0 05
was considered significant.

3. Results

3.1. The Bone Mass and Biomechanical Quality Changed in
OVX and SPX-OVX Rats. Uterus weight from OVX and
SPX-OVX rats decreased obviously while the spleen weight
increased 3 months after surgery (Figures 1(a) and 1(b)).
The max loading of the femur, as determined by the three-
point bending test, was slight but not significant. The max
loading of the lumbar as determined by the compress test
was reduced by 13% (p < 0 05) and 15% (p < 0 05) in
OVX and OVX-SPX, respectively, compared with Sham
(Figure 1(c)). BMD of the femur and lumbar, as determined
by dual-energy X-ray absorptiometry (DXA), was decreased
by 6% (p < 0 05) and 19% (p < 0 001), respectively, in OVX
rats compared with Sham but was decreased by 6.5%
(p < 0 01) and by 19.8% (p < 0 001) in OVX-SPX rats com-
pared with Sham (Figure 1(d)). After 3 months of surgery,
the structure of trabecular bone was significantly altered in
the OVX and OVX-SPX compared with Sham. The dimin-
ished trabecular bone volume decreased by 29% (p < 0 001)
and 42% (p < 0 001), respectively, in OVX and OVX-SPX
rats compared with Sham (Figures 1(e) and 1(f)).

3.2. Bone Microarchitecture Is Changed in OVX and SPX-
OVX Rats. We used μCT to delineate a purely trabecular
region of interest that showed changes in bone volume and
microarchitectural structure. Three months after surgery,
trabecula bone mineral density (tBMD) was reduced by
49.3% (p < 0 001) in the OVX tibia and by 58.5%
(p < 0 001) in the SPX-OVX tibia relative to Sham, while
further decreased by 18.1% (p < 0 05) in the SPX-OVX tibia
relative to OVX (Figures 2(a) and 2(b)). The trabecular bone
volume (BV/TV) was reduced by 46.1% (p < 0 01) in the
OVX tibia and by 49.5% (p < 0 01) in the SPX-OVX tibia rel-
ative to Sham (Figure 2(c)). The Tb.Th of the tibia only chan-
ged slightly, and no significant differences were observed
(Figure 2(d)). The Tb.N was reduced by 44.8% (p < 0 01) in
the OVX tibia and by 56.0% (p < 0 01) in the SPX-OVX tibia
relative to Sham (Figure 2(e)). The Tb.Sp increased by 69.5%
(p < 0 01) in the OVX tibia and by 95.6% (p < 0 01) in the
SPX-OVX tibia relative to Sham (Figure 2(f)).

The microarchitecture of the lumbar showed the same
trend with the tibia after surgery. The tBMD was reduced
by 32.5% (p < 0 001) in the OVX lumbar and by 42.3%
(p < 0 001) in the SPX-OVX lumbar relative to Sham, while
further decreased by 14.5% (p < 0 05) in the SPX-OVX lum-
bar relative to OVX (Figures 2(g) and 2(h)). The trabecular
bone volume (BV/TV) was reduced by 15.3% (p < 0 05) in
the OVX lumbar and by 32.9% (p < 0 01) in the SPX-OVX
lumbar relative to Sham, while further decreased by 20.8%
(p < 0 05) in the SPX-OVX lumbar relative to OVX
(Figure 2(i)). The Tb.Th of the lumbar was reduced

by12.2% (p < 0 05) in the OVX lumbar and by 15.9%
(p < 0 05) in the SPX-OVX lumbar relative to Sham
(Figure 2(j)). The Tb.N was reduced by 20.1% (p < 0 05) in
the OVX lumbar and by 24.2% (p < 0 05) in the SPX-OVX
lumbar relative to Sham (Figure 2(k)). The Tb.Sp increased
by 21.8% (p < 0 05) in the OVX lumbar and by 49.6%
(p < 0 01) in the SPX-OVX lumbar relative to Sham
(Figure 2(l)).

3.3. Numbers of Lymphocytes in Bone Marrow Were Altered
in OVX and SPX-OVX Rats. The numbers of lymphocytes
in bone marrow changed significantly in OVX and SPX-
OVX rats. The B lymphocyte (CD3-CD45RA+) in bone mar-
row increased by 158.6% (p < 0 001) in OVX, by 210.3%
(p < 0 001) in SPX rats, and by 224.1% (p < 0 001) in SPX-
OVX rats (Figures 3(a) and 3(e)). The CD4+ T lymphocytes
(CD3-CD4+) decreased by 40% (p < 0 05) in OVX and by
35% (p < 0 05) in OVX-SPX (Figures 3(b) and 3(f)). The
CD8+ T lymphocytes (CD3-CD8+) decreased by 18.9%
(p < 0 05) in OVX and by 37.8% (p < 0 05) in OVX-SPX
(Figures 3(c) and 3(g)), while macrophages decreased by
41.7% (p < 0 05) in OVX and by 38.9% (p < 0 05) in OVX-
SPX (Figures 3(d) and 3(h)).

3.4. Effect of B Lymphocytes on the Differentiation of BMSCs
into Osteoblasts In Vitro. After being cocultured with normal
B lymphocytes, the potential differentiation of BMSCs into
osteoblasts did not change obviously (Figure 4(a)). While
being cocultured with LPS-pretreated B lymphocytes, the dif-
ferentiation of BMSCs into osteoblasts decreased. ALP stain-
ing showed markedly decreased ALP-positive osteoblasts in
cocultures with B lymphocytes from LPS (10, 100) relative
to LPS0, and Alizarin red staining showed the same trend
(Figure 4(b)).

3.5. Effect of DXM on the Differentiation of Cocultured
BMSCs into Osteoblasts In Vitro. The potential of BMSCs to
differentiate into osteoblasts showed no obvious changes in
the control and the DXM group. After being cocultured with
LPS-pretreated B lymphocytes, the potential of BMSCs to
differentiate into osteoblasts clearly decreased, and this
would be partly recovered when DXM was used in cocul-
ture medium. ALP staining showed markedly decreased
ALP-positive osteoblasts in cocultured with LPS-pretreated
B lymphocytes relative to control, but the potential of BMSCs
to differentiate into osteoblasts clearly was partly recovered if
DXM was used in the coculture medium, and Alizarin red
staining showed the same trend (Figure 4(c)). The RNA
expression of Runx2 decreased significantly in BMSCs after
being cocultured with LPS-pretreated B lymphocytes,
showing a 51.7% (p < 0 01) reduction relative to control
and increased by 48.9% (p < 0 05) when DXM was used
in coculture medium compared to the lymphocyte group
(Figure 4(d)). The RNA expression of Hey1, Hey2, Hes1,
Notch2, and Notch4 increased in BMSCs after being
cocultured with lymphocyte, showing 106.4% (p < 0 05),
1299.2% (p < 0 001), 391.7% (p < 0 001), 67.2%(p < 0 05),
and 411.1% (p < 0 001) relative to control, and all decreased
when DXM was used, showing a 23.5% (p < 0 05), 76.5%
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(p < 0 01), 69.7% (p < 0 01), 36.8% (p < 0 05), and 69.3%
(p < 0 01) reduction compared to the lymphocyte group
(Figure 4(d)). The RNA expression showed no obvious
changes between control and DXM.

3.6. Effect of Notch Inhibitor (DAPT) on the Differentiation
of Cocultured BMSCs into Osteoblasts In Vitro. The potential
of BMSCs to differentiate into osteoblasts increased in the
DAPT group and decreased in the lymphocyte group. The
potential of BMSCs to differentiate into osteoblasts would
be partly recovered when DAPT was used in the lymphocyte
group. ALP staining showed markedly decreased ALP-
positive osteoblasts in cocultures with pretreated B lympho-
cytes and increased ALP-positive osteoblasts in the DAPT
group relative to control. The potential of BMSCs to differ-
entiate into osteoblasts clearly was partly recovered if DAPT
was used in the coculture medium, and Alizarin red staining
showed the same trend (Figure 5(a)). Runx2 still decreased
in BMSCs after being cocultured with B lymphocyte and

by 51.7% (p < 0 01) in the lymphocyte group compared to
control. The Runx2 expression sharply increased by
285.8% (p < 0 01) in the lymphocyte+DAPT group com-
pared to the lymphocyte group (Figure 5(b)). The RNA
expression of Hey1, Hey2, Hes1, Notch2, and Notch4
increased in BMSCs after being cocultured with B lympho-
cyte, and the Hes1, Hey2, and Notch4 expression decreased
when DAPT was used, showing a 83.1% (p < 0 01), 83.5%
(p < 0 001), and 78.3% (p < 0 01) reduction compared to
the lymphocyte group (Figure 5(b)). The RNA expression
of Runx2 increased by 62.3% (p < 0 05) in DAPT relative
to control, while the expression of Hes1 and Hey2 decreased
by 52.8% (p < 0 05) and 46.9% (p < 0 05) in DAPT relative to
control (Figure 5(b)).

4. Discussion

In our study, the osteoporotic phenotypes in OVX rats
showed the marked decrease of bone mineral density in the
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Figure 1: Effects on bone in OVX and SPX-OVX rats. (a) Uterus weight. (b) Spleen weight. (c) Max loading of the lumbar reduced in SPX and
SPX-OVX. (d) BMD of the femur and lumbar decreased in SPX and SPX-OVX. (e) The HE staining showed decreased bone trabecula of the
femur. (f) Bone volume of the femur decreased in SPX and SPX-OVX. Data are presented as the means ± standard deviations; ∗p < 0 05,
∗∗p < 0 01, and ∗∗∗p < 0 001 (n = 10/group).

5Stem Cells International



Sham SPX OVX SPX-OVX

(a)

0

0.1

0.2
tBMD (g/cm3)

#

Sham SPX OVX SPX-OVX

⁎⁎⁎

⁎⁎⁎

(b)

0

30

60
BV/TV(%)

⁎⁎

⁎⁎

Sham SPX OVX SPX-OVX

(c)

0

0.1

0.2 Tb.Th (mm)

Sham SPX OVX SPX-OVX

(d)

0

3

6
Tb.N (1/mm)

#

⁎⁎

⁎⁎

Sham SPX OVX SPX-OVX

(e)

Figure 2: Continued.

6 Stem Cells International



0

0.3

0.6
Tb.Sp (mm)

⁎⁎

⁎⁎

Sham SPX OVX SPX-OVX

(f)

Sham SPX OVX SPX-OVX

(g)

tBMD (g/cm3)

0.2

0.1

0

0.3

#

⁎⁎⁎

⁎⁎⁎

Sham SPX OVX SPX-OVX

(h)

0

25

50

75

100 BV/TV (%)

#

⁎⁎

⁎

Sham SPX OVX SPX-OVX

(i)

Figure 2: Continued.

7Stem Cells International



femur, tibia, and lumbar and the significant decrease of the
trabecular bone volume, which were worse after spleen
removal. All that were not in our expectation of bone loss
would be attenuated by splenectomy as like thymectomy. In
the research, we found obvious myeloproliferation after sur-
geries; the medullary cavity of bones was full of lymphocytes.
We know that estrogens are potent regulators of B lympho-
poiesis at a very early stage [10]; estrogen deficiency may
delay the differentiation of B lymphocytes and make them

stay at a very early stage. Some studies also show in mice
the absolute number of B lymphocyte (defined by the expres-
sion of the antigen CD45R/B200) in bone marrow roughly
doubles after ovariectomy [4]. In our experiments, we
detected the obvious changes in lymphocytes in OVX and
SPX-OVX rats, especially in the sharply increased B lympho-
cytes. The question then arises: why so many B lymphocytes
in bone marrow by OVX, even much more by SPX-OVX.
Lymphocytes could increase osteoclasts and decrease
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Figure 2: Effects on trabecular of the tibia and lumbar of OVX and SPX-OVX rats. (a, g) Representative reconstructed images of μCT scans
showing trabecular in the tibia and lumbar. (b) tBMD changed in the tibia. Differences in (c) BV/TV, (d) Tb.Th, (e) Tb.N, and (f) Tb.Sp in the
tibia. (h) tBMD changed in the lumbar. Differences in (i) BV/TV, (j) Tb.Th, (k) Tb.N, and (l) Tb.Sp in the lumbar. Data are presented as the
means ± standard deviations; ∗compared with Sham, ∗p < 0 05, ∗∗p < 0 01, and ∗∗∗p < 0 001; #compared with OVX, #p < 0 05 (n = 10/group).
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osteoblasts by producing proinflammatory cytokines in path-
ological osteoporosis [11–13]. Many researches have illus-
trated that normal and activated B lymphocytes play
different roles in the bone [7, 14]. Normal B lymphocytes
could produce osteoprotegerin to increase osteoblastogene-
sis, and the mice would have osteoporotic phenotype if nor-
mal B lymphocytes were knockout [15]. In contrast, the
activated B lymphocytes suppressed bone turnover and
osteoblastogenesis [7, 16–21]. However, there were few

researches on the effects of B lymphocyte on the osteoblasto-
genesis of BMSCs. Only two studies showed that abnormal
lymphocytes inhibited the differentiation of BMSCs into
osteoblasts [7, 22]. In our study, we found that LPS-
pretreated B lymphocytes inhibited the osteoblastogenesis
of BMSCs by coculture, but the normal B lymphocytes did
not. It means that only the activated B lymphocytes could
induce bone loss, which may be the reason why osteoporosis
happened in OVX rats, not in SPX rats, but even much more
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Figure 3: Lymphocytes and macrophages from bone marrow in OVX and SPX-OVX detected by flow cytometry. (a) Flow cytometry of B
lymphocytes; (e) B lymphocyte numbers increased in SPX, OVX, and SPX-OVX. (b) Flow cytometry of CD4+ T lymphocytes; (f) CD4+ T
lymphocyte numbers decreased in OVX and SPX-OVX. (c) Flow cytometry of CD8+ T lymphocytes; (g) CD8+ T lymphocyte numbers
decreased in OVX and SPX-OVX. (d) Flow cytometry of macrophages; (h) macrophage numbers decreased in OVX and SPX-OVX. Data
are presented as the means ± standard deviations; ∗p < 0 05 and ∗∗∗p < 0 001 (n = 6/group).
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worse in SPX-OVX rats. Our research showed the activated B
lymphocytes will disrupt the bone homeostasis by suppress-
ing the osteoblastogenesis of BMSCs. According to the
important relation of bone loss and activated B lymphocytes,

it should be given special attention to the therapy of osteopo-
rosis companied with increasing abnormal B lymphocytes.

Dexamethasone, a steroidal anti-inflammatory drug
which suppresses lymphocytes, was reported to increase
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Figure 4: The osteoblastogenesis of BMSCs cocultured with normal B lymphocytes and LPS-pretreated B lymphocytes. (a) ALP and Alizarin
red staining of BMSCs cocultured with normal B lymphocytes. (b) ALP and Alizarin red staining of BMSCs cocultured with LPS-pretreated B
lymphocytes. (c) ALP and Alizarin red staining of BMSCs cocultured with LPS-pretreated B lymphocytes and dexamethasone. Alizarin red
staining: calcified matrix in red and mineralization nodules in the dark. (d) mRNA expression of Hey1, Hey2, Notch2, Notch4, Hes1, and
Runx2 in BMSCs. Data are presented as the means ± standard deviations; ∗p < 0 05, ∗∗p < 0 01, and ∗∗∗p < 0 001 (n = 6/group).
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trabecular bone tissue in OVX mice, but nonsteroidal anti-
inflammatory drugs which does not suppress lymphocytes
did not [7, 23], and the mechanism was not clear. In our
study, ALP staining-positive cells increased in the DXM+
lymphocyte group relative to the lymphocyte group; a similar
trend occurred in Alizarin red staining. It means the potency
of differentiation of BMSCs into osteoblasts recovered when
activated B lymphocytes were suppressed by dexamethasone.
The Notch signaling pathway is conserved and regulates the
development of any cells or organisms, of course, which is
also deeply involved in the development of B lymphocytes
and bone [24, 25]. Recent studies showed that Notch signal-
ing enhanced B lymphocyte differentiation, proliferation,
and T-dependent immune response [26]. Researches about
bone showed that activation of Notch signaling arrested
pluripotent precursors to the osteoblastic lineage, but inacti-
vation of Csl/Rbpjκ restores normal osteoblastic differentia-
tion [24, 27, 28]. Studies from different fields seem to
demonstrate that the activated Notch signaling would play
entirely different roles on different cell developments. As we
all know, the Hes family and the Hey family are target genes
of notch intracellular domain in the nucleus. Overexpression
of Hes1 causes osteopenia in female mice, and inactivation of
Hes1 in osteoblasts increases trabecular bone volume in
male mice [29]. Taken together, these researches highlight

that activated Notch signaling is essential in regulating B
lymphocyte survival, activation, proliferation, and differenti-
ation. Meanwhile, the osteoblastogenesis of BMSCs will be
suppressed when Notch signaling is activated. Notch signal-
ing play an unexpected role in the balance of homeostasis
between the development of B lymphocytes and osteoblasts
differentiated from BMSCs. In our study, we found that the
mRNA expression of Notch2, Notch4, Hes1, Hey1, and
Hey2 increased in BMSCs cocultured with pretreated B lym-
phocytes, especially Notch4, Hes1, and Hey2, while the high
expression will turn down when dexamethasone was used in
the coculture system. This study showed that activated B
lymphocytes would activate Notch signaling in BMSCs, while
dexamethasone can weaken this effect by suppressing the
activated B lymphocytes. As we all know, the transactivation
of Runx2 is necessary for osteoblast differentiation of
BMSCs, and it is also a target gene of notch intracellular
domain [27]. So we also detected that the expression of
Runx2 decreased in BMSCs cocultured with activated B
lymphocytes, and this effect would partly restore when
dexamethasone was used. Meanwhile, DAPT (an inhibitor
of Notch signaling) was used in the coculture system; the
suppression of osteoblastogenesis of BMSCs was also
restored by inhibiting the activated Notch signaling of
BMSCs. The expression of Notch4, Hes1, and Hey2 was
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Figure 5: The osteoblastogenesis of BMSCs cocultured with LPS-pretreated B lymphocytes and DAPT. (a) ALP and Alizarin red staining of
BMSCs cocultured with LPS-pretreated B lymphocytes and DAPT. Alizarin red staining: calcified matrix in red and mineralization nodules in
the dark. (b) mRNA expression of Hey1, Hey2, Notch2, Notch4, Hes1, and Runx2 in BMSCs cocultured with LPS-pretreated B lymphocytes
and DAPT. Data are presented as the means ± standard deviations; ∗p < 0 05, ∗∗p < 0 01, and ∗∗∗p < 0 001 (n = 6/group).
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sharply decreased, and the expression of Runx2 increased
when DAPT was used in the coculture system.

5. Conclusions

This study revealed a role of B lymphocytes in the
osteoblastogenesis of BMSCs in ovariectomized and
splenectomized-ovariectomy rats. The much more serious
osteoporosis accompanied with increasing B lymphocytes
in bone marrow by splenectomy which was opposite to the
outcomes of thymectomy and which suggested the balance
of the immune system, especially among immune organs,
contributes to the maintenance of skeletal homeostasis in
estrogen deficiency. Meanwhile, Notch signaling is activated
in BMSCs when cocultured with LPS-pretreated B lympho-
cytes. The expression of Notch2, Notch4, Hes1, Hey1, and
Hey2 increased in cocultured BMSCs and decreased when
dexamethasone (suppress the lymphocytes) or DAPT
(inhibitor of Notch signaling) was in the coculture system.
It means that the activated B lymphocytes would suppress
the osteoblastogenesis of BMSCs by activating the Notch
signaling, and the osteoblastogenesis of BMSCs would
partly restore when B lymphocytes were suppressed or
Notch signaling was inactivated. It should be taken into
attention that inhibitors of Notch signaling may play a
promising role in osteoporosis accompanied with abnormal
B lymphocyte differentiation.
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Introduction. Amyotrophic lateral sclerosis (ALS) is a fatal, neurodegenerative disease, leading to loss of muscle strength and motor
control. Impaired speech and swallowing lower the quality of life and consequently may induce acute respiratory failure. Bone
marrow-derived stem and progenitor cells (SPCs) may be a valuable source of trophic factors. In this study, we assessed whether
adjuvant cellular therapy could affect the levels of selected neurotrophins and proinflammatory factors in the cerebrospinal fluid
(CSF) and subsequently prevent the deterioration of articulation. Materials and Methods. The study group consisted of 32
patients with sporadic ALS who underwent autologous lineage-negative (Lin−) stem cell intrathecal administration to the spinal
canal. Lin− cells were aspirated from the bone marrow and isolated using immunomagnetic beads and a lineage cell depletion
kit. Patients were examined for articulatory functions by means of the Voice Handicap Index (VHI) questionnaire and Frenchay
Dysarthria Assessment (FDA). In parallel, we carried out the analysis of selected trophic and proinflammatory factors in CSF
utilizing multiplex fluorescent bead-based immunoassays. Results. Of the 32 patients who received the Lin− progenitor cell
therapy, 6 (group I) showed improvement in articulatory functions, 23 remained stable (group II), and 3 deteriorated (group III)
on the 28th day. The improvement was particularly noticeable in a better cough reflex, laryngeal time, and dribble reflex. A
statistically significant lower level of brain-derived neurotrophic factor (BDNF) was observed on day 0 in group I compared to
group II. The CSF concentrations of C-reactive protein (CRP) in group I significantly decreased 7 days after Lin− SPC
transplantation. On the contrary, a significant increase in the tumor necrosis factor receptor (TNF-R) level was confirmed
among patients from group I with improvement of dribble and coughing reflex, tongue movements, and respiration on the 7th

day, as well as on day 28 including dribble reflex solely. Conclusions. An application of Lin− stem cells could potentate the
beneficial humoral effect. The prevention of deterioration of articulatory functions in ALS patients after applying adjuvant Lin−

stem cell therapy seems to be promising. Although the procedure is safe and feasible, it requires further in-depth studies.

1. Introduction

Amyotrophic lateral sclerosis is a neurodegenerative disease
which causes progressive muscle weakness and loss of motor
control [1]. Speech deterioration occurs as a prodromal
symptom in about 25-30% of ALS sufferers, who display

lower speech volume, imprecise articulation, or difficulties
in raising the voice, screaming, or singing. Repetitive
movements of the lips, tongue, and pharynx become slower
due to a decline in the range of motion within those organs
[2]. The time between the occurrence of the first signs of
speech deterioration and a definitive diagnosis of ALS varies
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between 33 and 60 months [3]. Speech impairments in ALS
manifest themselves in the form of flaccid, spastic, or mixed
flaccid-spastic dysarthria [4]. Dysarthric disorders in ALS
affect articulation, phonation, breathing, prosody, and reso-
nance [5, 6]. Bulbar dysarthria is characterized by the most
rapid progressive changes which first affect the tongue
muscles and the orbicularis oris to subsequently impair the
musculature of the soft palate, mandible, and pharynx. The
facial and laryngeal muscles become dysfunctional last
[7, 8]. Spastic and mixed flaccid-spastic dysarthria in ALS
manifest themselves in distorted articulation, disturbed pros-
ody, spastic dysphonia, and decreased respiratory capacity
while speaking [9]. Other symptoms include monopitch
voice, short phrases, distorted vowels, monoloudness, and
“breathy” voice quality [10].

There is no effective treatment for dysarthria in ALS.
Some symptomatic and compensatory therapies used today
bring only temporary improvement in communication and
raise quality of life in ALS patients [11–13]. Pharmacological
treatment is limited with only class IV evidence. Sometimes
patients with spastic dysarthria are temporarily helped by
sucking ice, having it placed over the larynx, or taking anti-
spastic drugs such as baclofen [14]. Botulinum toxin type A
has been reported as effective in spastic dysarthria [15] and
spasmodic dysphonia [16, 17]. Pyridostigmine may bring a
temporary effect in some patients [18]. Another method of
therapy is a palatal lift. The procedure may temporarily
improve resonance by raising the weak soft palate to the level
of normal palatal elevation and thus reduce hypernasality
and hypophonia [19, 20]. A palatal augmentation prosthesis
may also temporarily enhance articulation by lowering the
palate, which improves the production of the lingual conso-
nant sounds [20, 21]. There is no solid evidence as to how
effective these prostheses are or how long they remain
effective [22, 23].

The autologous bone marrow stem cell application might
prove an effective alternative to classic ALS treatments. Stem
cells seem to be a reasonable and promising option, all the
more so since the intrathecal administration of neurotrophic
factors alone failed to bring expected results in clinical trials
[24] mainly due to their low bioavailability and very short
half-life in the spinal canal. The administration of autologous
stem/progenitor cells (SPCs) to individuals with neurodegen-
erative diseases is expected to result in trophic support for the
host’s neurons; slowdown in the progression of the disease,
stimulating the secretion of deficient neurotransmitters; and
differentiation into oligodendrocyte progenitor cells or
neurons [25]. Since the 1960s, when the first neurotrophic
factors were discovered and defined, there has been a steady
increase in the research dedicated to neurotrophic protective
factors, with a particular focus on “classical” brain-derived
neurotrophins (NTs): nerve growth factor-beta (NGF-β),
brain-derived neurotrophic factor (BDNF), and neurotrophin-
3 (NT-3) [26, 27].

Apart from having a crucial neuroprotective effect, BDNF
was also found to play an important role in neuronal survival
and growth. It also serves as a neurotransmitter modulator
[28, 29]. As most NTs present in body fluids have a very short
half-life, any attempted treatments with recombined factors

would be costly and the effects short-lived. Repeated cell
injections performed at short intervals or administration of
genetically modified stem cells would ensure prolonged and
steady secretion of the desired soluble neurotrophic agents
and create an appropriate microenvironment for the neuror-
egenerative processes [30]. First reports regarding the effects
of such a pathophysiological compilation following the deliv-
ery of BDNF from genetically modified mesenchymal stem
cells with overexpressed NTs are promising [31]. It has been
recently shown that neuroinflammation mediated by glial
cells and systemic immune activation may be a key factor
contributing to the progression of ALS through mechanisms
that can be either neuroprotective or neurodegenerating,
depending on the type of cells and the motor neuron com-
partment involved [32, 33]. It has also been declared that
ALS patients present signs of systemic inflammation,
reflected in increased levels of CRP, tumor necrosis factor-
alpha (TNF-α), interleukins (IL-6, IL-8), interferon-beta
(IFN-β), and complement components such as C3 and C4
[34–36]. In ALS patients, CRP could be produced not only
by the liver but also locally in the brain [37]. Moreover, the
CRP level correlates with neurologic functional impairment
and survival [38]. A meta-analysis by Hu et al. [39] provided
a systematic review of 25 publications regarding blood
inflammatory cytokines in ALS patients vs. control subjects.
Results showed that the levels of TNF-α, TNF receptor 1,
IL-6, IL-1β, IL-8, and vascular endothelial growth factor
(VEGF) were significantly higher in ALS patients compared
to controls, suggesting that these peripheral inflammatory
cytokines might be biomarkers for ALS.

Lineage-negative cells are a very rare population of cells
compared to mononuclear cells (MNCs) or mesenchymal
stem cells. However, they are highly enriched by immature
SPCs, including CD34+ cells, CD133+ cells, and expressing
markers involved in migration, adhesion, and homing to
the bone marrow and sites of tissue injury [27]. We have
previously shown that umbilical cord blood- (UCB-) derived
Lin− cells strongly and specifically express classical NTs like
BDNF, NGF, NT-3, NT-4, and the novel neurotrophic
cytokines, as well as VEGF [27]. NT expression in the Lin−

population was much higher than in unsorted nucleated cells
(NCs) [27]. We have also shown that these secreted factors
support neuronal proliferation and in vitro survival in a
conditioned medium from Lin− SPCs [27]. The influence of
intrathecal administration of Lin− cells on trophic factors
and proinflammatory factors in patients with ALS has been
the subject of our previous published study [26].

In this consecutive study, we aimed to investigate
whether intrathecal administration of autologous bone
marrow-derived Lin− cells can lead to the prevention of dete-
rioration of articulatory functions. Additionally, we used
functional scales (Norris and ALS Functional Rating Scale)
to assess the overall neurological condition of ALS patients
and confront it with the objective evaluation of articulation.
Because growth factors play a pivotal role in the regeneration
and SPCs can release a number of growth factors, we hypoth-
esized that adjuvant stem cell-based therapy could also bring
specific changes in various neurotrophins and proinflamma-
tory factors profiles in the CSF of ALS patients.
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2. Material and Methods

2.1. Subjects. The study was designed as a prospective,
open-label, nonrandomized clinical trial in a single center
for subjects with ALS. The trial (international number:
NCT02193893) was approved by the Ethics Committee
of the Pomeranian Medical University in Szczecin and
conducted in accordance with the Declaration of Helsinki
[26]. Prior written informed consent was obtained from
all of the subjects. Patients enrolled in the study met the
following criteria:

(a) Under 65 years of age

(b) The diagnosis of a probable or certain sporadic ALS
form based on the El Escorial Revised Criteria

(c) Ability to express informed consent

(d) Observation of the course of riluzole-controlled
disease for 3 months preceding the use of cell
therapy

(e) Mild to moderate disability documented by satisfac-
tory bulbar and spinal motor functions (minimum
score 3 on the ALS-FRSr scale for swallowing and
2 points for food preparation and walking)

(f) Forced vital capacity (FVC) result greater than or
equal to 50%

(g) Without cancer, signs of inflammation, diabetes,
cardiovascular disease, chronic kidney, and liver
disease, in euthyreosis, not receiving drugs that could
affect stem cell activity

The study enrolled 32 patients—sixteen females and
sixteen males—aged between 27 and 65 years (mean:
53 8 ± 8 17) with sporadic ALS [26] according to the El
Escorial Revised Criteria [40]. The patients with predicted
survival time of over 12 months established on the basis of
the general and neurological condition were administered
Lin− SPCs during their stay in the Department of Neurology
of the Pomeranian Medical University in Szczecin.

The outcome measures were as follows:

(a) Primary outcome measures: safety of autologous
bone marrow Lin− stem/progenitor cell infusion in
enrolled patients

(b) Secondary outcome measures: efficacy of autologous
bone marrow Lin− stem/progenitor cell infusion in
enrolled patients

A 3-month period following the enrollment was dedi-
cated to natural history observation, during which controlled
administration of riluzole was continued. Patients over 65
were excluded from the study, as it had been previously dem-
onstrated that cell growth of expanded in vitro stem cells is
strictly related to the donor’s age [41]. Patients with evidence
of any concurrent illness or receiving any medications
(including potentially other previously applied stem cell-

based therapies) which might affect bone marrow were
also excluded.

2.1.1. Speech Test: VHI Questionnaire. International research
projects have demonstrated that the Voice Handicap Index
(VHI) questionnaire is a reliable tool for the subjective
evaluation of voice in ALS patients and that the scores it
provides are consistent. The 30-item VHI questionnaire
comprising 3 subscales of 10 items each—the physical (P)
items, functional (F) items, and emotional (E) items—is a
recommended method of subjective assessment of the
severity of speech disorders by ALS patients themselves.
Cronbach’s alpha for the entire cohort was 0.95, indicating
high internal consistency of the 30 items. The VHI is a
reliable and valid tool that can be recommended for ALS.
The questionnaire is widely used throughout the world in a
number of language versions including Persian, Croatian,
Italian, Brazil, Latvian, Greek, and Polish [42–47]. The sub-
jects underwent the assessment on days 0, 7, and 28 following
the Lin− cell administration.

2.1.2. Speech Test: FDA. One of the most important objective
tests for evaluating articulation organs is the Frenchay Dysar-
thria Assessment (FDA). The FDA is a standardized test
which relies on a 9-point rating scale applied to a patient. It
provides information based on the observation of oral struc-
tures, functions, and speech. The test evaluates the following
functions: reflexes, respiration, tongue, lips, the soft palate,
laryngeal, and intelligibility. A 5-point rating scale (a–e) is
used for the assessment, where letter “a” represents norm,
“b” mild severity, “c” moderate, “d” considerable severity,
and “e” profound severity. FDA is also used to assess the
severity of the articulatory organ disorders and to monitor
the effects of treatment [48]. The test was conducted by
a clinical speech therapist with 12 years’ experience of
treating neurological conditions, predominantly Parkin-
son’s disease. The second edition of FDA utilizes the latest
findings concerning motor speech disorders and their con-
tribution to neurological diagnosis. It has good feasibility
(missing data < 5%), a high reliability of the total score
(0.94), an excellent interrater agreement for the total score
(0.96), and moderate to large construct validity for 81% of
its items [48]. The subjects underwent the assessment on
days 0, 7, and 28 following the Lin− cell administration.
Based on a detailed analysis of the FDA scores, the
patients were divided into 3 groups: group I—comprising
patients who demonstrated improvement of the articulation
organs, group II—patients whose articulation remained
stable, and group III—patients with deterioration.

2.1.3. Neurological Assessment. Assessment of disease pro-
gression was performed using two functional ALS sca-
les—the Norris scale and the revised ALS Functional Rating
Scale—on 0 (on the day of bone marrow collection and
Lin− cell administration), 7, and 28 days after cell application.
The Norris scale describes limb and bulbar functions. The
limb scale evaluates 21 items and the bulbar scale 13. Each
item is rated in four ordinal categories [49]. Revised ALS-
FRS is based on a questionnaire which allows the assessment
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of physical functions in activities of daily living, and it is the
most widely used system for the functional rating of ALS
patients. It is divided into four clinical domains: (1) bulbar
function, (2) fine motor function, (3) gross motor function,
and (4) respiratory function. Each section includes 3 ques-
tions scored from 0—loss of function, to 4—normal function.
Total score ranges from 0 to 48 [50].

2.2. Cells. Bone marrow (BM) was harvested from the
patients after we had obtained their written informed
consent. BM samples (100-120 ml) were aspirated in local
anesthesia from the posterior iliac crest of the recruited
patients and subsequently resuspended in collecting the
medium (phosphate-buffered saline, pH 7.2) and heparin
(20 U/ml; Gibco, USA). Bone marrow samples were lysed
in BD Pharm Lyse lysing solution (BD Biosciences, San Jose,
CA, USA) for 15 min at room temperature in the dark and
washed twice in phosphate-buffered saline (PBS). The
obtained suspension of BM nucleated cells (NCs) was sub-
jected to immunomagnetic separation procedures. Isolation
procedures were performed according to the manufacturer’s
instructions, according to the GMP conditions. Briefly,
lineage-negative cells were isolated through negative selec-
tion using a MidiMACS separator (Miltenyi Biotec, Auburn,
CA, USA). To isolate a lineage-negative cell population, a
Lineage Cell Depletion Kit (Miltenyi Biotec, Auburn,
CA, USA) was used. One hundred microliters of biotin-
antibody cocktail recognizing the lineage-specific cell anti-
gens was added per 108 cells according to the manufacturer’s
recommendations. After washing in PBS, 100 μl of Anti-
Biotin MicroBeads for magnetic cell labeling was added.
Labeled cell suspension was loaded onto a MACS LS column
(Miltenyi Biotec), and unlabeled cells passing through the
column were collected (Lin−) [27]. Before administration,
the cells were maintained in 2 ml of sterile PBS.

After isolation, lineage-negative cells were resuspended
in 100 μl PBS and stained with mouse anti-human monoclo-
nal antibodies for the following SPC markers: CD34
conjugated with allophycocyanin (APC) (BD Biosciences,
San Jose, CA, USA), CD133 conjugated with phycoerythrin
(PE) (Miltenyi Biotec, Auburn, CA, USA), and CD144
(FITC) (BD Biosciences, San Jose, CA, USA). After incuba-
tion for 20 min at 4°C, the cells were washed twice in PBS.
Cell fluorescence was measured, and the data were analyzed
using a fluorescence-activated cell analyzer (LSRII, BD
Biosciences, San Jose, CA, USA) and BD FACSDiva soft-
ware. Typically, 10,000 events were acquired to determine
the percentage of a subpopulation within the lineage-
negative SPCs. Populations of hematopoietic SPCs based on
CD34+ and CD133+ expressions, early CD34+/CD133+/
CD144+ endothelial progenitor cells (EPCs), and endothelial
CD144+ cells were analyzed [27].

2.3. Administration Procedure. The total isolated Lin− SPCs
were slowly administered into the subarachnoid space via
lumbar puncture (between vertebrae L3-L4 or L4-L5). The
number of administered Lin− cells varied among patients
(mean: 6 26 × 106 ± 5 84). After the injection, the patients were
advised to maintain the supine position for at least 24 hours.

2.4. Molecular Analysis: Multiplex Assay. Concentrations of
selected factors (TNF-α, TNF-R, CRP, BDNF, NT-3, and
NGF-β) were assessed in CSF using multiplex fluorescent
bead-based immunoassays (Luminex Corporation, Austin,
TX, USA). Analyzed CSF samples were collected on the day
of the cell injection (day 0) and on the 7th day. Assays were
performed according to the manufacturer’s protocol, as
described previously [51].

2.5. Statistical Analysis. The statistical null hypothesis we
tested was that the intrathecal administration of autologous
BM-derived Lin− cells cannot lead to the prevention of
deterioration of articulation. The primary objective of this
investigation was to analyze the alternative hypothesis that
intrathecal administration of autologous BM-derived Lin−

cells can lead to the prevention of deterioration of articula-
tion. We also hypothesized that adjuvant cell therapy could
also bring specific changes in various neurotrophins and
proinflammatory factor profiles in CSF of ALS patients. To
assess the equality of variances for variables, Levene’s test
was used before a comparison of means. The test has shown
significance (p < 0 05). For this reason and because of the
nonnormality of the distributions between variables (Sha-
piro–Wilk test), the numerical data were compared between
groups using the nonparametric Friedman analysis of
variance by ranks for more than two groups of repeated
variables. The occurrence of nominative clinical data was
compared between groups by means of the chi-squared test
or Yates’ chi-squared test if needed. p < 0 05 was considered
to indicate statistical significance. All statistical analyses were
performed with STATISTICA 12.5 PL.

3. Results

32 patients suffering from sporadic ALS (sixteen females and
sixteen males) were included in the study. All of them were
administered autologous bone marrow-derived Lin− cells
injected intrathecally. A thorough analysis of a fraction of
Lin− cells in our earlier studies revealed its composition
as a heterogenic population of cells consisting of precursor
cells, progenitor cells, and stem cells [27]. By employing
flow cytometry, we had previously shown that Lin− cells
contain populations of CD34+ cells (12 1% ± 7 2), CD133+
cells (12 3% ± 8 2), endothelial progenitor cells (CD34+,
CD133+, and CD144+ cells, 1 7% ± 1 1), and cells with
the mesenchymal stem cell phenotype (CD105+, CD73+,
CD90+, CD45−, CD34−, CD11b−, CD19−, and HLA-DR−

cells, 0 0084% ± 0 0108) [27]. FDA and VHI scales were
used for the objective and subjective evaluations of the
patients’ articulation functions, respectively, performed at
baseline, 7 days, and 28 days following the cell administra-
tion. The Norris scale and revised ALS Functional Rating
Scale were used for the functional evaluation of enrolled
patients, performed similarly at baseline, 7 days, and 28 days
following the cell infusion.

3.1. Speech Tests and Neurological Evaluation. Of the 32
patients who received the Lin− stem/progenitor cell therapy,
6 (group I) showed improvement in articulatory functions,
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23 remained stable (group II), and 3 deteriorated (group III)
on the 28th day according to the objective FDA scale. Table 1
shows the comparison of the initial anthropometric parame-
ters of the groups. Group I subjects were older than their
group II counterparts, and the difference in age was statisti-
cally significant (p = 0 021). No notable differences were
recorded between the three groups regarding the quantities
of administered Lin− cells and sex of the patients. The
patients from group I had a tendency towards a longer inter-
val from symptom onset to diagnosis, although statistically
insignificant. However, this factor is considered as a marker
of favorable prognosis [52].

Additionally, we confronted articulation according to
the FDA scale with functional condition based on two
scales—Norris and ALS-FRSr. Assessment was performed
on 0, 7, and 28 days after infusion of Lin− cells. The results,
although not statistically significant, were consistent with
those obtained from the evaluation of the articulation. The
ALS-FRSr and Norris scale scores increased slightly on the
28th day among patients from groups I and II. Group III
patients deteriorated according to ALS-FRSr and remained
unaffected according to the Norris scale. It is interesting to
note that the patients from group III with the deterioration
of articulation initially had the highest score in Norris scales
and ALS-FRSr scales. The described changes are presented
in Table 1.

Table 2 shows the efficiency of the articulation organ
functions in 32 ALS patients divided into 3 groups evaluated
at different time points (0, 7, and 28 days). The most signifi-
cant improvement was noticed on the 7th day following the
cell administration in respect of cough reflex (34%), laryngeal
time (32%), and dribble/drool reflex (28%). The improve-
ment, though, was short-lasting and was no longer observed
on the 28th day after the cell infusion.

Table 3 illustrates the subjective assessment of articula-
tion based on the VHI questionnaire carried out by 32 ALS
patients divided into 3 groups at different time intervals

following the Lin− cell administration. On the 7th day, 53%
of the subjects reported improvement in articulation. On
the 28th day, the figure grew to 62.5% and 9.3% did not
feel any change in their speech, whereas 28% of the
patients claimed that in their case, speech/articulation had
actually deteriorated. Statistically, significant correlation
was observed between the baseline FDA and VHI scores
and those obtained on day 7 following the application of
Lin− cells (p = 0 0128).

3.2. Molecular Analysis. Using Luminex multiplex assay, we
have investigated concentrations of CRP, TNF-α, TNF-R,
BDNF, NGF-β, and NT-3 in CSF on day 0 and the 7th day
post-cell infusion. The subjects with improved articulation
objectively established by means of FDA (group I) demon-
strated a statistically significant decrease in CRP levels during
the first seven days after transplantation (p = 0 043). The
analysis of FDA scores recorded in groups I and II
(improvement vs. no improvement) on day 0 revealed a
significantly lower BDNF level in group I compared to group
II (p = 0 028). Besides, we noticed a tendency to increase the
level of BDNF (p = 0 14) and TNF-α (p = 0 068) on the 7th

day from the application of the Lin− cells in group I. A
statistically significant correlation was also found in groups
I and II between the patients’ age and their FDA scores
obtained on days 0–7 (p = 0 043)—improved articulation
was recorded in statistically older subjects. Changes in
concentrations of proinflammatory factors and neurotro-
phins in CSF are presented in Table 4 and Figure 1 (selected
factors).

Analysis of particular functions and efficiency of the
articulation organs using the FDA scale revealed a statisti-
cally significant increase in the concentration of TNF-R in
group I on the 7th day following the Lin− administration
and improvement in the following: dribble reflex (p = 0 018),
cough reflex (p = 0 015), tongue movements (p = 0 015),
and respiration (p = 0 046). Moreover, group I subjects with

Table 1: Characteristic of the groups with ALS-FRSr and Norris scale results.

Characteristic Group I (n = 6) Group II (n = 23) Group III (n = 3) p value
I vs. II I vs. III II vs. III

Age (mean ± SD, years) 60 3 ± 3 82 51 8 ± 8 55 56 3 ± 3 05 0.021a 0.97a 0.89a

Sex (male/female) 4/2 11/12 1/2 0.72b 0.81b 0.89b

Time from symptom to diagnosis
(mean ± SD, months)

40 8 ± 31 03 31 13 ± 27 62 26 ± 19 28 0.87a 0.92a 0.41a

Number of Lin− cells administered (mean ± SD) 6 47 ± 6 74 × 106 6 44 ± 6 11 × 106 4 5 ± 0 89 × 106 0.51a 0.15a 0.21a

ALS-FRSr score (mean ± SD)
Before Lin− infusion 30 ± 5 4 26 9 ± 4 3 33 ± 5 6 0.63c 1.0c 0.17c

7 days after Lin− infusion 30 ± 5 4 26 9 ± 4 3 33 ± 5 6 0.63c 1.0c 0.17c

28 days after Lin− infusion 31 5 ± 6 4 27 7 ± 4 6 30 7 ± 7 4 0.58c 1.0c 0.28c

Norris scale score (mean ± SD)
Before Lin− infusion 84 5 ± 16 9 81 2 ± 15 6 97 ± 14 1 1.0c 0.47c 0.25c

7 days after Lin− infusion 87 6 ± 14 1 81 2 ± 15 6 97 ± 14 1 1.0c 0.77c 0.19c

28 days after Lin− infusion 92 5 ± 14 8 82 8 ± 15 5 97 ± 14 1 0.64c 1.0c 0.65c

aFriedman analysis of variance by ranks for more than two groups. bChi-squared test or Yates’ chi-squared test. cANOVA Kruskal-Wallis test.
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improved dribble reflex demonstrated a significantly higher
TNF-R concentration (p = 0 036) on day 28, while on the
same day, group III patients with declined postinfusion
laryngeal time showed a statistically significant increase in
the concentration of TNF-α in CSF (p = 0 043).

4. Discussion

ALS is classified as sporadic (90 to 95% of the diagnosed
cases), of unknown etiology, and familiar [53]. It is believed
that there are several factors that may contribute to the onset
of the disease, such as excitotoxicity by neurotransmitter
glutamate, accumulation of neurofilaments, deficiency of
neurotrophic factors, immunity changes, physical trauma,
and persistent viral infections, as well as chemical and
physical environmental factors [54]. With the progress of
the disease, communication difficulties increase while sen-
tences become simpler and shorter, culminating, in advanced
phases, to answering questions through the use of keywords
or “yes/no” answers [55]. These changes, together with the
loss of functional independence caused by ALS, lead to an
extremely discouraging situation for the individual.

The assumed effectiveness of Lin− stem cell therapy for
ALS is based on SPCs’ ability to produce growth factors
and cytokines that exert neuroprotective activity, thus pro-
viding supportive environment and protection for neurons
[56]. In our earlier study, we demonstrated that the therapy
is safe and feasible [26]. An autologous population of bone
marrow-derived lineage-negative SPCs demonstrates higher
long-term self-regeneration potential and capacity to pro-
duce neurotrophic and angiopoietic factors than other
nucleated cells [48].

The potential of stem cell-based therapy has not yet been
explored in the context of its employment for treatments
aimed at ameliorating articulation in ALS patients. In the
course of our study, we carried out the assessment of articu-
lation disorders in ALS patients utilizing the subjective VHI
questionnaire and the objective FDA scale. We also analyzed
the effect of the adjuvant Lin− stem cell administration on the
articulatory functions and the CSF levels of neurotrophic and
inflammatory factors. Our methodology was based on previ-
ous findings which demonstrated that the half-time of
trophic factors, and thus the clinical effect, is limited to a
few days following the cell infusion [26]. At the same time,
we used functional scales (Norris and ALS-FRSr) to assess
the overall neurological condition and confront it with the
objective evaluation of articulation.

According to the FDA scale applied on the 28th day, 6 of
the 32 patients who had received the Lin− SPCs showed slight
improvement in articulatory functions, 23 remained stable,
and in 3 others the functions deteriorated. However, the
effects were transient and the observation time was short.
The results, although not statistically significant between
groups, were consistent with those obtained from the evalua-
tion of the functional condition based on the ALS-FRSr and
Norris scales. Patients with stabilization or with an inconsid-
erable improvement in articulation also showed a tendency

Table 3: Subjective evaluation of articulation improvement carried
out by means of the VHI scale at different time intervals following
Lin− cell administration in 32 ALS patients divided into 3
groups according to FDA (I—improved articulation; II—lack of
improvement; III—deteriorated articulation).

0 day vs. 7th day 7th day vs. 28th day 0 day vs. 28th day

Group I 17 9 20

Group II 6 16 3

Group III 9 7 9

Table 2: Evaluation of articulation organ functions by FDA in 32 ALS patients divided into 3 groups (I—improved articulation, II—lack
of improvement, and III—deteriorated articulation), measured 7 and 28 days after Lin− cell administration compared to the baseline
values (day 0).

0 day vs. 7th day 7th day vs. 28th day 0 day vs. 28th day
Group I Group II Group III Group I Group II Group III Group I Group II Group III

Cough reflex 11 16 5 5 17 10 7 18 7

Swallow reflex 6 23 3 2 25 5 6 19 7

Dribble/drool reflex 9 20 3 6 20 6 10 19 3

Respiration 8 18 6 3 23 6 9 14 9

Lips 6 24 2 2 26 4 9 17 6

Soft palate 7 22 3 2 26 4 6 22 4

Laryngeal time 10 21 1 4 17 11 9 17 6

Laryngeal pitch 6 23 3 4 20 8 8 18 6

Laryngeal volume 8 20 4 3 23 6 9 18 5

Laryngeal in speech 7 21 4 4 22 6 8 19 5

Tongue 7 17 8 4 21 7 10 12 10

Intelligibility words 4 24 4 3 25 4 3 28 1

Intelligibility sentences 4 24 4 5 24 3 7 24 1

Intelligibility conversation 6 20 6 6 23 3 8 19 5
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to the improvement in the functional scales. Similarly, in
the group of patients with progression of articulatory dys-
function, a slight deterioration according to the functional
scales was also observed.

The noticeable improvement observed on the 7th day
after the cell infusion was seen in regard to cough reflex
(34% of the subjects), laryngeal time (32%), and dribble/
drool reflex (28%). Correlation between the objective FDA
scores and the results of subjective VHI questionnaire could
only be observed until the 7th day following the procedure.
Between days 7 and 28, the patients subjectively reported a
deterioration of their articulatory functions, which did not
reflect the positive FDA scores. Improved articulation based

on the FDA scale was demonstrated in statistically older
patients (p = 0 043).

Analysis of factors in CSF on the 7th day following the
Lin− cell administration revealed a statistically significant
correlation of the decrease in CRP concentration in patients
with improved articulatory function. Interestingly, patients
with the highest baseline CRP levels demonstrated the best
response, whereas those with low baseline CRP concentra-
tion with a growing tendency showed clinical deterioration
in their condition on the 7th day.

The important role of neuroinflammation mediated by
glial and immune cells in the pathogenesis of ALS is widely
accepted [57]. Numerous inflammatory proteins have been

Table 4: The CSF concentrations of TNF-α, BDNF, NGF-β, CRP, NT-3, and TNF-R in groups I, II, and III (0 and 7th days).

Concentration
in CSF

Group I (n = 6) Group II (n = 23) Group III (n = 3)
Median
(pg/ml)

Interquartile
range

p value
Median
(pg/ml)

Interquartile
range

p value
Median
(pg/ml)

Interquartile
range

p value

TNF-α 0 d 2.88 0.29
0.068

3.31 0.58
0.409

3.026 0.58
0.180

TNF-α 7 d 3.31 0.29 3.17 0.29 3.32 0.00

BDNF 0 d 2.45∗ 0.45
0.144

3.75∗ 2.17
0.262

3.27 1.71
0.990

BDNF 7 d 3.35 0.30 3.64 1.48 3.27 1.63

NGF-β 0 d 0.74 0.20
0.500

0.84 0.20
0.948

0.95 0.16
0.109

NGF-β 7 d 0.84 0.20 0.84 0.20 0.74 0.00

CRP 0 d 31104 30462
0.043

11667 24463
0.807

6472 40628
0.593

CRP 7 d 6680 16966 5144 34944 9862 36053

NT-3 0 d 352.73 0.00
1.000

352.73 113.79
0.675

352.73 168.26
0.180

NT-3 7 d 352.73 54.47 352.73 107.39 352.73 233.68

TNF-R 0 d 918.28 144.34
0.138

1006.18 190.83
0.115

1086.91 277.03
0.285

TNF-R 7 d 1176.05 335.68 1073.01 364.67 1070.30 318.57

Data are expressed as median (interquartile range); p value—0 day vs. 7th day; ∗p < 0 05 for difference between group I and II patients; Mann-Whitney U test.
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Figure 1: The CSF levels of TNF-α, BDNF, and CRP in different groups (0 and 7th days). Data are presented as median (interquartile range);
∗p < 0 05.
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previously shown to be altered by this disease [58, 59]. CRP
has been described as a biomarker of the inflammatory
response with significant prognostic value in a vast number
of tumors and rheumatic and cardiovascular diseases [60].
CRP could be produced not only by the liver but also locally
in the brain [37]. Keizman et al. have previously correlated
CRP levels with neurological disability in ALS [61]. Lu et al.
established that IL-6 associated with CRP levels is the only
marker, which shows an increase in the expression toward
the end-stage ALS [62]. A study by Nagel et al. on 289 ALS
patients and 506 controls showed a moderate inverse correla-
tion of CRP with the revised ALS Functional Rating Scale
(ALS-FRSr) [63]. Our previous and current observation
might lead to the conclusion that humoral therapy has a
suppressive effect on inflammation [26]. However, as ALS
is a disease of complex etiopathogenesis, the therapy does
not always bring substantial clinical improvement. High
baseline levels of proinflammatory factors may appear to
be a positive prognostic indicator related to the ability to
control its course.

Baseline BDNF concentration in CSF was significantly
lower in patients who demonstrated improved articulation
compared to those whose articulation had remained
unchanged. The improvement in articulation was accompa-
nied by a tendency toward higher levels of BDNF on the 7th

day after the cell infusion (p = 0 14).
Analysis of individual functions and efficiency of the

articulatory organs carried out using the FDA scale on the
7th day following the Lin− cell administration showed a
statistically significant increase in TNF-R concentration in
the group I subjects who demonstrated improvement in
dribble/drool reflex (p = 0 018), cough reflex (p = 0 015),
tongue movements (p = 0 015), and respiration (p = 0 046).
On top of that, on the 28th day following the Lin− application,
we observed a considerable increase in the concentration of
TNF-R in group I patients with improved dribble/drool
reflex (p = 0 036). However, on the same day, group III sub-
jects, with declined laryngeal time, showed a statistically
significant increase in the levels of TNF-α in CSF (p = 0 043).

TNF-α can be synthesized and released in the brain by
astrocytes and some populations of neurons. There is a
robust and rapid increase in TNF-α expression levels in the
CNS both after acute insults and in a number of chronic neu-
rodegenerative disorders [64, 65]. Hattori et al. reported that
TNF-α is involved in modulating neuronal cell function
through an indirect mechanism by which it stimulates the
synthesis and secretion of the nerve growth factor (NGF) in
fibroblasts and glial cells [66]. TNF-α induces BDNF expres-
sion in astrocytes not only through the activation of NF-κB
but also via the activation of the C/EBPβ transcription factor
connected with the ERKMAP kinase pathway [67]. Based on
various studies focused on the role of proinflammatory cyto-
kines in the brain, TNF-α is usually regarded as an agent
playing an important role in sustaining and modulating
neurodegenerative events or sometimes promoting cell
survival [68, 69]. Brambilla et al. identified TNF receptor 1
(TNFR1) signaling as a major promoter of glial cell line-
derived neurotrophic factor (GDNF) synthesis/release from
human and mouse spinal cord astrocytes in vitro and

in vivo [70]. They also demonstrated that motor neuron loss
is more pronounced in SOD1G93A mice lacking the TNFR1 at
the late phase of the disease, i.e., when ALS progression is
significantly accelerated [70].

Of the 32 ALS patients subjected to the Lin− cell infusion,
11 demonstrated improved articulatory functions on the 7th

day, particularly noticeable in the cough reflex and laryngeal
time (10 patients) and dribble/drool reflex (9 patients).
Reduced or absent cough reflex in ALS sufferers is a serious
abnormality inevitably leading to the accumulation of exces-
sive saliva in the airways, which adversely affects respiration
[71]. Secretions that obstruct the airways can result in a par-
tial or complete collapse of the lung, contributing to acute or
acute-on-chronic respiratory failure, which remains the most
common cause of death in ALS [72, 73]. Maintaining an
effective cough reflex could significantly contribute to the
reduction of mortality and many serious infectious complica-
tions in patients with ALS.

In conclusion, our experimental adjuvant therapy with
the application of autologous bone marrow-derived lineage-
negative cells injected intrathecally proved entirely safe for
ALS patients. No immediate or delayed, topical or systemic
adverse events following the treatment were observed.
During this short observation, some patients from the study
deteriorated while others remained stable. The postapplica-
tion, short-termed improvement of articulatory functions,
particularly the cough reflex, laryngeal time, and dribble
reflex, observed in one third of the subjects, may provide
valuable incentives for further comprehensive investigations.
Establishing whether local neuroinflammation and CRP
production could be direct prognostic factors or targets for
therapy requires further studies, but our results seem to
be promising.

5. Potential Study Limitations

Although our study provides valuable findings, there are a
few limitations that need to be taken into account. The first
one is a relatively small number of patients enrolled in the
study, mainly limited by strict inclusion criteria. The second
one refers to a considerable heterogeneity of the studied
sample in respect of the age of onset of the symptoms, their
duration, and the number of cells harvested and adminis-
tered (mostly statistically insignificant). This heterogeneity,
however, corresponds with typical key features of ALS.
Another limitation concerns the fact that the study was
carried out without the control group, which limits the possi-
bility of drawing a direct conclusion regarding the effects of
Lin− cell application. In the case of a fatal, neurodegenerative
disease such as ALS, it seems rather unethical to enroll
patients without offering them a chance for potentially
beneficial intervention.

Since this is still a preliminary study of such cell applica-
tion, we must be cautious when interpreting the obtained
data. Taking into consideration the complexity of ALS
pathophysiology, it is still unclear whether the described
correlations favor Lin− cell administration as a beneficial
treatment strategy for ALS or reflect other, unknown factors.
Additionally, we can expect that the potential beneficial
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effects of humoral therapy in ALS patients may possibly be
prolonged with repeated cell injections. The last drawback
of the study is a short observation period. It is due to the fact
that the study is being continued on a larger cohort of ALS
subjects who undergo a cyclical Lin− cell infusion during
which they receive in total three injections and the levels
of trophic and proinflammatory factors are measured at
different time intervals.
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