
BioMed Research International

Multipurpose, Integrated 2nd 
Generation Biorefineries

Guest Editors: Alberto Scoma, Lorenzo Bertin, Maria A. M. Reis, 
Michael Kornaros, and Marta Coma



Multipurpose, Integrated 2nd Generation
Biorefineries



BioMed Research International

Multipurpose, Integrated 2nd Generation
Biorefineries

Guest Editors: Alberto Scoma, Lorenzo Bertin,
Maria A. M. Reis, Michael Kornaros, and Marta Coma



Copyright © 2016 Hindawi Publishing Corporation. All rights reserved.

This is a special issue published in “BioMed Research International.” All articles are open access articles distributed under the Creative
Commons Attribution License, which permits unrestricted use, distribution, and reproduction in any medium, provided the original
work is properly cited.



Contents

Multipurpose, Integrated 2nd Generation Biorefineries
Alberto Scoma, Lorenzo Bertin, Maria A. M. Reis, Michael Kornaros, and Marta Coma
Volume 2016, Article ID 4327575, 2 pages

Production of Monomeric Aromatic Compounds from Oil Palm Empty Fruit Bunch Fiber Lignin by
Chemical and Enzymatic Methods
Pei-Ling Tang, Osman Hassan, Mohamad Yusof Maskat, and Khairiah Badri
Volume 2015, Article ID 891539, 14 pages

Ethanol and Protein from Ethanol Plant By-Products Using Edible Fungi Neurospora intermedia and
Aspergillus oryzae
Veronika Bátori, Jorge A. Ferreira, Mohammad J. Taherzadeh, and Patrik R. Lennartsson
Volume 2015, Article ID 176371, 10 pages

Selection of the Strain Lactobacillus acidophilus ATCC 43121 and Its Application to Brewers’ Spent
Grain Conversion into Lactic Acid
Rossana Liguori, Carlos Ricardo Soccol, Luciana Porto de Souza Vandenberghe,
Adenise Lorenci Woiciechowski, Elena Ionata, Loredana Marcolongo, and Vincenza Faraco
Volume 2015, Article ID 240231, 9 pages

Optimization ofArundo donax Saccharification by (Hemi)cellulolytic Enzymes from Pleurotus ostreatus
Rossana Liguori, Elena Ionata, Loredana Marcolongo, Luciana Porto de Souza Vandenberghe,
Francesco La Cara, and Vincenza Faraco
Volume 2015, Article ID 951871, 14 pages

Evaluation of Mediterranean Agricultural Residues as a Potential Feedstock for the Production of
Biogas via Anaerobic Fermentation
Christos Nitsos, Leonidas Matsakas, Kostas Triantafyllidis, Ulrika Rova, and Paul Christakopoulos
Volume 2015, Article ID 171635, 6 pages



Editorial
Multipurpose, Integrated 2nd Generation Biorefineries

Alberto Scoma,1 Lorenzo Bertin,2 Maria A. M. Reis,3 Michael Kornaros,4 and Marta Coma5

1Laboratory of Microbial Ecology and Technology (LabMET), University of Ghent, 9000 Ghent, Belgium
2Department of Civil, Chemical, Environmental and Materials Engineering (DICAM), University of Bologna, 40131 Bologna, Italy
3Department of Chemistry, UCBIO-Requimte, Faculty of Science&Technology, NewUniversity of Lisbon, 2829-516 Caparica, Portugal
4Laboratory of Biochemical Engineering and Environmental Technology, Department of Chemical Engineering (DCE),
University of Patras, 265 04 Patras, Greece
5Centre for Sustainable Chemical Technologies (CSCT), University of Bath, Bath BA2 7AY, UK

Correspondence should be addressed to Alberto Scoma; alberto.scoma@ugent.be

Received 16 December 2015; Accepted 16 December 2015

Copyright © 2016 Alberto Scoma et al.This is an open access article distributed under the Creative Commons Attribution License,
which permits unrestricted use, distribution, and reproduction in any medium, provided the original work is properly cited.

The aim of the present special issue was to explore some
recent advances in environmental biotechnology and chem-
istry with respect to the possibility of using bioresidues as
renewable feedstock in the frame of 2nd generation biore-
fineries. As a matter of fact, pauperization of fossil resources
is favouring the development of biorefinery platforms, where
goods derive from biomass processing. Because of the ethical
issues related to the use of food crops for fuel production,
exploitation of organic residues present in agroindustrial,
forestry, zootechnical, fishery, and municipal leftovers would
enhance biorefinery competitiveness and social acceptance.
This approach is referred to as “2nd generation biorefinery”
and is still in its infancy, with the large majority of studies
being conducted at laboratory scale and very few at pilot scale.

Among the major bioresidues/by-products generated by
(agro)industries, lignocellulose is one of the cheapest and
more abundant nonfood materials. It derives from plant
biomass and it is made by 75% of polysaccharides, making
carbohydrates an ideal basic platform for the generation
of multiple products of societal and industrial interest.
Lignin, another important compound of lignocellulosic-
based biomass, may be also processed and/or extracted to
increase the portfolio of such biorefineries. The present
special issue majorly focuses on actual site lignocellulosic
residues to produce either chemicals or fuels. Bioconversion
of brewer spent grains (BSG) was described by R. Liguori,
C. R. Soccol et al. using six Lactobacillus strains to generate
lactic acid. Fermentation yieldswere comparedwith synthetic

media alsowith respect to different pretreatments. Optimized
cultivation reached as much as 22 g/L lactic acid. In P.-L.
Tang et al. production of lowmolecular weight phenolic com-
poundswas carried out using oil palm empty fruit bunch fiber
(OPEFBF). While palm oil industry is rapidly expanding, an
environmentally friendly solution to treat the lignocellulosic
biowaste resulting from its processing is missing. P.-L. Tang
et al. focused on the exploitation of lignin through enzymatic
and chemical reactions following an alkaline pretreatment,
which yielded a mixture of aromatic compounds such as
hydroxybenzoic acid, vanillin, syringaldehyde, p-coumaric
acid, and ferulic acid. V. Bátori et al. reported on the gener-
ation of multiple products using whole stillage as renewable
feedstock, a by-product from ethanol production from dry-
mill grains. Edible fungi such as Neurospora intermedia and
Aspergillus oryzaewere used for the integrated bioconversion
of this organic residue into ethanol and protein-enriched fun-
gal biomass. Economic implications following the upgrade of
the present industrial process with the proposed scheme are
discussed. This study has close connections with the one by
R. Liguori, E. Ionata et al. who exploited the biotechnological
potential of fungal activity to produce sugars. Here, cellu-
lolytic and hemicellulolytic enzymes (a mixture of cellulases
and xylanases) fromPleurotus ostreatuswere used to optimize
the saccharification yields of Arundo donax biomass. The
influences of temperature, pH, and time as operational
parameters were investigated in a 33 factorial experimental
design to find out the most critical ones. Significance of

Hindawi Publishing Corporation
BioMed Research International
Volume 2016, Article ID 4327575, 2 pages
http://dx.doi.org/10.1155/2016/4327575

http://dx.doi.org/10.1155/2016/4327575


2 BioMed Research International

these experimental findings was described with respect to
commercial enzymes. Finally, C. Nitsos et al. evaluated a
number of methods to improve methane yields production
by anaerobic digestion of three Mediterranean bioresidues.
Pretreatment protocols applied hydrothermal, dilute acid,
and steam explosion treatment to gain more energy from
lignocellulosic residues such as olive tree pruning, grapevine
pruning, and almond shells. Implementation of enzymatic
hydrolysis was also tested for the lowest efficient treatments.

We believe that this collection of papers will be useful
to people working in the area of green chemistry and
biotechnology and will help to turn an environmental issue
as waste disposal into a new opportunity for a sustainable
biobased economy.

Alberto Scoma
Lorenzo Bertin

Maria A. M. Reis
Michael Kornaros

Marta Coma
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In this study, oil palm empty fruit bunch (OPEFBF) was pretreated with alkali, and lignin was extracted for further degradation into
lower molecular weight phenolic compounds using enzymes and chemical means. Efficiency of monomeric aromatic compounds
production fromOPEFBF lignin via chemical (nitrobenzene versus oxygen) and enzymatic [cutinase versus manganese peroxidase
(MnP)] approaches was investigated. The effects of sodium hydroxide concentration (2, 5, and 10%wt.) and reaction time (30, 90,
and 180 minutes) on the yield of aromatic compounds were studied. The results obtained indicated that nitrobenzene oxidation
produced the highest yield (333.17 ± 49.44 ppm hydroxybenzoic acid, 5.67 ± 0.25 ppm p-hydroxybenzaldehyde, 25.57 ± 1.64 ppm
vanillic acid, 168.68 ± 23.23 ppm vanillin, 75.44 ± 6.71 ppm syringic acid, 815.26 ± 41.77 ppm syringaldehyde, 15.21 ± 2.19 ppm
p-coumaric acid, and 44.75 ± 3.40 ppm ferulic acid), among the tested methods. High sodium hydroxide concentration (10%wt.)
was needed to promote efficient nitrobenzene oxidation. However, less severe oxidation condition was preferred to preserve the
hydroxycinnamic acids (p-coumaric acid and ferulic acid). Cutinase-catalyzed hydrolysis was found to bemore efficient thanMnP-
catalyzed oxidation in the production of aromatic compounds. By hydrolyzed 8%wt. of lignin with 0.625mL cutinase g−1 lignin at
pH 8 and 55∘C for 24 hours, about 642.83 ± 14.45 ppm hydroxybenzoic acid, 70.19 ± 3.31 ppm syringaldehyde, 22.80 ± 1.04 ppm
vanillin, 27.06 ± 1.20 ppm p-coumaric acid, and 50.19 ± 2.23 ppm ferulic acid were produced.

1. Introduction

Palm oil production is expanding to fulfill the growingworld-
wide needs formultiple uses of this commodity. However, the
rapid growth of oil palm industrymay have a negative impact
on the environmental and social aspects. Indeed, sustainabil-
ity of the supply chain of this commodity is a global challenge
[1]. Nonetheless, the concept of biorefinery is an excellent
alternative to ensure the sustainability of this commodity. In
Malaysia, approximately 20million tons of crude palmoil had
been produced in 2014.With each ton of palm oil production,
approximately a ton of empty fruit bunch fiber (OPEFBF)
was generated. In order to achieve environmentally friendly
production while maximizing profitability, OPEFBF must be

utilized to generate maximum capacity of biorefinery, where
each constituent of biomass (cellulose, hemicellulose, and
lignin) must be recovered and converted into either food or
nonfood fractions [2–4].

Pretreatment technology is a crucial step in lignocellulose
biorefinery. A variety of pretreatment methods has been
proposed with the aim to alter or remove the structural and
compositional impediments to the hydrolysis of cellulose/
hemicellulose. Delignification during pretreatment has been
proven to improve enzymatic digestibility of biomass. How-
ever, pretreatment usually yields large quantity of black liquor
that needs to be discharged at the end of the process [5, 6].
Direct disposal of black liquor is prohibited as it has a very
high Chemical Oxygen Demand (COD) due to the presence
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of high content of lignin, phenolic compounds, silica, and so
forth. Furthermore, lignin is a nonbiodegradable polymer [6–
9]. Therefore, lignin recovery from the black liquor stream
not only will assist the waste effluent management of the
industry, but will also maximize the efficiency of biorefinery
process.

Lignin is the most abundant amorphous aromatic poly-
mer in lignocellulose. It is comprised of three main phenyl-
propane units, namely, p-hydroxyphenyl (H), guaiacyl (G),
and syringyl (S). Future use of lignin depends on the possibili-
ties of either degrading it into lowmolecularweight aromatics
or as a multifunctional macromolecule. Lignin conversion
into diverse value-added products played an important
role in the economic viability of biorefinery. The methodolo-
gies of lignin conversion can be divided into three groups:
(1) hydrothermal, (2) chemical, and (3) enzymatic [10, 11].
Hydrothermal treatment was reported as an excellent lignin
conversion technique, where up to 50% of total lignin can
be removed from the biomass. However, due to high tem-
perature and pressure, condensation reaction among the
highly reactive lignin fragments accelerates the generation of
lignin-degraded products. In addition, the 𝛽-ether linkage of
lignin was also cleaved rapidly, leads to monolignols and
further its methyl ester formation [10]. The major group
of lignolytic enzymes includes lignin peroxidases, man-
ganese peroxidases, versatile peroxidases, and laccases. Due
to the specific structures, different lignolytic enzyme has
different mechanism in lignin degradation/oxidation and
producing different compounds [12]. For chemical oxidation/
degradation, it wasmostly used in structural characterization
of lignin polymer, based on the cleavage of 𝛽-aryl ether
bonds. Until now, none of the chemical methods can be used
commercially for the production of value-added compounds
due to environmental concerns [11]. However, the advantage
of chemical methods in terms of high yield production
makes it superior over hydrothermal and enzymaticmethods.
Therefore, we aimed at the development of efficient and
environmental benign chemical methods to cleave lignin
efficiently under mild condition [10]. In spite of that, the
discovery of lignolytic enzymes in white-rot fungi leads to
the development of biotechnology in lignin conversion for
small molecule chemicals production. Extracellular oxidative
enzymes act synergistically and efficiently degrade lignin at
mild condition [12]. Therefore, in this study, mild chemi-
cal treatments and enzymatic hydrolysis were designed to
compare its effectiveness in the production of monomeric
aromatic compounds under mild condition.

The types of product which are generated through
lignin degradation/oxidation strongly depend on the applied
methodologies and parameters [13]. Study [14–17] reported
the production of monomeric aromatic aldehydes (such as
vanillin, p-hydroxybenzaldehyde, and syringaldehyde) and
hydroxycinnamic/phenolic acids (such as vanillic ac id, syr-
ingic acid, ferulic acid, and p-coumaric acid) through either
chemical or enzymatic methods. All these aromatic com-
pounds possess significant uses in food and pharmaceutical
and nutraceutical applications [18–21].

Therefore, the main objective of this study was to effec-
tively convert lignin fragment present in the black liquor after

alkaline pretreatment of empty fruit bunch fiber (OPEFBF)
into a series of novel monomeric aromatic compounds.
The NaOH-lignin was initially recovered and then sub-
jected to chemical (nitrobenzene and oxygen) and enzymatic
(cutinase and MnP) oxidation/degradation. The effects of
sodium hydroxide’s concentration and time on the yield of
monomeric aromatic compounds from chemical oxidation of
lignin were investigated. Besides, reaction condition of cuti-
nase in hydrolyzingNaOH-ligninwas optimized for pH, tem-
perature, lignin concentration, enzyme concentration, and
time. The performance of each method was evaluated based
on the types and yields of the monomeric aromatic com-
pounds produced.

2. Materials and Methodology

2.1. Materials. The oil palm empty fruit bunch fiber
(OPEFBF) provided by Seri Ulu Langat Sdn. Bhd., Dengkil,
Selangor, Malaysia, was used as the substrate for this study.
The fresh OPEFBF was washed with tap water and sun-dried
until the moisture content reached approximately 10-11%.
The dried OPEFBF was cut into the size of 5–8 cm and kept
in sealed plastic bag at ∼4∘C until further usage.

Chemicals used included sodium hydroxide (NaOH),
nitrobenzene, chloroform, ethyl acetate, HPLC grade meth-
anol, dimethyl sulfoxide (DMSO), p-nitrophenyl butyrate
(PNPB), hydrogen peroxide, manganese sulphate, dis-
odium succinate, disodium malate, 2,2-Azino-bis(3-ethyl-
benzthiazoline-6-sulfonic acid) (ABTS) diammonium salt
(Merck, Germany), dipotassium hydrogen phosphate, pot-
assium dihydrogen phosphate, sodium phosphate, and
sodium chloride (SigmaAldrich,USA). Phenolic compounds
used as a reference standard were hydroxybenzoic acid, p-
hydroxybenzaldehyde, vanillic acid, vanillin, syringic acid,
syringaldehyde, p-coumaric acid, and ferulic acid (Sigma
Aldrich, USA). All chemicals used were of analytical grade.

Enzymes used in this study were Novozym 51032
(Novozymes, Denmark) and manganese peroxidase (Sigma
Aldrich, USA). The activities of Novozym 51032 (Fusarium
solani pisi) andmanganese peroxidase (MnP) (Phanerochaete
chrysosporium) were determined according to the modified
protocol proposed by [22] and [23], respectively.The reaction
mixtures contained 10 𝜇L 50mM PNPB solution and 100 𝜇L
Novozym 51032, in a final volume of 1mL of 0.1M sodium
phosphate containing 0.9% sodium chloride at pH 7.2, was
prepared. The enzyme activity of Novozym 51032 was deter-
mined by monitoring the increase of absorbance at 400 nm,
with no-enzyme mixture as a blank. For MnP activity deter-
mination, 20 𝜇LMnP was added to mixture containing 1mM
manganese sulphate and 72𝜇M ABTS diammonium salt in
1mL of 50mM succinate-10Mm malate buffer at pH 4.5.
About 2.5 𝜇L of 20mM hydrogen peroxide was added to
the mixture to initiate the reaction. The activity of MnP
was determined by monitoring the increased absorbance at
415 nm as a function of time. The protein concentration of
both enzymes was determined through Bradford method
by using Bio-Rad Quick Start Bradford assay kit (Bio-Rad,
USA). Bovine serumalbumin (BSA)was used as the reference
standard. About 1mL of Bio-Rad 1x reagent was mixed with
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20𝜇L of BSA at a series of concentrations/enzyme solutions.
The absorbance of the mixtures was read at wavelength
595 nm by using VersaMax ELISA microplate reader and
analysed with SoftMax Pro software (Molecular Device,
USA). Specific activity ofNovozym51032 andMnPwas found
at about 673.1 Umg−1 and 31.3U g−1, respectively.

2.2. Methodology

2.2.1. Lignin Preparation. OPEFBF delignification was con-
ducted by soaking the OPEFBF in 50 g L−1 NaOH solution at
a solid-to-liquid ratio of 1 : 10. The treatment was conducted
at 120∘C in an autoclave for 120 minutes. The reaction was
conducted in a capped 500mL Schott bottle. After treatment,
the treated OPEFBF was separated from the black liquor by
vacuum filtration using muslin cloth. pH of the recovered
black liquor was adjusted to pH 2 using concentrated sul-
phuric acid. Lignin precipitate was separated from the liquor
by centrifugation at 10000 rpm for 10 minutes (Eppendorf
5804 centrifuge, Hamburg, Germany). The recovered lignin
fragment was washed with distilled water and oven-dried at
105∘C overnight. The dried lignin fragment was crushed and
ground into fine powder using mortar and pestle [24, 25].
The lignin powder was kept in a tightly capped bottle at room
temperature until used for experiments.

2.2.2. Nitrobenzene Oxidation. Nitrobenzene oxidation of
lignin was conducted with 2%wt. lignin in 10mL of 2, 5,
and 10%wt. NaOH solutions. About 0.5mL nitrobenzene
was added to the lignin solution, while mixture without
nitrobenzene was fixed as experimental control. The oxida-
tion reaction was carried out in an autoclave at 130∘C for 30,
90, and 180 minutes. After oxidation, 30mL chloroform was
added to the mixture to remove excess nitrobenzene and its
reduction products. Chloroform layer was then discharged
by centrifugation at 3000 rpm for 3 minutes. The oxidation
products extraction was initiated by adding concentrated
sulphuric acid to the reactionmixture (lower layer) to achieve
pH 2. The extraction was conducted thrice with an equal
volume of ethyl acetate.The ethyl acetate was then evaporated
in a rotary evaporator. The dried oxidation products were
resolubilized in methanol and subjected to HPLC analysis
[26].

2.2.3. Direct Oxygen Oxidation. For direct oxygen oxidation,
2%wt. lignin was dissolved in 10mL 2, 5, and 10%wt. NaOH
solutions separately. The reaction was conducted in a 100mL
2-neck round-bottom flask. A condenser was connected
to the flask and oxygen gas was bubbled into the lignin
solution continuously throughout the entire reaction period.
The reaction mixture was heated to 100∘C and maintained
for 30, 90, and 180 minutes. Oxygen oxidation was carried
out under atmospheric pressure [27]. Experiment control
was conducted as the prescribed procedure, where oxygen
gas was not channeled into the reaction mixture. Once
the reaction was completed, heating was stopped and the
mixture was allowed to cool, before the pH was adjusted to
pH 2 by adding concentrated sulphuric acid. Extraction of

the oxidation products was conducted as the prescribed
protocol in Section 2.2.2 by using ethyl acetate.

2.2.4. Enzyme Hydrolysis Using Cutinase (Novozym 51032).
Due to the insolubility of lignin in aqueous buffer solution,
lignin dissolution was conducted prior to the enzymatic
hydrolysis. Initially, 0.2 g lignin was dissolved in 1mLDMSO.
To study the effect of pH on the enzyme catalytic activity,
about 10mL of 25mM phosphate buffer at pH 7, 8, 10, and
12 was added to the solution. Lignin hydrolysis by Novozym
51032 was carried out with 2.5mL cutinase g−1 lignin at 55∘C
with 150 rpm agitation for 24 hours [28]. Once the catalysis
was completed, the mixture was heated in boiling water for
5 minutes to inactivate the enzyme. pH of the hydrolysate
was then adjusted to pH 5 with 10%wt. hydrochloric acid.
The lignin fragment was separated from the hydrolysate by
centrifugation at 3000 rpm for 3 minutes. Aromatic com-
pounds present in the hydrolysatewere analyzed usingHPLC.
Stepwise optimization of the lignin concentration (2, 5, 8, and
10%wt.), enzyme concentration (0.625, 170 1.25, 1.875, and
2.5mL cutinase g−1 lignin), time (24, 48, and 72 hours), and
temperature (40, 55, and 65∘C) on the efficiency of enzymatic
catalysis were carried out.

2.2.5. Manganese Peroxidase (MnP) Oxidation. Enzymatic
oxidation of lignin by MnP was conducted according to the
modified procedure suggested in [23]. A reaction mixture
comprised of 8%wt. lignin, 1mM manganese sulphate, and
0.625mLMnP g−1 lignin in 50mM succinate-10mM malate
buffer pH4.5was prepared.The enzymatic oxidation reaction
was conducted at 30∘C with 200 rpm agitation for 48 hours.
The reactionwas initiated by the addition of 20mMhydrogen
peroxide. Once the oxidation was completed, enzyme inacti-
vationwas carried out by heating the reactionmixture to 80∘C
for 5 minutes. The lignin fragment was then separated from
the liquor by centrifugation at 3000 rpm for 3 minutes. The
liquor and the recovered lignin were subjected to HPLC and
FTIR analysis, respectively.

2.2.6. High Performance Liquid Chromatography (HPLC)
Analysis. The monomeric aromatic compounds identifica-
tion and quantification were performed by HPLC equipped
with an ultraviolet detector at wavelength 280 nm (Waters,
Milford, USA). A 250 × 4.6mm HPLC column Gemini
C18 (Phenomenex, California, USA) with 5𝜇m particle size
was used, and the sample was eluted using 0.1% acetic acid
(solvent A) and methanol (solvent B). The mobile phase
gradient was fixed at 80 : 20 (A : B) from 0 to 24min, 60 : 40
(A : B) from 24 to 27min, 20 : 80 (A : B) from 27 to 36min,
and 80 : 20 (A : B) from 36 to 40min. The mobile phase was
filtered through a 47mm nylon membrane with a pore size
of 0.45 𝜇m and degassed. The compounds separation was
conducted at a constant flow rate of 1mLmin and 10 𝜇L
injection volume. Aromatic compounds identification was
carried out by using reference standards comprising of
hydroxybenzoic acid, p-hydroxybenzaldehyde, vanillic acid,
vanillin, syringic acid, syringaldehyde, p-coumaric acid, and
ferulic acid. Caffeine was used as an internal standard for
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quantification. All of the standards and samples were filtered
through a 0.22𝜇m nylon membrane prior to analysis. Data
acquisition was performed with Breeze software (Waters,
Milford, USA) [24].

3. Results and Discussion

3.1. LigninOxidation byNitrobenzene. Figure 1 demonstrated
the effects of sodium hydroxide concentration and time on
the yield of aromatic compounds from lignin nitrobenzene
oxidation. Based on the results, it was found that the prod-
ucts generated from lignin nitrobenzene oxidation included
hydroxybenzoic acid, p-hydroxybenzaldehyde, vanillic acid,
vanillin, syringic acid, syringaldehyde, p-coumaric acid, and
ferulic acid. These eight compounds also have been iden-
tified in the study of [29, 30] after nitrobenzene oxidation
of OPEFBF lignin. According to Figure 1, the yield of all
oxidation products in the nitrobenzene-contained medium
was higher than those in the absence. This result indicated
that nitrobenzene had significantly improved the oxidation
reaction, and thus the yield of all oxidation products. Large
increment was observed, specifically in the yields of p-
hydroxybenzaldehyde, vanillic acid, vanillin, syringic acid,
and syringaldehyde. Besides, the results of Figure 1 also
demonstrated that the yields of all oxidation products, except
p-coumaric acid and ferulic acid, were increased, followed by
the increased time. The yields of p-coumaric acid and ferulic
acid were found to be decreased when oxidation reaction
prolonged. In spite of that, the increase of NaOH concentra-
tion also was found to be increase the yield of all oxidation
products. However, in the absence of nitrobenzene, the effect
of NaOH concentration on the yield of oxidation products
was not apparent. Based on the results obtained, the high-
est yield of all oxidation products was attained at 10%wt.
NaOH solution but at different optimum time. The yields of
hydroxybenzoic acid (333.17 ± 49.44 ppm with the recovery
of 16.66 ± 2.47mg g−1 lignin), p-coumaric acid (15.21 ±
2.19 ppm with the recovery of 0.76 ± 0.11mg g−1 lignin),
and ferulic acid (44.75 ± 3.40 ppm with the recovery of
2.24 ± 0.17mg g−1 lignin) were achieved maximum after 30
minutes of reaction, while the maximum yield of p-hydroxy-
benzaldehyde (5.67 ± 0.25 ppm with the recovery of 0.28 ±
0.01mg g−1 lignin), vanillic acid (25.57 ± 1.64 ppm with
the recovery of 1.28 ± 0.08mg g−1 lignin), and syringalde-
hyde (815.26 ± 41.77 ppm with the recovery of 40.76 ±
2.09mg g−1 lignin) was achieved at 120 minutes reaction.The
longest reaction time (180min) needed to achieve the max-
imum yield was of syringic acid (75.44 ± 6.71 ppm with the
recovery of 3.77 ± 0.34mg g−1 lignin) and vanillin (168.68 ±
23.23 ppm with the recovery of 8.43 ± 1.16mg g−1 lignin). No
further yield improvement was observed on hydroxybenzoic
acid, when the oxidation time was extended. Nevertheless,
the extended oxidation reaction up to 180min caused the
yield of p-coumaric acid and ferulic acid diminished. How-
ever, the yields of p-hydroxybenzaldehyde, vanillic acid, and
syringaldehyde were found to be constant, and even the
oxidation had been extended to 180min.

Among these compounds, p-hydroxybenzaldehyde, van-
illin, and syringaldehyde were the oxidized products of p-
hydroxyphenyl (H), guaiacyl (G), and syringyl (S) monomer
unit of lignin, respectively [30]. According to the results
obtained, syringaldehyde was the sole product of OPEFBF
lignin nitrobenzene oxidation, followed by hydroxybenzoic
acid and vanillin. Under the commonly used temperature
setting of nitrobenzene oxidation (∼170∘C), vanillin and
syringaldehydewere always reported to be themain products,
to indicate the ratio of guaiacyl and syringyl units in the
lignin [27].The work in [25, 31] reported that OPEFBF lignin
contained the highest proportion of noncondensed syringyl
units with small amount of noncondensed guaiacyl units
and fewer p-hydroxyphenyl units. Therefore, the highest
yield of syringaldehyde was originated from the oxidation
of the majority syringyl units of OPEFBF lignin. However,
hydroxybenzoic acid was found to be the second abundant
product, rather than the expected vanillin. The work in [25]
revealed that OPEFBF lignin contained a significant amount
of esterified p-hydroxybenzoic acid, while the conversion of
p-coumaric acid into p-hydroxybenzaldehyde and hydroxy-
benzoic acid was also suggested by [26].Therefore, high yield
of hydroxybenzoic acid was reasonable in this study. During
nitrobenzene oxidation at low temperature, the cleavages
of ester and some ether linkages in the lignin network are
predominant.Thus, the release of hydroxycinnamic acid from
lignin was promoted. Besides, the lignin was firstly under-
going based-catalyzed hydrolysis to produce large fraction
of benzylic hydroxyl groups which is soluble in the alkaline
medium. The benzylic hydroxyl groups were then oxidized
and cleaved at the C

𝛼

-C
𝛽

bond to form benzaldehyde and
its derivatives. Therefore, in the medium of strong alkalinity
and the presence of nitrobenzene as oxidant, free p-coumaric
acid tends to convert into p-hydroxybenzaldehyde and then
hydroxybenzoic acid [26]. This also explained the observa-
tion of the yield increment of p-hydroxybenzaldehyde and
hydroxybenzoic acid along with the p-coumaric acid reduc-
tion during the oxidation reaction.

Under alkaline condition, ester linkages joining phenolic
acid are easily cleaved, even at room temperature. However,
phenolic benzyl aryl ethers only cleaved at high temperature
and with the presence of oxidants [32]. Therefore, with
the presence of nitrobenzene, the yield of syringaldehyde
which is formed from the oxidative cleavage of syringyl
unit increased dramatically, especially under strong alkaline
medium. Large increment of p-hydroxybenzaldehyde and
vanillin was mainly due to the conversion of p-coumaric
acid and ferulic acid, respectively. Nonetheless, drastic incre-
ment of vanillin yield also could be due to the oxidative
cleavage of guaiacyl units in the lignin network. In addition,
alkalinity also had been proven to play a significant role
during nitrobenzene oxidation. Alkaline nitrobenzene oxida-
tion induced alkaline hydrolysis of interunit ether bonds to
depolymerize and solubilize lignin.Once the aldehyde groups
are formed, base-catalyzed hydrolysis of ether bonds can
occur at higher rate, particularly at highNaOH concentration
[26]. The rate of oxidative cleavage of lignin into aromatic
aldehyde was determined by the rate of retroaldol cleavage of
C
𝛼

-C
𝛽

bond of the phenylpropane units. High concentration
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Figure 1: Effects of sodium hydroxide’s concentration and time on the yields of (a) hydroxybenzoic acid, (b) p-hydroxybenzaldehyde, (c)
vanillic acid, (d) vanillin, (e) syringic acid, (f) syringaldehyde, (g) p-coumaric acid, and (h) ferulic acid.
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of hydroxide ion in the presence of oxidant has been proven
to accelerate the rate of retroaldol cleavage. Mechanism of
nitrobenzene oxidation of lignin was proposed by [33, 34].

According to [17], prolonged reaction time accelerated
the oxidation of p-coumaric acid and ferulic acid into their
corresponding aldehydes and then its carboxylic acids by
Cannizzaro reaction. Therefore, extended oxidation time
was associated with the increase of p-hydroxybenzaldehyde,
vanillin, hydroxybenzoic acid, and vanillic acid yields. This
finding was in accordance with the results shown by the study
of [35, 36]. Besides, increased oxidation time also suggested
the promotion of oxidative depolymerization of some specific
phenylpropane monomeric units in the lignin network,
which is unable to be solubilized at the early stage of reaction
[17]. Thus, at longer oxidation time, the aromatic alde-
hyde/carboxylic acid yields no longer primarily originated
from the oxidation of the hydroxycinnamic acids released
at the early stage of reaction, but they were also formed
from the oxidative cleavage of phenylpropane units of lignin.

Different optimum time for optimum yield of different
oxidation products indicated that oxidation time has direct
influence on the products formed during nitrobenzene oxi-
dation. Different molecular structures of different molecules
give rise to different susceptibilities to oxidative degradation
during nitrobenzene oxidation in the formation of aromatic
compounds [37]. The reaction time affected the severity
of nitrobenzene oxidation. Thus, by extending the reaction
time, esterified hydroxycinnamic acids were initially released,
followed by the formation of aromatic aldehydes through
oxidative cleavage of lignin network and oxidation of hydrox-
ycinnamic acids and finally the conversion of aldehydes
into its corresponding carboxylic acids. This finding was in
agreement with the study [17].

3.2. Direct Oxygen Oxidation of Lignin. Figure 2 showed
the effects of sodium hydroxide’s concentration and time
on the changes of the yield of oxidation products during
lignin oxygen oxidation. The identified oxidation products
after oxygen oxidation were similar to those detected in the
liquor from nitrobenzene oxidation, but at a lower yield.
Based on the results obtained, hydroxybenzoic acid was
identified as the main product in this reaction. The yield of
hydroxybenzoic acid after lignin oxygen oxidation was the
highest (in the range of 150–330 ppm) among the formed
oxidation products, regardless of the oxidation condition. In
addition, the presence of oxygen was found to significantly
improve the yield of all oxidation products, particularly at
lower NaOH concentration. The data from the experiment
also revealed that the yields of p-hydroxybenzaldehyde, p-
coumaric acid, and ferulic acid in the reaction medium of
10%wt. NaOH were not significant (𝑝 > 0.05), neither was
the presence of oxygen. Therefore, such finding suggested
that the effect of oxygen in oxidation is more significant at
low NaOH concentration. In general, based on the results
obtained, low yield of oxidation products was found in
reaction with highNaOH concentrations. On the other hand,
the yields of oxidation products had improved with the
extension of reaction time, except for hydroxybenzoic acid,
p-coumaric acid, and ferulic acid.

For maximum recoveries of all potential aromatic com-
pounds, direct oxygen oxidation was conducted at 2%wt.
NaOH for 180 minutes to produce maximum yield of p-
hydroxybenzaldehyde (5.06 ± 0.05 ppm with the recovery of
0.25± 0.01mg g−1 lignin), vanillic acid (25.17 ± 1.16 ppm with
the recovery of 1.26 ± 0.06mg g−1 lignin), vanillin (25.94 ±
2.25 ppm with the recovery of 1.30 ± 0.11mg g−1 lignin), and
syringic acid (41.52 ± 0.64 ppm with the recovery of 2.08 ±
0.03mg g−1 lignin). However, only the shortest reaction time
(30min) was required for the optimum production of
p-coumaric acid (21.53 ± 1.10 ppm with the recovery of
1.08 ± 0.06mg g−1 lignin) and ferulic acid (40.33 ± 2.59 ppm
with the recovery of 2.02 ± 0.13mg g−1 lignin) at 2%wt.
NaOH, while hydroxybenzoic acid (328.02 ± 39.55 ppm with
the recovery of 16.40 ± 1.98mg g−1 lignin) and syringalde-
hyde (78.43 ± 0.88 ppm with the recovery of 3.92 ±
0.04mg g−1 lignin) at 5%wt. NaOH. The yields of these oxi-
dation products were either reduced or kept constant, if the
oxidation time was extended up to 180min.This finding sug-
gested the interactive effect of NaOH concentration and reac-
tion time in getting the optimum yield of each compound.
Different optimum reaction conditions were identified for
the production of distinct compound. Study [14] proposed
that such occurrence was mainly due to different stability
and susceptibility of each compound to different oxidation
conditions.

The highest yield of hydroxybenzoic acid after oxygen
oxidation was believed to be due to the release of esterified
hydroxybenzoic acid from the lignin network. Under mild
oxidation environment, as designed in this experiment, the
cleavages of ester and some ether bonds in the lignin net-
work became predominant. The rate of oxidative cleavage of
lignin phenylpropane units wasminimal undermild reaction
condition. Therefore, syringaldehyde and vanillin, which are
the common aromatic aldehydes of lignin oxidation, did not
appear as the major products in this experiment [25, 26].

In addition, discovery of high rate oxygen oxidation at
low NaOH concentration in this study has been found to
be contradicting with the results from the previous study.
According to [16], the efficiency of oxygen oxidation reaction
depends on the oxygen pressure, sodium hydroxide con-
centration, and temperature. Among these factors, oxygen
exerted the most intense effect on the reaction efficiency,
particularly at high NaOH concentration. This contradiction
was believed to be due to the effect of reaction temperature.
Under the same reaction condition, the trend of changes in
products yields of nitrobenzene oxidation at 130∘C and oxy-
gen oxidation at 100∘C was found to change reciprocally with
the increase of NaOH concentrations. At temperature 130∘C,
the products yield was increased at high NaOH concentra-
tion. Therefore, the combined effect of NaOH concentration
and temperature was suspected to be the key factor of this
finding. Oxygen oxidation is a multiphase gas-liquid-solid
system. Indeed, the rate of themass transfer from gas phase to
liquid affected the efficiency of the system. Lignin oxidation
by oxygen was reported to follow the mechanism of radical
chain reaction proposed by [38, 39]. High temperature and
alkali concentration were recommended in order to achieve
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Figure 2: Effects of sodium hydroxide’s concentration and time on the yields of (a) hydroxybenzoic acid, (b) p-hydroxybenzaldehyde, (c)
vanillic acid, (d) vanillin, (e) syringic acid, (f) syringaldehyde, (g) p-coumaric acid, and (h) ferulic acid during oxygen oxidation at 100∘C.
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high rate of initiation step (reaction of phenolate anion
with oxygen molecule) during oxygen oxidation. However,
the results of study by [38] showed that the initiate rate of
oxygen consumption reduced from 0.12 to 0.08 gmin−1 by
the increase of NaOH concentration from 80 to 120 g L−1
at 160∘C. Therefore, oxidation at lower temperature might
further reduce the rate of oxygen absorption in the reaction
at high NaOH concentration. Low oxygen absorption in the
medium will reduce the rate of initiation and thus the yields
of oxidation products. Nevertheless, verification on this
hypothesis is needed in further study.

Furthermore, subsequent oxidation of p-coumaric acid
and ferulic acid at prolonged reaction time probably was the
main cause for the decrease of these compounds [14, 17].
In addition, the data also indicated that the maximum yield
of these compounds was achieved at the shortest reaction
time (30min). Thus, the extended reaction time (>30min)
caused oxygen to loose its role in improving the yield of these
compounds. contrarily, it accelerates the rate of subsequent
oxidation of p-coumaric acid and ferulic acid in the formation
of aldehydes and then carboxylic acid [17]. Moreover, such
finding suggested that, at longer reaction time, atmospheric
oxygen is enough to fulfill the oxygen needs for mild oxygen
oxidation in releasing the esterified hydroxycinnamic acid
from the lignin network. In this study, temperature was
suspected to be the primary limiting factor for oxidation by
direct oxygen reaction. Study [38] demonstrated the effect of
thermodynamic in the mechanism of lignin oxidation.

3.3. Lignin Hydrolysis by Cutinase Enzyme (Novozym 51032).
Cutinase is a serine esterase (cutin hydrolase), particularly
acting on the carboxylic ester bonds. Due to the fact that
its active site cleft is partly covered by 2 disulfide bridges
formed by amino acid chains (hydrophilic nature) and not
buried under surface loop (hydrophobic nature), interfacial
activation is unnecessary for its catalysis, as it is easily
accessible to solvent and substrate. Moreover, oxyanion hole
in cutinase structure also allow catalytic activities towards
a broad variety of esters, from soluble to insoluble types
[40]. Until now, catalysis of cutinase toward lignin was not
reported in any publication. In this study the hypothesis
was initially made by expecting the cutinase to cleave ester
bonds on the lignin substrate. Ester bonds cleavage in lignin
network was hypothesized to generate esterified phenolic
compounds and modify the lignin molecular structure.
Table 1 presented the effects of pH, lignin concentration,
enzyme concentration, time, and temperature on the catalytic
efficacy of enzyme cutinase Novozym 51032 on lignin hydrol-
ysis. The aromatic compounds detected at a considerable
concentration were hydroxybenzoic acid, syringaldehyde,
vanillin, p-coumaric acid, and ferulic acid. The highest yield
was achieved by hydroxybenzoic acid (642.83 ± 14.45 ppm),
followed by syringaldehyde (70.19 ± 3.31 ppm) and ferulic
acid (50.19 ± 2.23 ppm) and then p-coumaric acid (27.06 ±
1.20 ppm) and eventually vanillin (22.80 ± 1.04 ppm). These
optimum yields were achieved by hydrolyzed lignin with
cutinase at pH 8 and 55∘C for 24 hours with 8%wt.
lignin and 0.625mL cutinase g−1 lignin. Under these reac-
tion conditions, about 8.04 ± 0.18mg hydroxybenzoic acid,

0.88 ± 0.04mg syringaldehyde, 0.63 ± 0.02mg ferulic acid,
0.34 ± 0.02mg p-coumaric acid, and 0.29 ± 0.01mg vanillin
have been successfully recovered from each gram of lignin
through this catalysis.

It was known that hydroxybenzoic acid, p-coumaric acid,
and ferulic acid were esterified components in the lignin
network. Thus, the finding suggested that the cleavage of
ester bonds within the lignin network by cutinase was the
leading factor in the production of these compounds. Because
cutinase is not an oxidative enzyme, syringaldehyde might
emerge from syringyl alcohol units, which was released after
lignin network deconstruction by the action of cutinase. Low
yield of vanillin was most likely formed by the oxidation of
the released free ferulic acid. Slow rate oxidationmay happen
under atmospheric oxygen condition. Nonetheless, further
study on the mechanism of cutinase toward lignin is neces-
sary for clear and definite understanding in this catalysis.

Based on the results shown in Table 1(a), pH 8 was
proven to be the optimum pH for maximum performance
of cutinase in lignin hydrolysis. At this pH, hydrolysate with
the maximum content of hydroxybenzoic acid (165.30 ±
2.51 ppm), syringaldehyde (14.94± 0.36 ppm), vanillin (8.02±
0.32 ppm), p-coumaric acid (7.72 ± 0.20 ppm), and ferulic
acid (14.06 ± 0.13 ppm) were produced. Besides, the results
also clearly indicated that the products yield and recovery
increased with the increase of pH to an optimum. After that,
increase in pH will be accompanied by decrease in yield.
Increase of pH from 7 to 10 had improved the products yield
and recovery significantly (𝑝 < 0.05). Increase to pH 12 had
caused adverse effects on both yield and recovery. This
result was in accordance with the study of [41]. Cutinase
catalysis rate was reported to be very low at pH below 7.
The reaction rate increased rapidly as pH was increased from
7.5 to 10. The finding showed that the action of cutinase
on lignin will produce aromatic compounds. Its maximum
yield was achieved at the optimum pH of enzyme. However,
maximum yield of vanillin was achieved at pH 12. Study
[34] indicated that the retroaldol reaction played significant
role in the alkaline oxidative destruction of lignin in vanillin
production. High alkalinity has been reported to increase
the rate of retro-aldol reaction in the formation aldehyde.
In the reaction of lignin oxidation, phenolate anion formed
following the dehydration of lignin structural units. Quinone
methide radical formed due to the abstraction of an electron
from the phenolate anion. Acid dissociation of quinone
methide radical gives rise to the formation of radical anion
with a partial delocalization of the unpaired electron in the 𝛾-
position of the propane chain. Eventually, vanillin is formed
as a result of oxidation reaction in the 𝛾-position, followed by
retroaldol reaction of substituted coniferyl aldehyde [34]. In
addition, ferulic acid was slowly converted to vanillin, under
highly alkaline condition [36].

In addition, the results in Table 1(b) also showed that
the highest products’ yields were achieved at the highest
lignin’s concentration (10%wt.). About 733.19 ± 26.68 ppm
of hydroxybenzoic acid, 77.78 ± 3.78 ppm of syringaldehyde,
25.39 ± 0.78 ppm of vanillin, 29.13 ± 2.72 ppm of p-coumaric
acid, and 56.95 ± 2.52 ppm of ferulic acid were successfully
produced at this condition. However, high substrate content
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Table 1: Effect of pH, solid content, enzyme concentration, time, and temperature on oxidation products yield from enzyme cutinase
hydrolysis on lignin (𝑝 < 0.05; 𝑛 = 3).

(a) pH

Compounds pH 7 pH 8 pH 10 pH 12
Yield Recovery Yield Recovery Yield Recovery Yield Recovery

Hydroxybenzoic
acid 153.14 ± 3.07A 7.66 ± 0.15a 165.30 ± 2.51B 8.27 ± 0.13b 162.72 ± 4.13B 8.14 ± 0.21b 156.14 ± 4.03A 7.81 ± 0.20ab

Syringaldehyde 13.89 ± 0.22B 0.70 ± 0.01b 14.94 ± 0.36C 0.75 ± 0.02b 13.93 ± 0.90B 0.70 ± 0.05b 2.71 ± 0.60A 0.14 ± 0.03a

Vanillin 3.33 ± 0.58A 0.17 ± 0.03a 8.02 ± 0.32B 0.40 ± 0.02b 8.49 ± 0.09B 0.42 ± 0.01b 9.55 ± 0.53C 0.48 ± 0.03b
p-Coumaric
acid 7.04 ± 0.21A 0.35 ± 0.01a 7.72 ± 0.20B 0.39 ± 0.01ab 8.22 ± 1.18B 0.41 ± 0.06b 6.83 ± 0.45A 0.34 ± 0.02a

Ferulic acid 13.80 ± 0.63B 0.69 ± 0.03b 14.06 ± 0.13B 0.70 ± 0.07b 13.68 ± 0.38B 0.68 ± 0.02b 7.78 ± 0.39A 0.39 ± 0.02a

Note.
A-BDifferent alphabets in the same row indicated that there are significant differences (𝑝 < 0.05) between the yields from different pH.
a-bDifferent alphabets in the same row indicated that there are significant differences (𝑝 < 0.05) between the recoveries from different pH.

(b) Lignin concentration

Compounds 2% wt. 5% wt. 8% wt. 10% wt.
Yield Recovery Yield Recovery Yield Recovery Yield Recovery

Hydroxybenzoic
acid 165.30 ± 2.51A 8.27 ± 0.13b 454.14 ± 11.66B 9.08 ± 0.23c 642.83 ± 14.45C 8.04 ± 0.18b 733.19 ± 26.68D 7.33 ± 0.27a

Syringaldehyde 14.94 ± 0.36A 0.75 ± 0.02a 49.70 ± 2.88B 0.99 ± 0.06b 70.19 ± 3.31C 0.88 ± 0.04b 77.78 ± 3.78D 0.79 ± 0.04a

Vanillin 8.02 ± 0.32A 0.40 ± 0.02c 16.65 ± 1.07B 0.33 ± 0.02b 22.80 ± 1.04C 0.29 ± 0.01a 25.39 ± 0.78D 0.25 ± 0.08a

p-Coumaric acid 7.72 ± 0.20A 0.39 ± 0.01c 19.07 ± 0.67B 0.38 ± 0.01b 27.06 ± 1.20C 0.34 ± 0.02a 29.13 ± 2.72C 0.29 ± 0.03a

Ferulic acid 14.06 ± 0.13A 0.70 ± 0.07c 39.02 ± 1.42B 0.78 ± 0.03c 50.19 ± 1.23C 0.63 ± 0.02b 56.95 ± 2.52D 0.57 ± 0.03a

Note.
A-BDifferent alphabets in the same row indicated that there are significant differences (𝑝 < 0.05) between the yields from different lignin concentration.
a-bDifferent alphabets in the same row indicated that there are significant differences (𝑝 < 0.05) between the recoveries from different lignin concentration.

(c) Enzyme concentration

Compounds 0.625mL cutinase g−1 lignin 1.25mL cutinase g−1 lignin 1.875mL cutinase g−1 lignin 2.5mL cutinase g−1 lignin
Yield Recovery Yield Recovery Yield Recovery Yield Recovery

Hydroxybenzoic
acid 642.83 ± 14.45B 8.04 ± 0.18b 557.80 ± 12.76A 6.97 ± 0.16a 569.66 ± 11.48A 7.12 ± 0.14a 542.94 ± 27.88A 6.79 ± 0.35a

Syringaldehyde 70.19 ± 3.31B 0.88 ± 0.04b 53.94 ± 1.20A 0.67 ± 0.02a 54.09 ± 3.00A 0.68 ± 0.04a 54.94 ± 4.67A 0.69 ± 0.06a

Vanillin 22.80 ± 1.04A 0.29 ± 0.01a 21.68 ± 0.48A 0.27 ± 0.01a 21.87 ± 0.71A 0.27 ± 0.01a 20.77 ± 1.12A 0.26 ± 0.01a

p-Coumaric acid 27.06 ± 1.20C 0.34 ± 0.02c 22.81 ± 1.44B 0.29 ± 0.02b 21.78 ± 0.65B 0.27 ± 0.01ab 19.69 ± 0.25A 0.25 ± <0.00a

Ferulic acid 50.19 ± 1.23B 0.63 ± 0.02b 46.94 ± 1.59A 0.59 ± 0.02a 46.33 ± 3.56A 0.58 ± 0.04a 46.93 ± 2.81A 0.59 ± 0.04a

Note.
A-BDifferent alphabets in the same row indicated that there are significant differences (𝑝 < 0.05) between the yields from different enzyme concentration.
a-bDifferent alphabets in the same row indicated that there are significant differences (𝑝 < 0.05) between the recoveries from different enzyme concentration.

(d) Time

Compounds 24 hours 48 hours 72 hours
Yield Recovery Yield Recovery Yield Recovery

Hydroxybenzoic
acid 642.83 ± 14.45A 8.04 ± 0.18b 592.59 ± 35.11A 7.41 ± 0.44a 649.62 ± 21.35A 8.12 ± 0.27b

Syringaldehyde 70.19 ± 3.31C 0.88 ± 0.04c 28.23 ± 0.55A 0.35 ± 0.01a 34.03 ± 2.01B 0.43 ± 0.03b

Vanillin 22.80 ± 1.04A 0.29 ± 0.01a 26.61 ± 1.80B 0.33 ± 0.02b 32.64 ± 2.35C 0.41 ± 0.03c

p-Coumaric acid 27.06 ± 1.20B 0.34 ± 0.02b 22.08 ± 0.59A 0.28 ± 0.01a 23.76 ± 1.63A 0.30 ± 0.02ab

Ferulic acid 50.19 ± 2.23C 0.63 ± 0.02b 41.77 ± 0.90A 0.52 ± 0.01a 43.39 ± 1.10B 0.54 ± 0.01a

Note.
A-BDifferent alphabets in the same row indicated that there are significant differences (𝑝 < 0.05) between the yields from different time.
a-bDifferent alphabets in the same row indicated that there are significant differences (𝑝 < 0.05) between the recoveries from different time.

(e) Temperature

Compounds 40∘C 55∘C 65∘C
Yield Recovery Yield Recovery Yield Recovery

Hydroxybenzoic
acid 492.54 ± 38.89A 6.16 ± 0.49a 557.80 ± 12.76B 6.97 ± 0.16b 498.88 ± 42.35A 6.24 ± 0.53a
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(e) Continued.

Compounds 40∘C 55∘C 65∘C
Yield Recovery Yield Recovery Yield Recovery

Syringaldehyde 35.22 ± 2.01A 0.44 ± 0.03a 53.94 ± 1.20B 0.67 ± 0.02b 60.12 ± 4.26C 0.75 ± 0.05c

Vanillin 15.99 ± 0.74A 0.20 ± 0.01a 21.68 ± 0.50B 0.27 ± 0.01b 23.44 ± 2.21B 0.29 ± 0.03b

p-Coumaric acid 13.94 ± 1.29A 0.17 ± 0.02a 22.81 ± 1.44B 0.29 ± 0.02b 13.01 ± 2.15A 0.16 ± 0.03a

Ferulic acid 37.81 ± 2.35B 0.47 ± 0.03a 46.94 ± 1.59C 0.59 ± 0.02b 31.74 ± 2.80A 0.40 ± 0.04a

Note.
A-BDifferent alphabets in the same row indicated that there are significant differences (𝑝 < 0.05) between the yields from different temperature.
a-bDifferent alphabets in the same row indicated that there are significant differences (𝑝 < 0.05) between the recoveries from different temperature.
Yield of oxidation products was expressed in unit part per million (ppm), while recovery of oxidation products from lignin was expressed in unit milligram
per gram of lignin (mg g−1 lignin).

was associatedwith lower compounds recovery.The products
recoveries were found to be reduced, while the substrate
content increased from 2%wt. to 10%wt. According to [41],
the rate of enzymatic hydrolysis increased by the increase
in substrate concentration. Further increase of substrate
concentrationwill cause slight decrease in the rate of catalysis.
The decrease could be due the absorption of cutinase onto
the insoluble substrate. High concentration of substrate in the
reaction mixture may promote high level of nonproductive
enzyme absorption onto the substrate. In addition, the
large molecular weight and compact molecular structure of
lignin might also contribute to low substrate binding at the
active site of cutinase. Study [42] proposed that enzyme
activity toward large molecular weight substrate could be
enhanced by substituting the residues near the active site
with a smaller residue to create more space in the active
site. Therefore, high substrate level must be avoided in the
native cutinase catalysis, particularly toward high molecular
weight substrate. According to the data obtained, optimum
recoveries of most of the compounds were achieved at 5%wt.
lignin, except for vanillin.The recoveries of these compounds
were increased by increasing the lignin’s concentration from
2 to 5%wt., but they declined when the concentration was
increased toward 10%wt. This finding was the same as study
[41]. Ultimately, 8%wt. lignin was selected as the optimum
point for the maximum catalytic performance of cutinase,
to obtain hydrolysate with the highest amount of aromatic
compounds.

Furthermore, the results in Tables 1(c) and 1(d) showed
that the increase in enzyme concentration and reaction
time produced lower yields and recoveries of aromatic com-
pounds from lignin hydrolysis by cutinase, except vanillin. By
increased enzyme concentration from 0.625 to 2.5mL cuti-
nase g−1 lignin, the yields of hydroxybenzoic acid, syringalde-
hyde, p-coumaric acid, and ferulic acid were diminished
from 642.83 ± 14.45 ppm, 70.19 ± 3.31 ppm, 27.06 ± 1.20 ppm,
and 50.19 ± 1.23 ppm to 542.94 ± 27.88 ppm, 54.94 ±
4.67 ppm, 19.69 ± 0.25 ppm, and 46.93 ± 2.81 ppm, respec-
tively. However, vanillin yield was not significantly affected
by the increase of enzyme concentration. Vanillin yields from
hydrolysis with 0.625 and 2.5mL cutinase g−1 lignin were
22.80 ± 1.04 ppm and 20.77 ± 1.12 ppm, respectively. More-
over, the results also demonstrated that the extended reaction

time from 24 to 72 hours had reduced the yield of syringalde-
hyde (from 70.19 ± 3.31 to 34.03 ± 2.01 ppm), p-coumaric acid
(from 27.06 ± 1.20 to 23.76 ± 1.63 ppm), and ferulic acid (from
50.19± 2.23 to 43.39± 1.10 ppm), while it increased the yield of
vanillin (from22.80± 1.04 to 32.64± 2.35 ppm).Nevertheless,
the yield hydroxybenzoic acidwas unaffected, even at the pro-
longed reaction time. There was 642.83 ± 14.45 and 649.62 ±
21.35 ppm of hydroxybenzoic acid produced at 24 and 72
hours reaction, respectively. According to study [43], the
increase of both of these factors has resulted in an increase of
cotton wax removal from cotton fabric. Once the optimum
point was reached, no additional removal was observed by
further increase in enzyme concentration and reaction time.
However, opposite results have been demonstrated in this
study. The mechanism of action of cutinase toward lignin
is still not fully understood. Thus, it was unclear why slight
reduction of yield aromatic compounds was observed when
these factors were increased. In spite of that, the lowest
enzyme’s loading (0.625mL cutinase g−1 lignin) and shortest
reaction time (24 hours) were found to be adequate in
achieving maximum recovery of aromatic compounds from
lignin hydrolysis. High vanillin yield was probably due to the
conversion of free ferulic acid after a prolonged reaction time.
This suggestion was supported with the results as shown,
where the decrease of ferulic acid correlates very well with
the increase of vanillin.

Temperature is the most critical factor affecting the
performance and stability of enzyme catalysis process. Based
on the results obtained, it was distinctly indicated that
55∘C was the optimum temperature for cutinase catalysis.
At this optimum temperature, about 557.80 ± 12.76 ppm of
hydroxybenzoic acid, 53.94 ± 1.20 ppm of syringaldehyde,
21.68 ± 0.50 ppm of vanillin, 22.81 ± 1.44 ppm of p-coumaric
acid, and 46.94 ± 1.59 ppm of ferulic acid were produced.
The release of aromatic compounds during hydrolysis was
in similar manner to the effect of pH. The yields of com-
pounds and recoveries were lower when the hydrolysis
was performed at the lowest (40∘C) and highest (65∘C)
temperature. According to a study [42], cutinase has a
good stability in the temperature range of 20–50∘C. Study
[44] demonstrated that optimum activity of cutinase was
achieved at temperature range of 40–50∘C. Therefore, the
optimum temperature determined in this study has been
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Table 2: Oxidation products from the enzymatic catalysis of manganese peroxidase (MnP) (𝑝 < 0.05; 𝑛 = 3).

Compounds Without MnP With MnP
Yield Recovery Yield Recovery

Hydroxybenzoic acid 468.58 ± 16.26A 6.85 ± 0.24a 459.48 ± 6.47A 6.72 ± 0.10a

Vanillic acid 10.66 ± 0.81A 0.16 ± 0.01a 13.81 ± 0.85B 0.20 ± 0.01b

Vanillin 11.74 ± 0.53A 0.17 ± 0.01a 12.48 ± 0.66A 0.18 ± 0.01a

p-Coumaric acid 12.30 ± 0.40A 0.18 ± 0.01a 12.42 ± 0.87A 0.18 ± 0.01a

Ferulic acid 19.61 ± 0.58A 0.29 ± 0.01a 21.39 ± 1.45A 0.31 ± 0.02b

Note.
A-BDifferent alphabets in the same row indicated that there are significant differences (𝑝 < 0.05) between the yields from different catalysis.
a-bDifferent alphabets in the same row indicated that there are significant differences (𝑝 < 0.05) between the recoveries from different catalysis.

supported by previous investigators. However, the maximum
vanillin (23.44 ± 2.21 ppm; 0.29 ± 0.03mg g−1 lignin) and
syringaldehyde (60.12 ± 4.26 ppm; 0.75 ± 0.05mg g−1 lignin)
yield and recovery were achieved at the highest temperature
(65∘C). High yield of both compounds can be attributed to
the release of appropriate phenolics from lignin after the
cutinase reaction, then followed by slowoxidation under high
temperature (65∘C) and alkalinity (pH 8).

3.4. Lignin Oxidation byManganese Peroxidase (MnP). Man-
ganese peroxidase (MnP) is a class II peroxidase group
in basidiomycetous fungi. It is an extracellular ligninolytic
enzyme containing a heme protein and a highly specific
Mn2+ binding site. During MnP-catalyzed oxidation, the
chelated Mn3+ ion, but not MnP itself, acts as a low molec-
ular weight mediator and freely diffusible oxidizing species
which will ultimately perform oxidative depolymerization of
lignin/lignin model compounds [13, 45, 46]. Table 2 showed
the yields and recoveries of phenolic compounds from
manganese peroxidase (MnP) catalysis on lignin. The results
clearly indicated that hydroxybenzoic acid, vanillic acid,
vanillin, p-coumaric acid, and ferulic acid were generated at
a pronounced level under the designed reaction condition.
About 459.48 ± 6.47 ppm of hydroxybenzoic acid, 13.81 ±
0.85 ppm of vanillic acid, 12.48 ± 0.66 ppm of vanillin, 12.42 ±
0.87 ppm of p-coumaric acid, and 21.39 ± 1.45 ppm of ferulic
acid were produced from lignin after MnP catalysis. Based
on the results obtained, the yield of hydroxybenzoic acid
was the highest, followed by ferulic acid and lastly vanillic
acid, vanillin, and p-coumaric acid. However, the yields and
recoveries of these compounds, except vanillic acid from
MnP-catalyzed reaction, were found to be not significantly
different (𝑝 > 0.05) with the experiment control. The yield of
hydroxybenzoic acid, vanillin, p-coumaric acid, and ferulic
acid from experiment control (reaction without MnP) were
468.58± 16.26, 11.74± 0.53, 12.30± 0.40, and 19.61± 0.58 ppm,
respectively. However, the yield of vanillic acid was improved
from 10.66 ± 0.81 to 13.81 ± 0.85 ppm in the presence of
MnP. Thus, presumably, the release of these compounds
was probably due to the oxidation reaction activated by
other components in the reaction medium, but not due to
the catalytic action of MnP. With this, the role of MnP
in the catalysis of lignin deconstruction was found to be
insignificant in this study. Such finding can be explained by

the study [47] where the role of chelated Mn3+ ion in the
oxidation of lignin/ligninmodel compoundswas emphasized
in their study. A prominent lignin oxidation reaction was
found to occur with the presence of Mn3+ and chelator
(such as oxalate, pyrophosphate) without MnP. In spite of
that, lower rate of oxidation was also found to take place
in the media containing Mn2+, chelator, and H

2

O
2

only.
Mechanism of MnP in oxidative catalysis was demonstrated
by study [15, 23]. Catalytic cycle of MnP is initiated by
the binding of H

2

O
2

to ferric ion of MnP, forming iron-
peroxide complex. Subsequently, MnP compound I (Fe4+-
oxo-porphyrin-radical complex) formed, after the cleavage of
peroxide oxygen-oxygen bond by accepting 2 electrons from
heme of MnP. A monochelated Mn2+ ion will then act as an
electron donor to the reduced MnP compound I into MnP
compound II (Fe4+-oxo-porphyrin complex) by cleaving the
dioxygen bond hydrolytically. As a result, a water molecule
was generated and Mn2+ was oxidized to Mn3+. Similar
mechanism was indicated for reduced MnP compound II to
generate native MnP. Thus, for each MnP catalytic cycle, two
Mn3+ ions and two water molecules were generated. During
lignin degradation, reactive phenolic radical was formed
by the nonspecific Mn3+ ion attack via hydrogen and one
electron abstraction. The generated reactive radicals led to
depolymerization of lignin. Besides, reaction system of MnP,
chelator, Mn2+, and H

2

O
2

was also found to catalyze C
𝛼

-C
𝛽

cleavage, C
𝛼

-oxidation, and alkyl-aryl cleavages of phenolic
syringyl type 𝛽-1 lignin structure. However, only small part of
aromatic structures of lignin comprised of phenolic hydroxyl
groups.The abundant nonphenolic substructures of lignin are
not susceptible to the attack by chelated Mn3+ ion [15, 48].
Moreover, undistinguished role ofMnP in lignin degradation
was also published in study [49]. In the study, meaningful
lignin degradation cannot be achieved by single enzymeMnP,
because the enzyme was only active in the initial stage of
lignin depolymerization. Bonds cleavages near the end units
of lignin polymer, where the free phenolic hydroxyl content
is the highest, were predominant during MnP catalysis.
With this, free phenolic compounds from the lignin network
released. Such published findings supported our results in
this study. Referring to the results in Table 2, the generated
aromatic compounds were the esterified hydroxycinnamic
acids originally present in the lignin network. Nonetheless,
vanillin and vanillic acid were regarded as the oxidation
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Table 3: Comparison of aromatic compounds yields from lignin oxidation/deconstruction through nitrobenzene oxidation, oxygen
oxidation, cutinase catalysis and manganese peroxidase (MnP) catalysis (𝑛 = 3; 𝑝 < 0.05).

Compounds Compounds’ recovery (mg g−1 lignin)
Nitrobenzene Oxygen Cutinase MnP

Hydroxybenzoic acid 16.66 ± 2.47c 16.40 ± 1.98c 8.04 ± 0.18b 6.72 ± 0.10a

p-Hydroxybenzaldehyde 0.28 ± 0.01a 0.25 ± <0.00a n.d n.d
Vanillic acid 1.28 ± 0.08b 1.26 ± 0.06b n.d 0.20 ± 0.01a

Vanillin 8.43 ± 1.16d 1.30 ± 0.11c 0.29 ± 0.01b 0.18 ± 0.01a

Syringic acid 3.77 ± 0.34b 2.08 ± 0.03a n.d n.d
Syringaldehyde 40.76 ± 2.09c 3.92 ± 0.04b 0.88 ± 0.04a n.d
p-Coumaric acid 0.76 ± 0.11c 1.08 ± 0.06d 0.34 ± 0.02b 0.18 ± 0.01a

Ferulic acid 2.24 ± 0.17c 2.02 ± 0.13c 0.63 ± 0.02b 0.31 ± 0.02a

Note.
a-bDifferent alphabets in the same row indicated that there are significant differences (𝑝 < 0.05) between the mean values from different treatments.
n.d represents not detected.

products from free ferulic acid in the medium. Besides,
oxidation of p-coumaric acid can also contribute to the yield
of hydroxybenzoic acid.

3.5. Comparative Efficacy of Various Lignin Oxidation Meth-
ods. Based on previous results and discussion, it was found
that the types and yields of compounds produced from
lignin oxidation produced by variousmethods were different.
Table 3 showed the different types and yields of aromatic
compounds obtained from nitrobenzene, direct oxygen, cuti-
nase, and MnP oxidation of lignin. Generally, performance
of enzymatic reaction (cutinase and MnP) was found to be
poorer than chemical process (nitrobenzene and oxygen).
For chemical oxidation, the rate of retroaldol reaction deter-
mined the efficacy of the reactions. In order to achieve highly
effective oxidation, a more severe reaction environment such
as high temperature, high pH, and strong oxidant has to be
established. Awide variety ofmain products and by-products
can generate, depending on the reaction condition [34, 37,
38]. Yet, specific bond cleavage, such as ester bond by cuti-
nase, contributed to the efficiency of enzymatic reaction.The
total of productive binding of active site to substrate deter-
mines the effectiveness of enzymatic conversion. In general,
milder reaction condition was normally designed for enzy-
matic process. Physicochemical properties of large molecular
weight substrate such as ligninmay also affect the efficiency of
active site binding and thus influence the overall performance
of enzymatic reaction [42, 48, 50, 51]. In addition, the results
also showed that enzyme cutinase was more efficient than
MnP, in the release of aromatic compounds from lignin.
The yields of aromatic compounds obtained from cutinase
catalysis were higher than those obtained via MnP catalysis.
As discussed in Section 3.4, it was proposed that the enzyme
MnP has not been found to participate actively in oxidizing
OPEFBF lignin. Study [49] suggested that lignin oxidation
only can occur effectively in the presence of mixed enzyme
MnP and lignin peroxidase. The products produced were
solely caused by the action of Mn3+ ion generated via
autooxidation between H

2

O
2

and MnSO
4

. Restriction of

Mn3+ to attack lignin is the main reason of insignificance of
MnP in this catalysis. Furthermore, the success ofmonomeric
aromatic compounds production through lignin hydrolysis
by cutinase is a pioneering discovery in this study. Further
study in this research is necessary for the improvement of the
products’ yield.

Overall, nitrobenzene oxidation was proved to be the
best method of lignin fragment oxidation, followed by direct
oxygen oxidation in generating aromatic compounds from
lignin. This finding was supported by study [16], where
nitrobenzene oxidation has been declared as the best oxida-
tionmethod to produce high yield of aromatic aldehyde from
lignin. However, study [27] reported an opposite finding.
Direct oxygen oxidation has been suggested to be capable of
producing higher yield of monomeric aromatic compounds
than nitrobenzene oxidation when elevated temperature and
pressure applied. Based on the data obtained, the yields of
vanillin, syringic acid, and syringaldehyde obtained from
nitrobenzene oxidation were the highest, while direct oxygen
oxidation produced the highest yield of p-coumaric acid.This
finding suggested that mild oxygen oxidation carried out in
this study has preserved the p-coumaric acid from further
oxidation. Besides, the highest yield of vanillin, syringic
acid, and syringaldehyde from nitrobenzene oxidation also
suggested that it was a more severe oxidation method than
oxygen oxidation.

4. Conclusion

Among the tested protocols, nitrobenzene oxidation, fol-
lowed by direct oxygen oxidation, was the best method
in oxidizing lignin for the production of monomeric aro-
matic compounds. In this study, cutinase-catalyzed lignin
hydrolysis was proposed for the first time in the pro-
duction of hydroxybenzoic acid, p-coumaric acid, ferulic
acid, syringaldehyde, and vanillin. Unexpectedly, cutinase-
catalyzed lignin hydrolysis performed better than MnP-
catalyzed lignin oxidation. Thus, further study on cutinase
reaction on lignin is necessary.
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Feasible biorefineries for production of second-generation ethanol are difficult to establish due to the process complexity. An
alternative is to partially include the process in the first-generation plants. Whole stillage, a by-product from dry-mill ethanol
processes from grains, is mostly composed of undegraded bran and lignocelluloses can be used as a potential substrate for
production of ethanol and feed proteins. Ethanol production and the proteins from the stillage were investigated using the edible
fungi Neurospora intermedia and Aspergillus oryzae, respectively. N. intermedia produced 4.7 g/L ethanol from the stillage and
increased to 8.7 g/L by adding 1 FPU of cellulase/g suspended solids. Saccharomyces cerevisiae produced 0.4 and 5.1 g/L ethanol,
respectively. Under a two-stage cultivation with both fungi, up to 7.6 g/L of ethanol and 5.8 g/L of biomass containing 42% (w/w)
crude protein were obtained. Both fungi degraded complex substrates including arabinan, glucan, mannan, and xylan where
reductions of 91, 73, 38, and 89% (w/v) were achieved, respectively. The inclusion of the current process can lead to the production
of 44,000m3 of ethanol (22% improvement), around 12,000 tons of protein-rich biomass for animal feed, and energy savings
considering a typical facility producing 200,000m3 ethanol/year.

1. Introduction

Currently bioethanol is the dominant biofuel in the transport
sector. Corn and sugarcane are the most widely used feed-
stock in the bioethanol industry, following other materials
such as wheat and crop roots [1]. In addition to ethanol, dry-
mill starch-based processes also produce DDGS (Distillers
Dried Grains with Solubles), a source of protein for animal
feed from the fermentation residues. After the fermentation
and distillation of ethanol, the slurry leaving the bottom of
the column (whole stillage) contains the oil, protein, fibre,
and other unfermented components of the grains and yeast
cells [2]. Up to 20 litres of whole stillage is produced per
litre of ethanol from corn or wheat grains [3], which means
a global production of more than a billion tons per year.
Whole stillage undergoes a centrifugation step to produce
a liquid fraction (thin stillage), 15% or more of which is
used as backset water and a solid fraction (wet distiller’s

grains). The syrup resulting from the series of evaporations
of the remaining thin stillage is dried with the wet distiller’s
grains to produce DDGS (Figure 1) [2]. In 2011, the ethanol
sector produced ca. 86 million metric tons of ethanol and
68 million tons of DDGS [4, 5]. Reasonably, the revenues
from the DDGS play an important role for the overall process
economics [1] due to its large volume, which make up for the
relatively low value which also presents an opportunity, since
relatively small improvements can have a large impact. The
large economic importance of the DDGS also puts a limit on
the potential solutions, since the feed quality ofDDGS cannot
be compromised. In practice, this means that any retrofitting
must fulfil feed quality standards, which also includes any
introduced microorganism [6]. A potential solution is to use
edible filamentous fungi to produce ethanol and protein-rich
fungal biomass.

Filamentous fungi are known to be able to produce a
wide array of enzymes enabling them to degrade complex
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Figure 1: Overall industrial scheme of production of ethanol from grains with process modifications via inclusion of the process of ethanol
production from whole stillage by N. intermedia (highlighted boxes). The indication of TS, production volumes, and composition relate to
the normal process without inclusion of the process of ethanol production from whole stillage.

substrates. This is one of the reasons that some filamentous
fungi such as Neurospora intermedia and Aspergillus oryzae
are used for production of fermented food such as oncom [7]
and enzymes for feed, beverage, textile, and paper and pulp
industries, respectively [8].Many fungi also have the ability to
utilize sugars such as xylose that baker’s yeast (Saccharomyces
cerevisiae) cannot assimilate. These advantages have sparked
a research interest in developing new processes based on
filamentous fungi. Related examples include fungal biomass
production from spent sulphite liquor [9] and corn-based
thin stillage [10] with Rhizopus sp. and ethanol and fungal
biomass production from wheat-based thin stillage with
N. intermedia [11]. N. intermedia was found to produce
the highest amount of ethanol (5 g/L) in comparison to
other ascomycetes such as A. oryzae, Fusarium venenatum,
Monascus purpureus, and the zygomycete Rhizopus sp. and
its biomass was 56% (w/w) crude protein. Implemented in
a bioethanol process both production of ethanol and fungal
biomass from the residues have the advantage of being
relatively easy to separate through filtration and evaporation.
The latter is already in use in the drying process for theDDGS,
with the condensate being sent back to the beginning of
the ethanol production process. The ethanol produced by N.
intermedia would therefore only influence the overall indus-
trial process by increasing the final ethanol concentration in
the mash and would be separated in the normal distillation
step.

Whole stillage has a theoretically higher potential for
ethanol production than thin stillage as a higher solid
content is available. This solid content consists mainly of
undegraded bran if whole-meal wheat is used as feedstock
and is thus a lignocellulosic material. Ethanol production
from whole stillage could therefore not only result in even
more ethanol being produced from current resources, but

also serve as an important step towards second-generation
ethanol. Information regarding production of ethanol from
whole stillage is currently lacking in the scientific litera-
ture. Being of lignocellulosic origin, addition of enzymes
might enhance the production of ethanol via degradation or
increase of the degradation rate of complex substrates that
N. intermedia might naturally assimilate. The commercial
available cellulase has widely been used for conversion of
cellulose to fermentable sugars [12–14]. However, the high
solid content of the whole stillage hampers a clear separation
of the produced fungal biomass if a purified protein-rich
fungal product for feed applications is desired. A two-
stage cultivation including ethanol production followed by
biomass production after separation of the suspending fibres
might represent an alternative.

In this study, the potential of whole stillage as a substrate
for production of ethanol was investigated. Special focus was
on the influence of enzyme loading and different whole stil-
lage fractions on ethanol production. A comparison of pro-
duction of ethanol fromwhole stillage betweenN. intermedia
and baker’s yeast S. cerevisiae was also carried out in order to
investigate the need to introduce a newmicroorganism in the
established industrial process. Furthermore, a novel strategy
based on a two-stage cultivation was also investigated includ-
ing ethanol production byN. intermedia under simultaneous
saccharification and fermentation followed by production of
protein-rich biomass by Aspergillus oryzae after the medium
had been distilled and sieved.

2. Materials and Methods

2.1. Substrate. The whole stillage, originating from a dry-
mill bioethanol production process based mainly on whole-
meal wheat, was kindly provided by Lantmännen Agroetanol
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(Norrköping, Sweden). The whole stillage, originated from
a single batch, was autoclaved for 30 minutes at 121∘C and
stored at 4∘C until use.

2.2. Microorganisms. The ascomycetes Neurospora interme-
dia CBS 131.92 and Aspergillus oryzae var. oryzae CBS 819.72
(Centraalbureau voor Schimmelcultures, Netherlands) were
used andmaintained on potato dextrose agar (PDA)medium
containing 20 g/L glucose, 15 g/L agar, and 4 g/L potato
extract. New plates were prepared via incubation at 30∘C for
3-4 days and stored at 4∘C. Spore solutions for inoculation
were prepared by flooding each plate with 20mL sterile
distilled water and disposable plastic spreaders were used
to release the spores into the liquid. Spore concentration
was determined by using a counting chamber. Ethanol Red
(Fermentis, France), a specially selected strain of Saccha-
romyces cerevisiae for industrial ethanol production, was
also used and maintained on yeast peptone dextrose agar
(YPDA) medium, containing 20 g/L glucose, 20 g/L agar,
20 g/L peptone, and 10 g/L yeast extract. New plates were
prepared via incubation at 30∘C for 2 days and stored at 4∘C.
For inoculation one yeast colony was added to the medium.

2.3. Cultivation in Shake-Flasks. Cultivation was, unless oth-
erwise noted, carried out in cotton plugged 250mL wide-
necked Erlenmeyer flasks containing 150mL of medium
autoclaved at 121∘C for 20min. A water bath was used to
maintain the temperature at 35∘C and continuous shaking at
125 rpm. Each flaskwas inoculatedwith 3mLofN. intermedia
spore solution, resulting in 1.14 (±0.53) × 105 spores/mL.
Stillage was adjusted to pH 5 prior to cultivation with
10M NaOH and 6M HCl. Samples were taken from the
fermentation broth at predetermined times and centrifuged
at 10,000×g for 10 minutes. The supernatant was kept at
−20∘C until analysis. Unless otherwise stated, cultivation was
done in duplicate.

2.3.1. Whole Stillage. Undiluted whole stillage was treated
with 0, 1, 5, and 10 FPU Cellic Ctec2/g SS (Novozymes,
Denmark). Enzyme was added along with spore solution and
cultivation was carried out for 120 h.The enzyme activity was
94 FPU/mL.

2.3.2. Fractionation. Whole stillage was divided into 3 frac-
tions, large particles by sieving, small particles by centrifu-
gation using a semicontinuous centrifuge (CEPA, Germany)
at 29,000×g and a flow of 5 L/h, and the remaining liquid
phase. The solid particles were washed with distilled water
and were finally resuspended in distilled water to achieve the
same concentration as in the whole stillage. Cultivation in
triplicate was carried out with N. intermedia for 120 h, both
with and without addition of 1 FPU Cellic Ctec2/g SS.

2.3.3. Comparison with S. cerevisiae. Cultivation of whole
stillage was also carried out using S. cerevisiae, both as
monocultures and as cocultures with N. intermedia. Flasks
that were inoculated with monocultures were done with and
without enzyme treatment. Enzyme load was 1 FPU/g SS.
Cultivation was carried out for 120 h.

2.3.4. Carbohydrate Assimilation. Carbohydrate assimila-
tion was examined using semisynthetic medium containing
7.5 g/L (NH

4
)
2
SO
4
, 3.5 g/L KH

2
PO
4
, 1.0 g/L CaCl

2
⋅2H
2
O,

0.75 g/L MgSO
4
⋅7H
2
O, 10mL/L trace metal solution, 5 g/L

yeast extract, and different carbon sources. Carbon sources
were cellobiose, starch, cellulose (Avicel), and xylan (30 g/L,
resp.). Cultivation time was 144 h for cellobiose and starch
and 166 h for Avicel and xylan.

2.4. Cultivation in a Bioreactor. Whole stillage was cultivated
in a 2.5 L continuous-stirred tank reactor (CSTR) (Biostat A,
B. Braun Biotech International, Germany). The cultivation
was carried out in two 72 h stages. In both cases temperature
was controlled and kept at 35∘C, stirring at 250 rpm, air
flow rate at 25 L/h, and pH at 5.0 with addition of 2M
NaOH or 2M H

2
SO
4
. The 24 h inoculums were prepared in

250mL wide-necked Erlenmeyer flasks containing 100mL of
yeast peptone dextrose medium (YPD) composed of 20 g/L
glucose, 5 g/L peptone, and 5 g/L yeast extract. Incubation
was carried out as described before. In the first stage of
cultivation, 1 FPU cellulase/g SS and the inoculum of N.
intermedia (dry weight: 1.82 ± 0.31 g/L) were added to 2.01
(±0.01) kg of whole stillage. After 72 h cultivation, ethanol
in the broth was separated from the remaining liquid using
a rotary evaporator (Laborota 20 eco, Heidolph, Germany)
at 110∘C, 20 rpm, and 400mbar. The evaporated water was
compensated for by addition of distilled water and the
mediumwas sieved. In the second stage of the experiment, 1 L
of the obtained liquid was inoculated with previously grown
A. oryzae biomass (dry weight: 2.70 ± 0.25 g/L). Cultivation
was carried out in duplicate.

2.5. AnalyticalMethods. Stillage suspended solid content was
determined by washing and vacuum filtration with Büchner
funnel and Whatman (Cat. number 1001-070) filter paper,
followed by drying at 70∘C for 24 hours. Total solid and dry
content were determined by drying the material in oven at
70∘C for 24 h, achieving constant weight. Harvested biomass
was dried following the same protocol.

Crude protein content was determined according to the
Kjeldahl method applying digestion, distillation, and acid-
base titration using an InKjel P digestor and a behrotest
S1 distiller (behr Labor-Technik, Germany). Digestion was
carried out by adding 20mL of 98% (v/v) H

2
SO
4
, antifoam,

and KT1 tablets (Thompson & Capper Ltd., UK) to 0.51 ±
0.04 g material for a total duration of 100 minutes at 100%
power (of which 10min was for heating up the system).
Digestion was followed by neutralization of the digested
solutionwith 32% (w/w)NaOHanddistillation for 5min.The
distillation vapour was trapped in 50mL of 4% H

3
BO
4
. Final

titration was carried out with 0.100M of HCl until pH 4.6. A
factor of 6.25 was used to calculate the crude protein content.

Spore concentration was determined using a Bürker
counting chamber.The spores were counted in 144 E-squares
(1/250 𝜇L) and a final concentration of solution was calcu-
lated.

For identifying and quantifying different components of
the broth samples high performance liquid chromatography
(HPLC) (Waters 2695, Waters, Milford, USA) analysis was
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used. Acetic acid, ethanol, glucose, glycerol, lactic acid,
and xylitol were analysed using an analytical ion exchange
column based on hydrogen ions (Aminex HPX-87H, Bio-
Rad,USA) operated at 60∘Cwith 0.6mL/min of 5mMH

2
SO
4

as eluent. Arabinose, galactose, glucose, mannose, and xylose
were analysed using a lead(II)-based column (HPX-87P, Bio-
Rad) with twoMicro-GuardDeashing (Bio-Rad) precolumns
operated at 85∘Cwith 0.6mL/min ultrapurewater as eluent. A
UV absorbance detector (Waters 2487), operating at 210 nm
wavelength, was used in series with a refractive index (RI)
detector (Waters 2414).

Structural carbohydrates of the solid biomass samples
were prepared for determination according to NREL/TP-
510-42618 [15]. Total amount of dissolved carbohydrates
was determined according to NREL/TP-510-42623 [16]. The
cellulase Cellic Ctec2 activity was measured according to
NREL/TP-510-42628 [17] using a Biochrom Libra spec-
trophotometer (Biochrom, UK).

All analyses were carried out in duplicate and reported
intervals and error bars are ±2 standard deviations, unless
otherwise noted.

2.6. Statistical Analysis. Statistical analysis of the data
obtained from the enzyme loading experiments was per-
formed using the software packageMINITAB 17. Results were
analysed with ANOVA (analysis of variance) using general
linear models with a 95% confidence interval.

3. Results and Discussion

The economical robustness of established biorefineries can
greatly rely on its intrinsic capacity to further improve
the process. The strategy normally involves the valorisa-
tion of side streams via production of value-added chem-
icals. The process of a typical ethanol plant (200,000m3
of ethanol/year) from corn or wheat grains can give rise
to up to 4 million m3 of whole stillage [3]. Moreover, the
additional steps (Figure 1) in order to produce the DDGS
including centrifugation of the whole stillage, evaporation
of the thin stillage, and drying are responsible for a large
fraction of the overall process energy expenses [18]. Thin
stillage, originating from a whole-wheat ethanol process, has
been successfully investigated for further ethanol production
[11] using N. intermedia. Further studies have shown that
dissolved saccharides and sugar polymers (e.g., xylan) present
in the suspended solids are among the carbon sources that
N. intermedia can assimilate and convert to ethanol [19].
Considering that the whole stillage has not gone through
a first centrifugation step yet, its suspended solid content
is higher and so is its potential for production of ethanol.
Moreover, the changes and low investment needed for the
inclusion of production of ethanol byN. intermedia from thin
stillage would be similar to those needed if the cultivation
medium is whole stillage (Figure 1).

From the parameters evaluated and presented in Table 1,
the stillage used in this work was composed of around 60 g/L
of potential carbon sources in addition to its relevant amount
of crude protein. Glucose- and xylose-based dissolved sac-
charides and the polymers glucan and xylan, all potential

substrates for ethanol production, made up around 38%
and 14% of the measured carbon sources, respectively. The
use of enzymes in order to increase the ethanol production
from lignocellulosic substrates has been widely investigated
and demonstrated in the literature [20]. Therefore, research
on the effect of cellulase complex Cellic Ctec2 addition on
ethanol production from whole stillage using N. intermedia
was carried out in this work. A performance comparison
between the widely used baker’s yeast S. cerevisiae and N.
intermedia towards ethanol production was also carried out.
Research on production of a second value-added product,
namely, fungal biomass, for feed applications was further
studied by applying a two-stage cultivation strategy.

3.1. Effect of Cellulase Loading on Ethanol Production. Undi-
luted stillage was treated with different loadings of cellulase
and cultivation was carried out in simultaneous sacchari-
fication and fermentation mode. As depicted in Figure 2,
the addition of enzyme led to clear improvements in the
maximum ethanol production in comparison to that when
no enzyme was added (𝑝 value = 0.000).The highest amount
of ethanol (11.6 ± 0.8 g/L) and the highest production rate
(232 ± 6mg/L/h) were achieved when the highest enzyme
loading was used. However, the most striking differences
were observed between the absence of enzyme and its use
at 1 FPU/g SS where an increase of 85% and 98% was
achieved in the ethanol production and production rate,
respectively.Moreover, remarkable differences were observed
when cellulase was added to the medium regarding the
release of sugars (glucose and other sugars), production
of xylitol, and carbon source consumption patterns during
cultivation.Within the sampling time used in this work, up to
14 g/L of glucosewas detectedwhen the highest concentration
of enzyme was used. Moreover, up to 160% increase in xylitol
production and up to 324% increase in the release of other
sugars were detected. Total consumption of acetic acid and
no significant changes in the glycerol concentration were
observed at all tested conditions. The consumption of xylitol
and of the other sugars showed a decreasing and increasing
trend, respectively, at gradually higher enzyme loadings. The
xylitol production indicates thatN. intermedia had consumed
xylose and that its conversion occurs probably via the general
fungal pathway [21]. Moreover, the higher consumption of
other sugars when enzyme is added might be related to the
higher amount of free glucose in the medium. Davis et al. [3]
have noticed a higher consumption of xylosewhen the stillage
medium was supplemented with glucose.

The amount of enzyme added during hydrolysis of
lignocellulose-based or derived substrates contributes to a
large fraction of the process costs and therefore its amount
must be minimised. In this work, the effect of the addition of
enzyme diminished at gradually higher concentrations since
0.35 ± 0.02, 0.13 ± 0.00, and 0.08 ± 0.00 g ethanol/L/FPU
were obtained when 1, 5, and 10 FPU were used, respectively.
Therefore, considering the amount of ethanol producedwhen
progressively higher concentrations of cellulase were used,
1 FPU of enzyme/g SS was chosen and used in further
studies.
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Table 1: Characteristics of the mostly wheat-based stillage used in the study.

Parameter Value Dissolved monomers (g/L) Dissolved saccharides (g/L)c Sugar polymers (g/L)d

Parameter Value Parameter Value Parameter Value
pH 4.3 ± 0.0 Acetic acid 0.4 ± 0.1 Arabinose 6.3 ± 0.1 Arabinan 1.8 ± 0.1
Total solids (% w/w) 15.6 ± 0.1 Arabinose 1.6 ± 0.1 Galactose 1.7 ± 0.0 Galactan 0.3 ± 0.0
Suspended solids (% w/w) 8.8 ± 0.0 Ethanol 0.7 ± 0.0 Glucose 12.0 ± 0.3 Glucan 4.7 ± 0.1
Sieved solids (% w/v) 3.2 ± 0.2 Glucose 1.4 ± 0.1 Mannose 2.4 ± 0.1 Mannan 0.6 ± 0.0
Crude protein (% w/w)a 32.0 ± 0.6 Glycerol 12.0 ± 0.1 Xylose 9.7 ± 0.1 Xylan 3.6 ± 0.1
Crude protein (% w/w)b 15.1 ± 3.9 Lactic acid 1.7 ± 0.0

Xylitol 0.6 ± 0.1
Xylose 0.7 ± 0.1

aBased on dry total solids.
bBased on dry sieved solids.
cDissolved monomers included.
dFrom dry sieved solids.
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Figure 2: Profiles of ethanol, xylitol, glucose, and other sugars during cultivation of N. intermedia in whole stillage with 0 (diamonds), 1
(squares), 5 (triangles), and 10 (circles) FPU of cellulase per g of suspended solids. Error bars represent two standard deviations.
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Figure 3: Ethanol production profiles during N. intermedia cul-
tivation in undiluted whole stillage (diamonds) and its fractions
(supernatant (circles), “small particles” (squares), and “large par-
ticles” (triangles)) with (dashed lines) and without (straight line)
cellulase addition. Error bars represent two standard deviations.

3.2. Whole Stillage Fractions Contribution to Ethanol Produc-
tion. Whole stillage is a complex medium in which both
solid and liquid fractions contain carbon sources which N.
intermedia can use to produce ethanol. Therefore, unveiling
which fraction contributes the most to the production of
ethanol gives an important input towards process under-
standing of ethanol production from this side stream. Whole
stillage was divided into three fractions, namely, sieved
solids named “large particles,” solids after centrifugation
named “small particles,” and the supernatant. The carbon
sources available were around 39 g/L in the supernatant and
around 10 g/L and 12 g/L in the large and small particles,
respectively. The production of ethanol was studied with
addition or absence of 1 FPU cellulase/g SS and the findings
are presented in Figure 3. Evidently, the supernatant gave the
highest contribution (75%) to the ethanol production, while
the ethanol produced from the “large particles” and “small
particles” accounted for 20 and 5% of the total amount when
no enzyme was added to the medium, respectively. Addition
of cellulase led to similar maximum ethanol production,
but at a higher production rate (211 ± 6 versus 125 ±
1mg/L/h) when the supernatant was the cultivationmedium.
Moreover, no further improvement in the ethanol production
from “large particles” was observed, while three times more
ethanol was produced when “small particles” were used.
An analysis of dissolved saccharides was performed for all
different fractions after cultivation with and without enzyme
(Figure 4). The most striking differences were the reduction
of glucose-based saccharides with a similar reduction of
82–87%, while the reduction of xylose-based saccharides
reached 51% when the supernatant was used with or without
cellulase. Moreover, higher final concentrations of arabinose-
and xylose-based saccharides were obtained when “large par-
ticles” were used when compared with those from cultivation

with “small particles.” The addition of yeast extract (5 g/L)
to the medium containing “large particles” did not lead
to further improvements on ethanol production (data not
shown).

Interestingly, using just the supernatant as cultiva-
tion medium, a higher maximum ethanol production was
obtained than thatwhenwhole stillagewas used as cultivation
medium (6.0 versus 4.7 g/L). The reason for the observed
behaviour is unknown and so further studies are needed.
Moreover, the similar maximum ethanol production when
the supernatant was used both with and without addition of
cellulase points out the relevant enzymatic capabilities of N.
intermedia.

3.3. Comparison with Yeast. The research with filamentous
fungi has been greatly stimulated by their metabolic diversity,
easier separation from the medium, and ability to consume
pentose sugars, namely, xylose and arabinose, when com-
pared to the baker’s yeast [22]. In this work, a performance
comparison towards ethanol production between N. inter-
media and S. cerevisiae was carried out and the results are
presented in Figure 5. When N. intermedia was used as the
fermenting agent, higher ethanol production was achieved
both in absence of cellulase and when 1 FPU of the enzyme/g
SS was used. A more clear difference was observed when no
enzyme was added to the medium; N. intermedia produced
10.5 times more ethanol than S. cerevisiae. Such difference
should be related to the higher enzymatic capability of N.
intermedia to consume and convert glucose- and xylose-
based saccharides present in the whole stillage liquid fraction
to ethanol. The higher production of ethanol when cellulase
was added to the mediummight be related to the filamentous
fungus ability to convert xylose to ethanol contrary to S.
cerevisiae. The coculture of both microorganisms also led to
a lower amount of ethanol being produced. Therefore, the
performance of N. intermedia towards ethanol production
fromwhole stillage was clearly superior to that of S. cerevisiae
pointing out the beneficial potential of the inclusion of N.
intermedia in the established industrial process of ethanol
production.

3.4. Two-Stage Cultivation for Production of Ethanol and
Fungal Biomass. The production of ethanol with addition of
1 FPU cellulase/g SSwas also studied using a 2.5 L bench-scale
continuous-stirred tank reactor. However, an innovative two-
stage cultivation process in order to produce fungal biomass
in addition to ethanol was investigated. During the first stage
of the process, the maximum ethanol production of 6.9 ±
0.1 g/L was achieved after 36 h and the maximum production
rate of 235 ± 13mg/L/h was reached after 24 h of cultivation
withN. intermedia (Figure 6).Therefore, the value of ethanol
produced in the bioreactor was somewhat lower (6.9 versus
8.7 g/L) than that when cultivation was performed in shake-
flasks which indicates that aeration and mixing optimization
is needed. During the three-day cultivation, the amount of
xylitol increased 233%, the amounts of glycerol and lactic
acid did not change significantly, and acetic acid had been
totally consumed after 24 h.Themainmonomeric sugars, ara-
binose, glucose, and xylose, exhibited different concentration
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Figure 4: Profiles of dissolved sugar-based substrates after N. intermedia cultivation in whole stillage supernatant (a) and small and large
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SS (squares) with N. intermedia (straight lines) and S. cerevisiae
(dashed lines) or their coculture (triangles). Error bars represent two
standard deviations.

patterns during the first stage of cultivation: the amount
of arabinose increased continuously during cultivation, the
maximum amount of glucose (7.7 g/L) was measured after
12 h and was depleted after 36 h of cultivation, and xylose
increased by 386%after 12 h and 49%of it had been consumed
at the end of the first cultivation stage.

The use of the bulk medium whole stillage does not allow
fungal biomass to be separated from other medium compo-
nents.Therefore, the second stage of the processwas preceded
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(circles), glucose (squares), and xylose (triangles) during a two-stage
cultivation in a 2.5 L continuous-stirred tank reactor. The first 72 h
stage corresponds to the production of ethanol by N. intermedia
with 1 FPU cellulase/g SS and the second 72 h stage corresponds
to the production of biomass by A. oryzae after the medium had
been distilled and its solids sieved. Error bars represent two standard
deviations.

by a harvesting stage in addition to the evaporation of the
medium ethanol and Aspergillus oryzae which was used for
production of biomass. After 72 h of cultivation, 5.8 ± 0.8 g/L
of biomass containing 42.3 ± 1.7% crude protein on a dry
weight basis was obtained. Besides, up to 0.7 g/L of ethanol
was produced and total consumption of arabinose and xylitol
as well as 63% of the xylose was achieved by the end of the
cultivation. The lactic acid and glycerol concentrations were
reduced by 13 and 9%, respectively. A. oryzae was chosen
for this second step of the process based on its outstanding
capacity to consume glycerol from thin stillage [11]. The low
reduction of glycerol might be related to C/N ratio or other
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Figure 7: Sugar profiles from the supernatant (a), sieved fibres (b), and suspended solids (c) in a two-stage whole stillage cultivation in a
bench-scale reactor. Error bars represent two standard deviations.

more preferable carbon sources for the ascomycete fungus.
An analysis of dissolved saccharides and sugar polymers in
the liquid and solid fraction, respectively, was also conducted
in this part of the study and themain changes are represented
in Figure 7. After the two-stage cultivation, the arabinose-,
glucose-, and xylose-based saccharides had been reduced
by 86, 51, and 40% (w/v), respectively, while the sugars
polymers arabinan, glucan, mannan, and xylan present in the
suspended solids had been reduced by 91, 73, 38, and 89%
(w/v), respectively. The fibres recovered by sieving after the
first stage of cultivation had their glucan, mannan, and xylan

content reduced by 21, 72, and 9% (w/v), respectively. The
spent stillage after the second stage of cultivation contained
8.3 ± 0.4 and 0.9 ± 0.1% (w/v) total and suspended solids,
respectively. Cultivation of N. intermedia in semisynthetic
medium containing single carbon sources corroborated the
assimilation of more complex substrates observed in whole
stillage. The ascomycete fungus was able to produce ethanol
when the sugar polymers Avicel, starch, and xylan were
used as cultivation substrate. Maximum ethanol productions
of 0.4 ± 0.1 after 144 h and 3.0 ± 0.2 g/L after 48 h were
obtained during cultivation in xylan and starch, respectively.



BioMed Research International 9

Ethanol production from Avicel was slower and after 166 h
of cultivation 1.2 ± 0.2 g/L had been produced. N. intermedia
was also able to consume fully cellobiose after 60 h where the
maximum ethanol yield of 0.15 g/g was reached.

Research work with whole stillage towards either pro-
duction of fungal biomass or ethanol is absent in the
scientific literature. However, its centrifuged product thin
stillage originated from corn-based ethanol processes has
been evaluated for production of fungal biomass. Mitra et al.
[23] have obtained up to 20 g/L of biomass containing 46%
oil using 6% solids thin stillage. Rasmussen et al. [10] have
also produced biomass from thin stillage containing 43%
protein and it also contained essential amino acids to humans.
Biomass composed of 46% protein has also been produced
from molasses-vinasse containing 5% solids [24]. All these
research works have pointed out the important role of the
microorganism for reduction of the organicmatter in the final
spent medium.

Altogether, after a two-stage cultivation, 7.6 g/L of ethanol
and 5.8 g/L of biomass containing around 42% (w/w) crude
protein were produced. Moreover, throughout the present
study both filamentous fungi showed their self-ability to
degrademore complex substrates enzymatically unaided. In a
process inclusion context, the produced ethanol could simply
be sent back to the process together with the condensate,
while the degradation and assimilation of carbon sources of
the whole stillage can have an important positive impact on
evaporation and drying costs of the industrial process.

4. Conclusions

Thevalorisation of whole stillage towards ethanol production
was improved by addition of cellulase; more 4 g/L of the
alcohol was obtained with addition of 1 FPU enzyme/g SS.
By applying an innovative two-stage cultivation with N.
intermedia and A. oryzae, 7.6 g/L of ethanol and 5.8 g/L of
biomass containing around 42% (w/w) crude protein were
obtained. Both filamentous fungi were able to degrade com-
plex substrates in the medium such as arabinan, xylan, and
glucan which together with those carbon sources assimilated
in the liquid fraction will potentially have a positive impact
on evaporation and drying costs of the industrial process.
N. intermedia was also shown to be superior to S. cerevisiae
regarding ethanol production from whole stillage both with
and without addition of cellulase to the medium.
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Six Lactobacillus strains were analyzed to select a bacterium for conversion of brewers’ spent grain (BSG) into lactic acid. Among
the investigated strains, L. acidophilus ATCC 43121 showed the highest yield of lactic acid production (16.1 g/L after 48 hours)
when grown in a synthetic medium. It was then analyzed for its ability to grow on the hydrolysates obtained from BSG after acid-
alkaline (AAT) or aqueous ammonia soaking (AAS) pretreatment.The lactic acid production by L. acidophilusATCC43121 through
fermentation of the hydrolysate fromAAS treated BSGwas 96% higher than that from the AAT treated one, although similar yields
of lactic acid per consumed glucose were achieved due to a higher (46%) glucose consumption by L. acidophilusATCC 43121 in the
AAS BSG hydrolysate. It is worth noting that adding yeast extract to the BSG hydrolysates increased both the yield of lactic acid
per substrate consumed and the volumetric productivity. The best results were obtained by fermentation of AAS BSG hydrolysate
supplemented by yeast extract, in which the strain produced 22.16 g/L of lactic acid (yield of 0.61 g/g), 27% higher than the value
(17.49 g/L) obtained in the absence of a nitrogen source.

1. Introduction

Bioconversion of lignocellulosic residual biomass can make
a significant contribution to the production of organic bio-
chemicals [1]. Huge amounts of lignocellulosic wastes are
produced yearly all around the world. They include agricul-
tural residues, food farming wastes, green-grocer’s wastes,
tree pruning residues, and the organic and paper fractions of
urban solid wastes. A wide range of high added value prod-
ucts, such as biofuels, organic acids, biopolymers, bioelectric-
ity, andmolecules, for the food and pharmaceutical industries
[1] can be obtained by upgrading solid wastes through bio-
technological processes.

One of the most important organic compounds is lactic
acid, recognized as a GRAS (generally recognized as safe)
compound by the US FDA (Food and Drug Administration),
with many applications in food, cosmetics, and pharmaceu-
tical and chemical industries [2]. Moreover, it has received a
great deal of attention as a feedstock monomer for the pro-
duction of PLA (polylactic acid), used as a biodegradable
commodity plastic.

Microbial production of lactic acid from lignocellu-
losic wastes necessitates the pretreatment of lignocellulosic
biomass to remove the barrier of lignin and expose the poly-
saccharides on the plant cell wall, the enzymatic saccharifica-
tion of the polysaccharides with a (hemi)cellulolytic enzyme
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cocktail, and the fermentation of the resulting sugars with
lactic acid producing microorganisms [3].

Among the lignocellulosic wastes, BSG is considered as a
valuable low-cost feedstock with considerable attractiveness
for energy production. BSG represents the major by-product
of the brewing industry. It accounts for about 85% of the total
residues generated after the mashing and lautering processes
[4] and is available in large quantities throughout the year.
The chemical composition of BSG varies according to several
factors such as the barley variety, the harvest time, and the
malting and mashing conditions. BSG, as with any other
lignocellulosic waste, is susceptible to transformation into a
variety of different value-added products.

In this paper, six lactic acid bacteria (LAB) were com-
pared for their ability to produce lactic acid in a synthetic
growthmedium.Themost productive strain was investigated
for its ability to produce lactic acid from the sugar mixture
obtained by enzymatic hydrolysis of pretreated BSGs from
two different geographical areas. The hydrolysates obtained
by enzymatic hydrolysis of BSGs after two types of pre-
treatment, aqueous ammonia soaking and acid-alkaline pre-
treatment, were evaluated as substrate for the growth of the
selected bacterial strain and the lactic acid production.

2. Materials and Methods

2.1. Chemical Pretreatments of Brewers’ Spent Grains and
Enzymatic Hydrolysis of Pretreated Materials. The brewers’
spent grains provided by the brewery Bier Hoff Curitiba-PR
(Brazil) (BSG 1) were subjected to acid-alkaline treatment
(AAT). This consisted of a first treatment with 1.25% (v/v)
H
2
SO
4
in 1 : 8 (w/w) ratio at 120∘C for 17 minutes [5]. The

solid residue was washed with water until the pHwas neutral,
dried overnight at 50 ± 5∘C, and mixed with 2% (v/v) NaOH
in a 1 : 20 (w/w) ratio at 120∘C for 90minutes [6].The cellulose
pulp was washed with water until the pH was neutral, and it
was dried overnight at 50 ± 5∘C.

The brewer spent grains provided by the microbrewery
Maneba (Striano, Naples, Italy) (BSG 2) were subjected to an
aqueous ammonia soaking (AAS) treatment on a lab-scale
as described by Maurelli et al. [7]. The biomass milled to a
fine powder was suspended in 5% (v/v) aqueous ammonium
hydroxide solution at a solid to liquid ratio of 1 : 10 and
incubated at 70∘C for 22 hours in screw-capped 25mL bottles
to reduce the evaporation. The solid residue, recovered by
centrifugation at 8000×g, was extensively washed with water
until reaching neutral pH and dried overnight at 50 ± 5∘C.

The saccharification experiments were carried out in a
total volume of 50mL containing 50mM sodium citrate
buffer pH 5.5 plus enzyme cocktail (2.24% (v/v) cellulase
and 1% (v/v) 𝛽-glucosidase, Novozymes) at 45∘C, 60×g for
72 hours. To reach a comparable cellulose content in the
pretreated lignocellulosic substrates subjected to enzymatic
hydrolysis, the pretreated BSG samples, AAT BSG 1 and AAS
BSG 2, were added at a solid loading of 8 and 16% (w/v),
respectively. The liquid fraction was then separated from the
solid residue by centrifugation.

2.2. Determination of Chemical Composition of Raw and Pre-
treatedMaterials. Carbohydrate compositions of the biomass
samples untreated and pretreated were determined accord-
ing to the method of Davis [8]. The polysaccharides were
degraded into their corresponding monomers by a two-step
acid hydrolysis. The samples were mixed with a 72% v/v
H
2
SO
4
solution at a solid loading of 10% and incubated at

30∘C for 1 h; then, the mixtures diluted to 4% (v/v) H
2
SO
4

with distilled water were incubated for 1 hour at 120∘C. After
filtration through 0.45𝜇mTeflon syringe filters (National Sci-
entific, Lawrenceville, GA), the hydrolysis products were ana-
lyzed via high-performance liquid chromatography (HPLC)
as described below. The acid insoluble lignin (Klason lignin)
was determined, after total removal of the sugars by the
weight of the dried residue.

2.3. Microorganisms and Cultivation Conditions for Screening
in Synthetic Medium. The strains Lactobacillus acidophilus
ATCC 53672, L. acidophilus ATCC 43121, L. acidophilus
ATCC 4356, L. lactis INRA 18, L. pentosus NRRL B-227, and
L. plantarum NRRL B-4496, all belonging to the strain col-
lection of the Bioprocess and Biotechnology Division of the
Department of “Engenharia de Bioprocessos e Biotecnologia”
(Universidade Federal do Paraná, Brazil), were used in this
study. Stock cultures were maintained at −20∘C in 2mL vials
containing 25% (v/v) glycerol.Thepreinoculumwas prepared
by transferring 1mL of stock culture cells to 25mL tubes
containing 10mL of sterile Man, Rogosa, and Sharpe (MRS,
Oxoid) culture medium with the following composition:
20 g/L glucose, 10 g/L peptone, 8 g/L meat extract, 4 g/L
yeast extract, 2 g/L triammonium citrate, 2 g/L K

2
HPO
4
,

5 g/L CH
3
COONa⋅3H

2
O, 0.2 g/L MgSO

4
⋅7H
2
O, and 0.05 g/L

MnSO
4
⋅4H
2
O. The tubes were statically incubated for 24

hours at 37∘C. Fifty microliters of this culture was then
transferred to a MRS agar Petri dish supplemented with 1 g/L
Aniline Blue (Sigma-Aldrich). One single blue lactic bacterial
colony was transferred into 15mL sterile MRS broth medium
contained within a 25mL test tube. The tubes were statically
incubated at 37∘C for 48 hours. After incubation, 10mL of
this culture was transferred into a 250mL Erlenmeyer flask
containing 100mL of MRS fermentation broth. The flasks
were incubated at 37∘C and 60×g for 96 hours during which
time samples were withdrawn every 24 hours and subjected
to analytical testing.

2.4. Inoculum and Fermentation Conditions for Cultivation in
BSG Hydrolysate. The strain selected as the best producer of
lactic acid in the primary screeningwas grown in 25mL tubes
containing 10mLMRS broth. After 24 hours of static incuba-
tion at 37∘C, 1mL of this culture was transferred to a new tube
with 10mLMRS broth and incubated at the same conditions.
Then, the cells were harvested by centrifugation (3.300×g for
15 minutes) and resuspended in distilled sterilized water. The
glucose concentration of BSG hydrolysate was adjusted to
50 g/L with deionized water, while the pH was adjusted to a
value of 6.0 by adding 5MNaOH.The fermentationmedium,
with or without the addition of 1.25% (w/v) yeast extract, was
then sterilized at 120∘C for 15 minutes. Fermentations were
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performed in 250 Erlenmeyer flask containing 50mL steril-
ized hydrolysate inoculated with 10% (v/v) of cell suspension.
The flasks were incubated at 37∘C and 60×g for 96 hours. All
of the assays were performed in duplicate.

2.5. Analytical Methods. Samples taken during the fermenta-
tions at 24, 48, 72, and 96 hours were centrifuged at 12.800 g
for 15 minutes. The resulting supernatant was used for mea-
surement of glucose and lactic acid concentrations by high-
performance liquid chromatography (HPLC). The HPLC
analyses were performed in a Shimadzu LC-10-AD equipped
with a C-RSA Integrator Chromatopac Chromatography
Unit (Shimadzu) set to 210 nm (300mm × 7.8mm) column
HPX-87-4 (Aminex) and a refractive index detector. The
samples were diluted with deionized water, filtered through
0.2 𝜇m cellulose acetate filters (Sartorius Biolab Products),
and then injected into the chromatograph. The conditions
of chromatography involved a column temperature of 60∘C,
an injection volume of 50 𝜇L, and the elution with a mobile
phase of 5mM sulfuric acid at a flow rate of 0.6mL/min.

The concentration of these compounds was calculated
through calibration curves obtained using standard solutions.
Also the sugars released from untreated and pretreated bio-
masses prepared as above described were estimated. Cell
concentration was obtained by measuring the optical density
(OD
600 nm) in a spectrophotometer SP-2000 (Spectrum).

Samples were diluted to a reading range of 0.05–0.5ODunits,
and theODvalues were correlatedwith the cell concentration
(g/L) by means of a standard calibration curve previously
established. The calibration curve for cell concentration and
absorbance showed a linear relationship. One unit of optical
density at 600 nm corresponded to approximately 0.6 g dry-
cell weight/L.

2.6. Fermentative Parameters. The ratio of lactic acid pro-
duced to glucose consumed (g/g), the ratio of lactic acid (g/L)
to fermentation time (h), the ratio of lactic acid to dry-cell
weight (g/g), and the ratio of lactic acid yield per substrate
consumed to the maximum theoretical value (1 g/g) were
monitored during the fermentation of Lactobacillus aci-
dophilus ATCC 43121.

3. Results and Discussion

3.1. Screening of Lactic Acid Bacteria for Lactic Acid Production
in Synthetic Medium. The lactic acid bacteria (LAB) Lacto-
bacillus acidophilus ATCC 53672, L. acidophilus ATCC 43121,
L. acidophilus ATCC 4356, L. lactis INRA 18, L. pentosus
NRRLB-227, and L. plantarumNRRLB-4496were compared
for their lactic acid production ability in a synthetic medium.
Since LAB have complex nutrient requirements, due to their
limited ability to synthesize B-vitamins and amino acids [9],
theMan, Rogosa, and Sharpe (MRS) broth containingminer-
als, B-vitamins, amino acids, fatty acids, purines, and pyrim-
idines was used as the fermentation medium. Time courses
of dry biomass, glucose, and lactic acid concentration were
monitored during batch fermentations of the six Lactobacillus
strains in MRS broth (Figures 1(a)–1(f)).

The analyzed Lactobacillus strains showed significant dif-
ferences in the fermentation performances, for example, cell
growth and productivity.Themaximum biomass varied from
1.9 ± 0.5 g/L for L. acidophilus ATCC 4356 (Figure 1(c)) to
4.56±0.5 g/L for L. lactis INRA 18 (Figure 1(d)). Regarding the
volumetric productivity, the values varied from a minimum
of 0.22 g/L h and a maximum of 0.50 g/L h, reached by the
strains L. acidophilus ATCC 53672 (Figure 1(a)) and L. lactis
INRA 18 (Figure 1(d)), respectively. The maximum value
of lactic acid production varied from 8.3 ± 0.6 g/L for L.
pentosus NRRL B-227 (Figure 1(e)) to 16.1 ± 0.07 g/L for L.
acidophilus ATCC 43121 (Figure 1(b)). L. acidophilus ATCC
43121 (Figure 1(b)), L. acidophilus ATCC 4356 (Figure 1(c)),
and L. plantarum NRRL B-4496 (Figure 1(f)) showed the
highest fermentation yield, with a maximum value of lactic
acid production of 16.1 ± 0.07 g/L (after 48 hours), 15.84 ±
0.05 g/L (after 48 hours), and 15.66 g/L ± 0.04 (after 72
hours), respectively. The maximum 𝑌

𝑃/𝑆
value varied from

a minimum of 0.52 g/g for the strain L. pentosus NRRL
B-227 to a maximum of 0.99 g/g for L. acidophilus ATCC
43121, followed by the strains L. acidophilus ATCC 53672, L.
plantarum NRRL B-4496, L. acidophilus ATCC 4356, and L.
lactis INRA 18 with 𝑌

𝑃/𝑆
of 0.98 g/g, 0.96 g/g, 0.95 g/g, and

0.70 g/g, respectively.
L. acidophilus ATCC 43121, showing a volumetric pro-

ductivity value of 0.34 g/L h and the highest lactic acid pro-
duction, was selected for lactic acid production from the
sugarmixture obtained by enzymatic hydrolysis of chemically
pretreated BSG.

3.2. Chemical Pretreatments of Brewers’ Spent Grains. BSGs
from two different geographical areas were investigated as
substrate for L. acidophilus ATCC 43121 growth and lactic
acid production.The pretreatment of BSGswas performed by
adopting two chemical methods. The biomass obtained from
the brewery Bier Hoff Curitiba-PR Brazil, indicated as BSG
1, was subjected to an acid-alkaline treatment (AAT), whilst
an alkaline pretreatment was conducted on the BSG from
microbrewery Maneba Striano, Naples, Italy (BSG 2).

3.3. Acid-Alkaline Pretreatment. The acid-alkaline treatment
(AAT) performed on the biomass obtained from the brewery
Bier Hoff Curitiba-PR Brazil (BSG 1) involved two sequential
steps accomplished through an acid impregnation followed
by a biomass soaking in an alkaline solution. The procedure
and operative conditions adopted were those tested by Mus-
satto and Roberto [5].The BSG 1 was treated with 1.25% (v/v)
H
2
SO
4
to solubilize the hemicellulosic fraction. The initial

removal of the hemicellulose shows the advantage of increas-
ing the porosity of the material that facilitates the diffusion
and impregnation of sodium hydroxide into the material
sample, thus enhancing the soda pulping and the pulp
uniformity. Moreover, since the hemicellulose is a valuable
source of xylose, its recovery allows the sugar exploitation to
produce value-added products such as xylitol [5] or ethanol
[10]. After acid hydrolysis, a soda pulping pretreatment with
2% (v/v) NaOH was performed to liberate cellulose fibers
from lignin [6].
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Figure 1: Time courses of glucose concentration (𝑆, ), dry biomass concentration (𝑋, ◻), and lactic acid concentration (𝑃, o) during fermen-
tation in synthetic medium of the Lactobacillus sp. strains: (a) L. acidophilus ATCC 53672, (b) L. acidophilus ATCC 43121, (c) L. acidophilus
ATCC 4356, (d) L. lactis INRA 18, (e) L. pentosus NRRL b-227, and (f) L. plantarum NRRL b-4496. Data represent the mean of three
independent experiments.

Table 1: Chemical composition (% w/w) of brewer’s spent grains in the original form and as a cellulose pulp recovered by acid-alkaline and
aqueous ammonia soaking pretreatments.

Solid composition
Cellulose Hemicellulose Lignin Others (ash, protein, and extractives)
% (w/w) % (w/w) % (w/w) % (w/w)

Untreated BSG 1a 14.42 34.21 3.93 47.43
Untreated BSG 2b 27.50 28.80 12.80 30.9
AATc BSG 1 86.49 3.87 2.31 7.33
AASd BSG 2 43.20 38.85 4.83 13.12
aBSG from the brewery Bier Hoff Curitiba-PR (Brazil).
bBSG from the microbrewery Maneba (Striano, Naples, Italy).
cBSG after acid-alkaline treatment (AAT).
dBSG after the aqueous ammonia soaking (AAS) treatment.

Chemical analyses of the untreated and pretreated BSG 1
were performed to determine the macromolecular composi-
tion, and the results are reported in Table 1.

After pretreatment, the total solid biomass recovered
was 7.89% (w/w). The hemicellulose was the main fraction

removed (88.68% (w/w)), whilst a loss of 41.22% (w/w) and
84.54% (w/w) was obtained for lignin and other materials
(ash, protein, and extractives), respectively.The cellulose con-
tent was 86.49% (w/w), corresponding to the main fraction
of the pretreated BSG. However, if we considered that, after
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the pretreatment, the mass recovered from each 100 g of the
original BSG was 7.89 g, the cellulose loss, calculated by the
percentage of each fraction, was 52.65%.

3.4. Aqueous Ammonia Soaking Pretreatment. An alkaline
pretreatment was conducted on the BSG 2 from microbrew-
ery Maneba Striano, Naples, Italy, by soaking the lignocellu-
losic material in 5% ammonium hydroxide solution at 70∘C
for 22 h. As reported in literature, the alkali pretreatment is
one of the most widely used methods to enhance the ligno-
cellulosic biomass digestibility. One of the major advantages
of thismethod is the limited hydrolysis of the (hemi)cellulosic
fraction which prevents the production of sugar degradation
products which inhibit the microbial fermentation, such as
furfural [11]. The principal effect of the alkaline pretreatment
is the lignin removal from the biomass through reactions
of solvation and saponification of the intermolecular ester
bonds among lignin, hemicellulose, and cellulose. Moreover,
alkaline pretreatment causing the biomass swelling increases
the lignocellulosic material porosity and reduces the poly-
merization degree and the crystallinity of the cellulose [12].
This in conjunctionwith the disruption of the lignin structure
makes the cellulose more susceptible to enzymatic hydrolysis
[11]. Soaking in aqueous ammonia solutions (AAS) is a com-
mon alkaline pretreatment that reduces lignin content and
removes some hemicellulose while decrystallizing cellulose.
At the mild conditions adopted in AAS, the level of end-
groups dissolution, “peeling,” of the different polysaccharide
chains is extremely limited thus avoiding carbohydrates loss
and conversion of the lost sugars to compounds (e.g., fur-
fural) with inhibitory effect on the fermentation process [13].

Chemical analyses of the untreated and AAS pretreated
BSG 2 were performed to determine their macromolecular
composition (Table 1). After pretreatment, the total solid
biomass recovered was 60% (w/w). On the basis of the %
composition of the material samples, a big fraction of lignin
was removed (62.26%) whilst the cellulose and hemicellulose
underwent an increase of 57.09 and 34.89%, respectively.
With respect to the mass recovered from 100 g of the original
BSG, calculated by the percentage of each fraction in 60 g of
the pretreated material (total recovered mass after the pre-
treatment), it is evident that the highest losses were reported
for the lignin fraction (77.3%) whilst only 19 and 5.8% of the
hemicellulose and cellulose were removed, respectively. In
agreement with the literature on the alkaline pretreatments,
our results indicate that ammonium hydroxide pretreatment
causes substantial lignin degradation whilst preserving most
of the carbohydrates [14]. In particular, most of the cellulose
was preserved probably due to the physical protection from
lignin and hemicellulose. On the other hand, the heterostruc-
tures of xylan branched with short lateral chains contributed
to the higher hemicelluloses hydrolysis [15].

3.5. Saccharification of the Pretreated BSGs by a Cocktail
of Commercial Enzymes. The pretreated BSG samples were
saccharified with commercial cellulase and 𝛽-glucosidase
from Novozymes. The ratio of enzymes in the cocktail used
for the saccharificationwas defined based on the composition

of pretreated BSG samples reported in Table 1.The enzymatic
saccharification of AAT BSG 1 and AAS BSG 2 generated
hydrolysates containing 75 and 60 g/L of glucose, respectively.
At the end of the reaction, 97 and 86.8% of efficiency of
cellulose conversion into glucose were achieved for AATBSG
1 and AAS BSG 2, respectively. These conversion yields are
higher than that of 72% obtained by Mussatto et al. [16]
on BSG pretreated with a similar acid-alkaline pretreatment.
It can be observed that although the cellulose amounts
(∼90%w/w) in the biomasses employed in our saccharifi-
cation experiments were comparable to those described by
Mussatto et al. [16], the lignin ones were quite different.Thus,
it is possible that the bigger lignin content (8.2%w/w) of the
pretreated BSG utilized by Mussatto et al. [16] decreased the
enzymes accessibility to the cellulose leading to the lower
conversion yield.

3.6. Lactic Acid ProductionUsing BSGHydrolysates after Acid-
Alkaline or Ammonia Soaking Pretreatment as Fermentation
Media. The hydrolysates obtained from the saccharification
of the differently pretreated BSGs were used to prepare
the fermentation media for the lactic acid production by
Lactobacillus acidophilus ATCC 43121, the strain previously
selected among the analyzed LAB. The BSG hydrolysates,
without adding any additional nutrients, and the BSG hydro-
lysates supplemented with the addition of 1.25% (w/v) yeast
extract were adjusted to pH 6.0 and glucose concentration of
50 g/L by adding sterile water. It was observed that glucose
consumption and lactic acid production occurred in all tested
fermentation media (Figures 2(a)–2(d), Table 2).

The maximum value of lactic acid production was
obtained from the AAS BSG 2 hydrolysate in the presence
of yeast extract and it was 80% higher than that from the
AAT BSG 1. Even in the absence of yeast extract, AAS BSG
2 hydrolysate allowed achieving a (around 96%) higher lactic
acid production than the AAT BSG 1 hydrolysate. In any
tested condition, the maximum production was observed
after 48 hours.

Thehigher lactic acid production fromAASBSG2hydro-
lysate generates higher values of 𝑄

𝑃
and 𝑌

𝑃/𝑋
than the AAT

BSG 1 hydrolysate (Table 2).
It is worth noting that the glucose consumption increases

in the AAS BSG 2 hydrolysate, resulting in being 46%
higher than that measured in the AAT BSG 1 hydrolysate
(Table 2), thus giving similar values of 𝑌

𝑃/𝑆
and fermentation

efficiency for the two pretreatments. Moreover, in the AAT
BSG 1 hydrolysate, L. acidophilus ATCC 43121 remained in a
stationary phase until the end of fermentation whilst, in AAS
BSG 2, the bacterium entered in early death phase at 72 h,
which can be due to the poor residual glucose (Figures 2(a)–
2(d)).

Using the hydrolysate fromAAS BSG 2 allowed achieving
higher biomass concentration than the AAT BSG 1, both in
the presence and in the absence of yeast extract.

It is worthy of noting that the yield of lactic acid per sub-
strate consumed (𝑌

𝑃/𝑆
) obtained using L. acidophilus ATCC

43121 grown in the BSGhydrolysate, without adding any addi-
tional element, was 0.48 g/g (from AAT BSG 1 hydrolysate)
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Table 2: Fermentative parameters of lactic acid production of Lactobacillus acidophilus ATCC 43121 by using hydrolysates of brewer’s spent
grain from the brewery Bier Hoff Curitiba-PR (Brazil) (BSG 1) after acid-alkaline treatment (AAT) and hydrolysates of brewer’s spent grain
from the microbrewery Maneba (Striano, Naples, Italy) (BSG 2) after aqueous ammonia soaking (AAS) treatment.

Glucose consumption Lactic acid 𝑌
𝑃/𝑆

a
𝑌
𝑃/𝑋

b
𝑄
𝑃

c
𝜂
d

(g/L) (g/L) (g/g) (g/g) (g/L h) (%)
AAT BSG 1 hydrolysate 18.20 8.90 0.48 4.45 0.09 48
AAT BSG 1 hydrolysate + yeast extract 20.50 12.26 0.60 4.69 0.12 60
AAS BSG 2 hydrolysate 33.50 17.49 0.52 7.64 0.18 52
AAS BSG 2 hydrolysate + yeast extract 37.40 22.16 0.61 5.61 0.31 61
ag-Lactic acid produced/g-glucose consumed.
bg-Lactic acid/g-dry-cell weight.
c(g/L)-Lactic acid/(h) fermentation time.
d
𝑌𝑃/𝑆/maximum theoretical value (1 g/g).
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Figure 2: Time courses of glucose concentration (𝑆, ), dry biomass concentration (𝑋, ◻), and lactic acid concentration (𝑃, o) during
fermentation of Lactobacillus acidophilus ATCC 43121 in (a) acid-alkaline treated brewer’s spent grain 1 hydrolysate, (b) acid-alkaline treated
brewer’s spent grain 1 hydrolysate + yeast extract, (c) aqueous ammonia soaking treated brewer’s spent grain 2 hydrolysate, and (d) aqueous
ammonia soaking treated brewer’s spent grain 2 hydrolysate + yeast extract. All values are media of three replications.

and 0.52 g/g (from AAS BSG 2 hydrolysate). This demon-
strates that the BSG hydrolysate is an appropriate substrate
for lactic acid production. Since the lactic acid is considered a
relatively cheap product, the use of expensive carbon sources,
such as glucose or starch, is not economical. Less expensive
sources, like agroindustrial residues, are attractive alterna-
tives.

Themaximum lactic acid production levels shown in this
studywere higher than those obtained in the other few studies
so far reported on the use of hydrolysates from agricultural
residues as fermentationmedium.The results of these studies
are summarized in Table 3. In the best conditions, the values
obtained in our studies for lactic acid production were higher
than those reported by Jawad et al. [17], McCaskey et al.
[18], and Mussatto et al. [19] and just a little lower than

those obtained by Ali et al. [20]. As for the yields 𝑌
𝑃/𝑆

, the
maximum value obtained in our work was 14% lower than
the maximum values previously reported [18, 19] indicating
higher nutritional needs of L. acidophilus ATCC 43121 than
the microbes adopted in the other studies. When the strain L.
acidophilus ATCC 43121 was grown in the BSG hydrolysate
supplemented with 1.25% (w/v) yeast extract, the yield of
lactic acid increased from0.48 g/g to 0.60 g/g (65% efficiency)
for AAT BSG 1 hydrolysate and from 0.52 g/g to 0.61 g/g (65%
efficiency) for AAS BSG 2 (Table 2).

Also the volumetric productivity (𝑄
𝑃
) of lactic acid by L.

acidophilus ATCC 43121 was higher in the BSG hydrolysate
supplemented with yeast extract. Within 48 hours of fer-
mentation, the cells produced a maximum value of 12.26 g/L
of lactic acid from AAT BSG 1 hydrolysate and 22.16 g/L of
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lactic acid from the AAS BSG 2 hydrolysate with a volumetric
productivity of 0.12 g/L h and 0.31 g/L h, respectively. These
𝑄
𝑃
values are higher when compared with 0.09 g/L h and

0.18 g/L h produced in the AAT BSG 1 hydrolysate and
the AAS BSG 2 without yeast extract addition, respectively
(Table 2).

It is possible that the addition of yeast extract is necessary
to reach an optimal C/N ratio for the lactic acid production
by the Lactobacillus strain. These results are in agreement
with those of many authors, showing the positive effect of
BSG hydrolysate supplementation with additional nutrients,
like yeast extract or vitamins, on lactic acid production.
Yeast extract is the most commonly used nitrogen source,
which provides the vitamin B complex content in addition to
organic nitrogen to lactic acid bacteria.

Since the addition of yeast extract is disadvantageous
from an economical point of view, more research will be
needed to discover strains with lower nitrogen sources
requests.

It was found that themaximum lactic acid productivity of
the strain L. casei in a synthetic medium increased concomi-
tantly with the initial yeast extract concentration. None of the
other nitrogen sources tested gave lactic acid concentrations
as high as that for yeast extract during 48 hours of fermenta-
tion [21].

Mussatto et al. [19] showed that the addition of 0.5% yeast
extract enhanced the lactic acid production by Lactobacillus
delbrueckii, reaching a concentration of ∼9.0 g/L with a lactic
acid yield (𝑌

𝑃/𝑆
) of 0.7 g/g. This is a higher value than

that obtained from nonsupplemented hydrolysate (7.87 g/L).
When fermented in BSG hydrolysate after AAS pretreatment
without any nutrient supplementation, the L. acidophilus
ATCC43121 strain used in this study reached a lactic acid con-
centration of 17.49 g/L, a value higher than the one (∼9.0 g/L)
obtained by L. delbrueckii in the BSG hydrolysate supple-
mented with yeast extract [19]. Moreover, when the strain
L. acidophilus ATCC 43121 was grown in the AAS BSG 2
hydrolysate supplemented with 1.25% yeast extract, a maxi-
mum lactic acid concentration of 22.16 g/L was reached. This
concentration is 2.5-fold higher than that obtained by Lacto-
bacillus delbrueckii in the presence of 0.5% yeast extract [19],
which represents the main achievement of our study in com-
parisonwith thework performedonLactobacillus delbrueckii.

4. Conclusions

The strain Lactobacillus acidophilus ATCC 43121 selected
for its higher lactic acid production in a synthetic medium
was analyzed for its ability to produce lactic acid from BSG
hydrolysate. The results indicated that the produced hydro-
lysates from ammonia soaking treated BSG 2, provided by
the microbrewery Maneba (Striano, Naples, Italy), and from
the acid-alkaline treated BSG 1, provided by the brewery
Bier Hoff Curitiba-PR (Brazil), are suitable substrates for the
growth of the strainL. acidophilusLPB-04 and the production
of lactic acid. Moreover, it was demonstrated that the biocon-
version of glucose into lactic acid was positively affected by
the presence of yeast extract. The maximum value of lactic

acid production (22.16 g/L) was obtained from the AAS BSG
2 hydrolysate in the presence of yeast extract. The produced
levels of lactic acid were comparable or higher in comparison
with those obtained from hydrolysates of other agricultural
residues. This result is in keeping with the many researches
focused on the valorization of BSG in order to recover
beneficial and valuable compounds, usable in nutrition or
combustion field. Due to its composition and availability, in
the last years, different methods to remove the water content,
avoiding the BSG degradation [22–24], and to separate each
component of it have been proposed [25, 26], taking different
economical and ecofriendly advantages into account.
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An enzymatic mixture of cellulases and xylanases was produced by Pleurotus ostreatus using microcrystalline cellulose as inducer,
partially characterized and tested in the statistical analysis of Arundo donax bioconversion.The Plackett-Burman screening design
was applied to identify the most significant parameters for the enzymatic hydrolysis of pretreated A. donax. As the most significant
influence during the enzymatic hydrolysis of A. donax was exercised by the temperature (∘C), pH, and time, the combined effect
of these factors in the bioconversion by P. ostreatus cellulase and xylanase was analyzed by a 33 factorial experimental design. It is
worth noting that the best result of 480.10mg of sugars/gds, obtained at 45∘C, pH 3.5, and 96 hours of incubation, was significant
also when compared with the results previously reached by process optimization with commercial enzymes.

1. Introduction

To solve the issues related to the petroleum-based energy and
compounds, more attention has been focused on the use of
lignocellulosic wastes as source for added-value bioproducts
[1].They show several advantages such as low cost and world-
wide availability with an equal geographical distribution [2].
Themajor component of lignocellulosic materials is cellulose
that is present in the cell wall within amatrix of hemicellulose
and lignin bonded by cross-linkages. This complex structure
requires mainly three steps for the conversion of lignocel-
luloses into added-valued bioproducts: (i) a pretreatment to
remove lignin and expose the polysaccharides, (ii) hydrolysis
of polysaccharides that can be performed enzymatically using
an enzymatic cocktail composed of cellulases and hemicel-
lulases, and (iii) fermentation of the sugars into the desired
bioproducts.

The enzymatic hydrolysis represents the limiting step of
the overall process due to the high costs of the employed

enzymes cellulases, a group of enzymes comprising cel-
lobiohydrolase (CBH), endo-1,4-𝛽-D-glucanase (EG), and 𝛽-
glucosidase (BG), and hemicellulases, including xylanase,
xyloglucanase, mannanase, arabinase, galactanase, polyga-
lacturonase, glucuronidase, acetyl xylan esterase, and other
enzymes [3]. Extensive studies were reported in the last few
decades in order to identify newmore efficient enzymes [4–7]
and to obtain a high yield of sugars with low enzymes dosage
[8].

Filamentous fungi represent the major source of cellula-
ses and hemicellulases and are able to produce large amounts
of lignocellulosic enzymes in different growth conditions [9].

In this study, the basidiomycetous fungus Pleurotus
ostreatus was employed as a source of (hemi)cellulolytic
enzymes that were partially characterized and applied to the
hydrolysis of the lignocellulosic biomass Arundo donax. This
biomass was chosen since it can be cultivated on lands such
as hilly areas that are considered not appropriate for the
traditional cereal production because yield is low and because
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the traditional cropping system causes extreme vulnerability
to soil erosion [10]. In these conditions, perennial biomass
crops such as giant reed (Arundo donax L.) proved to
reduce soil erosion and to increase potential gross income of
farmers [11] with favourable environmental impacts [12].This
allows avoiding competition with the use of lands for food
production.

In order to optimize the application of P. ostreatus
(hemi)cellulolytic enzymes to A. donax hydrolysis, statistical
analysis of biomass conversion by the investigated fungal
enzymatic cocktail was performed. To identify the most sig-
nificant parameters for the enzymatic hydrolysis, the Plack-
ett-Burman screening design was applied and the combined
effect of the most significant factors identified (temperature
(∘C), pH, and time) was analyzed by a 33 factorial experimen-
tal design.

2. Materials and Methods

2.1. Microorganism. The strain Pleurotus ostreatus (Jacq.:Fr.)
Kummer (type: Florida) (ATCC number MYA-2306) was
maintained through periodic transfer at 4∘Con solidmedium
containing 15 g/L agar and PDY [24 g/L potato dextrose
(Difco, Detroit, Michigan, USA) and 5 g/L yeast extract
(Difco)].

2.2. Preinoculum. Precultures were prepared by inoculating
500mL of PDY broth in 1 L Erlenmeyer flask with six agar
plugs (⌀ = 11mm) of P. ostreatus mycelium, from the
edge of a 7-day-old agar culture, in a temperature-controlled
incubator at 28∘C on a rotary shaker at 120 rpm for six days.
After homogenizing through sterile blender, themycelia were
washed with sterile distilled water three times under lam-
inar flow cabinet. The washed mycelia were inoculated
(10% v/v) in the medium A with the following compo-
sition: MgSO

4
⋅7H
2
O (0.3 g/L), FeSO

4
⋅7H
2
O (0.005 g/L),

MnSO
4
⋅H
2
O (0.00156 g/L), ZnSO

4
⋅7H
2
O (0.0014 g/L), CaCl

2

(0.3 g/L), CoCl
2
(0.002 g/L), yeast extract (0.5 g/L), KH

2
PO
4

(1.5 g/L), and pH 5.5.

2.3. Analysis of Inducers of P. ostreatus on Cellulase and Xyla-
nase Activities Production. Preliminary experiments were
carried out in 24-well plate flat bottomwith Low Evaporation
Lid (BD-Falcon, Franklin Lanes, New Jersey, USA) con-
taining 1.5mL of medium A and 10% v/v of homogenized
mycelia of P. ostreatus in each well. The medium was supple-
mentedwith different carbon sources: xylan frombeachwood
(Sigma-Aldrich, St. Louis, MO, USA), carboxymethylcellu-
lose (CMC), sodium salt medium viscosity (Sigma-Aldrich,
St. Louis,MO,USA), 99%xylitol (AlfaAesar, ParkridgeRoad,
Ward Hill, MA, USA), D-(+)- 98% cellobiose (Alfa Aesar,
Parkridge Road, Ward Hill, MA, USA), L(+)-Arabinose
(MerckMillipore, Darmstadt, Germany), 98% L-(−)-Arabitol
(Alfa Aesar, Parkridge Road, Ward Hill, MA, USA), micro-
crystalline cellulose (Alfa Aesar, Parkridge Road, Ward Hill,
MA, USA), sophorose 0.6mM (Sigma-Aldrich, St. Louis,
MO, USA), D(+)-Xylose (Sigma-Aldrich, St. Louis, MO,
USA), Arabinan (Megazyme), wheat arabinoxylan low
viscosity (Megazyme), D-(+)Galactose (Sigma-Aldrich, St.

Louis, MO, USA), and lactose (Carlo Erba, Milan, Italy),
tested at final concentration of 1% (w/v), with the exception
of the sophorose, tested at final concentration of 0.6mM.The
plates were incubated at 28∘C on a rotary shaker at 250 rpm
for 14 days. Samples were centrifuged at 13.000 rpm for 15
minutes and the supernatants were used for cellulase and
xylanase assays.

The selected carbon sources were further investigated
for their inductive effect at final concentration of 1% (w/v)
in 1 L Erlenmeyer flask, containing 500mL of medium and
10% v/v of homogenized P. ostreatusmycelia. The flasks were
incubated at 28∘C on a rotary shaker at 120 rpm for 35 days.
Samples were collected for cellulase and xylanase assays as
described above.

2.4. Enzymatic Activity Assays

2.4.1. Xylanase Assay. Xylanase activity assay was performed
according to Bailey et al. [13].

2.4.2. Azo-CMCase Assay for Endo-1,4-𝛽-Glucanase. Endo-
1,4-𝛽-Glucanase activity produced in liquid culture was
assayed by usingAzo-CMC(Megazyme, Ireland) as substrate,
following supplier’s instructions.

2.4.3. Dinitrosalicylic Acid Assay for Endo-1,4-𝛽-Glucanase.
For assessing the optimum pH and temperature and
thermal- and pH-resistance, endo-1,4-𝛽-Glucanase activity
was assayed towards CMC (Sigma-Aldrich, St. Louis, MO,
USA) as substrate, following the DNS assay method reported
by Ghose [14].

2.4.4. 𝛽-Xylosidase, 𝛽-Glucosidase, and 𝛼-Arabinofuranosi-
dase Assays. 𝛽-Xylosidase, 𝛼-arabinofuranosidase, and 𝛽-
glucosidase activities were determined by using p-nitrophe-
nyl-glycoside substrates as described in Marcolongo et al.
[15]. All the enzymatic measurements were performed in
triplicate.

2.5. Optimum Temperature and Thermoresistance. Super-
natant ofP. ostreatuswas concentrated by ultrafiltrationwith a
10 kDa polyethersulfone membrane (Millipore Corporation,
Bedford, MA, USA) and subjected to the determination of
optimum temperature and thermoresistance of the xylanase
and cellulase.

To assess the optimum temperature, the substrates birch-
wood xylan (Sigma-Aldrich, St. Louis, MO, USA) and CMC
(Sigma-Aldrich, St. Louis, MO, USA) used for the xylanase
and cellulase activities assays, respectively, were dissolved in
50mM Na citrate at pH 5.3 and the incubations in presence
with the enzymatic preparation were performed at 30, 40, 50,
60, 70, and 80∘C. The thermoresistance of the xylanase and
cellulase activities was investigated by incubating the fungal
culture supernatant in 50mM Na citrate pH 5.3, at 30∘C,
40∘C, and 50∘C.

The reported results correspond to mean values of the
three independent experiments, each one performed in three
replicates.
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2.6. Optimum pH and pH Resistance. The optimum pH of P.
ostreatus cellulase and xylanase was determined on the super-
natant of fungal culture concentrated by ultrafiltration with a
10 kDa polyethersulfone membrane (Millipore Corporation,
Bedford, MA, USA). The experiments were performed at
25∘C using both McIlvaine buffer, with pH values between
3.0 and 9.0, and Na-citrate buffer, at pH ranging from 3.0
to 6.0, performing the cellulase and xylanase activities assays
with the substrates CMC and birch-wood xylan, respectively,
dissolved in the above-mentioned buffers.

The pH resistance of the cellulase and xylanase activities
was analyzed by diluting the supernatant in McIlvaine buffer,
with pH ranging from 3.0 to 9.0, and incubating at 25∘C.

The reported results correspond to mean values of the
three independent experiments each one performed in three
replicates.

2.7. Enzymatic Hydrolysis. The enzymatic hydrolysis mix-
tures, set up according to the experimental designs, contained
the pretreated A. donax biomass previously oven-dried at
50∘C to a moisture content less than 10% (w/w) in a total
volume of 2mL consisting of 50mM sodium citrate buffer
plus the enzyme cocktail. The biomass hydrolysis was carried
out with the following enzymatic preparations, whose units
per grams of dry pretreated substrate are specified below in
the following paragraph on Plackett-Burman (PB) design:
cellulase and xylanase activities from P. ostreatus after 9
days of growth and the cellulase from Trichoderma reesei
ATCC26921. The commercial enzymatic mix C (145U/gds
of cellobiase from A. niger and 8U/gds of thermostable 𝛽-
xylosidase) was also included in the reaction mix to obtain
the complete carbohydrates hydrolysis into the respective
monomers. The hydrolysis mixtures, supplemented with
40 g/mL tetracycline and 30 g/mL cycloheximide to prevent
microbial contamination, were prepared in caped tubes and
were incubated together with blanks (pretreated lignocellu-
losic material without enzyme cocktail) on a rotary ther-
moblock (Themomixer C, from Eppendorf) at 600 rpm. Dif-
ferent hydrolysis conditions were tested according to either
“Plackett-Burman (PB) design” or “33 factorial experimental
designs.” Samples were withdrawn at different time inter-
vals, chilled on ice, and centrifuged at 16.500×g for 30min
at 4∘C.

The total released sugars were expressed as the amount
(mg) of total soluble sugars liberated after hydrolysis per
grams of pretreated biomass.

2.8. Determination of Sugar Content. The sugars contained
in the cleared supernatants obtained from A. donax, pre-
treated and subjected to the two-step acid hydrolysis or the
enzymatic hydrolysis as described above, were analyzed by
a high-performance liquid chromatographic (HPLC) system
(Dionex, Sunnyvale, CA, USA), equipped with an anionic
exchange column (Carbopac PA-100) and a pulsed electro-
chemical detector. Glucose and xylose were separated with
16mM sodium hydroxide at a flow rate of 0.25mL/min and
identified by the respective standards. Fucose was used as
internal standard.

2.9. Experimental Design and Data Analysis. In order to
elucidate the most significant conditions for the enzymatic
hydrolysis of pretreated A. donax the Surface Response
Methodology (SRM) was used. The Plackett-Burman (PB)
factorial design, used to identify the critical parameters, and
the 33 factorial experimental design were obtained by the
Statistica 12.0 software (Statsoft Inc., 2013). The regression
coefficients, analysis of variance (ANOVA), and 𝑝 and 𝐹 val-
ues were used to estimate the statistical parameters employed
by the same software. ANOVA table consists of calculations
that provide information about levels of variability within a
regression model and form a basis for tests of significance.

2.10. Plackett-Burman (PB) Design. A total of 11 (𝑁) variables
including temperature (∘C), amount of biomass (%, w/v), pH,
time (hours), concentration of cellulase and xylanase from P.
ostreatus and of commercial cellulase from Trichoderma ree-
seiATCC26921 (U/gds), and 5 unassigned variables (dummy)
were studied in 12 (𝑁 + 1) experiments. Each variable was
examined at two levels, high and low, denoted by (+1) and
(−1) signs, respectively (Table S1 in Supplementary Mate-
rial available online at http://dx.doi.org/10.1155/2015/951871).
Also 3 centre points, in which the medium level with the
code (0) was considered for each parameter, were included
in the PB matrix (Table 1). The main effect of each variable
was determined using the following equation:

𝐸
𝑥𝑖
=
(∑𝑀

𝑖+
− ∑𝑀

𝑖−
)

𝑁
, (1)

where 𝐸
𝑥𝑖
is the variable main effect and 𝑀

𝑖+
and 𝑀

𝑖−
are

the sum of the responses in runs, in which the independent
variable (𝑥𝑖) was present in high and low levels, respectively,
while 𝑁 is the half number of runs considered. If the main
effect of the tested variable is positive, it means that the
influence of the concerning variable is greater at the high
level tested, and when it is negative, the influence of the given
variable is greater at the low level.

2.11. 33 Factorial Experimental Design. To investigate the
effect of the most critical parameters, defined through the
PB factorial design, as well as how their interactions affect
the response variable, 33 factorial experimental design was
performed (Table S2). According to the 33 full factorial design
for the three variables, 27 experimental runs including 3
central points, totalizing 30 runs were executed (Table 2).

2.12. Validation of Developed Model. Based on the 33 fac-
torial experimental results, complementary experiments (in
triplicate) were carried out to validate the developed model.
The experiment performed incorporated the conditions (run
number 18) that allowed obtaining the maximum amount of
released sugars. After, the experimental responses obtained
were compared to the theoretical responses calculated from
the developed model. The difference between the experi-
mental and theoretical responses was evaluated to test the
reliability of the model to predict the yield of saccharification
of A. donax.



4 BioMed Research International

Ta
bl
e
1:
Pl
ac
ke
tt-
Bu

rm
an

11
/12

sc
re
en
in
g
de
sig

n:
tw
o
le
ve
ls,

6
fa
ct
or
s,
3
ce
nt
ra
lp

oi
nt
s,
an
d
5
du

m
m
y
fa
ct
or
s(
D
1,
D
2,
D
3,
D
4,
an
d
D
5)
.

Ru
n

Te
m
pe
ra
tu
re

(∘ C
)

%
bi
om

as
s

(w
/v
)

pH
C
el
lu
la
se

fro
m

PO
(U

/g
ds
)a

C
el
lu
la
se

fro
m

Tr
ich

od
er
m
a
re
es
ei

AT
CC

26
92
1(
U
/g
ds
)

Ti
m
e

(h
ou

rs
)

D
um

m
y

1
D
um

m
y

2
D
um

m
y

3
D
um

m
y

4
D
um

m
y

5
To

ta
ls
ug
ar
sr
el
ea
se
d

(m
g/
gd
s)

1
45

7
3

10
1.8

24
1

1
1

−
1

1
17
9.1

5
2

45
3

6
30

1.8
24

−
1

1
1

1
−
1

50
9.9

5
3

25
7

6
10

5.
4

24
−
1

−
1

1
1

1
17
3.
70

4
45

7
3

30
1.8

72
−
1

−
1

−
1

1
1

40
8.
55

5
45

3
6

30
5.
4

24
1

−
1

−
1

−
1

1
43
9.3

0
6

45
7

6
10

5.
4

72
−
1

1
−
1

−
1

−
1

31
2.
75

7
25

7
6

30
1.8

72
1

−
1

1
−
1

−
1

11
2.
15

8
25

7
3

30
5.
4

24
1

1
−
1

1
−
1

34
4.
35

9
25

3
3

30
5.
4

72
−
1

1
1

−
1

1
46
1.7

0
10

45
3

3
10

5.
4

72
1

−
1

1
1

−
1

59
8.
30

11
25

3
6

10
1.8

72
1

1
−
1

1
1

45
6.
35

12
25

3
3

10
1.8

24
−
1

−
1

−
1

−
1

−
1

27
1.6

0
12
C

35
5

4.
5

20
3.
6

48
0

0
0

0
0

38
7.4

0
14
C

35
5

4.
5

20
3.
6

48
0

0
0

0
0

41
9.
30

15
C

35
5

4.
5

20
3.
6

48
0

0
0

0
0

35
5.
50

a D
ue

to
th
e
co
pr
es
en
ce

of
tw
o
(h
em

i)c
el
lu
lo
ly
tic

ac
tiv

iti
es

in
th
e
P.

os
tre

at
us

su
pe
rn
at
an
t,
w
he
n
10
,2
0,
an
d
30

U
/g
ds

of
ce
llu

la
se

ar
e
ut
ili
ze
d
in

th
e
di
ffe
re
nt

ex
pe
rim

en
ta
lr
un

s,
th
e
xy
la
na
se

co
nc
en
tr
at
io
ns

in
th
e

en
zy
m
at
ic
hy
dr
ol
yt
ic
m
ix
tu
re
sa

re
20
0,
40

0,
an
d
60

0U
/g
ds
,r
es
pe
ct
iv
ely

.



BioMed Research International 5

Table 2: 33 experimental screening design: three levels, 3 factors,
and 3 central points.

Run 𝑇 (∘C) Time (hours) pH Total sugars released
(mg/gds)

1 35 48 2.5 289.90
2 35 48 3 264.40
3 35 48 3.5 353.30
4 35 72 2.5 184.60
5 35 72 3 180.60
6 35 72 3.5 315.80
7 35 96 2.5 187.50
8 35 96 3 233.80
9 35 96 3.5 335.90
10 45 48 2.5 196.90
11 45 48 3 209.10
12 45 48 3.5 233.90
12 45 72 2.5 150.30
14 45 72 3 207.40
15 45 72 3.5 291.70
16 45 96 2.5 292.80
17 45 96 3 347.40
18 45 96 3.5 480.10
19 55 48 2.5 69.40
20 55 48 3 185.0
21 55 48 3.5 235.60
22 55 72 2.5 156.70
23 55 72 3 155.50
24 55 72 3.5 156.60
25 55 96 2.5 203.18
26 55 96 3 262.0
27 55 96 3.5 281.0
28C 45 72 3 210.9
29C 45 72 3 211.0
30C 45 72 3 210.5

3. Results and Discussion

3.1. Analysis of Inducers of Cellulase and Xylanase Production
in P. ostreatus. A preliminary screening of the potential
inducers of cellulase and xylanase activities production in P.
ostreatus was firstly performed in 24-well plates monitoring
the time course of the enzymes secretion for 14 days in the
presence of 1% (w/v) CMC, microcrystalline cellulose, cel-
lobiose, sophorose, xylan, xylose, xylitol, wheat arabinoxylan,
galactose, lactose, and 0.6mM sophorose. Many researches
have been focused on induction of cellulase and xylanase
production by different monosaccharides, disaccharides, and
carbohydrates used as sole carbon source [16]. Generally, the
final concentration of the sugar tested as inducer corresponds
to the 1% (w/v), demonstrating that this amount gives an
inductive effect on both cellulases [17, 18] and xylanases [19,
20]. As regards the sophorose, although in most cases it was

used as carbon source at final concentration of 1% (w/v) [21–
23], its inductive effect on cellulase activity was also reported
at lower concentration [24].

This analysis revealed the effect of microcrystalline cellu-
lose as inducer of cellulase and xylanase activities production
(Figures S1 A-B), whilst no induction was evidenced in
the tested conditions by the other compounds, although
in literature they have been reported as strong inducers of
(hemi)cellulases production by fungi, such as Trichoderma
reesei [25], Clostridium acetobutylicum [26], and Aspergillus
niger [27].

Based on the data obtained from the analyses inmultiwell,
P. ostreatus cultures in 1 L Erlenmeyer flasks containing
500mL of medium with 1% microcrystalline cellulose were
performed (Figures S2 A-B). The cellulase and xylanase
activities reached a maximum value of 3.19 and 51.32U/mL,
respectively, after 9 days of fermentation. In many works,
microcrystalline cellulose was reported as an inducer of
cellulase and xylanase activities production in fungal strains,
such as Cerrena unicolor VKM F-3196 [28], Trichoderma
viride [29], Streptomyces sp. [30], and Alternaria brassi-
cae [31]. When C. unicolor VKM F-3196 was grown in a
medium containing microcrystalline cellulose, a production
of 6.5U/mL xylanase and 12.7U/mL cellulase, at the fifth day
of fermentation, was observed by Belova et al. [28]. Similar
amounts of cellulase were produced by Trichoderma viride,
cultivated on microcrystalline cellulose, reaching the highest
value of 10.19U/mg after 3 days of growth [29]. During
submerged fermentation in presence of microcrystalline
cellulose, Streptomyces sp. EC22 produced a maximum of
cellulase (0.8U/mL) and xylanase (2.4U/mL) activity after
72 and 60 hours, respectively [30]. Ortega [31] showed the
induction of extracellular cellulolytic enzymes for the fungus
Alternaria brassicae grown in the presence of microcrys-
talline cellulose with a maximum of 1.95 and 10.90U/mL
for endoglucanase and xylanase activities, respectively, very
low values in comparison with those hereby reported for the
strain P. ostreatus.

3.2. Partial Characterization of P. ostreatus Cellulase and
Xylanase Activities to Define the Enzymatic Properties Useful
for Their Application. The analysis of the culture supernatant
obtained after 9 days of growth of P. ostreatus revealed
only very low 𝛼-arabinofuranosidase, 𝛽-glucosidase, and 𝛽-
xylosidase activities whose concentrations were of 0.0082,
0.056, 0.0076U/mL, respectively. These three enzymatic
activities are needed to obtain the biomass bioconversion into
fermentable sugars.

Moreover, the optimal temperature and pH, thermore-
sistance, and pH-stability of cellulase and xylanase activities
produced by P. ostreatus were also evaluated to identify the
conditions to be tested in the statistical analysis of A. donax
bioconversion.

In McIlvaine buffer, the optimal pH for the P. ostreatus
cellulase activitywas 4.0 (Figure 1(a)), similar to that reported
for the three cellulases produced by P. florida (pH of 4.4) [32].
At least 60% of P. ostreatus cellulase activity was maintained
in the range 3.0–7.0. Differently, the xylanase enzyme lost
completely the activity at pH 3.0 and pH 4.0, showing an
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Figure 1: Effect of (a) pH in McIlvaine buffer, (b) pH in Na-citrate buffer, and (c) temperature on Pleurotus ostreatus cellulase and xylanase
activities. The cellulase and xylanase activities were measured at pH ranging from 3.0 to 9.0 in McIlvaine buffer and from 3.0 to 6.0 in Na-
citrate buffer and at the temperatures from 30 to 80∘C.

optimum at 7.0 (Figure 1(a)), a value close to the optimum of
6.0 reported for a xylanase produced by P. ostreatus [33].

In the Na-citrate buffer, the cellulase activity analyzed in
our work showed an optimum at same pH value of 4.0, while
a different optimal pH of 5.3 was observed for the xylanase
(Figure 1(b)).

Both the P. ostreatus cellulase and xylanase activities
showed an optimal temperature of 50∘C (Figure 1(c)), which
represents the condition mostly used for the enzymatic
hydrolysis of lignocellulosic biomasses [15, 34]. The results
were comparable to the optimum temperature of 45∘C shown
by the three cellulases produced by P. florida [32], while it
was distant from that of xylanase produced by P. ostreatus
(between 25 and 40∘C) [33].

The P. ostreatus cellulase and xylanase activities showed
very high stability in a broad range of pH values (Figures
2(a) and 2(b)). It is worth noting that the xylanase showed

a more elevated stability than the other xylanase produced by
P. ostreatus that loses 15 and 22% of activity at pH 6.5 and pH
9.0, respectively, after only 3 hours [33].

Cellulase activity from P. ostreatus retained 50% of its
value for at least 7 hours at 30∘C and 40∘C and 2 hours at
50∘C and it immediately lost activity at temperature higher
than 70∘C (Figure 3(a)); other cellulases from Pleurotus sp.,
𝛽-glucosidase, endoglucanase, and exoglucanase, showed a
half-life of 15 minutes at 72, 66, and 58∘C, respectively [32].
Xylanase activity from P. ostreatus retained 50% of its activity
for at least 2 days at 30∘C and 7 hours at 40∘C (Figure 3(a));
like the other xylanase fromP. ostreatus [33], it lost the activity
at temperatures higher than 50∘C.

3.3. Screening of Parameters Affecting the Enzymatic Hydrol-
ysis by PB Design. Statistical analysis of Arundo donax bio-
conversion by cellulases and xylanases produced by Pleurotus
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Figure 2: pH resistance of (a) cellulase and (b) xylanase activities of Pleurotus ostreatus. The pH resistance of the cellulase and xylanase
activities was analyzed by diluting the supernatant inMcIlvaine buffer, with pH ranging from 3.0 to 9.0, and incubating at 25∘C.Thepercentage
values reported in the graphs are referred to the initial enzymatic activities of 100%.
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Figure 3: Thermoresistance of (a) cellulase and (b) xylanase activities of the strain Pleurotus ostreatus. The thermoresistance of the xylanase
and cellulase activities was investigated by incubating the fungal culture supernatant in 50mM Na citrate pH 5.3, at 30, 40, 50, 60, 70, and
80∘C.The percentage values reported in the graphs are referred to the initial enzymatic activities of 100%.

Table 3: Macromolecular composition of untreated and pretreated
Arundo donax.

Carbohydrate composition
(% total dry weight)

Untreated Pretreated
Glucan 26.3 ± 1.6 38.2 ± 1.2
Xylan 24.1 ± 1.2 5.7 ± 0.9
Klason lignin 9.8 ± 0.4 36.1 ± 0.6

ostreatus after 9 days of growth in the presence of microcrys-
talline cellulose was performed. Carbohydrate compositions
of the untreated and pretreated [35] giant reed (Arundo
donax) are reported in Table 3.

The effect of the six parameters, temperature (∘C), bio-
mass (%, w/v), pH, cellulase from P. ostreatus (U/gds), com-
mercial cellulase from Trichoderma reesei ATCC26921
(U/gds), and incubation time (hours), on the sugars released
during the enzymatic hydrolysis by P. ostreatus extracellular
cellulase and xylanasewas analyzed through the PB screening
design.

Since in the enzymatic cocktail produced by Pleurotus
ostreatus after 9 days of growth the cellulase activities were
lower than the xylanase one, the only cellulase activity level
was chosen as parameter in the statistical analysis experi-
ments.

Moreover, the addition of the commercial enzymatic mix
C (145U/gds of cellobiase from A. niger and 8U/gds of ther-
mostable 𝛽-xylosidase) in the hydrolysis reaction was nec-
essary to obtain the complete carbohydrates hydrolysis into
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Figure 4: Pareto Chart of the Plackett-Burman design of sugars released during the enzymatic hydrolysis of Arundo donax (𝑅2 = 0.98 and
𝑅2adj. = 0.92), showing the significant factors at 95% of confidence level (𝑝 < 0.05). Significant factors were pH (𝑝 = 0.002859), temperature
(𝑝 = 0.018157), and time (𝑝 = 0.048045) with an effect of −155.83, +104.69, and +71.96, respectively.

the respective monomers, since the 𝛽-glucosidase and 𝛽-
xylosidase activities were not detected in the supernatant of
the strain P. ostreatus.

In Table S1 the lowest (−1) and the highest (+1) values
tested for each factorwere reported.The results of the analysis
were reported in Table 1, ANOVAdata were reported in Table
S3, and the Pareto Chart, showing the standardized effects of
the analyzed factors, was presented in Figure 4.

As reported in the ANOVATable (Table S3), themost sig-
nificant influence on the released sugars during the enzymatic
hydrolysis ofA. donaxwas exercised by the temperature (∘C),
pH, and time. In Figure 4, the Pareto Chart (𝑅2 = 0.98 and
𝑅2adj. = 0.92) shows that the three significant factors at 95% of
confidence level (𝑝 < 0.05) are the pH representing the most
important factor for the released sugars (𝑝 = 0.002859) and
exercising a strong negative effect of −155.83, followed by the
temperature (𝑝 = 0.018157) and the time (𝑝 = 0.048045) with
a positive effect of +104.69 and +71.96, respectively.

Within the tested experimental values, the other three
variables, dosage of cellulase from T. reesei ATCC 26921,
dosage of cellulase from P. ostreatus, and % (w/v) of biomass,
did not show significant effect at 95% of confidence level on
the hydrolysis of saccharification of A. donax. The dosage of
cellulase from Trichoderma reesei ATCC 26921 and that from
P. ostreatus affected the saccharification of A. donax at 94 and
88% confidence levels, respectively.

Moreover, the PB analysis showed a strong influence of
the dummy 4, one of the unassigned considered variables. As
explained by Stowe and Mayer [36] (1966), this may be due
to an experimental error or a possible interaction between
two factors not revealed by the PB analysis but by the 33 full
factorial analysis.

3.4. Analysis of Combined Effect of pH, Temperature, and Time
on the Bioconversion of Arundo donax through the 33 Factorial
Experimental Design and Validation of Generated Model.
Since the PB analysis showed that the pH, temperature (∘C),

and time (hours) were the most significant factors on the
sugars released during the enzymatic hydrolysis of A. donax,
a 33 full factorial experimental design with 30 runs was
performed to analyze the combined effect of them.

As regards the other factors, % (w/v) of biomass, U/gds of
cellulase from P. ostreatus, and U/gds of commercial cellulase
from T. reesei ATCC26921, since they had no effect on the
released sugars, the experiments were performed using their
level 0 tested in the PB analysis, in order to reduce the
utilization of both commercial cellulase and enzymes from P.
ostreatus, with economical advantage. Also, for the % (w/v)
of biomass, it was chosen to adopt the level 0 (5% w/v)
since previous experiments had shown better results with this
biomass percentage [37].

In Table S2, the lowest (−1) and the highest (+1) values
tested for each factor in the 33 full factorial experimen-
tal design were reported. The results of the analysis were
reported in Table 2, ANOVA data were reported in Table S4,
and the Pareto Chart, showing the standardized effects of the
analyzed factors, was presented in Figure 5.

The best result of 480.10mg of sugars/gds was given by
the following combination of factors (run number 18): 45∘C,
pH 3.5, and 96 hours of incubation (Figure 5).

The ANOVA Table (Table S4) showed that all the tested
factors (temperature, pH, and time) exercised a strong influ-
ence on the sugars released during the enzymatic hydrolysis
of A. donax. The 95% confidence interval and a coefficient
of determination 𝑅2 of 0.93, (𝑅2adj. of 0.80) indicated that the
model was statistically significant. As shown in the Pareto
Chart (Figure 5), the pH was the most significant factor for
the released sugars (𝑝 = 0.000183), in agreement with the
results obtained by PB analysis, and it exercised a strong
negative effect of −105.85; it is followed by the temperature
(𝑝 = 0.000921) and the time (𝑝 = 0.000537) with a negative
effect of −71.20 and a positive effect of +65.13, respectively.

A relevant positive impact on the bioconversion process
was exercised by the interaction between temperature and
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Figure 5: Pareto Chart of the 33 full factorial design of sugars released during the enzymatic hydrolysis of Arundo donax (𝑅2 = 0.93; 𝑅2adj. =
0.80), showing the significant factors at 95% of confidence level (𝑝 < 0.05). Significant factors were pH (𝑝 = 0.000183), temperature (𝑝 =
0.000921), and time (𝑝 = 0.000537) with an effect of −105.85, −71.20, and +65.13, respectively. Strong positive impact on the bioconversion
process was exercised also by the interaction between the temperature and the time.

time. This strong interaction could explain the influence of
the dummy 4 revealed by the PB analysis, excluding the
hypothesis of an experimental error [36].

The 3D response surface was obtained by plotting the
response values (mg glucose/g dry substrate) on the 𝑍 axis
against (1) the variables temperature and time, keeping the
pH constant at its level 0 (Figure 6(a)), (2) the variables
pH and time, keeping the temperature constant at its level
0 (Figure 6(b)), and (3) the variables temperature and pH,
keeping the time constant at its level 0 (Figure 6(c)). The
Surface Response is demonstrated by

𝑌 = 206.25 − 12.49 ∗ 𝐴 − 30.81 ∗ 𝐴2 + 78.27 ∗ 𝐵

+ 79.39 ∗ 𝐵2 + 53.44 ∗ 𝐶 + 22.14 ∗ 𝐶2 + 33.90

∗ 𝐴𝐵 − 8.25 ∗ 𝐴𝐶 − 0.33 ∗ 𝐴𝐵2 − 34.32 ∗ 𝐴𝐶2

− 71.23 ∗ 𝐴2𝐵 − 12.04 ∗ 𝐴2𝐶 − 22.22 ∗ 𝐴2𝐵2

+ 2.13 ∗ 𝐴2𝐶2 + 12.24 ∗ 𝐵𝐶 + 2.67 ∗ 𝐵𝐶2

+ 11.26 ∗ 𝐵2𝐶 − 10.56 ∗ 𝐵2𝐶2,

(2)

where 𝑌 indicates the released sugars concentration (mg/g
dry substrate), 𝐴 is the temperature (∘C), 𝐵 is the time
(hours), and 𝐶 is the pH.

The saccharification ratio increased with increase in time
of incubation, keeping constant the pH at 3.5. Increase of
temperature in the range from 35 to 45∘C resulted in an
improvement of the sugars yield. This trend, due to the
positive interaction between temperature and time, gave
more pronounced effect at longer incubation times with the
maximum sugar recovery at 96 h. At this time a further tem-
perature increase generated a reduction of saccharification
yield (Figure 6).

The experimental results (average) did not differ signifi-
cantly with the theoretical values obtained by the generated
model (Table S5). Based on the determination coefficient
(𝑅2 = 0.93 and 𝑅2adj. = 0.80), more than 80% of the results
are represented by the model. The plotting between the
experimental total reducing sugars and the predicted total
reducing sugars was reported in Figure S3.

The conditions under which the maximum value of the
sugars released was achieved were also verified by carry-
ing out the experiments corresponding of run 18, whose
results were in close agreement with the model prediction
(455mg/gds).

In general, the sugars released by the bioconversion of the
pretreated A. donax reported in this study were not so far
from those reported until now in literature, also in compar-
ison with the results obtained using commercial enzymes.
Several sources of enzymes were reported in the biocon-
version of lignocellulosic biomasses and the different sugars
yield obtained, which are summarized in Table 4, were
influenced by the type of pretreated lignocellulosic materials,
the enzymatic cocktail, and the operative conditions adopted
in the process.

It is worth noting that the bioconversion of the pre-
treated A. donax reported in this study released similar
amounts of glucose (229.30mg/gds) and xylose (250.80mg/
gds) to those previously obtained by using commercial
enzymes cocktail, containing 60 FPU/gds of cellulases and
64 pNPGU/gds of 𝛽-glucosidases, in the bioconversion of
the same biomass, which released 264.0mg glucose/gds and
217.0mg xylose/gds [38] (Table 4). Rana et al. [39] showed
that the enzymatic bioconversion of biological pretreated
Parthenium sp. with the Accellerase 1500 (Novozymes)
allowed obtaining 485.64mg of total sugars per gram of
dry substrate (Table 4), comparable to that (480.10mg/gds)
obtained in this study.
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In some cases, the amount of sugars obtained using crude
enzymes from fungi in lignocellulose bioconversion, that
is, from Aspergillus candidus in saccharification of aqueous
ammonia treated corn cob or from Aspergillus foetidus
MTCC 4898 in saccharification of NaOH pretreated agri-
cultural residues like wheat straw, rice straw, and corncobs
[40, 41], was lower than that obtained in our study (Table 4).

Many works concerning the statistical optimization of
pretreated lignocellulosic materials bioconversion, apply-
ing either commercial enzymes or enzymes from different
microorganisms, were so far reported in literature. Lower
sugars yield (293mg/g substrate) than those reported in this
work were obtained from the saccharification of Populus
balsamifera, under optimized conditions, 65 FPUof cellulases
fromAgaricus arvensis/g substrate, 10% of the substrate, and a
temperature of 40∘C [42] (Table 4); while higher sugars yield,
comparable to those obtained by using P. ostreatus enzymes,
was reported by Phuengjayaem et al. [43].

It is noteworthy that the sugars’ yield hereby reported
withP. ostreatus enzymeswas significant alsowhen compared
with that reached by process optimization with commer-
cial enzymes. In fact, maximum reducing sugar yield of
266.0mg/g was found, under optimized conditions, for the
enzymatic hydrolysis of apple pomace by a commercial
cocktail (43.0U/g of Celluclast 1.5 L, 183.0U/g of Pectinex
3XL, and 41.0U/g of Novozyme 188), as reported by Par-
mar and Rupasinghe [44] (Table 4). Ferreira et al. [45],
through response surface methodology, obtained a maxi-
mum reducing sugar yield of 313.0mg/g for Cistus ladanifer
and 418.0mg/g for Cytisus striatus by using 60.0 FPU/g
of cellulase complex NS50013 and 𝛽-glucosidase NS50010
(Table 4).

Moreover, at the best assessed conditions, the enzymatic
cocktail produced by P. ostreatus allowed obtaining, at the
same time, both glucose and xylose at similar yields. Differ-
ently, Ruangmee and Sangwichien [46] showed that at the
optimal conditions for glucose yield (552.9mg/g substrate),
the xylose yield (74.0mg/g substrate) was much lower.

Furthermore, it is worthy to note that an extensive litera-
ture search reveals that (hemi)cellulolytic enzymes produced
by P. ostreatus represent a good candidate as biocatalyst for
the enzymatic saccharification of A. donax, since they give a
sugar yield that was only in few cases a little bit lower [47, 49]
or comparable [40, 43] whilst, in some other cases, it results
higher than that obtained by using enzymes from different
sources [47–49], including the commercial ones [50–52].

4. Conclusions

It was demonstrated that microcrystalline cellulose is able
to induce the Pleurotus ostreatus production of a mixture
of cellulases and xylanases which were shown to be able to
hydrolyze the pretreated Arundo donax. A statistical analysis
of bioconversion based on this mixture led to the best results
of 480.10mg of sugars/gds at 45∘C, pH 3.5, and 96 hours of
incubation. In these conditions, a significant sugar yield was
obtained also in comparison with results previously reported
in literature. Interestingly, both glucose and xylose at similar
yields were achieved at the same time.

Conflict of Interests

The authors declare that there is no conflict of interests
regarding the publication of this paper.

Acknowledgments

This work was supported by grant from the Ministero
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Hydrothermal, dilute acid, and steam explosion pretreatment methods, were evaluated for their efficiency to improve the methane
production yield of three Mediterranean agricultural lignocellulosic residues such as olive tree pruning, grapevine pruning, and
almond shells. Hydrothermal and dilute acid pretreatments provided low to moderate increase in the digestibility of the biomass
samples, whereas steam explosion enabled the highest methane yields to be achieved for almond shells at 232.2 ± 13.0mLCH

4
/gVS

and olive pruning at 315.4± 0.0mLCH
4
/gVS. Introduction of an enzymatic prehydrolysis stepmoderately improvedmethane yields

for hydrothermal and dilute acid pretreated samples but not for the steam exploded ones.

1. Introduction

The replacement of conventional fossil fuels with alternative
sources is dictated by a number of concerns, regarding future
sustainability of feedstock, energy security, reductionof green-
house gas emissions, and support of local economy. To meet
these significant challenges extensive research for different
feedstocks and energy production processes is currently
underway. To this end, solid, liquid, and gaseous biofuels that
are produced from renewable sources and waste streams of
biological origin are very promising. Bioethanol [1], bio-
hydrogen [2], and biogas [3] are amongst the most widely
researched types of biofuels.

First generation biodiesel (using high quality edible veg-
etable oils as feedstock) and bioethanol (using edible sugar
rawmaterials) are already in commercial use in the transport
sector but have also received a lot of criticism due to “food
versus fuel” issue.During the last years, the second generation
biodiesel and bioethanol originating from waste/low quality

vegetable oils and lipids or cellulosic raw materials, respec-
tively, have gained increased research interest in an effort
to replace their first generation analogues. The anaerobic
digestion process used for the production of biogas, on the
other hand, possesses several advantages compared to the
typical bioethanol and biodiesel processes [4]. These include
the ability to convert a wide variety of feedstocks with widely
different compositions into biogas by applying the same basic
process, the elimination of sterile requirements due to the
microbial diversity of the digesters, the spontaneous separa-
tion of the gaseous product from the liquid medium, and full
utilization of the remaining solid digestate and liquid effluent
as fertilizers. The high volumetric methane content of the
biogas promises an equally high energy yield.

Methane production via anaerobic digestion is a process
consisting of four main stages, hydrolysis, acidogenesis, ace-
togenesis/dehydrogenation, and methanation, which are car-
ried out by different consortia of anaerobic microorganisms
[5]. In the first hydrolytic stage, complex polymers such as
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carbohydrates, proteins, and lipids are converted into soluble
oligomers and monomers. During acidogenesis these are
converted to volatile fatty acids and then into acetate and
hydrogen before being finally converted to methane. This
complex process allows for the lack of aseptic conditions dur-
ing fermentation aswell as the utilization of such diverse feed-
stock as animal manure [6], wastewater sludge [7], and food
waste [8] aswell as starch and lignocellulosic energy crops [4].

Utilization of lignocellulosic wastes such as agricultural
and forestry residues, as well as byproducts of the related
industries, is considered promising feedstock for the produc-
tion of biofuels due to their renewable nature, abundance, and
the possibility to support the local economies. Within this
scope, agricultural residues from olive tree pruning, grape-
vine pruning, and almond shells are of great importance for
Southern Europe and Mediterranean Basin countries. As an
example, Spain, Italy, and Greece account for around 70% of
the world olive oil production [9], while the production of
wine and various nuts also represents a major agricultural
activity in Mediterranean countries. The great amount of
byproducts from these activities, such as pruning from olive
tree and grapevine and shells and hull from nuts, has not
yet been incorporated into an efficient utilization process
scheme. Rather, pruning is either burned or scattered in the
field as fertilizer and shells are burned for the production of
energy in the food industry.

The aim of the current work was to evaluate the potential
of these three lignocellulosic agricultural residues as potential
feedstock for the production of biogas through anaerobic
digestion. For this purpose three different pretreatment
methods, that is, hydrothermal, dilute acid, and steam explo-
sion, as well as enzymatic hydrolysis of the pretreated solids
was applied and the effect of all the pretreatment and enzyma-
tic hydrolysis processes on the biomethane yield was studied.

2. Materials and Methods

2.1. Feedstock and Inoculum. Pruning from olive tree and
grapevine as well as almond shells from the Northern Greece
region of Chalkidiki was used for the current work.The prun-
ing contained only the bigger branches, separated from small
twigs and leaves.The inner hard almond shells that were used
were also separated from the outer soft hulls. After air-drying
in the laboratory the biomass samples were passed through
a knife mill with a 1mm sieve for size reduction. The volatile
solids (VS) and total solids (TS) content of the initial biomass
samples as well as the inoculum used can be seen in Table 1.

During the digestions, a thermophilic anaerobic sludge
was used as inoculum.The sludge was collected from a biogas
producing plant located inBoden, Sweden,where foodwastes
are codigested with sewage sludge at 55∘C.

2.2. Pretreatment and Enzymatic Hydrolysis. The three avail-
able biomass types were subjected to three types of pretreat-
ment, hydrothermal pretreatment (HT), dilute acid pretreat-
ment (DA), and steam explosion (SE). Due to the limited

Table 1: Volatile solids (VS) and total solids (TS) content of initial
untreated biomass samples.

Sample Total solids
(wt. %)

Volatile solids
(wt. %)

Vine pruning 95.07 91.97
Olive pruning 91.63 89.02
Almond shells 93.06 91.95
Inoculum 1.53 0.97

Table 2: Experimental conditions of hydrothermal (HT), dilute acid
(DA), and steam explosion (SE) pretreatment.

Type of pretreatment Solids
(w/v)

𝑇

(∘C)
𝑡

(min)
Catalyst
(w/w)

Hydrothermal (HT) 10% 200 7 - no -
Dilute acid (DA) 10% 170 13 1% H

2
SO
4

Steam explosion (SE) 37.5% 195 10 1% H
2
SO
4

number of publications on the use of these materials as feed-
stock for the production of biofuels, the pretreatment condi-
tions used in this study were the same as those used for olive
pruning [10, 11] and can be seen in Table 2.

The pretreated biomass samples were also enzymatically
hydrolyzed with the commercial enzyme preparation Cellic
CTec2 from Novozymes (Bagsærd, Denmark). Two different
approaches were utilized for the enzymatic hydrolysis of the
pretreated biomass. In the one-step approach the enzymes
were added directly to the sludge in order to achieve an
enzyme activity equal to 15 FPU/g biomass, while in the two-
step approach the biomass was saccharified prior to the addi-
tion to the sludge. In the latter case the saccharification was
performed at 50∘C for 8 hours and 23%w/w DM. For both
approaches the enzyme loading was 15 FPU/g biomass.

2.3. Analytical Methods. Total solids (TS) and volatile solids
(VS) contents were determined as previously described [12].
The enzyme activity of Cellic CTec2 was measured according
to the standard protocol [13] and was 240 FPU/mL.

2.4. Biochemical Methane Potential (BMP). The BMP tests
were performed as previously described [12] using the Auto-
matic Methane Potential Test System II (AMPTS II, Bio-
process Control AB, Lund, Sweden). Digestion took place at
55∘C and the I/S (inoculum to substrate in terms of VS) was
adjusted to 2. Incubation was performed in 500mL glass bot-
tles filled with a total of 400 g of sludge and substrate. Slow
mixing (10min mixing and 1min rest) of the sludge was per-
formed with the help of motor fitted at the top of each flask.
Each flask was connected to a 100mL flask containing 80mL
of 3M NaOH in order to trap CO

2
and thymolphthalein as

pH indicator. Finally, methane volume was measured at the
flow meter unit. In each batch of digestion, two controls,
namely, only sludge and sludge with the enzymes (if applica-
ble), were also included in order to calculate themethane pro-
duction from the organic load present in the sludge and the
enzyme digestion, respectively. These amounts of methane
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Table 3: Volatile solids (VS) and total solids (TS) of biomass samples before and after pretreatment with hydrothermal (HT), dilute acid
(DA), and steam explosion (SE) methods.

Sample Untreated HT DA SE
TS VS TS VS TS VS TS VS

Vine pruning 95.07 91.97 98.31 96.06 98.17 98.02 93.64 90.63
Olive pruning 91.63 89.02 99.78 97.56 100.00 100.00 88.35 85.72
Almond shells 93.06 91.95 100.00 100.00 98.69 98.69 96.45 95.70

were finally retracted from the methane production in order
to calculate the pure methane production from the substrate
only. Finally, in order to evaluate the quality of the sludge, a
positive control was also included where microcrystalline
cellulose (Avicel) was used as substrate. It is worth mention-
ing that the digestion was terminated when no significant
amounts of methane were detected.

3. Results and Discussion

During this work we evaluated three different agricultural
residues, namely, vine and olive pruning and almond shells, as
a potential feedstock for the production of biogas via anaero-
bic digestion. As discussed previously, the chosen agricultural
species could be of high economic interest in countries in
the Mediterranean basin, due to the high amount of ligno-
cellulosic residues that are currently underutilized andwhose
potential to be converted into high-value biofuels has hardly
been explored.

The three lignocellulosic feedstocks were evaluated for
their biomethane potential in their initial untreated form and
after pretreatment using three different methods, hydrother-
mal (HT), dilute acid (DA), and steam explosion (SE). Fur-
thermore the solids derived from the three pretreatment
methods also underwent a further enzymatic hydrolysis both
prior to and during anaerobic digestion.

The volatile solids (VS) and total solids (TS) content of the
untreated as well as the pretreated solid samples can be seen
in Table 3.

3.1. Vine Pruning. Vine pruning (VP) consists of the remain-
ing stalks and branches after pruning the grape trees. Dif-
ferent parts of grape trees have been evaluated for anaerobic
digestion, such as seeds, pressings, stalks, and pomace,
although there are not a lot of available works in the literature
at the moment. These parts differ a lot between each other in
composition as some of them might contain also soluble
sugars, making the digestion less complex. The pruning that
was used during this work consists of a pure lignocellulosic
raw material with negligible concentration of soluble sugars
and for this reason a pretreatment step might be required
for the efficient production of methane. This is confirmed by
the results of the digestion of the untreated VP where the
obtained methane yields reached 53.8 ± 0.4mLCH

4
/gVS.

This low yield is generally expected when no pretreatment
is applied to lignocellulosic biomass, due to its recalcitrance
and low solubility of its complex carbohydrates (cellulose and
hemicellulose).
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Figure 1: Methane yield of pretreated and enzymatically sacchari-
fied in one- and two-step process vine pruning biomass.

Low yields from untreated biomass were also observed by
other researchers for agricultural [14] and forest residues [15,
16].The yieldwas somewhat increased for theHT samplewith
a methane production of 74.7 ± 11.9mLCH

4
/gVS. Contrary

to that the dilute acid pretreatment seems to have a negative
effect on methane production with only 30.2 ± 2.4mLCH

4
/

gVS produced. This could be attributed to the degradation of
the sugars present in cellulose and hemicellulose during the
pretreatment.Themost efficient pretreatmentmethod for VP
was proven to be the SE, resulting in almost doubling of the
methane yield, which reached 104.1 ± 1.0mLCH

4
/gVS.

In the next step, the pretreated materials were further
treated by enzymatic hydrolysis in an attempt to improve the
obtained yields. Two different process configurations were
applied: a separate and a simultaneous ones with the anaer-
obic digestion treatment. It can be noticed that the separate
saccharification was more beneficial for all the pretreated
materials. The highest methane yield was observed with the
HT pretreated VP and reached 136.1 ± 13.0mLCH

4
/gVS

while the yield with the SE material was almost as high as
130.7 ± 6.0mLCH

4
/gVS (Figure 1). On the other hand when

enzymes added at the start-up of the anaerobic digestion
the obtained methane yields for the HT and DA pretreated
samples were lower probably due to the fact that the enzymes
are not working at their optimal pH, as the pH of the
anaerobic sludge was measured to be around 7.5–7.8, whereas
the enzymes require slight acidic environment (pH of 5.0–
5.5). The stage that the enzymes will be added in the process
plays a very important role on the obtainedmethane yields. It
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was also previously shown by other authors that simultaneous
treatment was less beneficial compared to the presaccharifi-
cation when Jose Tall wheat grass was used [17]. In the case
of the SE sample the methane production for the simul-
taneous enzymatic treatment is lower compared to the
methane produced from the SE sample without the addition
of enzymes. The positive controls with Avicel gave values
of 342mLCH

4
/gVS indicating that the sludge was active.

The reduced methane production with the addition of the
enzymes, therefore, hints at an inhibition of the anaerobic
digestion.

As discussed above, different parts of the grape tree were
used in the literature. For example, [18] used grape seeds as
raw material for anaerobic digestion. They reported a yield
of 173.4mLCH

4
/gVS, although it is not easy to compare as

this yield is based on both the substrate and the inoculum.
Moreover, seeds have a high concentration in carbohydrates
(up to 37%w/w), crude protein (up to 8.2%w/w) [19], and oils
(up to 16%w/w) [20]. These compounds are easier digested
compared to cellulose and hemicellulose which is the main
component of the materials we used during this work. In
another work [21] it was demonstrated that the pressings of
the grapes can result in a methane yield of 283mLCH

4
/gVS,

whereas when the peduncles were used, the yield decreased
to 180mLCH

4
/gVS. On the other hand, when stalks were

used in another work, the obtained methane yield was lower
(116mLCH

4
/gVS) compared to the one obtained during this

work [22].This underpins the fact that stalks represent one of
the most recalcitrant parts of the grape tree.

3.2. Almond Shells. Almond shells (AS) comprise an agroin-
dustrial waste of the almond producing industry. The most
common practice to exploit AS is through burning as they
offer a HHV (higher heating value) equal to 18.8MJ/kg [23].
Research interest is focusingmostly on their gasification [24],
pyrolysis [25, 26], and the production of activated carbon
[27]. On the other hand, to the best of our knowledge, there is
no work in the literature where AS were used as raw material
for anaerobic digestion. It is, therefore, of great importance to
evaluate this possibility.

Whenuntreatedmaterial was used, the obtained yieldwas
even lower compared to that with the untreated VP, reaching
only 20.2 ± 13.0mLCH

4
/gVS. This might be related to the

different physical characteristics of the two materials, since
AS are much harder and with a higher density and this might
result in higher difficultly to be digested by the sludge com-
pared to the VP. From the 3 pretreatment methods that were
applied, SE were by far the most efficient as they increased
the methane yields by approximately 11.5 times, resulting
in a methane yield of 232.2 ± 13.0mLCH

4
/gVS. This yield

was higher than the yields obtained by using VP even after
enzymatic saccharification. On the other hand, HT pretreat-
ment did not affect the yield, whereas DA resulted in almost
doubling the methane yield (38.6 ± 14.7mLCH

4
/gVS), still

well below the yield succeeded by the SE pretreatment.
The effect of enzymatic treatment was evaluated for AS

(Figure 2). Again the presaccharification treatment was more
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Figure 2: Methane yield of pretreated and enzymatically sacchari-
fied in one- and two-step process almond shells biomass.

beneficial comparing to the simultaneous enzymatic plus
digestion processing for all the pretreated materials.

One interesting observation is that, with the SE pretreated
AS, the application of enzymatic treatment resulted in an
inhibition of the process and subsequent decrease of the
methane yield. The trend was also observed in the case of the
SE VP, but the reduction in methane production is greater
here, for both types of enzymatic treatment. It is not very clear
why the addition of enzymes had a negative effect onmethane
yield when SE material was used. One explanation could be
that the steam explosion pretreatment was performed under
high severity, leading to the degradation of xylan and forma-
tion of pseudolignin. This outer pseudolignin layer is known
to irreversibly adsorb cellulolytic enzymes. The formation of
additional lignin-like material in the presence of enzymes
may be detrimental tomethane production due to the nonpro-
ductive binding of enzymes with lignin, which could inhibit
their use for methane production by the sludge. In each
batch of digestion, the methane production from the organic
load present in the enzyme digestion was deducted from the
total to accurately represent the methane produced from the
biomass only. If the enzymes were not available for digestion,
however, the total methane produced could be higher.

Finally, simultaneous treatment resulted in lower yields
compared to presaccharification and this is in good correla-
tion with what was observed when VP was used.

3.3. Olive Pruning. Olive pruning (OP) consists of the bran-
ches that are left after pruning the olive trees. Similarly to
many other agricultural wastes, OP is normally burned in
order to recover energy, and the HHV is estimated close to
19.2MJ/kg [28]. Until now, OP is evaluated as raw material
for gasification [29], pyrolysis [30], ethanol production [31],
and so forth, whereas as far as we know there is no report
where OP was used for anaerobic digestion. When untreated
OP was used the methane yield was relatively low, reaching
56.8 ± 0.3mLCH

4
/gVS.
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Figure 3: Methane yield of pretreated and enzymatically sacchari-
fied in one- and two-step process olive pruning biomass.

This value was slightly higher than the one obtained from
the untreated VP. Application of pretreatment improved the
methane yields with the highest yield obtained when SE was
applied and reached 315.4 ± 0.0mLCH

4
/gVS. On the other

hand, the HT and DA treatments gave methane yields of
93.1 ± 1.61mLCH

4
/gVS and 84.8 ± 0.0mLCH

4
/gVS, respec-

tively. Despite the fact that both HT and DA improved the
methane yield, the values obtained were much lower com-
pared to the one obtained after SE pretreatment.

Finally, the effect of enzymatic treatment on the pre-
treated biomass was also evaluated (Figure 3).

Application of enzymes prior to digestion was once again
more efficient compared to the simultaneous processing for
the HT and DAmaterial. Presaccharification almost doubled
the methane yields for both HT and DA pretreated OP to
178.3 ± 8.1mLCH

4
/gVS and 176.8 ± 1.8mLCH

4
/gVS, respec-

tively. The enzymatic treatment of SE pretreated samples
resulted in lower yields compared to those obtained without
the use of enzymes, as already seen for the VP and AS
biomass. Finally, the simultaneous treatment had also a nega-
tive effect on themethane yield obtained by theDApretreated
material, whereas it did not affect the yield with the HT pre-
treated material. The highest yield obtained throughout this
work was from the SE pretreated OP, which reached 315.4 ±
0.0mLCH

4
/gVS.

4. Conclusions

In the current work three types of agricultural (olive and vine
pruning) or agroindustrial (almond shells) lignocellulosic
wastes were evaluated as raw material for the production of
biogas. The initial untreated biomass samples gave low
methane yields due to the recalcitrance of the biomass and
insoluble nature of the available carbohydrates (hemicellulose
and cellulose). Three methods were used to improve the
digestibility of biogas, namely, hydrothermal, dilute acid, and
steam explosion pretreatment. Depending on the type of
biomass hydrothermal and dilute acid pretreatment provided
from little to moderate improvement to the methane yield.

Steam explosion proved to be the more favorable pretreat-
ment method for all three biomass types, but particularly for
almond shells and olive pruning where the highest methane
yields of 232.2 ± 13.0mLCH

4
/gVS and 315.4 ± 0.0mLCH

4
/

gVS, respectively, were achieved.
Presaccharification of the pretreated biomass samples

provided controversial results. It improvedmethane yields for
hydrothermal and dilute acid pretreatment methods, where
the initial positive effect of the pretreatment was moderate.
In the case of steam explosion, however, where a high positive
effect for the digestion was achieved, the introduction of the
extra enzymatic hydrolysis step provided a negative effect for
all three types of biomass. The addition of enzymes directly
to the digestion vessel provided a smaller yield compared to
the prehydrolysis, due to the nonoptimal for the enzymes pH
of the digestion medium.

In conclusion almond shells and olive pruning pretreated
with steam explosion provided the best methane yields com-
pared to all the other process parameters evaluated in the
current work. A careful optimization of the pretreatment
and the enzymatic hydrolysis parameters would enable us to
determine if themethane yields of all three biomass types can
be further improved.
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grape seed and pomace oil extracts,” Grasas y Aceites, vol. 58,
no. 1, pp. 29–33, 2007.

[21] V. N. Gunaseelan, “Biochemical methane potential of fruits and
vegetable solid waste feedstocks,” Biomass and Bioenergy, vol.
26, no. 4, pp. 389–399, 2004.

[22] E.Dinuccio, P. Balsari, F. Gioelli, and S.Menardo, “Evaluation of
the biogas productivity potential of some Italian agro-industrial
biomasses,” Bioresource Technology, vol. 101, no. 10, pp. 3780–
3783, 2010.
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