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The onset, progression, and outcome of numerous patholog-
ical conditions, affecting different organs and systems, have
been widely reported to be significantly impacted by the
abuse of psychoactive compounds. In the last decades, pre-
clinical and clinical reports have contributed to a lively scien-
tific debate on the possible pathogenic role that redox
imbalance, defined as a disequilibrium between reactive
oxygen species (ROS) generating and degrading systems,
plays in this scenario [1]. Moreover, increasing interest has
focused on the possibility that enhanced ROS production or
decreased antioxidant defenses in different body compart-
ments, such as the blood, central nervous system (CNS), car-
diovascular, gastrointestinal, and respiratory apparatuses
may represent reliable biomarkers that will enable the detec-
tion of both the early phases of drug abuse-associated com-
plications and the response to pharmacological treatments.
Indeed, in a recent review where the authors attempted to
assemble a biomarker panel for mood and psychotic disor-
ders, it was clear that disordered redox forms an integral
component of the mood-psychosis continuum [2]. Since pro-
longed substance abuse invariably leads to the development
of a mood and/or psychotic disorder, it is understandable
that targeting redox pathways may offer beneficial alterna-
tives to traditional treatment interventions in such condi-
tions [3].

In this special issue, a team of international experts
presents their preclinical and clinical findings related to the
impact of redox imbalance on pathological conditions associ-
ated with the abuse of psychoactive compounds, describing

different underlying mechanisms and also highlighting the
possibility of translating their results into the development
of more targeted pharmacological interventions.

The pathological consequences of ethanol (EtOH) con-
sumption have been widely reported, also that it is consid-
ered one of the oldest and most intoxicating psychoactive
compounds still being used and abused by humans. Among
the different mechanisms proposed to explain the toxicity
of this substance, its potential to induce the production of
ROS in several body tissues and compartments has been con-
firmed and extended by several lines of preclinical and clini-
cal evidence [4].

In this context, D. Pamplona-Santos and coauthors per-
formed a study on the effects of serious and episodic EtOH
drinking patterns, comparable to weekend utilization. The
acute consumption of EtOH promotes an imbalance in
CNS metabolic functions, resulting in neurodegeneration
and cerebral dysfunctions. In this study, the authors investi-
gated the effects of physical training on a treadmill versus
the deleterious effects of EtOH on hippocampal functions
related to memory and learning. They demonstrate that
physical exercise contributes to the reestablishment of the
redox status by elevating GSH levels in the blood and hippo-
campus, and that exercise is a significant nonpharmacological
intervention for the prevention of cognitive dysfunctions
caused by EtOH exposure following a binge drinking pattern
of consumption.

Importantly, epidemiologic studies have highlighted
enhanced EtOH consumption among specific subpopulations,
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such as women [5] and/or adolescents [6]. With respect to
this issue, by using a preclinical approach for their research,
L. M. P. Fernandes et al. investigated the impact of moderate
EtOH consumption in female rats on oxidative damage-
related biomarkers in the liver, brain (motor cortex), and
blood, as well as on behavior. These authors reported that
repeated EtOH binge drinking in female rats during adoles-
cence was able to induce lipid peroxidation in the brain and
liver, where steatosis and structural disruption of the paren-
chyma were also detected, although no evidence of systemic
oxidative damage was found. Moreover, EtOH-induced
damage in the brain and liver was accompanied by significant
locomotor dysfunction, viz. motor incoordination, even fol-
lowing a single episode of binge-like EtOH exposure. How-
ever, bradykinesia and decreased spontaneous exploration
required more prolonged EtOH consumption. The authors
conclude that their paper questions the adequacy of lipid per-
oxidation as a reliable biomarker of the detrimental effects of
EtOH abuse, at least in the female gender and during the ado-
lescent period, considering the significant vulnerability of the
brain and liver to oxidative damage, even in the absence of a
systemic ROS increase.

Psychedelic substances have been the object of increasing
interest with respect to the possible mental and physical
pathological consequences related to their consumption.
One of the most widely abused and addictive compound
belonging to this class is methamphetamine (METH), which
has been reported to induce episodic and/or permanent neu-
ropsychiatric conditions. Moreover, prolonged abuse of this
substance is associated with neurotoxicity as well as damages
to other peripheral organs. Nevertheless, despite the signifi-
cant efforts of the scientific community to better understand
the complexity of the molecular mechanisms underpinning
METH toxicity, several aspects of this process remain to be
elucidated. In this context, the review by F. Limanaqi and
coauthors discussed the epigenetic effects caused by METH.
The manuscript reports the most important molecular
events, starting at the presynaptic dopamine terminals to
reach the nucleus of postsynaptic neurons. They describe
how specific neurotransmitters and signaling cascades pro-
duce persistent genetic modifications that enable the shift of
neuronal phenotypes to induce alterations in behavior. In
the postsynaptic neurons, epigenetic effects induced persis-
tent changes, including sensitization and desensitization,
priming, and shift of neuronal phenotype.

As noted earlier, METH induces the production of a
number of ROS that leads to lipid peroxidation, protein mis-
folding, and nuclear damage in the CNS that are detrimental
to axon terminals and cell bodies. The overproduction of
oxidized proteins, lipids, and nucleic acids requires cellular
clearing systems for detoxification and elimination. Cell
clearing pathways such as ubiquitin proteasome (UP) and
autophagy (ATG) are two such powerful defense mecha-
nisms [7]. However, their integrity and function are chal-
lenged by METH administration. Fortunately, the cell
clearing organelle, “autophagoproteasome” (APP), possesses
both ATG and UP components. Moreover, this organelle is
purported to be activated by the mammalian target of rapa-
mycin (mTOR), thus offering a potential pharmacological

target for circumventing the actions of METH toxicity. In
their paper, G. Lazzeri et al. dissect the ultrastructural mor-
phometry of both UP and ATG components in different cell
compartments and, apart from strengthening the concept
that mTOR inhibition and ATG protect against METH tox-
icity, they provide further detail as to the significance of spe-
cific ATG-related structures. While the paper contributes
towards a better understanding of the neuromolecular pro-
cesses governing METH toxicity, their findings also speak
towards novel insight into cell clearing pathways to counter-
act several kinds of oxidative damages, as well as hint at
new pharmacological strategies for treating METH-
associated toxicity.

The pathological impact of ketamine, a N-methyl-D-
aspartate (NMDA) receptor antagonist, on mental and
physical health has been largely demonstrated by preclinical
and clinical evidence. Ketamine is widely recognized in the
treatment of resistant depression, although its penchant to
induce psychedelic side effects and possible addiction limits
its general use. This has prompted the search for alternative
treatments or approaches that may abrogate ketamine’s psy-
chedelic effects. Among the different molecular mechanisms
proposed to explain the detrimental effects of this psyche-
delic compound, oxidative stress has been reported to play
a crucial role [8], which hints at the possible use of antioxi-
dants as an adjunctive treatment when using ketamine. With
respect to this topic, S. de Carvalho Cartágenes et al. investi-
gated the effects on oxidative status and behavior after imme-
diate withdrawal of intermittent ketamine administration in
adolescent female rats. Although studies exploring gender
differences in ketamine responses are limited, they demon-
strate that females are much more sensitive than males to
the effects of this drug [9]. The data reported by the authors
showed that immediate ketamine withdrawal in the adoles-
cence period promotes systemic and hippocampal oxidative
stress, and this was accompanied by alterations in emotional
behavior.

In recent years, opioid use has approached epidemic pro-
portion, especially in some countries of Europe and North
America. An increasing number of evidence has reported a
pathological link between opioid addiction and redox dysreg-
ulation in both the CNS and periphery [10]. With respect to
opioid compounds generally used as substitutes in the main-
tenance treatment for heroin addiction, such as buprenor-
phine and methadone, limited lines of evidence are
available concerning their possible impact on the redox sta-
tus. In this context, the clinical approach presented by C.
Leventelis and coworkers described increased levels of redox
biomarkers and reduced antioxidant defense in blood sam-
ples obtained from buprenorphine-treated patients
compared to healthy subjects. The same was also observed
in subjects receiving methadone, whose impact was even
more significant than that of buprenorphine. These findings
are important as they suggest that opioids, such as buprenor-
phine and methadone, that are used to treat opioid addiction,
also impact a redox regulatory process in a similar manner
as do the more addictive opioid drugs for which they are
being used as an intervention strategy against addiction.
The authors conclude that their work highlights the
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possibility of a concomitant administration of antioxidant
compounds with the maintenance therapy for heroin addic-
tion. From the presented findings, reflection is needed in the
attempt to further elucidate the link between opioid addic-
tion and redox dysregulation, especially regarding the
effects of heroin itself and the possibility that buprenor-
phine and methadone also independently impact on the
cellular redox systems. The latter actions displayed by
buprenorphine and methadone could underplay their own
addictive potential.

In conclusion, this special issue has confirmed and
extended the pathological role of disordered redox systems
in a variety of pathological conditions, including EtOH,
METH, and opioid abuse, as well as the psychedelic sub-
stance, ketamine. These findings have been provocative to
understanding how apparently different types of neuro- and
psychopathology induced by a broad array of psychotropic
substances ultimately impact cellular redox systems. Identi-
fying the source of redox disturbance, e.g., ubiquitin protea-
some (UP) and autophagy (ATG), as well as a putative
pharmacological target, e.g., mTOR, may provide answers
how to best treat a certain disorder presenting as a pro-
oxidative state. While oxidative stress being prevalent in so
many distinct illnesses questions the usefulness of redox
parameters as a disease-specific biomarker [2], it does not
lessen the importance of targeting these systems to enable a
better therapeutic outcome through the use of adjunctive
antioxidants in treating conditions varying from mood
and psychotic disorders to addiction. However, to better
enable this approach requires a thorough understanding
of the redox processes involved, in which this special issue
has sought to reveal.
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The heavy and episodic EtOH drinking pattern, equivalent to weekend consumption, characterizes the binge-drinking pattern and
promotes a misbalance of encephalic metabolic functions, concurring to neurodegeneration and cerebral dysfunction. And for
being a legal drug, it has global public health and social relevance. In this way, we aimed to investigate the effects of physical
training, in a treadmill, on the deleterious effects of EtOH on hippocampal functions, related to memory and learning. For this,
we used 40 Wistar rats, divided into four groups: Control group, Trained group (trained animals with doses of distilled water),
EtOH group (nontrained animals with doses of 3 g/kg/day of EtOH, 20% w/v), and Trained+EtOH group (trained animals
exposed to EtOH). The physical exercise was performed by running on a treadmill for 5 days a week for 4 weeks, and all doses
of EtOH were administered through intragastric gavage in four repeated cycles of EtOH in binge. After the experimental period,
the animals were submitted to the object recognition task and Morris water maze test, and after being euthanized, the blood and
hippocampus were collected for Trolox Equivalent Antioxidant Capacity (TEAC), Reduced Glutathione Content (GSH), and
Nitrite and Lipid Peroxidation (LPO) level measurements. Our results showed that EtOH caused marked oxidative stress and
mnemonic damage, and the physical exercise promoted neuroprotective effects, among them, the modulation of oxidative
biochemistry in plasma (by restoring GSH levels) and in the hippocampus (by reducing LPO levels and increasing antioxidant
parameters) and cognitive function improvement. Therefore, physical exercise can be an important prophylactic and therapeutic
tool in order to ameliorate and even prevent the deleterious effects of EtOH on cognitive functions.

1. Introduction

Ethanol (EtOH) is a psychotropic drug that generates
behavioral changes and may lead to addiction, i.e., depen-
dency. It is a licit substance, with easy access and even
encouraged by society, but excessive consumption is asso-

ciated with psychosocial and medical disorders, being con-
sidered as a serious public health issue, both in terms of
morbidity and mortality [1].

Furthermore, EtOH has been associated with short- and
long-term neuropsychological effects, and the increased
prevalence of the binge-drinking pattern during adolescence,
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when the brain is still in development and maturation, con-
stitutes an important global health problem since it predis-
poses individuals to dependence and comorbidities [2–4].
This is quite evident in the hippocampus, where the con-
sumption of EtOH in the intermittent model promotes the
reduction of neurogenesis, hippocampal volume, synaptic
communication, and neurotrophins associated with neu-
roplasticity as a brain-derived neurotrophic factor (BDNF)
[2, 5–8], which is therefore strongly associated with cognitive
impairments.

Considering this problem, several strong strategies for
neuroprotection have been studied in experimental animal
models and humans. Physical exercise seems to be associated
with reduction of neuroinflammation [9–11], improvement
of cognitive functions [12–14], increase in BDNF levels
[15–17], hippocampal neurogenesis modulation [10, 13,
16], cerebral oxidative stress modulation [18, 19] and induc-
tion of several positive morphological changes [10, 15, 17].
However, the beneficial effects of the association between
physical exercise and EtOH consumption are not completely
understood, still requiring elucidation of the main mecha-
nism by which physical training may help alcoholic drinkers,
especially over cognitive functions associated with hippo-
campal formation.

In this perspective, the objective of this study was to
investigate the effects of aerobic physical exercise of moderate
intensity on the possible neuroprotection and/or minimiza-
tion of the alcoholic intoxication damage in the hippocampus
of rats.

2. Materials and Methods

2.1. Ethical Statement and Experimental Group Formation.
This research was submitted to the Ethics Committee on
Experimental Animal Research (CEPAE) from the Federal
University of Pará (UFPA) and authorized under the proto-
col CEPAE–UFPA 227-14l, following all NIH guidelines for
the use and care of experimental animals [20]. Forty male
Wistar rats (Rattus norvegicus), weighing between 60 and
80 g and 30 days old, were provided from the UFPA animal
house and placed in a collective with 4 animals each. During
the experimental period, the animals were housed in a
climate-controlled (25°C) room with a dark-light cycle of
12 h, respectively (lights on at 7 a.m.), and water and food
ad libitum.

The experimental animals were divided into four groups:
Group 1, composed of sedentary animals treated only with
distilled water by intragastric gavage (Control group); Group
2, trained animals treated only with distilled water by gavage
(Trained group); Group 3, sedentary animals treated with
EtOH by intragastric gavage (EtOH group); and Group 4,
trained animals treated with EtOH by intragastric gavage
(Trained+EtOH group). Figure 1 summarizes all methodo-
logical steps of this study.

2.2. Physical Training Protocol. The physical training proto-
col was performed in a treadmill (Insight, Brazil) adapted
for rodents, during four consecutive weeks for 30 minutes
each training session [21–23]. The running sessions were

executed between 8 a.m. and 12 a.m. in a motorized treadmill
adapted for rodents, measuring a width of 10 cm and a length
of 50 cm and with bays separated by acrylic walls.

2.3. Protocol of EtOH Exposure. Through intragastric gavage,
we administered distilled water or ethanolic solution, at a
dose of 3 g/kg (20% w/v), being weekly adjusted after weight-
ing the animals [24, 25]. At the fifth day of training in each
week, during three consecutive days in the week, we per-
formed the water or EtOH administration only after the last
training session of the day. In this way, the animals went
through twelve EtOH exposures throughout the experimen-
tal period. Figure 2 summarizes the training and EtOH
exposure protocols.

2.4. Behavioral Assessment. The tests were performed 24
hours after the last administration of EtOH or distilled water,
and 10 animals per group were randomly selected and con-
ducted to the assay room, where the sound and illumination
were controlled in order to avoid any stressful environment.

2.4.1. Object Recognition Test. This task investigates the
emotionality and memory capacity of the animals. The
apparatus for this assay consists of a square wooden arena
(100 × 100 × 30 cm), with a recording camera on the roof,
in which the videos recorded are further analyzed by
ANY-maze software (Stoelting Co., UK). The task consists
of four phases: habituation (30minutes in the arena),
training and two test phases, in which two objects are
placed in extreme corners of the arena. In the training
phase, the animals are presented to two objects that they
will become familiar with for 3 minutes, while in the test
phase, one of the objects is replaced by a different one
from that which was already familiar to the animals. In
this way, the investigation time spent by the animals on
each object in the training phase (T1) was recorded, as
well as the time spent exploring the newest object in the
test phase (T2) by the camera mentioned before. The
exploration of an object was defined as the head of the
animal facing the object at a distance equal to or less than
4 cm [26]. The analyses were performed considering the
total exploration time spent on the two objects in the
training phase, and the recognition index was defined by
the difference in the time of exploration between the
new object and the familiar object divided by the total
time spent exploring between the same objects in the test
phases: T2 − T1 / T2 + T1 .

2.4.2. Morris Water Maze Test. The spatial memory was ver-
ified by the Morris water maze [27]. The apparatus consists
of a circular water tank (diameter of 150 cm), with an acrylic
platform underwater and a recording camera positioned on
the roof. The tank was dived into four quadrants (Q1-Q4)
by imaginary lines, and it was filled with water ±25°C up to
45 cm and colored with a blue nontoxic and water-soluble
dye to turn it dark (to contrast with the animal color in the
recordings), and on Q4, we positioned the acrylic platform
with a diameter of 10 cm and a height of 43 cm. It used a ver-
sion of reference spatial memory, in which the experimental
protocol consists of four training sessions and two test
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sessions, as previously described by Prediger [28]. The first test
session (short-term memory) was executed 1 hour after the
training, and 24 hours after, the test to evaluate long-term
memory was proceeded with the same methodology [28, 29].

2.5. Blood and Hippocampal Oxidative Biochemistry
Analyses. Ten animals were randomly selected and used for
evaluation of the oxidative biochemistry state in the blood
and hippocampus. The animals were deeply anesthetized

1 2 3Behavioral
assessment

Sample
description

Oxidative
biochemistry

4 weeks Euthanasia
Object recognition test

Morris water maze

TEAC
GSH
TBAR S

TEAC
GSH
LPO
Nitrite

n = 40

Wistar rats
(30-60 days old)

Control group

No trained+H2Od

Trained group

Trained+H2Od

EtOH group

No trained+EtOH
3g/kg/day (20%p/v)

Trained+EtOH

Trained+EtOH
3g/kg/day (20%p/v)

A B

Figure 1: Sample description and experimental design. (1) Sample characteristics and the division of the experimental groups of the treadmill
physical training and ethanol (EtOH) or distilled water (H2Od) administration; (2) after four weeks (28 days), accomplishment of the
behavioral assays: object recognition test and Morris water maze; (3A) after euthanasia, blood plasma collection for oxidative balance
analyses through Trolox Equivalent Antioxidant Capacity (TEAC), Reduced Glutathione [14], and Thiobarbituric Acid Reactive
Substances (TBARS); (3B) also, hippocampus collection for oxidative balance analyses through TEAC, GSH, Lipid Peroxidation (LPO),
and nitrite levels (Nitrite).

2nd week1st week 4th week3rd week

Progression of the weekly speed (m/min) and the duration of the training (min)

m/min m/minmin minm/minmin minm/min

52 55 58 510
55 58 510

D01 D28

Physical training EtOH or H2Od administration

208 10 1220 1520 20

512

Figure 2: Experimental schedule of the treadmill physical training protocol and ethanol (EtOH) or distilled water (H2Od) administration by
intragastric gavage since day 1 (D01) until day 28 (D28). The physical training protocol was adapted from Arida et al. [21].
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through intraperitoneal injection of ketamine hydrochloride
(90mg/kg) and xylazine hydrochloride (10mg/kg), and then,
the blood collection was executed by intracardiac puncture in
tubes containing EDTA. The blood samples were centrifuged
for 10 minutes at 1400 rpm, and the plasma was collected and
stored at -80°C. The hippocampi were collected after total
loss of retinal and paw reflexes by craniotomy and brain dis-
section. The hippocampi were washed in PBS and immedi-
ately frozen in liquid nitrogen and stored at -80°C until
further analyses. For biochemical analyses, firstly, the hippo-
campus samples were thawed, suspended in Tris Buffer Solu-
tion (HCl 20mM, pH7.4) at 4°C, and homogenized by
ultrasonic degradation, and after, the homogenate was cen-
trifuged at 3000 rpm for 10 minutes (at 4°C), in which the
supernatant was collected for the analyses described below.

2.5.1. Trolox Equivalent Antioxidant Capacity (TEAC). This
method was described by Rufino et al. [30] and consists of
[31] the 2,2-azino-bis(3-ethylbenzothiazoline)-6-sulfonic
acid (ABTS; 7mM) incubation with potassium persulfate
(2.45mM) at room temperature for 16 hours to produce
the radical ABTS+. The work solution was prepared from
the ABTS+ radical in PBS (pH7.2) until absorbance of 0 7
± 0 02 at 734 nm. Subsequently, an aliquot of 35 μL from
the samples or trolox standard was added to 2970μL of ABTS
solution, and the absorbance was read after 5 minutes. The
absorbances were read in triplicate and we established a stan-
dard curve in order to calculate the proportional TEAC [32].
The results were expressed as percentage of control.

2.5.2. Glutathione Peroxidase (GPx) and Glutathione
Reductase (GR) Assay. The assay of GPx was based on the
method described by Flohe and Gunzler [33]. One unity of
enzyme is defined as the quantity of enzyme that catalyzes
the oxidation of 1 μmol of NADPH per minute. The enzy-
matic activity was determined using the extinction coefficient
of 6.2M-1 cm-1. The blanks were made in the absence of
enzymatic extract and in the absence of GSSG. The GR activ-
ity was executed following the oxidation of 0.1-0.25mM of
NADPH by 1-5mM GSSG in 1mL of potassium phosphate
buffer (50mM, pH7.2), with 0.5mM of EDTA, containing
50 μL of protein extract [34]. The oxidation of NADPH
was monitored at 340nm. We also used the methodology
described by Smith et al. [35] that uses 5,5′-dithiobis(2-nitro-
benzoic acid) (DTNB; 0.47mmol). The results were
expressed as a percentage of control.

2.5.3. Lipid Peroxidation (LPO) Determination by
Thiobarbituric Acid Reactive Substances. This procedure is a
method that evaluates LPO and acts as an indicator of oxida-
tive stress. It is based on the reaction of MDA and other sub-
stances with thiobarbituric acid (TBA), performed according
to the proposed method in da Silveira et al. [36]. In each assay
tube, 10 nM of TBA (Sigma-Aldrich) and 0.5mL of sample
were added. After, the tubes were heated at 94°C for 60
minutes to form the complex MDA-TBA, which is dyed
pink. After this procedure, the samples were refrigerated in
tap water and the butyl alcohol was added to the samples in
order to obtain maximum extraction of MDA in the organic

phase. Finally, the tubes were centrifuged, and the superna-
tant was collected and read at 535 nm. The results were
expressed as a percentage of control.

2.5.4. Estimation of Nitrite Level Assay. For nitrite level esti-
mation, we used Griess’ protocol [37] that consists of
centrifuging the samples at 21000g during 20 minutes at 4°C
and using the supernatant to proceed the assay. The samples
were incubated at room temperature during 20 minutes with
100 μL of Griess reagent (0.1% naphthyl-ethylenediamine
and 1% sulfonamide in 5% phosphoric acid—1 : 1). The absor-
bances were read at 550nm by a spectrometer, and we estab-
lished a standard curve by the absorbance of known
concentrations of nitrite. The results were plotted and
expressed as a percentage of control.

2.5.5. Statistical Analyses. After data collection, the distribu-
tion was tested by the Shapiro-Wilk method for verification
of normality. Statistical comparisons between groups were
performed using one-way ANOVA and Tukey post hoc test,
except for the weight curve that was evaluated with two-way
ANOVA followed the Tukey post hoc test. The p values <
0.05 were considered statistically significant. The GraphPad
Prism 7.0 (San Diego, CA, USA) software was used to per-
form statistical analyses.

3. Results

3.1. The Repeated Cycles of EtOH in a Binge-Like Pattern and
Treadmill Physical Exercise Did Not Affect the Animals’
Weight Gain. Repeated cycles of physical training on the
treadmill and EtOH binge drinking for four weeks did not
interfere with the animals’ weight (p = 0 937). At the end of
the experiments, the animals did not showmean body weight
difference (Control group: 194 9 ± 9 5; Trained group:
179 5 ± 4 6; EtOH group: 177 86 ± 5 59; Trained+EtOH
group: 180 93 ± 5 85) as observed in Figure 3.

3.2. The Aerobic Physical Exercise Modulated the Oxidative
Biochemistry of Rats’ Plasma by Reestablishing Glutathione
Levels after 4 Weeks of EtOH Exposure in a Binge-Like
Manner. After repeated cycles of physical exercise on the
treadmill and EtOH binge-like exposure for four weeks,
EtOH did not induce changes in TEAC levels (EtOH group:
93 35 ± 1 05%; Trained+ EtOH group: 102 9 ± 0 65), when
compared to plasma from control and trained-only animals
(Control group: 100 ± 1 57%; Trained group: 95 77 ± 3 01%;
p = 0 076; Figure 4(a)).

However, we observed a significant decrease in GSH
plasma levels in rats exposed to EtOH (EtOH group: 65 37
± 7 13%) compared to the other groups (Control group:
100 ± 8 38%; Trained group: 97 93 ± 6 85%; Trained+EtOH
group: 104 ± 3 87%; p = 0 005; Figure 4(b)), emphasizing that
physical exercise avoided the changes induced by EtOH. No
significant difference was observed in TBARS levels among
the experimental groups (Control group: 100 ± 19 86%;
Trained group: 82 26 ± 20 7%; EtOH group: 75 55 ± 3 77%;
Trained+EtOH group: 83 74 ± 15 16%; p = 0 965;
Figure 4(c)).
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3.3. The Aerobic Physical Training Modulated the Oxidative
Biochemistry Balance in the Hippocampus of Rats Exposed
to Four Cycles of Binge Drinking. As observed in Figure 5,
the exposure to EtOH in a binge-like pattern also misba-
lanced the oxidative biochemistry in the hippocampus of
rats. The EtOH reduced TEAC levels (EtOH group: 78 88
± 3 67%; Figure 5(a)) in comparison to the control group
(100 ± 3 41%; p = 0 016). We observed that the physical exer-
cise could avoid this misbalance provoked by EtOH (Trained
+EtOH group: 89 38 ± 7 09%; p = 0 385; Figure 5(a)).

Exposure to EtOH also modified oxidative parameters
related to GSH levels (EtOH group: 73 58 ± 7 54%) when
compared to the control group (100 ± 2 87%; p = 0 009)
that was not observed in the trained animals (Trained
group: 93 95 ± 1 44%; Trained+EtOH group: 93 24 ± 4 7%;
p > 0 05; Figure 5(b)).

Furthermore, an increase of LPO was observed in the
hippocampus of animals exposed to EtOH (EtOH group:
150 ± 11 09%) in comparison to the other group,
highlighting the reestablishment of the LPO levels to nor-
mal levels due to physical exercise (Control
group:100 ± 6 33%; Trained group:105 4 ± 9 44%; Trained
+EtOH group:105 ± 7 03%; p = 0 003; Figure 5(c)).

Besides that, the EtOH group presented higher nitrite con-
centrations (EtOH group: 155 ± 8 24%) in comparison to the
other groups without EtOH exposure (Control group: 100 ±
9 04%; Trained group: 100 ± 11 55%; p < 0 05). However,
there was no statistical difference in comparison to the
Trained+EtOH group (147 5 ± 7 08%; p = 0 958; Figure 5(d)).

3.4. Physical Exercise Minimized Memory Deficits of Rats
Exposed to Repeated Cycles of EtOH in a Binge-Like Pattern.
Repeated cycles of EtOH binge-like consumption for four
weeks induced injury to working memory, long-term spatial
memory, and learning ability in rats, as observed in the object
recognition and MWM tests. In the object recognition test,
trained animals that were exposed to EtOH showed better
recognition index (Trained+EtOH group: 0 56 ± 0 1) when

compared to those which were only exposed to EtOH (EtOH
group: −0 15 ± 0 19; p = 0 005; Figure 6), revealing the bene-
fits of physical exercise on short-term memory of animals
exposed to EtOH.

When learning and memory were assessed by the Morris
water maze (Figure 7), our data showed that the physical
exercise avoided the deleterious effects of EtOH. This fact
was observed in the first test (Control group: 15 89 ± 1 06;
Trained group: 15 38 ± 1 14; EtOH group: 11 22 ± 0 74;
Trained+EtOH group: 15 ± 0 42; p = 0 002) and on the time
spent in the target quadrant during the test (Control group:
15 83 ± 0 54, Trained group: 16 38 ± 1 01, Trained group:
11 5 ± 0 42, Trained+EtOH group: 17 2 ± 1 53, p = 0 002)
(Figure 7(a)). Regarding the number of entries in the target
quadrant (Figure 7(b)), there was no difference in the first
test among the groups (Control group: 4 66 ± 0 16; Trained
group: 4 ± 0 42; EtOH group: 4 77 ± 0 22; Trained+EtOH:
4 44 ± 0 17; p = 0 182), while in the second test, the EtOH
group showed difference in comparison to the Trained and
Trained+EtOH groups (Trained group: 3 37 ± 0 26; EtOH
group: 4 6 ± 0 26; Trained+EtOH group: 3 33 ± 0 33; p <
0 05), but not in comparison to the control group (Control
group: 3 88 ± 0 3; p = 0 319).

4. Discussion

Considering the health impacts that EtOH consumption may
cause and the constant need to investigate new therapeutic
tools that ameliorate its damage, this work brings important
data about how physical exercise positively affects cognitive
functions that are deeply affected by EtOH consumption,
even in a binge-drinking pattern. This study revealed that
physical exercise is associated with GSH level restoration in
the blood of rats exposed to EtOH. Moreover, this nonphar-
macological therapeutic tool is also associated with TEAC
and GSH level restoration in the hippocampus of rats
exposed to EtOH and also the reduction of LPO levels into
the basal state, comparable to nonexposed animals. And fol-
lowing this perspective of EtOH binge-drinking pattern
impacts, we are showing that physical exercise substantially
improves cognitive hippocampal functions, such as memory
and learning.

Binge drinking or episodic heavy drinking is the practice
of consuming large amounts of alcohol in a single session and
causing a blood alcohol concentration (BAC) equal to or
greater than 0.8 g/L. This dosage is equivalent to five or more
doses for men, or four or more doses for women in a two-
hour period [38]. The model of alcoholic intoxication in the
binge-drinking pattern used in this work reproduces the pat-
tern of encephalic oxidative damage seen in humans who
drink in binge [39–42]. However, the degree of severity of
brain damage may depend on some variables, such as expo-
sure time, sex, and age.

The exposure to EtOH is associated with several neuro-
logical disorders, which may include prenatal exposure, fea-
turing fetal alcohol syndrome, and effects in postnatal
individuals, like poor motor performance and cognitive
decline [2, 39, 43, 44]. This last one is commonly associated
with visuospatial capacities, executive functions, and episodic
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Figure 3: Effects of four cycles of treadmill physical training and
exposure to binge-like ethanol, for 28 days, on body weight gain
(g) of Wistar rats. Results are expressed as mean ± standard error
of the mean. Two-way ANOVA and Tukey’s post hoc test, p >
0 05.
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memory [45, 46]. Following this cognitive component, the
hippocampus plays a pivotal function in this process, since,
anatomically, it is related to other structures that are deeply
associated with memory processes [47]. Also, the hippocam-
pus is an integrator center of projections from the perirhinal,
parahippocampal, and entorhinal cortices [48], which are
included in communication pathways for spatial memory
(part of declarative memories) [49–51]. And although the lit-
erature presents controversial findings of the hippocampal
role in the object recognition task, some studies have pointed
that this organ is mainly associated with visual memory and
affects the recognition memory; therefore, it also reinforces
the hippocampus as an associative structure [52–58] that is
required for an efficient cognitive process. In this way, for
our behavioral assessment, we elected both these paradigms
to investigate hippocampal failure after EtOH exposure: spa-
tial memory and recognition memory.

The object recognition test is based on the presentation of
the rodents to familiar and new objects. Instinctively, they
spend most of their time exploring the new object. This pref-
erence is used as an indication of memory in relation to the
familiar object [59]. Our results in this test were markedly
significant, since rats exposed to EtOH had marked memory
deficits compared to controls and trained exposures. The
Morris water maze test, especially indicated for measuring
spatial learning and hippocampal-dependent mnemonic
processes [27–29, 60], demonstrated that the rats exposed
to EtOH had long-term spatial memory deficit.

This study showed that alcoholic intoxication in a binge
pattern for three consecutive days per week (during four

weeks), generated oxidative stress in the hippocampus but
not in the blood. Hippocampal stress, on the other hand, pro-
moted short-term and long-term memory impairment. In
addition, for the first time, it has been shown that forced
physical exercise, on a treadmill, concomitantly with EtOH
intoxication, minimized the deleterious oxidative and behav-
ioral effects generated by exposure to EtOH in young adult
rats.

Several studies have highlighted the strong association
between oxidative stress and cognitive decline, specially eval-
uating anti- and prooxidative agents in the blood of patients
with compromised cognitive functions [61–64]. And inter-
estingly, those studies have pointed that reduced levels of glu-
tathione peroxidase or glutathione in the blood may be a
strong biomarker for cognitive decline [61, 63, 64]. In this
perspective, we hypothesize that the reduction of GSH levels
found in the blood of rats exposed to EtOH may exert a
strong association with the hippocampal deficit found in this
study. Despite repeated cycles of intoxication in binge, the
serum concentration of TBARS was not significant among
the groups, discarding the possibility of physical exercise
playing a harmful role in the oxidative dynamics. Still, in a
recent work [40], the authors observed that adolescent female
Wistar rats, treated with EtOH in a binge pattern, presented
cumulative effects on oxidative damage in the motor cortex
and liver, which were also not detectable peripherally; it
that seems that gender and age variables did not interfere
in this scenario.

We did not notice significant changes in the body weight
of our rats among the groups and throughout the
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Figure 4: Effects of four cycles of treadmill physical exercise and exposure to binge-like ethanol, for 28 days, on oxidative balance in the blood
plasma of Wistar rats. (a) TEAC levels, (b) GSH levels, and (c) Lipid Peroxidation (LPO). Results are expressed as mean ± standard error of
the mean of control percentage. One-way ANOVA and Tukey’s post hoc test, p < 0 05. ∗Statistical difference in relation to the other groups.
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experiment. Previous work reported that EtOH induced a
decrease in body weight. This decrease seems to be dose-
dependent, and the higher the EtOH dose, the lower the
weight of rats [39, 65]. This decrease was significant from
the dose of 1.2 g of EtOH per kilogram of body weight over
four weeks [65]. Our sample’s weight remained stable for

the same exposure period at the dose of 0.8 g/kg. Physical
exercise also did not interfere with weight loss or gain in
our experimental design.

When in the blood, EtOH molecules are transported
quickly to all tissues that have cells with high concentrations
of water like the brain, liver, heart, and kidneys [66]. The
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Figure 5: Effects of four cycles of the treadmill physical exercise and exposure to binge-like ethanol, for 28 days, on oxidative balance in the
hippocampus ofWistar rats. (a) TEAC levels, (b) GSH levels, (c) percentages of Lipid Peroxidation (LPO) in relation to the control group, and
(d) percentages of nitrite per milligram of protein in relation to the control group. Results are expressed asmean ± standard error of the mean.
One-way ANOVA and Tukey’s post hoc test, p < 0 05. ∗Statistical difference in relation to the other groups or between the groups indicated.
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Figure 6: Effects of four cycles of the treadmill physical exercise and exposure to binge-like ethanol, for 28 days, on working memory of
Wistar rats. Results are expressed as mean ± standard error of the mean of (a) investigation time (s) in the training session and (b)
recognition index in the test session. One-way ANOVA and Tukey’s post hoc test, p < 0 05. ∗Statistical difference in relation to the other
groups or between the groups indicated.
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vulnerability of the CNS to the effects of EtOH and exposure
during brain development may cause irreversible abnormali-
ties of brain structures and functions [3, 4]. The evaluation of
LPO in the CNS system has a relevant importance consider-
ing that the brain is particularly vulnerable to free radicals,
due to the high oxygen consumption and high content in eas-
ily oxidizable substrates, in contrast to the low activity of
antioxidant enzymes.

The CNS has a high cellular metabolism, which demands
high consumption of oxygen and naturally results in ROS
production, which requires an efficient antioxidant system
acting [67]. EtOH consumption promotes oxidative imbal-
ance causing LPO, DNA, and protein oxidation, which is
enough to promote mitochondrial dysfunction and subse-
quent neuronal damage. On the other hand, ROS is associ-
ated with neuroinflammation that also contributes to the
alteration of organelles; however, detoxification, repair, and
adaptation are expected responses during an inflammatory
state, which, in a deficit situation, may drive to oxidation of
the cellular components mentioned above [67, 68], which
may increase cell death resulting in cognitive impairments
such as memory and learning [69] also observed in this study.

Therefore, the toxicity of EtOH during its metabolism
leads to a marked oxidative stress, including in the CNS,
due to a reduction of antioxidant enzymes and marked pro-
duction of oxidizing molecules, such as H2O2, hydroxyl rad-
icals (OH⋅), and singlet oxygen during the process to the
mitochondrial transport chain phosphorylation [70, 71].
Recently, our group showed that EtOH exposure is able to
promote oxidative changes and functional changes in the cer-
ebellum of rats, which can be minimized by physical exercise
due to the neuroprotection and decrease in total antioxidant
capacity (TEAC) and an increase in levels of Lipid Peroxida-
tion (MDA) in the cerebellum [23]. In addition, we also
showed that EtOH exposure led to oxidative stress with
increased MDA levels, possibly reflecting on the CNS, which
led to a profile of psychiatric disorders or cognitive impair-
ment and impact motor performance [2, 71]. In this regard,

we also showed that this EtOH consumption induces marked
oxidative stress in the liver and motor cortex leading to
changes in motor function; however, it did not alter the levels
of prooxidant and antioxidant factors in the blood similar to
the results demonstrated in this study [72]. In this study, our
experimental data showed that MDA levels were not altered
in the periphery, indicating that in clinical practice, MDA
levels in the blood could not be used as peripheral markers
of ethanol toxicity. These findings may be explained by the
fact that reduced antioxidant defenses against oxidative dam-
age may particularly affect the organs most susceptible to this
type of damage, such as the brain. Brain cells are more vul-
nerable to oxidative damage due to reduced levels of antiox-
idant enzymes and a high level of oxidative metabolism in
this tissue [73]. Thus, in this tissue, ROS can lead to oxidative
damage in cellular components, impairing cellular energy
and signaling pathways (redox signaling) that can cause acute
and chronic CNS dysfunctions [74].

In contrast to EtOH, the beneficial effects of exercise on
brain functions are well documented, including by our group,
who recently showed that moderate-intensity aerobic exer-
cise improved antioxidant levels and reduced oxidative stress
in regions associated with motor functions, as the motor cor-
tex, cerebellum, and striatum [23, 69]. In addition, physical
exercise may modulate mitochondrial functions, elevating
autophagy and expression of neurotrophic factors such as
BDNF (brain-derived neurotrophic factor), FGF (fibroblast
growth factor), and VEGF (vascular endothelial growth fac-
tor) by the development and maintenance of the nervous sys-
tem [15, 75–78]. Thus, increased levels of BDNF and other
transcription factors, such as the transcription factor cAMP
response element-binding protein (CREB), can help to sus-
tain the structural and functional integrity of the hippocam-
pus and neurogenesis and synaptic processes such as long-
term potentiation (LTP) [75].

Accordingly, in damage caused by EtOH in the CNS, sev-
eral studies showed that exercise can increase the availability
of neurotrophins, leading to a sufficient supply of trophic
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Figure 7: Effects of four cycles of the treadmill physical exercise and exposure to binge-like ethanol, (EtOH) for 28 days, on spatial long-term
memory and learning capacity ofWistar rats. Results are expressed asmean ± standard error of the mean of (a) time spent in the target (s) and
(b) number of entries into the target. Both measurements were performed in the first test and the test after twenty-four hours. One-way
ANOVA and Tukey’s post hoc test, p < 0 05. ∗Statistical difference in relation to the other groups or between the groups indicated.
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molecules, so that both mature cells and those newly gener-
ated in the brain becomemore resistant to the damage caused
by alcohol [15, 76–78]. In addition, physical exercise alters
levels of neurotransmitters in the hippocampus, such as ace-
tylcholine by stimulating cholinergic fibers that lead to
increased vasodilation, and thus elevate blood flow in the
hippocampus during exercise [79]. Thus, these effects caused
by physical exercise have an essential role in the performance
of hippocampus-dependent learning and memory tasks and
stimulate the process of redox regulation, thus controlling
the oxidative stress caused by alcohol [75]. These findings
may explain our data that show the beneficial effects of exer-
cise on behavioral impairments and changes in redox status
induced by EtOH, such as increased LPO and reduced levels
of GSH and TEAC in the hippocampus. Thus, the results
suggest that EtOH induces oxidative stress that exerts patho-
logical effects on the hippocampus and on cognitive func-
tions, and this process can be regulated and thus controlled
by physical exercise.

In this regard, the protocol of physical exercise used
[21] was absolutely innocuous in relation to oxidative
dynamics, since our biochemical analyses in the plasma
show that the levels of the marker of LPO were not signif-
icant when we compared the trained group with the con-
trol one and the decrease of the levels of GSH was seen
only in the untrained intoxicated group. In recent work
[80], the authors also used a forced exercise protocol on
a treadmill and showed that exercise increased the level
of cortisone and correlated with increased ischemic brain
damage, although they did not evaluate oxidative damage
in the blood tissue. This effect, unlike ours, can be
explained by the difference between the exercise protocols.
Daily, we kept the animals for at least 10 minutes at lower
speeds and the remaining 20 minutes at the highest veloc-
ity of the weekly program (see Figure 1). Treadmill exer-
cise protocols that standardize a gradual increase in
velocity allow the maintenance of the balance between
pro- and antioxidants as confirmed by our results.

We must consider the paradox in relation to the effects
of physical exercise practice, as it causes an increase in
oxygen consumption and, consequently, the generation of
reactive oxygen species (ROS). However, the increased
synthesis of antioxidant enzymes that are also induced
by physical exercise constitutes a metabolic adaptation
capable of protecting cells and tissues from the oxidative
stress imposed by physical exercise itself [14, 81], as
previously mentioned. The elevation of LPO in the hippo-
campus of rats exposed to EtOH and the elevation of
TEAC in Trained+EtOH rats translate this metabolic
adaptation and allow us to suggest that the cognitive
improvement we observed was due to this oxidative bio-
chemistry status reestablishment.

In this way, we strongly believe that one of the mech-
anisms by which EtOH exerts its deleterious effects on
CNS, especially on cognitive functions, is by oxidative
stress. But more interestingly is that the moderate and
gradual intensity of physical exercise restores the normal
rates of antioxidant and prooxidant agents in the blood
and/or in the hippocampus.

5. Conclusions

We demonstrated that physical exercise is a strong nonphar-
macological therapeutic tool for the prevention of cognitive
dysfunction caused by EtOH exposure in binge-drinking pat-
tern consumption. The physical exercise exerts a role in rees-
tablishing the redox status by elevating GSH levels in the
blood and hippocampus of rats exposed to EtOH; besides,
it increases TEAC levels and reduces LPO levels, both in
the hippocampus, which is associated with the improvement
of cognitive functions of the exposed animals. One of the
main contributions of the present study was to show, by a
preclinical model, that the damage promoted in the hippo-
campus of rats due to excessive EtOH consumption can be
minimized by moderate and gradual intensity of aerobic
physical exercise. In this way, by unraveling the protective
mechanisms, the identification of important therapeutic tar-
gets become the main strategy for neuroprotection with non-
pharmacological alternatives, such as physical exercise.
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Buprenorphine and methadone are two substances widely used in the substitution treatment of patients who are addicted to
opioids. Although it is known that they partly act efficiently towards this direction, there is no evidence regarding their effects
on the redox status of patients, a mechanism that could potentially improve their action. Therefore, the aim of the present
investigation was to examine the impact of buprenorphine and methadone, which are administered as substitutes to heroin-
dependent patients on specific redox biomarkers in the blood. From the results obtained, both the buprenorphine (n = 21) and
the methadone (n = 21) groups exhibited oxidative stress and compromised antioxidant defence. This was evident by the
decreased glutathione (GSH) concentration and catalase activity in erythrocytes and the increased concentrations of
thiobarbituric acid reactive substances (TBARS) and protein carbonyls in the plasma, while there was no significant alteration of
plasma total antioxidant capacity (TAC) compared to the healthy individuals (n = 29). Furthermore, methadone revealed more
severe oxidant action compared to buprenorphine. Based on relevant studies, the tested substitutes mitigate the detrimental
effects of heroin on patient redox status; still it appears that they need to be boosted. Therefore, concomitant antioxidant
administration could potentially enhance their beneficial action, and most probably, buprenorphine that did not induce
oxidative stress in such a severe mode as methadone, on the regulation of blood redox status.

1. Introduction

Drug addiction is a serious health problem that modern soci-
ety has to face. It is indicative that mortality rates due to the
increasing prevalence of opioid use have risen approaching
an epidemic scale in some countries [1]. According to recent
epidemiological data, there is an upward trend in Europe
with regard to the number of overdose deaths, and intrigu-
ingly, opioids are responsible for the 81% of them [2]. In
addition, it has been reported that in the European Union,

opioids are the main substances of use (i.e., 38% of all cases),
whereas heroin comprises the 79% of them. There is also a
serious issue of this kind in North America since there has
been observed enhanced morbidity and mortality associated
with the abuse of prescription opioids, heroin, and lately,
the use of high-potency synthetic opioids, especially fentanyl
derivatives [2].

Opioids in general have twofold inhibitory action. They
act both at the presynaptic nerve terminal by inhibiting neu-
rotransmitter release and at the postsynaptic neuron.
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Specifically, they primarily block μ (mu) receptors, thus, pre-
venting the secretion of γ-aminobutyric acid (GABA) that
acts on dopaminergic neurons by inhibiting dopamine
release. The inhibitory action of opioids on GABA results
in increased dopamine release by dopaminergic neurons in
the ventral tegmental area (VTA), which is associated with
the reward system through projecting to the nucleus accum-
bens [3]. The latter are considered the neural mediators for
food intake, sexual behavior, motivation for reward, stress-
related behavior, and substance dependence [4, 5]. Some of
the well-described (side) effects of opioid use are analgesia,
respiratory depression, euphoria, and psychological depen-
dence [6]. The augmentation of dopamine release appears
to be responsible for addiction in opioids. Interestingly, the
increase of dopamine induced by stimuli associated with
pleasure that are an outcome of opioid substance use leads
to memorizing signals announcing the reward. Therefore,
when the dopamine system is overstimulated, the desire to
repeat this experience may be at the expense of other impor-
tant targets [7, 8].

There are several studies in the literature demonstrat-
ing a connection between addiction in opioids and oxida-
tive stress in neuron cells. Noteworthy, repeated use of
large opioid doses causes permanent damage to the dopa-
mine mechanism. This is due to elevated dopamine
release, hence, causing its autooxidation that generates
3,4-dihydroxyphenylacetic acid (DOPAC), a metabolite of
dopamine and H2O2 [9–11]. Hydrogen peroxide can sub-
sequently react with metal ions (Fe++ and Cu+) and during
the Fenton reaction generates OH⋅ radical, which is prob-
ably the most reactive free radical in the cellular environ-
ment potentially inducing oxidative stress [12–18].
Furthermore, it has been shown that the increased dopa-
mine release through its oxidation leads to the production
of quinone radicals lowering the GSH :GSSG ratio and,
therefore, the available reductive equivalents [17, 19–21].
The reactive species induced by opioid use activate the
Jun N-terminal kinase/stress-activated protein kinase path-
way (JNP/SAPK) causing neuron cell apoptosis [22, 23].
Due to potentially high levels of dopamine oxidation, it
has been hypothesized that dopaminergic neuron endings
more likely maintain dopamine levels in synaptic vesicles
than neutralize the dopamine oxidation resulting in neuro-
toxic effects [10, 24].

Buprenorphine and methadone treatment is a common
practice for rehab of individuals that use addictive sub-
stances. It involves the prescription of these drugs as substi-
tutes to the opioids that a patient is dependent on [25–28].
Buprenorphine seems to be more effective than methadone
because it causes less analgesia since it is not a full agonist
of μ receptors [29]. It has been also demonstrated that meth-
adone reduces opioid tolerance and alters redox status, thus
alleviating the side effects of opioids [30]. To this end, there
are numerous substitution programs worldwide administer-
ing buprenorphine and methadone and it has been reported
that they increase the probability of recovery for the addictive
individuals [31].

To our knowledge, there is scarce evidence that metha-
done and buprenorphine act through redox-related

mechanisms [32, 33]. However, the literature lacks observa-
tional studies regarding their effects on the redox status of
individuals that are addictive to opioid substances. It is known
that drug addictions have a negative impact on the systemic
antioxidant defences. Therefore, the goal of the present inves-
tigation was to examine the effects of methadone and bupre-
norphine, when used as substitute treatments, on the redox
status of patients suffering from heroin addiction.

2. Materials and Methods

2.1. Participants. Seventy-one subjects participated in the
present investigation. They were randomly divided into two
groups, namely, the observation group (n = 42), which
includes patients being under opioid maintenance treatment
(OMT) in the therapeutic units of Attica Organization
Against Drugs in Greece, and the control group (n = 29)
comprising healthy individuals without prior contact with
substances able to induce addiction. The OMT group was
further divided in the MMT (methadone maintenance treat-
ment) (n = 21) and the BMT (buprenorphine maintenance
treatment) (n = 21) groups. The participating patients were
fully informed about the purpose and objectives of the study.
All necessary information and safeguards were provided to
ensure the confidentiality of data, and each patient signed a
consensus form before the study began. According to our
inclusion criteria, all subjects were over 20 years of age and
were long-term heroin or other opioid drug users and suffer-
ing from physical and mental dependence due to using. Par-
ticipants with severe psychopathology and other serious
medical problems, such as infection by human immunodefi-
ciency virus (HIV) or hepatitis B virus (HBC), were excluded
from the study. Patients with relapse to other addictive sub-
stances were not also included. In order to avoid this, all par-
ticipants underwent weekly urine tests during the three-
month period of the substitution treatment (i.e., methadone
or buprenorphine) to rule out the use of other substances
(i.e., opioids, methamphetamine, methadone, benzodiaze-
pines, cannabis, tetrahydrocannabinol, amphetamine, and
buprenorphine by one-step multidrug test kits). All subjects
were found negative for substance abuse. The subjects’ demo-
graphic data of the participants in the OMT programs
including age, gender, area of residence, years attending
Organization Against Drugs (OKANA, Athens, Greece) pro-
grams, age started using, and duration of using addictive sub-
stances before the OMT were obtained. All applied
experimental procedures were in line with the European
Union Guidelines laid down in the 1964 Declaration of Hel-
sinki and approved by the Institutional Review Board of the
University of Thessaly (Larissa, Greece) and the Organiza-
tion Against Drugs (Athens, Greece).

2.2. Drug Administration. Commercial methadone hydro-
chloride solution (10mg/ml) and buprenorphine/buprenor-
phine-naloxone pills (2-8mg) were used for regular doses.
The mean daily dose of methadone was 60mg. According
to the relevant literature, methadone doses of 40-50mg or
80-100mg per day are effective as opioid maintenance treat-
ments for heroin-addicted patients [34, 35]. However, given
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that, to our knowledge, there are no studies reporting an opti-
mal methadone daily dose, and additionally, the inter-
individual differences of patients constitute a crucial factor
for drug efficiency; a medium dose (i.e., 60mg) was chosen
to be administered. With respect to buprenorphine, the mean
daily dose was 16mg. On the basis of the available data, this
dosage regimen is the most commonly used in order bupre-
norphine to exert its action [35]. The substitutes were admin-
istered to the patients for three months that, according to
previous studies, this is a proper time period for exerting
their action without any side effects, although no relevant
publications exist regarding their effects on blood redox sta-
tus. It is worth mentioning that the patients used only heroin
before the three-month period of the experimental proce-
dure, whereas, as stated above, they received no other sub-
stances during it.

2.3. Blood Collection and Handling. Blood samples were
drawn from a forearm vein of seated individuals and
stored in ethylenediaminetetraacetic acid (EDTA; Becton-
Dickinson, Franklin Lakes, NJ, USA) tubes. The samples
were immediately centrifuged (1,370 g, 10min, 4°C), and
the supernatant (i.e., plasma) was collected for the mea-
surement of the concentrations of protein carbonyls (PC)
as a biomarker of protein oxidation, thiobarbituric acid
reactive substances (TBARS) as a biomarker of lipid per-
oxidation, and total antioxidant capacity (TAC) as a crude
biomarker for assessing blood antioxidant potency [36].
Subsequently, distilled water (dH2O, 1 : 1 (v/v)) was added
to the packed erythrocytes; they were inverted vigorously
and centrifuged (4,020 g, 15min, 4°C). The supernatant
(i.e., the erythrocyte lysate) was collected and used for
measuring the activity of catalase (CAT) as a fundamental
antioxidant enzyme. A small amount of erythrocyte lysate
(i.e., 500μl) was treated with 5% trichloroacetic acid
(TCA, Sigma-Aldrich, Munich, Germany) (1 : 1 (ν/ν)), vor-
texed, and centrifuged (28,000 g, 5min, 4°C). The superna-
tant was then removed, and the same procedure was
repeated once more. Τhe clear supernatant was transferred
in plastic tubes and used for the measurement of reduced
glutathione (GSH) concentration as the most potent
intrinsic antioxidant molecule [36]. Plasma and erythro-
cyte lysates were stored at -80°C until further analysis.

2.4. Protocols for the Measurement of Redox Biomarkers. The
concentration of PC was determined on the basis of the
method of Patsoukis et al. [37] as described by Veskoukis
et al. [38]. In this assay, 50μl of 20% TCA was added to
50μl of plasma; the mixture was incubated for 15min in an
ice bath and centrifuged (15,000 g, 5min, 4°C). The superna-
tant was removed, and 500μl of 10mM 2,4-dinitrophenylhy-
drazine (DNPH; Sigma-Aldrich, Munich, Germany) (in
2.5N HCl) for the samples and 500μl of 2.5N HCl for the
blank were added to the pellet. The samples were incubated
in the dark at room temperature (RT) for 1 h with intermit-
tent vortexing every 15min and were centrifuged (15,000 g,
5min, 4°C). The supernatant was removed, and 1ml of 10%
TCA was added; the samples were vortexed and centrifuged
(15,000 g, 5min, 4°C). The supernatant was then discarded,

and 1ml of ethanol-ethyl acetate mixture (1 : 1 (v/v)) was
added; the samples were vortexed and centrifuged (15,000
g, 5min, 4°C). This washing step was repeated twice. The
supernatant was discarded again, and 1ml of 5M urea
(pH = 2 3) was added; the samples were vortexed and
incubated at 37°C for 15min. They were then centrifuged
(15,000 g, 3min, 4°C), and the absorbance was monitored
at 375 nm using a spectrophotometer (Hitachi U-1900; serial
no. 2023-029; Hitachi, Tokyo, Japan). The determination of
PC concentration was based on the millimolar extinction
coefficient of DNPH (22 l/mmol/cm).

The assay for the determination of TBARS concentration
was based on the method described by Keles et al. [39].
According to it, 100μl of plasma (or dH2O for the blank)
was mixed with 500μl of 35% TCA (Merck KGaA, Darm-
stadt, Germany) and 500μl of Tris-HCl (Sigma-Aldrich, St.
Louis, MO, USA; 200mM, pH = 7 4) and incubated at RT
for 10min. One milliliter of 2M sodium sulfate (Na2SO4)
and 55mM of thiobarbituric acid solution were added, and
the samples were incubated in a waterbath at 95°C for
45min. The samples were cooled on ice and vortexed follow-
ing the addition of 1ml of 70% TCA. Then, they were centri-
fuged (15,000 g, 3min, 25°C) and the absorbance of the
supernatant was monitored at 530 nm. The calculation of
the TBARS concentration was based on the molar extinction
coefficient of malondialdehyde [40].

TAC measurement was based on the method described
by Janaszewska and Bartosz [41]. Briefly, 20μl of plasma
(or dH2O for the blank) was added to 480μl of sodium potas-
sium phosphate buffer (10mM, pH = 7 4) and 500μl of
0.1mM 1,1-diphenyl-1-picrylhydrazyl radical (DPPH⋅) and
the samples were incubated in the dark at RT for 60min.
The samples were then centrifuged (20,000 g, 3min, 25°C),
and the absorbance was monitored at 520nm. TAC determi-
nation was based on the mmol of DPPH⋅ reduced by the anti-
oxidants present in the plasma [40].

CAT activity was determined on the basis of the
method of Aebi [42] as described by Veskoukis et al. [38].
In particular, 4μl οf erythrocyte lysate (diluted 1 : 10) was
added to 2,991μl οf sodium potassium phosphate buffer
(67mM, pH = 7 4) and the samples were incubated at
37°C for 10min. Then, 5μl of 30% H2O2 solution was
added and the change in absorbance was immediately read
at 240nm for 130 sec. The calculation of CAT activity was
based on the molar extinction coefficient of H2O2.

GSH concentration was measured based on the method
of Reddy et al. [43] as described by Veskoukis et al. [38].
For this assay, 20μl of erythrocyte lysate (or dH2O for
the blank) previously treated with 5% TCA was mixed
with 660μl of sodium-potassium phosphate buffer
(67mM, pH = 8) and 330μl of 1mM 5,5-dithiobis-2 nitro-
benzoate (DTNB; Sigma-Aldrich, Munich, Germany). The
samples were incubated in the dark at RT for 45min,
and the absorbance was monitored at 412nm. The GSH
concentration was calculated on the basis of a standard
curve using commercially available standards.

Total protein in plasma samples was measured using
Bradford reagent. Hemoglobin concentration in erythrocyte
lysates was determined with a commercially available kit
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(Drabkin) according to the manufacturer’s instructions. Each
assay was performed in triplicate at two different occasions.

2.5. Statistical Analysis. Data regarding redox biomarkers
were analyzed by one-way ANOVA followed by Dunnett’s
test for multiple pairwise comparisons. Correlation analysis
between redox biomarkers and demographic data was car-
ried out using Pearson’s correlation coefficient. The statistical
significance was set at p < 0 05. For all statistical analyses,
SPSS software version 21.0 (SPSS Inc., Chicago, IL, USA)
was used. Data are presented as the mean ± standard error
of the mean (SEM).

3. Results

3.1. Demographic Data. With respect to the control group,
the mean age was 36 3 ± 3 2 years old and 68.9% of the par-
ticipants were men. The demographic data of the partici-
pants in the OMT programs are depicted in Table 1. In
brief, the mean age was 40 5 ± 1 3 years old, 68.9% of the
participants were men, they mostly lived in urban areas
(i.e., 92.9%), the mean time of attending OKANA programs
was 0 98 ± 0 17 years, and they mainly started using addic-
tive substances at the age of 11-20 (i.e., 66.7%) for 11-20
years (i.e., 45.2%). Furthermore, Spearman’s correlations
between the demographic data and the redox biomarkers
exerted no statistical significance.

3.2. Redox Biomarkers. Regarding GSH concentration and
catalase activity, they were both found significantly decreased
in the group of patients as a whole compared to the control
by 54% and 16%, respectively (Figure 1). According to the
results on the basis of each administered substance, GSH
concentration was reduced in both the BMT and MMT
groups compared to the control by 51% and 58%, respec-
tively (Figure 2). No significant difference between the
BMT and MMT groups was observed. Furthermore, CAT
activity decreased in both the BMT and MMT groups com-
pared to the control by 10% and 22%, respectively. There
was also a significant difference in CAT activity between
the MMT and BMT groups (Figure 2). With respect to PC
and TBARS concentrations, a significant increase was
observed in the levels of both biomarkers in the group of
patients as a whole compared to the control by 34% and
112%, respectively (Figure 3). On the basis of each adminis-
tered substance, PC concentration was increased in both
the BMT and MMT groups by 34% and 51%, respectively
(Figure 4). TBARS concentration was increased in both the
BMT and MMT groups compared to the control by 120%
and 105%, respectively. No significant differences between
the BMT and MMT groups in either PC or TBARS levels
were noticed. Finally, there were no alterations in TAC levels
between the tested groups of participants (Figures 5 and 6).

4. Discussion

The main findings of the present investigation indicate that
buprenorphine and methadone, two opioid substitutes
administered to heroin users in order to get into the rehab
period, induce oxidative stress compared to healthy

individuals. It becomes apparent, hence that although they
impair the unpleasant and often inhumane side effects of her-
oin, they still disrupt redox balance in the blood of patients.

It is worth mentioning that methadone is a full agonist of
the μ-opioid receptor, whereas buprenorphine is a partial
agonist of the μ-opioid receptor and a κ-receptor antagonist
[44, 45]. Both agents are used in substitution treatment to
reduce opioid damage, which is referred to as MMT (metha-
done maintenance treatment) and BMT (buprenorphine
maintenance treatment), respectively [46, 47]. Several studies
have asserted the relation of opioid cytotoxic effects with the
disruption of redox balance and have stressed the protective
role of GSH. Specifically, increased production of reactive
oxygen species (ROS) has been associated with heroin-
induced intracellular dopamine and DOPAC [16], whereas
dopamine infusion in GSH-depleted SK-N-SH neuroblas-
toma cells increased apoptosis, nuclear DNA fragmentation,
and cell membrane lesions [48]. In line with the above stud-
ies, it has also been demonstrated that a reduction of extracel-
lular GSH was observed when astrocytes were cultured in a
dopamine-rich solution indicating that dopamine is an oxi-
dant agent especially in the absence of GSH [20], while
methamphetamine-treated rats exhibited reduced GSH con-
centration in the striatum [21].

The negative impact of both opioids used in the present
investigation (i.e., buprenorphine and methadone) on blood
antioxidant status is depicted by the results in GSH concen-
tration and CAT activation. Specifically, they were both
found reduced at the patient group compared to the healthy
individuals implying that their antioxidant defence was com-
promised. In addition, methadone seems to have a more
severe effect as indicated by the significantly lower values of
catalase compared to buprenorphine. These results are sup-
ported by previous findings [49–52]. Specifically, methadone
appears to have a greater impact on lowering antioxidant
defence since patients under MMT have shown a depletion
of GSH and CAT levels [50, 52]. Nevertheless, studies com-
paring heroin users and methadone-treated patients have
reported that the MMT group exhibits improvement in
redox biomarkers [30, 53, 54]. On the same grounds, TAC

Table 1: Demographic data of the participants in the OMT
programs (n = 42).

Age (yrs) 40 5 ± 1 3

Gender (%)
Men (73.8)

Women (26.2)

Area of residence (%)
Urban (92.9)

Rural (7.1)

Years attending OKANA programs 0 98 ± 0 17

Age started using addictive substances (%)

11-20 (66.7)

21-30 (26.2)

31-40 (7.1)

Years using addictive substances (%)

0-10 (21.4)

11-20 (45.2)

21-30 (21.4)

31-40 (11.9)
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Figure 1: GSH concentration and catalase activity in the control group (n = 29) and the OMT patients as a whole (n = 42). ∗∗ ,∗∗∗Significantly
different compared to the control group (p < 0 05 and p < 0 001, respectively).
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Figure 3: Protein carbonyl and TBARS concentrations in the control group (n = 29) and the OMT patients as a whole (n = 42). ∗∗∗

Significantly different compared to the control group (p < 0 001).
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is decreased after opioid administration, especially heroin [9,
55–57], but it seems that substitutes have a positive effect [9,
58] increasing the antioxidant capacity of the organism.
These findings are optimistic because they support the notion
that although substitute treatment induces oxidative stress,
this occurs in much less extent in comparison to heroin, thus
reinforcing its use at rehab programs. In addition, reduction
of heroin damage by substitute treatment enhances total anti-
oxidant activity [58]. With respect to the biomarkers illus-
trating the oxidative modification of biomolecules, both PC
and TBARS concentrations were elevated in the MMT and
BMT groups. Several studies are in line with our findings
indicating that methadone and buprenorphine induce oxida-
tive stress [55, 59]. Indeed, malondialdehyde (MDA) levels
were found elevated in opioid addicts [60] and in heroin
users compared to methadone-administered individuals [9,
32]. Similarly, an increase in TBARS concentration has been
observed in mice following heroin administration [56],
whereas no significant difference after the administration of
buprenorphine in comparison to the healthy animals was
observed in rats [51].

It is known that, although buprenorphine and metha-
done induce oxidative stress as is the case in the present study
too, they do it in lower extent in comparison to opioids, such
as heroin that an individual can potentially be dependent on.
Comparing the two agonists, buprenorphine appears to have
a less severe impact on oxidative stress keeping a higher bur-
den of intrinsic antioxidants, a fact that is in conformity with
previous results reporting that buprenorphine inhibits oxida-
tive stress [61]. To this direction, it has been proposed that
internalizing opioids (methadone, fentanyl, sufentanil) acti-
vate phospholipase D2 (PLD2) and lead to enhanced ROS
generation, while noninternalizing agonists (i.e., buprenor-
phine) do not [62]. PLD2 activation is contributed to the
endocytosis of the μ-receptor and the development of opioid
tolerance [63, 64]. PLD2 is considered to play an important
role not only in the membrane trafficking of the μ receptor
but also in the functional selectivity of opioids at it. Further-
more, the increase of free radical generation by PLD2-
activating opioids is also implicated in other signaling path-
ways induced by growth factors playing an important role
in cell proliferation and differentiation [60]. The mechanism
by which ROS mediate cell proliferation appears to be associ-
ated with the activation of extracellular signal-regulated
kinase 5 and p38MAPK, which are redox-sensitive [65]. Fur-
thermore, the product of PLD, phosphatidic acid, has been
found to lead through its interaction with the mammalian
target of rapamycin (mTOR) in the release and activation
of cytokines [66, 67]. Notably, it has been demonstrated that
exogenous administration of antioxidants can act protec-
tively against free radical generation induced by opioids used
for maintenance treatment [32, 56].

5. Conclusion

The present investigation asserts that buprenorphine and
methadone, two widely used substitutes for opioid mainte-
nance treatment, induce oxidative stress and compromise
blood antioxidant defence mechanisms. It is noteworthy that

according to the findings of other relevant studies, they
(especially buprenorphine) attenuate the severe oxidative
impact of heroin and other opioids that cause addiction.
Thus, with respect to improving the antioxidant burden of
patients dependent on opioids, it appears that buprenorphine
and methadone act towards the desirable direction. However,
as it has been previously reported, concomitant antioxidant
administration could potentially enhance their beneficial
action by regulating blood redox status.
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Ketamine is used in clinical practice as an anesthetic that pharmacologically modulates neurotransmission in postsynaptic
receptors, such as NMDA receptors. However, widespread recreational use of ketamine in “party drug” worldwide since the
1990s quickly spread to the Asian orient region. Thus, this study aimed at investigating the behavioral and oxidative effects after
immediate withdrawal of intermittent administration of ketamine in adolescent female rats. For this, twenty female Wistar rats
were randomly divided into two groups: control and ketamine group (n = 10/group). Animals received ketamine (10mg/kg/day)
or saline intraperitoneally for three consecutive days. Three hours after the last administration, animals were submitted to open
field, elevated plus-maze, forced swim tests, and inhibitory avoidance paradigm. Twenty-four hours after behavioral tests, the
blood and hippocampus were collected for the biochemical analyses. Superoxide dismutase, catalase, nitrite, and lipid
peroxidation (LPO) were measured in the blood samples. Nitrite and LPO were measured in the hippocampus. The present
findings demonstrate that the early hours of ketamine withdrawal induced oxidative biochemistry unbalance in the blood
samples, with elevated levels of nitrite and LPO. In addition, we showed for the first time that ketamine withdrawal induced
depressive- and anxiety-like profile, as well as short-term memory impairment in adolescent rodents. The neurobehavioral
deficits were accompanied by the hippocampal nitrite and LPO-elevated levels.

1. Introduction

Adolescence consists of the transition from childhood to
adulthood [1]. The age group from 10 to 19 years old

comprises the adolescence period in humans [2], which cor-
responds to 28 to 42 days postnatal in rodents [3]. During
this period, individuals suffer physical, psychosocial, and
cognitive transformations related to adolescent brain matu-
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ration [4]. These changes provide a biological basis for
adolescent-specific behaviors during this period with reper-
cussions in adult life [1].

Actually, important structural and functional changes in
synaptic plasticity and neural connectivity occur during the
development and maturation of the Central Nervous System
(CNS). The brain refines its connections, generating greater
communication between the CNS regions, enabling better
interaction and increased complexity in specific functions
[5]. Thus, the adolescent brain is vulnerable to the harmful
effects of drug abuse [1, 6]. Therefore, exposure to psychotro-
pic drugs during the critical stages of development in adoles-
cents may disturb the processes of maturation and plasticity,
leading to behavioral and cognitive deficits [5].

Among adolescents, the use of prevalent substance abuse
known as “club drugs” (drugs at nightclubs, raves, and bars)
occurs. These substances have several psychotropic effects
and are associated with a variety of levels of neurotoxicity,
dependence, and adverse effects. Among these drugs, keta-
mine can be highlighted [7].

Ketamine is a neuroleptic anesthetic agent in clinical use
since the 1960s. Chemically, it presents itself as a [2-O-chlor-
ophenyl-2-(methylamino) cyclohexanone] [8], consisting of
a phencyclidine derivative. When introduced in clinical prac-
tice, it was regarded as an ideal and complete anesthetic drug,
since it provides all the required components of surgical
anesthesia (i.e., pain relief, immobility, amnesia, and loss of
consciousness) [9]. Pharmacologically, ketamine modulates
neurotransmission at postsynaptic receptors such as N-
methyl-D-aspartate (NMDA) glutamate receptors and
gamma-aminobutyric acid (GABA) receptors. As an uncom-
petitive antagonist, ketamine blocks NMDA receptor and
induces a dissociative anesthesia [10].

Recreational use of ketamine was first reported in 1967
among subjects with access to the drug, particularly medical
professionals [11]. The ketamine misuse spread beyond this
group to the community-at-large, firstly in the United States
followed by other countries in the world, associated with the
“rave” dance subculture of the 1980-1990s. On the streets,
ketamine is known as “angel dust,” Special K, Cat Valium,
“K,” or “Kit Kat” [11, 12].

Low doses of ketamine induces distortion of time and
space, hallucinations, and mild dissociative effects. At large
doses, ketamine induces a more severe dissociation
commonly referred to as a “K-hole,” wherein the user expe-
riences intense detachment to the point that their percep-
tions appear completely divorced from their previous
reality [13]. In rodents, acute subanesthetic doses of keta-
mine produce a schizophrenia-like symptomatology, includ-
ing hyperlocomotion, enhanced stereotyped behaviors,
cognitive and sensorimotor gating deficits, and impaired
social interactions [14–16].

It is important to emphasize that drug abuse generates
toxic effects in different organs, which depends on the
administration pathway used by the addict [17, 18]. The
affected organs by drug addiction consists of the brain, heart,
liver, and kidneys, generally through oxidative stress pro-
cesses that may derive from direct or indirect effects of the
chemical compound, as well as during the drug withdrawal

[18]. In fact, studies in humans have reported that ketamine
induces neurotoxicity through oxidative stress mechanisms
[13]. In rodents, ketamine causes a compensatory overex-
pression of NMDA receptors and increased the Ca2+ levels
[19], resulting in Ca2+ accumulation that leads to mitochon-
drial excitotoxic injury and production of reactive oxygen
species (ROS) [19, 20].

The neurobehavioral alterations generated by the recrea-
tional use of ketamine indicate gender differences in the
substance-related epidemiology, social factors, biological
responses, and progression to dependence [21, 22]. For
example, the consumption of some licit substances, such as
alcohol, in women progresses faster than in men. Besides,
women present more serious problems and greater health-
related consequences with the use of licit and illicit sub-
stances, due to the dopaminergic system in the limbic regions
that, in part, mediate the sexual difference in drug abuse [21,
23]. Additionally, the stimulus and relapse by the search for
drugs in abstinent individuals is different between men and
women, in which women are more likely to initiate misuse
and relapse after withdrawal than men [21, 24].

In fact, studies exploring different human responses of
sex to ketamine are scarce [21]. An animal study designed
by Winters et al. [25], which compared the different analge-
sic effects of ketamine in male and female rats, indicated
that females were much more sensitive to the drug effects
than males [21, 26, 27]. Moreover, females are more sensi-
tive to neurotoxicity of ketamine and cerebral neural loss
than males [28] and are more susceptible to ketamine with-
drawal symptoms and adverse effects, especially in cogni-
tive deficits [21, 29].

Thus, in the present study, we investigated the oxidative
effects and neurobehavioral alterations after intermittent
administration of ketamine in adolescent female rats.

2. Materials and Methods

2.1. Animals and Ethical Aspects. Twenty female Wistar rats
(25 days old, weight 60-100 g) were provided from the Fed-
eral University of Pará (UFPA) and maintained in collective
cages (five animals per cage). Animals were housed (12 h
light/dark cycle, lights on 7:00 a.m.) with food and water ad
libitum. This study followed the NIH Guide for the Care
and Use of Laboratory Animals, and it was approved by the
Committee for Ethics in Experimental Research with
Animals of the Federal University of Pará (license number
BIO 224-14).

2.2. Study Design. Animals were randomly divided into two
groups (10 animals/group). At 35th days old, animals
received saline (control) or ketamine 10mg/kg/day intraper-
itoneally (i.p) [30] for three consecutive days. Rats in the
ketamine group presented with cataleptic immobility within
1min after administration of 10mg/kg ketamine i.p. Dextro-
ketamine hydrochloride (Cristália, Brazil) was diluted in
saline prior to administration at a volume/body weight ratio
of 0.1mL/100 g [31].

Gass et al. [32] used ketamine (5, 10 e 25mg/kg) to inves-
tigate the modulatory effect of acute ketamine administration
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on functional connectivity in the hippocampus and prefron-
tal cortex system of the rat and proved that ketamine
produced a dose-dependent increase in the functional con-
nectivity. Based on these references and our preliminary
experiments, we selected the dosages of ketamine 10mg/
kg/day. Besides, to mimic the pattern of social behavior
among adolescents, we performed the 3 ON-4 OFF paradigm
that has been validated by our group on the study related to
drug addiction during adolescence.

2.3. Behavioral Assays.Animals were acclimated for 1 h in the
test room with attenuation of noise levels and low illumina-
tion (12 lux). To obtain the behavioral effects of ketamine
on the immediate withdrawal, three hours after the last
administration of saline or ketamine (37th days old), the ani-
mals were submitted to the open field (OF), elevated plus-
maze (EPM), forced swimming (FS), and step-down inhibi-
tory avoidance task. All behavioral assays were videotaped
and analyzed by ANY-maze software (San Diego, CA),
except for the rearing parameter of open field (OF) that was
used as a manual counter and inhibitory avoidance task. In
addition, blindness of the study was preserved.

2.3.1. Open-Field Test. In the OF test, animals were individu-
ally placed in the center of a black square arena
(100 × 100 × 40 cm) and were permitted with spontaneous
ambulation for five minutes. To evaluate the horizontal and
vertical locomotor activity, the total distance traveled (in
meters) and number of rearing were measured [33].

2.3.2. Elevated Plus-Maze (EPM). After OF test, animals were
submitted to EPM. The maze consists of two open (no walls,
50 × 10 × 1 cm) and two enclosed (50 × 10 × 40 cm) arms,
arranged perpendicularly, and elevated 50 cm above the
floor. Each animal was placed on the center of the equipment,
facing the closed arm. Animals were able to explore the appa-
ratus for 5 minutes. The parameters measured were the per-
centage of open arm entries (% OAE), the percentage of open
arm time (% OAT) [34], and the frequency of enclosed arm
entries (EAE) [35]. The % OAE and % OAT were calculated
according to the formula open/total × 100 . Entry into an
arm was defined when the animal places all four paws onto
the arm.

2.3.3. Forced Swimming (FS) Test. After EPM, animals were
gently placed individually in a vertical Plexiglas cylinder
(high 50 cm by 30 cm diameter) filled with 40 cm water col-
umn at a temperature of 23 ± 1°C. The test lasted for 5min,
which the first two minutes consisted of habituation of ani-
mals, and the last three minutes measured the immobility
time, according to the criteria of Porsolt [36]. Immobility
time (i.e., animal floated passively, with only small move-
ments to keep the nose above the surface) and climbs
(upward-directed movements) were measured during the
three final minutes of the test.

2.3.4. Inhibitory Avoidance Task. After FS test, animals were
conducted to the habituation session (180 s) of inhibitory
avoidance test. The apparatus consists of an acrylic box
(50 cm × 25 cm × 25 cm), with a floor comprising parallel

copper bars (1mm diameter) connected to an electrical stim-
ulator and a secure platform (7 cmwide × 2 5 cm high). After
24 hours (training session), animals were resubmitted to the
secure platform of the apparatus, and immediately after step-
ping down on the grid, they received a 0.4mA, 1.0 s scram-
bled foot shock. During test sessions (1.5 h after training
session), animals were placed on the secure platform and
the step-down latency (maximum 180 s) was used as measure
of retention (short-term memory) [37].

2.4. Oxidative Biochemistry Assays. To avoid interference of
behavioral assays on oxidative stress analysis [38], 24 h after
the last behavioral task, animals were sacrificed by cervical
dislocation for collection of blood contents by intraventricu-
lar cardiac puncture preceded by thoracotomy. Concomi-
tantly, the brain was removed from the cranial box and
washed with saline at 4°C. Then, the hippocampus was dis-
sected, frozen in liquid nitrogen, and stored in a freezer
-80°C until analysis. For analysis, the samples were thawed
and resuspended in 20mM Tris-hydrochloride (Tris-HCl)
buffer, pH7.4, at 4°C for sonic disintegration. The results
were expressed as percentages of the control groups.

2.4.1. Oxidative Biochemistry in the Blood

(1) Determination of Serum Malondialdehyde (MDA).
Determination of malondialdehyde (MDA) is a
method that evaluates the lipid peroxidation and acts
as an indicator of cell damage. The technical proce-
dure was performed according to the protocol pro-
posed by Kohn and Liversedge [39], adapted by
Percario et al. [40]. The method is based on the reac-
tion of MDA, among other substances, with thiobar-
bituric acid (TBA 10nM; Sigma-Aldrich T5500), in
pH2.5 and high temperature (94°C × 60 min). The
formation of the complex MDA-TBA generates a
pink color that was measured by the spectrophoto-
metric method (535 nm) and concentrations
expressed in nmol/mL. 1,1,3,3-Tetraethoxypropane
(Sigma-Aldrich; T9889) was used for the implemen-
tation of the standard curve.

(2) Determination of Serum Nitric Oxide (NO). The
determination of nitric oxide (NO) was based accord-
ing to the method described by Granger et al. [41]. In
this assay, nitrate (NO3-) present in the serum sam-
ples was reduced to nitrite using nitrate reductase,
and the nitrite concentration was determined by the
Griess method. Briefly, 100μL of the serum superna-
tant was incubated with an equal volume of Griess
reagent for 10 minutes at room temperature. The
absorbance was then measured on a plate scanner
(SpectraMax 250, Molecular Devices, Menlo Park,
CA, USA) at 550 nm. Nitrite (NO2-) was determined
using a standard curve generated using sodium
nitrate (NaNO2). Nitrite production was expressed
in μM.

(3) Measurement of Catalase (CAT) Activity. Catalase
(CAT) activity was determined following the method
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described by Bleuter [42], measuring the rate of enzy-
matic decomposition of hydrogen peroxide (H2O2)
(10mM) to H2O and O2. The decay of H2O2 was
measured using ultraviolet spectrophotometry at
240nm, and enzyme activity was expressed in
CAT units, where one unit is the amount of
enzyme needed to hydrolyze one μmol of H2O2/
min/mg protein.

(4) Measurement of Superoxide Dismutase (SOD) Activ-
ity. Superoxide dismutase (SOD) activity was per-
formed according to the procedure recommended
by McCord and Fridovich [43]. This method evalu-
ated the ability of SOD to catalyze the conversion of
O2- to H2O2 and O2. SOD activity was measured
using ultraviolet (UV) spectrophotometry at a wave-
length of 550 nm and was expressed in nmol/mL.

2.4.2. Oxidative Biochemistry in the Tissue Samples

(1) Concentration of the Hippocampal Nitrite Levels.
The nitrite levels were determined based on a reac-
tion with Griess reagent (0.1% naphthylethylenedia-
mine and 1% sulfanilamide in 5% phosphoric acid;
1 : 1). An aliquot of tissue homogenate was centri-
fuged at 21,000 g for 10min at 4°C, and supernatant
was used to analyze the nitrite levels. Fifty microliters
of supernatant or standard sodium nitrite solution
was added to 50microliters of Griess reagent and
incubated for 20 minutes at room temperature. The
absorbance was measured at 550nm wavelength
and compared with the standard curve.

(2) The Hippocampal Lipid Peroxidation Levels. Lipid
peroxidation was determined based on the measure-
ment of the MDA and 4-hydroxyalkenals (4-HA)
levels. An aliquot of homogenate was centrifuged at
2,500 g for 30min at 4°C, and supernatant was used
for reaction with N-methyl-phenyl indole (NMFI)
and methanesulfonic acid at 45°C, during 40min,
yielding a stable chromophore measured at 570nm
wavelength and compared with the standard curve
of MDA.

(3) Determination of Protein Content. Total protein
content in the supernatants was assayed using the
Bradford [44] methodology. An aliquot of homoge-
nate was incubated with Bradford reagent (5%
ethanol; 8.5% phosphoric acid; 0.25% Coomassie
Brilliant Blue G-250) for 5min at room temperature.
The absorbance was measured at 570nm and com-
pared to standard solutions of bovine serum albumin.
The results were used for the correction of the MDA
and nitrite levels.

2.5. Statistical Analysis. The data on the inhibitory avoidance
task are shown as median (interquartile range) of step-down
latencies. Comparisons of both training and test session
step-down latencies between the groups were performed with
Mann-Whitney. The remaining data are expressed as mean

± standard error of the mean (SEM) (n = 10 animals per
group for behavioral assays and n = 5 animals per group for
oxidative stress parameters). Statistical comparisons between
the groups were performed using Student’s t-test. Probability
values less than 0.05 (p < 0 05) were considered as statisti-
cally significant. Statistical analysis was performed using the
GraphPad Prism 6.0 (GraphPad, San Diego, CA, USA) and
Statistica 12.5 software (SigmaPlot, CA, USA).

3. Results

3.1. Ketamine Intermittent Administration in Adolescent
Female Rats Does Not Alter Ambulation in the OF but
Promotes Anxiogenic-like Behavior in the EPM Test. Admin-
istration of ketamine in the dose of 10mg/kg for 3 consecu-
tive days in female rat adolescents does not interfere in the
animal ambulation (distance total traveled (p = 0 6977) and
rearing number (p = 0 6011)) in the OF test (Figures 1(a)
and 1(b)).

In the EPM test, ketamine decreased the % OAE
(p = 0 0002; Figure 1(c)), as well as the % OAT parameter
(p = 0 0313; Figure 1(d)), which suggests an anxiogenic-like
effect. The EAE parameter was not altered in the animals
treated with ketamine (p = 0 7730) (Figure 1(e)), which
shows that the animals did not present motor behavior
impairment, which corroborates with the findings in the
OF test.

3.2. Ketamine Intermittent Administration in Adolescent
Female Rats Promotes Depressive-like Behavior in the Forced
Swimming Test. The administration intermittent of ketamine
for a period of 3 consecutive days led to a significant increase
in the immobility time (p = 0 0059), 3 h after last injection.
Moreover, ketamine intoxication showed reduction in the
climbing number (p = 0 0037), which suggests a depressive-
like effect (Figures 2(a) and 2(b)).

3.3. Ketamine Intermittent Administration in Adolescent
Female Rats Induces Cognitive Impairment. The behavioral
effects of ketamine on the immediate withdrawal in adoles-
cent on the short-term memory are illustrated in Figure 3.
Wilcoxon’s test indicated that 3 h after the last administra-
tion of ketamine (at the dose of 10mg/kg/day), animals
reduced the step-down latency from the secure platform in
the test session (p = 0 0017). Such result suggests that the
ketamine impair short-term memory in adolescent rats
(Figure 3).

3.4. Ketamine Intermittent Administration in Adolescent
Female Rats Increases the Nitrites and Lipid Peroxidation
Levels in the Blood and Hippocampus. Ketamine administra-
tion increased the nitrites (p = 0 0041) and lipid peroxida-
tion (p = 0 0063) levels in the blood samples (Figures 4(a)
and 4(b)). However, the intermittent use of the drug did
not change the serum levels of the antioxidants SOD
(p = 0 0556) and CAT (p = 0 0661) enzymes (Figures 4(c)
and 4(d)).

In the hippocampus, the oxidative stress effects of keta-
mine on the immediate withdrawal in adolescent rats also
increased the MDA (p = 0 0350; Figure 5(a)) and nitrite
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levels (p = 0 0110; Figure 5(b)), which suggest cell death and
oxidative unbalance.

4. Discussion

This study demonstrates, for the first time, that ketamine
intermittent administration in female rats on the adolescence
period induced anxiety- and depression-like responses, as
well as memory impairment, accompanied by hippocampal
and systemic oxidative damage.

Ketamine essentially blocks NMDA receptors [45]. Glu-
tamate is an essential neurotransmitter for the brain develop-
ment and aging, as well as in the learning and memory

process [46]. However, the blockade of glutamatergic recep-
tors by ketamine promotes the accumulation of glutamate
in the synaptic cleft [47], consequently, hyperstimulation of
the glutamatergic pathway, which is extremely detrimental
to the brain [48, 49].

Studies demonstrate that in the developing brain, espe-
cially in the period of early adolescent (prepubescent ani-
mals, PND 21-to-34) and midadolescent (periadolescent,
PND 34–46) [50], NMDA-receptor antagonists have direct
neurotoxic effects, affecting synaptogenesis or the brain
growth during spurt period [51, 52]. Furthermore, excito-
toxic cell death by excessive release of glutamate overesti-
mates NMDA excitatory receptors to promote a different
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Figure 1: Effects of ketamine on the immediate withdrawal in adolescent female rats of 35th day until 37th day of life in the behavioral
parameters: (a) traveled distance (meters) and (b) rearing number in the open-field (OF) test; (c) open arm entries (control percentage),
(d) open arm time (control percentage), and (e) frequency of enclosed arm entries (number) in the elevated plus-maze. The results are
expressed as the mean ± SEM (n = 10 animals per group). ∗p < 0 05 compared to the control group; ∗∗∗p < 0 001 compared to the control
group (Student’s t-test).
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Figure 2: Effects of ketamine on the immediate withdrawal in adolescent female rats of 35th day until 37th day of life in the behavioral
parameters: (a) immobility time (latency) and (b) climbing number. The results are expressed as the mean ± SEM (n = 10 animals per
group). ∗∗p < 0 01 compared to the control group (Student’s t-test).
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mechanism of apoptosis [53]. Besides, ketamine displays
cell death in the developing brain by a mechanism involv-
ing a compensatory upregulation of NMDA receptor sub-
units, which in turn results in toxic accumulation of
intracellular calcium, increased oxidative stress, and activa-
tion of the inflammatory pathways, becoming neurons more
vulnerable [51, 52, 54].

Actually, the brain is especially sensitive to oxidative
damage due to its extensive ability to consume large
amounts of oxygen and the production of free radicals.
In view of this, the process of oxidative stress is directly
related to the onset of various brain diseases, including
neurodegenerative disorders [55, 56] and psychiatric
disorders [56, 57].

In the present study, the effects of ketamine in the imme-
diate withdrawal promoted the increase in the MDA and
NO2- systemic levels, without altering the antioxidant factors
as the enzyme catalase and SOD. Excessive reactive species
can cause oxidation of lipids releasing MDA; this is the final
product of lipid peroxidation of polyunsaturated fatty acids.
These lipids are susceptible to oxidative attack typically by
ROS, thus, MDA is a biomarker for this type of damage
and indicative of excessive release EROs [51]. The enzymatic
antioxidant defense systems that suppress such ROS is
understood as hydroxyl radicals (OH), superoxide anions
(O2-), hydrogen peroxide (H2O2), superoxide dismutase
(SOD), glutathione peroxidase (GPX), catalase (CAT), and
thioredoxin peroxiredoxin (TRX-Prdx). These antioxidant
enzymes can serve as redox biomarkers in different human
diseases, because these antioxidant enzymes indicate the
start of the redox state through oxidation/reduction
processes. Although for SOD and CAT to be important

antioxidants, it is not possible to observe difference in
these antioxidants [58].

Increases of MDA and NO changes in the hippocampus
demonstrate that this pathway is directly affected by inter-
mittent ketamine administration, generating cell damage.
According Patki et al. [59], the hippocampus seems to repre-
sent a common brain area that potentially mediates anxiety/-
depression-like behaviors and cognitive dysfunction induced
by social defeat, in this way, drugs that promote hippocampal
damage induce anxiety, depression, and memory deficits.

Anxiety is an aversive emotional state, in which the feel-
ing of fear is disproportionate to the nature of the threat [56].
Against threatening situations, the feeling of the emotion
constitutes subjective feature of anxiety that is accompanied
by emotional stress and involves behavioral, expressive and
physiological features, avoidance of the source of the danger,
and assuming defensive postures [56, 60].

According Kuloglu et al. [61], there is a recently estab-
lished link between certain anxiety behavior and oxidative
stress, demonstrating that other systems, such as oxidative
metabolism, can affect the regulation of anxiety. Thus, oxida-
tive balance in the brain or plasma is important in anxious
behavior. It is a valid highlight that the hippocampus exer-
cises a pivotal role in anxiety and emotional-motivated
behaviors [62]; thus, damage at this region after drug expo-
sure induced by increasing of free radicals leads to oxidative
damage in tissue, corroborating with our data.

Beyond the anxiogenic-like effects, the ketamine showed
depressant-like activity in the FS test. Animals intermittently
exposed to ketamine and subsequently evaluated after a final
dose, present a significant increase in immobility time, as well
as reduction of escalation. Studies indicate that ROS induced
neuronal damage and has an important role in the patho-
physiology of depression. Depression is characterized by
the activation of the inflammatory response system with
increased production of procytokines. Proinflammatory
cytokines and cytokine-induced ROS may increase lipid per-
oxidation [63]. Reduced volumetric area, density, and glial
cell number have been observed in the PFC and the hippo-
campus of patients with depression [64]. One of the most
plausible causes for these neuronal alterations is elevated oxi-
dative stress due to increased production of free radicals [65].
In fact, the hippocampus presents a significant role on mne-
monic (dorsal part) as well as emotional behavior (ventral
sub-region) [66]. Thus, we hypothesize that the changes
found in FS can be explained by the oxidative imbalance in
the blood and hippocampus of adolescent rats.

In addition to emotional profile, short-term memory was
evaluated by the step-down inhibitory avoidance task. Our
results demonstrated that female rat ketamine intermittent
administration on the adolescence promoted impairment in
short-term inhibitory avoidance memory. The hippocampus
plays a pivotal role in fear aversive memory consolidation
and retrieval [67] and conditioned fear memory paradigms
[68]. We believe that ketamine-induced hippocampal oxida-
tive damage could explain, at least in part, the mnemonic
impairments observed in this study.

Actually, our results demonstrated that hippocampal-
dependent behavior as anxiety and depression was modified
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by ketamine misuse in the adolescence. However, the loco-
motor activity, three hours after the last intermittent admin-
istration of ketamine, was preserved. It is noteworthy that
spontaneous locomotor activity (horizontal and vertical) is

primarily dependent of basal ganglia, cerebellum, and cere-
bral motor cortex (for review see Takakusaki [69]), which
were not evaluated here. Thus, we suggest that our ketamine
paradigm damage did not affect the motor-related brain
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Figure 5: Effects of ketamine on the immediate withdrawal in adolescent female rats of 35th day until 37th day of life on oxidative stress on
the hippocampus. (a) Lipid peroxidation (malondialdehyde (MDA) concentration); (b) nitrite concentration. The results are expressed as
mean ± SEM (n = 5 animals per group). ∗p < 0 05 compared with the control group (Student’s t-test).
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Figure 4: Effects of ketamine on the immediate withdrawal in adolescent female rats of 35th day until 37th day of life on oxidative stress
on the blood samples. (a) Lipid peroxidation (malondialdehyde (MDA) concentration); (b) nitrite concentration; (c) superoxide
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areas sufficiently, which reflects on spontaneous motor
behavior, even in the present systemic oxidative stress state.

The importance of this study relies on the major neuro-
behavioral changes associated with oxidative damage follow-
ing ketamine misuse in the immediate withdrawal during
adolescence. In fact, ketamine withdrawal symptoms charac-
terized by anxiety, shaking, sweating, palpitations, and crav-
ing seem to be key problems in frequent ketamine users
and have been proposed by many case studies. However, evi-
dence of ketamine withdrawal in rodents at recreational or
subanesthetic doses as well as during adolescence is scarce.

5. Conclusions

Overall, our data suggest that the effects of ketamine in the
immediate withdrawal in the adolescence period promotes
systemic and hippocampal oxidative stress, accompanied by
emotional behavior alterations, i.e., anxiogenic and depres-
sive profile, as well as mnemonic impairment, i.e., short-
term memory, in the immediate withdrawal period. The
present study consists of preliminary researchers focused
on ketamine-misuse harmful effects. Thus, other works are
necessary to investigate in detail other possible mecha-
nisms that may contribute to oxidative stress in the behav-
ioral alterations observed. In addition, the harmful effects
of ketamine misuse during adolescence on brain structures
are already unknown.
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Methamphetamine (METH) is abused worldwide, and it represents a threat for public health. METH exposure induces a variety of
detrimental effects. In fact, METH produces a number of oxidative species, which lead to lipid peroxidation, protein misfolding, and
nuclear damage. Cell clearing pathways such as ubiquitin-proteasome (UP) and autophagy (ATG) are involved in METH-induced
oxidative damage. Although these pathways were traditionally considered to operate as separate metabolic systems, recent studies
demonstrate their interconnection at the functional and biochemical level. Very recently, the convergence between UP and ATG
was evidenced within a single organelle named autophagoproteasome (APP), which is suppressed by mTOR activation. In the
present research study, the occurrence of APP during METH toxicity was analyzed. In fact, coimmunoprecipitation indicates a
binding between LC3 and P20S particles, which also recruit p62 and alpha-synuclein. The amount of METH-induced toxicity
correlates with APP levels. Specific markers for ATG and UP, such as LC3 and P20S in the cytosol, and within METH-induced
vacuoles, were measured at different doses and time intervals following METH administration either alone or combined with
mTOR modulators. Western blotting, coimmunoprecipitation, light microscopy, confocal microscopy, plain transmission electron
microscopy, and immunogold staining were used to document the effects of mTOR modulation on METH toxicity and the
merging of UP with ATG markers within APPs. METH-induced cell death is prevented by mTOR inhibition, while it is worsened
by mTOR activation, which correlates with the amount of autophagoproteasomes. The present data, which apply to METH
toxicity, are also relevant to provide a novel insight into cell clearing pathways to counteract several kinds of oxidative damage.

1. Introduction

Methamphetamine (METH) is a highly addictive and neuro-
toxic drug, which causes a variety of neuropsychiatric alter-
ations mainly affecting the dopamine (DA) mesostriatal
and mesolimbic systems in the brain [1, 2]. Exposure to
repeated doses of METH produces striatal DA depletion
and loss of mesostriatal DA terminals [3–12].

In the cell body of the substantia nigra pars compacta
(SNpc), METH produces alterations in the cytoplasm which
also occur in DA-PC12 cells and extend to the cytoplasm and
nucleus of striatal GABA neurons [6, 13–16]. These

alterations configure as multilamellar whorl staining for
ubiquitin, parkin, and alpha-synuclein [6, 15, 17]. Recent
studies indicate that high METH doses may reduce the num-
ber of nigral cell bodies [8, 18]. METH toxicity against DA
cell bodies and axons relates to an increase of DA release
and oxidative species [19]. In fact, METH alters the vesicular
storage of DA [20–22], it inhibits physiological DA metabo-
lism, which is naturally operated by MAO-A [23, 24], and
it reverts and/or inhibits the activity of the plasma membrane
DA transporter (DAT), thus leading to a loss of DAT-
binding sites [1, 25, 26]. All these effects contribute to rise
of dramatically free DA levels within the cytosol of DA-
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containing cells. Since DA is no longer metabolized byMAO-
A, it undergoes self-oxidation and spontaneous conversion to
DA quinones, which in turn generate highly reactive oxida-
tive species [27, 28]. In this way, a redox imbalance is gener-
ated by METH, which is detrimental for the integrity of both
axon terminals and cell bodies where oxidized proteins,
lipids, and nucleic acids are generated [29, 30]. A key molec-
ular mechanism of protein oxidation consists in binding to
cysteinyl residues to generate disulphuric bridges, which alter
protein conformation [28, 31]. In this way, misfolded pro-
teins such as alpha-synuclein [6, 14], ubiquitin [6, 32], prion
protein [33], and parkin [6, 34] are generated. Again, METH
inhibits complex II of the mitochondrial respiratory chain,
which further elevates oxidative species and increases the
number of altered mitochondria [35–39]. METH also oxi-
dizes lipids to produce highly reactive by-products such as
4-hydroxynonenal [34, 40, 41]. All these oxidized substrates
represent a target for cell clearing systems, which promote
their removal. Thus, autophagy (ATG) and ubiquitin-
proteasome (UP) represent a powerful defense to counteract
redox imbalance generated by such a drug of abuse, and they
are both challenged by METH administration. In detail, UP
activity is inhibited by METH [13, 15, 16, 34], while UP
inhibitors produce subcellular alterations which overlap with
those produced by METH [6, 14, 42]. In line with this,
METH toxicity is enhanced by concomitant exposure to UP
inhibitors [15, 43]. ATG is quickly engaged during METH
in PC12 cells [22, 44] and in vivo, in the SNpc and striatum
[6, 15, 45]. Similarly to UP inhibitors, ATG blockers worsen
METH toxicity [37]. Despite a massive engagement of ATG,
which should sort neuroprotection, its activity is impaired by
METH itself since the high amount of substrates (misfolded
proteins and damaged mitochondria) engulfs this clearing
system [16, 37, 46]. Therefore, despite being ATG overex-
pressed following METH [22, 44], it is not considered to be
effective due to a lack of its progression [37, 46]. Such a com-
bined defect in cell clearing systems produced by METH
paves the way to deleterious effects induced by oxidative spe-
cies, which are abundantly produced by such a drug of abuse.

Recently, a cell clearing organelle, which possesses both
ATG and UP components, was described. This organelle
appears as a multilamellar vacuole, which carries both UP
and ATG key antigens [47]. This organelle corresponds to
the “autophagoproteasome” (APP) as being defined in the
Glossary published in the consensus manuscript “Guidelines
for the Use and Interpretation of Assays for Monitoring
Autophagy (3rd Edition)” by Klionsky et al. [48]. In the
recent manuscript, it was demonstrated that APP is strongly
activated by mTOR inhibition [47]. In fact, when the mTOR
inhibitor rapamycin is administered, roughly all UP-positive
puncta detected by P20S immunostaining at confocal
microscopy move towards LC3-positive vacuoles, thus pro-
ducing a massive switch from cytosolic to compartmental-
ized proteasome [47]. Despite a strong involvement of UP
and ATG per se during METH toxicity, no study so far inves-
tigated what happens to this merging organelle. In the pres-
ent manuscript, we dissect the ultrastructural morphometry
of both UP and ATG components in different cell compart-
ments, alone and in combination to merge within the autop-
hagoproteasome (APP), under the effects of various METH

doses at different time intervals. A variety of techniques were
used to investigate these effects encompassing plain light
microscopy, confocal microscopy, transmission electron
microscopy, Western blotting, and coimmunoprecipitation.
In detail, we aimed to assess whether (i) the autophagopro-
teasome was operating in the DA-containing PC12 cell line,
(ii) the autophagoproteasome was modified followingMETH
exposure, (iii) the amount of this organelle was associated
with the modulation of METH toxicity, and (iv) whether
these phenomena depend on mTOR activity as tested during
either mTOR inhibition or activation.

2. Materials and Methods

2.1. Cell Cultures. In the current study, we chose the rat pheo-
chromocytoma PC12 cell line, since these cells are able to
synthetize and release DA and they express DA receptors
on their external membrane. This is key in the case of METH,
which exerts its mechanisms of action mainly by affecting
molecular targets, which regulate DA transmission. In fact,
the presence of DA and DA receptors, as well as DA uptake
mechanisms, renders PC12 cell lines closer to DA terminals
compared with their ancestors (i.e., chromaffin cells of
the adrenal medulla). This concept is reinforced by the
presence of the isoform of monoamine oxidase (MAO)
type A, which characterizes also DA neurons, contrasting
with the established prevalence of MAO type B within chro-
maffin cells of the adrenal medulla. Therefore, PC12 cells
represent a model to predict the neurotoxicity of METH
on central DA neurons with significant implications for
the treatment of neuropsychiatric and neurodegenerative
disorders [49].

The PC12 cell line was obtained from a cell bank (IRCCS
San Martino Institute, Genova). The cells were grown in
RPMI 1640 medium (Sigma-Aldrich, St. Louis, MO, USA)
supplemented with heat inactivated 10% horse serum (HS,
Sigma) and 5% fetal bovine serum (FBS, Sigma), penicillin
(50 IU/ml)/streptomycin (50mg/ml, Sigma), under standard
culture conditions in a humidified atmosphere containing
5% CO2 at 37

°C. Experiments took place during the log phase
of cell growth. At this time, cells were seeded into cell culture
plates and they were incubated at 37°C in 5% CO2 for further
24 hours. In particular, for transmission electron microscopy
(TEM) and coimmunoprecipitation experiments, 1× 106
PC12 cells were seeded in culture dishes in a final volume
of 5ml. For Western blotting, 5× 105 cells were seeded in
six-well plates in a final volume of 2ml/well. Finally, for con-
focal microscopy experiments, 5× 104 cells were grown on
polylysine slides placed in 24-well plates at a final volume
of 1ml/well.

In order to study METH-induced toxicity, PC12 cells
were treated with different doses of METH (1nM, 10 nM,
100 nM, 1μM, and 10μM) for 72 hours. In a second set of
experiments, PC12 cells were treated with 1μM or 10μM
of METH for different time exposures (12, 24, and 72hours).
A study fromMelega et al. [50] reports data deriving from an
i.v. intake of 1000mg/day METH in humans, approximately
corresponding to 10mg/kg, which can produce neurotoxicity
(i.e., loss of DA terminals and neurons) in mice. However,
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since the present study was designed to assess the ultrastruc-
tural effects of METH on specific subcellular organelles, apart
from neurotoxicity, we chose METH doses from 1μM to
10μMbased on the previous studies [6, 15, 37]. In our hands,
at doses between 10 and 100μM of METH in PC12 cell lines,
only a few cells survive, and this is further exacerbated by
METH doses above 100μM [6, 43]. This is also due to intrin-
sic vulnerability of PC12 cells to DA-increasing agents, which
explains such a discrepancy with DA neurons [49]. In fact,
PC12 cells possess inherent features, which render these cells
particularly sensitive to high doses of DA. These include (i)
the presence of VMAT-1, which is less specific for the vesic-
ular uptake of catecholamines when compared with its
homolog VMAT-2 expressed in the brain, and (ii) low levels
of the DAT, thus reduced cytosolic reuptake of DA. Thus,
these cells have a limited ability to adapt the neurotransmit-
ter synthesis and vesicle trafficking/release to the synaptic
needs, which contrasts with the flexibility of DA neurons to
respond appropriately to a releasing stimulus.

Further experiments were carried out to evaluate the
effects produced on METH toxicity and APP components
by the modulation of mTOR activity. In these experi-
ments, cells were exposed to 100 nM rapamycin and
50mM asparagine, alone or in combination with 10μM
METH, for 72 hours. When it was combined with METH,
rapamycin was added 2h before METH, while asparagine
was administered 30min before METH. The doses of
asparagine and rapamycin were selected based on the pre-
vious papers [32, 47]. However, to validate these doses in
these experimental conditions, the inhibition or activation
of mTOR activity for each compound was tested by mea-
suring the downstream product pS6.

METH and asparagine were dissolved directly in the cul-
ture medium. Dilutions of rapamycin were obtained by a
stock solution (1mM of rapamycin dissolved in the culture
medium containing 10% DMSO).

2.2. Transmission Electron Microscopy. PC12 cells were cen-
trifuged at 1000g for 5min. After removal of the supernatant,
the pellet was rinsed in PBS before being fixed. The fixing
procedure was carried out with a solution containing 2.0%
paraformaldehyde and 0.1% glutaraldehyde in 0.1M PBS
(pH7.4) for 90min at 4°C. This aldehyde concentration min-
imally covers antigen epitopes, while fairly preserving tissue
architecture. After removal of the fixing solution, specimens
were postfixed in 1% OsO4 for 1 h at 4°C; they were dehy-
drated in ethanol and finally embedded in epoxy resin.

For ultrastructural morphometry, grids containing non-
serial ultrathin sections (40–50nm thick) were examined at
TEM, at a magnification of 8000x. Several grids were ana-
lyzed in order to count a total number of 50–100 cells for
each experimental group. In particular, when counting cell
death, 50 cells per group were sampled, while 50 cells per
group were sampled to carry out ultrastructural morphome-
try and immunogold counts; when counting APP, 100 cells
per group were used. Each count was repeated at least 3 times
by three blind observers.

Plain TEMwas implemented by a postembedding immu-
nocytochemistry procedure for antibodies against LC3 and

P20S, which were used as markers of ATG and UP pathways,
respectively. Antibody specificity was assessed by a number
of studies which were partially reported in Table 1 (extramu-
ral evidence), and they were routinely used for at least 10
years in our lab (intramural evidence) [51–76].

It is worth mentioning that LC3 and P20S antigens were
chosen as markers of ATG vacuoles (LC3 alone) or APP vac-
uoles (LC3 combined with P20S) accordingly to the manu-
script “Guidelines for the Use and Interpretation of Assays
for Monitoring Autophagy (3rd Edition)” [48].

Sometimes, in order to validate the count for ATG vacu-
oles, beclin 1 was used instead of or in combination with LC3
for detecting early time points. No significant difference
between LC3- and beclin 1-based counts was detected; thus,
results fully express the amount of LC3. At the end of the
plain TEM or immunocytochemistry procedure, ultrathin
sections were stained with uranyl acetate and lead citrate,
and they were finally examined using a JEOL JEM-100SX
transmission electron microscope (JEOL, Tokyo, Japan).

2.2.1. Postembedding Immunocytochemistry. Fixing and post-
fixing solutions and the use of epoxy resin were validated in
our previous studies for immunogold-based ultrastructural
morphometry [47]. In fact, a combination of aldehydes,
OsO4, and epoxy resin allows a minimal epitope covering,
while preserving cell ultrastructure [47, 77, 78]. In particular,
OsO4 binds to cell membranes, thus enhancing the contrast
of cytosolic compartments, and it prevents the formation of
membrane’s artifacts, which may mimic vacuoles. Moreover,
epoxy resin is advantageous over acrylic resin in preserving
cell morphology.

Postembedding procedure was carried out on ultrathin
sections collected on nickel grids, which were incubated on
droplets of aqueous sodium metaperiodate (NaIO4), for
30min, at room temperature in order to remove OsO4.
NaIO4 is an oxidizing agent allowing a closer contact
between antibodies and antigens by removing OsO4 [77].
This step improves the visualization of immunogold particles
specifically located within a sharp context of cell integrity,
and it allows the counting of molecules within specific cell
compartments. Then, grids were washed in PBS and incu-
bated in a blocking solution containing 10% goat serum
and 0.2% saponin for 20min, at room temperature. Grids
were then incubated with the primary antibody solution con-
taining both rabbit anti-LC3 (Abcam, Cambridge, UK,
diluted 1 : 50) and mouse anti-P20S (Abcam, Cambridge,

Table 1: Sources and references for antibodies reported in the
present study.

Antibodies References

LC3 (Abcam) [47, 51–54]

LC3 (Sigma) [55–57]

Proteasome 20S (Abcam) [47, 58–61]

Alpha-synuclein (BD Biosciences) [62–66]

SQSTM1-p62 (Abcam) [67–71]

Phospho-p70 S6 kinase (Thr421/Ser424) (Cell
Signaling Technologies)

[72–76]
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UK, diluted 1 : 50), with 0.2% saponin and 1% goat serum in a
humidified chamber overnight, at 4°C. After washing in PBS,
grids were incubated with the secondary antibodies conju-
gated with gold particles (10 nmmean diameter, for gold par-
ticle anti-rabbit; 20 nm mean diameter, for gold particle anti-
mouse, BB International), diluted 1 : 30 in PBS containing
0.2% saponin and 1% goat serum for 1 h, at room tempera-
ture. Control sections were incubated with the secondary
antibody only. After washing in PBS, grids were incubated
on droplets of 1% glutaraldehyde for 3min; additional exten-
sive washing of grids on droplets of distilled water was
carried out to remove extensive salt traces and prevent
precipitation of uranyl acetate.

2.2.2. Ultrastructural Morphometry. In order to distinguish
vacuoles (ATG from APP) and to count immunogold par-
ticles (ranging from 10nm to 20nm), observations were
performed directly at TEM at a magnification of 8000x
[79] since this represents the minimal magnification at
which immunogold particles and all cell organelles can
be concomitantly identified.

We started to count from a grid square corner in order to
scan the whole cell pellet within that grid square, which was
randomly identified. Assessments of vacuoles and measure-
ment of immunogold particles were carried out according
to Lenzi et al. [47].

Briefly, we counted the number of unstained vacuoles per
cell as vacuoles with single, double, or multiple membranes
possessing the same electron density of the surrounding cyto-
plasm or partly containing some electron dense structure. In
each cell, we counted the total number of immunogold anti-
LC3 and/or anti-P20S particles placed either in the cytoplasm
or within vacuoles and we expressed the number of immuno-
gold particles as the mean per cell. Finally, we counted the
number of APPs per cell as a single, double, and multiple
membrane vacuoles, in which immunogold particles of LC3
(10nm) and P20S (20nm) were colocalized.

2.3. Light Microscopy. For light microscopy, PC12 cells were
harvested and centrifuged at 800g for 5min to obtain a pellet,
which was further resuspended in 0.5ml of the culture
medium in order to obtain a dense cell suspension. This
was layered on glass slide spinning at 15,000g for 10min by
cytospin (Cytospin 4, Thermo Fisher).

2.3.1. Haematoxylin and Eosin Staining and Cell Count. Cells
were fixed with 4% paraformaldehyde in PBS for 15min and
plunged in PBS and then in haematoxylin solution (Sigma)
for 20min. Haematoxylin staining was stopped by washing
in distilled water and followed by plunging cells in the eosin
solution (Sigma) for a few min. After repeated washing to
remove the excess of dye, cells were dehydrated in increasing
alcohol solutions, clarified in xylene, and finally covered with
the DPX mounting medium (Sigma). Cell count was per-
formed at light microscopy at 40x magnification. Briefly,
for each experimental group, the number of stained cells
detectable after each specific treatment was counted and
expressed as a percentage of the control group. These values
represent the means of six independent cell counts.

Moreover, we counted the number of giant cells occa-
sionally observed after 10μMMETH.We considered as giant
cells those owning a diameter higher than 14–15μm. The
amount of giant cells out of the total number of cells counted
on the glass slide was expressed as a percentage, for each
experimental group. The values represent the means of six
independent cell counts.

2.3.2. Trypan Blue. For trypan blue staining, PC12 cells were
seeded at a density of 1× 104 cells/well and they were prein-
cubated for 24 h. After METH treatments, PC12 cells were
collected and centrifuged at 800g for 5min. The cell pellet
was suspended in the culture medium, and 25μl of cell sus-
pension was added to a solution of 1% trypan blue (62.5μl)
and PBS (37.5μl). Cells were then incubated for 10min, at
room temperature. Soon after, 10μl aliquot of this solution
was counted at light microscopy using a Bürker glass cham-
ber. Viable and nonviable cells were counted, and cell death
was expressed as percentage of trypan blue frankly positive
cells out of the total cells. The values represent the means of
three independent cell counts.

2.4. Confocal Microscopy. PC12 cells were washed in PBS and
fixed with paraformaldehyde 4% for 5min at room tempera-
ture. Antigen retrieval was carried out in 100mM Tris-HCl,
5% urea at 95°C, for 10min. After washing in PBS, cells were
permeabilized in 0.2% Triton X-100, for 10min. They were
blocked in PBS containing 0.1% Tween-20, supplemented
with 1% bovine serum albumin (BSA) and 23mg/ml of gly-
cine, for 30min. Afterwards, cells were incubated overnight
at 4°C in 1% BSA in PBS-T containing 1 : 50 anti-LC3 anti-
body (Abcam) and 1 : 30 anti-P20S (Abcam). Finally, cells
were incubated for 1 h with fluorophore-conjugated second-
ary antibodies (1 : 200; goat anti-rabbit Alexa 488 and goat
anti-mouse Alexa 594, Molecular Probes, Life Technologies)
in 1% BSA in PBS-T at room temperature. Then, cells were
washed in PBS, and they were mounted in ProLong Diamond
Antifade Mountant (Molecular Probes, Life Technologies).
The analysis was performed using a Leica TCSSP5 confocal
laser scanning microscope (Leica Microsystems, Mannheim,
Germany) using a sequential scanning procedure. Confocal
images were collected every 400 nm intervals through the z
-axis of each section by means of 63x oil lenses. Z-stacks of
serial optical planes were analyzed using the Multicolor
Package software (Leica Microsystems). Negative controls
were carried out by omitting primary antibodies.

2.5. Coimmunoprecipitation Assay. PC12 cells were homoge-
nized at 4°C in an ice-cold lysis buffer. One microliter of
homogenates was used for protein determinations. 30μg
of proteins from whole cell lysates was loaded to perform
Western blotting before coimmunoprecipitation. β-Actin
was used as a loading control for protein levels from the
whole cell lysates, on which immunoprecipitation of LC3
was then performed.

Proteins (800μg) were incubated at 4°C overnight with
primary rabbit anti-LC3 antibody (2μg for each sample;
Sigma-Aldrich, Milan, Italy). The antibody/antigen complex
was pulled out of the sample using protein A-Sepharose
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beads. This process isolated the protein of interest from the
rest of the sample. Proteins were separated on sodium dode-
cyl sulphate-polyacrylamide gel (12%) and transferred on
immuno-PVDF membrane (Bio-Rad, Milan, Italy) for 1 h.
Filter was blocked for 1 h in Tween-20 Tris-buffered saline
(TTBS) (100mM Tris-HCl, 0.9% NaCl, 1% Tween 20,
pH7.4) containing 5% nonfat dry milk. Blot was incubated
at 4°C overnight with mouse monoclonal primary antibody
anti-P20S (1 : 100, Abcam), mouse monoclonal anti-alpha-
synuclein (1 : 1000, BD Biosciences), and rabbit monoclonal
anti-SQSTM1 (anti-p62, 1 : 1000, Abcam, Milan, Italy); it
was washed 3 times with the TTBS buffer and then incubated
for 1 h with secondary peroxidase-coupled antibody (anti-
mouse, 1 : 7000; anti-rabbit, 1 : 7000; Calbiochem, Milan,
Italy). Then, blot was stripped with a solution of distilled
water and 3.5% acetic acid in the presence of 1% NaCl 5M.
Blot was kept in this solution for 20min, and then, it was
washed in TTBS (8 washes for 5min). Finally, to verify the
correct immunoprecipitation, blot was incubated with pri-
mary rabbit anti-LC3 antibody (1 : 6000, Sigma-Aldrich),
for 1 h, at room temperature. Filter was washed 3 times with
the TTBS buffer and then incubated for 1 h with secondary
peroxidase-coupled antibody (anti-rabbit, 1 : 7000; Calbio-
chem, Milan, Italy). Immunostaining was revealed by
enhanced chemiluminescence (GE Healthcare, Milan, Italy).
The total amount of proteins measured through optical
density was normalized for total β-actin, which was mea-
sured in whole cell lysates, since β-actin is not present
in LC3 immunoprecipitates. Thus, readers should consider
that such a normalization could not refer to the immuno-
precipitated blotted proteins, but rather to the total
amount of proteins in the very same cells used to carry
out the immunoprecipitate.

2.6. Western Blotting. PC12 cells were lysed in a buffer
(100mM Tris-HCl, pH7.5, 5M NaCl, 0.5m EDTA, 10%
SDS, 1% NP40, IGEPAL), containing protease and phospha-
tase inhibitor, and centrifuged at 15,000g for 20min at
4°C. The supernatant was collected, and protein concentra-
tion was determined using a protein assay kit (Sigma).
Samples containing 40μg of total proteins were solubilized
and electrophoresed on a 12% sodium dodecyl sulphate-
(SDS-) polyacrylamide gel. Following electrophoresis,
proteins were transferred to the nitrocellulose membrane
(Bio-Rad Laboratories, MI, Italy). The membrane was
immersed in a blocking solution (3% nonfat dried milk in
20mM Tris and 137mM NaCl at pH7.6 containing 0.05%
Tween-20) for 2 h on a plate shaker. Subsequently, the mem-
brane was incubated with mouse anti-pS6 primary antibody
(1 : 2000; Millipore, Burlington, MA, USA) overnight at 4°C
on the plate shaker. Blot was probed with horseradish
peroxidase-labeled secondary antibodies, and the bands were
visualized with enhanced chemiluminescence reagents
(Bio-Rad Laboratories). Image analysis was carried out by
ChemiDoc System (Bio-Rad Laboratories).

2.7. Statistics. For ultrastructural morphometry data were
given as an absolute number concerning the following mea-
surements: (i) unstained vacuoles, (ii) LC3-positive vacuoles,

(iii) P20S-positive vacuoles, (iv) LC3+P20S-positive vacu-
oles (APP), and (v) immunogold particles (including LC3
and P20S). Ratios were used to express (i) the number
of LC3 immunogold particles within vacuoles out of the
number of cytoplasmic LC3 immunogold particles and
(ii) the number of P20S immunogold particles within vac-
uoles out of the number of cytoplasmic P20S immunogold
particles. All data were reported as the means± SEM per
cell from 50 cells per group in all counts but the LC3
+P20S which was expressed as the means± SEM from
100 cells per group.

Data on the amount of cell death were expressed as the
percentage of the mean± SEM dead cells out of the total cell
number in each grid being analyzed (i.e., 5 total grids, each
containing at least 10 cells, for a total of 50 cells for each
experimental group).

For confocal microscopy, the amount of P20S+LC3
puncta was counted. Values were expressed as the mean
number of puncta± SEM per cell counted in each slide in
two separate experiments (each one carried out in duplicate).

For Western blot optical density was expressed as the
means± SEM calculated in six separate experiments.

All statistical analyses were carried out by using one-way
analysis of variance, ANOVA, followed by Sheffè’s post hoc
analysis. Null hypothesis (H0) was rejected for p ≤ 0 05.

3. Results and Discussion

3.1. Dose and Time Dependencies of METH-Induced
Unstained Vacuoles. Confirming previous data, METH admin-
istration for 72h filled catecholamine cells with vacuoles, as
reported in representative micrographs (Figure 1(a)) and
counted in the graph of Figure 1(b). As measured in
Figure 1(b), unstained vacuoles increase dose-dependently
within a wide range of METH doses (from 1nM up to
1μM). At the dose of 1μM, the number of METH-induced
unstained vacuoles reached the peak. Whereas, for the highest
dose of METH (10μM), the number of unstained vacuoles
dropped down to levels measured following low METH doses
(1nM and 10nM). This suggests that at 10μM METH dose,
toxicity occludes the development of novel intracellular struc-
tures, even in spared cells. Therefore, the doses of METH
1μM and 10μM were chosen for the time dependence study.
As reported in representative micrographs of Figure 1(c), a
time-dependent increase of unstained vacuoles was produced
by METH at the 1μM dose from 12h up to 72h. These
effects were evidenced by staining with arrows the unstained
vacuoles in each experimental condition to relate representa-
tive pictures to counts reported in the graph in Figure 1(d).
As expected, even the dose of 10μM METH at 72h time-
dependently increases the number of unstained vacuoles
(Figure 1(f)). This was evident in representative micrographs
of Figure 1(e); we investigated the effects of such a METH
dose at earlier time intervals (representative pictures of
Figure 1(e)). These effects were evidenced by staining with
arrows the unstained vacuoles at each time interval to relate
representative pictures to counts reported in the graph in
Figure 1(f). The number of unstained vacuoles is consistent
with the time course and dose dependency of multilamellar
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Figure 1: Continued.
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bodies produced by METH, which we previously described
under a different name (whorls) in this cell line [6].

3.2. Dose and Time Dependencies of METH-Induced Cell
Death.When assessing the effects produced by a 10μM dose
of METH, there was a dramatic increase (roughly by half)
in the amount of cell loss compared with controls and
occasionally, giant cells appeared, which were never
observed in controls (representative H&E staining of
Figures 2(a) and 2(b); graph of Figure 2(c)). The counts
for surviving cells carried out at H&E staining revealed a
dose- and time-dependent decrease in cell survival (graphs
of Figures 2(d) and 2(e), respectively). This was dramatic
at 72 h following 10μM METH. These same results were
reproduced by trypan blue-positive counts for dying cells,
which confirmed a dose- and time-dependent increase in
dying cells (graphs of Figures 2(f) and 2(g), respectively).
A similar phenomenon (cell death in the same range of
doses and times induced by METH administration) was
detected at TEM (representative TEM micrographs of
Figures 2(g) and 2(h), respectively). The count of dying
cells (either necrotic or apoptotic) at TEM for METH and
controls (Figures 2(h) and 2(i), respectively) was overlap-
ping with that reported for trypan blue staining. Remark-
ably dying cells were higher than controls also following
the dose of 1μM (at 72 h, Figures 2(j) and 2(k)). The
pronounced toxicity induced by 10μM METH is likely to
impair cell metabolism even in spared cells, which when
analyzed at 72 h own much less vacuoles compared with
other doses.

3.3. METH Alters Dose and Time Dependency of the Amount
and Placement of LC3 Particles. In order to identify ATG and
UP components within METH-treated cells, we carried out
ultrastructural morphometry by using 10nm immunogold
particles to reveal LC3, while 20nm immunogold particles
were used to stain P20S. Following METH administration,
an increase in LC3-stained vacuoles was detected starting at
the dose of 100nMMETH, while no increase compared with
controls was counted in a lower range of doses (between
1nM and 10nM, Figure 3(a)). This was quite unexpected
since the count of unstained vacuoles provided in
Figure 1(b) indicates a significant increase (almost two-fold)
compared with controls even at the dose of 1 nM METH.
This is a key point, since unstained vacuoles are considered
to correspond to pure ATG vacuoles. Thus, one would expect
an overlapping between unstained and LC3-positive vacu-
oles. Such a discrepancy leaves the issue open on which the
nature of METH-induced unstained vacuoles might be. In
fact, these vacuoles were induced by METH administration
since they increased two-fold compared with controls at the
dose of 1 nM and 10nM METH.

A lack of LC3 staining in these vacuoles for low METH
doses suggests that these may not correspond to authentic
ATG vacuoles, although they increase two-fold with respect
to controls. Although the nature of these unstained vacuoles
remains to be defined, the possibility exists that LC3 particles
moving within ATG vacuoles remain undetected for these
low METH doses. However, as shown in the graph of
Figure 3(b), total LC3 particles in the cell for 1 nM and
10nM METH do not increase either. This indicates a lack
of ATG induction for low METH doses. Another possibility
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Figure 1: METH increases the amount of unstained vacuoles dose- and time-dependently. (a) Dose-dependent representative pictures of
unstained vacuoles (arrows) of control and METH at 72 h treated cells at different doses. (b) Dose-dependent graph of unstained vacuoles
per cell at 72 h. (c) Time-dependent representative pictures of unstained vacuoles (arrows) of control and 1μM METH-treated cells. (d)
Time-dependent graph of unstained vacuoles per cell of control and 1μM METH-treated cells. (e) Time-dependent representative pictures of
unstained vacuoles (arrows) of control and 10μM METH-treated cells. (f) Time-dependent graph of unstained vacuoles per cell of control
and 10μM METH-treated cells. Values are given as the mean number of unstained vacuoles, which were counted in 50 cells per group. Error
bars represent the standard error of the mean. ∗p ≤ 0 05 vs. control; ∗∗p ≤ 0 05 vs. other groups. N=nucleus. Scale bar = 1μm.
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Figure 2: METH induces cell death time- and dose-dependently with a maximal effect at the 1 μM and 10 μMdoses. (a) Representative H&E-
stained picture from controls. (b) Representative H&E-stained picture following 10μMMETH at 72 h. (c) Graph reporting the percentage of
giant cells counted in H&E-stained total cells from controls and METH at 72 h. (d) Dose-dependent graph of H&E-stained cells from control
and METH at 72 h. (e) Time-dependent graph of H&E-stained cells from control and 10μMMETH-treated cells. (f) Dose-dependent graph
of trypan blue-stained cells from control and METH at 72 h. (g) Time-dependent graph of trypan blue-stained cells from control and 10μM
METH-treated cells. (h) Representative micrograph from a control cell. (h) Representative micrograph from a control cell. (i) Representative
micrograph from aMETH cell at 72 h. (j) Dose-dependent graph of cell death from control and METH at 72 h. (m) Time-dependent graph of
cell death from control and 10μM METH-treated cells. For the graphs in (c)–(g), values are given as the percentage of cell counted in two
triplicates (n = 6). For the graphs in (j) and (k), values are given as the percentage of cell counted on 5 grids. Error bars represent the
standard error of the mean. ∗p ≤ 0 05 vs. control, ∗∗p ≤ 0 05 vs. other groups. Arrows point to vacuoles; asterisk (∗) indicates a large
vacuole. N = nucleus. Scale bar = 23.4μm (a, b) and 2 μm (h, i).
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deals with the dynamics of ATG vacuoles, which could mat-
urate before LC3 is increased. This hypothesis remains
unlikely, since other markers, such as beclin 1, which stains
ATG vacuoles earlier than LC3, do not provide any staining
either. Moreover, LC3 staining is a gold standard to define

autophagosomes, and 72 h should be enough to complete
the process. Instead, even at this time interval for low
(1 nM and 10nM) METH doses, LC3 particles do not
increase in any cell compartments including the cytosol. This
suggests that 1 nM and 10nM METH do not really increase
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Figure 3: METH alters the amount and placement of LC3 and P20S particles dose-dependently, with P20S being more sensitive than LC3. (a)
Dose-dependent graph of the number of LC3-positive vacuoles per cell from controls and METH at 72 h. (b) Dose-dependent graph of total
LC3 particles per cell from controls andMETH at 72 h. (c) Representative micrograph of LC3-positive vacuole from 10μMMETH at 72 h. (d)
Dose-dependent graph of the ratio between the numbers of LC3 particles within vacuoles with respect to cytosolic LC3 particles from controls
and METH at 72 h. (e) Dose-dependent graph of the number of P20S-positive vacuoles per cell from controls and METH at 72 h. (f) Dose-
dependent graph of total P20S particles per cell from controls and METH at 72 h. (g) Representative micrograph of P20S-positive vacuoles
from 10μM METH at 72 h. (h) Dose-dependent graph of the ratio between the numbers of P20S particles within vacuoles with respect to
cytosolic P20S particles from controls and METH at 72 h. Values are given as the mean number of LC3 or P20S particles and vacuoles
counted in 50 cells per group. Error bars represent the standard error of the mean. ∗p ≤ 0 05 vs. control; ∗∗p ≤ 0 05 vs. other groups; #p ≤
0 05 vs. control and 1 nM and 10 nM METH. Arrows point to free cytosolic LC3 (10 nm) or P20S (20 nm); arrowheads point to LC3
(10 nm) or P20S (20 nm) within vacuoles; asterisk (∗) indicates P20S in the cytosol (c) and LC3 in the cytosol (g). Scale bar = 200 nm.
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ATG. Therefore, unstained vacuoles, which minimally
occur in control cells and selectively increase following
very low METH doses, are likely to belong to other path-
ways (such as the exosomal compartment). This hypothe-
sis is currently under investigation in the lab. Vacuolar
compartments other than ATG may be recruited for low
METH doses. It is likely that DA turnover promoted by
METH increases vesicle recycling, which may account for
these unstained vacuoles. On the other hand, the lowest
effects of METH on membrane trafficking may affect other
compartments such as retromers or exosomes, which are
more bound to cell release than ATG activation.

The increase in vacuoles measured for doses above
10 nM corresponds to LC3-positive (ATG) vacuoles. Data
on the amount of LC3-positive vacuoles (shown in represen-
tative Figure 3(c)) parallels data on LC3 particles reported in
the graph of Figure 3(b). In fact, they increase significantly
only at the dose of 100nM, while they do not differ from
controls at low METH doses (1 nM and 10nM METH).
Thus, METH increases LC3 particles (Figure 3(b)) and
LC3-positive vacuoles (Figure 3(a)) only at doses higher
than 10nM, although no compartmentalization of LC3
within vacuoles is produced by any dose of METH (graph
of Figure 3(d)). In contrast, the trend indicates a dispersion
rather than a polarization of LC3 particles from cell vacuoles
towards the cytosol. This is indicated by the finding that the
ratio of vacuolar vs. cytosolic LC3 particles following METH
decreases dose-dependently (Figure 3(d)), which indicates a
METH-induced loss of LC3 compartmentalization. Such an
uncoupling between LC3 and ATG vacuoles is a novel find-
ing in METH toxicity. In fact, so far, METH was thought to
impair ATG machinery by engulfing ATG vacuoles, which
become stagnant and filled with LC3. The present data show
that, under METH, ATG vacuoles are impaired already in
their maturation. In fact, for low METH doses, LC3 is not
increased, while for higher METH doses, LC3 increases
more in the cytosol than within vacuoles. It looks like that
in these conditions (METH doses up to 1μM), the drive
which polarizes LC3 towards the ATG machinery is weak-
ened. At 10μM METH, there is a further drop in the ratio
between vacuolar and cytosolic LC3 particles, which is likely
to be due to a concomitant loss of cell ability to build organ-
elles for toxic METH doses. This latter finding is confirmed
by the fact that 10μM METH strongly increases free LC3
particles compared with the dose of 1μM, but the number
of LC3-positive ATG vacuoles at 10μM is roughly a half of
that counted at 1μM.

These observations, despite being unexpected, provide
also novel methodological insights into ATG. In fact, when
using confocal microscopy following high METH doses,
there is a strong increase in LC3 immunofluorescence, which
is routinely interpreted as produced by stagnant vacuoles.
However, ultrastructural morphometry demonstrates that
an increase in LC3 immunostaining is indeed driven by
free cytosolic noncompartmentalized LC3 rather than by
vacuolar LC3.

We may summarize these latter data by stating that,
under METH administration, there is a loss of compartmen-
talization of LC3 particles within vacuoles, despite an

increased amount of both LC3 particles and vacuoles per se,
which represents a novel insight in ATG and METH toxicity.

This leads to reconsider the significance of densely fluo-
rescent LC3 spots detected at confocal microscopy following
METH [16, 80]. The stoichiometric counts at TEM demon-
strate that a greater contribution is provided by free cytosolic
LC3. This is representatively evidenced in micrograph of
Figure 3(c), and it is remarked by the ratio between compart-
mentalized LC3 particles in ATG vacuoles and free cytosolic
LC3 particles (graph of Figure 3(d)). This demonstrates a
lack of METH-induced LC3 compartmentalization with a
trend towards “METH-induced LC3 dispersion.” This is
frankly evident for a neurotoxic dose of METH (10μM)
where a loss of fine subcellular compartments take place. As
discussed for Figure 1(b), this is likely to reflect a degenera-
tion of the subcellular trim of spared cells, which organize
protein trafficking, where the ability to create various cell
compartments is reduced.

3.4. METH Alters the Amount and Placement of P20S
Particles. When counting P20S-positive vacuoles, these were
consistently decreased compared with controls for all METH
doses (Figures 3(e) and 3(g)). These findings were repro-
duced when counting P20S immunogold particles, which
were markedly decreased following all METH doses (ranging
between 1nM and 10μM, Figure 3(f)). Remarkably, this was
replicated even for the highest dose of 10μM METH, which
was shown to suppress compartmentalization of LC3 within
vacuoles (Figure 3(d)). It is likely that such a discrepancy is
related to a different sensitivity of P20S compared with LC3
to the effects of METH. Again, no polarization of P20S
towards vacuoles was induced by METH, which left the ratio
unmodified between P20S particles within vacuoles and cyto-
solic P20S particles compared with controls (Figure 3(h)),
although the trend was different compared with LC3.

It is surprising that the effects induced by METH on
the number of the ATG marker LC3 follow a different
dose-response curve compared with the effects induced
on the number of the UP marker P20S. In fact, in the
range of 1 nM to 10nM doses, no alterations were pro-
duced by METH in the number of LC3 immunogold par-
ticles (Figure 3(b)), while at the dose of 1 nM of METH,
the reduction of P20S immunogold particles was already
maximal (roughly, a half of controls, Figure 3(f)). This
suggests that the biochemical pathways involved (regulat-
ing either ATG or UP) possess a different dose-response
curve being the UP maximally affected already at the low-
est dose of METH. Thus, the P20S protein component is
markedly sensitive to doses of METH, which are likely
to be in the picomolar range.

As previously discussed, the lowest dose of METH (1nM)
doubled the number of unstained vacuoles without affecting
neither LC3 particles nor LC3 vacuoles. In contrast, this very
same dose reduced roughly to a half both P20S particles and
P20S-positive vacuoles. It is worth noting that this METH
dose is sufficient to double the DA release in PC12 cells [6].
Thus, it is likely that an increased amount of free DA may
already impair the P20S proteasome. This is consistent with
our previous study showing that, at the dose of 1 nM of
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METH, P20S is already suppressed [43]. While this corre-
sponds to a two-fold decrease in P20S-positive vacuoles
(Figure 3(e)), the number of unstained METH-induced
vacuoles increases by 2-fold ([6, 43]; present study in
Figure 1(b)). Remarkably, UP inhibition enhances neuro-
transmitter release [81, 82]; in fact, proteasome inhibitors
produce striatal DA release [83]. This is due to an effect of
proteasome activity in the recycling of short-lived proteins
from and towards the plasma membrane including DA
receptors [84], which is compatible with the retromer
hypothesis for unstained vacuoles expressed above [85]. It
is demonstrated that increased DA stimulation disassembles

the proteasome structure, and it is related to sensitization
[84]. Thus, a vicious circle may establish in which METH-
induced DA release alters the proteasome structure, which
in turn enhances DA release. This issue opens novel avenues
to study the role of protein clearing systems in determining
METH-induced sensitization. Thus, the increase in DA
release occurring after 1 nM METH may be due to altered
proteasome levels shown in this study. This is in line with
imaging of P20S following METH compared with controls
at confocal microscopy. InMETH-treated cells, perimembra-
nous rings of fluorescence appear instead of the diffuse fluo-
rescent P20S staining occurring in controls (Figure 4(a)).
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Figure 4: METH reduces the occurrence of the autophagoproteasome (APP) which hosts LC3, P20S, p62, and alpha-synuclein. (a)
Representative immunofluorescence from controls and METH at 72 h. (b) Time-dependent graph of the number of LC3 +P20S-positive
puncta per cell from control and METH at 1μM. (c) P20S, p62, and alpha-synuclein Western blotting on LC3BI-II immunoprecipitates.
(d) Densitometric analysis. Values are given as the optical density detected in four separate replicates (n = 4). Values are given as the mean
number of LC3+ P20S puncta counted in 4 slides. Error bars represent the standard error of the mean. ∗p ≤ 0 05 vs. control. Arrows point
to P20S (red fluorescence) or LC3 (green fluorescence) or merge P20S and LC3 (orange fluorescence). Scale bar = 6.6 μm.
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The discrepancy between LC3 and P20S immunogold par-
ticles extends to the time course (Supplementary Figure 1). In
fact, for longer time intervals following 10μM METH, LC3
particles increase progressively (Supplementary Figure 1a),
along with LC3-positive vacuoles (Supplementary Figure 1b)
with a decreasing ratio between LC3 in vacuoles and LC3
in cytosol, which is time-dependent (Supplementary
Figure 1c). P20S particles and vacuoles decrease slightly
(Supplementary Figure 1d and Figure 1(e), respectively). The
ratio between P20S in vacuoles and P20S in cytosol was
similar for all time intervals (Supplementary Figure 1f).
This suggests that a loss of compartmentalization for P20S
is maximal already for the lowest dose of METH.

3.5. METH and Autophagoproteasome (APP). In order to
document the occurrence of APP in PC12 cells and its mod-
ulation at various doses and time intervals following METH,
we used confocal microscopy to document the merging
between P20S and LC3 particles. As shown in representative
Figure 4(a), the punctum staining for P20S and LC3 was
fairly merging in baseline conditions, while only some
merging could be detected also following the highest dose
of METH. When we counted the amount of merging puncta
detected at confocal microscopy (Figure 4(b)), these were

markedly reduced following 1μMMETH at each time inter-
val (12 h, 24 h, and 72 h). Confirming the hypothesis that a
chemical binding between LC3 and P20S within vacuoles
exists, we carried outWestern blotting on LC3BI-II immuno-
precipitates from whole cell lysates. In these experimental
conditions, P20S was detected along with p62 (Figures 4(c)
and 4(d)). The occurrence of p62 is the key since, as recently
shown by Cohen-Kaplan et al. [86], p62 is pivotal in shuttling
proteasome subunits within LC3-positive autophagosomes.
In line with the key role played by both ATG and proteasome
to metabolize alpha-synuclein [87, 88], we checked whether
these merging organelles contain alpha-synuclein. In fact,
alpha-synuclein is detected here within immunoprecipitates
(Figures 4(c) and 4(d)). Incidentally, these findings indicate
why, in biochemical studies, the metabolism of alpha-
synuclein was attributed to ATG, UP, or both, depending
on the study [89–91]. The present research paper demon-
strates at the morphological level the occurrence of a single
organelle hosting both UP and ATG components, which
recruits alpha-synuclein (Figure 4(c)). When analyzed at
ultrastuctural morphometry, these merging units between
P20S and LC3 appear as vacuoles owning different shapes
and structures corresponding to autophagoproteasomes
(APPs, Figures 4(a), 5(b), and 5(c)). It is remarkable that,
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Figure 5: METH reduces the occurrence of autophagoproteasomes (APPs) dose-dependently. (a) Representative picture of a PC12 cell (low
magnification) and an APP vacuole (high magnification). (b, c) Representative pictures of APP vacuoles stained for both LC3 (10 nm) and
P20S (20 nm) immunogold particles. (d) Dose-dependent graph of the number of LC3 + P20S-positive vacuoles per cell from control and
METH at 72 h. Values are given as the mean number of LC3 +P20S-positive vacuoles counted in 100 cells per group. Error bars represent
the standard error of the mean. ∗p ≤ 0 05 vs. control. Arrows point to free LC3 particles (10 nm); arrowheads point to P20S particles
(20 nm); asterisk (∗) indicates a double membrane (b, c). N= nucleus; AV= autophagic vacuoles; M=mitochondrion. Scale bar = 220 nm.
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according to confocal microscopy, under METH administra-
tion, a marked suppression was counted for APP for each
dose of METH ranging between 1nM and 10μM as shown
in the graph of Figure 5(d). Similarly, just like it was described
for the time course detected at confocal microscopy, even at
TEM, APP was similarly depressed by METH at 12, 24, and
72h (Supplementary Figure 2). The number of APP in
controls (representative Figure 6(a)) and following METH
(Figure 6(b)) was plotted for a regression analysis between
the amount of APPs and the number of dead cells in
controls (graph of Figure 6(c)) and following METH (graph
of Figure 6(d)). A negative correlation was detected between
cell death and the number of APPs with a slope, which was
consistent in control conditions and following METH at
10μM. In fact, in both experimental conditions, cell death
was lesser and lesser when APPs were more and more
expressed. In controls, dead cells exceeded 10% in those
samples owning only a few APPs/cell (roughly 0.6), while
cell death was occluded down to 5% when APPs increased
two-fold (graph of Figure 6(c)). As expected, the percentage
of cell death reached almost 50% following the 10μM dose
of METH, when only a few APPs were produced (roughly
0.1 per cell); in contrast, cell death was toned down to 30%
in those samples in which the amount of APPs was six-fold
higher (roughly 0.6 per cell, graph of Figure 6(d)).

3.6. The Effects of mTOR Modulation on P20S, LC3, and
Autophagoproteasome Related with METH Neurotoxicity.
As previously published, mTOR activity finely tunes APP
[47]. Therefore, in order to test in the present experiments
the effects of specific doses of compounds, which are known
to act either as mTOR inhibitors or activators, we measured
the amount of the downstream product of mTOR activity
(pS6). Asparagine is a well-known mTORC1 activator [92]
while rapamycin is the gold standard mTORC1 inhibitor
[93, 94]. The doses of these compounds were tested as
reported in Figure 7. Asparagine at the dose of 50mM acti-
vates mTOR while rapamycin at the dose of 100 nM inhibits
mTOR as calculated by the amount of Western blotted pS6.
Therefore, owning the right compounds at appropriated
doses, we tested the effects of these compounds on cell
death and amount of APPs. As shown in representative
micrographs of Figure 8, we observed a variety of effects,
which are in line with the key role of mTOR in METH toxic-
ity and APP stimulation [80, 94, 95]. In fact, the dose of
10μM METH produces roughly 35% cell death, which was
totally prevented by rapamycin (100 nM). Remarkably, rapa-
mycin alone further reduced cell death significantly below
levels found in control cells. This witnesses for the presence
of a baseline inherent aberrancy of mTOR regulation in this
cell line, which is reminiscent of neurodegeneration [49].
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Figure 6: Inverse correlation between the occurrence of APP andMETH-induced toxicity. (a) Representative micrograph from a control cell.
(b) Representative micrograph from a cell following METH at 72 h. (c) Linear regression between the percentage of cell death and the number
of LC3 +P20S-positive vacuoles in control. (d) Linear regression between the percentage of cell death and the number of LC3 + P20S-positive
vacuoles followingMETH at 72 h. The puncta reported in the graphs ((c) white square and (d) black square) correspond to the number of grid
(n = 5). Arrows point to vacuoles. N = nucleus. Scale bar = 1μm.
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Incidentally, this is the first report showing that the gold
standard inhibitor of mTOR rapamycin prevents METH tox-
icity. This key finding provided here as side observation is in
need of a dedicated experimental project. So far, only taurine
andmelatonin were shown to slightly prevent METH toxicity
with an indirect evidence of mTOR-mediated mechanisms
[94, 96], although this was interpreted using a multifaceted
hypothesis. Remarkably, recent evidence, despite not
addressing directly METH neurotoxicity, demonstrated that
METH-induced behavioral sensitization associates with
mTOR overexpression, while rapamycin reverts such an
effect [97]. Again, the stimulation of DA D1 receptors, which
are key in both METH-induced toxicity and behavioral sen-
sitization [9, 98], directly promotes mTOR activation while
inhibiting autophagy [99].

The present study directly relates neuroprotection with
mTOR inhibition, while showing that METH impairs
autophagy. This was consolidated by the deleterious effects
of asparagine. In fact, in the graph of Figure 8(b), we found
that asparagine alone was slightly increasing the natural cell
death occurring in control cells but it did not really increase
much the amount of METH-induced cell death. When all
the three compounds were coadministered, the protective
effects of rapamycin prevailed, with a robust suppression of
cell death occurring following METH+asparagine (graph
of Figure 8). These data concerning cell death were almost
mirrored by each treatment in the count of APPs. In
detail, METH suppressed APPs while rapamycin increased
their number almost two-fold of controls. Asparagine, as
expected, depressed APPs similarly to METH, while the
combination METH+asparagine produced the lowest
number of APPs (3-fold less than controls). It is remark-
able that rapamycin rescued the loss of APPs induced
following either asparagine alone or asparagine +METH

(Figure 8(c)). This strengthens the significance of the pres-
ent data concerning the role of mTOR in tuning METH
toxicity and APPs in a reciprocal pattern.

Here, we wish to emphasize the protective effects ofmTOR
inhibition on natural cell death which occurs in the PC12 cell
line. In fact, these cells possess an inherent aberrancy, which is
useful in understanding neuronal degeneration [49]. This is
partly due to an aberrancy in DA compartmentalization and
vesicle polarization, where in baseline conditions most neuro-
transmitter is docking to the cell membrane, making this cell
line highly prone to produce massive amount of self-oxidized
DA metabolites [49]. It is remarkable that upgrading APPs
through mTOR inhibition erases such an inborn trend to
degenerate. Since UP inhibition enhances DA release, which
is related to METH toxicity, it is expected that mTOR
activation, by inhibiting UP activity and compartmentaliza-
tion, enhances METH-induced cell death. The present
research seems to uncover the molecular determinants of
inherent vulnerability of the DA-PC12 cell line, by targeting
specifically mTORC1 complex dysregulation.

3.7. The Effects of mTOR Modulation on Unstained Vacuoles.
When these experimental conditions were applied to
unstained vacuoles (representative picture of Supplementary
Figure 3), data obtained were quite similar to APPs, though
with some exceptions. In fact, METH increases the number
of unstained vacuoles, which were further increased by
rapamycin alone, way more compared with LC3-positive
vacuoles (roughly 20 per cell and roughly 8 per cell,
respectively). This adds further information about the
previous question concerning the nature of these unstained
vacuoles, which turn out to be mTOR-dependent.
Unexpectedly, combined administration of METH and
rapamycin instead of further increasing the number of
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Figure 7: Modulation of pS6 levels underlie mTOR inhibition and activation by rapamycin and asparagine, respectively. (a) Representative
SDS-PAGE immunoblotting of pS6 protein. (d) Densitometric analysis. Values are given as the optical density detected in six separate
replicates (n = 6). Error bars represent the standard error of the mean. ∗p ≤ 0 05 vs. control; ∗∗p ≤ 0 05 vs. control and METH.
ASN= asparagine; RAP= rapamycin.
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unstained vacuoles compared with rapamycin alone
produces a decrease in these vacuoles (which remain higher
than controls). It is likely that, in the presence of
rapamycin, there is no longer an oxidative stress, which
produces an altered vesicle trafficking. In fact, mTOR
inhibition stimulates both the activity and the amount of
the proteasome subunit, which suppresses DA release.
Thus, according to the hypothesis that unstained vacuoles
are due to DA release and proteasome dysfunction
mutually enhancing each other, it is expected that
rapamycin occludes this component. Thus, combined
METH and rapamycin administration produces a number
of unstained vacuoles which is still higher than controls but
lower than rapamycin alone. Asparagine alone or in
combination with METH decreased unstained vacuoles,
which were brought up to control the levels by adding
rapamycin (Supplementary Figure 3).

These data suggest that the mechanisms by which
unstained vacuoles are increased are different following
rapamycin compared with METH administration, since
double treatment occludes this effect instead of enhanc-
ing it. This is consistent with the opposite effects on cell
death, which is induced by METH and rescued by rapa-
mycin. In contrast, APP vacuoles despite being decreased
by METH were increased by rapamycin, which witnesses
for a different regulation of unstained compared with
APP vacuoles.

3.8. The Effects of mTOR Modulation on LC3. Following
mTOR inhibition by rapamycin, LC3 particles were never
depressed below control values, even when METH and
asparagine were combined. In these experimental conditions,
compartmentalization of LC3 particles within vacuoles was
dramatically enhanced by rapamycin. This mechanism was
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Figure 8: mTOR inhibition prevents cell death and rescues the amount of APPs induced by METH and the mTOR activator asparagine. (a)
Representative micrographs of control and following METH 10 μM, rapamycin 100 nM, and asparagine 50mM, at 72 h. (b) Graph of the
percentage of cell death in control and following METH 10 μM, rapamycin 100 nM, and asparagine 50mM, at 72 h. (c) Graph of the
number of LC3 +P20S-positive vacuoles in control and following METH 10μM, rapamycin 100 nM, and asparagine 50mM, at 72 h. For
the graph in (b), values are given as the percentage of cell counted on 5 grids. For the graph in (c), values are given as the mean number
of LC3 +P20S-positive vacuoles counted in 100 cells per group. Error bars represent the standard error of the mean. ∗p ≤ 0 05 vs. control;
∗∗p ≤ 0 05 vs. control and METH; #p ≤ 0 05 vs. METH. N=nucleus; ASN= asparagine; RAP= rapamycin. Scale bar = 0.5 μm.
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independent from the one produced by METH; in fact,
despite METH 10μM was more effective than rapamycin
100 nM to increase total LC3 particles in the cell, rapa-
mycin alone was much more powerful than METH alone
in increasing LC3 within vacuoles (Figure 9(a)). Again,
when rapamycin was combined with METH, a decrease
of vacuolar LC3 was detected compared with rapamycin
alone (Figure 9(b)). This indicates a strong compartmen-
talizing effect of rapamycin, which sharply contrasts with
METH-induced LC3 dispersion (the generalized and non-
specific increase of LC3 promoted by METH, Figure 9(a)).
The mTOR activator asparagine alone or in combination
with METH further dispersed LC3 particles, since it
decreased the placement of LC3 within vacuoles. This
witnesses for a strong modulation by mTOR of LC3
compartmentalization (Figure 9(c)). This was further evi-
denced by counting the number of LC3 particles in the
vacuoles versus LC3 particles within the cytosol
(Figure 9(d)). In this case, METH decreases the ratio
compared with controls, while rapamycin was increasing
two-fold the ratio compared with controls and reverted

the effects of METH. Asparagine alone was similar to
METH and further suppressed the ratio when it was
combined with METH.

3.9. The Effects of mTOR Modulation on P20S. The effects of
mTOR inhibition were sharply contrasting with the effects
of METH concerning the amount and placement of P20S
particles. In fact, while METH depressed, rapamycin
increased total P20S (Figure 10(a)). Moreover, rapamycin
reverted the suppression induced by METH, while the
effect of asparagine alone was less effective compared with
METH. Combined administration of asparagine and
METH did not alter the effects produced by METH alone.
The effects of asparagine were antagonized by rapamycin.
This was replicated by the number of P20S in the vacuoles
(Figures 10(b) and 10(c)). When counting P20S-positive
vacuoles or P20S in the vacuoles (Figures 10(b) and
10(c), respectively), although the general trend was similar
to what is described in Figure 10(a), there was a remark-
able difference concerning asparagine. In fact, the polariza-
tion of P20S within vacuoles was dramatically suppressed
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Figure 9: mTOR modulates the number and placement of LC3 particles. (a) The graph shows the number of total LC3 particles per cell in
control, following METH 10 μM, rapamycin 100 nM, and asparagine 50mM, at 72 h. (b) The graph shows the number of LC3-positive
vacuoles per cell in control, following METH 10μM, rapamycin 100 nM, and asparagine 50mM, at 72 h. (c) The graph shows the number
of LC3-positive vacuoles in control and following METH 10μM, rapamycin 100 nM, and asparagine 50mM, at 72 h. (d) The graph shows
the ratio between the number of LC3 particles within vacuoles and cytosolic LC3 particles. Values are given as the mean number of LC3
particles and vacuoles counted in 50 cells per group. Error bars represent the standard error of the mean. ∗p ≤ 0 05 vs. control; ∗∗p ≤ 0 05
vs. control and METH; #p ≤ 0 05 vs. METH.
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by this mTOR activator even when compared with METH.
Moreover, the effects of asparagine on the dispersion of
P20S was so powerful that even rapamycin was not able
to prevent it (Figure 10(d)).

3.10. Correlation between Autophagoproteasomes and Cell
Death. The effects of all these treatments on the amount
of APPs versus the occurrence of cell death were plotted
in the graph of Figure 11, which remarks for various
mTOR modulators and a powerful negative correlation
between the number of APPs and the number of dead
cells.

In conclusions, the negative correlation which was
described for APP and cell death in controls and following
a 10μM dose of METH (Figure 6) was strengthened by the
analysis carried out with mTOR modulators (Figure 8). This
final plotting shows, at one glance, how mTOR inhibition is
key for producing the merging between proteasome and

autophagy to build autophagoproteasome, while it is com-
patible with a strong neuroprotective role exerted by such a
merging organelle.

4. Concluding Remarks

METH administration is known to increase the number of
ATG vacuoles within catecholamine-containing cells. This
was originally published by Cubells et al. [22], and at first,
it was suggested to produce ATG-mediated cell damage [22].

Nonetheless, in 2008, we demonstrated that the inhibi-
tion of ATG in METH-treated catecholamine cells instead
of producing neuroprotection worsened METH neurotoxic-
ity indicating a compensatory neuroprotection for ATG
induction during METH toxicity, as confirmed by several
studies [16, 37, 80, 100–102].

In line with this, in the present manuscript, we
demonstrate that rapamycin administration fully rescues
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Figure 10: mTOR modulates the number and placement of P20S particles. (a) The graph shows the number of total P20S particles per cell in
control, following METH 10μM, rapamycin 100 nM, and asparagine 50mM, at 72 h. (b) The graph shows the number of P20S-positive
vacuoles per cell in control, following METH 10μM, rapamycin 100 nM, and asparagine 50mM, at 72 h. (c) The graph shows the number
of P20S-positive vacuoles in control and following METH 10 μM, rapamycin 100 nM, and asparagine 50mM, at 72 h. (d) The graph
shows the ratio between the number of P20S particles within vacuoles and cytosolic P20S particles. Values are given as the mean number
of P20S particles and vacuoles counted in 50 cells per group. Error bars represent the standard error of the mean. ∗p ≤ 0 05 vs. control; ∗∗

p ≤ 0 05 vs. control and METH; #p ≤ 0 05 vs. METH. ASN= asparagine; RAP= rapamycin.
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METH-induced cell death. In the present paper, apart
from strengthening the concept that mTOR inhibition
and ATG protect against METH toxicity, we further detail
the significance of specific ATG-related structures.

It is believed that METH-induced increase in LC3
immunofluorescence is produced by an increase in LC3-
positive stagnant ATG vacuoles with an impairment of
the autophagy flux [37]. However, in the present study,
we demonstrate that, under METH administration, there
is a loss of compartmentalization of LC3 particles within
vacuoles. In fact, LC3 particles increase more in the cyto-
sol than within vacuoles, which represents a novel insight
in ATG and METH toxicity.

This leads to reconsider the significance of densely fluo-
rescent LC3 spots detected at confocal microscopy following
METH, since the greatest contribution is provided by free
cytosolic LC3.

In these experimental conditions, the effects of rapamy-
cin are demonstrated to be neuroprotective against cell death
while reinstating vacuolar compartmentalization of both LC3
and P20S.

It is likely that a concomitant acceleration of activity
within stagnant ATG vacuoles may concur to provide neu-
roprotection. In fact, asparagine, which also impairs the
merge between autophagosomes and lysosomes, produces
a dramatic effect.

In these experimental conditions, the occurrence of ATG
vacuoles is further dissected for the concomitant presence of
the P20S proteasome component. It is now well established
that these LC3+P20S vacuoles contain both ATG and pro-
teasome markers and are named “autophagoproteasomes”
(APPs) [48].

In the present study, we demonstrate that LC3+P20S-
positive vacuoles (APP) represents a clearing compartment

which behaves distinctly and sometimes opposite to classic
ATG (LC3-positive) compartment. This specific compart-
ment correlates with cell survival. In line with this, alpha-
synuclein, which is known to buffer oxidative species [103,
104], is involved in METH toxicity, since in alpha-
synuclein knockout mice, a potentiation of METH-induced
nigrostriatal damage occurs [105]. The coimmunoprecipita-
tion of alpha-synuclein within APPs found here corroborates
such a neuroprotective effect. This novel organelle may coun-
teract also impaired mitophagy during METH administra-
tion. In fact, few key steps in mitochondrial removal are
carried out by proteasome components acting during early
autophagosome formation [39, 106, 107].

As a proof of principle, we cannot be satisfied yet,
since one might argue that a defect in ATG progression
may lead ATG vacuoles not to be able to take up the pro-
teasome component due to a failure in the p62-driven
uptake of ubiquitinated proteasomes. When such an alter-
native explanation is consistent, then an increased amount
of P20S should be measured in the cytosol. However, the
number of P20S in the cytosol was decreased by METH
administration, and it was further suppressed by the con-
comitant administration of asparagine.

Again, if the decreased amount of UP within ATG vacu-
oles were related to a decrease of ATG progression (impaired
shuttling of P20S within ATG vacuoles), the ratio between
cytosolic vs. vacuolar P20S should be modified by METH,
while this ratio stays steady.
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Supplementary Materials

Supplementary Figures 1, 2, and 3: further evidence about
various METH-induced ultrastructural alterations. In all
these graphs, the dose of METH was kept constant 10μM.
Supplementary Figure 1: the time dependency of METH-
induced variations in LC3 and P20S particles (12 h, 24 h,
and 72h). Counts refer to whole cytosol or selectively within
vacuoles. Moreover, the ratio between compartmentalized
particles within vacuoles and total cytosolic particles at these
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Figure 11: Inverse correlation between cell death and amount of
APPs following mTOR modulation. The dashed line shows the
amount of APPs while the continuous line shows the percentage
of cell death. For each treatment, the values of the two lines
produce a mirror image, which indicates a negative correlation.
∗p ≤ 0 05 vs. control; ∗∗p ≤ 0 05 vs. control and METH; #p ≤
0 05 vs. METH. ASN= asparagine; RAP= rapamycin.

18 Oxidative Medicine and Cellular Longevity



time intervals is reported. Supplementary Figure 2: the time
dependency of METH-induced suppression of APPs, which
concerns selectively with the number of LC3+P20S-positive
vacuoles (autophagoproteasomes) in the whole cytosol. Sup-
plementary Figure 3: the number of unstained vacuoles in the
whole cytosol following various single and combined treat-
ments with mTOR modulators. (Supplementary Materials)
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Moderate ethanol consumption (MEC) is increasing among women. Alcohol exposure usually starts in adolescence and tends to
continue until adulthood. We aimed to investigate MEC impacts during adolescence until young adulthood of female rats.
Adolescent female Wistar rats received distilled water or ethanol (3 g/kg/day), in a 3 days on-4 days off paradigm (binge
drinking) for 1 and 4 consecutive weeks. We evaluate liver and brain oxidative damage, peripheral oxidative parameters by
SOD, catalase, thiol contents, and MDA, and behavioral motor function by open-field, pole, beam-walking, and rotarod tests.
Our results revealed that repeated episodes of binge drinking during adolescence displayed lipid peroxidation in the liver and
brain. Surprisingly, such oxidative damage was not detectable on blood. Besides, harmful histological effects were observed in
the liver, associated to steatosis and loss of parenchymal architecture. In addition, ethanol intake elicited motor incoordination,
bradykinesia, and reduced spontaneous exploratory behavior in female rats.

1. Introduction

Ethanol is one of the oldest psychoactive substances and
remains the most intoxicating drug widely used by individ-
uals [1]. In addition to having a cultural background and

being accepted in almost all organized societies [1, 2], its con-
sumption is favored by its low cost, wide availability, and easy
access [2, 3]. However, the abuse of ethanol intake is consid-
ered a public health problem with repercussions on the social
environment and it causes several clinical complications [4]
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that range from behavioral alterations and maladaptive long-
term consequences to systemic metabolic disruption and
liver failure [5].

Actually, our group has been focusing on alcohol versus
adolescence versus female gender, through a heavy-drinking
protocol [6–10] or a binge-drinking paradigm [11–14]. In this
regard, we showed that heavy chronic EtOH intoxication
(6.5 g/kg/day during 55 days) during adolescence induced
neuronal loss and an expressive reduction in astrocytes in
the cerebral cortex of rats [15]. In addition, the chronic EtOH
administration may also potentiate the motor impairments
andmotor cortex damage induced by focal ischemia in female
rats [8, 10].

In view of the binge-drinking paradigm, the intermit-
tent ethanol consumption—when high ethanol dose is
consumed in a short period of time followed by a period
of withdrawal—is the dominant manner of alcohol misuse
in adolescents and young adults [16–18]. The National
Institute on Alcohol Abuse and Alcoholism (NIAAA) has
recommended that this consumption pattern promotes a
blood alcohol concentration level of 0.08 g/dL. Such plasmatic
blood levels usually occur after the consumption of four or
more drinks for women or five or more drinks for men, for a
two-hour period [19]. Besides, the frequency of ethanol con-
sumption in a binge manner among adolescents, mainly of
university students, occurs 3 days a week [20]. Additionally,
this ethanol consumption pattern has increased among the
female gender in Brazil, especially with the younger ones
[21], indicating that females have become one group that pre-
sents higher risks related to the deleterious effects of ethanol;
even so, the harmful effects of ethanol among females have
been poorly investigated.

In fact, there are sex differences in metabolism and
response to binge-like ethanol. Some studies have reported
that females display greater susceptibility to acute and
long-term alterations of mood and memory after ethanol-
intermittent treatment [22–24]. In addition, higher anatom-
ical and histological alterations have been reportedly elicited
by binge-drinking consumption in females than in males,
which suggest that vulnerability to ethanol damage is gender
dependent [25, 26]. Beyond that, oxidative balance also
seems to be different between males and females. In an
interesting study, Jung and Metzger [27] found an innate
difference related to oxidative status displayed by ethanol
exposure protocol between males and females, in which hor-
monal factors may contribute to the possible neuroprotector
effect. However, such steroidal protection against oxidative
damage was unlikely in the brain.

After ingestion, alcohol is metabolized by three pathways
in the liver, that is, alcohol dehydrogenase (ADH), the micro-
somal ethanol oxidation system (MEOS) by induction of
cytochrome P-4502E1 (CYP2E1), and catalase enzymes.
These processes result in toxic and highly reactive products
such as acetaldehyde and reactive oxygen species (ROS),
which makes organs, such as the liver, more susceptible
to alcohol-induced damage by different mechanisms that
are not clear enough [28, 29]. In the brain, alcohol metab-
olism also shares all the mechanisms related above, gener-
ating acetaldehyde and an excess of H2O2, which displays

oxidative damage as one of the main mechanisms of tissue
injury [30, 31].

Actually, alcoholic liver disease (ALD) is among the lead-
ing causes of morbidity and mortality worldwide. Their path-
ophysiology includes a broad spectrum of diseases ranging
from simple steatosis to more severe forms of liver injury,
such as steatohepatitis, cirrhosis, and hepatocellular carci-
noma [32, 33]. Of interest, among the risk factors for ALD,
the pattern of alcohol consumption and female display a
double risk. In women, the risk is higher due to the deficit
of gastric ADH, a higher proportion of body fat, and the
presence of estrogen [33].

Allied to metabolic damage, ethanol intake during ado-
lescence has been reported as a neurotoxic drug. The main
hazardous effects detected are related to its neurobehavioral
alteration, in which motor function is deeply impacted [34].
However, it is still unclear if the exposure of females to
ethanol in a binge-like manner causes cumulative effects on
motor function from middle to late adolescence, if these
effects involve oxidative stress, and how this mechanism
reverberates on the motor cortex, liver, and blood. Thus, we
now investigated the systemic oxidative stress effects of the
binge-like ethanol paradigm and its repercussions on motor
function in adolescent female rats.

2. Materials and Methods

2.1. Animals. Adolescent female Wistar rats (n = 48;
72 83 ± 0 36g) were obtained from the Animal Facility of
the Federal University of Pará (UFPA) and kept in collective
cages (four animals per cage). Animals were maintained in a
climate-controlled room on a 12:12-h light/dark cycle (lights
on 7:00AM), with food and water ad libitum. All procedures
were approved by the Ethics Committee on Experimental
Animals of the Federal University of Pará under license num-
ber BIO-196-14 and followed the guidelines suggested by the
National Institutes of Health (NIH) Guide for the Care and
Use of Laboratory Animals (2011). Adolescent female rats
were used because previous investigations reported that this
sex appears to be more resistant to oxidative brain damage
([27], but the ethanol-induced brain injury is more evident
in female than in male rodents [25]. Moreover, human
female adolescents are more vulnerable than males to the
adverse neurodevelopmental effects (i.e., neurotoxic effects
in cerebral cortex) of heavy alcohol binge drinking [26].

2.2. Experimental Groups and Treatment. In this study, one
episode of binge-like ethanol treatment was considered
equivalent to a single daily intragastric administration of eth-
anol (3.0 g/kg/day, 20% w/v ethanol) for three consecutive
days [35] to mimic the pattern occurring in human adoles-
cents [20]. On postnatal day (PND) 35, all rats were
randomly assigned to either (i) ethanol or (ii) water control
groups at two different periods. One group of animals
(PND 35–37) received 1 cycle of binge-like treatment (acute
binge ethanol-treated adolescent rats). Other animals
received 4 weeks of treatment (4 binge-like ethanol cycles),
from PND 35–58, which mimics from middle to late
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adolescence (for review see [36]). See Figure 1 for the time-
line of the experimental design.

All animals received a single daily intragastric adminis-
tration of ethanol (dose of 3.0 g/kg/day, 20% w/v ethanol)
on 3 consecutive days on schedule—always between
7:00AM and 8:00AM [35]—and 4 consecutive days off
schedule. Control subjects received comparable volumes of
distilled water, according to the procedure previously
described [37]. The animals’ weight gain was measured prior
the beginning of ethanol treatment andweekly.Moreover, the
survival rate of animals was assessed throughout the entire
experimental protocol period and no death was observed
within repeated intermittent ethanol administration.

2.3. Behavioral Tasks. Seven and a half hours after the period
of binge-like ethanol treatment, animals were conducted to
the test room for acclimatization and habituation to the test
environment for one hour. The behavioral tests (open-field,
pole, beam-walking, and rotarod tests) were employed
between 11:00AM and 6:00 PM in a sound-attenuated room
under low-intensity light (12 lux).

2.3.1. Open Field. We used an open-field apparatus to evalu-
ate spontaneous exploratory activity to assess locomotion
[38]. The rats were placed individually at the center of the
open-field arena (100× 100× 40 cm) and were permitted to
allow spontaneous locomotor activity in the apparatus for
5min. To evaluate the horizontal and vertical locomotor
activities, the total distance traveled and number of rearings
were measured, as previously described [39]. The rat’s activ-
ity was video monitored by a camera positioned above the
arena to be analyzed off-line with the ANY-maze™ (Stoelting,
USA) software by two observers blind to the treatments. The
rearing parameter was manually counted.

2.3.2. Pole Test. The pole test, initially described by Ogawa
et al. [40], is an experiment used to evaluate movement dis-
orders, especially bradykinesia, characterized by an increase
in latency for the execution of movements [41]. In the test,
the animal is confronted with the situation of turning the
body and descending from a vertical beam [38]. The equip-
ment comprises a rough vertical beam (2× 50 cm) supported
on a circular platform (1 cm height; r = 25 cm). The task
consists of the subject’s ability to turn haed down and
descend to the safe platform. Briefly, animals were placed
head upward on the top of the beam to perform the task
in five attempts, at intervals of 60 s, in which escape latency
was registered (cutoff 120 s), according to da Silva et al.’s [6]
protocol. The three best scores were considered for each rat.
Animals unable to conclude the task were assigned the
maximum time.

2.3.3. Beam-Walking Test. The beam-walking test is used to
assess motor strength and balance [42]. In fact, Carter et al.
[43] suggested that this test is useful tool to motor coordina-
tion and refinement analysis. The wood apparatus consists of
suspended beams (1m) elevated 50 cm from the floor [43].
The serial beams presented 2 types of cross sections: square
(28, 12, and 5mm) and circular (28, 17, and 11mm), both
of which are linked to a secure box [38]. Initially, animals

were habituated on the squared 28mm beam for 120 s. After
that, animals were submitted to each beam (from square to
round) in a decreased cross-sectional area for 60 s with an
interval of 60 s. Motor coordination and balance in spontane-
ous activity were assessed through the number of slips during
the test section of each beam (adapted from [44]).

2.3.4. Rotarod. The rotarod test is widely used to assess motor
coordination, balance, and ataxia [38]. Usually, it is used as a
motor performance evaluation test on a rotarod apparatus
(Insight®, Brazil) because it is based on measuring the ability
of rodents to maintain balance on a rotating cylinder driven
by a motor. The apparatus consists of a grooved metal roller
(8 cm in diameter), separated into 9 cm-wide compartments
elevated 16 cm. In the test training, the animals were placed
on the spin axis for a period of 120 seconds at 8 rpm. After
the training, the test was performed in three successive
exposures of 120 seconds at 8 rpm with an intertrial interval
of 60 s [6, 15]. The parameter evaluated was the latency to
first fall.

2.4. Biochemical Assays

2.4.1. Samples. After behavioral assays, animals were eutha-
nized by cervical dislocation for biochemical evaluations
and histopathological note. The blood content was obtained
by heart puncture and collected in tubes; concomitantly,
livers and brains were removed and cooled on dry ice. Then,
the motor cortex tissue was dissected from the brain and both
of the tissues were frozen in liquid nitrogen. For analysis,
tissue samples were thawed and resuspended in 20mM
Tris-hydrochloride (Tris-HCl) buffer, pH7.4, at 4°C for sonic
disintegration. Results were expressed as percentages of
control groups. The blood, liver, and motor cortex were
stored at −80°C for determination of the biochemical
markers of damage. The serum was obtained by centrifuga-
tion for 10min at 1400×g and stored at −80°C.

2.4.2. Biochemistry Parameter Analysis. Serum activities of
aspartate and alanine aminotransferase (AST and ALT,
respectively) were measured by the veterinary laboratory
device Reflotron Plus (Roche Diagnostics).

2.4.3. Oxidative Biochemistry in Blood

(1) Determination of Malondialdehyde (MDA). Determina-
tion of malondialdehyde (MDA) is a method that evaluates
lipid peroxidation and acts as an indicator of oxidative stress.
The method is based on the reaction of MDA, among other
substances, with the reaction of thiobarbituric acid reactive
substances (TBARS) performed according to a previously
[45] proposed method [46]. Onto each test tube, 10 nM of
TBA (Sigma-Aldrich T5500) and 0.5mL of the sample serum
were added. Then, the tubes were placed in a water bath at
pH2.5 and at a high temperature (94°C× 60min) to form
the pink-coloured MDA-TBA complex. After this proce-
dure, the samples were cooled in running water and then
butyl alcohol was added to each sample to obtain the maxi-
mum extraction of MDA into the organic phase. Finally,
the tubes were centrifuged at 2500 rpm for 10 minutes and
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the supernatant was collected and read by the spectrophoto-
metric method (wavelength of 535nm). Results were
expressed as percentages of control groups.

(2) Superoxide Dismutase (SOD) Activity. Determination
of superoxide dismutase (SOD) activity was performed
according to the procedure recommended by McCord and
Fridovich [47]. For this, blood samples were haemolysed
into ice water (1 : 3) and then diluted in a Tris-based buffer
(Tris 1M/EDTA 5mM, pH8.0). This method evaluated the
ability of SOD to catalyse the conversion of O2− to H2O2
and O2. SOD activity was measured using UV spectropho-
tometry at a wavelength of 550 nm.

(3) Catalase Activity. Catalase activity was determined by
measuring the rate of enzymatic decomposition of H2O2
(10mM) to H2O and O2. Blood samples were haemolysed
into ice water (1 : 3) and then diluted in a Tris-based buffer
(Tris 1M/EDTA 5mM, pH8.0). The decay of H2O2 was
measured using ultraviolet spectrophotometry at 240nm,
and enzyme activity was expressed in CAT units, where one
unit is the amount of enzyme needed to hydrolyze 1μmol
of H2O2/min/mg protein.

(4) Content of Thiol Groups. The content of thiol groups was
based on the ability to reduce 5,5-dithiobis-2-nitrobenzoic

acid (DTNB) for nitrobenzoic acid (TNB), wherein haemo-
lysed blood samples (20μL) were solubilized with distilled
water plus PBS/EDTA (4mL) and mixed by vortexing
according to Belém-Filho et al.’s [11] protocol. After this,
3mL of samples was quantitated by spectrophotometry at
412 nm and the content of the thiol groups were expressed
in μg/mL, as described by Riddles et al. [48].

2.4.4. Oxidative Biochemistry in Tissue Samples

(1) Lipid Peroxidation Levels in Liver and Motor Cortex.
Levels of lipid peroxidation in the liver and motor cortex
samples was evaluated by a method based on the reaction
betweenMDA and N-methyl-2-phenylindole [49], expressed
as moles of MDA per milligram of protein. An aliquot of
homogenate was centrifuged at 2500 ×g for 30min at
4°C, and the supernatant was used for the reaction with
N-methyl-phenyl indole (NMFI) and methane sulfonic acid
at 45°C, during 40min, yielding a stable chromophore mea-
sured at 570nm wavelength and compared with the standard
curve of MDA and corrected with the protein concentration
of each sample [8, 12].

(2) Determination of Nitrate/Nitrite (NOx). According to
Griess method [50], NOx was measured. In short, an aliquot
of cerebral cortex homogenate was centrifuged at 21,000 rpm
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Figure 1: Experimental schedule of binge-like ethanol treatment in adolescent rats. Each cycle of binge-like ethanol administration consisted
of a daily gavage administration of ethanol (3 g/kg/day) (or water to control group) for 3 consecutive days weekly. Initially, the immediate
postadministration effects of either a single or repeated binge-like ethanol episodes in adolescence were assessed. Female rats underwent
one cycle of binge-like ethanol treatment at postnatal day 35 (PND35) or 4 cycles of binge-like episodes (PND35–58). After motor
behavioral analysis, rats were sacrificed for markers of biochemical analysis and hepatic histopathology.
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for 10 minutes at 4°C, and the supernatant was used to
analyze nitrite levels. After this, fifty microliters of the
supernatant sample or standard sodium nitrite solution
was mixed with another 50μL of the Griess reagent
(0.1% N-(1-naphthyl) ethylenediamine dihydrochloride;
and 1% sulfanilamide in 5% phosphoric acid; 1 : 1) and main-
tained at room temperature for 20 minutes. Subsequently,
the tissue samples were analyzed on a spectrophotometer
by absorbance at 550nm and compared to that of standard
solutions of sodium nitrite. The standard curve was elabo-
rated by sodium nitrate (NaNO2) which reflected NOx
concentration and data were corrected with the protein
concentration of each sample.

All results above were expressed as percentages of the
control groups [8].

(3) Determination of Protein Content. Total protein content
in the supernatants was assayed using the Bradford [51]
methodology. Hepatic and cortical protein oxidation was
measured wherein an aliquot of homogenate was incubated
with the Bradford reagent (5% ethanol; 8.5% phosphoric
acid; 0.25% Coomassie Brilliant Blue G-250) for 5min at
room temperature. The absorbance was measured at
570nm and compared to standard solutions of bovine serum
albumin. Results were used for the correction of MDA and
nitrite concentrations [8, 12].

2.5. Histopathology of the Liver.After removing the liver, liver
tissues were fixed in 10% buffered formalin, embedded in
paraffin, sectioned (5μm thick), and stained with hematoxy-
lin and eosin (HE). All sections were stained and surveyed on
a light microscope (Nikon Eclipse E200). Illustrative images
from all experimental groups were obtained using a digital
camera attached to the microscope (Nikon Eclipse 50i), using
the software Moticam 2500 for qualitative analysis.

2.6. Statistical Analysis. Values are expressed as mean
± S.E.M. of n = 9 – 12 animals per group for motor behavior
and n = 3 – 6 per group for biochemical analysis. Statistical
comparison was performed by two-way ANOVA for treat-
ment (water vs. ethanol) and after different binge-like ethanol
cycles (after 1 cycle vs. after 4 cycles) as variables; multiple
post hoc comparisons were performed using the Fisher-
LSD test and P < 0 05. Rotarod and beam-walking tests
were analyzed by two-way ANOVA with repeated mea-
sures (successive sessions) followed by the Fisher-LSD post
hoc test.

3. Results

3.1. Impact of Repeated Cycles of Binge-Like Ethanol Exposure
Causes Worse Motor Impairment in Female Adolescent Rats.
The spontaneous locomotor activity, assessed by horizontal
and vertical exploration (total distance traveled and number
of rearing parameters, respectively) on the open-field test,
is demonstrated in Figure 2(a). Two-way ANOVA (etha-
nol-treatment vs. repeated cycles) of motor behavior,
assessed by horizontal and vertical exploration, revealed a sig-
nificant difference only for effects of binge-like ethanol

treatment (F 1, 44 = 33 485; P = 0 001 and F 1, 37 =
11 826;P = 0 001, respectively). Fisher-LSDpost hoc compar-
isons showed that binge-like ethanol treatment induces
reduction of the horizontal and vertical exploratory activity
of adolescent female rats after 1 (P < 0 001; P = 0 017, respec-
tively) and 4 binge cycles (P = 0 007; P = 0 023, respectively)
of ethanol treatment.

In the pole test (Figure 2(b)), two-way ANOVA of the
descent time from the vertical beam to the platform base
showed a significant difference for the effect of binge-
ethanol treatment (F 1, 39 = 6 225; P = 0 017). Fisher-LSD
post hoc comparisons revealed that after 4 repeated cycles
of binge-ethanol exposure, adolescent rats displayed an
increased latency to descend from the beam to the platform
in the pole test (P = 0 028).

To evaluate the repercussions of repeated cycles of binge-
like ethanol on motor learning, coordination, and balance in
adolescent rats, we subjected the animals to three consecutive
sessions (8 rpm) on the rotarod apparatus (Figure 2(c)). Two-
way ANOVA with repeated measures revealed a significant
difference at latency to first fall of the cylinder of the rotarod
apparatus for effects of binge-like ethanol treatment
(F 3, 47 = 10 858; P = 0 001). Fisher-LSD post hoc compar-
isons revealed that a single binge-like cycle in adolescence
provokes impairment on motor coordination and balance
in female rats at first presentation to the rotarod apparatus
(P = 0 001) that was recovered on the subsequent sections
of the test. However, repeated binge-ethanol cycles during
adolescence reduced the animal’s dwell time on the rotarod’s
scrollbar in all successive sessions (first, second, and third)
when compared to their counterparts (P = 0 0001, P = 0 033,
and P = 0 047, respectively).

Figure 2(d) represents the performance of ethanol-
treated adolescent female rats on the square and round
beams of the beam-walking test. Two-way ANOVA with
repeated measures revealed a significant difference at the
number of slips to cross the suspended square beam by
binge-like ethanol treatment (F 3, 52 = 3 261; P = 0 03), as
well as related to the thickness of the cross-sectional area
beams (F 2, 52 = 26 942; P = 0 0001). Fisher-LSD post hoc
comparisons revealed that a single binge-like exposure gener-
ates an increase in the number of slips on the squared thinner
beam (5mm; P = 0 044). Indeed, repeated cycles of adoles-
cent binge-like ethanol significantly increased the number
of slips during this section of the beam, except for the larger
beam (28mm; intermediary: P = 0 012; and thinner cross-
sectional area: P = 0 0001, respectively).

In order tomake the taskmore complex, as well as to eval-
uate motor learning, following square beam sessions, animals
were submitted to the round beams (Figure 2(d)). Two-way
ANOVAwith repeated measures revealed a significant differ-
ence in the number of slips to cross the suspended round
beam of binge-like ethanol treatment (F 3, 61 = 48 444;
P = 0 0001), as well as the thickness of the cross-sectional
area beams (F 2, 61 = 48 955; P = 0 0001). Fisher-LSD post
hoc comparisons revealed that a single binge-like exposure
increased the number of slips on the thinner beam (11mm;
P = 0 009). However, the number of slips per session was
significantly increased after repeated cycles of adolescent
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Figure 2: Impact of adolescent binge-ethanol exposure on motor behavior of female rats. The analysis of the total distance traveled accessed
the horizontal locomotor activity, whereas the number of rearing informed the vertical locomotor activity, both measures being derived from
the track plots in the open-field arena (a). (b) The descent time from vertical beam to the platform base at the pole test is shown as a measure
of the kinetics of movement. (c) The latency to first fall on the cylinder of the rotarod apparatus is illustrated as a measure of the motor
coordination and balance by forced locomotor activity in the rotarod test. (d) The number of slips to cross the series of graduated beams
(square and round) is shown to access the motor learning, coordination, and balance by spontaneous locomotor activity in the
beam-walking test. Data are mean± SEM of n = 9 – 12 rats per group. ∗P < 0 05, ∗∗P < 0 001, and ∗∗∗P < 0 0001 vs. age-matched control;
+P < 0 05 and +++P < 0 001 vs. ethanol-treated after 1 binge-like cycle, all assessed using a Fisher-LSD test after two-way ANOVA.
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binge-like ethanol in all diameters evaluated (P = 0 0001 for
all thickness of beams).

3.2. Repeated Cycles of Binge-Like Ethanol Treatment Elicit
Accumulative Effects on Hepatic Damage in Adolescent Rats.
Two-way ANOVA (ethanol-treatment vs. repeated cycles)
of liver damage, assessed by the ratio of serum activity
of hepatic transaminases (AST/ALT) and tissue malondialde-
hyde (MDA) levels (Figures 3(a) and 3(b)), revealed a signifi-
cant difference for the interaction between effects of binge-like
ethanol treatment and repeated cycles (F 1, 16 = 5 807;
P = 0 028) for the ratio AST/ALT, but not for MDA levels
that showed only significance for effects of binge-like ethanol
treatment (F 1, 12 = 5 671; P = 0 035). Fisher-LSD post hoc
comparisons confirmed hepatocyte oxidative damage by high
levels of MDA (P = 0 045) (Figure 3(b)) and hepatic trans-
aminases (P = 0 016) (Figure 3(a)) in adolescent female rats
after 4 cycles of binge-like ethanol treatment.

The histopathological study revealed that control group
animals presented normal aspects of the cellular, extracellu-
lar, and vascular components of the liver in both periods
studied in this experiment. In the ethanol-treated groups, in
the acute period corresponding to the 1 binge-like ethanol
cycle, the following was observed: intense microsteidosis,
alteration in the morphology of the hepatocytes, and tissue
parenchyma on the centrilobular region that extended to
the mid-zonal region, being more scarce or having more focal
segments in the peripheral and superficial segments. In the
group submitted to 4 binge-like ethanol cycles, an intense
microsteidosis associated to vascular congestion and visible

loss of the structural cohesion of the parenchyma were
observed (Figure 3(c)).

3.3. Adolescent Binge-Like Ethanol Treatment Induces
Accumulative Effects on Oxidative Damage in Motor Cortex,
Not Detectable Peripherally.Two-wayANOVA (ethanol-treat-
ment vs. repeated cycles) of motor cortex damage, assessed by
the tissue malondialdehyde (MDA) levels (Figure 4(a)),
revealed significant effects of repeated cycles (F 1, 12 = 9 159
; P = 0 011) and their interaction with the effects of binge-
like ethanol treatment (F 1, 12 = 9 159; P = 0 011). Fisher-
LSD post hoc comparisons confirmed oxidative damage in
the motor cortex by high levels of MDA (P = 0 022) in ado-
lescent female rats after 4 cycles of binge-like ethanol treat-
ment. In addition, our results showed an increase of NO
production in the 4 binge-like ethanol cycle animals com-
pared to control subjects (P < 0 0001; Figure 4(b)). In con-
trast, the levels of the lipid peroxidation marker in the
serum did not indicate peripheral oxidative imbalance, even
after 4 cycles of ethanol treatment (Figure 4(c)).

3.4. Repeated Cycles of Binge-Like Ethanol Administration
during Adolescence Cause Change in Enzymatic and
Nonenzymatic Oxidative Response in Adolescent Female
Rats. Two-way ANOVA (ethanol-treatment vs. repeated
cycles) of peripheral antioxidant balance was assessed by
the levels of enzymatic and nonenzymatic antioxidant
agents (Figures 5(a) and 5(c)). Effects of binge-like ethanol
treatment revealed a significant effect for catalase (CAT)
(F 1, 10 = 6 446; P = 0 029). In addition, the repeated cycles
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Figure 3: Postconsumption effects of repeated binge-like ethanol treatment on hepatic function of adolescent female rats. The analysis of the
ratio of serum activities of aspartate aminotransferase (AST) on alanine aminotransferase (ALT) (a) and percental of malondialdehyde
(MDA) levels in hepatic tissue (b). (c) The histopathology of hepatic tissue analyzed by hematoxylin/eosin (HE) staining as morphological
qualitative evaluation is shown. Data are mean± SEM of n = 3 – 6 animals per group. ∗P < 0 05 and ∗∗P < 0 001 vs. age-matched control;
+P < 0 05 vs. ethanol-treated after 1 binge-like cycle, all assessed using a Fisher-LSD test after two-way ANOVA. Scale = 100μm.
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significantly influenced CAT (F 1, 10 = 26 397; P = 0 001)
and SOD (F 1, 14 = 17 286; P = 0 001). On the other hand,
CAT (F 1, 10 = 26 397; P = 0 001), SOD (F 1, 14 = 17 286;
P = 0 001), and content of thiol (F 1, 15 = 5 195; P = 0 038)
were significantly induced by the interaction of these factors.
Fisher-LSD post hoc comparisons showed a significant
increase in CAT (P < 0 001) and SOD (P = 0 006) levels in
adolescent female rats after 1 cycle, with successive depletion
of these enzymes on the 4th cycle of binge-like ethanol treat-
ment as well as reduction in the formation of thiol groups
(P = 0 045).

4. Discussion

The present study evidenced that the binge-like pattern
of ethanol intake during adolescence in female rats
induces marked liver and motor cortex oxidative stress
related to repercussions on motor function. More impor-
tantly, such alterations were not reflected on the peripheral
oxidative damage.

Lipid peroxidation (LPO) is a natural degenerative
process in which there are interactions involving ROS and
polyunsaturated fatty acids of biological membranes, jeopar-
dizing the integrity of organelles and the cell itself [52, 53].
Alcohol consumption intensifies such a process due to ROS

production during its metabolism and selectively alters mito-
chondrial function of the liver and other tissues [54–56]. Our
data revealed that binge drinking during adolescence altered
hepatic health. In fact, a single acute dose of ethanol was not
sufficient to display liver alteration. However, after 4 cycles of
ethanol exposure, the AST/ALT as well as the MDA levels
were increased compared to its counterparts, showing liver
injury caused by the ingestion of ethanol. In addition, the first
episode of binge drinking resulted in microvesicular and
macrovesicular steatosis in zone 3 (perivenular) that consti-
tutes the first response of the liver to alcohol abuse. Such
initial hepatic alteration was intensified by the subsequent
ethanol exposure that aggravated the initial damage and
reached other tissue components, thus causing vascular
congestion and loss of the structural cohesion of the paren-
chyma. In fact, there is a consensus that alcohol is a hepato-
toxic drug that also disrupts lipid metabolism. Alcohol
inhibits the mitochondrial β-oxidation of fatty acids of
hepatocytes and induces increased mobilization of fatty acids
from adipose tissue to the liver, increasing fat accumulation
[57]. However, it is the first time that it was demonstrated
that a single binge-drinking episode during adolescence
alters the hepatic tissue in females. In addition, we showed
that the consumption of ethanol, even followed by with-
drawal periods (4 days off), from adolescence until young
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Figure 4: Binge-like ethanol administration on the marker of oxidative damage in the motor cortex and serum of adolescent female rats.
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adulthood aggravated the previous damage. Recently, Choi
et al. [58] showed that chronic binge exposure led to ROS level
overproduction and elevated amounts of the microsomal
ethanol-oxidizing enzyme (i.e., CYP2E1 and NADPH oxi-
dase), but not of iNOS, and decreased cell antioxidant defense
(i.e., GSH and mitochondrial ALDH2 activity) in the liver.

Allied to the liver, our data also showed that after con-
sumption of chronic binge drinking (after 4 binge cycles) in
early adolescence, the antioxidant enzyme system of both
CAT and SOD activities were downregulated. The reduced
defense against oxidative damage may particularly affect the
organs more susceptible to this type of damage (i.e., the liver
and brain), becoming a major molecular contribution for the
deleterious consequences observed in behavioral alterations.
After this initial approach for the evaluation of the oxidative
status carried in our work with CAT and SOD and based on
our data, a detailed study of the detoxification enzyme sys-
tems, including glutathione peroxidase, iNOS, and NADPH
oxidase, could contribute to a better understanding of the
molecular processes involved in the early consequences of
ethanol consumption.

Brain cells are more vulnerable to oxidative damage
related to reduced levels of antioxidant enzymes and a high
level of oxidant metabolism [59]. In this regard, our previous
studies had already shown that the chronic EtOH exposure

during adolescence reduced the astrocyte population and
the number of neurons and glia cells with an increase in both
nitric oxide and lipid peroxidation in the cerebral cortex [15].

EtOH is known to induce oxidative imbalance by increas-
ing the ROS products generated by its metabolism, causing
the reduction of enzymatic antioxidants, and increasing the
biomarkers of macromolecules [28, 60, 61]. The main route
of the alcohol metabolism is performed by the hepatic
enzyme system; however, other routes can be used, such as
the oxidation by the CAT antioxidant enzyme, which acts
as a limited-step pathway [62]. Thus, increased systemic
oxidative stress and MDA levels, as well as activation of
neuroapoptotic and neuroinflammatory pathways, have also
been previously associated with alcohol abuse [63, 64]. Thus,
this enhanced oxidative stress may systemically contribute to
cellular damage, as well as damage in the brain, leading to
neurodegeneration, development of cognitive impairment,
anxiety, depressive like behavior, and other psychiatric disor-
ders [65, 66]. These reactions also promoted a reduction in
CAT and SOD activity and thiol (-SH) group levels peripher-
ally (Figures 5(a)–5(c)), possibly reflecting on the motor cor-
tex, leading to an increase in NO and MDA levels in the
motor cortex (Figures 4(a) and 4(b)). In this sense, functional
motor impairment appears as a result, since such area plays a
central role in both motor skill learning and execution [67].
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Figure 5: Effects of adolescent binge-ethanol paradigm on the oxidative enzymatic (catalase and superoxide dismutase (SOD)) and
nonenzymatic (thiol groups) activities in blood of female rats. Oxidative biochemical of catalase (a) and SOD activities (b) after
binge-like ethanol administration, both illustrated as % of control. (c) The content of thiol (% of control) after binge-like ethanol
administration in adolescent female rats is shown. Results are mean± SEM of n = 4 − 5 rats per group. ∗P < 0 05, ∗∗P < 0 001, and
∗∗∗P < 0 0001 vs. age-matched control; ++P < 0 01 and +++P < 0 001 vs. ethanol-treated after 1 binge-like cycle, all assessed using a
Fisher-LSD test after two-way ANOVA.
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In fact, the relationship between motor function and oxida-
tive disturbance has been reported by other studies (for a
review, see [30, 31]).

Although motor function impairment also depends on
the period and time of consumption of ethanol, it is known
that adolescents are less vulnerable to motor damage com-
pared to adults because younger people are more resistant
to the drug’s sedative effects [68, 69]. This characteristic of
adolescence can lead to increased consumption of large
amounts of alcohol without generating the perception of
toxicological effects.

The exploratory tendency of the animal in a new environ-
ment in the open-field test can be translated as spontaneous
locomotor activity, using the parameters of total distance
traveled in the arena as a measure of horizontal exploration
and frequency of rearings resulting from vertical exploration
[38, 39]. This study demonstrated that horizontal and ver-
tical exploratory activities were impaired after administra-
tion of ethanol in the binge pattern. Pascual et al. [70]
evaluated the effect of chronic voluntary consumption of
EtOH (mean 10 g/kg) initiated at the end of the periadoles-
cence (42–49 PND) of rodents during 5 months of intoxica-
tion. These authors found a reduction in the spontaneous
locomotor activity of the animals within 8 hours after the
removal of the EtOH solution, but this loss did not last for
a prolonged period (15 days). In contrast, our study demon-
strates that the intermittent and episodic administration of
ethanol (3 g/kg) from adolescence to adulthood reduces the
exploratory locomotor activity of the animals in the early
withdrawal. These findings indicate the greatest harmful
effect of alcohol consumption on the usual binge-drinking
model among adolescents.

In order to cover the study on the various aspects of
motor function, the behavioral tests of the pole test, beam-
walking, and rotarod assays were used. The first one was
developed to measure bradykinesia and reduction of muscle
tone, evaluating the animal’s ability to invert its axis and
descend to the platform [38, 71]. On the other hand, the lat-
ter two evaluated coordination and motor balance [38, 42].
The development of bradykinesia is measured by the prolon-
gation of the turnaround and descent time of the animal at
the platform base [72]. This symptom is associated with
abnormal functioning of the intrinsic circuitry of the basal
nuclei through the selective hypoactivity of the supplemental
motor area and the cortical areas, which are frontal associa-
tion areas that receive subcortical entry mainly from the basal
ganglia [73, 74].

Accordingly, the EtOH-intoxicated groups presented
higher scores to perform the test, indicating that the EtOH
intoxication, in the way of binge drinking, generated a
kinetics loss of the motor activity of the animals. Thus, our
findings indicate impairment in subcortical and/or subcorti-
cal connection with cortical motor areas in adolescents after
repeated binge-like cycles in adolescence.

The rotarod test measures forced gait disturbances and
gross motor coordination by an animal’s ability to remain
on a rotating rod [38]. In the present study, the administra-
tion of ethanol in the binge pattern elicited poor coordination
on the first section of the test. However, the individual rats

increased their skills for remaining on the rotating rod in
the subsequent sections, except for animals exposed to
ethanol during the adolescence until adulthood (4 cycles of
ethanol). In addition to the rotarod apparatus, we employed
the beam-walking paradigm to detect fine coordination
through a spontaneous motor task [75]. According to the
beam-walking test, motor impairment related to ataxic
and dystonic characteristics can be assessed through the
animal’s difficulty in crossing beams of different shapes
and cross-sectional areas [38]. Our study demonstrated
that the administration of ethanol in the binge-drinking
model elicited poor performance on the test, increasing
the number of slips, mainly after 4 binge cycles. Such impair-
ment was intensified proportionally to the difficulty of the
test sections.

In this sense, for movement to occur correctly, motor
areas related to the organization and control of movement
(e.g., primary motor cortex, supplemental motor area, pre-
motor, and cingulate motor) influence descending pathways
and medullary interneurons through their connections with
the brainstem, basal nuclei, and cerebellum [76, 77]. Thus,
ataxias result from disorders of the cerebellum and/or its
connections, as well as the circuitry that integrates the motor
cortex and striatum [78]. Motor incoordination is often used
as an index of intoxication produced by drugs that depress
the central nervous system [79]. It has been observed that
EtOH in the abstinence period can downregulate gabaergic
neurons associated with exacerbation of the glutamatergic
pathway in most areas of the brain, promoting behavioral
effects typical of this period as altered motor control, learn-
ing, and memory [31, 80, 81]. Thus, the results obtained in
this study reveal that repeated episodes of binge drinking
increased the number of slips on the beam-walking test, as
well as reduced rotarod latency probably due to these molec-
ular events that may occur in the abstinence period. Thus, we
propose that despite the intermittent periods of ethanol with-
drawal, the binge-drinking pattern displays liver and motor
cortex oxidative damage, which reflects on motor function
in female rats. Surprisingly, such tissue damage was not
detectable in blood.

Due to the deleterious effects of alcohol abuse and alco-
holism, clinical studies aim at characterizing the early events
leading to alcoholic diseases (i.e., motor impairment and liver
damage) in order to define biomarkers, which may help clini-
cians establish preventive measures [82]. However, few
studies have been proposed to evaluate biomarkers of early
detection that might be present in individuals known as
“social drinkers” or binge drinkers [83]. Muñiz-Hernández
et al. [83] highlighted in their review that biomarkers that
reflect oxidative damage—mainly MDA—could be used to
identify damages in the earlier stages of ethanol consump-
tion. However, for the first time, our experimental data
contradict such hypothesis and reveal that MDA levels are
not well indicated for early damage during the adolescent
period. Particularly, we suggest that in clinical practice, blood
MDA levels could not be used as a peripheral marker for eth-
anol misuse, since such biomarker in blood is nonspecific.
Actually, we highlight that 4 binges do not cause significant
lipid peroxidation in the blood despite the presence of high
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levels of MDA in hepatic and motor cortex tissues associated
to motor impairment and hepatic steatosis.

5. Conclusions

It is noteworthy that the binge-drinking exposure during
adolescence in females may impact liver homeostasis.
Besides, the liver and motor cortex seem to be more vulnera-
ble to oxidative damage, even when systemic oxidative
damage was not observed. Besides, our results show that
motor alterationwas altered by a binge-like ethanol paradigm,
even after only one exposure. However, bradykinesia, poor
coordination, and balance were impaired by subsequent
administration of ethanol during adolescence until early
adulthood. Would lipid peroxidation be an adequate bio-
marker for the hazardous effects of ethanol misuse?
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Methamphetamine is a widely abused drug, which possesses neurotoxic activity and powerful addictive effects. Understanding
methamphetamine toxicity is key beyond the field of drug abuse since it allows getting an insight into the molecular
mechanisms which operate in a variety of neuropsychiatric disorders. In fact, key alterations produced by methamphetamine
involve dopamine neurotransmission in a way, which is reminiscent of spontaneous neurodegeneration and psychiatric
schizophrenia. Thus, understanding the molecular mechanisms operated by methamphetamine represents a wide window to
understand both the addicted brain and a variety of neuropsychiatric disorders. This overlapping, which is already present when
looking at the molecular and cellular events promoted immediately after methamphetamine intake, becomes impressive when
plastic changes induced in the brain of methamphetamine-addicted patients are considered. Thus, the present manuscript is an
attempt to encompass all the molecular events starting at the presynaptic dopamine terminals to reach the nucleus of
postsynaptic neurons to explain how specific neurotransmitters and signaling cascades produce persistent genetic modifications,
which shift neuronal phenotype and induce behavioral alterations. A special emphasis is posed on disclosing those early and
delayed molecular events, which translate an altered neurotransmitter function into epigenetic events, which are derived from
the translation of postsynaptic noncanonical signaling into altered gene regulation. All epigenetic effects are considered in light
of their persistent changes induced in the postsynaptic neurons including sensitization and desensitization, priming, and shift of
neuronal phenotype.

1. Introduction

1.1. Molecular Mechanisms of Methamphetamine. Metham-
phetamine (METH) is a widely abused psychostimulant with
powerful addictive and neurotoxic properties. This com-
pound rapidly enters and persists within the central nervous
system (CNS) [1, 2]. In fact, METH has a long half-life, which
ranges from 10 to 12 hours [3]. METH kinetics within the
ventral striatum parallel the time course of being “high” felt
by METH users, who in fact, experience euphoria along
with motor stimulation, excitation, increased energy, active
waking state, sleeplessness, and alertness [4–6]. Such acute
behavioral effects are due to early neurochemical events
produced by METH, which consist in a rapid release of

monoamines, mainly dopamine (DA), from nerve termi-
nals. This occurs mostly within the striatum, where DA ter-
minals are mostly abundant, though specific limbic regions
and isocortical areas are involved as well [7–11]. The cellu-
lar effects induced by METH may be roughly summarized
by its interaction with three molecular targets: (1) the syn-
aptic vesicles and vesicular monoamine transporter type-2
(VMAT-2) (Figure 1). VMAT-2 belongs to the VMAT class
of vesicular membrane proteins, which exist in two distinct
forms, namely, VMAT1 and VMAT2. Both isoforms are
responsible for the selective recognition and transport of
cytosolic monoamines DA, norepinephrine (NE), and sero-
tonin (5-hydroxytryptamine (5-HT)) within synaptic vesi-
cles [12]. VMAT-2 and VMAT-1 are expressed in both
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neuronal and nonneuronal cells such as the chromaffin cells
of the adrenal medulla. However, VMAT-2 prevails in the
brain where it has a higher affinity for DA and NE com-
pared with VMAT-1 [12]. VMAT-2 plays a key role in
cytosolic DA homeostasis and release, since it guarantees
the vesicular packaging and storage of both newly synthe-
sized and synapse-recycled DA; (2) the plasma membrane
DA transporter (DAT) (Figure 2), which selectively takes
up extracellular DA within DA terminals; and (3) the
monoamine oxidase (MAO) enzyme (Figure 3), which is
the main intracellular enzyme responsible for the oxidative
deamination of DA, NE, and 5-HT. MAOs exist as two dif-
ferent isoforms, MAO-A and MAO-B, which are placed at
the level of the outer mitochondrial membrane of distinct
vcell populations in the CNS [13]. In fact, MAO-A are
present within catecholamine-containing neurons (DA, NE,
and Epinephrine neurons), whereas MAO-B occur mainly
in 5-HT cells and glia. Thus, the presence of MAO-A within
DA terminals is crucial for the oxidative metabolism of
intracellular DA, which together with VMAT-2 and DAT
mediating DA uptake within the nerve terminals and within
synaptic vesicles, respectively, represent the most powerful
system to surveil DA activity. The activities of all these pro-
teins are impaired by METH, once it enters the DA termi-
nals via either passive diffusion or DAT.

In detail, at the level of synaptic vesicles, METH produces
a variety of effects, which before affecting VMAT-2, are key
in releasing DA (Figure 1). These effects are summarized as
follows: (1) disruption of the proton gradient through the
DA-storing vesicles due to the high pKa (pKa= 10.1) of
METH, which rises the acidic compartment towards basic
values, thus making nonpolar DA freely diffusible out of
the vesicles [14–16]; (2) direct inhibition of VMAT-2
[17, 18], which prevents DA from reentering the vesicles;

and (3) redistribution of VMAT-2 molecular complex from
vesicle membranes to noncanonical membrane compart-
ments such as those of the trans-Golgi network [19, 20],
where DA may be inappropriately, though poorly, stored.
The loss of physiological DA storage generates massive DA
extravesicular levels within DA axons [21, 22] (Figure 1). It
is noteworthy that a combined effect of METH as a weak base
to tone down the pH gradient needs to be accompanied by a
selective effect on VMAT-2 since alkalinization per se may be
nonsufficient to fully produce the typical redistribution of
vesicular DA [16]. This is confirmed by administering
bafilomycin, which acts as a proton pump inhibitor only,
with no effects on VMAT-2. Despite decreasing the pH
ratio vesicle/cytoplasm 2-fold more than METH, bafilomy-
cin redistributes only half of METH-induced DA levels in
the extracellular compartment [23]. Once in the cytosol,
METH also acts at the level of mitochondria (Figure 3)
where two targets are affected: (4) METH inhibits complex
II at the mitochondrial respiratory chain [24] and (5) METH
inhibits MAO-A placed on the outer mitochondrial mem-
brane [13]. This latter effect occurs as a competitive inhibi-
tion of METH upon MAO-A with a 10-fold higher affinity
compared with MAO-B [13]. In both mice and humans,
MAO-A are quite selectively placed within DA terminals.
This is key since within DA terminals, MAO-A are coupled
with aldehyde dehydrogenase (AD), which converts the
highly reactive by-product of DA oxidation (3,4-dihydroxy-
phenylacetaldehyde (DOPALD)) into the quite inert 3,4-
dihydroxyphenylacetic acid (DOPAC). The impairment of
MAO-A may also include uncoupling between MAO-A
and AD [25] (Figure 4).

In the absence of such a compartmentalized physiological
oxidative deamination, DA autooxidation produces a high
amount of reactive aldehyde DOPALD, which owns a
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Figure 1: The effects of METH on DA-storing vesicles. METH enters into DA terminals either through the plasma membrane DAT or via
passive diffusion. Within the axoplasm, it targets DA-storing vesicles to (1) disrupt their proton gradient, (2) inhibit and revert VMAT-2, and
(3) displace VMAT-2 elsewhere (i.e., trans-Golgi network). These effects disrupt the physiological storage of DA, which diffuses from vesicles
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dramatic oxidative potential and quickly interacts with sur-
rounding proteins, by targeting oxidation-prone domains
[25, 26]. Autooxidative DA metabolism leads to the genera-
tion of toxic quinones and highly reactive chemical species
such as hydrogen peroxide (H2O2) and superoxide radicals,
which in turn react with sulfhydryl groups and promote
structural modifications of proteins, lipids, and nucleic acids
within the DA axon terminals and surrounding compart-
ments (Figure 5) [15, 27–39].

On the one hand, these effects drive a powerful oxidative
stress for presynaptic DA terminals, which is key in produc-
ing nigrostriatal toxicity [27–31, 34, 40–43]. On the other
hand, elevated cytosolic presynaptic DA diffuses in the extra-
cellular space either by passive diffusion or via the reverted
direction of DAT, another molecular effect which is pro-
moted by METH (Figures 1–5) [14, 16, 33, 44]. All these
effects also cause peaks of extracellular DA concentration,
which produce synaptic effects at short distance. At striatal
level, this paracrine environment encompasses medium-
sized spiny neurons (MSNs). Nonetheless, due to the propen-
sity of extracellular DA to diffuse at considerable distance
from the DA terminals according to a volume transmission
[45–47], other extrasynaptic sites may be affected as well.
Such a paracrine spreading of extracellular DA is magnified
during METH administration, since METH reverts DA
uptake [33], thus preventing the main mechanisms of DA
removal. This produces unusually high extracellular (and
mostly striatal) DA levels which reach out nonneuronal tar-
gets including the neurovascular unit, which is also affected
by METH administration [48, 49]. Intriguingly, the role of

MAO-B enzymes in extracellular DA metabolism remains
to be clearly established. In fact, although they occur outside
DA cells, mainly within glia (Figures 3–5), they do not influ-
ence much the amount of extracellular DA [25, 50–53]. It is
worth of noting that pulsatile METH intake/administration
produces considerable oscillations of extracellular DA, which
ranges from high peaks (exceeding 10-fold baseline levels) to
severe deficiency (no detectable extracellular levels in brain
dialysis techniques) within just a few hours [38, 54–56]. This
pulsatile pattern of extracellular DA concentrations mag-
nifies the slight variations produced by physiological release,
such that, METH produces an abnormal stimulation (all and
none) of postsynaptic neurons. For instance, pulsatile activa-
tion of postsynaptic DA receptors triggers noncanonical
transduction pathways, which, along with the diffusion of
abnormal reactive oxygen (ROS) and nitrogen (RNS) species,
alter the response of postsynaptic neurons as mainly studied
at the level of GABA MSNs [57–59] (Figure 6).

The impact of such a nonphysiological (in time, amount,
and place) DA release is largely to blame when considering
both the behavioral syndrome occurring immediately after
METH intake and long-term behavioral changes including
addiction, craving, relapse, and psychotic episodes, which
reflect mainly the persistent alterations in postsynaptic DA
brain regions following chronic METH exposure. As we shall
see, overstimulation of postsynaptic DA receptors alternating
with a lack of stimulation within an abnormal redox context
drives most epigenetic effects. After mentioning the presyn-
aptic effects of METH (to understand the role of redox spe-
cies in causing the loss of integrity of DA axon terminals),
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Figure 2: The effects of METH on DAT. METH impairs DAT activity either via direct inhibition or via reverting its direction. Such an effect
potentiates the accumulation of freely diffusible DA in the extracellular space and prevents the main mechanisms of DA removal (reuptake
within DA terminals).
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the present review discusses the postsynaptic changes in rela-
tionship with epigenetics, DNA alterations, and persistent
phenotypic changes produced by METH.

2. Presynaptic Effects of METH

In the present section, we wish to mention that METH pro-
duces presynaptic toxicity within DA terminals. As thor-
oughly revised by Moratalla et al. [34], the neurotoxic
effects of high doses of METH, which occur both in a variety
of experimental models and human abusers, are due to an
excess of intracellular mostly DA-related, oxidative cascade
(Figure 5). At first, such a toxicity was considered to be rele-
vant only for DA axon terminals. Such neurotoxicity is doc-
umented by the following markers: (i) a steady decrease in
striatal DA levels and striatal DA uptake sites [54, 60–63],
(ii) loss of tyrosine hydroxylase (TH)-activity, TH immuno-
blotting and TH immunohistochemistry [64–71], and most
directly, (iii) the occurrence of silver-stained (Fink-Heimer
method) [61, 62] or amino-cupric silver-stained (de Olmos
procedure) degenerating nerve fibers within the striatum
[72]. Some studies also indicate the occurrence of METH-
induced toxicity at the level of neuronal cell bodies in the
substantia nigra pars compacta (SNpc). This was firstly
reported by Sonsalla et al. [63], although this study was based
on TH immunohistochemistry (which does not necessarily

reflect an actual cell loss) and Nissl staining (with neither ste-
reological counts nor positive evidence for a damage of the
cell body). Further studies confirmed a loss of mesencephalic
DA neurons even within the ventral tegmental area [67], but
again, no stereological count was carried out. Other studies
provided indirect evidence of cell death (TH immunohisto-
chemistry, TUNEL assay, Fluoro-Jade B, or Nissl staining)
[69–71, 73]. In a recent manuscript by Ares-Santos et al.
[72], neuronal cell death of TH-positive neurons was visual-
ized directly by using cupric silver staining (modified accord-
ing to Beltramino and de Olmos). To our experience, a
certain amount of cell loss is detectable only when very high
doses of METH are administered, which corresponds to a
loss of nigrostriatal DA terminals ranging over 80%, as dem-
onstrated in the original article by Ares-Santos et al. [72].
Altogether, these findings are consistent with an increased
risk to develop Parkinson’s disease (PD), which is now quite
well established in METH abusers [74–77]. Similarly to PD,
METH produces neuronal inclusions in DA-containing
PC12 cells and within SNpc neurons of mice [38, 78–84] as
well as in humans [85]. These inclusions start as multilamel-
lar whorls, which further develop as cytoplasmic inclusions
reminiscent of PD-like Lewy bodies. In fact, these inclusions
contain a high amount of ubiquitin and other proteins such
as alpha-synuclein (α-syn), parkin, UchL1, and HSP70,
which are typical markers of PD. Remarkably, most of these
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Figure 3: The effects of METH onmitochondria. METH impairs the activity of complex II of the mitochondrial respiratory chain and directly
inhibits MAO-A placed on the outer mitochondrial membrane within DA terminals. METH also inhibits MAO-B placed extracellularly at the
level of glia. However, the affinity of METH for MAO-B is tenfold less when compared with MAO-A. Thus, MAO-B inhibition does not
influence that much the amount of extracellular DA.
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proteins are substrates of ubiquitin proteasome- (UP-) and
autophagy- (ATG-) clearing systems, which are markedly
affected during METH toxicity (Figure 5) [38, 79–81, 83, 86].

3. Postsynaptic Effects of METH

METH effects on postsynaptic compartment are multiface-
ted. Even neurotoxicity may extend to postsynaptic neuronal
cell bodies throughout the striatum, hippocampus, and fron-
tal cortex [72, 73, 87–94]. A pioneer manuscript by Jakel and
Maragos [95] discussed very well how activation of DA
receptors on striatal neurons as well as DA-derived oxidative
species and oxyradicals might all converge to accelerate stria-
tal neuronal cell loss in a specific striatal neurodegenerative
disorder such as Huntington disease (HD). In fact, DA itself,
DA-derived free radicals, and glutamate- (GLUT-) induced
excitotoxicity may synergize to produce detrimental meta-
bolic and oxidative effects on postsynaptic non-DA neurons
(Figure 6). As we shall see, the interaction between DA and
GLUT, as well as the convergence of signaling cascades
placed downstream plasma membrane receptors, may be
enhanced under chronic METH intake. In fact, striatal
postsynaptic neurons increase their responsivity to both
DA and GLUT following specific patterns of chronic METH
administration. Along with diffusion of free radicals, which
fuel oxidative damage, the striatal compartment challenged
by METH is filled with DA acting on its receptors. It is well
known that overstimulation of D1-like DA receptors (mainly
D1 DA receptors (DRD1)) leads to a switch in the transduc-
tion pathway towards noncanonical signaling, which, in turn,

generates a number of adaptive biochemical events [96–101].
This is evident when considering that an altered DRD1
signaling produced by METH enhances corticostriatal
excitation by activating GLUT receptors and potentiating
GLUT release. In extreme conditions, this may produce
excitotoxicity within striatal GABA neurons [102–107]. In
fact, increased extracellular GLUT and activation of its N-
methyl-d-aspartate (NMDA) receptors promote calcium
(Ca2+) entry within neurons as well as activation of nitric
oxide synthase (NOS), which trigger an enzymatic cascade
further increasing reactive oxygen species (ROS) and nitro-
gen species (RNS) [108–111]. Thus, followingMETH admin-
istration, GLUT synergizes with DA to produce oxidative
stress, mitochondrial dysfunction, and inflammatory reac-
tions, which synergistically interact to promote neuronal
damage (Figure 6) [34, 42, 43, 109]. In line with this, cell
inclusions filled with oxidized substrates are also detectable
in the cytoplasm and within the nuclei of striatal GABAergic
MSNs due to an overstimulation of DRD1 under METH
administration [38]. This suggests that DA, acting on
DRD1 joined with DA-derived free radicals, altogether may
alter even nuclear signaling within GABA cells (Figure 6)
[99]. Such an effect is expected to significantly alter DNA sta-
bility [29, 110–116].

Even the occurrence of striatal cytoplasmic inclusions
within MSNs is likely to be due to combined mechanisms.
In fact, it is well known that oxidative stress alters cell
clearing systems, which is a seminal step in the generation
of inclusion bodies containing oxidized/aggregated proteins
[95, 117, 118]. At the same time, administration of DRD1
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agonists reproduces neuronal inclusions within MSNs [38],
which are prevented by DRD1 antagonists [38, 82]. None-
theless, both DRD1 antagonists/deletion of the DRD1 gene and
antioxidant compounds can protect fromMETH-induced oxi-
dative stress and cell injury and retard/counteract behavioral
sensitization in experimental models [34, 71, 96, 97, 119–
125]. In summary, the various effects of DRD1 receptor over-
stimulation and prooxidative processes produced by excessive
DA release are likely to assemble and cooperate to produce
long-lasting neurochemical changes following METH.

4. Transcriptional and Epigenetic
Effects of METH

A number of papers explored the mechanisms operating at
postsynaptic level to modify neuronal phenotype, in an effort
to unravel potential strategies to counteract addiction. To
such an aim, in the last decades, a number of studies focused
on specific transduction pathways and genes activated by
METH. Remarkably, studies of the last decade indicated a
key role for epigenetic mechanisms in modulating the tran-
scription of a number of genes, which underlie long-lasting

behavioral alterations and biochemical events induced by
METH abuse. A gap still exists concerning the signaling cas-
cades through which METH may induce epigenetic changes
via mechanisms going beyond a mere effect of DA-related
oxidative stress. In the present section, studies focused on
METH-induced epigenetic changes in both experimental
models and human abusers are discussed. In Sections 4.1
and 4.2, we focus on the effects of METH on the abnormal
DRD1-mediated biochemical cascade, subsequent recruit-
ment of specific second messengers and redox-sensitive
transcription factors (TFs), and altered expression of imme-
diate early genes (IEGs). At last, in Section 4.3, we touch
on the evidence about how epigenetic remodeling may alter
gene transcription thereby producing persistent behavioral
changes, which define METH addiction.

4.1. DA D1-Like Receptor-Mediated Biochemical Events
Induced by METH. DA canonical signaling in the brain is
mediated by five (DRD1–DRD5) G-protein-coupled recep-
tors, which are grouped into two classes depending on which
G-protein they are coupled to. D1-like receptors include
DRD1 and DRD5 and they stimulate Gs and Golf proteins,
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Figure 5: METH induces oxidative stress within DA terminals. Toxic DA by-products (quinones and DOPALD) together with highly
reactive species such as H2O2 and reactive oxygen species (ROS) react with sulfhydryl groups and promote structural modifications of
proteins within the DA axon terminals. The enhanced redox imbalance also disrupts the homeostasis of endoplasmic reticulum (ER) and
mitochondria, which further accelerates the production of ROS. Thus, an excessive amount of misfolded/insoluble proteins and damaged
organelles occurs, which leads to an engulfment of autophagy (ATG) and ubiquitin proteasome (UP) cell-clearing systems. These events
converge in producing neurotoxicity within DA terminals, which may either extend to DA cell bodies.
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which activate adenylate cyclase (AC), thus elevating intra-
cellular levels of cyclic adenosine monophosphate (cAMP)
to increase protein kinase A (PKA) [126]. On the other hand,
D2-like receptors (DRD2, DRD3, and DRD4) stimulate Go/i
proteins [126] and they act by inhibiting AC [127]. Again,
these receptors target voltage-dependent ion channels
through a mechanism, which operates at the level of plasma
membrane and phospholipase C (PLC) [128]. All five DA
receptors are expressed in the striatum, but DRD1 and
DRD2 are the most abundant, with the former being placed
specifically within postsynaptic neurons and the latter being
placed both presynaptically and postsynaptically (Figure 7).

For such a reason, DRD1 and DRD2 represent a cue
investigation topic in the context of behavioral effects

underlying drug addiction. However, the disruption of
canonical DRD1 signaling is more important [57, 99, 129].
In fact, peaks and drops of DA stimulation generate the
switch from canonical to noncanonical DRD1 signaling. This
occurs during METH abuse in a way that is reminiscent of
DA replacement therapy in advanced PD [57, 99, 130–139].
This kind of perturbation of DRD1 is the authentic drive to
switch the DRD1 transduction pathway [59, 99, 131, 137].
Thus, in the presence of abnormal stimulation, DRD1 moves
towards noncanonical signaling which makes MSNs super-
sensitive to DA stimulation despite that the number of DA
receptors is not increased [99]. In fact, a chain of events fol-
lows DRD1 overstimulation, which involves metabolic trans-
duction and transcriptional pathways, eventually switching
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gene expression and neuronal phenotype underlying addic-
tive behavior in PD and METH [57, 59, 96–99, 119, 121,
132, 140–144]. Although precise signaling changes and sub-
strates underlying this shift remain to be fully elucidated, a
prominent role for AC [145] and PKA [146, 147] is well
established (Figure 8). In fact, in its canonical pattern, PKA
phosphorylates cellular targets, including voltage-dependent
ion channels, GLUT receptors, TFs, and epigenetic enzymes
involved in physiological synaptic plasticity and synaptic
strength as naturally occurring in a normal striatum. When
the noncanonical DRD1 transduction pathway is activated,
PKA recruits mitogen-activated protein kinases (MAPKs)
and extracellular signal-regulated kinases 1/2 (ERK1/2)
[132, 148–153]. ERK1/2 proteins may translocate into the
nucleus to phosphorylate and activate several TFs, such
as the cAMP response element-binding protein (CREB),
Elk-1, nuclear receptors, and H3 histones, which all regulate
gene expression [152, 154–156]. A key substrate of DRD1/
PKA signaling in the striatum is the DA- and cAMP-
regulated phosphoprotein (DARPP-32). Following persistent
METH-induced pulsatile DRD1 overstimulation, DARPP-32
is chronically enriched and abnormally phosphorylated in
MSNs, where it serves neuroplastic changes and behav-
ioral sensitization [155, 157–161]. In fact, DRD1-activated
PKA directly phosphorylates DARPP-32 at threonine 34
(Thr34), which accumulates in the nucleus, where it may
promote directly histone phosphorylation [162–164]. More-
over, phosphorylation at Thr34 induced by PKA converts
DARPP-32 into a powerful inhibitor of protein phosphatase1

(PP1) [163], leading to abnormal PKA-mediated phosphory-
lation [129]. This eventually alters the very same sub-
strates known to be affected by METH including (i) ion
and voltage-gated channels and pumps, such as Ca2+
channels, Na+ channels, Na+, and K+ ATPases [58, 59, 165];
(ii) GLUT receptors including α-amino-3-hydroxy-5-
methyl-4-isoxazolepropionic acid (AMPA) and NMDA and
their subunits GluR1 and NR1, respectively [166–173]; (iii)
GLUT transporters VGLUT-1 and EAAT3 [174, 175]; (iv)
GABA receptor subunits [176]; and (v) TFs, such as CREB
[168] (Figure 8).

TFs, in turn, may either induce or suppress a number of
downstream target genes. Noteworthy, noncanonical DRD1
stimulation initiates a vicious circle of reciprocal enhance-
ment between DRD1 and GLUT receptor activities, since
once activated, NMDA and AMPA receptors promote them-
selves a noncanonical phosphorylation of DARPP-32 and
CREB in the striatum [168, 177]. These findings are in line
with evidence showing that, following amphetamines,
NMDAr and DRD1 synergistically activate ERK signaling
within MSNs of the dorsal striatum and nucleus accumbens
(NAc) [155]. Remarkably, regulation by DARPP-32 occurs
both upstream of ERK and at the level of the downstream-
activated striatal-enriched tyrosine phosphatase (STEP),
which demonstrates its cyclic functional relevance [155]. In
summary, ERK plays a primary role in mediating long-
lasting effects of psychostimulants within the striatum (espe-
cially dorsal striatum and NAc). In fact, blockade of the ERK
pathway or mutation of DARPP-32 alters locomotor
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sensitization induced by amphetamines [155]. Altered sig-
naling during DRD1 overstimulation also applies to cyclin-
dependent kinase 5 (CDK5), which is recruited by both
DRD1 and NMDAr in the striatum [178]. In physiological
conditions, CDK5 phosphorylates DARPP-32 at threonine
75 (Thr75), thus inhibiting the phosphorylation of Thr34
carried out by PKA [157, 179, 180]. The decreased phos-
phorylation of DARPP-32 at Thr34 could decrease PKA
activity; however, in the context of noncanonical signaling,
there is an activation of phosphatase protein PP2A, which
in turn dephosphorylates DARPP-32 at Thr75. In this
way, PKA activity turns out to inhibit CDK5-DARPP-32/
Thr75 activity [163, 181]. Such a switch is typical of nonca-
nonical DRD1 signaling triggered by DRD1/PKA pulsatile
activation. Therefore, in the presence of DRD1 overstimula-
tion, a sustained CDK5-mediated mechanism would fuel,
rather than dampen, the phosphorylation of DARPP-32 at
Thr34 (Figure 9).

In this way, the cyclic signaling pathway of CDK5 and
DARPP-32 in the striatum represents an endogenous
feedback mechanism, which is likely to enhance the phos-
phorylation of various substrates thus sustaining the sensi-
tized behaviors produced by reiteration of pulsatile DRD1/
PKA stimulation. In line with this, the activity of CDK5 is

implicated in motor- and reward-related behaviors following
drug abuse including METH [160, 178, 182, 183].

In addition to the mechanism described above, DRD1
signaling may also activate PLC to generate inositol 1,4,5 tris-
phosphate (IP3) which participates in Ca2+-regulated signal-
ing pathways [184–187]. In fact, DA was reported to generate
robust intracellular Ca2+ oscillations in about 40% of stria-
tal MSNs via a DRD1-dependent mechanism involving
both PKA and PLC [184]. Nonetheless, recent studies indi-
cate the existence of DRD1-DRD2 heterodimers that
require a coincident activation of both receptors for intra-
cellular Ca2+ release. This is coupled with activation of a
calmodulin-dependent kinase II (CaMKII), which translo-
cates in the nucleus to regulate gene expression [185–187].
Taken together, these observations suggest that multiple
interactions exist between PKA, PLC, and intracellular Ca2+

transduction mechanisms within DRD1-expressing striatal
MSNs. In response to neurotransmitter receptor activation
and enhanced oxidative stress, specific TFs are recruited
to regulate gene transcription. These TFs are often present
within large protein complexes, which bind to a specific
DNA sequence corresponding to promoter or enhancer
regions of target genes. In the next paragraph, we will
focus on those TFs and genes recruited during METH
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administration according to the biochemical pathways we
just described.

4.2. Transcription Factors and Immediate Early Genes (IEGs)
Induced by METH. The cascade of biochemical events medi-
ated by the combined effects of DA and oxidative species
following METH administration activates a plethora of TF
families beyond CREB, encompassing activator protein 1
(AP-1), early growth response (Egr) proteins, Elk-1, nuclear
factor of activated T-cells (NFAT), nuclear factor κB (NFκB),
which modulate the expression of several IEGs [98, 100, 110,
122, 123, 125, 154, 188–198].Bydefinition, IEGsundergoearly
synthesis and they canassociate to formavariety ofhomo- and
heterodimers binding to common DNA sites to regulate
further gene expression. This leads to a variety of plastic
effects ranging from neuronal metabolism to neuromor-
phology. In line with this, METH alters the expression of
a multigene machinery coding for proteins involved in sig-
nal transduction, metabolic pathways, and transcriptional
regulation. This alters protein expression and alters the
amount of inflammatory cytokines, neuropeptides, and tro-
phic factors (mainly brain-derived neurotrophic factor
(BDNF)), as well as oxidative-, mitochondrial-, and endo-
plasmic reticulum stress-related events and proapoptotic
cascades [91, 122, 125, 197–210]. DA-related events and
oxidative mechanisms converge to alter TF expression fol-
lowing METH (Figure 10).

On the one hand, DA per se and its metabolites provide a
powerful source of radical species, which in turn interact with
DNA and TFs to modulate gene expression [110, 115, 211].
In fact, ROS can alter the DNA-binding activity of diverse
TFs, by oxidizing DNA bases or specific amino acidic
domains (mainly cysteine and lysine residues) of histones
and/or TFs. ROS also act as signaling molecules and second
messengers by activating intracellular cascades such as

MAPKs. These effects converge in recruiting TFs such as
AP-1 and NFκB [110, 115, 211], which govern the expression
of specific IEG coding for proteins involved in neuronal
functions such as death and survival control, cellular
defense mechanisms, and immunological and inflamma-
tory responses, which in turn are a powerful source of
ROS. On the other hand, several studies have shown that
genetic or pharmacological repression of DRD1 can revert
METH-induced activation of redox-sensitive TFs, includ-
ing AP-1, NFκB, CREB, Egr, and NFAT by producing a
normalization of the levels of IEGs [122, 123, 212–215].

For instance, CREB, which during baseline DA stimula-
tion is slightly recruited, becomes overactive in the presence
of pulsatile DA levels, which lead to a DRD1/PKA-medi-
ated aberrant phosphorylation cascade driven by oxidative
stress and/or DRD1 overstimulation [129, 168, 216]. CREB
activates genes through the binding to cAMP-responsive
element (CRE). Phosphorylation of CREB by PKA at ser-
ine119 is required for its interaction with DNA, while phos-
phorylation at serine-133 allows CREB to interact with
CREB-binding protein (CBP) in the nucleus. Members of
the CREB gene family include activating transcription fac-
tors 1–4 (ATF 1–4), CREB-1, and CREB-2, and each of
the ATF/CREB proteins can bind to CRE motifs as either
homodimers or heterodimers. In fact, METH administra-
tion increases both phosphorylated CREB (pCREB) and
members belonging to the CREB family, which then bind
to CRE motif of several genes to increase their expression
[91, 122, 190, 197, 205, 209, 210, 215, 217–220]. In addi-
tion, ATF/CREB dimers also bind to Fos/Jun members
belonging to the AP-1 family, thus forming cross-family
heterodimers [221]. AP-1 is mainly known for its role in
cell proliferation, while it plays a compensatory effect on
redox stress and DNA damage [222]. AP-1 DNA-binding
complex is in fact a dimer composed of IEGs, which are
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Figure 9: The effects of DRD1/PKA pathway on CDK5 and DARPP-32. In physiologic conditions, CDK5 phosphorylates DARPP-32 at
Th75, thus softening the effects of PKA on DARPP-32. However, the abnormal phosphorylation of Thr34 carried out by enhanced DRD1/
PKA cannot be counterbalanced by CDK5. This occurs since DRD1/PKA activates phosphatase PP2A, which inhibits the effects of CDK5
and enhances those of PKA. As a result, DARPP-32 phosphorylated at Thr34 increases and potentiates the inhibition of PP1.
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members of Jun (c-Jun, Jun B, and Jun D) and Fos (c-Fos, Fos
B, Fra-1, and Fra-2) TF families [222]. Several studies dem-
onstrate that METH causes an early increase in IEG expres-
sion belonging to Jun and Fos families [91, 123, 197–199,
205–207, 209, 212, 218, 219, 223–227]. Among these genes,
a special emphasis is given to ΔFosB, which consists of a sta-
ble splice variant of FosB. In fact, differently from other Fos/
Jun family proteins featuring a transient induction by acute
drug exposure, the increase in ΔFosB (mRNA and/or pro-
tein) persists for longer time intervals within the striatum
[228, 229]. In line with this, ΔFosB may play a key role in
triggering addiction [209, 218, 228, 230–232]. This posed
ΔFosB as a master regulator of persistent nuclear effects
induced by METH, which are the core of METH-related
epigenetics. Thus, reaching out ΔFosB is considered as a
key point to trigger persistent epigenetic changes through
persistent alterations of transcriptional regulatory proteins
(including CDK5 and epigenetic enzymes), which all influ-
ence the phenotype of MSNs [229].

ΔFosB-related epigenetic changes occurring in various
nuclear sites mainly consist in acetylation/deacetylation
and methylation/demethylation at the level of histones or
DNA (Figure 11).

Those simple phenomena occurring in specific sites and
critical time windows generate the remarkable diversity and
specificity in the epigenetics of METH. In fact, the tran-
scriptome/exome alterations generated by METH-induced
epigenetics create the specific structural plasticity that we
appreciate within MSNs. This is achieved by diverse effects
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on a number of genes. A critical site concerns genes involved
in building the architecture of dendritic spines, such as
GLUT NMDAr [108] and AMPAr [233] subunits, GABA-A
[176] and GABA-B [233] receptor subunits, and the GABA-
synthesizing enzyme GAD-67 [176] (Figure 10).

BeyondΔFosB, the Egr family represents another subclass
of zinc finger structural motifs involved in eukaryotic
protein-nucleic acid interaction. Members of Egr include
IEGs such as Egr1 (Krox-1, NGF1A, and Zif268), Egr2
(Krox20, NGF1B), Egr3 (Pilot), and Egr4 (NGF1C), which
are regulated by posttranslational changes such as phosphory-
lation and redox state [234]. In line with this, METH activates
and overexpresses several members of the Egr family, espe-
cially Egr1 and Egr2 [91, 123, 188, 198, 212, 225, 235–237].

Again, METH causes substantial increases in the
expression of nuclear TF families including nuclear recep-
tor 4a (Nr4a), nuclear factor erythroid 2- (NFE2-) related
factor 2 (Nrf2), and NFAT, which regulate genes involved
in metabolism, development, and axonal growth within
the mammalian brain [91, 225, 226, 237]. In detail, METH
produces a shuttling of NFATc3 and NFATc4 from the
cytosol to the nucleus [91, 195]. Similar findings were
reported for the DNA-binding protein NFκB, which, fol-
lowing METH, redistributes to the nucleus of striatal neu-
rons [197, 204, 208, 209, 242]. NFκB is rapidly activated
and overexpressed by METH. In detail, once in the nucleus,
NFκB promotes a vicious cycle of oxidative events, which
include an increased expression of inducible nitric oxide
synthase (iNOS) and cyclooxygenase-2 (COX-2) to gener-
ate nitric oxide (NO), prostaglandins, and inflammatory
cytokines as well as activation of the apoptosis-promoting
factor p53 [200, 201, 238].

A critical point to decipher the effects of METH upon the
activity of all these TFs is the pattern of drug administration.

Again, early time intervals compared with late time intervals
from METH exposure (i.e., withdrawal time) make a sub-
stantial difference. In most cases, acute METH induces an
early activation of TFs, which is followed by upregulation of
most IEGs. This early effect is short lived, which makes it
unlikely to produce behavioral sensitization. This is con-
firmed by the fact that chronic METH administration pro-
duces opposite changes mainly featuring a downregulation
of IEGs. Remarkably, chronic METH also blunts the effects
of an acute single METH injection on several striatal IEG
expression [237] which is more reminiscent of a “gene desen-
sitization” (Figure 12).

Conversely, a single exposure to a subthreshold dose of
METH may suffice per se to induce a persistent increased
response to further administration [239], a phenomenon
which mirrors the “gene priming” (Figure 13). In fact,
the effects of a single dose of METH on specific genes
are markedly different depending on the existence of a
previous METH exposure [240, 241]. These differences
appear to be related to the occurrence of a previous epige-
netic switch [229, 242].

4.3. METH as a Brain Epigenetic Modifier. Epigenetics in the
CNS is currently accepted as the set of mitotic changes in
gene transcription and/or phenotypic alterations that occur
in the absence of modifications to DNA sequence itself
[243]. Dynamic epigenetic remodeling allows perpetual alter-
ations in gene readout within cells, and within the CNS, it
may have a crucial impact on neuronal function. Posttransla-
tional modifications of histone proteins, changes in the bind-
ing of TFs at gene promoters, and covalent modifications of
DNA bases represent the main mechanisms through which
gene expression is regulated. Over the past decade, studies
investigating the regulation of transcription, through
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Figure 12: METH-induced gene desensitization. Exposure to chronic METH produces epigenetic effects, which repress further gene
expression. This occurs mainly through increased activity of deacetylation enzymes (HDAC), increased methylation of lysine 9 and 27
(K9/K27) residues of histones (i.e., H3K9/27) by methyltransferases (KMTs) and hypermethylation of gene promoters by DNA
methyltransferases (DNMTs), which produce a “closed chromatin” conformation. Me: methyl groups; Ac: acetyl groups.
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modifications of DNA (hypo-/hyper-/hydroxymethylation of
cytosine residues) and chromatin structure (acetylation and
methylation of histones) (Figure 11), have exploded in addic-
tion research [244–246]. In recent years, METH was shown
to induce epigenetic modifications, which underlie persistent
changes in gene expression and long-lasting behavioral
responses to the drug [198, 210, 228, 237, 247–251].

4.3.1. METH and Histone Acetylation. Histone acetylation
and deacetylation are a dynamic process balanced by histone
acetyltransferase (HAT) and histone deacetylase (HDAC),
a subset of enzymes, which carry out reversible histone
modifications by adding or removing acetyl groups. In gen-
eral, by adding acetyl groups to histones, HATs promote
gene expression by creating an “open” chromatin conforma-
tion, while HDACs produce a “closed” conformation and
represses transcription by removing acetyl groups [252].
These enzymes physically interact with sequence-specific
TFs and target-specific promoters, to modify acetylation
patterns of core histones, thus manipulating the functional
state of chromatin and orchestrating the transcriptional
machinery [252]. The HAT families include CREB-binding
protein (CBP)/p300, while HDACs can be classified into four
families according to sequence similarities [253]. These
include class I (HDAC1, HDAC2, HDAC3, and HDAC8),
class II (HDAC4, HDAC5, HDAC6, HDAC7, HDAC9, and
HDAC10), class III (sirtuins, SIRTs 1–7), and class IV
(HDAC11) HDACs. HDACs are widely implicated in synap-
tic plasticity and long-term memory, which is key in drug
addiction [254].

(1) Histone Acetylation and Increased Gene Expression. Acet-
ylation-Related Transcriptional Effects of Acute METH. Sev-
eral studies documented that METH at short-time intervals
increases H4 acetylation (H4K5ac and H4K8ac) in the rat
NAc and striatum [225, 228, 255, 256]. This associates with
increased gene expression detected at early time intervals

following METH [225, 255]. In detail, such an increase
(mainly concerning IEGs such as Egr1, Egr2, c-Fos, JunB,
Nr4a3, and corticotrophin releasing factor (Crf)) correlates
with increased binding of H4K5ac to the promoters of these
very same genes [225, 228, 255]. METH-induced H4 acetyla-
tion may follow either decrease in HDAC1 expression or
increase in CBP expression in the Nac [255]. In fact, acute
METH also induces an increase of ATF2, a member of the
ATF/CREB family [255], which behaves as a HAT by acety-
lating histone H4 [257].

Acetylation-Related Transcriptional Effects of Chronic
METH. In 2013, Krasnova et al. [210] used an experimental
model of chronic METH self-administration in order to deci-
pher large-scale epigenetic and transcriptional changes
occurring specifically within the NAc and dorsal striatum,
to explain compulsive behavior characterizing drug addiction
[258]. In detail, METH self-administration enriches pCREB
on the promoters of genes coding for c-Fos, FosB, BDNF,
and (synaptophysin) Syp. Both pCREB and gene expression
followed the same expression pattern being upregulated at
2 h after drug intake and going back to normal levels at 1
month of withdrawal. This suggests that CREB is relevant
as an epigenetic mediator of transcriptional changes pro-
duced by METH. In contrast to c-Fos mRNA, chronic
METH self-administration does not affect c-Fos protein
levels after 2 or 24 h. Remarkably, at 1 month of METHwith-
drawal, c-Fos protein was found to be decreased compared
with controls. In contrast, no changes were observed inΔFosB
mRNA levels, whileΔFosB protein was significantly increased
at 2 and 24 h after chronic METH self-administration. Simi-
larly to c-Fos, ΔFosB decreased at 1 month of withdrawal
[210], which dampens an exclusive role of ΔFosB as an irre-
versible switch for addiction.

(2) Histone Deacetylation and Decreased Gene Expression.
Deacetylation-Related Epigenetic Effects of Acute METH. A
recent study shows that in HDAC2-KO mice, METH
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Figure 13: METH-induced gene priming and sensitization. A single dose of METH may be sufficient to induce an epigenetic switch
consisting in increased gene expression. Such an effect may also occur during chronic METH resulting in long-term sensitization. This
occurs through increased histone acetylation and methylation at specific K residues (i.e., H3K4) joined with poor activity of DNMTs
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produces a greater increase in some IEG transcripts (FosB,
Fra-2, Egr1, and Egr3) when measured at early time inter-
val (1 h postinjection) [227]. The levels of these transcripts
persist for 2 hours in HDAC2-KO mice. In contrast, in WT
mice, at 2 h, these IEGs are suppressed. This demonstrates
that METH recruits HDAC2 to the promoters of these IEGs
thereby bringing back transcript levels to normal values.
Remarkably, in HDAC2-KO mice, the persistency of IEG
expression is correlated with increased enrichment of pCREB
on the promoters of the very same genes. Downregulation of
other genes (follistatin (Fst), inhibin beta A (InhbA), neuro-
medin U (Nmu), cholecystokinin (Cck), and BDNF), which
occurs at delayed time intervals (8, 12, and 24 h) after METH
administration, combines with increased expression of
HDACs in the Nac and dorsal striatum [255]. In fact, METH
decreases histone H3 acetylated at lysine 9 and 18 (H3K9Ac
and H3K18Ac) on the promoters of these genes [255].

Deacetylation-Related Epigenetic Effects of Chronic
METH. Renthal et al. [228] found that, at 5 days of amphet-
amine withdrawal, when c-Fos was maximally repressed,
ΔFosB accumulated on c-Fos promoter, suggesting that
ΔFosB desensitizes c-Fos expression. Conversely, the HDAC
inhibitor sodium butyrate reverts METH-induced repression
of c-Fos, supporting the idea that hypoacetylation on the c-
Fos promoter desensitizes the gene [228]. The question of
whether ΔFosB remains steady linked to specific gene pro-
moters for longer periods of time or ΔFosB alters gene induc-
ibility by producing long-lasting chromatin changes still
remains to be elucidated.

McCoy et al. [237] showed that chronic METH reduces
the expression of several TFs and IEGs (i.e., AP1, Erg1-3,
and Nr4a1) way below control levels. This occurs along
with decreased CREB expression. Remarkably, chronic pre-
treatment with METH suppresses the stimulatory effects on
these IEGs when elicited by an acute challenge with the
drug. This paradoxical response occurs along with a greater
decrease in CREB levels compared with those measured
during chronic administration [237]. Similar findings were
produced by Cadet et al. [225], who reported that a chal-
lenge of METH to rats treated chronically leads to down-
regulation of 53 out of 71 genes. These effects were
related to decrease H4K5Ac binding. In addition, chronic
administration of low METH doses decreases the abun-
dance of H4K5ac, H4K12ac, and H4K16ac on the pro-
moters of genes coding for GluA1-2 and GluN1 subunits
of AMPAr and NMDAr, respectively [259]. Accordingly,
there was a decrease in the expression of GLUT receptors
causing a decrease in the current generated by GLUT stim-
ulation. These phenotype changes occurred along with
increased striatal expression of HDAC1, HDAC2, SIRT1,
and SIRT2. A causal relationship is strengthened by the
opposite effects produced by the HDAC inhibitor valproate,
which prevents METH-induced alterations at the very same
receptor subunits [259]. When METH is administered in
higher doses, a change in the expression of different clas-
ses of HDACs is found [260]. This confirms a dose depen-
dency for METH-induced epigenetic alterations. In fact,
depending on the dose of METH being administered, some-
times, opposite phenotypic changes occur. METH was

shown to upregulate other epigenetic proteins including
methyl CpG-binding protein 2 (MeCP2), repressor element-
1 silencing transcription factor (REST), and corepressor-
REST (Co-REST), which are members of corepressor
complexes with class I HDACs [259]. Among these, the mul-
tifunctional complex MeCP2 received some attention since
METH increases MeCP2 expression in the ventral and dorsal
striatum [261, 262].

4.3.2. METH and Histone Methylation. Histone methylation
is regulated by enzymes that add methyl groups acting as
writers, namely, methyltransferases (KMTs) and enzymes
that remove methyl groups, acting as erasers, namely,
demethylases (KDMTs). KMTs are involved in mono-,
di-, and trimethylation of histone lysine residues (K), which
carry specific regulatory switches [263]. In fact, histone
methylation regulates both repression and activation of gene
expression, depending on the specific K being modified. For
instance, methylation of histone H3 at K4 (H3K4me) is asso-
ciated with increased transcriptional activity whereas meth-
ylation of H3 at K9 (H3K9me) and K27 (H3K27me) is
associated with repression of gene expression [263]. More-
over, several classes of KDMTs may counteract the effects
of the KMTs by erasing methyl moieties.

Several studies demonstrated the involvement of KMTs
and KDMTs in METH addiction [228, 247, 248]. For
instance, the study of Renthal et al. [228] demonstrated
that in addition to the role of HDAC1, repression of c-
Fos at 5 days after drug withdrawal was associated with
amphetamine-induced increase ofH3K9me2on the promoter
of c-Fos. This effect correlates with increased expression levels
of KMT1A.More recently, epigenetic mechanisms contribut-
ing to METH-associated memories were explored in the NAc
and dorsal striatum, given their role as a hub for drug craving.
While investigating such a phenomenon, Aguilar-Valles et al.
[247] provided evidence that genetic ablation of KDM5C
demethylase increases H3K4me at the level of promoters of
IEGs including Fos and oxytocin receptor gene (Oxtr),
which associates with increased METH-associated memory.
On the contrary, KO mice for MLL1 (mixed lineage leuke-
mia, a member of the KMT family) which possess decreased
H3K4me and transcript levels of Fos and Oxtr genes show
reduced METH-associated memory [247]. Again, METH
craving was shown to be related with epigenetic changes
occurring only in Fos-expressing neurons of the dorsal stri-
atum [248]. In these neurons, significant increase in mRNA
levels of IEGs (Arc, Egr1), BDNF, and its receptor tropomy-
osin receptor kinase B (TrkB), as well as metabotropic
GLUT receptor subunits (Gria1, Gria3, and Grm1), corre-
lates with several epigenetic enzymes including KDMA1
[248] and HDAC5 [248, 249].

4.3.3. METH and DNAMethylation.DNAmethylation refers
to the classic chemical covalent modification of DNA, which
results from the addition of a methyl group at the 5′ position
of a cytosine base via enzymes of the DNA (cytosine-5)-
methyltransferases (DNMTs) family [264]. These include
DNMT3A and DNMT3B, which are de novo methyltransfer-
ases, and DNMT1, that is, a maintenance methyltransferase
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[264]. This primarily occurs in DNA sequences where a cyto-
sine (C) precedes a guanine (G) with the interposition of a
phosphate group (CpG). CpG sites are unevenly distributed
throughout the human genome both as interspersed CpG
regions and as CpG clusters representing the so-called CpG
islands. In line with the concept that promoters are the most
sensitive to epigenetic changes, CpG islands occur mainly
within promoter regions [265]. DNA hypermethylation of
CpG within promoters represses transcription while DNA
hypomethylation is often associated with increased gene
expression [264]. It is worth mentioning that stability and
activity of DNMTs depend on posttranslational mechanisms
(phosphorylation, acetylation, and methylation) carried out
by several kinases, such as CDK5 [266] and histone remodel-
ing enzymes, especially HDACs [267]. In fact, in combina-
tion with increased HDACs, chronic METH reduces DNA
methylation of the promoter region of GluA1 and GluA2
AMPAr subunit genes. This is confirmed by the finding that
following chronic METH, there are decreases of 5′-methyl-
cytosine (5mc) and 5′-hydroxymethylcytosine (5hmc) at
the level of the promoter region of these genes [259]. At
striatal level, METH-induced hypomethylation or hyper-
methylation may also affect corticosterone and glucocorti-
coid receptors’ gene promoters [268, 269].

(1) DNA Methylation in Human METH Abusers: The Con-
vergent Role of DA and Oxidative Stress on Cell-Clearing
Pathways and a-syn Expression. Aspired by the vast body of
evidence reporting aberrant promoter DNA methylation in
psychotic disorders, a recent study investigated DNA meth-
ylation and gene expression pattern in human METH-
induced psychosis [270]. RNA and DNA samples were
extracted from the saliva of METH-addicted patients with
and without psychosis, as well as from control subjects (each
group N = 25). Despite carrying the inherent limit of a
peripheral analysis, which may not be relevant for brain
alterations, these findings demonstrate DNA hypomethyla-
tion within promoters of genes related to DA metabolism.
In fact, DNA hypomethylation was present on the pro-
moter of DRD3, DRD4, and membrane-bound catechol-
O-methyltransferase (MB-COMT) genes. COMT provides a
methylation of a hydroxyl group (which generates a methoxy
group) of DA-forming 3-methoxytyramine (3-MT). Thus,
DNA hypomethylation of MB-COMT gene promoter and
increased COMT expression associate with synaptic DA deg-
radation in the prefrontal cortex in psychotic METH abusers
[270, 271]. Furthermore, DNA hypomethylation of AKT1
promoter gene was detected in METH patients with and
without psychosis [270]. AKT1 gene encodes a serine/thre-
onine kinase protein, which is expressed at high levels in
the brain, and it is linked to DNA transcription, neural sur-
vival and growth, synaptic plasticity, and working memory
[272, 273]. For instance, AKT regulates CREB- and NFκB-
dependent gene transcription [274, 275]. In addition, it
phosphorylates DNMT1, thus playing a role in the switch
between methylation, phosphorylation, and UPS-dependent
degradation regulating DNMT1 stability and activity [276].
Remarkably, alterations of AKT levels and downstream
pathways are closely related to the activity of DA receptors

[277–280]. In line with this, dysregulation of AKT is reported
in PD patients [281] and in METH experimental models
[278]. Two downstream targets of AKT are glycogen syn-
thase kinase 3 beta (GSK3β) and mammalian target of rapa-
mycin (mTOR), a serine/threonine protein kinase complex.
mTOR phosphorylates AKT via a feedback mechanism,
while it activates p700Sk6 and 4EBP1 TFs. Once activated,
TFs translocate in the nucleus to promote cell proliferation
and survival. In line with this, inhibition of mTOR by the
gold standard inhibitor rapamycin blocks drug-induced sen-
sitization [282]. In contrast, mTOR activation inhibits ATG,
which worsens METH toxicity [83, 283, 284]. In fact, pro-
longed METH exposure engulfs ATG machinery, which is
upregulated as a compensatory mechanism [83, 86, 283,
284]. However, the bulk of oxidative species overwhelms
the ATG machinery, which becomes progressively impaired
as witnessed by the stagnant nature of ATG vacuoles sup-
pressing the clearance of α-syn aggregates [83]. In line with
this, an epigenetically induced upregulation of the α-syn cod-
ing gene SNCA was recently detected in the SN of rats
exposed to METH [285], lending substance to an increase
in α-syn protein levels [79]. Such an effect is associated with
hypomethylation of the SNCA promoter, as shown by a
decreased occupancy of MeCP2 and DNMT1 in such a
region [285]. The effects of mTOR also relate to UP, which
seems to be activated by mTOR inhibition [286–288] and
inhibited during METH toxicity [38, 79–81, 289]. Notewor-
thy, the clearance of α-syn depends also on UP activity [79]
and on a recently described ATG-UP merging organelle
(the “autophagoproteasome”), which is directly activated by
mTOR inhibition [287].

No study so far demonstrated an epigenetic regulation
of SNCA within the striatum following METH; however,
epigenetic modifications of SNCA have been documented
in PD patients [290–292]. In fact, significant hypomethyla-
tion of CpG sites in the promoter region of SNCA is
reported within leukocytes [292] and postmortem brain
samples from patients with sporadic and complicated PD
[290, 291, 293, 294].

4.3.4. METH and DNA Hydroxymethylation. In recent years,
DNA hydroxymethylation, generated by the oxidation of 5-
methylcytosine (5mC) to 5-hydroxymethylcytosine (5hmC),
became increasingly important in epigenetics [295]. It has
been has suggested that 5hmC recruits DNA repair proteins
and DNA demethylating machinery [295]. The formation
of this modified base is mediated by ten-eleven transloca-
tion (TET) proteins and by TET-dependent generation of
5-formylcytosine and carboxyl-cytosine, which are then
processed by thymine DNA glycosylase (TDG) and base
excision repair (BER) mechanisms. The biological functions
of 5hmC, which is highly enriched in the adult brain,
appear to be crucial to promote gene expression related to
quick behavioral adaptation [296]. Two recent studies
demonstrated that compulsive METH intake is associated
with large-scale changes in DNA hydroxymethylation in the
rat NAc, which is consistent with a potential role for DNA
hydroxymethylation in addiction [250, 251]. Remarkably,
DNA hydroxymethylation around the transcriptional start
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site (TSS) or within intragenic regions of genes coding for
neuropeptides was shown to occur following chronic METH
administration [251]. This is the case of corticotrophin-
releasing hormone/factor (Crh/Crf), arginine vasopressin
(Avp) and cocaine- and amphetamine-regulated transcript
propeptides (Cartpt), which increase in the NAc of
METH-treated rats [251, 297]. In detail, Crh and Avp
hydroxymethylation is mediated by TET1 and TET3
enzymes, respectively. In contrast, METH-induced changes
in Cartpt expression derive from the binding of pCREB at
the Cartpt promoter [251]. Together, these results support
the hypothesis that METH produces a variety of epigenetic
changes in the neuroendocrine circuitry within the NAc.
This same epigenetic mechanism was recently studied within
a context of compulsive METH intake [250]. It was found
that in METH-addicted animals, which develop compulsive
self-administration, hydroxymethylation occurs near or
within genes coding for voltage-gated Ca+ channels. This
occurs in different postsynaptic sites within the NAc, dorsal
striatum, and prefrontal cortex of METH-addicted animals.
Interestingly, hydroxymethylation of K+ channel-coding
genes was found only within the NAc of nonaddicted
animals [250].

5. Concluding Remarks

The influence of epigenetics in drug abuse provides a
novel and deeper insight to understand the molecular
mechanisms of addiction. This is key in the case of METH
abuse since this drug possesses a variety of effects, which
recapitulate the molecular alteration occurring in some
neuropsychiatric disorders. As novel epigenetic changes
are constantly being identified, it is more and more clear
how simple effects induced by transient neurotransmitter
alterations may translate into persistent alterations of brain
physiology. Moreover, the multiplicity of findings revised
here, when joined with a better knowledge of the genetic
background, may clarify the interdependence between
genetics and epigenetics underlying diversity in the human
genome [298]. This leads to take into account the fact that
a molecular cause-effect interplay between genetic and
epigenetic factors during METH addiction may exist as
well. Despite being yet unexplored in the context of drug
abuse, such a close relationship is likely to explain the very
peculiar phenotypic alterations observed during METH
abuse. Such an intriguing issue surely deserves further
attention and may represent a powerful tool for identify-
ing additional genetic and epigenetic biomarkers to
develop personalized treatments.
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