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Both DNA and RNA can serve purposes beyond the storage
and transfer of genetic information. They can display cat-
alytic activity in a variety of chemical reactions, bind to
diverse molecules, and respond to chemical stimuli. These
functional nucleic acids have been thus employed in a
broad spectrum of applications in biotechnology. In fact, the
entire field of biotechnology has seen a complete revolution
with the introduction and application of functional nucleic
acids. Out of the many different types of functional nucleic
acids, some of the prime contributions have been from
riboswitches which have led to new ways to understand
and manipulate biological processes based on molecular
recognition coupled to structural rearrangements. Besides
that, techniques like RNA interference which rely essentially
on using small natural or synthetic functional ribonucleic
acids have not only led us to a better understanding and
modulation of gene regulation but also improved the rate
and quality at which research progresses. Recently, functional
nucleic acids have been ascribed to greater promise in
nanotechnology as they have opened new avenues ranging
from biosensors to computation. This special issue places the
spotlight on the crossroads between nucleic acid chemistry
and biology especially focusing on the design, synthesis,
analysis as well as application of functional nucleic acids.

The first section of this special issue addresses synthe-
sis, modification, characterization, and function of DNA
molecules. It was demonstrated that chemical modifications
of DNA molecules are promising for the design of biosensors
to detect structural changes in nucleic acids and to bind
proteins such as thrombin and antibodies, leading to the

controlled inhibition of protein functions. Noteworthily,
DNA switches regulated by light, radiation, and magnetic
fields are reported. These nucleic acid switches are useful
to control functions of nucleic acids by external stimuli.
Moreover, biophysical studies of natural and chemically
modified nucleic acids should be useful for rational design
of functional nucleic acids. The utilizations of DNA in
nanotechnology as building blocks for nanostructures and as
template for nanoparticles are further reported.

The second section of this special issue presents func-
tional RNA molecules which are either naturally discovered,
or developed by combinatorial chemistry named in vitro
selection or SELEX. The in vitro and in cellulo applications
of such functional RNA molecules are discussed. Moreover,
naturally observed and chemical modifications of RNA
molecules and their functionalities are presented.

Finally, the last section comprises articles that cover the
interactions between nucleic acids and proteins including
oligopeptides. The influence of noncanonical DNA sec-
ondary structures and base pairs on the interaction with
topoisomerases and helicases is presented. These results
provide a biophysical and biochemical rationale for the
design of functional DNA molecules that can regulate
such protein functions. Moreover, the use of a designed
peptide library for the development of a particular DNA G-
quadruplex sequence is reported.

Collectively, these papers describe the present state of
chemistry and biology of functional nucleic acids. Current
and ongoing advances in this field will certainly propel
our capacity to develop even more sophisticated functional
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nucleic acids in the future. In this regard, these articles all
provide a perspective into the future of this field.
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Topological variants of single-strand DNA (ssDNA) structures, referred to as “functional DNA,” have been detected in regulatory
regions of many genes and are thought to affect gene expression. Two fluorescent analogs of deoxycytidine, Pyrrolo-dC (PdC)
and 1,3-diaza-2-oxophenoxazine (tC◦), can be incorporated into DNA. Here, we describe spectroscopic studies of both analogs to
determine fluorescent properties that report on structural transitions from double-strand DNA (dsDNA) to ssDNA, a common
pathway in the transition to functional DNA structures. We obtained fluorescence-detected circular dichroism (FDCD) spectra,
steady-state fluorescence spectra, and fluorescence lifetimes of the fluorophores in DNA. Our results show that PdC is advantageous
in fluorescence lifetime studies because of a distinct ∼2 ns change between paired and unpaired bases. However, tC◦ is a better
probe for FDCD experiments that report on the helical structure of DNA surrounding the fluorophore. Both fluorophores provide
complementary data to measure DNA structural transitions.

1. Introduction

DNA single strands can hybridize to form higher-order func-
tional structures, which include hairpins, triplexes, and
quadruplexes [1–4]. The existence and physiological rel-
evance of these secondary structures in vivo have been
the subject of much controversy. However, several in vivo
techniques have confirmed the presence of DNA secondary
structures in telomeres and regulatory regions of specific
genes (e.g., BCL-2, c-myc) [5–8]. Secondary structures may
also serve as specific targets recognized by drugs, such as
actinomycin D and PIPER, as well as transcription factors,
such as Sp1, because of their topological variance from
duplex Watson-Crick DNA [9, 10].

On account of their occurrence in regulatory regions and
their structural peculiarity, functional DNA structures may
serve as biological microswitches for altering transcription by
silencing or enhancing gene expression [11, 12]. Exercising
control over gene expression by controlling the activation of
these switches and/or introducing new switches in biological

circuits could revolutionize medical research and offer new
avenues of treating genetic disorders. For exercising such
control, it is imperative to understand the factors affecting
the mechanism of formation and maintenance of functional
structures at a fundamental level.

Numerous fluorescent analogs of DNA bases have been
evaluated for examining the subtleties of DNA transitions
[13–15]. Locating an appropriate probe that could map the
mechanistic aspects of transition of double stranded (ds)
DNA to single stranded (ss) secondary structure is a first step
toward monitoring the formation of complex, higher-order
structures since ssDNA is an intermediate in the pathway to
functional structures. In the following report, we present a
comparative study of two deoxycytidine analogs, PdC and
tC◦ (Figure 1), to evaluate their suitability as fluorescent
reporter probes for DNA transitions.

The properties of pyrrolocytosine and the effects of base
stacking and hydrogen bonding on its quantum yield in
nucleic acids have been previously evaluated [16]. Based on
this prior work, we reported the use of PdC to determine
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Figure 1: Structures of PdC and tC◦. R indicates the linkage to
deoxyribose.

hairpin formation in short oligos (16 nucleotides) [17]. The
fluorophore was stable in these oligos and did not perturb
DNA structure. This result implied that PdC might be a
useful probe for investigating more complex DNA functional
structures in detail. However, to overcome certain limitations
of PdC, we also explored another recently characterized
fluorescent base analog, tC◦.

The tC◦ has a quantum yield five-times greater than PdC
(Qf = 0.30 for tC◦) and a molar absorptivity maximum of
9000 M−1 cm−1 at 360 nm [18]. The absorbance wavelength
of tC◦ is similar to PdC, which allows both to be easily
distinguishable from DNA. Both of these fluorophores have
been reported to be quenched, relative to the single strand,
when base-paired with guanine, making it easy to determine
when the DNA is in the duplex form [17, 19]. In addition,
unlike PdC, tC◦ has only minor variations in fluorescent
properties caused by surrounding bases [20]. However, like
PdC, tC◦ induces little or no changes in stability upon
incorporation into dsDNA. High quantum yield, retention
of the original configuration of DNA, and quenching when
base-paired suggested that tC◦ would be a useful fluorescent
probe for mapping the transition of duplex DNA to a
functional DNA structure spectroscopically. In this paper,
we compare spectral properties of tC◦ and PdC for use as
reporters of DNA conformation. The DNA sequence used
(Table 1) is known to form a cruciform structure in the
cloning vector pBR322 under superhelical duress [21, 22].
This sequence was chosen since the results from the work
described here will provide a context for interpreting data
in future studies of the PdC and tC◦ incorporated into
this supercoiled plasmid. Hence the effect of supercoiling
on functional structure formation and conformation can be
potentially probed with these fluorescent bases.

2. Materials and Methods

2.1. Materials and Equipment. All DNA oligonucleotides
(sequences shown in Table 1), including those incorporating
PdC and tC◦, were obtained from Midland Certified Reagent
Co. (Midland, TX, USA). All oligos were dissolved in

Table 1: The 113-mer DNA sequence that is part of the cruciform
found in the terminator of the AmpR cassette in the cloning vector
pBR322 under superhelical strain. The location of the substitution
of cytidine by the fluorescent analogs marked by an asterisk.

Sequence

5′-TGA GGT TAA GGG ATT TTG GTC ATG AGA TTA TCA AAA
AGG ATC TTC∗ ACC TAG ATC CTT TTA ATT AAA AAT GAA
GTT TTA AAT CAA TCT AAA GTA TAT ATG AGT AAA CTT
GGG C -3′

TE buffer (10 mM Tris, 1 mM EDTA, pH 8) made from
spectroscopic-grade reagents obtained from Fisher Scientific.
Purity of each oligo was assessed using agarose gels, which
showed no other higher or lower molecular weight con-
taminations. CD and FDCD experiments were performed
using a circular dichroism instrument (Model 202SF, AVIV
Biomedical Inc. Lakewood, NJ, USA) and fluorescence
lifetime measurements were conducted on a multifrequency
cross-correlation phase and modulation fluorometer (model
K2, ISS Inc., Champaign, IL, USA).

2.2. Duplex Oligos. After ensuring the purity of the single-
strand PdC, tC◦, and wildtype (ssPdC, sstC◦, and ssWT;
the WT contains no fluorophore) oligos, each was mixed
with a slight molar excess of their complementary strand.
This was heated to 80◦C for 20 minutes, and then cooled
to room temperature to anneal strands. The double-strand
oligo formation was confirmed by observing the difference in
migration of ds- and ss-oligos on agarose gels and compared
to a DNA ladder of the known length. In addition, duplex
was the only strand observed after staining with the SYBR
Gold, which stains both ss- and dsDNA.

2.3. CD and UV Absorbance. CD spectra were recorded using
a quartz cuvette having an optical path length of 1 cm. All
oligos analyzed were in 700 μL volume at concentration of
0.35 μM. Wild-type oligos were analyzed to ensure that the
signals were not modified by the fluorophores. Each data
point was averaged over an integration time of 1 s per nm.
CD signals were collected from 25◦C to 90◦C over the range
of 220 nm to 420 nm to check for any change in the global
conformation of the single-stranded and double-stranded
WT, PdC, and tC◦ oligos. While performing CD scans, the
total UV absorbance of each oligo was also collected.

2.4. FDCD. FDCD spectra were collected using a quartz
cuvette of 1 cm path length. Oligos analyzed were in a total
volume of 70 μL and at the concentration of 8.5 μM. Each
FDCD scan was averaged over 15 seconds per nm in order
to increase signal-to-noise ratio. The excitation wavelengths
were from 300 nm to 420 nm at temperatures ranging from
25◦C to 90◦C. Emission was obtained by using a 450 nm cut-
on filter.

2.5. Steady-State Fluorescence. Steady-state fluorescence
spectra were analyzed for ss- and ds- (WT, PdC, and tC◦)
oligos. All the oligos had concentration of 0.35 μM in TE
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Figure 2: The characteristic CD spectrum of wild type ss- and ds-oligos as a function of temperature. All samples were at 0.35 μM
concentration.
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Table 2: Fluorescence lifetimes of PdC and tC◦ in single- and
double-strand DNA. The τ1 and τ2 are obtained by fitting a double
exponential decay curve to the data, and f1 and f2 are fraction of
fluorescence corresponding to lifetimes τ1 and τ2, respectively. The
χ2 indicate the measure of error in the fit. The value 〈τ〉 is average
lifetime calculated by

∑
fiτ

2
i /
∑

fiτi.

Oligo τ1 (ns) f1 τ2 (ns) f2 χ2 〈τ〉 (ns)

ss tC◦ 5.3 0.9 1.7 0.1 2.0 5.1

ds tC◦ 5.1 0.8 1.8 0.2 1.5 4.8

ss PdC 5.2 0.7 0.7 0.3 1.9 5.1

ds PdC 3.3 0.6 0.1 0.3 1.4 3.2

buffer (10 mM Tris, 1 mM EDTA, pH 8). Excitation scans
were collected over the wavelength range of 220–400 nm,
with the emission wavelength fixed at 450 nm. Emission
spectra were taken over the wavelength ranging from 400 nm
to 580 nm with the excitation wavelength fixed at 350 nm.
The ss- and dsWT oligos were used as a baseline signal and
subtracted from the steady-state fluorescence data.

2.6. Fluorescence Lifetime Measurements. Fluorescence life-
time was measured for both ss- and ds-oligos using a
frequency domain lifetime instrument. The cuvettes used
were of 1 cm path length. Excitation wavelengths were
350 nm and 368 nm for PdC and tC◦, respectively. Data were
collected from 10–240 MHz frequencies with 100 iterations
at each frequency and 40 total frequencies from which the
lifetimes were calculated. Both the individual decays (fitted
to 2 components) and average lifetimes are reported.

3. Results and Discussion

3.1. Incorporation of Fluorescent DC Analogs Does Not Per-
turb DNA Structure. In order to assure that no structural
perturbations were introduced by insertion of the fluo-
rophores in the oligos, changes in absorbance at 260 nm
were monitored at varying temperatures to determine duplex
melting temperatures as well as any transitions occurring
in ssDNA (data not shown). The data indicated that the
ssWT, ssPdC, and sstC◦ undergo similar spectral changes
with temperature, indicating no perturbations to the ss-
structures after replacement of cytidine with PdC or tC◦. The
absorbance for all ssDNA increases by ∼10% from 25◦C to
40◦C, signifying reorientation of the strands during melting.
Thus, introduction of either PdC or tC◦ did not lead to the
formation of any additional secondary conformation in ss-
oligos as predicted based on the previous literature [17, 19].

No perturbation of dsDNA by PdC or tC◦ was observed.
All duplexes melted at 45 ± 3◦C in TE buffer. This indicated
dsDNA containing the fluorescent bases were readily formed
and stable at 25◦C. Hence, PdC and/or tC◦ could be used
to investigate single- and double-stranded regions of DNA
functional structures.

Circular dichroism (CD) spectroscopy was also used to
investigate whether the overall helical structural conforma-
tion of the DNA might have been affected by the fluo-
rophores (Figure 2). Our results, in agreement with melting

data from absorbance and the literature, indicated that the
fluorophores did not affect the structure of the duplexes
or the manner in which they melted [17, 23, 24]. There
were only negligibly small changes in the CD spectrum with
temperature for ss-oligos, which indicated little structure at
any temperature as compared to dsDNA. The dsDNA oligos
showed considerable CD, consistent with the common global
spectral features typical of B-DNA [25]. Major changes in
the CD signal of dsDNA with respect to the temperature
were observed at 245 nm, with relatively smaller changes that
occurred at 280 nm. These CD spectra and their temperature
dependence illustrated that the DNA is not affected by
replacing cytidine with PdC or tC◦.

3.2. The Local Helical Structure of DNA Can Be Probed by
Induced FDCD of tC◦. Circular dichroism has been used
for detecting the local environmental changes around PdC
integrated into DNA [26]. However, the direct detection of
CD by PdC or other base analogs is restricted to analogs
that either have an absorbance far enough removed from the
DNA λmax of 260 nm to prevent spectral overlap or are incor-
porated into short DNA sequences. In both cases, significant
amounts of DNA are required to obtain good signal-to-noise.
An alternative approach to direct CD observation is to use
FDCD to study the local environment of the fluorescent base
analog. Since our previous data has sufficiently demonstrated
that the replacement of deoxycytidine with either PdC or
tC◦ does not affect the original DNA structure, we analyzed
the fluorophores by FDCD to explore the local structural
changes occurring around the base. In our studies, PdC-
containing DNA at concentrations up to 8.5 μM did not show
any FDCD signal over the temperature range of 25◦C to
90◦C, suggesting that PdC’s low quantum yield is insufficient
for FDCD measurements at reasonable DNA concentrations
with our instrument. However, tC◦ showed a strong FDCD
signal for both ss- and dsDNA between 300 nm and 420 nm
even at submicromolar concentrations (0.5 μM; Figure 3).
The FDCD signal for duplex DNA was significantly larger
than that for the ss oligo. In addition it had a positive
value throughout, indicating the base was stacked parallel
to the bases in the vicinity. The lower intensity of the
peak in ss-oligos is attributed to the residual structure
at room temperature. Thus, tC◦ is a very effective probe
for monitoring the localized changes occurring in DNA
structure in response to variations in structural parameters.

FDCD data obtained can be used for predicting the
molecular details of higher-order secondary structures. For
example, in case of loop regions of i-motif and cruciform
structures, tC◦ will exhibit lower FDCD signal since these
regions are less structured. However, tC◦ substituting for dC
in the regions where base-pairing occurs should show higher
FDCD signals. These structural details could then be used
to assess the stabilities of functional DNA structures after
binding of transcription factors or drugs.

3.3. Fluorescence Properties of the Base Analogs Reveal Their
Pairing State. Fluorescence intensities of PdC and tC◦

depend on their hydrogen bonding state, and decrease if the
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Figure 3: FDCD spectra with respect to temperature for PdC and tC◦. The low quantum yield of PdC did not allow for detection of FDCD
at this concentration. ΔF/F is the difference in the fluorescence caused by left- and right-handed polarized light over total fluorescence of the
fluorophore.

fluorophores are base-paired [17, 19]. Figure 4 clearly dem-
onstrate this quenching of fluorescence for both PdC and
tC◦ in duplex dsDNA versus unpaired ssDNA. Fluorescence
intensities from ssDNA to dsDNA are lowered by approxi-
mately 60% and 40% for PdC and tC◦, respectively. Figure 4
also shows the difference in the quantum yield of PdC and
tC◦, with PdC exhibiting significantly lower fluorescence.
Both the fluorophores had an excitation maximum at 350 nm
and an emission maximum of 450 nm that did not change
in ssDNA versus dsDNA. These decreases in the fluorescence
and the location of the maxima are consistent with the
known literature [8, 19].

Like steady-state intensities, fluorescence lifetimes of PdC
and tC◦ decrease when they are paired to their complemen-
tary base [17, 19]. Since fluorescence lifetimes are indepen-
dent of concentration, their decrease has the potential to
be used for differentiating paired bases from unpaired, thus
they can be used for deductively mapping functional DNA
structures. Lifetime data was obtained at room temperature
for both ss- and ds-oligos. Two lifetimes (τ1, τ2) were fit
to the phase-modulation data. The weighted average of the
two lifetimes, τ1 and τ2, were calculated and reported as
〈τ〉 in Table 2. These weighted averages indicate that the
lifetimes for tC◦ decreased slightly (0.3 ns) with respect to the
strandedness. In contrast, PdC showed appreciable difference
(1.9 ns) between single and duplex oligos. These lifetime
values are similar to those previously reported [17, 19]. To
unambiguously differentiate between the ss- and ds regions

of the secondary structures, greater differences in lifetimes of
base-paired and unpaired fluorophores are required. Thus,
the lifetime data indicates that PdC is a better choice than
tC◦ for assessing the strand base-pairing in DNA via this
methodology. Similar to FDCD, lifetime measurements can
facilitate the studies to observe differences between ss loop
regions and ds regions in functional DNA structures like i-
motif and cruciforms, and hence aid the studies to investigate
formation and stability of secondary structures.

4. Conclusions

In this report, spectroscopic techniques were used to deter-
mine the appropriate fluorescent deoxycytidine analog for
probing the transition of duplex DNA into topologically
distinct functional nucleic acid structures. Our conclusion
is that neither analog tested is a perfect reporter. Rather,
we suggest the two should be used in conjunction to
obtain an overall description of changes to nucleic acid
structure. While tC◦ has a very good quantum yield that
allows for FDCD analysis, it exhibits only minor changes
in fluorescence lifetime between ss- or dsDNA. PdC, on
the other hand, undergoes a substantial decrease in the
fluorescence lifetime when base-paired, but shows no FDCD
signal at concentrations appropriate for most biochemical
studies. Hence, we conclude that to map the transition of
duplex DNA to other functional forms, both PdC and tC◦

at concentrations up to 8.5 μM can be used, depending on
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the structural information desired. We are now investigating
spectral changes incurred by these probes, when they are
contained within well-known functional DNA structures,
such as quadruplex and i-motif DNA.
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The development of a reaction for detecting the presence/absence of one methyl group in a long DNA strand is a chemically and
biologically challenging research subject. A newly designed chemical assay on a chip for the typing of DNA methylation has been
developed. A methylation-detection probe fixed at the bottom of microwells was crosslinked with methylated DNA mediated by
osmium complexation and contributes to selective amplification of methylated DNA.

1. Introduction

Gene expression is well regulated by the epigenetic mod-
ification of DNA and histone tails independent of their
primary sequences. In particular, cytosine methylation, in
which the C5 position of the cytosine base is methylated
enzymatically, plays a crucial role in the regulation of
chromatin stability, gene regulation, parental imprinting,
and X-chromosome inactivation in females [1–4]. Therefore,
detection of cytosine methylation is very important, and
much effort has gone into developing a simple reaction for
5-methylcytosine (mC) detection.

For the evaluation of the methylation status of genes,
several conventional methods have so far been used, such
as a cleavage assay with methylation-insensitive restric-
tion enzymes [5–7], hydrolysis and sequencing with a
bisulfite salt [8–10], and immunofluorescence with anti-5-
methylcytosine antibody [11, 12]. Although the conventional
methods have many merits, there are many disadvantages,
and methylation detection assays must be further improved
through another approach. The existence of a more rapid and
selective chemical reaction capable of distinguishing between
methylcytosine and unmethylated cytosine on a chip has
promise as a good method for efficiently analyzing the status
of cytosine methylation at a specific site in a gene.

The sequence-selective DNA methylation-detection
probe, ICON (interstrand complexes formed by osmium

and nucleic acids), may be effective for the development
of an on-chip analysis of DNA methylation [13–15]. In the
presence of osmium oxidants and a bipyridine ligand, 5-
methylcytosine forms a stable osmium-centered complex, in
contrast to unmethylated cytosine (Figure 1) [16–19]. ICON
probes form a crosslink with a specific 5-methylcytosine in
the probe-hybridizing DNA mediated by osmium-centered
complex formation. This function will be effective for the
capture of methylated DNA on a chip for sequence-selective
methylation analysis.

In this paper, development of an on-chip analyzing
method for typing of DNA methylation at a specific cytosine
is reported. ICON probes fixed to the bottom of microwells
assisted the on-chip detection of the methylation status of a
specific cytosine in the target DNA.

2. Materials and Methods

2.1. Synthesis of an ICON Probe. Artificial DNA was syn-
thesized by the conventional phosphoramidite method
using an Applied Biosystems 392 DNA/RNA synthesizer
or an NTS H-6 DNA/RNA synthesizer. The phospho-
ramidite form of bipyridine-modified adenine (B) was
prepared according to the synthetic protocol described in
a previous paper [13]. The 5′-amino end was attached
using the phosphoramidite of 5′-aminomodifier C12 (Glen
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Figure 1: Structures of the “B” nucleotide of the ICON probe for 5-methylcytosine selective crosslink formation and the “D514” nucleotide
of the Exciton primer for real-time PCR monitoring.

Research (http://www.glenresearch.com/index.php)). Syn-
thesized DNA was purified by reverse phase HPLC on
a 5-ODS-H column (10 mm × 150 mm, elution with a
solvent mixture of 0.1 M triethylammonium acetate (TEAA),
pH 7.0, linear gradient over 30 min from 5% to 20%
acetonitrile at a flow rate of 3.0 mL/min). The DNA strand
was characterized by MALDI-TOF MS. 5′-NH2-(CH2)12-
CCCCCCCCCCCACAACCTCCBTCATGTGCTGAA-3′ ([M
+ H]+, calcd. C343H452N118O198P33, 10418.0, found 10416.0).

2.2. Preparation of Chips. A 100 μL solution of synthetic
DNA (100 nM) in TE buffer (pH 7.0) or deionized water

in the presence of 10 mM 1-ethyl-3-(3-dimethylamino-
propyl)carbodiimide, and 10 mM 1-methylimidazole was
put into each well of NucleoLink strips (Nalge Nunc
(http://www.nalgenunc.com/)). After incubation at 50◦C for
5 h, the reaction mixture was removed from the well, and the
well was rinsed three times with a solution of 100 mM Tris-
HCl (pH 7.5), 150 mM sodium chloride, and 0.1% Tween20,
and then three times with deionized water.

2.3. Osmium Treatment and DNA Amplification. The target
DNA sequence p53(N1–N2) was 5′-TGT GCA GCT GTG
G GTT GAT T CGA CAC CCC C GCC CGG CAC C CGC
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GTC CGC G CCA TGG CCA T CTA CAA GCA G TCA CAG
CAC A TGA N1GG AGG T TGT GAG G N2G C TGC CCC
CAC C-3′ (N1, N2 = C or mC). A 25 μL solution of DNA
(8 nM) in 50 mM Tris-HCl buffer (pH 7.7), 0.5 mM EDTA,
and 1 M sodium chloride was added to each probe-attached
well at 0◦C. The reaction mixture was incubated at 0◦C for
5 min, and then the solution was removed from the wells. A
25 μL solution of 5 mM potassium osmate(VI) and 100 mM
potassium hexacyanoferrate(III) in 50 mM Tris-HCl buffer
(pH 7.7), 0.5 mM EDTA, and 1 M sodium chloride was
incubated at 0◦C for 5 min or at 25◦C for 10 min. The wells
were rinsed seven times with 0.4 M sodium hydroxide, 0.25%
Tween20 (130 μL/well). After further rinsing with deionized
water twice, the wells were coated with 10 mg/mL BSA
in 100 mM Tris-HCl (pH 7.5), 150 mM sodium chloride,
and 0.1% Tween20. The process of PCR amplification was
performed in a reaction solution of 1 U TaKaRa Ex Taq
HS, 10× buffer, 2.5 mM dNTP mix, and 1 μM primer mix
(Forward, 5′-AGCTGD514GGGTTGATTC-3′ for the Exciton
primer method, 5′-TGTGCAGCTGTGGGTTGATTC-
3′ for the SYBR Green I method; reverse, 5′-
ACTGCTTGTAGATGGCCATG-3′; D514 in an Exciton
primer is a hybridization-sensitive fluorescent nucleotide
(Figure 1)). In the case of using the stain method with
SYBR Green I fluorescence for monitoring the amplification,
SYBR Green I dye was also added to the reaction mixture
in advance. Amplifications were performed in microwells
as follows: after heating at 95◦C for 60 s, 35 cycles of
denaturation at 95◦C for 5 s, annealing with fluorescence
monitoring at 52◦C for 20 s, and extension at 72◦C for 20 s
on the Corbett Rotor-Gene, the amplification process was
monitored by the fluorescence of D514 or SYBR Green I
through an SYBR Green I (470 nm/510 nm) filter.

3. Results and Discussion

3.1. Preparation of Chips and Osmium Complexation. For
the on-chip study, we adopted a NucleoLink strip, because
it is a microwell strip in which the amino-modified ICON
probe can be attached to well bottoms with covalent bonds.
The target DNA was a fragment of the human p53 gene
exon 5 including mutation hotspots at CpG dinucleotides
[20]. The sequence of the ICON probe was designed to
form a crosslink with one of the methylated cytosines in
the target DNA. The ICON probe was modified with an
amino end for attaching to the plate and an alkyl linker
and a poly C sequence for introducing enough distance
between the probe and the plate. This ICON probe was
synthesized by the conventional phosphoramidite method
by using a DNA autosynthesizer. The phosphoramidite form
of bipyridine-modified adenine (B) was prepared according
to the synthetic protocol described in a previous paper
[13]. Synthetic DNA was fixed to the bottom of each
well of NucleoLink strips in the presence of 1-ethyl-3-(3-
dimethylaminopropyl)carbodiimide and 1-methylimidazole
(Figure 2). The wells were rinsed and used for the next
reaction.

Oxidative osmium complexation using ICON probes is
a rapid and mild reaction for detection of methylated DNA,
and it is not accompanied with nonspecific strand damage,
in contrast to conventional bisulfite methods. Therefore, this
reaction would be effective for on-chip analysis of DNA
methylation. The target DNA was put into the wells and
hybridized with the ICON probes fixed in the wells. The
DNA samples in the wells were incubated at 0◦C for 5 min
then at 25◦C for 5 min in the presence of 5 mM potassium
osmate(VI) and 100 mM potassium hexacyanoferrate(III) in
50 mM Tris-HCl buffer (pH 7.7), 0.5 mM EDTA, and 1 M
sodium chloride. After reaction, the wells were rinsed with
4 M sodium hydroxide and then coated with BSA.

3.2. Exciton Primer and Real-Time PCR Monitoring. The
fixed DNA was detected using PCR amplification of a
part of the crosslinking DNA strand. The PCR primers
were designed for the region without ICON binding. For
one of the primers, a hybridization-sensitive fluorescent
DNA was used, containing a fluorescent nucleotide D514

(Figure 1) [21–24]. This fluorescent DNA shows very weak
fluorescence in the unhybridized state, whereas it shows
strong fluorescence after hybridization with the complemen-
tary nucleic acids. This fluorescence switching is controlled
by an intramolecular excitonic interaction between dyes
tethered to the DNA. This fluorescent DNA is useful as a
PCR primer. This DNA shows weak fluorescence emission,
whereas the PCR mixture emits strong fluorescence after
PCR amplification. This system has been applied to the
detection of single nucleotide polymorphisms in genome
DNA samples [25]. We tested this “Exciton primer” for on-
chip PCR. The process of PCR amplification was performed
in a reaction solution of TaKaRa Ex Taq HS polymerase
in the presence of a mixture of dNTP and primer mix.
Amplifications were performed in microwells and the change
in the fluorescence intensity monitored using a real-time
PCR system. In the experiment for p53(mC–C) and p53(C–
C), the methylation of the target cytosine was determined
from the increase in the fluorescence signal associated with
the exponential growth of the PCR product. Amplification
of the p53(mC–C) started first, and then the amplification of
p53(C–C) started several cycles later (Figure 3). Washingout
of uncrosslinked sample DNA brought about this lag in
the starting point of amplification. The amplification curve
observed for p53(C–C) almost overlapped that for the
osmium-untreated p53(mC–C), suggesting that the amplifi-
cation curve for unmethylated DNA is due to amplification
of the DNA nonspecifically adsorbing to the well surface.
On-chip capture of methylated DNA by the ICON probe
at the methylation site made possible the sequence specific
detection of methylation through PCR amplification.

3.3. Sequence-Specific Amplification. A prototype for ICON-
based on-chip methylation analysis makes possible sequence-
specific amplification. We prepared four DNA strands with
different methylation sites, p53(C–C), p53(mC–C), p53(C–
mC), and p53(mC–mC). The sample DNA was added to the
wells, in which the ICON probe targeting only the mC of
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Figure 3: Profile of real-time PCR for p53(mC–C) and p53(C–C)
with/without osmium oxidation.

the sample DNA 5′ side was fixed. After osmium treatment
and BSA coating, the crosslinked DNA was amplified by
PCR in the presence of unlabeled primers and SYBR
Green I. After 15 cycles of the amplification reaction, the
fluorescence intensity of SYBR Green I was quantified on a
microplate reader (Figure 4). The wells containing p53(mC–
C) and p53(mC–mC) exhibited higher fluorescence inten-
sities compared with those from wells containing p53(C–
C) and p53(C–mC). The ICON probe fixed on the well
bottom distinguished 5′-mC from 3′-mC and detected only
methylation of 5′-C regardless of methylation of 3′-C.
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Figure 4: Sequence-specific detection of DNA methylation at N1 in
p53(N1–N2) using an ICON probe.

4. Conclusions

We have described a new, high-value aspect of on-chip
methylation analysis through osmium-DNA complexation.
An ICON probe fixed onto a microwell formed a crosslink
with the target 5-methylcytosine and assisted the detection
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using PCR amplification. The crosslink was sequence-
selective and completely independent of the other methy-
lation site. Although there remain further aspects to be
examined toward realizing an easier-to-use methylation
analysis, such as optimization of PCR conditions suitable for
ICON, this on-chip assay supported by the chemical basis
could be an important component of the next generation of
high-throughput methylation analyses.
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DSC was used to evaluate the mechanism of the thermally induced unfolding of the single-stranded hairpin HP = 5′-
CGGAATTCCGTCTCCGGAATTCCG-3′ and its core duplex D = (5′-CGGAATTCCG-3′)2. The DSC melting experiments
performed at several salt concentrations were successfully described for HP and D in terms of a three-state transition model
HP↔ I (intermediate state)↔ S (unfolded single-stranded state) and two state transition model D↔ 2S, respectively. Comparison
of the model-based thermodynamic parameters obtained for each HP and D transition shows that in unfolding of HP only the
HP↔ I transition is affected by the TCTC loop. This observation suggests that in the intermediate state its TCTC loop part exhibits
significantly more flexible structure than in the folded state while its duplex part remains pretty much unchanged.

1. Introduction

Hairpin loops are a common form of nucleic acid secondary
structure and are crucial for tertiary structure and function
[1]. They are known to play a key role in a number of bi-
ological processes such as gene expressions, DNA recom-
bination, and DNA transposition [2–4]. In RNA molecules
hairpins act as nucleation sites for RNA folding into final
conformations [5–7] and play a critical role in RNA-protein
recognition and gene regulation [8, 9]. Furthermore, due
to the specificity of probe/target hybridization determined
as a match-versus-mismatch discrimination, hairpin DNA
oligomer probes have become an important tool in modern
biotechnology and diagnostics [10, 11]. The thermodynam-
ics and kinetics of hairpin formation, hairpin binding to
complementary nucleic acids, and hairpin-ligand associa-
tions have been studied extensively [12–21]. There is no
doubt that studies of hairpin-to-coil transitions and hairpin-
ligand binding affinity and specificity have greatly enhanced
our understanding of structural features and function of the
naturally occurring nucleic acids [22, 23]. However, despite
extensive biophysical research on the systems involving hair-
pin structures that produced a number of high-quality ex-
planations and evaluations on properties and behavior of
nucleic acids containing hairpin formations, there are still
many unresolved questions.

As pointed out by Marky et al. [24] the most suitable
hairpin molecules for studying the thermodynamics of their
conformational transitions and ligand binding are the single-
stranded hairpin molecules. They form stable partially paired
duplexes that tend to melt in simple monomolecular transi-
tions. Furthermore, their conformational stability and ligand
binding properties are easily compared with those of the
corresponding core duplexes. In this way one can evaluate
the contributions of the loops to the thermal stability of the
hairpins. Despite the simple structure of single-stranded
hairpins it is not clear whether their monomolecular fold-
ing/unfolding transitions occur in a two-state or multistate
manner. Measurements of their thermally induced unfolding
transitions followed by UV, CD, and/or fluorescence spec-
troscopy as a rule result in sigmoidal melting curves sug-
gesting that they may be considered as two-state processes.
The same conclusion can be reached also on the basis of DSC
measurements performed on the same sample solutions in
the older generation of less sensitive DSC instruments (e.g.,
Microcal MC-2) which resulted in single-peak DSC thermo-
grams. Recent measurements of conformational transitions
of DNA quadruplex structures have shown, however, that the
sigmoidal shape of UV or CD melting curves may be mis-
leading. Namely, the DSC measurements performed on sam-
ples for which sigmoidal UV and CD melting curves were
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Figure 1: Schematic presentation of the model oligonucleotides: hairpin (HP), duplex (D).

observed using the DSC of the latest generation (CSC, Mi-
crocal) resulted in thermograms containing two or three
well-distinguished peaks thus indicating that the observed
DNA melting process occurs in a multi-state manner [25,
26]. Furthermore, recent T-jump experiments performed on
small hairpin molecules have produced a direct evidence that
their unfolding transitions involve intermediate structures
and thus cannot be considered as two-state processes [19, 27–
29].

In our DSC study of the unfolding mechanism and
stability of the 5′-CGGAATTCCGTCTCCGGAATTCCG-3′

hairpin we performed the DSC melting experiments on the
hairpin and its core duplex, (5′-CGGAATTCCG-3′)2 (see
Figure 1), at several salt concentrations using an extremely
sensitive microcalorimeter (CSC). To see to what extent the
TCTC loop affects the hairpin unfolding process we attempt-
ed to describe for each oligonucleotide the measured DSC
thermograms in terms of the simplest possible unfolding
model. We derived the corresponding model functions and
by fitting them to the experimental data we tested the ap-
propriateness of the suggested models and obtained for each
transition the characteristic thermodynamic quantities of
transition ΔG0

(T), ΔH
0
(T), ΔS

0
(T), and Δc0

P . By comparing these
values determined for the hairpin and the core duplex we
tried to estimate the contribution of the TCTC loop to the
stability of the hairpin.

2. Materials and Methods

2.1. Materials. Self-complementary oligonucleotide 5′-CG-
GAATTCCG-3′ and oligonucleotide 5′-CGGAATTCCGT-
CTCCGGAATTCCG-3′ that in solution at room tempera-
ture form a duplex (D) and a single-stranded hairpin struc-
ture (HP), respectively, were purchased HPLC pure from In-
vitrogen Co., Germany and used without any further puri-
fication. Their concentrations in buffer solution (10 mM
phosphate buffer and 1 mM Na2EDTA adjusted to pH =
7.0)) in the presence of 100 mM NaCl were determined at
25◦C spectrophotometrically in the Cary Bio 100 UV-spec-
trophotometer. The molar extinction coefficients were deter-
mined using the nearest neighbor data of Cantor et al. [30]
for single-stranded DNA at 25◦C and the absorbance at
260 nm of thermally unfolded oligonucleotide extrapolated
back to 25◦C (εD260 = 84600 M−1cm−1, εHP260 =
216000 M−1cm−1). The phosphate buffer solutions used in
all experiment contained 0, 0.1, 0.3, or 1.0 M NaCl.

Differential scanning calorimetry (DSC). Thermally in-
duced unfolding of duplex (D) and hairpin (H) in buffer
solutions with different added NaCl concentrations was fol-
lowed between 5 and 95◦C in a Nano-II DSC calorimeter
(CSC; UT) at the heating rate of 1◦C/min and essentially

the same results were obtained from several test-experiments
performed at the heating rate of 0.25◦C/min. The thermally
induced unfolding of both oligonucleotides was monitored
in terms of cPex = cp2 − cpD,F versus T thermograms in which
the differences between the partial molar heat capacity of the
measured oligonucleotide cp2 (raw signals corrected for the
solvent contributions) and the partial molar heat capacities
of the corresponding folded states extrapolated from low
temperatures over the whole measured temperature interval,
cpD,F , are normalized for the duplex or hairpin concentration.
The total enthalpy of unfolding, ΔHcal

(T) ,was obtained from
the measured thermograms as the area under the cPex(T)

versus T curve.

2.2. Analysis of the DSC Thermograms. The thermally in-
duced conformational transitions can be experimentally fol-
lowed in a model-independent way only by DSC. At relatively
low concentrations used in DSC experiments the measured
solute-normalized heat capacity of the sample solution, cP(T),
with the subtracted baseline may be equalized with the olig-
onucleotide partial molar heat capacity, cP2(T). Thus, the
overall heat effect that accompanies the measured con-
formational transition from its initial folded state at the
temperature T1 to its final unfolded state at T2 can be ex-
pressed as

ΔH(T1→T2) =
∫ T2

T1

cp2(T)dT. (1)

Since the enthalpy is the state function, the enthalpy change
ΔH(T1→T2) may be expressed also as

ΔH(T1→T2) =
∫ Tref

T1

(
cp2(T)

)
F
dT + ΔH(Tref)

+
∫ T2

Tref

(
cp2(T)

)
U
dT ,

(2)

where (cp2(T))F and (cp2(T))U are the partial molar heat
capacities of the folded and unfolded DNA conformation,
respectively, ΔH(Tref) is the enthalpy of unfolding at Tref

which can be any temperature between T1 and T2. By choos-
ing Tref = T1/2 where T1/2 is the melting temperature at
which a half of oligonucleotide molecules undergo unfolding
transition (2) transforms into

ΔHcal
T(1/2)

=
∫ T1/2

T1

[
cp2(T) −

(
cp2(T)

)
F

]
dT

+
∫ T2

T1/2

[
cp2(T) −

(
cp2(T)

)
U

]
dT ,

(3)
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Figure 2: DSC thermograms and their model analysis: hairpin (HP) unfolding characterized in terms of a three-state model HP ↔ I ↔
S (a) and the corresponding fractions of species (b); duplex (D) unfolding characterized in terms of a two-state model D ↔ 2S (c) and
the corresponding fractions of species (d). In panels (a) and (c) symbols represent experimental data points while lines of the same color
correspond to the best-fit model functions ((14) and (18)).

where ΔHcal
T1/2

is a model-independent enthalpy of transition
at T1/2 that can be easily determined by the appropriate inte-
gration of the experimental [cp2(T) − (cp2(T))F] and [cp2(T) −
(cp2(T))U] curves as presented in (3).

According to the DSC thermograms of the measured
hairpin (HP), its thermally induced unfolding involves at
least two conformational transitions (Figure 2). Thus, the
simplest suggested model to describe the observed thermal
behavior would consist of two consecutive monomolecular
transitions: HP (hairpin) ↔ I (intermediate state) ↔ S

(unfolded single-stranded state). The enthalpy, H, of a so-
lution containing an HP sample characterized by the sug-
gested thermal unfolding

HP
KHPI←→ I

KIS←→ S; KHPI = [I]
[HP]

KIS = [S]
[I]

(4)

can be expressed at given P and T as

H = n1H1 + n2H2 = n1H1 + nHPHHP + nIH I + nSHS, (5)
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where KHPI and KIS are the corresponding equilibrium con-
stants, the quantities in brackets are the equilibrium molar
concentrations of HP, I, and S, n1 is the number of moles
of solvent, and n2 is the number of moles of solute (olig-
onucleotide) that can be further expressed as:

n2 = nHP + nI + nS, (6)

nHP in (6) represents the number of moles of the oligonu-
cleotide in the folded hairpin state, nI is the number of moles
in the intermediate state, nS is the number of moles in the
unfolded single-stranded state and H1, H2, HHP, H I, and
HS are the corresponding partial molar enthalpies of the sol-
vent, solute and folded, intermediate and unfolded oligonu-
cleotide, respectively. By defining the molar fraction, αi, of
the solute species, i, as αi = ni/n2 one obtains from (5) that

H2 = αHPHHP + αIHI + αSHS. (7)

Finally, by introducing αHP = 1 − αI − αS into (7) and tak-
ing the temperature derivative of the modified (7) one ob-
tains the model function for the measured DSC signal, cP,ex,
expressed as

cP,ex = cP,2 − cP,HP

= αIΔcP,HPI +
dαI

dT
ΔHHPI + αS

(
ΔcP,HPI + ΔcP,IS

)

+
dαS

dT
(ΔHHPI + ΔHIS),

(8)

in which at any temperature cP,2 is the measured cP (with
subtracted baseline), cP,HP is the partial molar heat capacity
of HP extrapolated from low-temperature region over the
entire measured temperature interval, ΔHHPI = H I − HHP

(enthalpy of the hairpin to intermediate state transition),
ΔHIS = HS − H I (enthalpy of the intermediate state to un-
folded single stranded state transition), ΔcP,HPI = cP,I − cP,HP

and ΔcP,IS = cP,S − cP,I.
cP,ex can be obtained experimentally simply by subtract-

ing the hairpin cP,HP versus T curve extrapolated from low-
T region over the entire measured temperature interval from
the corresponding measured cP,2 versus T curve. The model-
based cP,ex, however, can be calculated from the right-hand
side term of (8). According to the suggested model (4) the
total solute molar concentration, cT , and the fractions αi of
the solute species present in the solution can be expressed as
cT = [HP] + [I] + [S] and αHP = [HP]/cT , αI = [I]/cT and
αS = [S]/cT . Since αHP + αI + αS = 1 one obtains from (4)
that

αS = 1

(KHPIKIS)−1 + K−1
S + 1

, αI = αS

KIS
. (9)

For the description of the DSC experiment with the model
function (8) one needs also the temperature derivatives of αS

and αI. By using for each transition, i, the van’t Hoff relation

d lnKi

dT
= ΔH0

i

RT2
, (10)

one obtains

dαS

dT
= α2

S

⎡
⎣K−1

HPIK
−1
IS

(
ΔH0

HPI + ΔH0
IS

)
RT2

+ K−1
IS

ΔH0
IS

RT2

⎤
⎦,

dαI

dT
= K−1

IS

(
dαS

dT
− αS

ΔH0
IS

RT2

)
.

(11)

Assuming that for each transition, i, the corresponding Δc0
Pi

does not depend on T the standard free energy of that
transition, ΔG0

i(T), can be obtained at any T from the inte-
grated form of the Gibbs-Helmholtz relation as

ΔG0
i(T) = T

⎡
⎣ΔG0

i(Ti,(1/2))

Ti,1/2
+ ΔH0

i(Ti,1/2)

(
1
T
− 1

Ti,1/2

)

+Δc0
Pi

(
1− Ti,1/2

T
− ln

T

Ti,1/2

)]
,

(12)

where Ti,1/2 is the temperature at which the αi values sof
species participating in transition i are the same. The cor-
responding equilibrium constant, Ki, is related to ΔG0

i(T) as

ΔG0
i(T) = −RT lnKi, (13)

and for the suggested mechanism of the hairpin unfolding
(4) it can be easily seen that for each suggested monomolec-
ular transition ΔG0

i(Ti,1/2) = 0. Finally, according to the
DSC experiments performed at different oligonucleotide
concentrations the ΔHi(T) values appear to be concentration
independent thus indicating that one may assume for each
transition that ΔHi(T) = ΔH0

i(T) and ΔcPi = Δc0
Pi . Using

these assumptions and (8)–(13) one can express the model
function (14)

cP,ex = αIΔc
0
p,HPI +

dαI

dT
ΔH0

HPI + αS

(
Δc0

p,HPI + Δc0
p,IS

)

+
dαS

dT

(
ΔH0

HPI + ΔH0
IS

)
,

(14)

only in terms of parameters Ti,1/2, ΔH0
i(Ti,1/2), and Δc0

P,i, char-
acteristic for each of the suggested transitions. Their “best
fit” values are obtained by fitting the model function (14) to
the experimental cP,ex versusT curves. Furthermore, since for
each transition, i, the corresponding ΔH0

i(T) and ΔS0
i(T) quan-

tities can be expressed as

ΔH0
i(T) = ΔH0

i(Ti,1/2) + Δc0
P,i

(
T − Ti,1/2

)
,

TΔS0
i(T) = ΔH0

i(T) − ΔG0
i(T),

(15)

the “best fit” parameters Ti,1/2, ΔH0
i(Ti,1/2) and Δc0

P,i can be used

also to obtain the ΔH0
i(T) and ΔS0

i(T) values at any T .
In contrast to HP unfolding, the measured thermally

induced duplex (D) to single strand (S) transition appears to
be a simpler, all-or-none process

D
KDS←→ 2S; KDS = [S]2

[D]
, (16)
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that can be described in terms of the total oligonucleotide
concentration, cT , the concentrations of the duplex form [D]
and the single strands [S], the fraction of duplex molecules
that undergo the unfolding transition at a given temperature,
αS, and the equilibrium constant KDS interrelated as

cT = [D] +
[S]
2

; αS = [D]
cT

; KDS = 4αS
2cT

1− αS
.

(17)

A similar, though much simpler derivation of the model
function than the one presented for unfolding of the hairpin
structure (14) leads for the suggested D↔ 2S transition to

cP,ex = cP,2 − cP,D = αSΔc
0
P,DS +

dαS

dT
ΔH0

DS, (18)

where cP,2 is the measured cP of the sample solution with
subtracted baseline, cP,D is the heat capacity of the duplex
form extrapolated from the low-T region over the whole
measured temperature interval, Δc0

P,DS = ΔcP,DS = 2cPS − cPD

and ΔH0
DS = ΔHDS = 2HS −HD. From the suggested model

(16) and (17) it follows that ΔG0
DS(T1/2) = −RT ln(2cT) and

αS = 1
2

⎡
⎣−KDS

4cT
+

√(
KDS

4cT

)2

+
KDS

cT

⎤
⎦,

∂αS

∂T
= ΔH0

DS

RT2

αS(1− αS)
2− αS

.

(19)

The corresponding expressions for ΔG0
DS(T) ΔH

0
DS(T) and

TΔS0
DS(T) are the same as those shown for each transition

in the suggested hairpin unfolding mechanism (12), (13)
and (15). Similarly, in deriving (18) the ΔHDS(T) and ΔcP,DS

are assumed to be independent on the oligonucleotide con-
centration and thus equal to ΔH0

DS(T), and Δc0
P,DS.

Inspection of (18) and (19) shows that the model func-
tion (18) is expressed in terms of adjustable parameters, T1/2,
ΔH0

DS(T1/2) and Δc0
P,DS that can be determined by fitting the

model function to the experimental cP,ex versus T curve and
further used to determine the ΔG0

DS(T), ΔH
0
DS(T) and ΔS0

DS(T)
values at any T .

To obtain a set of the “best fit” adjustable parameters
Ti,1/2, ΔH0

i(Ti,1/2) and Δc0
P,i describing the hairpin and duplex

thermal unfolding at each of the added salt concentrations
the iterative nonlinear Levenberg-Marquardt χ2 regression
procedure was used [31]. Furthermore, assuming that for
the observed transitions the accompanying Δc0

P,i quantities
do not depend on the added NaCl concentration their values
may be determined also from the slopes of the ΔH0

i(T1/2) ver-
sus Ti,1/2 curves constructed from the “best fit” ΔH0

i(T1/2) and
Ti,1/2 parameters determined at different added salt concen-
trations [32]. These data can be also used to construct the
corresponding Ti,1/2 versus ln[Na+] plots from which the
amount of the Na+ ions released upon thermal unfolding
of the hairpin or duplex structure can be estimated (see
discussion, (20)).

3. Results and Discussion

According to the measured DSC thermograms presented
in Figure 2 the thermally induced unfolding of the hairpin
HP consists of at least two conformational transitions while
the one observed for the duplex D occurs in a simpler “all
or none” manner. In addition, UV melting experiments (not
shown) resulted for HP in biphasic melting curves that ex-
hibit transitions independent on HP concentration (mon-
omolecular transitions) while for D monophasic melting
curves dependent on D concentration (nonmonomolecular
transition) were observed. Moreover, excellent repeatability
of the consecutive measured heating and cooling cP versus T
curves and the observed independence of the measured DSC
peaks on the applied heating rate (several test experiments)
clearly shows that the studied thermal unfolding events
may be considered as reversible processes. Model analysis of
the measured thermograms shows that the hairpin thermal
unfolding can be well described in terms of a three state
model involving H (hairpin) ←→ I (intermediate state) ←→
S (unfolded single-stranded structure) transitions and the
corresponding model function (14) characterized for each of
the suggested transitions with the corresponding “best fit”
adjustable parameters Ti,1/2, ΔH0

i(Ti,1/2), and Δc0
P,i (Table 1).

However, analysis of the applied fitting procedure indicates
that the parameter Δc0

P,IS is highly correlated to some other
adjustable parameters. Thus, to obtain safe estimate of
Δc0

P,IS another method of its determination has to be used.
Assuming that it does not depend on the simple salt con-
centration Δc0

P,IS was estimated as a slope of the ΔH0
IS(T1/2)

versus TIS,1/2 plot (Figure 3(a)) constructed from the “best
fit” parameters determined at different NaCl concentrations
(Table 1). This method of determining Δc0

P,i was justified
by a good agreement between the Δc0

P,i values for other
transitions obtained by the described fitting procedure and
the Δc0

Pi values determined as the slopes of the corresponding
ΔH0

i(Ti,1/2) versusTi,1/2 plots (Table 1). By using the parameters
presented in Table 1 one can calculate for the duplex and
hairpin solutions the relative populations of the model-
predicted species in the measured temperature interval and
at all added salt concentrations (Figure 2). Evidently, the
thermal stability of the folded state of the measured duplex
and the hairpin is substantially enhanced by increasing the
added salt concentration. At low salt concentrations, how-
ever, a small fraction of the hairpin molecules undergoes
transition into the intermediate state already at physiological
temperatures.

A standard way of testing the quality of a suggested model
is to compare the enthalpy of unfolding determined at a giv-
en temperature directly by an appropriate integration of the
experimental cP,ex(T) versus T curve (ΔHcal

HS, see (3)) with
the corresponding model-based value ΔH0

HS calculated at the
same temperature using the reported “best fit” adjustable
parameters. As shown in Table 1 a good agreement was ob-
tained which clearly supports the appropriateness of the
suggested H ←→ I ←→ S unfolding model.

It is well known that DNA unfolding is accompanied by
release of counterions. The number of the released Na+ ions,
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Table 1: Thermodynamic parametersa obtained from fitting the model functions ((14) and (18)) to the duplex (D) and hairpin (HP) DSC
thermograms presented in Figure 2.

Transition T1/2 ΔH0
(T1/2) ΔHcal

(T1/2) Δc0
P

b Δc0
P

c ΔnNa+

HP → I 59.2 37 0.34 0.9

I → S 75.0 74 0.37 0.25 1.5

HP → S 117d 111 0.59 2.4

D → 2S 56.5 71 71 0.25 0.30 1.7

Error ±0.2 ±2 ±2 ±0.05 ±0.05 ±0.2
a
Units: ◦C(T1/2), kcal mol−1(� H0

(T1/2), � Hcal
(T1/2)), kcal mol−1 K−1 (� c0

P); unless stated otherwise the values are those obtained at [Na+] = 0.13M;
bobtained from fitting the model function;
cobtained as the slope of � H0

(T1/2) versus T1/2 curves (Figure 3(a));
d the total enthalpy of the of the I → S transition was calculated as � H0

HS(T1/2,IS) =� H0
HI(T1/2,HI)+ � c0

PHI
(T1/2,IS − T1/2,HI)+ � H0

IS(T1/2,IS) where T1/2,IS and

T1/2,HI are the melting temperatures of the I → S and H → I transitions and � H0
IS(T1/2,IS) and � H0

HI(T1/2,HI) are the corresponding enthalpies of transition.
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Figure 3: Estimation of heat capacity changes and number of released Na+ ions: (a) Δc0
P,i was determined for each transition i as the slope of

the ΔH0
i(Ti,1/2) versus Ti,1/2 plot constructed from the model based ΔH0

i(Ti,1/2) and Ti,1/2 values determined at different salt concentrations; (b)
the corresponding ln[Na+] versus Ti,1/2 plots from which the ΔnNa+,i values were determined according to (20).

ΔnNa+,i, upon each HP and D transition, expressed per mole
of oligonucleotide, may be estimated from [33]

dTi,1/2

d ln
[
Na+] = RT2

i,1/2

ΔH0
i(Ti,1/2)

ΔnNa+,i, (20)

in which Ti,1/2 is the melting temperature at a given
Na+ concentration, [Na+], ΔH0

i(Ti,1/2) is the corresponding
enthalpy of transition at Ti,1/2. The ΔnNa+,i values presented
in Table 1 were determined from the slopes of the ln[Na+]
versus Ti,1/2. plots (Figure 3(b)).

At any T in the measured range of physiological tem-
peratures the difference between the given property char-
acterizing the total unfolding of the hairpin H and the
duplex D (for ex. ΔΔH0

(T) = ΔH0
HS(T) − ΔH0

DS(T)) reflects
the contribution of the TCTC loop to that property relative
to the core duplex (Figure 4, Table 2). Thus, the observed
ΔΔH0

(T) > 0 indicates a favorable energy contribution of the
TCTC loop to the stability of the hairpin that results, very
likely, from the increased number of stacking interactions
(in the first place from those occurring at the core duplex-
loop connections) [34]. The corresponding ΔΔS0

(T) > 0 is

consistent with the highly positive ΔΔH0
(T) indicating that the

unfavorable entropy contribution of the TCTC loop to the
hairpin stability arises largely from a substantial disruption
of the loop structure accompanying the unfolding of the
hairpin. The observed ΔΔc0

P > 0 and ΔΔnNa+ > 0 show, how-
ever, that the loop contributions to ΔΔH0

(T)and ΔΔS0
(T) may

be, to a certain extent, determined also by hydration [35] and
electrostatic interactions. The ΔΔc0

P > 0 suggests that within
the folded hairpin conformation, not only the core duplex
but also the TCTC loop are less exposed to water than in the
unfolded state. In addition, the observed ΔΔnNa+ > 0 may be
ascribed to a decrease in the surface charge density accom-
panying the unfolding of the oligonucleotide which is signif-
icantly more pronounced in the case of hairpin unfolding.
Comparison of the ΔΔ values for ΔG0

T , ΔH0
T , ΔS0

T , Δc0
P , and

ΔnNa+ quantities determined for the HP → I and I → S
transitions of the hairpin with the corresponding ΔΔ values
determined for the D → 2S transition of the duplex shows
that the ΔΔ values for the I → S and D → 2S transitions are
very close (Figure 4, Table 2). Evidently, one may speculate
that in the hairpin structure only the HP → I transition
is influenced by the TCTC loop. In other words, it seems
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Table 2: Difference thermodynamic stability parametersa at 25◦C exhibiting the influence of the TCTC loop to the unfolding features of the
hairpin forming oligonucleotide (HP).

Transition ΔΔG0 ΔΔH0 TΔΔS0 ΔΔc0
P ΔΔnNa+

(HP → S)-(D → 2S) 2.4 26.6 24.3 0.29 0.7

(I → S)-(D → 2S) −0.9 0.8 1.7 −0.05 −0.2

Error ±3 ±3 ±3 ±0.07 ±0.3
a
Units: kcal mol−1 (ΔΔG0, ΔΔH0,TΔΔS0), kcal mol−1 K−1 (ΔΔc0

P); for temperature dependence of ΔG0, ΔH0, and TΔS0 see Figure 4.
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Figure 4: Thermodynamics of hairpin and duplex unfolding: standard Gibbs free energy (a), standard enthalpy (b), and the corresponding
entropy contribution (c) presented for each model predicted hairpin (I → S, HP → S) and duplex (D → 2S) transitions as functions of
temperature at [Na+] = 0.13M.

that the observed HP → I transition reflects mainly the
changes in the TCTC conformation. Thus, the intermediate
state I may be considered as a state in which the core duplex
remains more or less unchanged while the TCTC loop occurs
as a more flexible structure characterized by the additional

stacking interactions and the freedom of the neighboring
water molecules and ions similar to the one in the unfolded
state.

To the best of our knowledge this is the first time that a
three-state unfolding of a simple hairpin structure, observed
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by DSC, has been reported and characterized thermody-
namically. We believe that the main reason for this is that
in most studies of thermal unfolding of hairpins too high
starting temperatures have been chosen and therefore the
low-temperature transitions have been overlooked.
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Nanometer-sized polyhedral wire-frame objects hold a wide range of potential applications both as structural scaffolds as well as
a basis for synthetic nanocontainers. The utilization of DNA as basic building blocks for such structures allows the exploitation
of bottom-up self-assembly in order to achieve molecular programmability through the pairing of complementary bases. In this
work, we report on a hollow but rigid tetrahedron framework of 75 nm strut length constructed with the DNA origami method.
Flexible hinges at each of their four joints provide a means for structural variability of the object. Through the opening of gaps
along the struts, four variants can be created as confirmed by both gel electrophoresis and direct imaging techniques. The intrinsic
site addressability provided by this technique allows the unique targeted attachment of dye and/or linker molecules at any point
on the structure’s surface, which we prove through the superresolution fluorescence microscopy technique DNA PAINT.

1. Introduction

The design and self-assembly of DNA strands into precisely
defined objects on the nanometer scale has emerged as a
promising technique in the field of nanotechnology. Stem-
ming from the initial idea of generating periodic lattices from
DNA [1], the concurrent exploitation of (i) complimentary
base pairing between short strands, (ii) branch-like Holliday
junctions, and (iii) the inherent helical twist of double-
stranded DNA complexes has allowed for the assembly
of small, identical motifs which constitute the repeating
unit cells of periodic two-dimensional sheets or three-
dimensional crystal structures extending nearly to the mil-
limeter scale [2–5]. The development of techniques to build
rigid, three-dimensional DNA-based structures is, however,
an important aspect to the future utilization of this method-
ology in nanofabrication [6–11]. While many attempts to
construct simple three-dimensional polyhedra have been
fraught with problems of instability, unwanted by-products,

low-yield, or overly complex synthesis strategies, the recent
utilization of hierarchical assembly schemes [12] and the
DNA origami technique [13, 14] has provided a path towards
the relatively simple generation of uniform populations.

The DNA origami technique is based on the use of a
long, usually circular “scaffold” strand, which is folded and
clamped into a desired shape by hybridization with hundreds
of shorter “staple” oligonucleotides [13]. In contrast to ear-
lier schemes for generating nanostructures from synthesized
oligonucleotides, the utilization of a viral scaffold, which is
typically the 7 kb circular single-stranded M13mp18 bacte-
riophage genome or alternatively PCR-templated products
[15, 16], allows for the construction of far larger structures
often extending to several hundreds of nanometers [17]. The
heterogeneous sequence of the underlying scaffold strand
forms the basis for the unique strength of this method,
by which each staple strand has the potential to act as
a “handle” for the placement of accessory molecules at
virtually any site in the structure with nanometer precision



2 Journal of Nucleic Acids

1

23

4

5

6

4 5
6

5

(a)

(b)
(c)

Figure 1: Schematic view of DNA origami tetrahedron. (a) In the three-dimensional representation, each double-helical section is
represented by a single red cylinder. The six struts are labeled 1 through 6, and each consist of a bundle of six parallelly connected double
helices. (b) A two-dimensional diagram of the hinged vertex formed by struts 4, 5, and 6 shows the path of the m13MP18-based scaffold
(blue) forming the single-stranded connections between bundles and the pattern of staple oligonucleotides (red) around the hinge. (c) Local
structure of the scaffold path within strut 5 shows three closely aligned scaffold crossovers stabilized by short staple sections forming the
weakened gap. The scaffold path on opposite sides of the gap is marked in either yellow or blue to emphasize the discontinuity.

[18, 19]. Through standard purification techniques, rela-
tively uniform populations of folded structures of the desired
conformation can be isolated. This method is suited not only
for compact, structurally rigid objects, but also for those
which incorporate single-stranded sections amongst rigidly
extended helical bundles to generate objects displaying
flexible hinges and inherent tensile strain [20].

Hollow, load-bearing frameworks represent one class
of structures which holds a broad relevance in applied
nanoscience as potential container systems. The use of
programmed DNA self-assembly offers a highly suitable
alternative pathway in their construction, as has been
demonstrated in several recent studies. Two in particu-
lar have succeeded in generating highly uniform popula-
tions of rigid nanostructures. Small tetrahedral structures
measuring less than 10 nanometers per strut have been
rapidly assembled from four distinct oligonucleotides and
have shown a significant mechanical stability, withstanding
compression forces in excess of 100 pN before exhibiting
buckling [10]. It was later demonstrated that a hierarchical
self-assembly concept utilizing simple repeating motifs from
a relatively small number of oligonucleotides [12] or DNA
origami-based subunits [14] can be used to generate larger
polyhedra suitable as containers or for the orientation of
functional units in space with nanometer precision. While
the above strategies based upon hybridization of shorter
oligonucleotides produce high yields of correctly assembled
products, the former is significantly size-limited based on
its dependence on a simple annealing scheme, while the
ability to selectively attach molecules at distinct points on
the polyhedra constructed by hierarchical means suffers due
to the redundancy of strands or units within the repeated
motifs. The use of subunits constructed from DNA origami
[14] can solve this issue of redundancy via a simple internal
shifting of the scaffold strand; however, it does require the
additional and often intricate control over correct three-
dimensional orientation and self-assembly of the multiple
segments. Consequently, the fabrication of enclosed hollow
frames from a single DNA scaffold via the origami method,

as previously demonstrated in a spherical architecture [21],
offers the potential for the straightforward generation of a
wide variety of fully and uniquely addressable structures.

As shown in the present study, utilization of the DNA
origami method to construct a rigid, enclosed tetrahedral
framework, illustrated in Figure 1, provides the ability to
generate structures reaching a size of 75 nanometers along
each edge while retaining the full addressability afforded by
the heterogeneous sequence of the scaffold strand. Single
stranded “hinges” at each of the four vertices of the tetra-
hedron allow for a structural variability. By selective staple
oligonucleotide omission, four unique two-dimensional
structures varying in length and width between 75 nanome-
ters and 300 nanometers are generated. Even though the full
three-dimensional structure displays mechanical rupture
likely due to electrostatic-mediated surface binding and
flow-induced shearing, proper annealing can nevertheless
be confirmed through gel electrophoresis and examination
of the assorted open frames. Additionally, binding of
fluorescent molecules at precisely determined points on
the structure emphasizes its potential to act as a three-
dimensional ruler for emerging superresolution microscopy
methods such as DNA-PAINT and Blink [22–24].

2. Materials and Methods

2.1. Preparation of DNA Structures. Reverse-phase cartridge-
purified unmodified staple oligonucleotides were shipped
dry from Bioneer Corporation (Alameda, Calif, USA)
and resuspended to a concentration of 100 μM in H2O.
HPLC-purified dye- and biotin-modified oligonucleotides
for PAINT analysis were purchased from IBA GmbH
(Göttingen, Germany) at a concentration of 50 μM in
H2O. The ATTO655-labeled oligonucleotide contained
the sequence 5′-GGT GAA GAATTO655-3′ and the biotin-
modified strand 5

′
-GGT AGT AAT AGG AGA ATGbt-3

′
.

The 8634-nucleotide-long M13mp18-phage-based scaffold
strand was prepared and isolated as previously described
[14].
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As a general annealing condition, 10 nM of scaffold
strand and 100 nM of each staple were mixed in TE
buffer (10 mM Tris-HCl + 1 mM EDTA, pH 8.0 at 20◦C)
containing 14 mM MgCl2, heated to 80◦C for 5 minutes,
and quickly cooled to 60◦C over 20 minutes, before being
slowly cooled to 24◦C in steps of 0.5◦C over approximately 40
hours. When applicable for dye or biotin attachment, staple
oligonucleotides with docking handle extensions replaced
unextended staples in the solution and biotin- or dye-
modified oligonucleotides were included at 500 nM per
staple during annealing. For PAINT analysis, a total of six
biotin attachment sites (two per vertex) and three ATTO655
sites (one per strut) were used to modify struts I, II, and III,
as shown in Figure 4(a) and in the Supplementary Materials
in Figure S1.

Gel electrophoresis was performed with an agarose
concentration of either 2.0% (for band analysis) or 0.7% (for
structure purification). Agarose was first heated to boiling
temperature in 45 mM Tris borate + 1 mM EDTA (pH 8.2
at 20◦C) then cooled to 60◦C in an ice bath, at which point
MgCl2 was added to a final concentration of 11 mM, before
being cooled to room temperature in a gel cask. For sample
preparation, 5 μL of DNA origami structures were mixed
with 3 μL of 6x agarose gel loading buffer (30% glycerol
weight-to-volume in water, 0.025% xylene cyanol, 0.025%
bromophenol blue) and brought to a total volume of 18 μL in
H2O, for roughly 5 ·10−14 moles of structures per gel pocket.
Similarly, bare scaffold strands were mixed with loading
buffer and H2O to give a total amount of 1 · 10−13 moles
per sample. The different gel pockets were filled with the
origami and scaffold samples along with a 1 kb DNA ladder
and run for approximately 3 hours at constant 70 V over a
cathode-anode distance of 22 cm. The entire apparatus was
cooled in an ice water bath while running to avoid unwanted
structure denaturation. Afterwards, the gel was stained with
an ethidium bromide solution at 0.5 μg/mL and imaged
under 302 nm UV excitation. Following electrophoresis, the
primary band was excised from the gel and centrifuged at
5000×g for 7 minutes in spin columns (Freeze’n Squeeze
Spin Columns, Biorad) to isolate structures. Purified origami
samples were usually estimated to contain approximately
1 nM of annealed structures.

2.2. Visualization of Structures (TEM and AFM)

TEM Imaging. Formvar-supported carbon coated TEM
grids were purchased from Plano GmbH (Wetzlar, Ger-
many). Grids were first hydrophilicized in a Diener Elec-
tronic Femto plasma cleaner. 2 μL of purified origami sam-
ples was added to the grids, and structures were allowed to
bind for 60 seconds. Excess sample was then quickly removed
from the grids by absorption with filter paper. Grids were
quickly washed with 1% uranyl acetate in H2O, then stained
for 15 seconds with the same and allowed to dry completely.
The samples were then imaged with a JEM-1011 transmis-
sion electron microscope (JEOL) operated at 100 kV.

AFM Imaging. For viewing with atomic force microscopy,
5 μL of purified origami sample placed onto a freshly cleaved

mica surface (Plano GmbH, Wetzlar, Germany) which had
been attached by hot glue to a 15 mm metal specimen
disc (Ted Pella, Inc., Redding, Calif, USA). Structures were
allowed to bind for 60 seconds before being washed twice
with 30 μL of TE buffer solution containing 12.5 mM MgCl2
to remove unbound origami objects and other debris.
Samples were imaged in Tapping Mode in the previously
mentioned TE/Mg++ buffer conditions using a NanoScope
III Multimode AFM from Digital Instruments (Veeco Instru-
ments Ltd., Plainview, Tex, USA) with a silicon-nitride tip
with a spring constant of k = 0.24 N/m (Veeco).

2.3. Shape Analysis by DNA PAINT

Sample Preparation. Chambered Cover Glass Slides (LabTek,
NUNC, Langenselbold, Germany) were prepared for Total
Internal Reflection (TIR) Microscopy in the following
manner: glass surfaces were first cleaned with 0.1 M HF
for 30 seconds and washed with PBS. They were then
passivated with a mixture of 5 mg/mL bovine serum albumin
(BSA) and 1 mg/mL biotin-conjugated BSA for 16 hours.
Following a second washing with PBS to remove unbound
proteins, the surface was incubated for 15 minutes with
0.01 mg/mL streptavidin (IBA GmbH) then again washed
with PBS to remove any excess, unbound streptavidin. 50 μL
of the sample solution which contained 90% of a 1 M
MgCl2 buffer and 10% purified origami solution (for a final
structure concentration of approximately 0.1 nM) was added
to the chamber and allowed to bind to the surface. Binding
was facilitated by biotin linkers on the origami structures,
included at each vertex of the plane formed by struts I, II,
and III. Chambers were again washed with PBS to remove
unbound structures, and a 50 nM solution of ATTO655-
labeled oligonucleotides (PAINT-DNA) in 500 mM NaCl was
added.

Microscopy Setup. An inverted Olympus IX-71 in objective-
type TIRF configuration outfitted with a UPlanSApo objec-
tive (100x, NA 1.40, oil immersion) was used for monitoring.
Dyes were excited by a single-mode diode laser (XTL, Toptica
Photonics, Grafelfing, Germany) operated at 100 mW with a
wavelength of λ = 650 nm. Fluorescence was imaged on an
EMCCD camera (Ixon DU-897, Andor Technologies, Belfast,
Northern Ireland). Image size was 128× 128 pixels, with each
pixel representing a length of approximately 90 nm. Each
acquired sequence of images contained approximately 2000
frames taken at a rate of 20 Hz.

3. Results and Discussion

3.1. Tetrahedron Design. The tetrahedral design was
implemented using the caDNAno [25] software package,
which was developed to facilitate the layout of both
three-dimensional and flat DNA origami structures. A
circular scaffold strand of 8634 nucleotides was used to
allow for a maximal size, which was folded into its final
configuration by a total of 211 staple strands. Each of the
six struts in the tetrahedron is based on a bundle of six
parallel double helices [14, 26], 227 paired bases in length,
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with each double helix represented by a cylinder in the
three-dimensional schematic (Figure 1(a)). The bundles are
connected at each of the four hinged vertices to the two
neighboring bundles by a four-base single-stranded section
of the circular scaffold extending between their termini, as
indicated in the inset in Figure 1(b). At each vertex, adjacent
double helices within a single six-helix bundle were selected
as connecting points to each of the two neighboring struts
so as to minimize possible strains resulting from sterically
induced stretching of the roughly 4 nm single-stranded
connecting section. Additionally, connection points on
opposite ends of a single strut extend from the same pair
of double-stranded helical sections, which minimizes
any possible unfavorable twist-strain within the bundle
[21, 27]. We have adopted the nomenclature as indicated in
Figure 1(a) whereby each strut is labeled 1 through 6. Due to
circular continuity of the scaffold strand and the periodicity
of scaffold crossovers between neighboring helices within
a single six-helix bundle, struts 1, 5, and 6 contain points
where three scaffold crossovers are contained within a
seven-base section along the double helix. As highlighted
in Figure 1(c) for strut 5, the three nearly aligned gaps
within the strut are stabilized only by staple oligonucleotides
hybridized to scaffold sections on opposing sides of each
opening. Lacking a direct connection from the internal
scaffold path running throughout the structure, these
junctions, referred to as 1, 5, and 6 in coordination with
the previous nomenclature, must be viewed as weak points
susceptible to rupture; however, they provide the overall
tetrahedron with its structural variability as will be discussed
in later sections. A full schematic of both scaffold and staple
arrangement within the overall structure can be seen in the
Supplementary Materials in Figure S1.

Specific binding of tetrahedra to surfaces was facilitated
by the addition of an 18-base sequence on the 3′ end of six
staples, each terminating at the end of a bundle lying on the
plane formed by struts 1, 2, and 3, to which a complementary
oligonucleotide containing a biotin molecule conjugated to
its 3′ end could be hybridized. This allowed stable attachment
of structures to surfaces coated with biotin-binding proteins
such as streptavidin. The positioning of the biotin on the 3′

end of the modified strand directly abutting the structure
imposes the closest possible binding between the object and
surface. In a similar manner, one staple positioned along the
length of each of struts 1, 2, and 3 with their 3′ terminus
on the outer surface of the bundle was selected as a handle
for complimentary oligonucleotides with an ATTO655 dye
conjugated to the 3′ end of the strand in DNA PAINT
experiments. In both cases, any combination of biotin or
dye sites could be included within the structure by the
replacement of normal staple strands with those extended by
the complimentary “handle” or docking sequence.

3.2. Full Tetrahedron Structural Properties. The structures
were annealed in a one-pot reaction in TE buffer in the
presence of 14 mM MgCl2. As analyzed by agarose gel
electrophoresis after annealing, well-defined bands were
observed indicating a population of uniformly annealed
structures, along with signs of additional slower migrating

aggregate products, as can be seen in the Supplementary
Materials in Figure S2. Little change in band structure was
observed by varying the annealing time from 18 to 170
hours, although a lengthening of the single-stranded scaffold
sections between struts caused a higher migration speed
and a less-defined band structure (see Figure S2 in the
Supplementary Materials). From analysis of relative band
intensity in gels, the yield of primary annealed product
was approximately 20%. The majority of scaffold-containing
material remained in the gel pockets, where presumably
aggregated structures are unable to effectively enter or
migrate through the gel matrix.

Annealed objects were negatively stained with uranyl
acetate and analyzed via transmission electron microscopy
(TEM) for structural characteristics. Despite the defined
structure of gel bands, TEM observations yielded an absence
of intact tetrahedra, with a large portion of the structures
displaying apparent breaks along one or more of the indi-
vidual struts. Two such examples are shown in the left panel
of Figure 2; the individual six-helix bundle struts appear
to be well formed and connectivity within most vertices
is maintained; however, the structures display a deformed
or flattened configuration appearing to arise from a small
number of ruptures along the length of one or two edges.
Measured lengths of individual struts varied from 70 to
90 nm, close to the estimated value of 75 nm based on a
0.34 nm axial pitch between adjacent bases in the double
helix.

3.3. Piecewise Verification of Proper Annealing. The pervasive
existence of malformed structures under TEM observation
points to one of two possible causes; either a systematic error
in annealing occurs due to unexpected internal strains or
kinetic traps, or properly annealed tetrahedra are denatured
as a consequence of mechanical stresses endured in the
process of purifying, fixing, and staining the objects. The lack
of a clear predominance of any single “broken” tetrahedron
configuration as viewed under TEM despite well-defined
band structure in electrophoresis strongly indicates that
the second consideration is the more likely explanation for
the aforementioned observations. As previously emphasized,
the three gap areas within each of struts 1, 5, and 6
formed by the close alignment of scaffold crossovers must
be considered as weakened points along the bundles. A
closer examination of the underlying staple connections
across the gaps as pictured in Figure 1(c) for strut 5 shows
that the hybridized sections stabilizing gaps along a single
helical axis are in several cases as short as two nucleotides
in overlap before the termination of the particular staple
strand. While some degree of stabilization stemming from
stacking interactions could occur for some abutting helices
[28, 29], these points are nevertheless more susceptible to
rupture under strong shear or compression forces than other
points along continuous sections of a strut or at vertices. This
can be understood through a simple comparison of the two
different bond types responsible for stabilizing scaffolded
DNA structures: hydrogen bonding of complimentary base
pairing and the covalently connected polymer backbone
comprising the main DNA scaffold through the structure.
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P8634
scaffold

Fully
folded n156 n15 n16 n56 n6

Figure 2: (Left) Transmission electron microscopy (TEM) imaging of tetrahedron structure containing all staple nucleotides. Typically,
tetrahedrons displayed one or more ruptured struts, generating the widely observed flattened configuration. Scale bars: 60 nm. (Right)
Agarose gel electrophoresis separation of the different configurations formed by targeted gap staple omission in struts 1, 5, and 6. Left to
right: lanes 1-2 contain a 1 kb ladder and the circular p8634 scaffold, respectively. Lanes 3–8 contain the full tetrahedron, and the open
configurations n156, n15, n16, n56, and n6, as indicated by the sketched representations above each lane.

In the case of the former, it has been demonstrated that
forces on the order of 50 piconewtons are sufficient to induce
shear-oriented rupture of hybridized DNA strands [30, 31].
Conversely, earlier work has shown that covalent bonds can
generally withstand forces up to the nanonewton scale before
experiencing rupture [32]. Concerning the overall stability of
the tetrahedron presented in this work, the relatively weak
hybridized staple oligonucleotides spanning the gap regions
in struts 1, 5, and 6 would be far more susceptible to rupture
under external stress than any of the other areas whose
stabilities are in addition to base pairing supported by the
continuous, covalently-linked scaffold backbone.

Standard techniques for examining DNA-based nanos-
tructures such as TEM or AFM depend on a strong
electrostatic binding of the negatively charged structures
to layers such as mica or the carbon coating on grids
used for TEM, and staining protocols include washing and
drying steps with rapid, high-shear addition and removal of
fluids. While this has proven to cause only nominal damage
to more compactly rigid structures, the weakened struts
are particularly susceptible to rupture due to electrostatic-
driven compression or deforming forces containing a shear
component and are likely candidates for the observed open
configurations compressed on the surface.

With force-induced rupturing of weakened points
formed by gaps within the struts identified as a likely candi-
date for the observed deformation of tetrahedra, we sought
to investigate the various configurations resulting from the
targeted opening of those gaps in different combinations.
Due to their design and the local stapling paths around these
junctions, these two-dimensional conformations could be
generated by the omission of staple groups spanning each
of the three gaps during annealing. For this purpose, an
open configuration formed by a particular combination of

omitted gap staples is referred to by the number assigned to
the gap or gaps presumably left open. By this nomenclature,
the configuration generated by the omission of all gap staples
is referred to as n156; that resulting from the opening of the
gap along strut 6 is n6, and so on. While there are a total
of seven possible combinations of gap staple groups which
can be left out, structural redundancies mean that a total of
only four possible flat configurations exist. These are roughly
sketched above their corresponding lane in the gel shown in
the right panel of Figure 2, with n6 being the representative
structure for the three identical configurations containing a
single omission.

The various flat structures were annealed and analyzed
as the full tetrahedron. As can be seen in the gel in Figure 2,
differences in migration and band structure amongst the
variants were evident after a three-hour separation at 70 V
over 22 cm in 2% agarose. Bands of the different flat
two-dimensional assemblies displayed a predictably lower
resolution than their fully annealed counterpart, presumably
due to their increased degree of configurational flexibility
around open, flexible joints. Two of these structures, the
linearized n156 form and the rectangular n16, have bands
with a significant population of products which migrate
faster than the full tetrahedron structure containing all
staples. This can be explained by the lack of structurally rigid
triangular substructures within the two frames, which can
lead to an elongated conformation able to effectively rep-
tate through the gel pores. Furthermore, the geometrically
redundant n15 and n56 as well as the n6 configurations all
have primary populations which display a slower migration
character visibly absent from the fully annealed version.
In both cases, this is a strong indication that none of
those are preferentially occurring in any detectible amount
during annealing of the full tetrahedron and that weakened
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(a)

n15/n56

(b)

n16

(c)

n1/n5/n6

(d)

Figure 3: Schematic (upper row), atomic force microscopy (center), and TEM imaging (bottom) of flattened structures produced by targeted
gap staple omission. (a) The chain-like n156 configuration is formed when all gaps are left open. (b) Removal of staple groups connecting
gaps in struts 1 and 5 or alternatively 5 and 6 form the geometrically redundant n15 and n56 projections. (c) Jointed square structures
n16 are formed by the opening of gaps in struts 1 and 6, displaying a degree of transverse flexibility due to possessing four flexible hinges.
Omission of a single gap staple group as in (d) has a three-fold redundancy of structures with geometry indicated by the n6 object shown.
Scale bars: 150 nm (AFM) and 75 nm (TEM).

points in the struts are not ruptured within the gel. This
absence of any primary product resulting from the variable
open configurations which displays the same migration
speed as the full tetrahedron as well as the narrow band
structure of the closed tetrahedron indicate that it adopts
its final, defined conformation unique from those resulting
from some combination of ruptured struts. Approximate
yields of primary annealed products were estimated through
comparison of relative band intensities. For all opened
variants, this was found to be approximately 20–25%, in
a similar range as the fully annealed tetrahedron, although
a lesser degree of band clarity does make any precise
determination in this manner unreliable. Highest yields were
found with the more flexible and elongated n156 and n16
variants, likely due to the greater amount of overall material
able to enter the gel. Conversely, the most rigid of the
variants containing only one gap opening (represented as
n6 in Figure 2) showed the smallest yields of all products,
usually under 20%; however, with the greatest clarity in band
structure and highest amount of aggregation near the gel
pockets.

Prominent bands of each flattened conformation were
excised from the gel, and structures were isolated via spin

filtration before being imaged by TEM and AFM, as shown
in Figure 3. In each case, most structures were found in the
configuration suggested by the pattern of openings along the
struts. Vertices forming connections between three partial or
complete struts appeared to be well formed, and the length of
spanning segments was in the range of the ideally expected
75 nm. In some cases, partial bundles resulting from an
intentionally opened gap were not clearly distinguishable,
likely due to the small size of these parts and possible
overlapping with other struts. Populations containing fewer
deformed or aggregated objects were generally seen under
observation via AFM, likely resulting from the lack of
potentially harsh drying steps which are typical in uranyl
acetate negative staining used for TEM observations.

Taken in concert, the different two-dimensional frames
demonstrate, on an individual basis, the ability for each
vertex and strut, whether continuous or containing a gap
region, to correctly anneal as a part of a particular flat
variant of the tetrahedron. This does not fully eliminate
the possibility that unintended internal stresses resulting
from closure of the full structure lead to some degree of
deformation. However, the single primary band migrating
with the speed different to those of all open conformations
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Figure 4: DNA PAINT measurements on the triangular base
of the tetrahedron. (a) Design schematic of the base showing
docking sites for complimentary biotin- and ATTO655-conjugated
oligonucleotides. The scaffold path is shown in blue, and staples
lacking extended docking sequences are in red. Only basal struts
1, 2, and 3 are shown in the full schematic (left), and local detail
at docking sites on strut 1 is given (right). The six extended staples
containing docking sites for complimentary biotin-nucleotides are
shown in purple, with biotin and the affixed nucleotide strand
in black. Likewise, the three docking staples for ATTO655 dye
are shown in green, while the ATTO655 dye and attached 8-base
nucleotide which transiently hybridize to the structures are in light
blue. (b) Resolution of triangular structure via DNA PAINT. (Left)
Sample frame and (right) superresolution 2D reconstruction of
local binding events. In the color scheme on the reconstructions,
lighter colors correspond to a higher number of binding events,
showing the underlying triangular form matching the schematic
arrangement of dyes. For a comparison, the approximate expected
distance between docking sites of 60 nm is indicated in the image.
Scale bars: 4 μm (left) and 100 nm (right).

is strong evidence for the successful annealing of the full
tetrahedron. From this, we can conclude that rupturing
occurs during fixing and staining procedures onto carbon-
coated TEM grids due to strong surface interactions from
surface adsorption or transverse shear forces incurred in
washing and drying steps.

3.4. Superresolution Analysis via DNA PAINT. Single-layer
DNA origami structures have recently been shown to
function as ideal substrates for superresolution microscopy
techniques such as DNA PAINT [24] (points accumulation
for imaging in nanoscale topography) or Blink microscopy
[19] due to the ability to place fluorescent dyes at prescribed
locations on the structure’s surface with nanometer preci-
sion. The localization of fluorescent molecules beyond the

normal diffraction limit of visible light is predicated by the
principle that only a single molecule within the detection
area is active, that is, emitting fluorescent light, at any
given time [22, 23]. Switching between ON and OFF states
of fluorescent molecules is generally controlled by either
chemical means or by utilizing intrinsic dark states [33].
In contrast, for systems involving interactions on surface-
bound DNA-based nanostructures due to hybridization-
based binding and unbinding between dye-oligonucleotide-
conjugate detector strands and complimentary docking
strands on the structures, switching occurs as a natural
consequence of two factors: (i) freely diffusing strands within
solution cause minimal background due to TIR excitement
of only dyes near to the surface by the evanescent wave
and (ii) a 70% increase of fluorescence is attained upon
hybridization due to a significant reduction of intrastrand
guanine quenching [24]. This results in the relatively
straightforward detection of single hybridization events
occurring between single, labeled detector oligonucleotides
and complimentary docking strands extending outward
from the surface of the origami object. Furthermore, control
over rates of binding/unbinding events can be achieved
by altering the length of the hybridized segment and
concentration of the detector strand within the surrounding
solution, respectively [24].

Binding of tetrahedra to a streptavidin-coated surface
was accomplished by the inclusion of six handle sites for
complimentary biotin-oligonucleotide hybridization, two
each extending from the ends of struts 1, 2, and 3, as indi-
cated in Figure 4(a) and in Figure S1 of the Supplementary
materials. Passivation of the glass surface with a protein
layer containing BSA and streptavidin has the additional
advantage of shielding the negatively charged structures from
the strong electrostatic binding which proves destructive
to their three-dimensional morphology as seen with the
carbon or mica surfaces described in the previous sections.
In addition, one staple with an extended handle sequence
extending from the 3′ end for ATTO655-oligonucleotide
docking was incorporated into each of struts 1, 2, and 3,
as outlined in detail for strut 1 in Figure 4(a) and shown
for all struts in the Supplementary materials in Figure S1.
The positioning of each dye site along its respective strut
is shown in Figure 4(a), which together form a triangular
arrangement with approximately 60 nm dimension. An 8-
base docking length for the detector oligonucleotide was
selected to give sufficiently long binding times for accurate
position determination, and a high detector concentration of
50 nM was chosen in order to have high enough association
rates [24].

Binding/unbinding events were recorded over 100 s with
a capture rate of 20 Hz during TIR excitation from a single-
mode diode laser with wavelength of 650 nm. Recorded
movies were analyzed in a custom software package pro-
grammed in LabVIEW [34]. Spots where binding events in
each frame occurred were fitted with a 2D Gaussian, and
the peak coordinates of each spot were entered into a 2D
histogram with a binning of 10 nm. According to the color
scheme used, brighter spots represent a greater frequency of
binding events at that particular position.
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The left frame in Figure 4(b) shows a single snapshot
of the 11.5 μm × 11.5 μm area monitored, and the two
frames on the right show the superresolved 2D histograms
of two different localized areas of binding/unbinding events.
In contrast to raw data, the superresolved histograms of
local spots indicate a localization of three peak event occur-
rences. The three apparent binding locations on the origami
object display the correct distance scale and geometrical
arrangement for spacing suggested by docking site placement
along the base of the tetrahedron. Through the analysis
of six docking site pairs, we found an average distance
between localized histogram peaks of (68 ± 12) nm. For a
comparison, the approximate expected distance of 60 nm
is indicated in the image. Our data generally demonstrates
the ability for DNA PAINT to resolve subdiffraction limit
structures in two dimensions as well as the potential of such
a DNA origami framework for superresolution techniques.

4. Conclusion

The construction of wire-frame, cage-like structures of
nanometer size is an endeavor which not only holds great
potential for studies requiring mechanically stable nanoscale
spacers and scaffoldings but also could prove crucial for
the development of containers suitable for targeted drug
delivery. In this work, we have presented a DNA origami-
based design for the simplest architecture of this kind; a four-
faced tetrahedron consisting of six flexibly jointed struts.
Analysis of annealed objects via gel electrophoresis strongly
indicates the presence of a population of uniformly annealed
tetrahedra comprising approximately 20% of the total
number of scaffolded objects, although structures appear to
suffer ruptures at select weakened points along the struts
likely due to forces occurring during electrostatic adsorption
to surfaces and staining procedures. Intentional, targeted
opening of these weak “gaps” in the struts via selected staple
oligonucleotide omission led to the formation of a set of four
different open configurations, again at a yield of approx-
imately 20%, which were analyzed by gel electrophoresis
and visualized via atomic force microscopy and transmission
electron microscopy. We found populations of structures
that displayed the expected open morphologies when bound
to surfaces, which demonstrated proper assembly of the
individual vertices and full struts, further supporting the
suggestion of rupture of full three-dimensional frame-
works from external forces. By exploiting the nanometer-
precise positioning of dyes on the tetrahedra, a key feature
provided by the DNA origami technique, its triangular
base was used as a stage for visualization in two dimen-
sions with the superresolution DNA PAINT microscopy
method. Analysis confirmed the triangular arrangement
of attached dyes and similar spacing as predicted by the
structural schematic. As a consequence, we expect such
structures to be suitable test objects for 3D superresolution
microscopy.

While the observed breakage of the tetrahedra at weak-
ened points along the struts is proposed to arise from
external stresses during fixation and staining, this apparent

structural instability under stress is nevertheless a concern
for future implementation of such objects as stable load-
bearing scaffolds or cargo-bearing containers. This can
potentially be resolved by longer overlaps between the
connecting staples spanning the individual helices or by
the incorporation of a linear scaffold strand into future
designs to reduce the weakened gap regions along the struts
imposed by the necessity of maintaining circular scaffold
continuity. Enzymatic ligation of abutting 3′ and 5′ ends
of staples within origami structures has been posited as a
potential means to increase the overall stability of single-
layer architectures [35] and could serve to further strengthen
three-dimensional frameworks as presented in this work.
Additionally, recently developed techniques for metallization
of DNA nanostructures could be applied as a potential means
to mechanically stabilize and electrically functionalize the
tetrahedron and its two-dimensional variants [36–38].
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W. M. Shih, “Self-assembly of DNA into nanoscale three-
dimensional shapes,” Nature, vol. 459, no. 7245, pp. 414–418,
2009.
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Photoresponsive systems for site-selective RNA scission have been prepared by combining Lu(III) ions with acridine/azobenzene
dual-modified DNA. The modified DNA forms a heteroduplex with substrate RNA, and the target phosphodiester linkages in
front of the acridine residue is selectively activated so that Lu(III) ion rapidly cleaves the linkage. Azobenzene residue introduced
adjacent to the acridine residue acts as a photoresponsive switch, which triggers the site-selective scission upon UV irradiation. A
trans isomer of azobenzene efficiently suppresses the scission, whereas the cis isomer formed by UV irradiation hardly affects the
scission. As a result, 1.7–2.4-fold acceleration of the cleavage was achieved simply by irradiating UV for 3 min to the mixture prior
to the reaction. Considering the yield of photoisomerization, the intrinsic activity of a cis isomer is up to 14.5-fold higher than that
of the trans isomer.

1. Introduction

In this couple of decades, significant attention has been
focused on site-selective RNA scission, since it is indis-
pensable for future molecular biology and therapy [1–3].
Discovery of important roles of short RNA in living cells
further promoted this [4]. We have recently developed
efficient artificial systems for site-selective RNA scission by
combining a metal ion (lanthanide ions or some transition
metal ions) as molecular scissor and an acridine-modified
DNA as a sequence selective RNA activator [5]. Either of
the 5′- or 3′-phosphodiester linkage of the target nucleotide
in front of the acridine moiety, which is in protonated
form under neutral condition, is site-selectively activated
through general acid catalysis [6]. When Lu(III) ion is used
as the catalyst, the general acid catalysis preferentially pro-
motes the cleavage at the 3′-side linkage. In addition, con-
formational change of RNA backbone caused by acridine
intercalation is thought to be another important factor in

the activation. The other portions of RNA are protected
from metal ion-induced hydrolysis by duplex formation with
DNA additives. Sequence of the target site can be freely
chosen, and the reaction is selective and efficient enough to
achieve simultaneous tandem scission in close proximity as
small as 10 nucleotides [7]. This technique has been applied
to new genotyping methods for single-nucleotide (SNP) or
insertion-deletion (indel) polymorphisms [8].

One significant advantage of this system is that any
desired function can be added to it by additional modifica-
tion to the acridine-modified DNA. One such example is the
addition of a ligand to DNA to localize the catalyst near the
target site [9]. Introduction of an iminodiacetate ligand to
the point over the major groove results in more than 3-fold
acceleration of the site-selective cleavage. Photoswitching of
the cleavage is another attractive functionalization to the
system, since light can trigger the reaction at any desired
timing without changing chemical or physical conditions
[10]. Azobenzene is one of the most popular photoresponsive
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Figure 1: Structures of the substrate RNA (1) and the modified DNA (2–4). The target phosphodiester linkage (the 5′-phosphate of U-19)
is indicated by the arrow.

molecules used in such studies. Azobenzene isomerizes from
trans isomer, which is planer and rather hydrophobic, into
bulky and polar cis isomer upon UV (λ ≈ 320 nm) irradia-
tion and goes back to trans isomer upon visible light (λ ≈
450 nm) irradiation.

We have reported the first photoresponsive system of
site-selective RNA scission by using acridine-modified DNA
and free Mn(II) ion as a cleaving catalyst [11]. There, an
azobenzene group was inserted between the acridine ring
and the backbone of DNA as a linker (see X2 in Figure 1).
Although phototriggered acceleration of site-selective RNA
scission was achieved in the system, the cleavage activity
was quite marginal (the yield of selective cleavage after 18 h
was 4%), and the magnitude of acceleration was only 40%
after UV irradiation. Accordingly, more active and clear-
cut photocontrol of site-selective RNA scission using free
Lu(III) ion as the catalyst has been desired. In this study,
new photocontrollable site-selective RNA activator has been
prepared by introducing an independent azobenzene residue
to DNA oligomer in combination with an acridine residue

(Figure 1). Such azobenzene residues in trans form stack on
the acridine in the adjacent residue and efficiently inhibit the
site-selective RNA activation. When the solution is irradiated
with UV light and the azobenzene isomerizes into cis isomer,
the acridine is released from stacking, and the cleavage
reaction is significantly accelerated. Clear-cut photo-control
of efficient site-selective RNA scission has been successfully
accomplished.

2. Materials and Methods

2.1. Spectroscopy. 1H NMR spectra were obtained on a
500 MHz NMR spectrometer (Bruker Biospin). For electron-
ic spray ionization (ESI) mass spectroscopy, an HITACHI
M-8000 LC/3DQMS mass spectrometer was used. MALDI-
TOF/MS was measured on a Bruker Daltonics Auto-FLEX
mass spectrometer.

2.2. Preparation of Oligonucleotides. The phosphoramidite
of X3 was synthesized starting from the coupling between
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UV + + +− − −

The -side 1.9% 2% 6.3% 7.6% 4% 5.4%

The -side 1% 2.5% 3.4% 4.3% 11.7% 13.5%
Conversions

Activator

1 2 3 4 5 6 7 8 9

3

5

X1YD X1YD X1 X1X2 X2

Figure 2: A denaturing 20% PAGE pattern for site-selective scission
of 1 activated by 2 or (4 + 5) in the presence of Lu(III) with or
without UV irradiation. Lane 1, control in a buffer solution; lane 2,
treatment with Lu(III) alone; lane 3, RNase T1 digestion; lane 4, 2
and Lu(III) without UV irradiation; lane 5, 2 and Lu(III) with UV
irradiation; lane 6, 4, 5, and Lu(III) without UV irradiation; lane 7,
4, 5, and Lu(III) with UV irradiation; lane 8, 3 and Lu(III) without
UV irradiation; lane 9, 3 and Lu(III) with UV irradiation. The 5′-
side cleavage of U-19 is indicated by the arrow. Conversions of each
scission are presented in the bottom. Reaction conditions; [RNA] =
5 μM, [DNA] = 10 μM, [LuCl3] = 100 μM, [Tris] = 10 mM, [NaCl]
= 200 mM, pH 7.5, 37◦C, 4 h.

2-chloro-4-nitrobenzoic acid and 4-isopropoxyaniline as
described in [6, 12]. The synthetic route for the phospho-
ramidite of X2 is described in [11]. The phosphoramidites
for YD and YL were synthesized according to [13]. All the
oligonucleotides were synthesized on an ABI 3400 DNA
Synthesizer in 1 μmol scale. Reagents for automated DNA
syntheses were purchased from Glen Research Co. (VA,
USA). For the synthesis of modified DNA, an extended
coupling time of 10 min was adopted for the coupling of azo-
benzene- and acridine-phosphoramidite monomers. The
DMTr-off oligonucleotides were cleaved from the support
and deprotected by a treatment with methanolic sodium
hydroxide (1 mL, 0.4 M, methanol : water = 4 : 1) at room
temperature for 16 h.

2.3. Purification and Characterization of the Modified Oli-
gonucleotides. The oligonucleotides were first desalted by
Poly-Pak II cartridges (Glen Research Co.), and the resulting
crude products were then purified by denaturing 20% PAGE.
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Figure 3: Time dependence of UV-VIS absorption of 1/2 complex.
The spectra were measured 0 (black), 1 (purple), 6 (blue), 11
(green), 16 (yellow), and 21 h (orange) after UV irradiation at pH
7.5 and 37◦C. The spectrum after heat shock (trans-dominant) is
drawn in red. The dashed line represents the spectrum of 1/3 com-
plex without azobenzene.

Table 1: MALDI-TOF/MS analyses of the conjugates.

Calcd. m/z

[M + H] Found

2 11511.1 11509.5

3 11136.8 11116.4

6 11592.8 11566.0

7 11592.8 11563.6

8 11592.8 11563.8

9 11592.8 11543.5

10 11218.5 11250.5

Final purification was carried out on a reversed phased HPLC
equipped with an RP-C18 column (Cica-Merck LiChro-
CART 125-4; a linear gradient of 0%–25% acetonitrile
with ammonium formate (50 mM) over 25 min; flow rate
0.5 mL/min). They were fully characterized by MALDI-
TOF/MS in the positive ion mode (Table 1). Concentration
of the stock solution of each oligonucleotide was determined
both with UV absorption of DNA at 260 nm and HPLC
quantification of each nucleosides formed by digestion with
snake venom phosphodiesterase and alkaline phosphatase.

2.4. RNA Cleavage Assay. A mixture of the substrate RNA
(18 μL, 5.5 μM) and modified DNA (11 μM) in pH 7.5 Tris
buffer (11 mM) containing NaCl (220 mM) was prepared
and divided into halves. Both portions were heated to 90◦C
for 1 min and slowly cooled to room temperature. One of
the portions was irradiated with UV light from UV Spot
Light Source (Hamamatsu Photonics) through a UV-D36C
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Figure 4: Structures of the modified DNA bearing more active acridine (X3) and the two azobenzene residues (YD and YL).

(Asahi Technoglass) for 3 min to isomerize trans-azobenzene
into its cis isomer. Selective cleavage reaction was initiated
by adding 1 μL of aqueous LuCl3 solution (1 mM, final
concentration was 100 μM) to the mixture. After incubation
for a predetermined reaction time at 37◦C, the reaction was
quenched by 1 μL of EDTA·2Na solution (100 mM) and
analyzed on 20% denaturing PAGE. All the reactions were
carried out in black tubes so that the cis isomer did not
isomerize into trans isomer by ambient visible light.

3. Results and Discussion

3.1. Photoresponsive Site-Selective RNA Scission by a Com-
bination of Lu(III) Ion and Acridine-Azobenzene Dual-
Modified DNA. To achieve efficient photo-control of site-
selective RNA scission catalyzed by Lu(III) ion, new acri-
dine/ azobenzene dual-modified DNA was synthesized (2
in Figure 1). This DNA has an acridine residue (X1) as
the 18th residue. The acridine ring in X1 is 9-amino-6-
chloro-2-methoxyacridine. This residue is the most popular
acridine residue, which is often used as a duplex stabilizer
or a fluor-escent label [14, 15]. The linker moiety in X1

is a flexi-ble alkyl chain, and the stereochemistry of the
branching point is not controlled. Adjacent to X1, an
azobenzene resi-due (YD) was also introduced as the 19th
residue. This conjugate of D-threoninol and azobenzene is
known to be a good photoswitch of duplex formation [13].
When the corresponding simple acridine-modified DNA 3 is

1 2 3 4 5 6 7 8 9

UV + +− −

Conversions

Activator

The -side 1.6% 1.6% 5.7% 1.9% 1.9% 4.2%

The -side 0.8% 1.5% 16.1% 1.9% 3.8% 46.1%

X1YD X1YD X1 X3YD X3YD X3

3

5

Figure 5: A denaturing 20% PAGE pattern for site-selective scission
of 1 activated by 2, 3, 8, or 10. Lane 1, control reaction in a buffer
solution; lane 2, treatment with Lu(III) alone; lane 3, RNase T1
digestion; lane 4, 2 and Lu(III) without UV irradiation; lane 5, 2
and Lu(III) with UV irradiation; lane 6, 3 and Lu(III) without UV
irradiation; lane 7, 8 and Lu(III) without UV irradiation; lane 8, 8
and Lu(III) with UV irradiation; lane 9, 10 and Lu(III) without UV
irradiation. The 5′-side cleavage of U-19 is indicated by the arrow.
Conversions of each scission are presented in the bottom. Reaction
conditions; [RNA] = 5 μM, [DNA] = 10 μM, [LuCl3] = 100 μM,
[Tris] = 10 mM, [NaCl] = 200 mM, pH 7.5, 37◦C, 4 h.
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UV

The -side 10.6% 9.7% 6.9% 7.2% 5.2% 6.4% 5.9% 5.7%

The -side 4.1% 8.1% 3.9% 8.3% 6.6% 15.6% 4.1% 7.1%
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Activator

3

5
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Figure 6: A denaturing 20% PAGE pattern for site-selective scission
of 1 activated by 6–9. Lane 1, 6 and Lu(III) without UV irradiation;
lane 2, 6 and Lu(III) with UV irradiation; lane 3, 7 and Lu(III)
without UV irradiation; lane 4, 7 and Lu(III) with UV irradiation;
lane 5, 8 and Lu(III) without UV irradiation; lane 6, 8 and Lu(III)
with UV irradiation; lane 7, 9 and Lu(III) without UV irradiation;
lane 8, 9 and Lu(III) with UV irradiation. The 5′-side cleavage
of U-19 is indicated by the arrow. Conversions of each scission
are presented in the bottom. Reaction conditions; [RNA] = 5 μM,
[DNA] = 10 μM, [LuCl3] = 100 μM, [Tris] = 10 mM, [NaCl] =
200 mM, pH 7.5, 37◦C, 7 h.

hybridized to the complementary substrate RNA 1, the target
U-19 residue alone remains unpaired, and the 5′-phosphate
linkage (indicated by the arrow in Figure 1) of the target is
efficiently cleaved by Lu(III) ion in the aid of acid catalysis
by the acridine. The 3′-phosphate linkage is also marginally
cleaved, but it is simply caused by conformational changes
of RNA backbone and is not much affected by the acridine.
As a control, previous dual-modified DNA (4) that bears an
azobenzene as a linker moiety was also used for the cleavage
experiment in combination with an unmodified DNA (5)
and Lu(III).

Figure 2 is a typical denaturing 20% polyacrylamide gel
electrophoresis (PAGE) pattern of the cleavage reactions.
When 1 was hybridized to 2 and Lu(III) ion was added to
the solution under dark, the 3′-phosphodiester of U-19 was
only marginally cleaved, and the target 5′-phosphodiester
was almost intact after 4 h reaction at 37◦C (the lower
band in lane 4). The cleavage yield was 1.9% and 1.0%,
respectively. Compared with 11.7% for the 5′-side cleavage
using simple acridine-modified DNA 3 (lane 8), addition of
trans-azobenzene adjacent to the acridine almost completely
suppressed the selective cleavage. When the annealed mix-
ture was irradiated with UV prior to Lu(III) addition and the

azobenzene was isomerized into cis-form, on the other hand,
the cleavage at the 5′-phosphodiester significantly recovered
(lane 5). The cleavage yield at the 5′-phosphodieser was 2.5%
here (the yield at the 3′-phosphodiester was 2.0% again).
Similar cleavage yields were achieved in two more repeats
of the reaction with independently prepared reaction mix-
tures. More than two times acceleration of the cleavage was
achieved selectively at the target linkage simply with 3-min
UV irradiation. In contrast, little change was observed in
the cleavage in the presence of previous 4 + 5 combination
(lanes 6 and 7). This combination preferentially promotes
the 3′-side cleavage unlike the other acridine-modified DNA,
but the ratio of the 3′-side cleavage to the 5′-side cleavage
was both 1.8 irrespective of the UV irradiation. Previous X2

is not capable of photo-control of Lu(III) catalyzed RNA
hydrolysis. As expected, UV irradiation did not affect the
cleavage using 3, which does not bear azobenzene, as well
(lanes 8 and 9). Effective photoregulation of site-selective
RNA scission catalyzed by Lu(III) is achievable only with
the present system where the acridine and the azobenzene
moieties are separately introduced to DNA as individual
residues.

3.2. Estimation of the Yield of Photoisomerization in DNA/
RNA Heteroduplex. According to the previous studies,
photoisomerization of azobenzene introduced in DNA is
somewhat suppressed when the DNA forms duplex with
complementary DNA or RNA, probably because of stacking
interaction with adjacent base pairs. The yield of trans to cis
isomerization is reported to be only 20%–40% in DNA/DNA
duplex [16]. The isomerization of azobenzene in 2 is also
expected to be not perfect. In addition, it is known that cis
to trans reverse isomerization is triggered not only by visible
light irradiation, but thermal isomerization also occurs in
a significant rate [17]. It is necessary to estimate these
properties of YD introduced next to the acridine residue.

The population of each isomer can be estimated by mon-
itoring the change of absorbance at 332 nm before and after
UV irradiation. Figure 3 shows UV spectra of 1/2 complex
before and after UV irradiation. After UV was irradiated
to the solution, significant hypochromicity at 332 nm was
observed. The absorbance gradually recovered thereafter, and
the first-order rate constant of reverse isomerization was
obtained from the time dependence of Abs332 to be 0.032 h−1.
This number corresponds to the half-life of 16 h. It is fairly
long enough for the reaction time employed in this study.
Considering that ε332, trans/ε332, cis = 9.15 and the ratio of the
population of trans- to cis-isomer is 94 : 6 after heat shock
(90◦C for 1 min) [18], the ratio just after UV irradiation is
estimated to be 70 : 30. Almost no change was observed for
the absorbance at 260 nm before and after UV irradiation
(data not shown). Thus, isomerization of the azobenzene
in such a long oligonucleotides does not affect the overall
duplex formation under the conditions employed here.

3.3. Still Faster Photocontrolled Cleavage by Use of More
Active Acridine Residue. The acridine residue X1 used in the
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Figure 7: A proposed mechanism of the Photoswitching of site-selective RNA scission by azobenzene residues. (a) Azobenzene residues
in trans form stack on the acridine in the adjacent residue and efficiently inhibit site-selective RNA activation. (b) When the solution is
irradiated with UV light and the azobenzene isomerizes into cis isomer, the acridine is released from stacking and the cleavage reaction is
significantly accelerated.

above experiments is commercially available and bears 9-
amino-6-chloro-2-methoxyacridine. In our previous studies
optimizing the structure of the acridine ring and the linker
moiety, far more active acridine residue (X3 in Figure 4) has
been developed [12, 19]. This X3 bears more acidic 9-amino-
2-isopropoxy-6-nitroacridine via optically pure linker based
on L-threoninol and 4-aminobuthanoic acid and shows
nearly three times higher RNA activation ability than X1. By
using X3, four kinds of dual-modified oligonucleotides were
prepared. The dual-modified oligonucleotide 8 is a counter-
part of 2 and bears X3 in place of X1 in a combination with
YD in the 3′ side. The oligonucleotide 9 also bears X3 and
YD in the middle, but YD is inserted in the 5′ side of X3.
A previous study has shown that the steric effect caused by
the isomerization of azobenzene strongly depends on the re-
giochemical conformation of the threoninol backbone [13].
For the purpose of comparison, YL, a diastereomer of YD,
was prepared and incorporated into oligonucleotides 6 and
7.

Figure 5 shows a comparison of site-selective RNA
scission using oligonucleotides bearing 9-amino-6-chloro-
2-methoxyacridine (2 and 3) and 9-amino-2-isopropoxy-6-
nitroacridine (8 and 10). As in lane 9, the oligonucleo-tide
bearing 9-amino-2-isopropoxy-6-nitroacridine via L-threo-
ninol linker (10) also efficiently activates RNA and promotes
site-selective scission catalyzed by Lu(III). The efficacy is
nearly three times as high as that of 3. When an azobenzene
residue with D-threoninol linker (YD) in trans form was
inserted to the 3′ side of the acridine residue (8, lane 7),
the site-selective cleavage was drastically suppressed just as
in the system with 9-amino-6-chloro-2-methoxyacridine (2,

lane 4). However, the cleavage activity significantly recovered
when UV was irradiated to the reaction mixture for 3 min
prior to the initiation of cleavage reaction (lane 8). The yield
of site-selective cleavage at the 5′-phosphate is again twice as
high as that without UV irradiation.

To evaluate how the position of insertion and the
regiochemical conformation of an azobenzene residue affect
on its Photoswitching yield, site-selective RNA scission using
6–9 was performed (Figure 6). Note that the reaction time
in this experiment was extended to 7 h to obtain more
explicit difference in the cleavage yields. The recovery of
the reaction activity after UV irradiation (=the yield of
the 5′-phosphate cleavage with UV irradiation/that without
UV irradiation) was 2.0-fold for 6, 2.1-fold for 7, 2.4-fold
for 8, and 1.7-fold for 9. These results indicate that an
azobenzene residue in trans form efficiently inhibits site-
selective RNA activation irrespective of the position of its
insertion and the regiochemical conformation of the linker
moiety, and an azobenzene residue in cis form does not.
In all of the cases, change in the 3′-side scission before
and after UV irradiation was quite marginal. Considering
that the general acid catalysis by protonated acridine has
almost nothing to do with the 3′-side cleavage [6, 19], the
present enhancement of the 5′-side cleavage may be mainly
because of the recovery in general acid catalysis. It has
been shown that an azobenzene in trans form is sufficiently
planer and hydrophobic to stack on adjacent DNA base
pairs when it is introduced into DNA duplex [20]. Strong
stacking interaction in DNA duplex is also reported for
various dyes bearing similar azobenzene rings [21]. The
efficient inhibition of the function of acridines observed in
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the present study may thus be attributed to the stacking
interaction between trans-azobenzene and the acridines as
well (Figure 7). This mechanism is also supported by an
observation that incorporation of two acridine residues into
the target site strongly decreases the cleavage yield [5]. The
trans to cis isomerization triggered by UV irradiation releases
the acridine from the stacking, and let it activates RNA. If
this is the case, 1.7–2.4-fold recovery of the cleavage activity
observed in Figure 6 after UV irradiation can be attributable
mainly to the increase of the population of cis isomer from
6% to 30%. The ratio of the intrinsic activity of the cis isomer
of 8 to the trans isomer can be calculated from

2.4
(
0.06x + 0.94y

) = 0.30x + 0.70y, (1)

where x is the intrinsic activity of the cis isomer and y is that
of the trans isomer. Thus, the activity of 100% cis isomer
calculated from these numbers is as much as 14.5 times
higher than that of 100% trans isomer for 8 and 4.5 times
higher for 9.

4. Conclusions

Efficient photo-control of site-selective RNA scission have
been accomplished by combining free Lu(III) ion with
dual-modified oligonucleotides which bear photoresponsive
azobenzene residue adjacent to the acridine residue. Intrinsic
activity of cis isomers of the dual-modified oligonucleotides
is estimated to be up to 14.5 times as high as that of trans
isomers. The suppressed activities by the introduction of
trans azobenzenes were recovered by a factor of 2-3-fold
simply with 3-min UV irradiation. Since the isomerization
of azobenzene is reversible and cis- to trans-isomerization is
with visible light, switching-off of the selective cleavage is also
quite feasible with the present design. The most important
advantage of the present design is the ease of individual
optimization of the acridine and the azobenzene residues,
as been presented for the acridine residue in this study.
Various azobenzene derivatives with additional substituents
of improved properties such as higher photoisomerization
yield or enhanced thermal stability have been developed and
introduced to DNA to date [22, 23]. Perfect on-off switching
of RNA cleavage may be feasible by further promoting the
isomerization using such improved azobenzene monomers.
Development of further versatile tools in biochemistry is ex-
pected.
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Unnatural nucleosides have been explored to expand the properties and the applications of oligonucleotides. This paper briefly
summarizes nucleic acid analogs in which the base is modified or replaced by an unnatural stacking group for the study of nucleic
acid interactions. We also describe the nucleoside analogs of a base pair-mimic structure that we have examined. Although the base
pair-mimic nucleosides possess a simplified stacking moiety of a phenyl or naphthyl group, they can be used as a structural analog
of Watson-Crick base pairs. Remarkably, they can adopt two different conformations responding to their interaction energies, and
one of them is the stacking conformation of the nonpolar aromatic group causing the site-selective flipping of the opposite base in
a DNA double helix. The base pair-mimic nucleosides can be used to study the mechanism responsible for the base stacking and
the flipping of bases out of a nucleic acid duplex.

1. Introduction

Nucleic acids have many remarkable properties that other
molecules do not possess. The most notable property is the
ability of sequence-specific hybridization through Watson-
Crick base pairing. Even a short oligonucleotide sequence,
readily synthesized chemically and available on the market at
a relatively low cost, can self-assemble into a defined struc-
ture and hybridize specifically to a target sequence in accor-
dance with the base pair-rule of A/T and G/C. Importantly,
the controls of the self-assembly and the hybridization are
not difficult when one considers the interaction energy of
nucleic acid reactions [1]. Additionally, it is possible to con-
jugate with other molecules, such as fluorescent dyes, amino
acids, and nanoparticles. Thus, the methodologies that uti-
lize DNA and RNA oligonucleotides as a tool for technology
such as nanomaterial and medicinal and therapeutic usages
have become of broader interest over the past decades.

The most common structure formed by base pairing is
the right-handed double helix. The geometry of Watson-
Crick base pairs mediated by hydrogen bonding is similar
regardless of the nucleotide sequence, and this allows a dou-
ble helical conformation virtually identical without disrupt-
ing coplanar stacking between adjacent base pairs. Interbase
hydrogen bonding is responsible for the association of com-
plementary bases, which is essential for the storage and re-
trieval of genetic information. Hydrogen donors and accep-
tors on the purine and pyrimidine bases direct the base pair
partner by forming two hydrogen bonds in the A/T pair and
three in the C/G pair (Figure 1(a)). According to the number
of hydrogen bonds, the C/G pair appears more stable than
the A/T pair. However, because base stacking is formed si-
multaneously with the hydrogen bonding, both interactions
contribute to the integrity and the thermodynamic stability
of base-paired structures. In contrast to hydrogen bonding,
the base stacking does not demand a particular interaction
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partner, while the interaction energy between purine bases
is usually greater than that between pyrimidine bases due to
the larger overlapping area of purine bases. The strength of
the stacking interaction has particular relevance to the con-
formation of unpaired nucleotides, for example, single-
stranded overhangs and the helical junction containing a
nick site, whether stacked or bent [2–5]. The degree of stack-
ing is also important for the design of fluorescent dye mol-
ecules attached to an oligonucleotide [6]. It is an important
feature in nucleic acids that the base pair is formed in concert
with the binding of cations and water molecules. Because the
base pairing brings the sugar-phosphate backbones close to
each other which increases the electrostatic repulsion be-
tween the phosphate groups, counterions must bind to nu-
cleic acids through Coulomb interaction [7]. Formation of
the base pairs also accompanies rearrangements of the hy-
dration layer surrounding nucleic acid chains, especially
around the bases and within the helical grooves [8, 9].

The nearest-neighbor model is widely used to account
for the thermodynamic behavior of Watson-Crick duplexes.
The model assumes that the base pair formation is mostly
affected by adjacent (nearest-neighbor) base pairs by taking
into account the contributions from base stacking as well as
interbase hydrogen bonding. Nearest-neighbor parameters
for base pairing have been extensively investigated, and the
Gibbs free energy at 37◦C (ΔG◦37) that ranges from –0.2 to
–3.4 kcal mol−1 (1 kcal = 4.18 kJ) for each nearest-neighbor
base pair is useful to predict the hybridization energy and
folding structures of DNA and RNA [2, 10]. Although the
energy data include contributions from the hydrogen bond-
ing and the base stacking, the free-energy increments from
each interaction have been estimated from the studies using
unnatural nucleotides and dangling end residues and by

manipulating known loop interactions [11–13]. Interest-
ingly, the quantitative data suggest that the free energies for
forming a single hydrogen bond and the stacking interaction
are comparable to each other, providing from –0.2 to
–1.8 kcal mol−1 in ΔG◦37 under a competitive correlation
(Figure 1(b)), where the base pairing with a lower hydrogen
bond energy provides a greater stacking energy [11]. The
phenomenon can be accounted for by assuming the interac-
tion mechanism in which the geometry optimized for inter-
base hydrogen bonding is not suitable for base stacking and
vice versa. On the other hand, investigations of the coaxial
stacking of nicked and gapped sites suggest that base stacking
is the major stabilizing factor in a double helical structure of
DNA [3, 5]. Studies on the stacking interaction are important
for understanding not only the fundamental aspects of nu-
cleic acid interactions but also the biological processes in-
volving base pair formation and strand opening, such as
DNA replication and refolding of nucleic acid structures.

Many unnatural nucleosides have been explored accord-
ing to various demands of researchers. They have been mod-
ified or replaced the nucleotide base (C5-modified uridine
nucleosides, N3-modified cytidine nucleosides, nonpolar
nucleosides replaced with an aromatic hydrocarbon group,
etc.) or the sugar-phosphate backbone (2′-O-modified RNA,
phosphorothioate DNA, morpholino oligonucleotide, pep-
tide nucleic acid, locked nucleic acid, etc.), as introduced in
preceding articles (e.g., [14–16]). In this, we briefly introduce
the nucleic acid analogs possessing an unnatural stacking
group. We also describe the nucleoside derivatives of a base
pair-mimic structure that we have examined to understand
the biochemical properties of nucleic acid interactions, for
example, the mechanisms responsible for the nucleotide base
stacking and the flipping of bases out of a nucleic acid duplex.



Journal of Nucleic Acids 3

O
HO

OH

O
HO

OH

O
HO

OH

O

N

O

O

N

N

NH HN

HO

OH

N

HN

(a)

N

N

N

N

HN

H

HN

H

N N

O

N

N

N

N

N

N

N

N

N

N

H

H

N N N
H

H

H

O

N

N

N

N

N

N

C1 C1

C1

C1

C1

C1

(b)

Figure 2: (a) Structures of unnatural nucleosides as a base analog with an aromatic hydrocarbon group in place of the purine and pyrimidine
bases. (b) Structures of the base pair analogs that provide the interstrand crosslinking sites. The covalent bonds linking the nucleic acid bases
are highlighted in blue.

2. Unnatural Nucleosides That Mimic
Nucleotide Bases

There are many reports of unnatural nucleosides developed
for various purposes. Some are aimed at enhancing the affin-
ity and selectivity in targeting to DNA and RNA sequences
by increasing the number of hydrogen bonding sites or by
addition of extra aromatic rings to the pyrimidine base [14].
The DNA base analogs lacking particular hydrogen-bond
donor and acceptor groups are also used to investigate the
influences of the polar groups in DNA bases on the base
pair stability [17]. On the other hand, many nonhydrogen-
bonding analogs with an aromatic hydrocarbon group in
place of the base have been explored (some examples are giv-
en in Figure 2(a)). Planar aromatic molecules of an expanded
size are beneficial for increasing the interaction energy. If the
aromatic group lacks the atoms involved in hydrogen bond-
ing, they may pair with any of the natural bases with little
discrimination [15, 18]. The nonpolar base mimics of an
aromatic hydrocarbon group, such as benzene, naphthalene,
and pyrene, attached to C1′ of ribose in place of the purine
and pyrimidine bases were incorporated at the end of and
in the center of a DNA strand [19]. It was found from the
research that a less-polar compound stacked more strongly
when molecules of the same size were compared and that the
pyrene stacking was the strongest among the tested aromatic
groups. However, it is known that the interaction with a
strong stacking group often disrupts the helical structure of

DNA. For example, planar polycyclic surrogates possessing
fused 1–3 aromatic rings or more intercalate into a DNA
duplex and perturbs the helix conformation [20–23]. The
covalently appended quinoline residue at the terminal of an
oligonucleotide also largely disrupts the DNA duplex struc-
ture [24]. The large aromatic groups of the pyrene-modified
and porphyrin-modified nucleotides inserted into a DNA
helix are found to interfere with the opposite base stacking
and are forced to flip to an extrahelical position [25, 26]. The
energy cost for the base flipping is quite high due to the loss
of base stacking, but it can be compensated by intercalation
of the large nonpolar aromatic group into the duplex.

Several types of compounds to introduce a covalently
linked base pair portion have been developed to provide in-
terstrand crosslinking sites in DNA strands (Figure 2(b)). In
principle, the covalent bonds adducting between the probe
strand and a target sequence are not dissociable, so that they
are assumed to be useful for applications in gene regulation.
There are two strategies for incorporating covalently linked
sites in a DNA duplex. One is to use a fused base pair analog
consisting of purine and pyrimidine nucleosides linked by
covalent bonds [27, 28]. An alternative strategy is to use an
unnatural nucleoside bearing a reaction group for alkylation,
Schiff base formation, or other types of covalent bond for-
mation triggered by the addition of a reaction reagent or the
exposure to a light [29, 30]. Formation of the covalent bonds
between two bases is triggered by a sequence-specific hy-
bridization with a target sequence, while particular metal
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ions (e.g., Ag+, Hg2+, and Cu2+) can mediate covalent bond-
ing with the use of natural bases as well as unnatural bases
[31, 32]. Because the covalent bonds are formed only when a
target site is located at a close distance, molecular design con-
sidering the distance between the crosslinking group and the
target site is critical.

Chemical synthesis using the solid phase method is
widely used for site-selective incorporations of unnatural nu-
cleosides by preparing their phosphoroamidite derivatives.
On the other hand, DNA polymerase reaction can be ap-
plied, especially for incorporation at multiple sites and into
a long DNA strand. Many pairs of base analogs that extend
the genetic code have been reported [33, 34]. They are se-
lectively incorporated into a DNA strand at desired positions
using DNA polymerase, in accordance with their hydrogen-
bond donor and acceptor sites and even through steric
complementarity of the shape and size of the base analogs.
Examinations of whether unnatural nucleosides can be used
as a substrate for biological enzymes are important for appli-
cations as an anticancer drug and an agonist of receptors and
enzymes [35, 36].

3. The Base Pair Analogs of
a Base Pair-Mimic Structure

3.1. Design and Synthesis of the Base Pair Analogs Tethering a
Nonpolar Stacking Group. Stacking interaction of the purine
and pyrimidine bases is mediated by the combination of elec-
trostatic, hydrophobic, and dispersive forces. Although the
base pair interaction energy is well studied, the mechanism
responsible for the base stacking is poorly understood. We
are aiming to understand better the biochemical properties
of nucleic acid interactions and the mechanisms behind the
stacking interaction by using base pair analogs. For the in-
teraction mechanism study, it is important to design nucleic
acid analogs that are compatible with the interaction geome-
try of canonical base pairs in a double helical conformation.
We had designed the compounds tethering a simple aromatic
hydrocarbon group of a base pair-mimic structure, as shown
in Figure 3: the deoxyadenosine derivatives containing
the phenyl group Aphe (N6-(N ′-phenylcarbamoyl)-2′-de-
oxyadenosine) or the naphthyl group Anaph (N6-(N ′-naph-
thylcarbamoyl)-2′-deoxyadenosine) and the deoxycytidine
derivatives containing the phenyl group Cphe (N6-(N ′-phe-
nylcarbamoyl)-2′-deoxycytidine) or the naphthyl group
Cnaph (N6-(N ′-naphthylcarbamoyl)-2′-deoxycytidine). The
base pair analogs of AX and CX, where X is phe or naph, have

a nonpolar base analog of the phenyl or naphthyl group at-
tached to the amino group of deoxyadenosine or deoxycy-
tidine by an ureido linker. Thus, the configuration of the
ureido linker is associated with the orientation of the non-
polar aromatic group. The phenyl and naphthyl groups can
stack with a nucleic acid duplex when adopting the base
pair-mimic geometry, of which the nonpolar base analog
occupies the Watson-Crick face of the adenine or cytidine
moiety (Figure 4(a)). According to the molecular modeling
study, the naphthyl group as well as the phenyl group can be
accommodated in a DNA duplex without significant pertur-
bation of the sugar-phosphate backbone conformation when
the opposite nucleotide base is absent. On the other hand,
the base pairing with a complementary base, AX/T and CX/G,
through intermolecular hydrogen bonding is allowed when
the nonpolar aromatic group is located out of the helix
(Figure 4(b)). The potential to adopt two different confor-
mations is characteristic of the base pair-mimic nucleosides
shown in Figure 3. It is important to note that the stacking
mechanism between the natural bases and the nonpolar aro-
matic groups is different (Figure 4(c)). In general, stacking of
a planar aromatic group can be mediated by the combination
of electrostatic, hydrophobic, and dispersive forces. However,
less contributions from the hydrophobic effects are suggested
for the stacking of natural bases, while the hydrophobic effect
and dispersion become more significant than electrostatic
forces for the stacking of nonpolar groups [37–40].

Chemical synthesis and incorporation of the base pair-
mimic nucleosides into a DNA strand are simple. Synthesis
of the deoxyadenosine and deoxycytidine derivatives can be
started with 2′-deoxyadenosine and 2′-deoxycytidine, re-
spectively (see the supplemental data in [41]). The com-
pounds are incorporated into an oligonucleotide at high ef-
ficiency using an automated synthesizer based on phospho-
roamidite chemistry. We have prepared the DNA oligonu-
cleotides bearing AX or CX at the end of and in the middle
of a sequence. The thermal melting curve was determined to
obtain the thermodynamic parameters for DNA structure
formations in the 1 M NaCl-phosphate buffer at pH 7.0,
which is the condition widely used for determining the sta-
bility of oligonucleotide structures. The duplex conforma-
tion was investigated using circular dichroism (CD) spectra,
a fluorescent base analog, and polyacrylamide gel electro-
phoresis.

3.2. Dangling End Stacking of the Base Pair-Mimic Nucle-
osides. According to the nearest-neighbor model, energy
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contribution from the stacking interaction can be evaluated
from the interaction energy between the unpaired dangling
residue and the adjacent base pair at a helix terminus
[42, 43]. Duplex stability increases when the dangling end
stacking is significant. For natural DNAs, increments in the
interaction energy by a single dangling end ranges from 0.48
to −0.96 kcal mol−1 in ΔG◦37, depending on the dangling end
residue, its position at either 5′ or 3′ of the strand, and the
adjacent base pair [42, 43]. Particularly, a dangling A in-
creases the duplex stability by 0.1∼−1.0 kcal mol−1, which
is greater than that provided by a dangling C (0.3 ∼
−0.5 kcal mol−1), indicating the greater stacking strength of
adenine than of cytosine. In contrast, we found that both
AX and CX provided much more interaction energy (−0.1∼
−1.8 kcal mol−1) [44, 45], which was comparable to the for-
mation of Watson-Crick A/T and C/G base pairs (–0.5∼
−1.8 kcal mol−1) and the stability reported for the dangling
pyrene-modified nucleotide (−1.7 kcal mol−1) [19, 38]. The
large stabilization energy suggests that the nonpolar aromatic
groups efficiently stack with the terminal base pair by adopt-
ing the base pair-mimic geometry as indicated in Figure 5(a),
in which the ureido linker may interact with N1 of adenine
or N3 of cytosine.

The dangling end study provides valuable insights into
the stacking energy contributed from the nonpolar aromatic
groups. The stabilization energies from the dangling Aphe and
Anaph were similar to each other, and those from Cphe and
Cnaph were as well. The similarity in the energy contributions
from the phenyl group and the naphthyl group suggests that
the overlapping area of the stacking group, which is relevant
to the dispersive and hydrophobic contributions, is not the
major determinant for the stacking energy. It has been pro-
posed that the dominant contribution to the stabilization
from a dangling end nucleotide comes from the stacking con-
formation that covers the atoms participating in the hydro-
gen bonding of an adjacent base pair [4]. In fact, the hy-
drogen-bonding atoms of the terminal base pair are well
covered with the stacked phenyl and naphthyl groups and the
ureido linker (Figure 5(a)). It is an interesting finding that
large stabilization energy was provided by CX regardless of
the low stacking energy from the cytosine alone. This obser-
vation suggests a positively cooperative interaction between
the stacking of the base moiety and the stacking of the
nonpolar aromatic group. The interplay in the interactions
of two planar aligned stacking groups could also be inherent
in Watson-Crick base pairs that are noncovalently linked to
each other (Figure 5(b)).
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3.3. Mechanism of the Base Stacking Interaction Revealed by
the Base Pair-Mimic Nucleosides. The stacking circumstances
between at the terminal and in the center of a DNA duplex
are quite different. There is more susceptibility to base pair
fraying and water accessibility at the terminal than at the
center of a DNA strand. Additionally, there is no remarkable
conformational restriction for the stacking at the end; thus
the stacking interaction by a dangling end residue can be
maximized while the stacking geometry in the center of a
DNA duplex is highly restricted. For comparison with the
dangling end stacking, we further investigated the DNA
duplexes bearing the base pair-mimic nucleosides in a helix
center. Because severe steric hindrance with the opposite nu-
cleotide base was expected, the DNA duplexes bearing tet-
rahydrofuran as an abasic site analog were investigated
(Figure 6(a)) [41]. Introduction of the abasic site in an 11-
mer DNA duplex largely decreased the duplex stability (by
5.2 kcal mol−1) due to losing the base stacking and providing
additional flexibility to the helix. However, the duplex sta-
bility was markedly restored by the replacement of A by
Aphe (−3.0 kcal mol−1, as the restored free energy) or Anaph

(−4.1 kcal mol−1) opposite the abasic site and also by
the displacement of C by Cphe (−2.7 kcal mol−1) or Cnaph

(−3.6 kcal mol−1). The thermodynamic data indicate inter-
calation of the nonpolar aromatic groups in the DNA duplex
by adopting the base pair-mimic geometry presented in
Figure 6(a). In contrast to the case of dangling end stacking,
the interaction from the naphthyl group was stronger than
that from the phenyl group, and their interaction energies
were obviously lower than the formation of a Watson-Crick
base pair.

It is a remarkable finding that, although the interaction
mechanism differs between the base pair-mimic nucleoside
and the Watson-Crick base pair, a linear free-energy corre-
lation between them are exhibited: as the interaction free
energy from the base pair analog increases, the interaction
energy for the corresponding base pair formation (AX/F for
A/T base pair, and CX/F for C/G base pair) increases [45]. A
similar relationship was obtained with the dangling end data
relative to the corresponding Watson-Crick base pairs (AX

for A/T base pair and CX for C/G base pair). These ob-
servations suggest that the major interaction mechanism that
determines the strength of DNA base stacking is maintained
in the aromatic group stacking, even though the phenyl and
naphthyl groups lack significant dipole moments and hydro-
gen bonding sites. This finding is useful to understand nu-
cleic acid interactions and to design new unnatural nucle-
otides with aromatic groups for use in diverse applications.

Our base pair analogs are also useful for the study of DNA
hydration. Hydration of a DNA duplex has been extensively
studied from the structural point of view [46–50]. While
the purine and pyrimidine bases have the hydration sites
of the amino group and oxygen and nitrogen atoms, the
nonpolar aromatic groups in AX and CX lack hydrogen donor
and acceptor sites. Because perturbation of a DNA duplex
structure by the nonpolar group stacking is minimized, it
would be possible to evaluate the contributions of polar
groups and the polarity of DNA bases to the water binding,
which is in progress.

3.4. Site-Selective Base Flipping Using the Base Pair-Mimic
Nucleosides. Remarkably, even when we did not insert an
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abasic site in the complementary DNA strand, the deoxyad-
enosine derivatives adopted the base pair-mimic geometry by
intercalating the nonpolar aromatic group in a DNA duplex
with minimized disruptions of the overall duplex structure.
Strikingly, the ΔG◦37 values for forming the DNA duplex con-
taining AX opposite any nucleotide component (A, G, C, and
T) were similar to each other and even similar to when the
abasic analog was applied. The stacking of the nonpolar aro-
matic group causes the opposite base to be flipped out of the
duplex (Figure 6(b)), and the resultant duplex becomes syn-
onymous in terms of the double helical conformation re-
gardless of the opposite base component, which was verified
from CD spectra, fluorescence measurements using the flu-
orescent base analog 2-aminopurine, and the mobility in
polyacrylamide gel [41]. Although the stacking efficiency is
largely influenced by the adjacent base pairs, the base flipping

conformation was suggested for any type of the closing base
pairs.

We also tested the base flipping of an RNA strand. The
DNA strand containing the base pair analog was hybridized
with a complementary RNA sequence, thereby forming an
RNA/DNA hybrid duplex. As predicted from the nearest-
neighbor parameters determined for the hybrid duplexes
[51], the thermal stability of RNA/DNA duplexes containing
a mismatch site differed depending on the type of mismatch
pair (the melting temperature Tm of the 11-mer natural du-
plexes forming A/A, A/G, A/C, and A/U pairs differed by
12.9◦C). On the other hand, the duplexes containing Aphe

or Anaph in place of A exhibited almost the same stability,
within a 2.0◦C difference in the Tm among the duplexes
containing AX/A, AX/G, AX/C, or AX/U pair. This observa-
tion is consistent with the unstacked conformation of the
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RNA base opposite AX. The sugar-phosphate backbone of
RNA perturbed due to the unstacking conformation can be
preferentially hydrolyzed as a consequence of specific base
catalysis at the site adopting the in-line attack arrangement
[52, 53]. Indeed, we found highly site-selective cleavage at
any ribonucleotide base opposite AX in an RNA/DNA duplex
[54]. The RNA-hydrolyzing activity agrees with the base flip-
ping model in which AX forces the opposite base to flip out
in an unstacked position (Figure 6(c)). The rate of the RNA
hydrolysis was relatively slow comparable to the nonspecific
hydrolysis of a single-stranded RNA strand but much faster
than those of the unmodified duplexes forming a mismatch
pair [55]. Thus, it is likely that AX induces the base flipping of
a structurally unconstrained phosphodiester bond as much
as ribonucleotides in a single-stranded state. A highly site-
selective hydrolysis without base-pairing selectivity has a
great advantage for biotechnology and therapeutic uses, thus
the RNA cleavage using anoligonucleotide attaching artificial
scissors of a metal ion-coordinating group, such as ion mac-
rocycles, cationic amines, imidazole derivatives, and acridine
derivatives, has been reported [56, 57]. However, it is usually
difficult to restrict the site to be cleaved because of the dif-
ficulty in reducing the nonspecific hydrolysis due to confor-
mational flexibility and distortion. The RNA hydrolysis by
our base pair analogs is highly site-selective, which arises
from minimized disruptions of the double helical structure
and the thermal stability.

3.5. Dual Conformation Depending on the Interaction Energy.
Formation of the base flipping is somewhat surprising from
the point view of interaction energy. The flipping confor-
mation is adopted by moving the base from an intrahelical
to an extrahelical position. Energetics of the equilibrium
between the base stacking conformation and the flipped-out
conformation are important to understand the mechanism
of the flipping of bases out of a DNA duplex. However, the
energy levels of these two conformations are usually largely
different, and thus, the base stacking conformation cannot
be formed without any cofactor. In nature, the base flipping
is seen as an intermediate in the DNA base repair and DNA/
RNA base modification pathways, mediated by uracil DNA
glycosylase, DNA methyltransferase, and RNA adenosine
deaminase, and so forth. These enzymes cause the target base
to be flipped out of the duplex, where the energy cost for base
flipping is compensated by intercalating the side chain of
amino acids and/or forming direct inter actions with the
flipped-out base [58–60]. Likewise, the base flipping confor-
mation can be prepared using the porphyryin and pyrene-
modified nucleosides that compensate for the energy cost by
the intercalation of the large stacking group [20, 21, 61].
Unlike these base analogs with a large aromatic group, our
base pair analogs possessing a small aromatic group can
provide enough interaction energy to stabilize the base flip-
ping conformation with minimized structural disruptions
of the double helical structure. Even when T is located
opposite to AX, the intercalation energy for the nonpolar
group stacking is greater than the interaction energy for base
pairing through interbase hydrogen bonds [41, 54].

It is an interesting finding that the pair-mimic nucleo-
sides can recognize the complementary base under certain
conditions, and the conformation changes depending on the
interaction energies between the nonpolar group stacking
and the base pairing through hydrogen bonds (Figure 7).
When the deoxycytidine derivatives were investigated, the
thermodynamic stability and the RNA hydrolysis data agreed
with the flipping of A, C, T, or U opposite to Cphe. However,
the base pair through hydrogen bonding is formed between
Cphe and G by orienting the nonpolar aromatic group into
the major groove of the duplex, rather than the guanine flip-
ping conformation [55]. This observation is markedly dif-
ferent from the deoxyadenosine derivatives inability to form
the base pair with T and U. The importance of the interaction
energy in the conformation of Cphe was suggested from the
studies using inosine (I) lacking the 2-amino group of G.
The inosine base opposite Cphe was found to be flipped out.
This observation clearly demonstrates that the phenyl group
stacking overcomes the base pairing of Cphe/I through two
hydrogen bonds but not that of Cphe/G through three
hydrogen bonds (Figure 7(a)). Hence, our base pair analogs
can discriminate the bases in accordance with the base pair
interaction energy, such as G from I in which the base pair
stability with cytosine differed by only about 1 kcal mol−1. In
a similar mechanism, recognition of a weakened base pair
stability is suggested for the DNA damage searching by
a DNA repair protein of human O6-alkylguanine alkyl-
transferase [60]. Additionally, we have also found that the
triphosphate derivative of Aphe can be incorporated opposite
T in a DNA template by DNA polymerases (manuscript in
preparation), suggesting the conformational change in Aphe

depending on the molecular environment (Figure 7(b)). It
was also found that the equilibrium shift to the nonpolar
group stacking conformation was more obvious when the
phenyl group was replaced by the naphthyl group. We can
conclude that the base pair-mimic nucleosides can poten-
tially adopt a dual conformation in the nonpolar group
stacking and the base pairing with a complementary base,
depending on their interaction energies.

4. Concluding Remarks

This paper describes nucleic acid analogs with the modifica-
tion and substitution of the purine or pyrimidine base used
for the study of nucleic acid interactions. There are also many
research studies on the modification at the sugar-phosphate
backbone to enhance the hybridization efficiency and to pro-
vide greater nuclease resistance for oligonucleotides [62, 63].
For the interaction study, the backbone modification is im-
portant to reveal the role of the sugar-phosphate atoms on
the cation binding and nucleotide hydration. In comparison
to the case of base modifications, molecular design for the
backbone modification is more difficult because interactions
involved in the backbone atoms are not fully understood.

Particular base analogs with a nonpolar aromatic group
can be applied for the interaction study between DNA and
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Figure 7: The equilibria between the conformations of the nonpolar group stacking and the base pairing of the deoxycytidine (a) and
deoxyadenosine derivatives (b), where R indicates the nonpolar aromatic group of the phenyl or naphthyl group.

proteins. For example, nonpolar pyrimidine and purine
analogs were used to investigate the base pair geometry in the
selection of substrate nucleotides by DNA polymerases [64]
and the deleterious effects of eliminating a particular base in
a DNA duplex on the interaction with topoisomerases [65].
The pyrene-modified nucleotide in a DNA strand was found
to be able to restore the catalytic activity of mutant uracil-
DNA glycosylases by assisting the target uracil to be flipped
out of the DNA duplex [25, 61]. The base pair analogs shown
in Figure 3 are the distinguished Watson-Crick base pair
analogs that are accommodated to the DNA duplex structure
with minimum disruptions of the conformation and the
thermal stability, and they can be used for the study of nucleic
acid base interactions such as the base stacking, hydration,
and DNA-protein interactions. The base flipping conforma-
tion prepared using the base pair-mimic nucleosides is useful
to cleave a target RNA sequence and allows evaluation of the
dynamics and energetics of the base flipping conformation
found in the DNA repair and base-modification proteins
and in RNA reactions of the mRNA splicing and ribozyme
reactions [66, 67]. The base pair-mimic nucleosides also have
an outstanding property to adopt the dual conformation
responding to the condition, which is useful to investigate
base flipping under the equilibrium with base pairing. There-
fore, the molecular design using a flexible linker that tethers
a modest stacking group to a purine or pyrimidine base is
useful to explore base pair analogs useful for studying the
biochemical properties of nucleic acid interactions. Modifi-
cations at the aromatic hydrocarbon group and the ureido
linker may further expand the application of the base pair
analogs such as in molecular biology and develop nucleic
acid drugs.
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A number of advances have been made in the development of modified oligodeoxynucleotides (ODNs), and chemical or physical
properties of which are controlled by external stimuli. These intelligent ODNs are promising for the next generation of gene
diagnostics and therapy. This paper focuses on the molecular design of artificial ODNs that are activated by X-irradiation and their
applications to regulation of hybridization properties, conformation change, radiation-activated DNAzyme, and decoy molecules.

1. Introduction

Regulation of chemical or physical properties of oligodeox-
ynucleotides (ODNs) is important for the development of
future gene diagnostics and therapy [1, 2]. Because the
function of ODNs is based on their conformation and
hybridization properties with their complementary DNA
or RNA, various attempts have been made to manipulate
these basic characteristics using chemical modification and
external stimuli [3–11]. These include the binding of a metal
ion to mismatched [3, 4] or modified nucleobases [5, 6],
interaction of boron compounds with modified riboses [7,
8], and photochemical methods that use nitrobenzene [9, 10]
or azobenzene [11] functionalities on ODNs.

High-energy ionizing radiation is an attractive stimulus
for controlling the activity of biomaterials, because the
radiation reaction can be controlled spatially and temporally
without any additives [12, 13]. In particular, X-ray has
potential because it has high live-body permeability, and
thus, has been extensively used for medical treatment and
diagnosis. In this paper, we describe the current state of
research on controlling the function of ODNs by X-irra-
diation. This paper includes our recent research on the

development of artificial ODNs possessing a 2-oxoalkyl
group [14] or disulfide bonds [15, 16], whose properties and
conformation can be regulated by X-irradiation. We applied
their characteristics to regulation of hybridization, radiation-
activated DNAzyme, regulation of the polymerase reaction,
and conformation change of ODNs and decoy molecules for
inhibition of protein-DNA interactions.

When diluted aqueous solutions are irradiated, prac-
tically all of the absorbed energy is deposited in water
molecules, and the observed chemical changes are brought
about indirectly by the molecular and, in particular, the
radical products of water radiolysis. It is well known that
ionization and excitation of water molecules by ionizing
radiation occur and generate electronically excited states
(H2O∗), radical cations (H2O+•), and dry electrons (edry

−).
The excited water molecules H2O∗ dissociate in a homolytic
manner to hydrogen atoms (H•) and hydroxyl radicals
(OH•), while H2O+• deprotonates to OH•, and edry

− is
solvated to eaq

−. Eventually, eaq
−, OH•, and H• are generated

as the major active species with G values of 280, 280, and 60
nmol/J, respectively, in the radiolysis of water (Figure 1) [17,
18]. Among the active species, we draw attention to the high
reactivity of hydrated electrons and hydrogen atoms, which
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reduce a wide range of molecules under hypoxic conditions.
We designed artificial ODNs that have high affinity for these
reducing species and evaluated their reaction characteristics
upon X-irradiation.

2. Design and Reaction Characteristics of
2-Oxoalkyl Caged Oligodeoxynucleotides

Previously, we designed and developed several types of
radiation-activated prodrugs, which consisted of a cytotoxic
agent and a substituent with high electron affinity [13, 19–
22]. The nontoxic or less-toxic prodrugs underwent one-
electron reduction by eaq

− to release the active agent to
exhibit its inherent cytotoxicity. During the process of devel-
oping radiation-activated prodrugs, we identified a series of
2-oxoalkyl groups [19–21] that act as efficiently removable
substituents by X-ray treatment under hypoxic conditions in
aqueous solution (Figure 2). An activation mechanism has
been proposed that the 2-oxoalkyl group undergoes one-
electron reduction by eaq

− to form the corresponding π∗

anion radical, followed by thermal activation into the σ∗

anion radical, which is readily hydrolyzed to release the 2-
oxoalkyl group. We have applied these characteristics of the
2-oxoalkyl group to develop several prodrugs of antitumor
agents such as 5-fluorouracil and 2′-deoxy-5-fluorouridine
(5-FdUrd). These contexts of previous research prompted us
to apply 2-oxoalkyl substituents to radiolytic regulation of
DNA duplex formation [14].

We synthesized ODNs caged by a 2-oxopropyl group at a
given thymine N(3) position (doxoT), which has a character-
istic structure similar to the previous radiolytic reduction-
activated 5-FdUrd prodrug (Figure 3). One-electron reduc-
tion of ODNs possessing doxoT, initiated by hypoxic X-
irradiation, occurred to remove exclusively the 2-oxopropyl
group and produce the corresponding unmodified ODNs.
The unmodified 5–9 mer ODNs were formed from caged
ODNs with G values of 100–140 nmol/J for consumption of
caged ODNs and 50–110 nmol/J for formation of unmod-
ified ODNs. On the other hand, the radiolytic removal of
the 2-oxopropyl group from caged ODNs under aerobic
conditions was markedly inefficient, in contrast to the
prompt formation of unmodified ODNs under hypoxic
conditions. Compared with the noncaged ODN 1a (Tm =
48.9◦C), the caged ODN 1 (Tm = 37◦C) showed a dramatic
decrease in melting temperature (Tm), indicating that the 2-
oxopropyl group was effective in the destabilizing the duplex.
To characterize the hybridization properties of caged ODNs,
we also subjected a hypoxically irradiated ODN 1 containing
doxoT at the center of the Swa I recognition site to enzymatic
digestion. After the hypoxic irradiation of ODN 1 and sub-
sequent addition of an equimolar amount of ODN 2, which
is complementary to ODN 1, treatment with Swa I was con-
ducted. We observed strand cleavage of the resulting duplex
at the corresponding restriction site, whereas no strand
cleavage occurred when nonirradiated duplex was treated
with enzyme. Thus, the ability for ordinary duplex formation
was restored by hypoxic X-irradiation of caged ODNs.

Artificial DNA derivatives that can regulate their
recognition properties and functions with the aid of external

H2O
X-ray

OH• + H• + e -
aq

Figure 1: The radical products of water radiolysis.

triggers are useful for a variety of applications. As an
example, we tried to make DNAzyme, the function of which
can be regulated by hypoxic X-irradiation. We conducted a
modification of DNAzyme 17E which cleaves both RNA and
DNA/RNA chimeric substrates in the presence of transition
metal ions such as Zn2+ [23]. We designed DNAzyme 17E
possessing doxoT (ODN 3) at the crotch of the loop region
and characterized its cleavage ability using DNA/RNA
chimeric substrate (ODN 4), in which the fluorophore
and quencher were incorporated into the 5′- and 3′-ends,
respectively. The fluorescence emission of the fluorophore
was suppressed intramolecularly by the quencher, while the
cleavage of ODN 4 led to recovery of emission. Thus, we
could monitor the strand cleavage of ODN 4 by fluorescence
emission. Caged 33 mer DNAzyme, ODN 3, which was
synthesized by automated DNA synthesis, was preirradiated
and then incubated in the presence of DNA/RNA for
30 min at 25◦C. As shown in Figure 4, we observed weak
fluorescence emission, when ODN 3 without irradiation was
incubated with ODN 4, indicating that the cleavage activity
of DNAzyme 17E was efficiently reduced by incorporation
of doxoT into the strand. It is striking that the fluorescence
intensity from ODN 4 increased with increasing radiation
dose up to 40 Gy for caged DNAzyme. These results lead to
the conclusion that hypoxic X-irradiation removed the 2-
oxopropyl group on the caged DNAzyme, thereby resulting
in the formation of active DNAzyme 17E which can cleave
the DNA/RNA chimeric substrate.

We also applied a caged ODN to regulation of the
DNA polymerase reaction [24]. DNA elongation of primer
ODN 5 by the Klenow fragment of DNA polymerase I was
regulated by caged ODN 7. Figure 5 shows the protocol and
a representative gel picture. When 10 mer caged ODN 7
without X-irradiation was added to the mixture of primer
ODN 5, template ODN 6 and enzyme, DNA polymerization
occurred to form a 37 mer ODN, which was complementary
to ODN 6 with a yield of 96%. This result indicates that
caged ODN 7 did not act as a suppressor of enzymatic
reaction as ODN 7 could not hybridize with template ODN
6 because of steric hindrance of the 2-oxoalkyl group. In
contrast, X-irradiation resulted in removal of the 2-oxoalkyl
group from ODN 7, and thereby addition of X-irradiated
ODN 7 prevented DNA elongation by duplex formation with
template ODN 6. The yield for elongation decreased to 29%.
Thus, DNA polymerization has been successfully regulated
by X-irradiation.

3. Radiolytic Reduction of
Oligodeoxynucleotides Possessing
Disulfide Bonds

Disulfides, thiols, and their corresponding radicals have been
shown to induce unique reactions, including formation or
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rupture of covalent bonding under reduction conditions.
For example, the disulfide radical anion (RSSR−•) generated
by one-electron reduction of a disulfide is converted into
a sulfide anion (RS−) and a thiyl radical (RS•) [25, 26].
Sulfide anions tend to undergo disulfide exchange reactions
in the presence of disulfide compounds, while thiyl radicals
abstract a hydrogen atom to form thiols [27–29]. In addition,
hydrogen atoms are assumed to reduce disulfide to form a
radical anion [16]. These reaction characteristics motivated
us to investigate radiolytic reduction of ODNs possessing
disulfide bonds [15, 16].

We initially conducted radiolytic reduction of dinu-
cleotides possessing a disulfide bond (ODN 8) [15]. After
the hypoxic irradiation, two ODNs (ODN 9 and ODN 10)
were formed as reaction products via an intramolecular
strand-crossing reaction concomitantly with the regener-
ation of ODN 8. Mechanistic studies revealed that this
reaction proceeded with multiple turnover process. We
subsequently applied these unique reaction characteristics
to template-directed strand crossing. In the presence of a
complementary ODN (ODN 13), two ODNs possessing a
disulfide bond (ODN 11 and ODN 12) produced a specified
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Figure 5: (a,b) Schematic illustration of regulation of DNA polymerase reaction by X-irradiation. The reaction in the presence of caged
ODN 7 before X-irradiation (a) or after X-irradiation (b). (c) Sequences of oligodeoxynucleotides used for DNA polymerase reaction. (d)
Representative gel electrophoresis of DNA elongation by the Klenow fragment of DNA polymerase I. ODN 7 (100 μM) was X-irradiated
(1200 Gy) under hypoxic conditions, and then ODN 6 (5 μM), fluorescein-labeled ODN 5 (5 μM), and enzyme (0.2 unit) were added. After
the incubation for 15 min at 32◦C, the elongation was monitored by gel electrophoresis. Lane 1: marker (20 mer), Lane 2: the ODN 7 was
added before X-irradiation. Lane 3: the ODN 7 was added after X-irradiation (1200 Gy).

ODN (ODN 14) via interstrand crossing upon hypoxic
irradiation. Radiolytic reduction of ODNs possessing a
disulfide bond resulted in the easy preparation of a specified
ODN (Figure 6).

As well as these unique reaction characteristics, the
disulfide bond plays an important role in the construction
of the secondary or tertiary structure of DNA architecture
[30–32]. Disulfide bond formation and dissociation are
significantly affected by the redox state, and therefore the
higher-order structure can be controlled by redox reactions.
We next conducted the radiolytic reduction of hairpin-type
ODNs possessing two disulfide bonds in order to establish
guides for the design of radiation-associated systems to

regulate the DNA higher-order structure. We carried out
the radiolytic reduction of 20 mer hairpin-type ODN 15 by
the X-radiolysis of an argon-purged aqueous solution in
the usual manner. As shown in Figure 7, the corresponding
cyclized ODNs, which were identified by HPLC analysis and
ESI-TOF mass measurements, were formed with G values
of 100 nmol/J for the formation of cyclized ODNs. We also
confirmed that the reaction efficiency decreased substantially
upon increasing the ODN chain length, whereas it was
improved by elevating the reaction temperature.

In a separate experiment, we characterized the effect
of reactive species generated by radiolysis of water on
the cyclization of ODNs possessing disulfide bonds. When



Journal of Nucleic Acids 5

O

O

O

P O
O OP

S
S

OH

OH

HO

O

O O

O

P O
O OP

S
S

OH

O

O P O
O O

O

O
O

O
O

O

P
S

S

HO

HO

G

G

G

G

G

G

6

6

6
6

6

6

+

Hypoxic
X-irradiation

ODN 9

ODN 10

ODN 8: 5′-G-SS-G-3′ O−

O−

O−
O−

O−

O−

(a)

ODN 11 ODN 14ODN 12

ODN 13

5′-• • •GTGACT ATTCTA• • •-3′

3′-• • •CACTGC—TAAGAT• • •-5′
-3′

-5′3′-• • •CACTGC—TAAGAT• • •

-SS-

-S
S-

G
G

-3

-S
S-

G
G

-5
′′

5′-• • •GTGACT-SS-ATTCTA• • •

Hypoxic
X-irradiation

O P O
O O

O
O

P
S

S

O−
6

6

O−

(b)

Figure 6: (a) Radiolytic strand exchange reaction of dinucleotide unit possessing disulfide bond. (b) Radiolytic template-directed ligation
of oligodeoxynucleotides possessing disulfide bond.

5 -GG-SS-ACATAG

-CC-SS-TGTATC

T
T
T

T

S-ACATAG

S-TGTATC

T
T

T
T

ODN 15 ODN 16

Hypoxic
X-irradiation′

3′

(a)

+

5′-GG-SS-ACA
-H

H

+

• • •

• • •

• • •• • • •
-GG-SS-ACA

H•
5′5′ -GG-SS-ACA

5′-GG-S S-ACA Strand exchange reaction
(cyclization)

− •

• −

(b)

3′-CGACCCCTGAAAGGTGC-5′

3′-CGACCCCTGAAAGGTGC-5′ +

+
3′5′-GCTGGGGACTTTCCACG-

3′5′-GCTGGGGACTTTCCACG-

S-GGAAAGTCCCC

S-CCTTTCAGGGG T

T
T
T

ODN 20

+

ODN 17

ODN 18

5′-T-SS-GGAAAGTCCCC

3′-A-SS-CCTTTCAGGGGT

T

T
T

ODN 19

Hypoxic
X-irradiation

NF- B

NF- B

(c)

Figure 7: (a) Radiolytic cyclization of hairpin-type oligodeoxynucleotides possessing disulfide bonds. (b) The possible reaction mechanism
for the cyclization of ODN 15 upon X-ray irradiation. (c) Cyclized oligodeoxynucleotides used for the transcriptional decoy strategy.



6 Journal of Nucleic Acids

hairpin-type ODN 15 was X-irradiated in an aqueous
solution containing OH•-scavenging 2-methyl-2-propanol
purged with nitrous oxide (N2O) gas [17], which efficiently
captures eaq

−, cyclization was moderately suppressed. On
the other hand, the formation of cyclized ODNs was
dramatically suppressed in the presence of 2-propanol, which
captures both OH• and H•. These results strongly underline
the importance of H• as well as eaq

− for the activation and
strand-crossing reaction of disulfide bonds.

End-capped DNA has recently attracted much attention
in the field of gene therapy because of its high stability
under biological conditions [33–37]. Further attempts have
been made to apply radiolytically cyclized ODN to a decoy
strategy directly targeting transcription factors [16]. We
prepared a 28 mer hairpin-type ODN 19 possessing two
disulfide bonds and characterized its radiolytic reaction,
stability, and binding properties against NF-κB. Similar to
the results described above, ODN 19 was efficiently cyclized
by hypoxic X-irradiation. The cyclized ODN 20 was almost-
totally resistant to enzymatic digestion by snake venom
phosphodiesterase, while prompt digestion was observed for
hairpin-type ODN 19. We next demonstrated that radiolyt-
ically cyclized ODN 20 interacts with NF-κB as a decoy by
in vitro competition assay. An electrophoretic mobility shift
assay revealed that addition of cyclized ODN 20 effectively
prevented the binding of NF-κB with a control duplex
(ODN 17/ODN 18) in a sequence-selective manner. Thus,
the radiolytic formation of cyclized ODNs is promising for
a decoy strategy that controls gene expression by inhibition
of specific transcription-regulation proteins.

4. Conclusion

Artificial oligonucleotides whose hybridization properties,
conformation, and functions can be regulated by external
stimuli are applicable to a wide range of gene research
areas. From this perspective, we have summarized our recent
advances in the development of caged oligonucleotides
activated by X-irradiation. Radiolytic reduction by reactive
species such as hydrated electrons or hydrogen atoms caused
removal of the 2-oxoalkyl group on base units and exchange
reaction of the disulfide bond. The hybridization properties
and conformation of ODNs possessing these substituents are
modulated by X-irradiation, and thereby they show promise
as radiation-activated DNAzyme as modulators of the DNA
polymerase reaction and as decoy molecules. However, these
artificial ODNs are premature for practical use because high
radiation doses are required to activate the caged ODNs.
Because high doses of X-irradiation may cause damage to
cellular DNA, it is difficult to apply the present system to
in vivo experiments as it stands. One of the key strategies to
overcome this problem is further chemical modification of
radiation-activated substituents that have a high affinity for
hydrated electrons and hydrogen atoms. Our current interest
focuses on the construction of improved caged DNA systems
that are highly sensitive to small doses of X-irradiation and
their application to in vivo gene regulation.
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[9] L. Kröck and A. Hechel, “Photoinduced transcription by using
temporarily mismatched caged oligonucleotides,” Angewandte
Chemie-International Edition, vol. 44, no. 3, pp. 471–473,
2005.

[10] G. Mayer and A. Hechel, “Biologically active molecules with a
“light switch”,” Angewandte Chemie-International Edition, vol.
45, no. 30, pp. 4900–4921, 2006.

[11] H. Asanuma, T. Ito, T. Yoshida, X. Liang, and M. Komiyama,
“Photoregulation of the formation and dissociation of a DNA
duplex by using the cis-trans isomerization of azobenzene,”
Angewandte Chemie-International Edition, vol. 38, no. 16, pp.
2393–2395, 1999.

[12] K. Tanabe, Z. Zhang, T. Ito, H. Hatta, and S. I. Nishimoto,
“Current molecular design of intelligent drugs and imaging
probes targeting tumor-specific microenvironments,” Organic
and Biomolecular Chemistry, vol. 5, no. 23, pp. 3745–3757,
2007.

[13] T. Ito, K. Tanabe, H. Yamada, H. Hatta, and S. I. Nishimoto,
“Radiation- and photo-induced activation of 5-fluorouracil
prodrugs as a strategy for the selective treatment of solid
tumors,” Molecules, vol. 13, no. 10, pp. 2370–2384, 2008.

[14] K. Tanabe, H. Kanezaki, H. Ishii, and S. I. Nishimoto, “2-
Oxoalkyl caged oligonucleotides: one-electron reductive acti-
vation into emergence of ordinary hybridization property by
hypoxic X-irradiation,” Organic and Biomolecular Chemistry,
vol. 5, no. 8, pp. 1242–1246, 2007.

[15] K. Tanabe, E. Kuraseko, Y. Yamamoto, and S. I. Nishi-
moto, “One-electron reductive template-directed ligation of
oligodeoxynucleotides possessing a disulfide bond,” Journal of
the American Chemical Society, vol. 130, no. 20, pp. 6302–6303,
2008.



Journal of Nucleic Acids 7

[16] K. Tanabe, E. Matsumoto, T. Ito, and S. I. Nishimoto, “Radi-
olytic cyclization of stem-and-loop structured oligodeoxynu-
cleotide with neighboring arrangement of α,ω-bis-disulfides,”
Organic and Biomolecular Chemistry, vol. 8, no. 21, pp. 4837–
4842, 2010.

[17] G. V. Buxton, C. L. Greenstock, W. P. Helman, and A. B. Ross,
“Critical review of rate constrants for reactions of hydrated
electrons, hydrogen atoms and hydroxyl radicals (·OH/·O− in
aqueous solution,” Journal of Physical and Chemical Reference
Data, vol. 17, no. 2, pp. 513–886, 1988.

[18] J. W. T. Spinks and R. J. Woods, An Introduction to Radiation
Chemistry, Wiley-Interscience, New York, NY, USA, 1990.

[19] M. Mori, H. Hatta, and S. I. Nishimoto, “Stereoelectronic
effect on one-electron reductive release of 5-Fluorouracil
from 5-fluoro-1-(2’-oxocycloalkyl)uracils as a new class of
radiation-activated antitumor prodrugs,” Journal of Organic
Chemistry, vol. 65, no. 15, pp. 4641–4647, 2000.

[20] Y. Shibamoto, L. Zhou, H. Hatta, M. Mori, and S. I.
Nishimoto, “In vivo evaluation of a novel antitumor prodrug,
1-(2’-oxopropyl)-5-fluorouracil (OFU001), which releases 5-
fluorouracil upon hypoxic irradiation,” International Journal
of Radiation Oncology Biology Physics, vol. 49, no. 2, pp. 407–
413, 2001.

[21] K. Tanabe, Y. Mimasu, A. Eto et al., “One-electron reduc-
tion characteristics of N(3)-substituted 5-fluorodeoxyuridines
synthesized as radiation-activated prodrugs,” Bioorganic and
Medicinal Chemistry, vol. 11, no. 21, pp. 4551–4556, 2003.

[22] K. Tanabe, Y. Makimura, Y. Tachi, A. Imagawa-Sato, and S.
I. Nishimoto, “Hypoxia-selective activation of 5-fluorodeoxy-
uridine prodrug possessing indolequinone structure: radi-
olytic reduction and cytotoxicity characteristics,” Bioorganic
and Medicinal Chemistry Letters, vol. 15, no. 9, pp. 2321–2324,
2005.

[23] J. Li, W. Zheng, A. H. Kwon, and Y. Lu, “In vitro selection and
characterization of a highly efficient Zn(II)-dependent RNA-
cleaving deoxyribozyme,” Nucleic Acids Research, vol. 28, no.
2, pp. 481–488, 2000.

[24] A. Yamazawa, X. Liang, H. Asanuma, and M. Komiyama,
“Photoregulation of the DNA polymerase reaction by oli-
gunucleotides bearing an azobenzene,” Angewandte Chemie-
International Edition, vol. 39, no. 13, pp. 2356–2357, 2000.

[25] S. Antonello, R. Benassi, G. Gavioli, F. Taddei, and F. Maran,
“Theoretical and electrochemical analysis of dissociative elec-
tron transfers proceeding through formation of loose radical
anion species: reduction of symmetrical and unsymmetrical
disulfides,” Journal of the American Chemical Society, vol. 124,
no. 25, pp. 7529–7538, 2002.

[26] M. Z. Hoffman and E. Hayon, “One-electron reduction of the
disulfide linkage in aqueous solution. Formation, protonation,
and decay kinetics of the RSSR- radical,” Journal of the
American Chemical Society, vol. 94, no. 23, pp. 7950–7957,
1972.

[27] N. K. Mathur, C. K. Narang, and R. E. Williams, Polymers as
Aids in Organic Chemistry, Academic Press, New York, NY,
USA, 1980.

[28] M. Ishiguro, SHki no Kagaku Shuushoku, Japan Scientific
Societies Press, Tokyo, Japan, 1978.

[29] A. Wójcik, S. Naumov, B. Marciniak, and O. Brede, “Repair
reactions of pyrimidine-derived radicals by aliphatic thiols,”
Journal of Physical Chemistry B, vol. 110, no. 25, pp. 12738–
12748, 2006.

[30] S. E. Osborne, J. Volker, S. Y. Stevens, K. J. Breslauer, and G. D.
Glick, “Design, synthesis, and analysis of disulfide cross-linked
DNA duplexes,” Journal of the American Chemical Society, vol.
118, no. 48, pp. 11993–12003, 1996.

[31] A. A. Gorodetsky and J. K. Barton, “DNA-mediated electro-
chemistry of disulfides on graphite,” Journal of the American
Chemical Society, vol. 129, no. 19, pp. 6074–6075, 2007.

[32] M. Endo and T. Majima, “Structural arrangement of two DNA
double helices using cross-linked oligonucleotide connectors,”
Chemical Communications, no. 11, pp. 1308–1309, 2004.

[33] G. N. Parkinson, M. P. H. Lee, and S. Neidle, “Crystal structure
of parallel quadruplexes from human telomeric DNA,” Nature,
vol. 417, no. 6891, pp. 876–880, 2002.

[34] S. M. Gowan, J. R. Harrison, L. Patterson et al., “A G-
quadruplex-interactive potent small-molecule inhibitor of
telomerase exhibiting in vitro and in vivo antitumor activity,”
Molecular Pharmacology, vol. 61, no. 5, pp. 1154–1162, 2002.

[35] M. Read, R. J. Harrison, B. Romagnoli et al., “Structure-
based design of selective and potent G quadruplex-mediated
telomerase inhibitors,” Proceedings of the National Academy of
Sciences of the United States of America, vol. 98, no. 9, pp. 4844–
4849, 2001.

[36] M. Nakane, S. Ichikawa, and A. Matsuda, “Triazole-linked
dumbbell oligodeoxynucleotides with NF-κB binding ability
as potential decoy molecules,” Journal of Organic Chemistry,
vol. 73, no. 5, pp. 1842–1851, 2008.

[37] T. Hosoya, H. Takeuchi, Y. Kanesaka et al., “Sequence-specific
inhibition of a transcription factor by circular dumbbell DNA
oligonucleotides,” FEBS Letters, vol. 461, no. 3, pp. 136–140,
1999.



SAGE-Hindawi Access to Research
Journal of Nucleic Acids
Volume 2011, Article ID 926595, 8 pages
doi:10.4061/2011/926595

Research Article

Coupling Strategies for the Synthesis of Peptide-Oligonucleotide
Conjugates for Patterned Synthetic Biomineralization

Joshua D. Carter1 and Thomas H. LaBean1, 2

1 Departments of Computer Science and Chemistry, Duke University, Durham, NC 27708, USA
2 Department of Biomedical Engineering, Duke University Pratt School of Engineering, Durham, NC 27708, USA

Correspondence should be addressed to Thomas H. LaBean, thomas.labean@duke.edu

Received 17 May 2011; Accepted 25 June 2011

Academic Editor: F. C. Simmel

Copyright © 2011 J. D. Carter and T. H. LaBean. This is an open access article distributed under the Creative Commons
Attribution License, which permits unrestricted use, distribution, and reproduction in any medium, provided the original work is
properly cited.

This work describes preparation strategies for peptide-oligonucleotide conjugates that combine the self-assembling behavior of
DNA oligonucleotides with the molecular recognition capabilities of peptides. The syntheses include a solution-phase fragment
coupling reaction and a solid-phase fragment coupling strategy where the oligonucleotide has been immobilized on DEAE
Sepharose. The yield of four coupling reagents is evaluated, two reagents in water, EDC (1-ethyl-3-(3-dimethylaminopropyl)
carbodiimide hydrochloride) and DMTMM (4-(4,6-dimethoxy[1,3,5]triazin-2-yl)-4-methyl-morpholinium chloride), and two in
dimethylformamide (DMF), PyBOP ((Benzotriazol-1-yloxy) tripyrrolidinophosphonium hexafluorophosphate) and HBTU (O-
benzotriazole-N,N,N′,N′-tetramethyluronium hexafluorophosphate), while the oligonucleotide fragment is either in solution or
immobilized on DEAE. These coupling strategies rely on an unprotected 5′ amino linker on the oligonucleotide reacting with the
peptide C-terminus. The peptide, selected from a combinatorial library for its gold-binding behavior, was 12 amino acids long
with an N-terminus acetyl cap. Formation of the conjugates was confirmed by gel electrophoresis and mass spectrometry while
molecular recognition functionality of the peptide portion was verified using atomic force microscopy. Solution-phase yields
were superior to their solid-phase counterparts. EDC resulted in the highest yield for both solution-phase (95%) and solid-phase
strategies (24%), while the DMF-based reagents, PyBOP and HBTU, resulted in low yields with reduced recovery. All recoverable
conjugates demonstrated gold nanoparticle templating capability.

1. Introduction

Development of oligonucleotide-based therapies began
thirty years ago with the demonstration of gene regulation
using synthetic oligonucleotides [1, 2]. Since that discovery,
an increasing number of functional groups have been
conjugated to oligonucleotides in efforts to enhance specific
behaviors. Peptides, in particular, are an increasingly popular
choice for conjugation with oligonucleotides because of
their ability to aid in targeting specific biological functions
while improving permeability through the cell membrane
and stability against intracellular degradation. Peptide-
oligonucleotide conjugates (POCs) have been used to target
mRNA, double-stranded DNA, and proteins, in antisense,
triple-helix, and aptamer-based therapy, respectively [3–5].
Our group has recently explored another use of POCs by

incorporating peptides used in artificial biomineralization
[6–8] into self-assembling DNA nanostructures [9–11] for
the demonstration of controlled biomineralization [12].
While the range of proposed applications for POCs continues
to widen, scientists have relied on two principal strategies for
joining the increasingly diverse peptide and oligonucleotide
sequences together: in-line synthesis and fragment conjuga-
tion.

In-line synthesis typically involves the step-by-step syn-
thesis of an oligomer covalently linked to a solid support
and culminates with a linker through which the monomer-
by-monomer assembly of the second oligomer can take
place. The use of a solid-support during in-line synthesis
of POCs greatly reduces the complexity of purification and
can also be useful for the production of POC libraries.
Furthermore, immobilizing the oligomers on solid-phase
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eliminates the potential for differential solubility issues when
attempting to synthesize a water-soluble oligonucleotide
with a hydrophobic peptide component. However, difficul-
ties in the production of POCs can arise due to the need
for complex protecting group strategies to avoid damaging
the first oligomer during synthesis of the second. This may
lead to restrictions on sequence choices [13]. Moreover, each
successive monomer addition results in a reduction of the
overall yield making the production of long POCs difficult
or impossible [14].

Fragment conjugation, in contrast to in-line synthesis,
employs a strategy where the oligonucleotide and peptide are
synthesized, deprotected, and purified separately, followed
by a final step in which covalent linkage of the two pure
fragments occurs. Although this strategy requires additional
purification steps, it allows for the use of standard protecting
group strategies in the production of the peptide and
oligonucleotide fragments. The peptide does not need to be
stable during oligonucleotide synthesis, and vice versa. Frag-
ment conjugation also allows for the storage of the respective
oligomer fragments for later use in multiple conjugate
syntheses. Although fragment-coupling is rather straightfor-
ward, the relative solubilities of the oligomer fragments can
cause problems. Oligonucleotides are water-soluble, while
some peptides may be hydrophobic and require the use of
organic solvents for coupling. One possible solution to this
problem is the use of solid-phase fragment conjugation. In
this strategy, the fragments are covalently linked while one
oligomer is immobilized on solid-phase media.

Here, we describe both a solution-phase fragment cou-
pling reaction and a nearly identical solid-phase fragment
coupling where the oligonucleotide fragment has been tem-
porarily immobilized on ion exchange resin via electrostatic
interactions. Immobilizing the oligonucleotide fragment to
a solid support allows us to consider only the solubility
requirements of the peptide fragment when choosing a reac-
tion solvent. The yields of both the solution-phase and solid-
supported fragment coupling reactions were measured with
two water-soluble coupling reagents, EDC and DMTMM,
and two coupling reagents in dimethylformamide, PyBOP
and HBTU. The coupling reaction relies on the formation
of a peptide bond between an unprotected oligonucleotide
with a 5′ amino linker and the C-terminus of a 12 amino
acid gold-binding peptide with an acetyl-capped N-terminus
[15]. Characterization of the synthetic strategies using
polyacrylamide gel electrophoresis and mass spectrometry
will be presented, the effect of reaction solvent and coupling
reagent will be discussed, and the choice of solution-phase or
solid-phase media will be evaluated. Finally, incorporation of
the purified POC into a self-assembling DNA lattice allows
for atomic force microscope evaluation of the gold-binding
capability of the free-peptide end.

2. Methods and Materials

2.1. Purification of Oligonucleotide. /5AmMC6/TTG TGA
AGT TTT TCG ATC CTA GCA CCT CTG GAG TTT
TTC TTG CC. Synthetic oligonucleotide with a 5′-Amino
Modifier C6 functional group was purchased from Integrated

DNA Technologies (Coralville, IA) and separated from
truncation products by polyacrylamide gel electrophoresis.
Denaturing polyacrylamide gel electrophoresis (PAGE) was
carried out on a 160 × 180 × 1.5 mm gel containing 10%
acrylamide and 8.3 M urea in TBE buffer (90 mM Tris,
90 mM boric acid, and 2 mM ethylenediaminetetraacetate,
pH 8). The gel loading buffer contained 90% formamide and
0.1% bromophenol blue. After electrophoresis (300 V for 45
minutes), the portion of the gel containing the desired DNA
was excised, diced, and shaken overnight at 4◦C in 500 μL
0.5 M ammonium acetate, 10 mM magnesium acetate, and
2 mM ethylenediaminetetraacetate. The supernatant was
removed and added to a centrifuge tube with 1 mL of 100%
(v/v) ethanol and stored at −20◦C overnight. The mixture
was centrifuged for 30 minutes at 4◦C and 16,000 g and the
supernatant was discarded. The purified pellet of DNA was
dissolved in pure water and then desalted using a Pierce
spin column (#69705) containing Sephadex G-25 Medium
(Amersham Biosciences). The concentration was determined
by ultraviolet absorption at 260 nm wavelength.

2.2. Peptide Synthesis and Purification. The gold-binding
peptide [15] (Ac-WALRRSIRRQSY-OH) was synthesized
on Wang resin preloaded with Fmoc-L-Tyrosine (Nov-
abiochem) at 0.1 mmoL scale using a Protein Technologies
PS3 automated peptide synthesizer. The coupling of standard
Fmoc (9-fluorenylmethoxy-carbonyl)-protected amino acids
(Chem-Impex) was achieved with HBTU (O-benzotriazole-
N,N,N′,N′-tetramethyluronium hexafluorophosphate; Nov-
abiochem) in the presence of N-methylmorpholine (NMM)
in N,N′-dimethylformamide (DMF) for 20-minute cycles.
Fmoc deprotection was achieved using 20% piperidine in
DMF (2 × 5 minutes). The N-terminus of the peptide
was acetylated with acetic anhydride and NMM. Side-chain
deprotection and peptide cleavage from the resin were
achieved by treating the resin-bound peptide with 5 mL of
100% trifluoroacetic acid (TFA) for 2 hours under N2. After
evaporation of TFA under N2, the peptide was washed three
times with cold diethyl ether, air-dried, and purified by
semipreparative reverse-phase HPLC on a YMC C18 column
with a linear 40-minute gradient from 3 to 70% acetonitrile
in water with 0.1% TFA. The mass of the peptide was
confirmed using an Agilent ESI-MS.

2.3. Reaction Solvents in Peptide-Oligonucleotide Synthesis.
Fragment-coupling reactions using PyBOP ((Benzotriazol-
1-yloxy) tripyrrolidinophosphonium hexafluorophosphate;
Aldrich) and HBTU were run completely in DMF using DNA
immobilized on DEAE Sepharose media (DFF-100, Sigma).
Reactions with water-soluble coupling reagents EDC (1-
ethyl-3-(3-dimethylaminopropyl) carbodiimide hydrochlo-
ride) and DMTMM (4-(4,6-dimethoxy[1,3,5]triazin-2-yl)-
4-methyl-morpholinium chloride) were completed using
both Sepharose media and in solution-phase. DMTMM-
based coupling reactions were run in 200 mM MOPS buffer
pH 7.0 (200 mM (3[N-morpholino]propanesulfonic acid,
20 mM sodium acetate, 10 mM EDTA) while EDC-based
reactions were run in water.
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Table 1: Reaction yields for POC formation in the listed conditions.

Reaction Coupling reagent Solvent Supporting media Temperature Reaction time Yield (%)

1 HBTU DMF Sepharose room temperature 16 h 0

2 PyBOP DMF Sepharose room temperature 16 h 4

3 DMTMM Water Sepharose room temperature 16 h 15

4 EDC Water Sepharose room temperature 16 h 24

5 DMTMM Water Sepharose 50◦C 16 h 15

6 DMTMM Water Sepharose room temperature 2 h 15

7 PyBOP DMF Sepharose room temperature 2 h 4

8 DMTMM Water Solution room temperature 16 h 50

9 EDC Water Solution room temperature 16 h 95

10 DMTMM Water Solution 50◦C 16 h 55

2.4. General Procedure for Coupling Reactions. All reactions
were run in a constant volume in the solvent preferred
by the coupling reagent. For DMTMM-coupled reactions,
450 pmoles of DNA was combined with peptide (270 nmoles,
600 eq.) and DMTMM (4.5 μmoles, 10,000 eq.). EDC-based
coupling reactions followed the same procedure as above
using EDC (4.5 μmoles, 10,000 eq) and N-hydroxy succin-
imide (450 nmoles, 1000 eq) in place of DMTMM. PyBOP
and HBTU-based coupling reactions were accomplished in
DMF with PyBOP or HBTU (4.5 μmoles, 10,000 eq.) and
diisopropylethylamine (9.0 μmoles, 20,000 eq.).

2.5. Workup for Solution-Phase Coupling Reactions. The
peptide-oligonucleotide conjugates were isolated from the
completed solution-phase coupling reactions via ethanol
precipitation. In this case, 1 mL of 100% (v/v) ethanol and
50 μL of 3 M sodium acetate (150 μmoles) were added and
allowed to sit overnight at−20◦C. The precipitated conjugate
was centrifuged for 30 minutes at 4◦C and 16,000 g and the
supernatant was discarded. The pellet was dried in a vacuum
centrifuge for 2 hours before resuspension in 30 μL water and
analysis by denaturing PAGE (300 V for 45 minutes).

2.6. General Procedure for Solid-Phase Coupling Reactions.
The procedure for immobilization of DNA on Sepharose
was adapted from Halpin et al. [16]. Briefly, 250 μL of
Sepharose slurry was added to a Pierce spin column,
promptly washed with three column volumes of DNA-
loading buffer (10 mM Acetic Acid and 0.005% Triton X-
100), and briefly centrifuged (one minute at 3,000 g). To
bind the DNA on the Sepharose, 450 pmoles DNA (250 μL
loading buffer) was incubated with the Sepharose resin for
ten minutes and centrifuged for one minute at 3,000 g. The
resin was then washed with one column volume of the
appropriate reaction solvent (DMF, buffer, or water) before
addition of the solution containing coupling reagent and
peptide to the immobilized DNA. The resulting mixture was
allowed to react for the duration listed in Table 1. After
the reaction, the exhausted reagents were removed using
a centrifuge (1 minute at 3,000 g) and the column was
washed with one column volume of DNA loading buffer.
The peptide-oligonucleotide conjugate was eluted with 2 ×
200μL elution buffer (1.5 M NaCl and 50 mM Tris-HCl

pH 8.0) and the combined fractions were added to 1 mL of
100% (v/v) ethanol and allowed to sit overnight at −20◦C.
The precipitated DNA was centrifuged for 30 minutes at
4◦C and 16,000 g and the supernatant was discarded. The
pellet was dried in a vacuum centrifuge for 2 hours before
resuspension in 30 μL water and analysis using denaturing
PAGE (300 V for 45 minutes).

2.7. Denaturing PAGE Analysis of the Reaction Products. To
determine the yield of a coupling reaction, 15 μL of the DNA
recovered from the reaction was added to a 10% denaturing
polyacrylamide gel and run at 300 V for 45 minutes. The
gel containing the contents of the peptide-oligonucleotide
conjugate reaction was stained with ethidium bromide
and imaged with a UV transilluminator. Reaction yields
were determined by comparing fluorescent signals from
unreacted oligonucleotide (faster moving band) to coupled
peptide-oligonucleotide conjugate (slower moving band)
using the UV transilluminator software (AlphaImager HP
from AlphaInnotech).

2.8. MALDI Analysis of Peptide-Oligonucleotide Conjugates.
MALDI-TOF mass spectrometry analysis was used to char-
acterize the oligonucleotide starting material and peptide-
oligonucleotide reaction product. The analysis was per-
formed using an Applied Biosystems DE-Pro Maldi-MS in
the Mass Spectrometry Facility in the Chemistry Department
at Duke University. To prepare the samples, the products
were recovered from the polyacrylamide gels (vide supra)
and dissolved in pure water to a concentration of 30 μM.
10 μL volumes of the recovered gel products were then
stripped of cations using Ziptips (SCX, Millipore) and
added to a mixture of 9 μL of 50 mg/mL 3-hydroxypicolinic
acid and 1 μL 50 mg/mL diammonium citrate. The mass
spectrometer was run in negative-ion mode and spectra were
collected through the summing of 50 laser pulses.

2.9. DNA Strands. The self-assembling DNA lattice used in
these experiments is described elsewhere [12].

2.10. DNA Nanostructure Formation. For DNA lattice for-
mation, 18 individual PAGE-purified DNA oligos and the
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peptide-oligo conjugate (POC) were mixed together stoi-
chiometrically at 1.0 μM in 1 × TAE/Mg2+ buffer (40 mM
Tris-HCl (pH 8.0), 20 mM acetic acid, 2 mM EDTA, and
12.5 mM magnesium acetate) and slowly cooled from 95 to
20◦C over a period of 16 hours. For AFM imaging, 3 μL of
sample was spotted on freshly cleaved mica for 3 minutes.
A 30 μL portion of 1 × TAE/Mg2+ buffer was then placed
onto the mica and another 30 μL of 1× TAE/Mg2+ buffer was
placed onto the AFM tip (for a total of 60 μL). AFM images
were obtained on a Digital Instruments Nanoscope IIIa with
a multimode head by tapping mode under buffer using NP-S
tips (Veeco Inc.).

2.11. Gold Nanoparticle Preparation. Gold nanoparticles
(AuNP, 5 nm) were purchased from Ted Pella (product no.
15702-20). To prevent nanoparticle aggregation in the high
salt environment preferred by the DNA lattice, nanoparticles
were pretreated with Tween 20 (Sigma Aldrich product no.
P1379). 1 mL of stock AuNP solution was mixed with the
appropriate amount of Tween 20 stabilizing agent to achieve
a final Tween concentration of 0.2% (w/v). After addition
of the Tween 20, the AuNP solutions were mixed overnight
at room temperature. After incubation, the AuNP particles
were concentrated by 6 hours of centrifugation at 16000 g.
The resulting AuNP pellet was then isolated using a pipet and
resuspended in 10 μL of supernatant. The concentrations of
the AuNP were determined using the AuNP absorbance at
520 nm (ε 520 nm for 5 nm AuNP = 1 × 107 M−1 cm−1)
[17].

2.12. AFM Imaging of AuNP-Labeled DNA Lattice. AuNP-
labeled DNA lattice was prepared by adding 6 μL annealed
lattice solution to concentrated AuNP in 1 × TAE/Mg2+

buffer. four equivalents of AuNP to one equivalent of POC
were used in all cases. All samples combining DNA with
AuNP were allowed to mix in solution for 10 minutes prior
to deposition of 3 μL of the mixture on mica, followed by
a 3 minute wait before the addition of 60 μL of buffer for
tapping mode AFM analysis. AFM images were obtained on
a Digital Instruments Nanoscope IIIa with a multimode head
by tapping mode under buffer using NP-S tips (Veeco Inc.).

3. Results and Discussion

3.1. Peptide Synthesis and Purification. A recently published
peptide sequence (Ac-WALRRSIRRQSY-OH) was selected to
serve as the test molecule for making peptide-oligonucleotide
conjugates [15]. The peptide, known for its ability to bind
gold surfaces, was synthesized according to the procedure
detailed in the methods and materials. Briefly, Fmoc cou-
pling protocols were used to add amino acid residues
to Wang resin preloaded with Fmoc-L-Tyrosine. The N-
terminus of the peptide was acetylated to prevent the primary
amine from participating in the coupling reaction with DNA.
The final product was purified by semipreparative HPLC
and analysis showed a purity greater than 95%. ESI-MS
measurements of the final product gave an m/z of 1634.2
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Figure 1: MALDI-TOF analysis of pure oligonucleotide starting
material (a) and peptide-oligonucleotide conjugate (b).

(M + H+) which compared well with the calculated mass of
1633.9 g/mol.

3.2. Oligonucleotide Purification. The oligonucleotide se-
quence (TTG TGA AGT TTT TCG ATC CTA GCA CCT
CTG GAG TTT TTC TTG CC) used in the test couplings
was selected from a DNA nanostructure previously con-
structed in our lab [9]. Prior to coupling, the commercially
synthesized oligonucleotide, containing a primary amine on
its 5′ end, was dissolved in pure water and purified using
PAGE. After purification, the recovered DNA pellet was
dissolved in pure water and desalted using size exclusion
chromatography to produce the purified oligonucleotide in
30% yield. Incomplete removal of the salts remaining from
DNA synthesis and purification was found to have an adverse
effect on the DNA affinity for the Sepharose reaction media
(data not shown).

3.3. MALDI Analysis of Peptide-Oligonucleotide Conjugates.
Figure 1 shows the spectra obtained for pure oligonucleotide
starting material and the peptide-oligonucleotide conjugate.
As expected for the starting material, the measured mass



Journal of Nucleic Acids 5

Reaction 1 2 3 Control

SM

POC

Figure 2: PAGE analysis of reactions 1–3 from Table 1. The
coupling reagents used in lanes 1, 2, and 3 are HBTU, PyBOP,
and DMTMM, respectively. As demonstrated by the control
lane, starting material (SM) is below the slower-moving peptide-
oligonucleotide conjugate (POC).

of 13,626 m/z corresponds well with the calculated theo-
retical mass of 13,630.9 g/mol. Similarly for the peptide
oligonucleotide conjugate, the observed mass of 15,242 m/z
corresponds well with the calculated theoretical mass of
15,246.8 g/mol.

3.4. Effects of Reaction Variables on Coupling Efficiency.
The coupling reagents and reaction variables tested for
this report are detailed in Table 1. Conditions varied for
this study include coupling reagent and solvent, reaction
temperature, and reaction duration. Table 1 also delineates
reactions that occurred on the Sepharose media and those
that took place in solution. Reactions were evaluated based
on the yield of peptide-oligonucleotide conjugate obtained
for each coupling reagent. The reaction yield was deter-
mined by integrating the fluorescent signal from ethidium
bromide-stained PAGE and comparing between unreacted
oligonucleotide and newly formed (and slower moving)
peptide-oligonucleotide conjugate. The reaction yield, or the
amount of product obtained for each reaction, should be
distinguished from the total recovery of DNA, the sum of
product and unreacted oligonucleotide.

Reactions 1–4 listed in Table 1 compare the coupling
efficiency of four coupling reagents at room temperature
over 16 hours while the DNA is confined to the Sepharose
surface. Under these conditions, EDC was the most effective
coupling reagent and produced the highest reaction yield of
24%. At the other extreme, PyBOP and HBTU produced
little or no product. PyBOP and HBTU also resulted in
a reduced total recovery of the DNA from the Sepharose.
This effect, demonstrated in Figure 2 (lanes 1 and 2) as
a relatively weak fluorescent signal from the total DNA
present in each lane, is in agreement with the findings of
other researchers [16]. Aqueous washes of the Sepharose
columns were used after DNA loading when coupling with
either EDC or DMTMM and DMF washes were used after
DNA loading in cases where PyBOP or HBTU was to be
the coupling reagent. Although enhanced DNA solubility in
the DMF wash solvent might have been suspected for the
poor recovery of DNA from these latter reactions, PAGE
analysis of DMF wash fractions collected from the Sepharose
column demonstrated the absence of prematurely eluted
DNA. This indicates irreversible binding between the DNA

and the Sepharose for PyBOP and HBTU-based reactions in
DMF, but this could not be directly measured.

To test the effect of temperature on yield, reaction 3
(DMTMM, Sepharose) was repeated at a higher temperature
(Reaction 5). As shown in Table 1, increasing the temper-
ature to 50◦C resulted in no increase in the yield for the
DMTMM coupling reagent on Sepharose over 16 hours.
Reaction 3 was repeated again on a shorter time scale (Reac-
tion 6, Table 1) producing little effect on the yield indicating
that the formation of peptide-oligonucleotide product is
essentially complete within two-hour reaction time. Previous
research into formation rates of peptide-oligoconjugates
has demonstrated nearly complete reactions in as few as
twenty minutes [18]. Although the quick completion of the
reaction could be due to decay of the DMTMM through
demethylation or hydrolysis, other groups have found the
decay in this short time frame to be insignificant [19, 20].
The effect of decreasing reaction duration on coupling yield
was repeated with PyBOP (Reaction 7), and as in the case of
DMTMM, very little change in yield was observed. Reactions
8 and 9 are the solution-phase equivalent to the solid-
phase reactions 3 and 4, respectively. As the data illustrate,
dissolving the DNA in solution rather than binding it to
Sepharose led to a dramatic increase in the reaction yield.
One possible explanation for this observation is that the
DNA conformation resulting from the electrostatic interac-
tions between the Sepharose and the DNA could be adversely
affecting the progress of the reaction. These interactions may
prevent the amine group from reacting with the carboxylic
acid of the peptide [21]. In the case of solution-phase
coupling, DMTMM produced 50% product while EDC went
nearly to completion (95%). The effect of temperature on
DMTMM coupling was again tested in reaction 10, and in
this case, a small improvement in the yield was observed.

3.5. Gold-Binding Functionality of the POCs after Incorpo-
ration into DNA Lattice. POC preparation reactions that
produced yields of at least 15% allowed for the purifi-
cation and isolation of POC material (Table 1). To test
the gold-binding capability of these POC materials, they
were incorporated into the modified DNA lattice prior to
addition of 5 nm AuNP and analysis with AFM. Figure 3
contains typical AFM images of both unmodified DNA
lattice and DNA lattice incorporating POC after addition
of 5 nm AuNP while Figure 4 shows the corresponding line
profiles for both samples. AFM analysis of DNA lattices
incorporating purified POC species isolated from the various
preparation reactions listed in Table 1 showed no discernable
difference in the areal density of AuNP reached with identical
reaction times and AuNP concentrations. The steady gold-
binding functionality of the purified POCs synthesized by
the various means leads to two possible conclusions, either
the peptide consistently formed a covalent linkage to the
oligonucleotide as designed through the 5′ amino linker on
the oligonucleotide and the C-terminus of the peptide, or the
gold-binding functionality of the peptide is not constrained
by the location of the covalent linkage between oligonu-
cleotide and peptide. Due to the uncertainty surrounding
the gold-binding mechanism of the peptide either of these
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Figure 3: AFM images of a DNA lattice (a) and a DNA lattice incorporating POC isolated from reaction 3 after addition of 5 nm gold
nanoparticles (b) and (c).
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Figure 4: AFM profile scans of a DNA lattice (top) and a DNA lattice incorporating POC isolated from reaction 3 after addition of 5 nm
gold nanoparticles (bottom).

scenarios remains plausible. Although higher areal densities
have been achieved by using AuNP labeled with single-
stranded DNA complementary to strands incorporated into
DNA lattice [22], the simultaneous organization of multiple
inorganic species favors an approach with greater selectivity,
such as those exhibited by proteins in biological chemistry.
Furthermore, experimental evidence indicated an inverse
correlation between the number of AuNP equivalents added
and the binding time required to reach near-saturating
conditions. This suggests that low AuNP areal densities can
be improved with increased reaction time and additional
AuNP equivalents.

4. Conclusion

The work presented herein describes multiple strategies
for the preparation of POCs that combine the capabilities
of both self-assembling DNA oligonucleotides with the
molecular-recognition capabilities of peptides. Four cou-
pling reagents have been evaluated for their ability to form
peptide oligonucleotide conjugates while the oligonucleotide
is either in solution-phase or restricted to a solid-support.
The molecular recognition capability of the peptide ends
of the POC products was further evaluated using 5 nm
AuNP after their incorporation into a self-assembling DNA
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lattice. The various purified POCs, when incorporated into
DNA lattices and allowed to mix with AuNP for equivalent
durations, resulted in equivalent areal densities of AuNP
when visualized using AFM. In the preparation of the POCs,
EDC consistently produced the highest yield while water-
soluble coupling reagents as a whole produced markedly
higher yields compared to their hydrophobic counterparts.
Solution-phase coupling yields were superior to their solid-
phase alternative. DMF-based reactions resulted in reduced
recovery of coupled product from the solid-phase resin.
Furthermore, when choosing between DMF and water for
the formation of peptide-oligonucleotide conjugates, the
superior yields of EDC and DMTMM demonstrated here
indicate water to be the superior solvent for coupling. How-
ever, researchers attempting to form peptide-oligonucleotide
conjugates in the future may choose solvents other than
water in order to balance starting material solubility with
reaction yield. It is worth noting that although the results in
this report were obtained using a water-soluble gold-binding
peptide, the coupling yield of hydrophobic peptides targeting
other species may be different under otherwise identical
conditions.

In the characterization of peptide functionality after
anchoring to a DNA oligonucleotide, all reactions from
which viable yields of POC could be isolated demonstrated
consistent nanoparticle templating capability. Although not
tested for this report, there are studies concluding that the
length of the amine linker may also affect the yield of
the coupling reactions [18, 23]. This effect could provide
researchers with additional means of optimizing the yield of
peptide-oligoconjugate reactions. Another factor not tested
for this report was the scalability of the coupling reactions.
The manufacturer-published exchange capacity for DEAE
Sepharose gel of 110–160 μeq/mL means that the saturation
point for the DNA used in this report is at least three orders
of magnitude higher, allowing for the potential use of larger
reaction scales.
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Both cellular environmental factors and chemical modifications critically affect the properties of nucleic acids. However, the
structure and stability of DNA containing abasic sites under cell-mimicking molecular crowding conditions remain unclear. Here,
we investigated the molecular crowding effects on the structure and stability of the G-quadruplexes including a single abasic
site. Structural analysis by circular dichroism showed that molecular crowding by PEG200 did not affect the topology of the G-
quadruplex structure with or without an abasic site. Thermodynamic analysis further demonstrated that the degree of stabilization
of the G-quadruplex by molecular crowding decreased with substitution of an abasic site for a single guanine. Notably, we found
that the molecular crowding effects on the enthalpy change for G-quadruplex formation had a linear relationship with the abasic
site effects depending on its position. These results are useful for predicting the structure and stability of G-quadruplexes with
abasic sites in the cell-mimicking conditions.

1. Introduction

Biomolecules have evolved to function within living cells,
which contain a variety of macromolecules including nucleic
acids, proteins, polysaccharides, and metabolites. These mol-
ecules make the intracellular environment extremely crowd-
ed; 20–40% of the total volume is physically occupied by
biomolecules [1–5]. It has been reported that molecular
crowding is a critical factor determining the structure,
stability and function of proteins and nucleic acids [6–18].
Because of this importance, molecular crowding effects on
the structure and stability of DNA duplexes, triplexes, G-
quadruplexes, and other structures have been studied [9–
18]. These studies have demonstrated that the molecular
crowding effects depend on the patterns of base-base hydro-
gen bonding in the nucleic acid structure. The stability of
DNA duplexes and triplexes comprised of Watson-Crick base
pairs decreases by molecular crowding [11–13]. In contrast,

molecular crowding stabilizes DNA triplexes and quadru-
plexes formed by Hoogsteen base pairs [13, 14, 17]. These
results suggest that the formation of noncanonical DNA
structures such as triplexes and quadruplexes is induced
under the molecular crowding conditions. In addition, a
recent study has shown that the RNA cleavage activity of a
ribozyme composed of noncanonical base-pairs and tertiary
interactions was enhanced by molecular crowding [18].
These results indicate that noncanonical structures of nucleic
acids can be stabilized by molecular crowding, leading to
a polymorphic nature of function and structure in living
cells. In fact, it is now generally accepted that noncanonical
structures of nucleic acids, especially G-quadruplexes, play
important roles in various biological systems [19–21].

G-quadruplexes are formed by intermolecular or intra-
molecular associations of guanine-rich sequences which
formed four Hoogsteen base paired coplanar guanines, a
structure called a G-quartet plane [22]. Bioinformatic studies
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have demonstrated that there are more than 370,000 gua-
nine-rich sequences in the human genome [19, 23]. Impor-
tantly, these guanine-rich sequences are enriched in impor-
tant genomic regions involving oncogene promoter regions,
short and long minisatellite repeats, ribosomal DNAs, im-
munoglobulin heavy chain switch regions, and telomere
regions [23–29]. As seen in telomere DNA, various biological
events related to these guanine-rich sequences should be reg-
ulated by the formation of G-quadruplexes, resulting in the
DNA G-quadruplex as an important target for cancer thera-
pies [30–33]. Notably, it has been reported that the function
of telomere DNA is also affected by DNA lesions [34]. The
most common lesions of genomic DNA are the abasic site
(apurinic/apyrimidinic (AP) site), mainly formed by hydrol-
ysis of N-glycosidic bond of nucleotides [35–37]. Recently,
the effects of abasic sites on the structure and stability of G-
quadruplexes were reported independently by Esposito et al.
and Školáková et al. [38, 39]. They each found that solution
component, as well as the position of the abasic site, was
important for the structure and stability of G-quadruplexes.
However, the effects of abasic site on the structure and stabil-
ity of G-quadruplexes under molecular crowding conditions
remain unclear.

In the present study, we examined the molecular crowd-
ing effects on the structure and stability of G-quadruplexes
including a single abasic site. We found that the degree of
stabilization of the G-quadruplex by molecular crowding
decreased by the substituting of an abasic site for a single gua-
nine. Moreover, the molecular crowding effects on the ther-
modynamics of G-quadruplexes with abasic sites depended
on the position of the abasic site. By comparing the molecu-
lar crowding effects and the abasic site effects on the enthalpy
change during the formation of G-quadruplexes, we found
that the molecular crowding effects on the enthalpy change
decreased linearly as the abasic site effects increased. These
results demonstrated that the effect of molecular crowding
on the thermodynamics of G-quadruplexes is determined by
the enthalpy change during formation, which depends on the
position of the abasic site. These results are useful to predict
the structure and stability of G-quadruplexes with abasic sites
in cell-mimicking conditions.

2. Materials and Methods

2.1. Materials. DNA oligonucleotides with an abasic site
were synthesized by a normal solid-phase synthetic proce-
dure. For the abasic site, the dSpacer CE Phosphoramidite
(5′-O-Dimethoxytrityl-1′,2′-Dideoxyribose-3′-[(2-cyanoe-
thyl)-(N,N-diisopropyl)]-phosphoramidite) (GLEN, Ster-
ling, VA) was used. After purification using a C18 column
and a polyacrylamide gel (acrylamide : bis (acrylamide) =
19 : 1) and electrophoresis in 7 M urea, the purity of the
DNA oligonucleotides was confirmed to be ∼95%. DNA
oligonucleotide without abasic sites was high-performance
liquid chromatography (HPLC) grade and was purchased
from Hokkaido System Science (Sapporo, Japan). Single-
strand concentrations of DNA oligonucleotides were de-
termined by measuring the absorbance at 260 nm at a high

temperature using a Shimadzu 1700 spectrophotometer (Ky-
oto, Japan) connected to a thermo programmer. Single-
strand extinction coefficients were calculated from mononu-
cleotide and dinucleotide data using the nearest-neighbour
approximation [40, 41].

2.2. Structural Analysis. Circular dichroism (CD) spectra
utilizing a JASCO J-820 spectropolarimeter (Hachioji, Japan)
were measured at 4◦C in a 0.1-cm-path-length curette for
20 μM total strand concentration of DNA in a buffer of
100 mM NaCl, 50 mM Tris-HCl (pH 7.0), and 1 mM
Na2EDTA at 0 wt% (0 mol L−1) and 40 wt% (2 mol L−1)
PEG200 (poly(ethylene glycol) with an average molecular
weight of 200). The CD spectra were obtained by taking the
average of at least three scans made from 200 to 350 nm.
The temperature of the cell holder was regulated by a JASCO
PTC-348 temperature controller, and the cuvette-holding
chamber was flushed with a constant stream of dry N2 gas to
avoid condensation of water on the cuvette exterior. Before
the measurement, the sample was heated to 80◦C, gently
cooled at a rate of 2◦C min−1, and incubated 1 h at 4◦C.

2.3. Thermodynamic Analysis. The UV absorbance of the
DNA oligonucleotides with were measured by a Shimadzu
1700 spectrophotometer (Kyoto, Japan) equipped with a
temperature controller. The UV melting curves of G-quad-
ruplexes were measured at 295 nm where G-quadruplexes
showed hypochromic transition [42]. All experiments were
carried out in a buffer of 100 mM NaCl, 50 mM Tris-HCl (pH
7.0), and 1 mM Na2EDTA at 0 wt% (0 mol L−1) and 40 wt%
(2 mol L−1) PEG200. The heating rate was 0.5◦C min−1. The
thermodynamic parameters (ΔH◦, ΔS◦, ΔG◦37) were calcu-
lated from the fit of the melting curves (with at least four dif-
ferent concentrations of DNA) to a theoretical equation for
a two-state model of intramolecular association as described
previously [41]. The thermodynamic parameters are the av-
erage values obtained from the curve-fitting analysis. Before
the measurement, the sample was heated to 80◦C, gently
cooled at a rate of 2◦C min−1, and incubated 1 h at 0◦C.

2.4. Water Activity Measurement. The water activity was de-
termined by the osmotic stressing method via vapor phase
osmometry using a model 5520XR pressure osmometer
(Wescor, Utah, USA.). In order to calculate the water activity
with various concentrations of PEG200, we assumed that
PEG200 did not interact directory with DNA [11, 12].

3. Results and Discussion

3.1. Sequence Design. We used the human telomere DNA se-
quence (dA(G3T2A)3G3) because previous studies have re-
ported that this sequence folds into an intramolecular anti-
parallel G-quadruplex in the presence of Na+ (Figure 1(a))
[43]. In order to understand the effects of molecular crowd-
ing on the structure and stability of G-quadruplexes with
abasic sites, we designed and synthesized human telomere
DNA sequences with a single abasic site instead of a guanine
base. The DNA sequences and their abbreviations used in
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Figure 1: (a) Structure of human telomere (5′-A(G3T2A)3G3-3′) G-quadruplex in the presence of Na+ (PDB ID: 143D). (b) Schematic
illustration of G-quadruplex AP-0 with a top G-quartet plane (green), middle G-quartet plane (purple), and bottom G-quartet plane (red).
The numbers indicate the position of abasic sites (AP-X (X indicates 1 to 11)).

Table 1: DNA sequences used in this study.

Abbreviation Sequence

AP-0 5′-AGGGTTAGGGTTAGGGTTAGGG-3′

AP-1 5′-AøGGTTAGGGTTAGGGTTAGGG-3′

AP-2 5′-AGøGTTAGGGTTAGGGTTAGGG-3′

AP-3 5′-AGGøTTAGGGTTAGGGTTAGGG-3′

AP-4 5′-AGGGTTAøGGTTAGGGTTAGGG-3′

AP-5 5′-AGGGTTAGøGTTAGGGTTAGGG-3′

AP-6 5′-AGGGTTAGGøTTAGGGTTAGGG-3′

AP-7 5′-AGGGTTAGGGTTAøGGTTAGGG-3′

AP-8 5′-AGGGTTAGGGTTAGøGTTAGGG-3′

AP-9 5′-AGGGTTAGGGTTAGGøTTAGGG-3′

AP-10 5′-AGGGTTAGGGTTAGGGTTAøGG-3′

AP-11 5′-AGGGTTAGGGTTAGGGTTAGøG-3′

ø indicates the abasic site.

this study are listed in Table 1. Figure 1(b) shows a schematic
structure of the antiparallel G-quadruplex of AP-0 in the
presence of Na+ [43]. When the first guanine is at the top of
the G-quartet plane, AP-1, AP-6, and AP-7 contain the abasic
site in the top G-quartet plane. AP-2, AP-5, AP-8, and AP-11
contain the abasic site in the middle G-quartet plane. AP-3,
AP-4, AP-9, and AP-10 contain the abasic site in the bottom
G-quartet plane. By comparing these sequences, it is possible
to systematically investigate the molecular crowding effects
on the G-quadruplex containing an abasic site at different
positions.

3.2. Molecular Crowding Effects on the Structures of DNA Se-
quences with or without an Abasic Site. We initially studied

the folding topologies of DNA sequences by CD spec-
troscopy. Figure 2(a) shows CD spectra of AP-0, AP-1, AP-
2, and AP-3 in 100 mM NaCl buffer at 0 wt% PEG200 as a
dilute condition. The CD spectrum of AP-0 showed positive
and negative peaks around 295 nm and 260 nm, respectively.
This CD spectrum indicates the formation of an antiparallel
G-quadruplex [43], which is consistent with a previous NMR
study showing that AP-0 forms an intramolecular antipar-
allel G-quadruplex in the presence of Na+ (Figure 1(a))
[39]. The CD spectra of AP-1, AP-2, and AP-3 also showed
positive and negative peaks around 295 nm and 260 nm,
respectively, also showing the formation of an antiparallel G-
quadruplex. Typical CD spectra for antiparallel G-quadru-
plexes were further observed for AP-0, AP-1, AP-2, and AP-3
under molecular crowding conditions with 40 wt% PEG200
(Figure 2(b)). We chose 40 wt% PEG200 as the molecular
crowding condition because, inside living cells, 20–40 wt%
total volume is physically occupied by biomolecules [1–
5]. In addition, higher concentrations of PEG200 than
40 wt% sometime induce condensation of DNA. In addition,
CD spectra of all DNA sequences at 0 wt% and 40 wt%
PEG200 were almost identical with that of AP-0 (see
Figure S1 in the Supplementary Material (available online at
doi:10.4061/2011/857149) for CD spectra of DNA sequences
from AP-4 to AP-11), showing that all DNA sequences
form antiparallel G-quadruplexes under both dilute and
molecular crowding conditions. These results demonstrated
that molecular crowding did not alter the folding topology
of G-quadruplexes. On the other hand, the CD intensities
of the DNA sequences were different from each other, sug-
gesting that loss of the stacking interaction in the antiparal-
lel G-quadruplexes depends on the position of the abasic
site.
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Figure 2: CD spectra for 20 μM AP-0 (black), AP-1 (green), AP-2 (purple), and AP-3 (red) in a buffer of 100 mM NaCl, 50 mM Tris-HCl
(pH 7.0), and 1 mM Na2EDTA at 0 wt% (0 mol L−1) (a) and 40 wt% (2 mol L−1) PEG200 (b) at 4◦C.

3.3. Molecular Crowding Effects on the Thermodynamics of G-
Quadruplexes with or without an Abasic Site. Since all se-
quences folded into antiparallel G-quadruplexes under dilute
and molecular crowding conditions, we further attempted to
evaluate the effects of molecular crowding on the thermo-
dynamics of G-quadruplexes with or without an abasic site.
Figure 3(a) shows normalized UV melting curves at 295 nm
of AP-0 at 0 wt% and 40 wt% PEG200. Hypochromic transi-
tions were observed, indicating that these melting behaviours
corresponded to the dissociation of G-quadruplexes [42]. In
addition, hysteresis was not observed between the melting
and annealing curves for any sequence (data not shown),
indicating a two-state transition of the G-quadruplexes. The
values of melting temperature (Tm) of AP-0 at 0 wt% and
40 wt% PEG200 were estimated to be 58.1◦C and 66.9◦C,
respectively (Table 2). The Tm values of AP-1, AP-2, and AP-
3 at 0 wt% were 52.2◦C, 44.2◦C, and 50.0◦C, respectively. At
40 wt% PEG200, the Tm values of the DNA sequences were
61.9◦C, 53.2◦C, and 57.2◦C, respectively. In addition, the Tm

values of DNA sequences from AP-4 to AP-11 at 0 wt% and
40 wt% PEG200 are listed in Table 2. All DNA sequences
showed higher Tm at 40 wt% PEG200 than at 0 wt% PEG200.
These results indicate that molecular crowding stabilizes G-
quadruplexes with or without an abasic site.

The values of free energy changes at 37◦C (ΔG◦37) for
G-quadruplex formations at 0 wt% and 40 wt% PEG200
were further evaluated and are listed in Table 2. Moreover,
we evaluated thermodynamic stability of G-quadruplexes
of the natural AP-0 and modified AP-1 at 10, 20, and
30 wt% PEG200 as well as 0 and 40 wt% PEG200 to inves-
tigate a relationship between the stability of the G-quadru-
plex (lnKobs) and water activity (lnaw) at 37◦C (Figure 4).

The plot showed that the stability of the G-quadruplex
(lnKobs) decreased linearly with the increase in lnaw. Thus,
the slope is approximately equal to the numbers of water
molecules released upon the formation of the structure
[12]. The numbers of water molecules released upon the G-
quadruplex formation of AP-0 and AP-1 were estimated to
be 74.7 and 56.8, respectively. These results are consistent
with the previous reports for the numbers of water molecules
through the formation of G-quadruplexes [12, 15]. Notewor-
thy, this linear relationship between lnKobs and lnaw indi-
cates that cosolute and cation bindings to G-quadruplex are
insignificant. We previously used various neutral cosolutes
to induce molecular crowding conditions and to study direct
interactions between cosolutes and DNA strand [11, 12].
We found that a cosolute with fewer hydroxyl groups in the
vicinal position causes more water molecules to be released
during formation of the G-quadruplex. From these results,
it is possible to consider that the cosolutes affect the ther-
modynamics of G-quadruplex by regulating the hydration
of the DNA molecule. On the other hand, it was reported
that a direct interaction between PEG and DNA strand
is thermodynamically unfavorable [45]. Thus, it appears
that indirect interactions with cosolutes containing fewer
hydroxyl groups, such as PEG, affect the hydration of the
DNA structures. These results suggest that the stabilization
effect of molecular crowding on G-quadruplex structures
with or without an abasic site is due to the hydration change
induced by the addition of PEG200.

Based onΔG◦37, we further estimated the effects of molecu-
lar crowding as follows: ΔΔG◦37(MC) = {ΔG◦37 (40 wt% PEG200)}−
{ΔG◦37 (0 wt% PEG200)}. The value of ΔΔG◦37(MC) for AP-0
was −2.3 kcal mol−1. This negative value of ΔΔG◦37(MC)



Journal of Nucleic Acids 5

Temperature ( C)

N
or

m
al

iz
ed

ab
s.

at
29

5
n

m

0.2

0.4

0.6

0.8

1

1.2

− 0.2
0 20 40 60 80

0

(a)

Temperature ( C)

N
or

m
al

iz
ed

ab
s.

at
29

5
n

m

0.2

0.4

0.6

0.8

1

1.2

− 0.2
0 20 40 60 80

0

(b)

Temperature ( C)

N
or

m
al

iz
ed

ab
s.

at
29

5
n

m

0.2

0.4

0.6

0.8

1

1.2

− 0.2
0 20 40 60 80

0

(c)

Temperature ( C)

N
or

m
al

iz
ed

ab
s.

at
29

5
n

m

0.2

0.4

0.6

0.8

1

1.2

− 0.2
0 20 40 60 80

0

(d)

Figure 3: Normalized UV melting curves for 20 μM AP-0 (a), AP-1 (b), AP-2 (c), and AP-3 (d) in a buffer of 100 mM NaCl, 50 mM Tris-HCl
(pH 7.0), and 1 mM Na2EDTA at 0 wt% (0 mol L−1) (solid line) and 40 wt% (2 mol L−1) (dashed line) PEG200.

quantitatively shows that molecular crowding stabilizes nat-
ural G-quadruplexes, which is consistent with previous stud-
ies for molecular crowding effects on the antiparallel G-
quadruplex stability [46]. By comparing ΔΔG◦37(MC) for
AP-0 (−2.3 kcal mol−1) with those of AP-1 ∼ AP-11
(−1.1 kcal mol−1 ∼ −1.9 kcal mol−1), we found that the
degree of stabilization by molecular crowding was re-
duced by the introduction of an abasic site. Moreover,
we found that the stabilizing effect of molecular crowding
was the largest for G-quadruplexes with an abasic site in

the middle G-quartet plane (see Figure 1(b)). The aver-
age value of ΔΔG◦37(MC) for AP-2 (−1.5 kcal mol−1), AP-
5 (−1.7 kcal mol−1), AP-8 (−1.8 kcal mol−1), and AP-11
(−1.9 kcal mol−1) was estimated to be −1.7 kcal mol−1,
which is greater in magnitude than that of AP-1, AP-6,
or AP-7 possessing abasic sites in the top G-quartet plane
(−1.5 kcal mol−1), and larger in magnitude than that of
AP-3, AP-4, AP-9, and AP-10 possessing an abasic site in
the bottom G-quartet plane (−1.3 kcal mol−1). These re-
sults indicated that the abasic site position critically affected
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Table 2: Thermodynamic parameters of AP series for the formation of G-quadruplexa .

PEG200
(wt%)

Tm
b

(◦C)
ΔH◦

(kcal mol−1)
TΔS◦

(kcal mol−1)
ΔG◦37

(kcal mol−1)
ΔΔG◦37 (MC)

c

(kcal mol−1)
ΔΔG◦37 (AP-X)

d

(kcal mol−1)

AP-0
0 58.1 −47.9 ± 0.3 −44.8 ± 0.3 −3.1 ± 0.4 −2.3 ± 1.0 —

40 66.9 −62.1 ± 1.0 −56.6 ± 0.8 −5.5 ± 1.0 — —

AP-1
0 52.2 −41.3 ± 0.4 −39.4 ± 0.5 −1.9 ± 0.6 −1.6 ± 1.0 1.2 ± 0.7

40 61.9 −46.5 ± 0.6 −43.0 ± 0.6 −3.5 ± 0.8 — 1.9 ± 1.2

AP-2
0 44.2 −40.8 ± 0.5 −39.9 ± 0.5 −0.9 ± 0.3 −1.5 ± 1.0 2.2 ± 0.5

40 53.2 −48.2 ± 0.8 −45.8 ± 0.7 −2.4 ± 0.8 — 3.0 ± 1.3

AP-3
0 50.0 −42.1 ± 0.6 −40.4 ± 0.6 −1.7 ± 0.7 −1.2 ± 1.5 1.4 ± 0.8

40 57.2 −47.9 ± 1.0 −45.0 ± 0.9 −2.9 ± 1.4 — 2.5 ± 1.7

AP-4
0 39.1 −38.6 ± 0.3 −38.3 ± 0.3 −0.3 ± 0.3 −1.1 ± 0.3 2.8 ± 0.5

40 46.2 −47.9 ± 0.4 −46.3 ± 0.3 −1.4 ± 0.3 — 4.0 ± 1.0

AP-5
0 30.9 −32.6 ± 0.3 −33.3 ± 0.3 0.7 ± 0.3 −1.7 ± 0.6 3.8 ± 0.5

40 43.8 −46.1 ± 0.4 −45.1 ± 0.4 −1.0 ± 0.5 — 4.4 ± 1.1

AP-6
0 47.0 −40.7 ± 0.4 −39.4 ± 0.4 −1.3 ± 0.6 −1.5 ± 0.9 1.8 ± 0.7

40 56.1 −48.1 ± 0.6 −45.3 ± 0.6 −2.8 ± 0.7 — 2.6 ± 1.2

AP-7
0 43.5 −45.1 ± 0.4 −44.2 ± 0.4 −0.9 ± 0.5 −1.3 ± 0.9 2.2 ± 0.6

40 51.3 −48.4 ± 0.4 −46.1 ± 0.4 −2.2 ± 0.5 — 3.2 ± 1.1

AP-8
0 33.5 −31.3 ± 0.3 −31.7 ± 0.3 0.4 ± 0.3 −1.8 ± 0.6 3.5 ± 0.5

40 46.7 −46.4 ± 0.3 −45.0 ± 0.3 −1.4 ± 0.3 — 4.0 ± 1.0

AP-9
0 41.1 −35.2 ± 0.2 −33.3 ± 0.3 −0.5 ± 0.3 −1.4 ± 0.4 2.6 ± 0.5

40 49.5 −47.5 ± 0.4 −45.6 ± 0.3 −1.9 ± 0.3 — 3.5 ± 1.0

AP-10
0 38.8 −37.5 ± 0.4 −37.3 ± 0.4 −0.2 ± 0.5 −1.3 ± 0.6 2.9 ± 0.6

40 48.0 −44.8 ± 0.3 −43.3 ± 0.3 −1.5 ± 0.4 — 3.9 ± 1.1

AP-11
0 36.4 −33.3 ± 0.7 −33.5 ± 0.7 0.2 ± 0.7 −1.9 ± 1.1 3.3 ± 0.9

40 48.1 −42.8 ± 0.7 −41.1 ± 0.6 −1.7 ± 0.7 — 3.7 ± 1.2
a
The error values were calculate as shown in [44].

bTm is the melting temperature at 20 μM total strand concentration.
cΔΔG◦37 (MC) = ΔG◦37 (40 wt% PEG200) −ΔG◦37 (0 wt% PEG200).
dΔΔG◦37 (AP-X) = ΔG◦37 (AP-X) − ΔG◦37 (AP-0) (X indicates the numbers from 1 to 11).

the molecular crowding effect on the thermodynamics of G-
quadruplex.

When the PEG200 concentration increased from 0 to
40 wt%, the enthalpy change (ΔH◦) of AP-0 for G-quadru-
plex formation was more favorable, decreasing from −47.9
to −62.1 kcal mol−1, and the entropy change at 37◦C (TΔS◦)
was more favorable, decreasing from −44.8 to −56.8 kcal
mol−1. Similarly, ΔH◦ and TΔS◦ values for AP-1, AP-2, and
AP-3 for G-quadruplex formation decreased with increasing
PEG concentration from 0 wt% to 40 wt%. These changes
demonstrate that the promotion of G-quadruplex formation
by molecular crowding is due to a favourable enthalpic
contribution that exceeds the unfavourable entropic con-
tribution. The enthalpic stabilization of G-quadruplexes by
molecular crowding agrees with previous reports showing
a stabilization effect of molecular crowding on a thrombin-
binding aptamer forming an antiparallel G-quadruplex [12,
15]. Moreover, these results demonstrate that the enthalpic
contribution of molecular crowding to the thermodynamics
of G-quadruplexes depends on the position of the abasic site.

3.4. The Effects of the Abasic Site on the Thermodynamics
of DNA G-Quadruplexes. In order to understand how the
abasic site regulates the molecular crowding effects on the
thermodynamics of G-quadruplexes, we compared the ther-
modynamic stability of nonmodified (AP-0) and modified
G-quadruplexes (AP-1 ∼ AP-11) under dilute conditions.
The thermodynamic stability of AP-0 was higher than that
of AP-1 ∼ AP-11 (Table 2). These parameters are consis-
tent with the destabilization of G-quadruplexes by aba-
sic sites as was reported in a previous study [39]. The
abasic site effects were quantitatively evaluated as follows:
ΔΔG◦37 (AP-X) = ΔG◦37 (AP-X) − ΔG◦37 (AP-0) (X indicates num-
bers from 1 to 11). For example, ΔΔG◦37 (AP-1) at 0 wt%
PEG200 was 1.2 kcal mol−1. Moreover, we found that the
value of ΔΔG◦37 (AP-X) was the largest for G-quadruplexes with
abasic sites in the middle G-quartet plane (AP-2, AP-
5, AP-8, and AP-11). The average value was estimated to
be 3.2 kcal mol−1, which was larger than that of AP-1, AP-
6, and AP-7 possessing abasic sites in the top G-quartet
plane (1.7 kcal mol−1), and larger than that of AP-3, AP-4,



Journal of Nucleic Acids 7
ln
K

ob
s

0

2

4

6

8

10

12

− 0.06 − 0.04 − 0.02 0

ln aW

Figure 4: Plots of ln Kobs versus ln aw for AP-0 (closed circle) and
AP-1 (open circle) for the formation of the G-quadruplex in a buffer
of 100 mM NaCl, 50 mM Tris-HCl (pH 7.0), and 1 mM Na2EDTA
containing 0 (0 mol L−1), 10 (0.5 mol L−1), 20 (1 mol L−1), 30
(1.5 mol L−1), or 40 (2 mol L−1) wt% PEG200 at 37◦C.

AP-9, and AP-10 possessing abasic sites in the bottom G-
quartet plane (2.4 kcal mol−1). These results show that the
position of the abasic site significantly affects the aba-
sic site effect on the thermodynamics of G-quadruplex.
Interestingly, this order was the same as that observed for
the values of ΔΔG◦37 (MC), that is, the molecular crowding
effect on the stabilizing of the G-quadruplexes with abasic
sites at different positions. Moreover, a comparison of the
values of ΔH◦ and TΔS◦ of AP-1 ∼ AP-11 shows that the
destabilization of G-quadruplexes by the abasic sites was due
to unfavourable enthalpy changes. In addition, the values of
ΔH◦ also depended on the position of the abasic site. Thus,
it is possible that the enthalpy change of G-quadruplexes
depending on the position of the abasic site is related to the
molecular crowding effects on the thermodynamics of G-
quadruplexes.

3.5. The Relationship between Molecular Crowding and Abasic
Site Effects on the Thermodynamics of G-Quadruplexes. We
found that stabilization of G-quadruplexes by molecular
crowding and destabilization of G-quadruplexes by abasic
sites were due to favourable and unfavourable enthalpy chan-
ges, respectively. In order to understand a possible mech-
anism for molecular crowding effects that depend on
the position of the abasic site, we compared molecular
crowding and abasic site effects on enthalpy changes for
G-quadruplex formation. Figure 5 shows the molecular
crowding effects on the enthalpy change for the formation of
G-quadruplexes containing abasic sites {ΔH◦(40 wt% PEG200) −
ΔH◦(0 wt% PEG200)} versus the abasic site effects on enthalpy
changes for G-quadruplex formation under dilute conditions
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Figure 5: Plots of the molecular crowding effects on enthalpy
change for G-quadruplex formation ΔH◦(40 wt% PEG200) −
ΔH◦(0 wt% PEG200) versus abasic site effects on enthalpy change for
G-quadruplex formation ΔH◦(AP−X) − ΔH◦(AP−0) at 0 wt% PEG200
(X indicates the numbers from 1 to 11) in a buffer of 100 mM
NaCl, 50 mM Tris-HCl (pH 7.0), and 1 mM Na2EDTA at 0 wt%
(0 mol L−1) and 40 wt% (2 mol L−1) PEG200.

ΔH◦(AP-X) − ΔH◦(AP-0), where X indicates numbers from 1 to
11. The plot reveals that the molecular crowding effects on
the enthalpy change for the formation of G-quadruplexes
containing abasic sites at different positions decreased lin-
early as the abasic site effects on enthalpy change increased.
The negative slope shows that a G-quadruplex having a
more unfavourable enthalpic change induced by an abasic
site is more enthalpically stabilized by molecular crowding.
Interestingly, the slope was around −1. This compensation
relationship between the enthalpy changes suggests that
molecular crowding can restore an unfavourable enthalpic
loss induced by an abasic site, which may be useful to
maintain a G-quadruplex structure with an abasic site under
molecular crowding conditions.

Olsen et al. reported that base substitution in the loops
causes a decrease in the thermal stability of the G-quadru-
plex, which can be explained in terms of stacked loops on
the G-quartets and base-base stacking within the loops, as
well as their overall hydration contributions [15]. Moreover,
in case of a DNA duplex with an abasic site, destabilization
depends on neighbouring bases due to the different stacking
conformations and energies between the substituted base
and neighbouring bases [47–49]. Thus, it is possible that
the molecular crowding effects on the thermodynamics of
G-quadruplexes including a single abasic site depended on
position of the abasic site due to local stacking ener-
gies altered. However, further studies are required of base
substitution in the loop region of G-quadruplexes under
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different topologies. In contrast to duplexes, the effect of
an abasic site on the thermodynamics of G-quadruplexes
largely depends on the stacking position. This dependency
can create a polymorphic nature in the structure and thermal
stability of G-quadruplexes, which should affect biological
systems related to guanine-rich DNA sequences. However,
quantitative results obtained here imply that molecular
crowding can reduce such risks. This buffering effect to
reduce responses of biomolecules against extended stimuli
has been proposed as one of the important functions of
molecular crowding to maintain homeostasis of cells [50].

4. Conclusion

We examined the effects of molecular crowding on the
structure and stability of G-quadruplexes with abasic sites at
different positions. The CD spectra showed that molecular
crowding did not affect the topology of G-quadruplexes.
On the other hand, UV melting analysis showed that
the effects of molecular crowding on the thermodynamic
stability of G-quadruplexes depended on the position of
the abasic site. Moreover, a systematic comparison of the
effects of molecular crowding and abasic sites on the ther-
modynamic parameters demonstrated that the molecular
crowding effects on enthalpy changes during the formation
of G-quadruplexes with abasic sites at different positions
decreased linearly as the abasic site effects increased. This
compensatory relationship suggests that molecular crowding
plays a role in the maintenance of G-quadruplex structures
with abasic sites in cells.
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The affinity of an 8-bromodeoxyguanosine- (8-BrdG-) substituted thrombin-binding aptamer (TBA-Br), which has the 1st and
10th guanosine residues replaced with 8-BrdG, was estimated using reflectometric interference spectroscopy (RIfS). When
comparing TBA-Br with unmodified TBA (TBA-H), it was demonstrated that the modification effectively improved the affinity
of TBA; dissociation constants (KD) of TBA-H and TBA-Br were 45.4 nM and 1.99 nM, respectively. These values, which were
obtained by direct observation of thrombin binding using RIfS, have the same order of magnitude as those obtained in our previous
study utilizing conformational changes in TBA to detect thrombin binding, thus confirming the validity of the obtained KD values.
RIfS measurements also revealed that the 8-BrdG modification resulted in a lower dissociation rate constant (kd), which suggests
that the enhancement of affinity can be attributed to the stabilization of the G-quadruplex structure on introduction of 8-BrdG.

1. Introduction

Chemical modification of nucleic acids is a useful approach
to improve the stability of higher-order structures [1–5].
Thrombin-binding aptamer (TBA), d(GGTTGGTGTGGT-
TGG), is a nucleic acid for which modification has attracted
considerable attention, as the improved stability may lead to
enhanced affinity for the target species, thrombin, which is
potentially useful for the diagnosis and treatment of various
conditions. Because the relationship between higher-order
structure and affinity is well known, its modification has
been widely studied. TBA is known to fold into a G-
quadruplex structure consisting of two G-planes connected
via a TGT loop and two TT loops, as shown in Figure 1(a)
[6–11].

Strategies for modifying TBA can be classified into two
categories: modification of the nucleotide backbone such
as Locked Nucleic Acid (LNA) [12, 13] or 2′-fluoro-ara-
binonucleic acid (2′-F-ANA) [14] and modification of nucle-
obases, such as alkylation or phenylation [15]. Both strategies
have been shown to be effective for stabilizing higher-order

structure by stabilizing specific glycosidic bond conforma-
tions in the G-plane.

We recently demonstrated that the higher-order structure
of TBA can be stabilized by introducing 8-bromodeoxygua-
nosine (8-BrdG, Figure 1(b)), which stabilizes a syn con-
formation of a glycosidic bond by steric hindrance between
the bromo group at the C8 position and the deoxyribose
moiety [16–18]. When two 8-BrdG residues were introduced
in place of the 1st and 10th guanosine residues, which have
a syn conformation, the higher-order structure of TBA was
significantly stabilized, with an increase in melting point of
15.8◦C, and the affinity for thrombin showed a 12.5-fold
greater binding constant [19]. In a previous study, however,
the binding of thrombin to TBA was detected indirectly;
conformational transition of TBA from a single strand to a
G-quadruplex, which is induced by the binding of thrombin,
was monitored using a fluorescent dye. Therefore, direct
measurement of the thrombin-binding phenomenon has
been required in order to verify the estimated binding
constant values and the effects of 8-BrdG on enhancing the
affinity of TBA for thrombin. Furthermore, the practical
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Figure 1: Structure of (a) G-quadruplex of thrombin binding aptamer and (b) 8-bromodeoxyguanosine. Modification sites, G1 and G10,
are indicated in red.

usefulness of the 8-BrdG-modified aptamer has not been
investigated.

In this study, we preformed direct observation of throm-
bin binding to an 8-BrdG-modified TBA (TBA-Br) using
reflectometric interference spectroscopy (RIfS), which can
measure changes in optical thickness of a molecular layer on
a sensor chip and is, therefore, expected to detect thrombin
binding to the modified TBA immobilized on a chip [20–
23] in order to assess the binding constants of TBA-Br and
the effectiveness of TBA-Br for developing a sensitive TBA
sensor.

2. Materials and Methods

2.1. Materials. Human α-thrombin was purchased from
Haematologic Technologies Inc. (Essex, VT). N-(6-Maleim-
idocaproyloxy)sulfosuccinimide sodium salt (Sulfo-EMCS)
and 6-Hydroxy-1-hexanethiol (HTT) were purchased from
Dojindo (Kumamoto, Japan). 3-Aminopropyltriethoxysilane
(APTS) was purchased from Tokyo Chemical Industry Co.,
Ltd. (Tokyo, Japan). All DNA amidites and 5′-thiol modifier
C6 were purchased from Glen Research Corp. (Sterling,
VA). 5′-Thiolated unmodified thrombin-binding aptamer
(TBA-H) was obtained from Hokkaido System Science Co.,
Ltd. (Sapporo, Japan). The RIfS sensor MI-affinity LCR-01
and its consumable supplies (SiN sensor chips and PDMS
flow cells) were purchased from Konica Minolta Opto, Inc.
(Tokyo, Japan). Other reagents were purchased from Wako
Pure Chemical (Tokyo, Japan).

Base sequences of aptamers were as follows.
TBA-H:

5′-SH-C6-TTT TTT TTT TTT TTT GGT TGG
TGT GGT TGG-3′

TBA-Br:

5′-SH-C6-TTT TTT TTT TTT TTT GBrGT TGG
TGT GBrGT TGG-3′

2.2. DNA Synthesis. TBA-Br was synthesized using an AB
3400 DNA synthesizer (Applied Biosystems Inc., Tokyo,

Japan). Synthesized oligonucleotides were purified by 20%
denaturing PAGE. Concentration of single-stranded oligo-
nucleotides was determined by measuring the absorbance at
260 nm at a high temperature using a UV-1700 spectrometer
connected with TMSPC-8 thermoprogrammer (Shimadzu
Co., Ltd Kyoto, Japan). Oligonucleotides were treated by
dithiothreitol prior to use.

2.3. Chip Preparation. The SiN Chip surface was irradiated
with UV under vacuum for 1 h using UER20-172VB (Ushio
Inc., Tokyo, Japan). UV-treated chips were soaked in acetone
containing 1% APTS for 1 h, and after washing with acetone,
chips were heated at 110◦C for 30 min. Thrombin-binding
aptamers were immobilized in situ using RIfS by injecting
1 mM Sulfo-EMCS, 50 μM aptamer, and 5 mM HTT in
PBS buffer at 30◦C. An Econoflo Syringe Pump (Harvard
Apparatus, Holliston, Mass, USA) was used to move PBS
buffer at a flow rate of 2.0 μL min−1. Obtained sensor chips
were stored in PBS buffer at 4◦C.

2.4. RIfS Measurements. A RIfS sensor (MI-affinity LCR-01)
was used for direct monitoring of the association/dissoci-
ation process. All measurements were conducted using bind-
ing buffer (20 mM Tris buffer, pH 7.4) containing 140 mM
NaCl, 5 mM KCl, 1 mM MgCl2, 1 mM CaCl2, and 1% PEG
at 25◦C and at a flow rate of 20 μL min−1. Kinetic analysis
was carried out using software associated with the MI-
affinity LCR-01. Triplicate measurements were conducted,
and average data are shown in Table 1.

3. Results and Discussion

3.1. Chip Preparation. Sensor chips were prepared in situ
using RIfS (Figure 2). A hetero bifunctional cross-linker, Sul-
fo-EMCS, which bears a maleimide group and succinimide
group at each end, was used to immobilize a thiol-terminated
aptamer onto an aminated SiN chip. HTT was used to cap
the unreacted maleimide termini of the immobilized Sulfo-
EMCS moieties. After injection of aptamer for immobi-
lization, an approximately 1.2-nm shift in wavelength was
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Table 1: Binding properties of each TBA.

ka kd KD

M−1 s−1 s−1 nM

Nonmodified TBA
7.45 ± 0.20
× 104

3.38 ± 0.33
× 10−3 45.4 ± 5.6

8-BrdG substituted
TBA

1.58 ± 0.10
× 105

3.15 ± 0.46
× 10−4 1.99 ± 0.29

observed with both the unmodified (TBA-H) and modified
aptamers (TBA-Br), thus confirming the same degree of
immobilization for both aptamers. TBA-Br possesses two 8-
BrdG residues at the 1st and 10th guanosine sites, and based
on our previous study, is optimized in terms of the number
and position of the 8-BrdG groups [19].

3.2. Kinetic Measurement. The sensor chips immobilized
with TBA-H and TBA-Br were assessed by injection of
100 nM thrombin. The response was reproducible with vari-
ations of less than 8.7%. When compared to the TBA-H-
immobilized chip (Figure 3(a)), the TBA-Br-immobilized
chip showed a larger response (Figure 3(b)). These results
suggest that TBA-Br has a higher affinity for thrombin than
the TBA-H and accordingly captured a larger number of
thrombin molecules.

Using the sensorgrams obtained on injection of 100 nM
thrombin, kinetic analysis was performed (Table 1). TBA-
Br showed a larger association rate constant (ka) (1.58 ×
105 M−1s−1) than TBA-H (7.45× 104 M−1s−1). However, the
effect on dissociation rate constant was more significant;
TBA-Br showed a dissociation rate constant an order of
magnitude lower (kd = 3.15 × 10−4 s−1) than TBA-H (kd =
3.38 × 10−3 s−1). Because thrombin binding with TBA
is accompanied by G-quadruplex formation of TBA, the
decrease in dissociation rate constant may be attributed to
the stabilization of G-quadruplex structure of TBA (TBA-Br)
due to the introduction of 8-BrdG; the Tm value for TBA-H
was 50.7◦C while that for TBA-Br was 66.5◦C [19].

Dissociation constants (KD) for TBA-H and TBA-Br were
45.4 nM and 1.99 nM, respectively. These values are within
the same order of magnitude as those obtained by our
previous study using a fluorescent dye [19]. It is also notable
that the dissociation constant for TBA-H reported elsewhere
is between 20 and 102.6 nM, which was obtained by other
detection methods, such as SPR [24, 25], QCM [26], ITC
[27], and an electrochemical sensor [28], thus supporting the
suitability of the applied conditions and estimation protocol.
Direct detection of binding between TBA and thrombin
appeared to be successful using RIfS, and the enhancement
of affinity by introducing 8-BrdG to TBA was confirmed.
Interestingly, the dissociation constant (KD) for TBA-Br
estimated by RIfS was slightly lower than that obtained using
the fluorescent dye [19], whereas the dissociation constant
(KD) for TBA-H estimated by RIfS was larger than that
obtained using the fluorescent dye. Although the cause of
these discrepancies is not currently understood, it is possible
that even in the absence of thrombin, TBA-Br forms a G-
quadruplex in the binding buffer at the temperature used
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Figure 2: In situ chip preparation process monitored by reflec-
tometric interference spectroscopy (RIfS). Chips were prepared in
PBS at 30◦C. Flow rate was 2.0 μL min−1.
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Figure 3: Sensorgrams on injection of 100 nM thrombin with (a)
TBA-H-immobilized chip and (b) TBA-Br-immobilized chip. Mea-
surements were conducted in binding buffer at 25◦C. Flow rate was
20 μL min−1.

for RIfS measurements due to the improved stability, which
would be favorable for binding with thrombin as a result of
preorganization effects.

3.3. Effects of Aptamer Modification on Sensitivity. Sensors
that sensitively detect thrombin are potentially useful for di-
agnosis of thrombosis. The TBA-Br-immobilized chip is
expected to offer improved sensitivity due to its high affinity
for thrombin. Thus, we investigated the sensitivity of the RIfS
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at 25◦C. Flow rate was 20 μL min−1.

sensor with an TBA-Br-immobilized chip. Responses to vari-
ous concentrations of thrombin (from 0.01 nM to 500 nM)
are plotted in Figure 4. The TBA-Br-immobilized chip
showed a significant response to 1 nM thrombin with varia-
tions of less than 5%, whereas the detection limit of the TBA-
H-immobilized chip was higher than 5 nM. Although the
degree was moderate, it confirms that modification of TBA
to improve affinity can contribute to enhancing thrombin-
sensor sensitivity.

4. Conclusions

In this study, we directly observed the association between
TBA-Br and thrombin by RIfS in order to estimate the kinetic
rate and affinity constants. The estimated dissociation con-
stants had the same order of magnitude as those obtained in
a previous study using a fluorescent dye, thus suggesting that
modification with 8-BrdG at appropriate residues in the G-
plane increases the affinity of TBA. In addition, the decrease
observed in dissociation rate constant by introduction of 8-
BrdG suggests that affinity enhancement is due to the effect
of 8-BrdG in stabilizing the G-quadruplex structure of TBA.
A preliminary test on the sensitivity of TBA-immobilized
sensor chips also demonstrated that modification to improve
affinity resulted in a better detection limit although the effect
is currently moderate.
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We demonstrated a method to screen for binders to a particular G-quadruplex sequence using easily designed short peptides
consisting of naturally occurring amino acids and mining of binding data using statistical methods such as hierarchical clustering
analysis (HCA). Despite the small size of the library used in this study, candidates of specific binders were identified. In addition,
a selected peptide stabilized the G-quadruplex structure of a DNA oligonucleotide derived from the promoter region of the
protooncogene c-MYC. This study illustrates how a peptide library can be designed and presents a screening guideline for
construction of G-quadruplex binders. Such G-quadruplex peptide binders could be functionally modified to enable switching,
cellular penetration, and organelle-targeting for cell and tissue engineering.

1. Introduction

Research over the last few decades has revealed that some
DNA and RNA secondary structures modulate a variety of
cellular events. One secondary structure in particular, the
G-quadruplex [1] regulates cellular events such as trans-
cription, translation, pre-RNA splicing, and telomerase elon-
gation, all of which play roles in various serious diseases
and cellular aging [2–6]. Systems capable of controlling
DNA and RNA G-quadruplex structures would therefore
be useful for the modulation of various cellular events
for the purpose of producing biological effects. Because of
their biological importance, many G-quadruplex-targeting
ligands [7, 8] have been described, including phthalocyanine
derivatives [9], porphyrin derivatives [10], and others [11–
14]. However, the next generation of binders should have
more G-quadruplex sequence specificity, higher inducing
or collapsing ability of the structure, and a greater degree
of functionality including binding on-off switching, cellular
penetration, and the ability to target organelles.

De novo designed peptides (peptides not derived from
domains of binding proteins) are promising next generation
G-quadruplex binding candidates because of the following
advantages they offer: (i) peptides are easier to design and
synthesize than antibodies or recombinant proteins; (ii) they
can mimic protein-G-quadruplex interactions; (iii) analyses
based on peptide libraries can be used to elucidate binding
properties of DNAs; (iv) in addition to naturally occurring
amino acids, various functional moieties (e.g., artificial
amino acids) can be employed as building blocks in designed
peptides; (v) because certain peptide sequences may exhibit
transmembrane or hormonal properties, combining pep-
tides with these functional sequences with G-quadruplex-
binding peptides can produce multifunctional molecular sys-
tems useful in cell and tissue engineering.

To increase the utility of the peptide library technology,
we designed peptide microarrays composed of various sec-
ondary structures. The designed peptide arrays were initially
applied to protein analysis [15–21]. Upon addition of various
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proteins to these peptide arrays, library peptides contain-
ing fluorescent probes showed different binding responses
depending on the peptide sequence. These response patterns
served as “protein fingerprints” (PFPs), which can be used
to establish the identity of a target protein and correlate
the recognition properties of a target protein to a particular
peptide [15, 16, 21]. In addition, by applying statistical anal-
yses such as hierarchical clustering analysis (HCA) and prin-
cipal component analysis (PCA) to PFPs, researchers can
draw high-confidence correlations between target proteins
and biological function, based primarily upon peptide charge
and hydrophobicity data [19, 21]. We successfully applied
our system to screen for peptide ligands that tightly bind to
a target protein and simultaneously control the function of a
protein related to the target [20]. This approach has several
advantages, such as ease of peptide library design and robust
selection of ligands with novel structures for the control of
signaling pathways and/or cascades.

Here, we demonstrate a model screening of binders to
a particular G-quadruplex sequence using easily designed
short peptides consisting of naturally occurring amino acids.
We also examined the stability of the DNA G-quadruplex
structure upon addition of a G-quadruplex-binding peptide
and checked whether the peptides could induce or collapse
the G-quadruplex structure. This study illustrates how a
peptide library can be designed and presents a screening
guideline for the construction of next-generation ligands
with increased specificity to particular G-quadruplexes and
increased functionality, including on-off switching and the
ability to penetrate cells and target organelles.

2. Experimental Methods

2.1. General Remarks. All chemicals and solvents were of re-
agent or HPLC grade and were used without further purifi-
cation. Oligodeoxynucleotide samples purified by HPLC
were purchased from Hokkaido System Science (Sapporo,
Japan). HPLC was performed on a GL-7400 HPLC system
(GL sciences, Tokyo, Japan) using an Inertsil ODS-3 (10 ×
250 mm; GL Science) column for preparative purification
with a linear acetonitrile/0.1% trifluoroacetic acid (TFA)
gradient at a flow rate of 3.0 mL/min. Peptides were analyzed
using MALDI-TOF MS on an Autoflex III (Bruker Daltonics,
Billerica, MA, USA) mass spectrometer with 3,5-dimethoxy-
4-hydroxycinnamic acid as the matrix.

2.2. Synthesis of a Designed Peptide Minilibrary. The designed
peptide library was synthesized on Fmoc-NH-SAL-PEG
Resin (Watanabe Chemical Industries, Hiroshima, Japan)
using an automatic synthesizer (Advanced ChemTech Model
357 FBS) with Fmoc chemistry [22] using Fmoc-AA-
OH (4 eq., Watanabe Chemical Industries) according to
the O-(7-azabenzotriazol-1-yl)-1,1,3,3-tetramethyluronium
hexafluorophosphate (HATU, Watanabe Chemical) method.
Side chain protections were as follows: t-butyl (tBu) for
Glu and Tyr, trityl (Trt) for His, and t-butyloxycarbonyl
(Boc) for Lys. The peptides were cleaved from the resin

and side chain protections were removed by incubat-
ing the peptides for 2 h in TFA (Watanabe Chemical
Industries)/H2O/triisopropylsilane (Wako Pure Chemical
Industries, Tokyo, Japan) (20:1:1, v/v). The peptides were
precipitated by addition of cold diethylether and then
collected by centrifugation. The recovered peptides were
dissolved in water to about 1 mM and stored at 4◦C. In order
to determine the concentration of library peptide stock solu-
tions, the absorbance at 280 nm (for Trp (ε = 5500) and
Tyr (ε = 1490) [23]) of a diluted solution of each peptide
was measured on a U-1900 UV spectrometer (Hitachi High-
Technologies, Tokyo, Japan). After a screening assay in 3.2,
selected peptides were purified by RP-HPLC and characteriz-
ed by MALDI-TOF MS for further experiments in 3.3–3.5.
Purified peptides were dissolved in water to about 1 mM and
their concentrations were measured by their absorbance at
280 nm, after which they were stored at 4◦C.

2.3. Screening of Library Peptides Using Gel Electrophoresis.
Prior to analysis, each sample in 10 mM Tris-HCl (pH 7.0)
buffer containing 0.1 mM EDTA was heated to 85◦C for
5 min then gently cooled to room temperature at a rate of
1.0◦C min−1. Native gel electrophoresis was performed using
nondenaturing gels containing 13% polyacrylamide. Load-
ing buffer (2 μL) was mixed with 2 μL of 5 μM DNA sample
with/without 50 μM library peptide in 10 mM Tris-HCl (pH
7.0) buffer containing 0.1 mM EDTA. A 4 μL aliquot of
each sample was loaded onto the gel and electrophoresed at
10.0 V cm−1 for 2 h at room temperature. Gels were stained
with SYBR Gold Nucleic Acid Gel Stain (Invitrogen, Car-
lsbad, CA, USA) and imaged using a FLA-7000 imager
(Fuji Film, Tokyo, Japan). Band intensities were quantified
using Malti Gauge software (V.3.2) for Windows. The bound
DNA percentage was calculated according to the following
equation: {(intensity of DNA band without peptide) −
(intensity of DNA band with peptide)} / (intensity of DNA
band without peptide) × 100 (%).

2.4. Preparation of the Color Scale Bar. Data were manipu-
lated according to previously reported standard procedures
to prepare the black-red-yellow color scale bar [16]. A por-
table-pixel-map (.ppm) file format was used. Each grid
position was first assigned a three whole-number code bas-
ed on its RGB color-code response (0, 0, 0 = full black,
lowest bound DNA percentage; 255, 0, 0 = red, moderate
percentage; 255, 255, 0 = yellow, highest percentage), which
corresponds to all the bound DNA percentages divided into
511 levels. The numbers of the grid were saved as a comma-
separated-value (.csv) file including the three (or four) lines
of the .ppm setting at the top of the file. The file was then
saved in the portable-pixel-map format by simply adding a
“.ppm” extension to the filename. This file can be opened
using graphic viewer software, resized, then saved in another
file format, such as bitmap (.bmp).

2.5. Hierarchical Clustering Analysis (HCA). The Euclidean
distance [24, 25], a common measure of the distance bet-
ween two vectors, was used to determine the similarity
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Figure 1: (a) Design of the G and P series peptide libraries. (b) Peptide identification number and sequence of each library peptide. (c)
Distribution of peptides into the G or P series.

between two binding-color images obtained from different
target DNAs. After the similarities between the binding-color
images were determined, HCA was conducted. Ward’s clus-
tering algorithm was used and the dendrogram was obtained
from the Euclidean distances using the Excel Macro program
[26]. The horizontal axis represents the distance between
vectors (left for high similarity and right for low similarity).

2.6. Circular Dichroism (CD) Spectroscopy. Circular dichro-
ism (CD) spectroscopy was performed using DNA (1 μM)
and peptide no. 010 (0 or 100 μM) in 20 mM Tris-HCl
(pH 7.0) containing 0.1 mM KCl and 0.1 mM EDTA. A
J-820 spectropolarimeter (JASCO, Hachioji, Japan) with a
thermoregulator using a quartz cell with a 1 cm path length at
25◦C was used for CD measurements. Prior to analysis, each
sample was heated to 85◦C for 5 min, then gently cooled to
room temperature at a rate of 1.0◦C min−1.

2.7. UV Melting of G-Quadruplex Structures. The UV
absorbance was measured using a Shimadzu 1800 spec-
trophotometer equipped with a temperature controller (Shi-
madzu, Kyoto, Japan). Melting curves for the G-quadruplex
structures were obtained by measuring the UV absorbance
at 295 nm in 10 mM Tris-HCl (pH 7.0) containing 0.1 mM
KCl and 0.1 mM EDTA at a heating rate of 1.0◦C min−1.
The melting temperature (Tm) values for 5 μM DNAs with/
without peptide no. 010 (100 μM) were obtained from UV
melting curves as described previously [27, 28].

3. Results and Discussion

3.1. Design and Synthesis of the Peptide Minilibrary. We
constructed a minilibrary consisting of 32 peptides of
varying charge and/or hydrophobicity using the strategy
shown in Figure 1(a). The KWK motif is known for its ability
to bind to DNA [29]. We designed peptides in which four
residues were added to the N-terminus of the KWK motif.
Addition of a G or P at 4th residue allowed for varying the
flexibility of the peptide main chain. Addition of an H, W, F,
or Y at residue X1 allowed for varying the aromatic character
of the peptide, while addition of a K or E at residues Z1 and
Z2 allowed for varying the peptide charge. Figures 1(b) and
1(c) show all the library peptide species. The column and row
headings in Figure 1(c) denote the aromatic residues (H, W,
F, or Y at X1) and numbers of amines (E, or K at Z1 and Z2;
numbers of amines = 3, 4, or 5), respectively, and each cell
displays the number of the synthesized peptide. Hence, the
library consists of two series (a G series and a P series) of
designed peptides, each of which contains 16 systematically
designed peptides.

3.2. Screening of the Designed Peptide Minilibrary and Data
Mining. Library peptides were assayed for their ability to
bind to four different parallel G-quadruplex sequences from
the promoter regions or the 5′ untranslated regions of
human protooncogenes (MYC from c-MYC, NRAS from
NRAS, WNT from WNT 3, and FGF from FGF 3 [30–32]
(Table 1)) using electrophoresis. The bound DNA percent-
ages varied according to the peptide sequence (Figure 2),
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Figure 4: Binding percentages of various DNAs with purified pep-
tide no. 010 (100 μM).

and the binding percentages ranged from high to low. To
visualize the binding properties more clearly, these results
were converted into black-red-yellow images as shown in
Figure 2(b). The color images correspond to two series of
peptides (Figure 1(c)), and the color of each cell indicates
the binding response of each peptide against each DNA.

Table 1: Sequences of the G-quadruplex DNAs used in this study.

Oligo name Gene Sequence (5′-3′)

MYC c-MYC AGGGTGGGGAGGGTGGGGA

NRAS NRAS GGGAGGGGCGGGTCTGGG

WNT WNT 3 GGGCCGGGCGGGAGGGG

FGF FGF 3 GGGGGAGGGGCGGGTAGGG

Table 2: Melting temperature (Tm) of G-quadruplex DNAs with/
without peptide no. 010.

Oligo name No. 10 peptide Tm (◦C)

MYC 0 μM 41.3 ± 0.2

100 μM 49.3 ± 0.3

FGF 0 μM 25.5 ± 0.9

100 μM 29.2 ± 0.3

The RGB color codes represent the degree of binding: black
(lowest percentage), to red (moderate percentage), to yellow
(highest percentage), divided into 511 levels. Some peptides,
such as nos. 008 and 032, bound to all DNAs tested, while
peptide no. 011, for example, little bound to the DNAs tested.
The cells in the bottom portion of each series were colored in
either yellow or red, indicating that DNAs preferentially bind
cationic peptides. In addition, while the MYC G-quadruplex
tended to bind to G-series peptides and the NRAS G-
quadruplex tended to bind to P-series peptides, the FGF and
WNT G-quadruplexes tended to bind to both peptide series.
This result implies that imparting variation of flexibility to
the peptides by adding a G and P to the middle of the
sequence provides DNA selectivity.

Similarities between the peptides in their ability to bind
DNAs were analyzed quantitatively using HCA with Eucli-
dean distances. As shown in Figure 3(a), the library peptides
could be sorted into five groups (Groups A–E). Group A
peptides exhibited a relatively high binding percentage for
the FGF and WNT G-quadruplexes, but had less binding per-
centages for the MYC and NRAS G-quadruplexes. Peptides
classified into Group B showed relatively low binding per-
centages for all DNAs except the WNT G-quadruplex, to
which they bound tightly. Peptides classified into Group C
had high binding percentages for the MYC G-quadruplex,
but lower binding percentages for the NRAS, FGF, and WNT
G-quadruplexes. Peptides in Group D demonstrated an
intermediate binding percentage for all quadruplexes except
MYC, to which they did not bind. Finally, peptides classi-
fied into Group E, which are chara-cterized by 5 amines,
bound to all the DNAs tested with high binding percentages.
Because peptides with 3 or 4 amines demonstrated diverse
binding percentages, we concluded that a greater number
of specific binders could be obtained by designing and syn-
thesizing a wider array of peptides with 3 or 4 amines.
Despite the small size of the library used in this study, we
were able to obtain peptides that demonstrated sequence-
specific binding. For example, our results show that peptides
009 and 010 are MYC-specific binders, and peptides 003, 007,
and 015 are WNT-specific binders.
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Figure 5: CD spectra of (a) MYC, (b) FGF, (c) NRAS, and (d) WNT with/without peptide no. 010.

Similarities between G-quadruplex binding properties
were analyzed quantitatively using the HCA method. A clus-
tering dendrogram (Figure 3(b)) was generated by analysis
of Euclidean distances. The horizontal axis indicates the
distance between the binding percentages of the G-quad-
ruplexes for library peptides (left indicates high similarity
and right indicates low similarity). The clustering dendro-
gram discriminated MYC from the other G-quadruplexes,
which tended to cluster. We suspect that some of the library
peptides recognized a particular sequence (GGGCGGG)
present in all the G-quadruplexes tested except for MYC.
Although much additional data regarding the binding of lib-
rary peptides to various DNA types are needed, these results
imply that the statistical approaches used in this study could
be used to characterize the binding properties of a variety of
other G-quadruplexes.

3.3. Confirmation of DNA Binding. We selected peptide no.
010 as a MYC-specific binder and after the peptide was
purified, an electrophoresis assay was conducted to confirm
no. 010 binding to MYC, (Though we also selected and

purified peptide no. 009, the purified no. 009 peptide did
not strongly bind to MYC (data not shown)). Figure 4 shows
the bound DNA percentages at which purified pep-tide
no. 010 bound to various DNAs. Peptide no. 010 strong-ly
bound to MYC, while the peptide weakly bound to NRAS
and WNT or little bound to csMYC (complementary seq-
uence of MYC, 5′-TCCCCACCCTCCCCACCCT-3′) and
TELO (representative antiparallel G-quadruplex sequence
from human telomeric DNA, 5′-AGGGTTAGGGTTAGG-
GTTAGGG-3′ [33]). Although G-quadruplex FGF as well
as MYC highly bound to peptide no. 010, the data clearly
suggest that peptide no. 010 bound only to the parallel G-
quadruplex sequence, not to the antiparallel G-quadruplex
sequence or to the other sequences, including the MYC com-
plementary sequence. Although additional assays and/or de-
tailed confirmation experiments are needed, these results
indicate that the electrophoresis in 3.2 is one of the promising
tools for screening DNA-binding peptides using peptide
libraries.

3.4. Circular Dichroism (CD) Spectroscopy of G-Quadruplex
DNAS with/without Peptide no. 010. We performed CD
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Figure 6: Normalized UV melting curves for (a) MYC and (b) FGF
with/without 100 μM peptide no. 010.

experiments to investigate induction of structural and
conformational changes in the MYC G-quadruplex upon
interaction with peptide no. 010. The MYC G-quadruplex
yielded spectra that were characteristic of parallel quadru-
plexes, with a maximum at 260 nm and a minimum at
240 nm (Figure 5(a)), a result that is consistent with a
prior study [10]. Interestingly, addition of peptide no. 010
led to an increase in the parallel G-quadruplex signature.
Furthermore we performed CD experiments with the other
G-quadruplex DNAs upon addition of peptide no. 010. The
FGF G-quadruplex showed similar results to those of MYC
(Figure 5(b)), whereas the NRAS and the WNT did not show
significant changes upon addition of peptide no. 010 (Figures
5(c) and 5(d). These results were correlated to the DNA-
binding results in 3.3.

3.5. Thermodynamic Stability of the DNA G-Quadruplexes
Bound to Peptide no. 010. We investigated the effect of
peptide binding on the thermodynamic stability of the
DNA G-quadruplexes. Table 2 shows the Tm of the MYC

and FGF G-quadruplexes in the presence and absence of
100 μM peptide no. 010. (Melting curves of MYC and FGF
with/without no. 010 are shown in Figure 6.) Surprisingly,
the MYC G-quadruplex Tm changed appreciably in the pre-
sence of the peptide, increasing by about 8◦C while the FGF
G-quadruplex Tm changed in the presence of the pep-tide,
increasing by only about 4◦C.

These results imply that peptide no. 010 binds to
the MYC G-quadruplex by a kind of specific association.
Although we could not screen peptides with a high binding
selectivity, despite the limited size of our library, we found
that peptide no. 010 acts as a promising stabilizer of the G-
quadruplex structure as well as a binder to MYC.

4. Conclusions

In this study, we demonstrated a novel designed peptide
library method to screen for binders to a particular G-quad-
ruplex and also demonstrated the mining of data generated
from binding results using statistical methods such as HCA.
Our results suggest that the use of a designed peptide library
enables the discrimination of G-quadruplex sequences and
could therefore provide useful information for the design of
peptides for targeting specific G-quadruplexes. Despite the
small size of the library used in this study, some candidates
of specific binders were identified. By improving the design
of the library peptides and the screening methods, our system
could be used to screen for peptides that bind to a particular
G-quadruplex and alter its thermodynamic properties. It
would then be possible to find binders with strong specificity
to which specific functional attributes can be added, such as
the ability to penetrate cells in order to control DNA and/or
RNA events for the purposes of cell and tissue engineering.
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Topoisomerase 1 (Top1) enzymes regulate DNA superhelicity by forming covalent cleavage complexes that undergo controlled
rotation. Substitution of nucleoside analogs at the +1 position of the DNA duplex relative to the Top1 cleavage site inhibits DNA
religation. The reduced efficiency for Top1-mediated religation contributes to the anticancer activity of widely used anticancer
drugs including fluoropyrimidines and gemcitabine. In the present study, we report that mismatched base pairs at the +1 position
destabilize the duplex DNA components for a model Top1 cleavage complex formation even though one duplex component does
not directly include a mismatched base pair. Molecular dynamics simulations reveal G-dU and G-FdU mismatched base pairs, but
not a G-T mismatched base pair, increase flexibility at the Top1 cleavage site, and affect coupling between the regions required for
the religation reaction to occur. These results demonstrate that substitution of dT analogs into the +1 position of the non-scissile
strand alters the stability and flexibility of DNA contributing to the reduced efficiency for Top1-mediated DNA religation. These
effects are inherent in the DNA duplex and do not require formation of the Top1:DNA complex. These results provide a biophysical
rationale for the inhibition of Top1-mediated DNA religation by nucleotide analog substitution.

1. Introduction

DNA topoisomerases regulate the topological state of DNA
as required to relieve superhelical density for important
biological processes such as replication and transcription [1–
3]. DNA topoisomerase 1 (Top1) is expressed at elevated
levels during S-phase of the cell cycle and is the topoi-
somerase primarily responsible for relieving superhelical
density generated in front of advancing replication forks
in mammalian cells. Top1 preferentially binds superhelical
DNA and forms a covalent complex as a result of nucleophilic
attack by the hydroxyl of Tyr 723 on the phosphodiester
backbone of the scissile strand of the DNA duplex. DNA
superhelical density is reduced by controlled rotation of the
scissile strand about the nonscissile strand in the cleavage
complex [4, 5]. Following release of superhelical tension, the

cleavage complex is dissociated by nucleophilic attack of the
free 5′-OH of the scissile strand to reform the phosphodiester
backbone. DNA sequences that have several A-tracts flanking
a conserved DNA duplex motif are also substrates for DNA
Top1 and serve as a model system for understanding DNA
recognition and catalysis by Top1 [6].

Top1 is the sole target for the camptothecin (CPT) class
of anticancer drugs. CPT forms a stable ternary complex
upon binding to the Top1:DNA covalent cleavage complex.
Stabilization of cleavage complexes by CPT converts Top1
into a cellular poison since collision of advancing replication
forks with trapped Top1 cleavage complexes results in DNA
double-strand breaks. Thus, CPT not only inhibits Top1
activity, but also converts the enzymatic activity into DNA
damage that is potentially lethal to the cell. Over the last
decade, it has been shown that a variety of nonnative
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nucleotide substitutions that may result from oxidative
damage to DNA (e.g., 8-oxo-dG) or covalent modification
of DNA nucleobases (e.g., benzpyrene adducts) also cause
trapping of Top1 cleavage complexes and result in DNA DSB
formation [7]. Work from our laboratory in collaboration
with the Pommier lab has shown that misincorporation of
deoxyribonucleotide analogs that have anticancer activity,
such as FdU [8] and gemcitabine [9], into Top1 cleavage sites
also causes trapping of Top1 cleavage complexes [10]. Poi-
soning of Top1 by FdU-substituted DNA contributes to the
cytotoxicity and antitumor activities of fluoropyrimidines
[8].

The structural basis for trapping of Top1 cleavage
complexes by damaged nucleobases or misincorporation
of nucleotide analogs into the nonscissile strand of DNA
remains an area of investigation. Although the DNA
sequence used in most model studies of Top1:DNA interac-
tions contains several A-tracts [6], X-ray crystal structures
do not reveal any bending of this DNA in either covalent
or noncovalent complexes with DNA [5]. One question
that remains unanswered is how introduction of nonnative
nucleotides into the nonscissile strand of DNA inhibits
the religation reaction. To investigate this issue, we have
constructed a model Top1 cleavage site consisting of a 39 mer
DNA hairpin consisting of 13 base pairs with a 10 mer
single-stranded overhang (Figure 1). We have investigated
the thermal stability of this DNA hairpin consisting of all
native nucleotides and have compared the stability of the
native sequence to sequences that contain a single C → dU, C
→ FdU (5-fluoro-2′-deoxyuridine), or C → T substitution.
These substitutions result in a single mismatched base pair
at the site corresponding to the +1 site relative to the site of
Top1 cleavage. As expected, introduction of a mismatched
base pair decreases the stability of the DNA hairpin by
approximately 3◦C. We also investigated the stability of
DNA duplex formation between these DNA hairpins and
a DNA 10 mer that is complementary to the 10-nucleotide
overhang of the hairpin. The interaction of this DNA 10 mer
with the hairpin provides a model system for the Top1
religation reaction. Unexpectedly, we find that the melting
temperature for the formation of the 10 mer duplex that
would be required for the Top1 religation reaction to occur
is sensitive to the presence of DNA mismatched base pairs
in the hairpin even though no mismatched base pairs are
present in the 10 mer duplex region. Molecular dynamics
simulations of this model system demonstrate that G-dU and
G-FdU mismatched base pairs increase flexibility and affect
coupling with the first 10 base pairs. We conclude that DNA
mismatched base pairs adjacent to the Top1 cleavage site both
decrease DNA stability and increase flexibility disfavoring
formation of the DNA conformation required for Top1-
mediated DNA religation.

2. Methods

2.1. Design and Synthesis of DNA Hairpin Sequences. A
model Top1 cleavage site (Figure 1) was designed based
upon a DNA sequence containing several A-tract motifs

A A A A A G A C T

GGAAAAA T T T T T CG

T T T T T C TGAAXC T T T T T AAAAAGA
A

+1

(a) (b)

(c)(d)

Top1

Top1

Figure 1: Model system used for evaluating the effects of mis-
matched base pairs on the stability of the intermediate required for
Top1-mediated DNA religation. Top: depiction of the equilibrium
between the 10 mer single-stranded DNA and the 39 mer DNA
hairpin that constitutes a model system for Top1-mediated DNA
religation. A G-X base pair is at the +1 position relative to the Top1
cleavage site. Bottom (a–d): depiction of the steps of Top1 binding,
strand dissociation, strand reassociation, and religation.

that had been previously demonstrated to be a suitable
model substrate for the Top1 cleavage/religation reaction
[6]. The model Top1 cleavage site was synthesized in two
pieces, a 39 mer DNA hairpin containing the GAA sequence
[11] that promotes hairpin formation and a 10-nucleotide
single-strand DNA complementary to the 3′-terminus of
the hairpin. Upon annealing, the two sequences from a
duplex with a single nick in the phosphodiester backbone
of one strand corresponding to the scissile strand of the
Top1 cleavage complex (Figure 1). To investigate the effects
of deoxynucleotide substitutions on the stability of the model
Top1 cleavage site, the 39 mer was synthesized four times,
once with dC as the putative base pairing partner for the
3′-terminal dG and also with T, dU, or FdU at this site.
In this manner, the base pair at the +1 site of the model
Top1 cleavage complex was either the native G-C base pair
or was a G-T, G-FdU, or G-dU mismatched base pair. These
mismatched base pairs occur at the junction corresponding
to the site of cleavage for the Top1 complex. All DNA
sequences were synthesized at the University of Calgary
DNA core synthesis facility and purified by gel filtration
chromatography.

2.2. Temperature-Dependent UV Spectroscopy (UV Melts).
Absorbance versus temperature profiles of each oligonu-
cleotide in buffer were measured at 260 nm using a thermo-
electrically controlled Aviv model 14DS UV-vis spectropho-
tometer (Lakewood, NJ). The temperature was scanned from
20◦C to 95◦C for the 39 mer DNA hairpins and from 1–
100◦C for the model Top1 cleavage sites at a heating rate
of 0.6◦C/min. DNA concentrations were 1.5–2.0 μM, and
the buffer used was 10 mM sodium phosphate, pH 7.0 with
200 mM NaCl added for high-salt conditions. Shape analysis
of the melting curves yielded Tm values using procedures
reported earlier [12].
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2.3. Molecular Modeling and Molecular Dynamics Simula-
tions. The simulation of the four hairpins is performed using
NAMD [13] with the CHARMM27 force field [14, 15],
with analysis performed using CHARMM [16]. A normal,
matched DNA structure was built using PREDICTOR [17]
to construct 23 base pairs using the same sequence as in
the experiments. The GAA hairpin was added from a high-
resolution NMR structure [18]. Coordinate manipulation
commands within CHARMM were used to merge the two
structural elements. The resulting overall structure was
minimized in CHARMM with an r-dependent dielectric of
4r, and harmonic restraints to remove bad contacts. The
minimization cycle was (1) 100 steps of steepest-descent
minimization followed by 100 steps of conjugate gradient
minimization both with best-fit harmonic constraints on the
hairpin atoms with a mass-weighted force constant of 1 with
the remaining bases fixed to relieve any bad contacts with
the hairpin; (2) 100 steps of steepest-descent minimization
followed by 100 steps of conjugate gradient minimization
both with harmonic constraints on all atoms with a mass-
weighted force constant of 10; (3) 100 steps of steepest-
descent minimization followed by 100 steps of conjugate-
gradient minimization both with harmonic constraints on
all atoms with a mass-weighted force constant of 1. The
other three hairpins were built by mutating the original
matched structure and rebuilding the altered base within
CHARMM followed by the same minimization protocol.
Missing parameters for FdU were obtained from our previ-
ous quantum mechanical study [19] and the existing fluorine
parameters within CHARMM27 supplemented by two dihe-
drals created using the parameters from our previous study
[19] with force constants from the corresponding unper-
turbed dihedrals. The resulting structures were fully solvated
and charge neutralized with TIP3P water in a cubic box using
the visual molecular dynamics (VMD) package [20]. The
simulation was performed in NAMD using [13] standard
parameters: a 2.0 fs timestep using SHAKE on all bonds to
hydrogen atoms, a 12 Å cutoff, Particle Mesh Ewald with a
1.0 Å grid determined by NAMD, Langevin constant pressure
algorithm with a target pressure of 1.01325 bar, a piston
period of 100 fs, a piston decay time of 50/ps, and a piston
temperature of 300 K, all as implemented in NAMD. The
simulation protocol consisted of 1000 steps of unconstrained
steepest-descent minimization on the fully solvated and
ionized system, followed by 250 ps of thermal equilibration
to 300 K with temperature reassignment, followed by a 8–
12 ns of production simulation; 10 different simulations with
different random initial conditions were performed for each
hairpin for a total of 40 simulations. Based on exchange
between clusters after 4 ns all-atom clustering and leveling
of the all-atom RMSDs (data not shown), the first 4 ns of
each simulation was discarded as equilibration. The remain-
ing 240 ns in total of simulation data was analyzed with
structures saved every 2 ps. CHARMM’s analysis routines
were used to calculate the root-mean-square fluctuations,
covariances, and for rmsd-based clustering with a 2.5 Å
cutoff. Matlab was used to perform the clustering analysis of
the data with single-linkage Euclidean distance measures and
an inconsistent value of 0.001.
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Figure 2: Stability of the 39 mer DNA hairpin corresponding to
a model Top1 cleavage site. A single coordinated transition is
observed corresponding to the thermal melting transition for the
double-stranded region of the hairpin. As expected, the melting
temperature is dependent upon the presence of a mismatched base
pair at the terminus of the duplex region. The native sequence
is most stable while C → T, C → dU, and C → FdU decrease
the stability of the duplex region by 4.4◦C, 3.0◦C, and 3.5◦C,
respectively.

3. Results

3.1. UV Hyperchromicity Measurements. The effects of mis-
matched base pairs at the +1 position on the stability of
the model Top1 cleavage site were investigated using UV
hyperchromicity measurements. Initial studies focused on
the stabilities of the four 39 mer DNA hairpins (Figure 2).
The parental hairpin consisting of only Watson-Crick base
pairs in the stem region had a Tm of 61.0◦C. Introduction
of a G-T mismatched base pair reduced the stability of
the hairpin by 4.4◦C. The G-dU and G-FdU mismatched
base pairs also destabilized the hairpin decreasing the Tm

by 3.0 and 3.5◦C, respectively. The results demonstrate that
introduction of a single mismatched base pair at the +1 site
relative to Top1 cleavage destabilizes the duplex by 3–4.4◦C.
The results are consistent with previous studies indicating
similar destabilization effects resulting from introduction of
a single mismatched base pair.

We next investigated the stability of the model Top1
cleavage complex using UV hyperchromicity measurements.
The four 39 mer DNA hairpins consisting of 13 base pairs
with a 10 mer single-stranded overhang were annealed to
the 10 mer ssDNA complementary to the overhang region
(Figure 1). The single mismatched base pair corresponding
to the +1 site of a Top1 cleavage complex was at the stem
terminus, such that annealing of the 10 mer to the overhang
extended the stem, albeit with a nicked phosphodiester
backbone. The UV hyperchromicity profiles for all four
hairpins in the presence of the complementary 10 mer were
biphasic, as expected, with release of the 10 mer occurring
first followed by melting of the 39 mer hairpins (Figure 3).
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Figure 3: Thermal stability of the complex of the 10 mer ssDNA and the 39 mer DNA hairpin constituting a model Top1 religation complex.
(a) Melting transition in 10 mM sodium phosphate buffer pH 7; (b) melting transition in the same buffer as A, but with 200 mM NaCl. A
biphasic melting profile is observed in both instances. The lower melting temperature corresponds to the dissociation of the ssDNA from the
39 mer DNA hairpin, while the higher melting transition corresponds to the melting temperature for the duplex region of the hairpin. As was
observed for the DNA hairpin alone (Figure 2), the melting temperature for the duplex region is sensitive to the presence of a mismatched
base pair at the terminus. Surprisingly, the melting temperature for the complex between the single-stranded DNA 10 mer and the single-
stranded region of the hairpin is also sensitive to the presence of a base pair mismatch in the duplex region even though the transition does
not directly involve the mismatched base pair.

Under low salt conditions (10 mM phosphate buffer, pH
7), the melting temperatures for the two phases of the
parental hairpin were 9.7◦C and 61.1◦C corresponding to
release of the 10 mer and unfolding of the hairpin. The
identical melting curve obtained in physiologically relevant
salt conditions (10 mM phosphate buffer, pH 7, 200 mM
NaCl) had a Tm of 33.1◦C for release of the 10 mer and
a Tm of 77.2◦C for unfolding of the hairpin. Interestingly,
the presence of the mismatched base pairs destabilized both
components of the biphasic melting curves. For example,
for the physiologically relevant salt conditions with the G-
FdU base pair, the Tm for release of the 10 mer decreased
from 33.1 to 30.1◦C, and the Tm for unfolding of the hairpin
decreased from 77.2 to 75.3◦C. The decrease for the 39 mer
hairpin is expected as the mismatched base pair is present in
the stem of the hairpin, and the magnitude of destabilization
is similar to that observed for the 39 mer hairpin alone. The
destabilization of the 10 mer region is somewhat surprising
as the sequence does not contain a mismatched base pair. The
terminal base pair of the 10 mer, however, stacks upon the
site of the mismatched base pair in the 39 mer hairpin, and
the observed destabilization likely results from less efficient
stacking interactions. The G-T and G-dU mismatched base
pairs elicited similar degrees of destabilization as the G-FdU
mismatch for both release of the 10 mer and melting of
the DNA hairpin. The results indicate that the presence of

a mismatched base pair decreases the stability of the model
Top1 cleavage complex disfavoring adoption of the geometry
required for religation to occur. The results are consistent
with decreased stability of the duplex as contributing to the
less favorable religation kinetics observed for model Top1
cleavage sites containing G-FdU or other mismatched base
pairs [8].

3.2. Molecular Dynamics Simulations. Comparing molecular
dynamics simulations for the four different 49 mer DNA
hairpins (39 mer DNA hairpin extended without a nick
in the phosphodiester backbone) demonstrates that all the
mismatches indeed do produce profound effects on the
initial 10 base pairs that form the recognition sequence and
its complement. Due to the observed effects on the thermal
stability and the novel influence of different mismatches
occurring outside the recognition sequence, three different
atomic measures of structural fluctuations within these first
10 base pairs are used to quantify this influence. First, atomic
root-mean-square fluctuations (RMSFs) are calculated for
all heavy atoms and averaged on a per-base level. This
quantifies the extent to which each atom fluctuates about its
equilibrium position and averages these fluctuations at the
base-level for comparisons to determine how the different
mismatches affect both the overall atomic fluctuations of the
first 10 base pairs and the pattern of fluctuations. Second,
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Figure 4: (a) Per-base-averaged RMSFs. The atomic root-mean-square fluctuations for the first ten bases for each of the DNA sequences are
depicted: matched DNA as blue +s, T mismatched as red ◦s, dU mismatched as magenta ×s, and FdU mismatched as black squares. (b)
Per-base-averaged RMSFs relative to matched DNA as (a), but with the matched DNA rmsf values subtracted.

correlated fluctuations are calculated. These determine the
extent to which atomic fluctuations, regardless of magnitude,
are correlated or anticorrelated and are averaged at the base
level for comparison among the four different simulation
types. This measure, referred to as the covariance matrix,
determines how the different mismatches affect the coupling
within the first 10 base pairs. This method has been used by
multiple research groups to analyze communication within
proteins [21] and the effects of various perturbations on
communication [22]. Performing the same analysis on DNA
can provide similar information. The third and final measure
used is cluster analysis, in which the different structural
snapshots across all the simulations are clustered together to
find the conformations accessed and their populations in the
different hairpins.

The first noticeable effect of mismatch formation is on
the RMSFs of the G-dU and G-FdU hairpins; the average
RMSF over the first 10 base pairs increases by 13.5% and
12.0% for the G-dU and G-FdU hairpins, respectively, rela-
tive to the average RMSF of the matched hairpin (Table 1).
Surprisingly, the G-T mismatch shows almost no overall
increase in flexibility (<1%). However, all the hairpins show
delocalized changes in flexibility in the first 10 bases relative
to the matched hairpin (Figure 4).

The covariance matrices (Figure 5) also exhibit delo-
calized changes in dynamics, as measured by correlated
fluctuations, mostly concentrated within the chain where the
mismatches occur (bases 1–10). The largest such changes
occur with the FdU mismatch (Figure 5(c)), although more
pairs exhibit large perturbations with the dU mismatch
(Figure 5(d)), including bases in the opposite chain near the
mismatch.

Both the RMSFs and covariances demonstrate that there
are delocalized changes in atomic covariances and their cor-
relations in the recognition sequences despite the mismatch

Table 1: DNA RMSFs (Å)∗.

Matched 2.136

G-T 2.120

G-dU 2.423

G-FdU 2.391
∗

The root-mean-square fluctuations in Å for the first 10 base pairs of each
sequence are averaged.

Table 2: Cluster populations (%).

Cluster
no./Sequence

Matched G-T G-dU G-FdU

1 29.0% 28.5% 14.2% 32.9%

2 37.4% 30.1% 32.7% 20.2%

3 24.8% 22.6% 27.8% 20.4%

4 8.8% 18.9% 25.3% 26.4%

occurring outside this sequence; clustering analysis sheds
light on the population shifts and conformational changes
that may give rise to these variations, and that may perturb
the recognition and binding by Top1.

Clustering analysis on the first 10 base pairs shows that
there are four different conformations that are accessible
to each of the four DNA sequences. The difference lies
in their populations (Table 2). The different mismatches
shift population among the different conformations, with
the dominate change being increasing population in the
rarest conformation found in the normal, matched DNA
simulation. The population of this conformation increases
in the different mismatched from T, to dU and to FdU.

The actual structural rearrangements that occur during
these conformational changes are actually quite modest
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Figure 5: (a) Matched covariance matrix. The per-base-averaged covariance matrix plotted as a color map with red indicating high
correlations of fluctuations blue indicating high anticorrelation of fluctuations, and yellow indicat uncorrelated. (b) Mismatched-matched
difference covariance matrix. The matched covariance matrix (a) subtracted from the mismatched covariance matrix (not shown). (c)
FdU-matched difference covariance matrix. The matched covariance matrix (a) subtracted from the FdU-mismatch covariance matrix
(not shown). (d) Uracil-matched difference covariance matrix. The matched covariance matrix (a) subtracted from the uracil-mismatch
covariance matrix (not shown).

(Figure 6), as is expected in a system as structured as duplex
DNA. The different mismatches induce subtle shifts in the
base backbone and the base interactions these shifts are
especially large at the position just downstream from the mis-
match (Figure 6(b)), and especially so in the conformation
that is rarest in the matched DNA and dominate in the FdU
mismatch (Figure 6(c)).

One issue that can also be addressed is that of the
classification of the different DNA sequences, which ones
are more similar, and which are more different. With three
different measures, the simplest approach to this problem
is to cluster the four sequences based on each of these
three measures (Table 3). By RMSF, two clusters emerge, one
consisting of matched and mismatched, and one of FdU
and dU; by cluster population, three clusters emerge, one
consisting of matched and mismatched, one of FdU, and one
with dU. However, when clustering is based on covariance

matrices, although three clusters emerge, the mismatched
and FdU sequences are in one cluster with the other two as
singleton clusters. These results suggest that the mismatched
and matched sequences are most similar, although with the
mismatched more similar to FdU in one dynamical measure
(covariances), and FdU is most similar to either dU or
mismatched depending on the measure used.

4. Discussion

DNA mismatched base pairs occur at high levels in cells both
as a consequence of base damage (e.g., cytidine deamination)
[23] as well as errors during DNA replication. Cancer cells
frequently have defects in DNA repair processes that may
result in greater levels of DNA mismatched base pairs being
present in the replicated genome. Further, treatment with
fluoropyrimidine drugs such as 5FU or FdUMP [10] results
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(a) (b)
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Figure 6: (a) Overall conformations adopted in the four clusters. The first ten base pairs of the centroids of each of the four clusters are
shown in VMD’s NewRibbon format. Cluster 1 (see Table 2 for numbering) is blue, cluster 2 is red, cluster 3 is gray, and cluster 4 is orange.
(b) Conformations near the mismatched site in the four clusters. The two base pairs of the centroids of each of the four clusters downstream
from the mismatched site are shown in VMD’s New Ribbon format. Cluster 1 (see Table 2 for numbering) is blue, cluster 2 is red, cluster 3 is
gray, and cluster 4 is orange. (c) Overall conformations of cluster 2 and cluster 4. The first ten base pairs of the centroids of each of the most
common and the rarest clusters for matched DNA are shown in VMD’s NewRibbon format. Cluster 2 (see Table 2 for numbering) is red and
cluster 4 is orange.

Table 3: Clustering of simulations via different measures.

Measure/Sequence Matched G-T G-dU G-FdU

RMSF 1 1 2 2

Covariance matrix 1 1 2 3

Cluster population 1 2 3 2

Cluster number for each simulation for each measure.

in thymineless conditions and imbalanced deoxynucleotide
pools resulting in greater preponderance of mismatched base
pairs, including G-FdU mismatched base pairs, introduced
during replication and subsequent attempted repair pro-
cesses. The introduction of such mismatched base pairs has
been demonstrated to decrease the stability of duplex DNA
[23, 24]. The present work demonstrates that mismatched
base pairs have a novel effect on the DNA component
of a Top1 cleavage complex by destabilizing the putative
religation intermediate that consists of a DNA duplex with
a nicked phosphodiester backbone.

A G-dU (or G-FdU) base pair in wobble geometry has
two hydrogen bonds as does an A-T Watson-Crick base pair
and thus is a relatively conservative substitution although at
elevated pH an ionized G-FdU base pair may form [24]. G-
FdU and other mismatched base pairs not repaired prior to
initiation of DNA replication interfere with the religation
step of Topoisomerase 1 activity when the mismatched
base pair is proximal to the site of Top1 cleavage [8]. The

structural and thermodynamic basis for the decreased Top1-
mediated DNA religation due to mismatched base pairs
remains incompletely understood. While direct interactions
between DNA and Top1 protein may play a major role,
the inherent stability of the DNA duplex likely also is a
contributing factor. The present results demonstrate that
G-FdU and other mismatched base pairs destabilize the
interaction of the scissile strand with the nonscissile strand
of a model Top1 cleavage complex. The extent of this
destabilization is greater under high salt conditions similar
to that which occurs in eukaryotic cells.

Molecular dynamics simulations demonstrate that the
mismatched base pairs increase the flexibility of the duplex.
The extent of this increase in flexibility is dependent upon
the type of mismatch with G-dU and G-FdU mismatches
displaying the greatest increased flexibility. These calcula-
tions reveal that the mismatched base pair causes increased
atomic fluctuations up to 10 base pairs removed from the
site of the mismatch. This increased flexibility makes it
less likely that the scissile strand will adopt the correct
conformation required for the religation reaction. Thus,
the thermodynamic measurements obtained from the UV
hyperchromicity data demonstrate that formation of the
complex required for religation is disfavored by all DNA
mismatched base pairs at the +1 site of the religation complex
while the molecular dynamics simulations reveal that the G-
dU and G-FdU mismatched pairs are especially potent at
increasing conformational flexibility and decreasing the like-
lihood religation will occur. Overall, our results provide new
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insights into the structural and dynamic process of Top1-
mediated DNA religation and the influence of mismatched
base pairs, particularly G-dU and G-FdU mismatched base
pairs, at disfavoring this process.
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We developed a novel method for analyzing RNA sequences, deemed triplet analysis, and applied the method in an in vitro RNA
selection experiment in which HIV-1 Tat was the target. Aptamers are nucleic acids that bind a desired target (bait), and to date,
many aptamers have been identified by in vitro selection from enough concentrated libraries in which many RNAs had an obvious
consensus primary sequence after sufficient cycles of the selection. Therefore, the higher-order structural features of the aptamers
that are indispensable for interaction with the bait must be determined by additional investigation of the aptamers. In contrast,
our triplet analysis enabled us to extract important information on functional primary and secondary structure from minimally
concentrated RNA libraries. As a result, by using our method, an important unpaired region that is similar to the bulge of TAR was
readily predicted from a partially concentrated library in which no consensus sequence was revealed by a conventional sequence
analysis. Moreover, our analysis method may be used to assess a variety of structural motifs with desired function.

1. Introduction

In vitro selection of nucleic acids is a powerful method used
to isolate novel functional molecules [1–6]. Generally, in
vitro selection involves many rounds of selection followed
by sequencing and analysis of several recovered clones and
determination of a consensus sequence. These consensus
sequences are often highly functional molecules that have
promise as pharmaceutical and chemical agents [7–9]. How-
ever, there are several inherent biases that often affect in
vitro selection procedures, for example, the abundance of
particular motifs in the library, differential efficiency of
reversetranscription or amplification by PCR due to stable
secondary structures. Therefore, confirmation that a partic-
ular consensus sequence is optimal is difficult and usually
requires identification of a naturally occurring, functional
counterpart. For the selection of aptamers, which interact
with desired targets, a consensus motif may be a sequence
in a local minimum rather than an absolute minimum in
an energy diagram that represents interactions between all

possible aptamers and the bait or target. Furthermore, it
should be hard to identify general rules of intermolecular
interactions from only such “highly evolved” motifs. To
overcome this problem, the sequence changes in the library
during the early stage of the selection should be analyzed.
Evaluation of the sequences that are gradually concentrated
from the starting library should reveal a general rule for
interactions, that is, information that is indispensable for
designing new artificial functional molecules.

Here, we developed a method, designated triplet analysis,
to identify important sequence characteristics in the primary
sequences that have been recovered from an RNA library
after only several rounds of selection with a target molecule.
The first step of triplet analysis is extraction of all nucleotide
triplets from the primary sequence (Figure 1). For example,
a sequence AGCGUCCA would be separated to six triplets:
AGC, GCG, CGU, GUC, UCC, and CCA. The next step
is reconstruction of the parent sequence of these triplets.
If these six triplets could be extracted, one would easily
reconstruct the parent sequence, AGCGUCCA. Thus, a



2 Journal of Nucleic Acids

U C A A A AG G G GU U UC C C

2nd nucleotide

U C A G
U
C
A
G

3rd nucleotide

1s
t

n
u

cl
eo

ti
de

UCC, CGU, CCA, AGC, GUC, GCG

AGC

CGU

UCC
CCA

GCG

GUC

Extraction of triplets

···AGCGUCCA···

Reconstruction

Figure 1: The scheme for the basic triplet analysis of a library. Frequent successive sequences could be determined by this method.

frequent successive sequence should be revealed from an
analysis of frequent triplets. We chose the HIV-1 Tat protein
as our experimental bait for our in vitro RNA selection
because a naturally occurring binding RNA motif, TAR,
and artificially selected binding motifs have been identified
[10, 11]. Therefore, we could compare our finding with these
previously identified binding motifs to judge the validity of
our analysis method.

2. Materials and Methods

2.1. In Vitro Selection of RNA Aptamers. A library comprised
of 78-nucleotide RNAs that each contained a region of
30 randomized nucleotides was prepared using chemically
synthesized 97-bp DNAs that each had a T7 promoter
sequence as templates and in vitro transcription. Approxi-
mately 1 nmol of RNA was generated from every 100 pmol
of template DNA using the AmpliScribe T7 transcription
kit (EPICENTRE). The transcripts were purified from 8%
denaturing polyacrylamide gels that contained 7 M urea
by means of crush and soak extraction and subsequent
ethanol precipitation. The bait, Tat peptide (RKKRRGRRR),
was synthesized using an Fmoc strategy on a solid support
of Fmoc-NH-SAL resin (N-α-9-fluorenylmethoxy-carbonyl-
super acid labile polystyrene resin, Watanabe Chem.), and
this synthesis method produces an amide at the C-terminus
of the bait peptide, as described previously.

The purified RNA was incubated in a binding buffer
containing 2.5 mM Tris·HCl (pH 7.6), 100 mM NaCl,
2.0 mM MgCl2 and then passed through a nitrocellulose
filter (HAWP, MILLIPORE) three times to remove RNAs
with filter binding properties. A sample of the RNA library
(100 pmol) was incubated with 5 pmol of Tat peptide in
50 μL of the binding buffer for 60 min at 25 C, and then
the mixture was passed through another nitrocellulose filter.
After washing with 1.5 mL of the binding buffer, RNAs
bound to Tat on the filter were collected and amplified by
subsequent reverse transcription, PCR, and transcription
(RNA PCR kit, PE Applied Biosystems).

2.2. Dot Blot Analysis.

2.3. Cloning and DNA Sequencing. To analyze the binding
ability of the RNA library, RNAs were labeled internally
with [α-32P] UTP (Amersham) during transcription in vitro.
Labeled RNA (10 pmol) was mixed with 2.5 pmol of Tat
peptide in 50 μL of the binding buffer. After a 60 min
incubation, the mixture was passed through a nitrocellulose
filter. The filter was washed with the binding buffer, and
radioactive RNAs on the filter were visualized and quantified
with the BIO-Imaging Analyzer, BAS 2000 (Fuji Film).

After six rounds of selection and amplification, the
ends of the double-stranded PCR products were blunted
by T4 DNA polymerase (TAKARA). The blunted DNAs
were purified and concentrated by ethanol precipitation
and phosphorylated at their 5 end with T4 polynucleotide
kinase (TOYOBO). The resulting DNAs were ligated into
the Hinc II site of separate pUC118 plasmids using T4
DNA ligase (TAKARA). The ligated plasmid DNAs were
transformed into E. coli MV1184, which were then cultured
on LB plates containing ampicillin, IPTG (isopropyl-β-D-
thiogalactoside), and X-gal (5-bromo-4-chloro-3-indolyl-β-
D-galactoside). After blue-white selection, 20 white colonies
were randomly selected and cultured in LB medium con-
taining ampicillin. The recombinant plasmid DNA was
recovered from E. coli clones using the alkaline lysis pro-
cedure. Nucleotide sequences were determined using the
BigDye-termination method and an ABI PRISM 310 Genetic
Analyzer (PE). Of the 20 clones analyzed, 17 contained a
library sequence as the insert.

3. Results and Discussion

3.1. Simple Triplet Analysis to Identify Important Primary
Structure. From the library shown in Figure 2(a), RNAs that
bound Tat were concentrated as described in the previous
section. The binding ability of the library RNAs on each
round was analyzed by dot blot analysis, and after six rounds
of selection, accumulation of Tat-binding RNAs on the
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UUGCAGUUACGAAGGAGACUAACUGGCCGG

UACGGAGCCAACAGUCGAUGCGGCGUCGUCA

AGUGCUGGGAAGUACGCUAUACAAGUGCCUCUUGUGUUAUGAUACUCAUC

CCCUAGUCUAAUGAGGGUAACGGCUUGAUCUGCAUGUUGGC

GGGGAUCUCCAAUAUCUGUCGCGCAUC

UAACUACCGACUCCGUUGCUGCGUACCUGG

UGGCGGAGUAAUCAGUUGCGCCAUUUUGCC

CACUUAGCCCUGUGCUUGAUGAUUGUAGCC

GCCCUAAGUAGUUGCAGUUGGUGGAACCUU

UCCAUAGUGGGGCGUACUACCGUGGCCGCC

UGGAGCGGGGGCGUGGCCUCAUGGUCGCGU

UACAGGGUGUACGCCGCUCAACCGCUGGGU

UCAACCCACAGAUUUGCUGUCAUGUGCCCC

(c)

Figure 2: The RNA library used in this study. (a) The primary sequence of the constant region and the location of the 30 random nucleotides
within the 78-nuclotide RNAs that compose the library are indicated. (b) Tat-binding ability of the libraries before selection (0) and after six
rounds of the selection (6). Dot blot analysis was carried out with 10 pmol 32P-labeled RNA and 2.5 pmol Tat peptide in 50 μL of the binding
buffer. (c) Primary sequence of the 30-nucleotide random region from 17 clones of the library after six rounds of the selection. The frequent
triplets after the triplet subtraction, UUG and UGG, are underlined.

Table 1: Number and frequency of each triplet obtained from the primary sequences of the clones after the selection(a).

Second U C A G

First Third U C A G U C A G U C A G U C A G

Number of triplet

U 5 1 5 16 6 5 9 8 4 12 6 6 9 14 8 15

C 7 10 7 10 7 8 6 7 8 7 5 8 8 13 4 10

A 4 8 4 9 11 6 5 8 4 8 0 5 14 4 4 4

G 11 9 9 11 10 14 7 12 9 3 6 6 8 13 7 13

Frequency of triplet

U 0.29 0.06 0.29 0.94 0.35 0.29 0.53 0.47 0.24 0.71 0.35 0.35 0.53 0.82 0.47 0.88

C 0.41 0.59 0.41 0.59 0.41 0.47 0.35 0.41 0.47 0.41 0.29 0.47 0.47 0.76 0.24 0.59

A 0.24 0.47 0.24 0.53 0.65 0.35 0.29 0.47 0.24 0.47 0.00 0.29 0.82 0.24 0.24 0.24

G 0.65 0.53 0.53 0.65 0.59 0.82 0.41 0.71 0.53 0.18 0.35 0.35 0.47 0.76 0.41 0.76
(a)

Abundant triplets with frequency above 0.75 are indicated by boldface.

filter increased as shown in Figure 2(b). The RNAs which
recovered after six rounds of selection were cloned using the
E. coli MV1184/pUC118 system and sequenced. The primary
sequences of 17 clones are shown in Figure 2(c).

Apparently, there were no regions of obvious primary
sequence similarity shared among these sequences, and a
conventional sequence alignment method [12] did not reveal
any consensus sequence (data not shown). All triplets in
the primary sequences of the 30-nucleotide randomized
regions were extracted. Of all 64 possible triplets, 23 triplets
had frequencies (the number of triplets divided by the
number of clones) above 0.5 (Table 1). In other words, these
23 triplets occurred in a half of the clones stochastically.
Notably, eight triplets, UUG, UGC, UGG, CGC, AGU, GCC,
GGC, and GGG had, frequencies over 0.75 (bold values
in Table 1). Successive sequences of over five nucleotides
available from these triplets were UUGCC, UUGGC, and
UUGGG. However, these pentanucleotide sequences were
found in only one or two of the 17 clones though the eight
triplets should potentially be an important component of

a Tat-binding RNA. This finding indicated that the longer
consensus sequence had not been concentrated within six
rounds of selection and that the process was in a relatively
early stage of selection.

3.2. Triplet Subtraction Analysis to Identify the Important
Secondary Structure. Further analysis, called triplet sub-
traction, was carried out as shown in Figure 3 to obtain
detailed information, including RNA secondary structural
features. In this analysis, surpluses of triplets are defined
as the number of a triplet after taking away the number
of all complementary triplets. For example, the numbers
of AGC, GCG, and CGU subtracted by the numbers of
GCU, CGC, and ACG, respectively, were calculated and
listed. If a consensus sequence is in a fully matched stem
region, there is no remaining triplet after the subtraction.
On the other hand, if a consensus region is unpaired
(i.e., in a bulge or loop), only the triplets concerned with
the unpaired region are revealed after the subtraction. For
example, six triplets—GCG, CGU, GUC, UCC, GGG, and
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Figure 3: The scheme for the triplet subtraction from a library. Only the triplets from unpaired regions could be determined.

GGC—should be revealed from a paired region with a
GU bulge, AGCGUCCA/UGGGCU, as shown in Figure 3.
Thus, one can easily predict a frequent sequence around an
unpaired region that might contribute to the function of
an RNA. The results of the triplet subtraction analysis are
summarized in Table 2 and Figure 4. As listed in Table 2,
only two triplets UUG and UGG had s frequency over 0.5
after the subtraction. This value of 0.5 was surprisingly high
because all the triplet frequency should be zero for a truly
random library. Though UUU and GGG were the most
frequent type of all NUU and GGN (where N indicates U,
C, A, or G) triplets, respectively, the frequencies of these
triplets were lower than those of UUG or UGG. Therefore,
the most probable consensus sequence predicted from these
triplets is UUGG. As listed in Table 2, many NNU and
GNN might exist in unpaired region and the pattern of
these triplets was widely spread, whereas UUG and UGG
stood out among the NUN and NGN sequences, respectively.
These finding indicated that the second U and/or the third
G of the UUGG would be unpaired bases. The frequency
of GGN triplets was moderate compared with that of UUG
triplets, and, therefore, it was not clear whether the third
G was unpaired. Nevertheless, this G might be an unpaired
base because CCN triplets seemed not to be concerned with
an unpaired region. Additionally, neither AAN nor ANN
triplets seemed to occur in unpaired regions of secondary
structure. Similar features were not found for NNC. These
findings strongly indicated that an unpaired region closed
by a UA base pair at their 5 end would not occur in
motifs that bound to Tat, that is, the first UU of the UUGG
should be unpaired bases. Ultimately, we could determine

that a sequence, NUUGG/CN with unpaired UUG, was an
important structural motif that should have significant role
in an RNA-Tat interaction (Figure 5(a), left). Possibly, a small
portion of Tat-binding RNAs may contain an NUUGG/CCN
sequence in which the UU doublet is unpaired as shown in
Figure 5(a), right. This conclusion did not conflict with the
results from a prediction of the secondary structure of RNA
based on our thermodynamic parameters (data not shown).

3.3. Validation of the Triplet Analysis. TAR, the naturally
occurring Tat-binding RNA motif, has a pyrimidine bulge,
UCU, UUU, or UU, closed by a GC base pair at its 3
end as shown in Figure 5(b) [14–17]. The arginine side
residues in Tat stack with the first U of the bulge and
make hydrogen bonds to the GC base pair next to the 3
end of the bulge. These interactions along with electrostatic
interactions at phosphate backbone are indispensable for
the specific Tat-TAR interaction. Therefore, the essential
structural motif of TAR that mediates binding with Tat
is NNU(Y)UG(A)/(U)CNN with U(Y)U bulge, where Y
indicates a pyrimidine nucleotide [11, 18]. Similar structural
features were seen in RNA aptamers selected with arginine
as a target. A general motif of these arginine aptamers was
GUNGA/UCC with a UN bulge as shown in Figure 5(c) [13,
19]. Our UUGG motif closely resembled these indispensable
structural features of TAR and arginine aptamers; therefore,
we were able to confirm the validity of our triplet analysis
method. The UUGG motif was revealed from the early stage
of Tat-binding RNA selection, and therefore, the UUGG
motif might be the ancestor of other Tat-binding RNAs and
have fundamental property as a binding motif.
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Table 2: Frequency of each triplet after subtraction(a).

Second U C A G

First Third U C A G U C A G U C A G U C A G

U 0.29 — — 0.65 0.12 — 0.06 0.24 — 0.18 0.06 — 0.24 0.41 — 0.53

C 0.12 0.24 0.06 0.12 0.18 — — — — — — — — 0.06 — 0.18

A — — — 0.06 — — — — — — — — 0.18 — — —

G 0.18 0.35 — 0.24 0.35 0.06 — — 0.06 — 0.29 — 0.12 — 0.12 0.29
(a)

Dash (—) indicates the value less than or equal to zero.
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Figure 4: The frequency of the triplets before (a) and after (b) subtraction. The changes in gray scale (from light to dark) indicate changes
in frequency (from 0–25%, 26–50%, 51–75%, to 76–100%).
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Figure 5: Secondary structures of Tat and/or arginine binding RNAs. (a) UUGG motif obtained in the present study. (b) Tat-binding motif
of TAR [12]. (c) Several motifs of arginine aptamers from in vitro selection experiments [13].

In summary, we developed triplet analysis method to
analyze a library. From our analysis of a small number
of clones which recovered from a library after only a few
rounds of selection, we could determine an important
sequence motif though no consensus sequence was revealed
by conventional analysis. Furthermore, unpaired regions in
the selected RNAs, that may play important roles in many
functional nucleic acids, could be readily predicted using
this method. The resulting UUGG motif, NUUGG/CN with
an unpaired UUG, resembled the essential features of Tat-
binding RNAs. This motif may be a fundamental sequence
of Tat- and arginine-binding motifs, and researchers may be
able to construct a Tat-binding RNA library based on this
information for obtaining “higher evolved” motifs.
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Nowadays, RNA synthesis has become an essential tool not only in the field of molecular biology and medicine, but also in
areas like molecular diagnostics and material sciences. Beyond synthetic RNAs for antisense, aptamer, ribozyme, and siRNA
technologies, oligoribonucleotides carrying site-specific modifications for structure and function studies are needed. This often
requires labeling of the RNA with a suitable spectroscopic reporter group. Herein, we describe the synthesis of functionalized
monomer building blocks that upon incorporation in RNA allow for selective reaction with a specific reporter or functional entity.
In particular, we report on the synthesis of 5′-O-dimethoxytrityl-2′-O-tert-butyldimethylsilyl protected 3′-O-phosphoramidites
of nucleosides that carry amino linkers of different lengths and flexibility at the heterocyclic base, their incorporation in a variety
of RNAs, and postsynthetic conjugation with fluorescent dyes and nitroxide spin labels. Further, we show the synthesis of a flavine
mononucleotide-N-hydroxy-succinimidyl ester and its conjugation to amino functionalized RNA.

1. Introduction

Over the past two decades, RNA synthesis has become a very
active field. Synthetic RNAs are required for a large num-
ber of applications. Antisense oligonucleotides, ribozymes,
aptamers, and siRNAs are required for medicinal diagnostic
and therapy as well as for a wide variety of biochemistry and
molecular biology studies [1, 2]. Furthermore, aptamers and
reporter ribozymes are designed and applied in environmen-
tal diagnostics [3]. A number of other disciplines make use
of synthetic oligoribonucleotides, for example, the field of
material science, where novel materials from nanoparticle
oligonucleotide conjugates are generated [4]. In parallel,
RNA synthesis has developed to a degree that allows the
synthesis of RNA oligonucleotides of any desired sequence
from microgram to multigram scale. In addition to 2′-O-
TBDMS chemistry, which may be considered as the standard
procedure for RNA preparation, novel strategies mainly
focussing on different 2′-O-protecting groups such as 2′-O-
TOM, 2′-O-ACE or 2′-O-TC are available for laboratory use
applying the specific monomer building blocks, or have been
commercialized for custom RNA synthesis [5, 6].

Research in our laboratory is devoted to the chemistry
and biochemistry of RNA with a strong focus on RNA
aptamers and ribozymes. Therefore, we synthesize natural
and modified RNA strands required for the design of
functional RNAs that we want to investigate. Furthermore,
we also prepare RNA molecules carrying site-specific mod-
ifications such as fluorescent dyes or other reporter groups
to be used for studies into RNA structure. A number of
monomer building blocks for the synthesis of modified
RNA are commercially available. For example, amino linkers
for 5′- and/or 3′-terminal labeling can be obtained ready
for use in RNA assembly (Figure 1). Furthermore, 5′-O-
DMT-2′-O-TBDMS protected 3′-O-phosphoramidites of 2′-
aminouridine (3) and 4-thiouridine (4) (Figure 1) are avail-
able and after incorporation in RNA can be used for the
specific attachment of desired molecular entities.

However, monomer building blocks of the purine nucle-
osides with functionalities suitable for postsynthetic conju-
gation are completely missing, and also in the pyrimidine
series, the few existing derivatives of uridine do not offer
much variety. Therefore, a currently very active part of our
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Figure 1: Structures of the commercially available building blocks used in our RNA functionalization studies.

research is focussed on the synthesis of 5′-O-DMT-2′-O-
TBDMS protected 3′-O-phosphoramidites of nucleosides
that carry functionalized linkers of different lengths and
flexibility at the heterocyclic base, in particular at C5 of the
pyrimidines as well as at C8 and C2 of the purines (Figure 2).
Moreover, we currently work at the synthesis of modified
nucleosides as they appear in tRNA as well as of isotope
enriched nucleosides and their incorporation in specific RNA
sequences (which will be reported elsewhere).

Herein, we focus on the synthesis of amino-modified
monomers, their incorporation into RNA, and the postsyn-
thetic labeling with fluorescent dyes. Furthermore, we report
on strategies for preparation of specifically spin labeled RNAs
for EPR studies, and on the preparation of a flavinmononu-
cleotide (FMN) derivative that is postsynthetically attached
to an amino-modified hairpin ribozyme derivative. The
modified RNAs described herein are used in collaboration
with spectroscopists for structural analysis of functional
RNAs, such as RNA thermometers [7] and RNA four-way
junctions [8] or riboswitches [9], or in RNA engineering
projects like the design of an FMN-dependent aptazyme
[10].

2. Materials and Methods

2.1. General Information. All reactions were carried out
in dry solvents under argon atmosphere. All solvents and
reagents were purchased from commercial sources and used
as supplied unless otherwise stated. The solvents used in
Pd coupling reactions were freed from oxygen. All products
were visualized on TLC plates (aluminium sheets coated with
silica gel 60 F 254, 0.2 nm thickness) at 254 nm ultraviolet
light. The linker molecules L1, L2, and L3 (Figure 3) were
synthesized according to the literature: the alkinyl linker
L1 was synthesized according to Cruickshank and Stockwell
[11], and alkenyl linkers were synthesized as described by
Dey and Sheppard [12] and McKeen et al. [13]. All modified
phosphoramidites were freshly prepared prior to use in
RNA synthesis. Progress of reaction was monitored by TLC
(hexane/ethyl acetate 1 : 1 containing 1% NEt3). Phospho-
ramidites were coevaporated several times with dry DCM
and kept under vacuum over P2O5 in a desiccator overnight.
A 0.1 M solution of the modified phosphoramidite in
anhydous acetonitril was freshly prepared right before use in
solid-phase RNA synthesis.

2.2. MALDI-TOF Analysis. For nucleoside derivatives: 1-
2 mg sample was dissolved in 100 μL methanol or water.
1.5 μL of the sample solution and 1.5–3.0 μL of the matrix
solution (30–40 mg 3-hydroxypicolinic acid (3-HPA) in
500 μL MeCN/H2O 1 : 1, vigorously mixed for 30 s) were
mixed, and 1-2 μL of that mixture was loaded on a MALDI-
plate, dried, and allowed to crystallize. The sample was
analyzed on a Bruker microflex mass spectrometer. The
program was set as reflective positive mode with 40–50
shoots/measurement. The laser intensity was adjusted such
that the intensity of the desired signals was about 1000.

For RNA: RNA samples were desalted by gel filtration
on Sephadex G25 fine (GE Healthcare). After desalination,
samples were dissolved in autoclaved micropore water to a
concentration of about 100–500 pmol/μL. 1 μL of this RNA
solution was mixed with 1-2 μL of matrix solution (30–40 mg
3-hydroxypicolinic acid (3-HPA) in 500 μL MeCN/H2O
1 : 1, vigorously mixed for 30 s) and treated with cation-
exchange beads (Dowex 50 WX8, NH4

+-form, 100–200
mesh, ServaFeinbiochemica). Therefore, 4–7 μL suspension
of the beads in autoclaved micropore water was pipetted in
a 250 μL tube, and water was removed, followed by addition
of the sample and matrix solutions. The mixture was left at
rt for 10 min then loaded on the MALDI-plate and dried on
air. The sample was measured using the linear negative (or
positive) mode with 40–50 shoots/measurement. In addition
to the main peak [M−1]− (negative mode) or [M+1]+

(positive mode), occasionally the signals corresponding to
[M−2]/2 were observed.

2.3. Synthesis of Amino-Modified Monomer Building Blocks.
Amino linker-modified uridine derivatives were synthesized
as described [14]. The detailed synthesis of linker-modified
adenosine derivatives with focus on the problem of double
bond isomerization will be reported elsewhere (H. Nguyen,
B. Appel, and S. Müller, manuscript in preparation).

2.4. 8-(3-Trifluoroacetamidoprop-1-ynyl)guanosine 16. 8-
Bromoguanosine-hydrate 15 (98%) (1448.4 mg. 4.0 mmol)
was dissolved in dry DMF (32 mL). Traces of dissolved
oxygen in the solution were removed by iterative cycles of
reduced pressure and passing in argon (3 times). Then,
Pd(Ph3P)4 (464 mg, 0.4 mmol, 0.1 eq.) was added. The
solution was again kept under vacuum and then saturated
with argon. DIPEA (816 μL, 4.8 mmol, 1.2 eq., freshly
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distilled over CaH2) was added via a syringe, followed by
the addition of N-propynyltrifluoroacetamide L3 (1208 mg,
8.0 mmol, 2.0 eq.) and CuI (152 mg, 0.8 mmol, 0.2 eq.).
The mixture was stirred at 40◦C for 20 hours. The solvent
was then removed to give a brown viscous oil which was
dissolved in DCM/MeOH 1 : 1 (v/v) and filtered to remove
the precipitate. The solid residue was purified by silica gel
column chromatography (DCM/MeOH 90 : 10 to 84 : 16
(v/v)) to give a pale yellow solid. Yield: 2765.4 mg (6.4 mmol,
80%). Rf (SiO2; DCM/MeOH 60 : 40 (v/v)): 0.80. 1H NMR
(300 MHz, DMSO-d6): δ (ppm) = 3.50 (1 H, m, H-5′), 3.64
(1 H, m, H-5′′), 3.84 (1 H, m, H-4′), 4.12 (1 H, m, H-3′),
4.36 (2 H, d, J 5.4, CH2), 4.88 (2 H, m, H-2′ and OH), 5.04
(1 H, d, J 4.8, OH), 5.40 (1 H, d, J 6.0, OH), 5.76 (1 H, d, J
6.3, H-1′), 6.57 (2 H, br s, NH2), 10.20 (1 H, t, J 5.4, NH),
10.90 (1 H, br s, NH). 13C NMR (300 MHz, DMSO-d6):
δ (ppm) = 29.40, 62.06, 70.47, 70.85, 72.75, 85.77, 88.38,

89.12, (110.03, 113.84, 117.65 and 121.47, q, J 288.02, CF3),
117.24, 129.04, 150.90, 154.12, (155.54, 156.03, 156.51
and 157.00, q, J 36.76, (C=O)CF3), 156.24. MALDI-TOF:
C15H15F3N6O6, calculated 432.10, found 432.82 [M+H]+.

2.5. N-2-Isobutyryl-8-(3-trifluoroacetamidoprop-1-ynyl)gua-
nosine 17. 8-(3-Trifluoroacetamido-prop-1-ynyl)guanosine
16 (216.5 mg, 0.50 mmol) was coevaporated with anhydrous
pyridine (3 × 4 mL), and then dissolved in anhydrous
pyridine (2 mL). The resulting solution was protected from
moisture (drying tube), purged with argon and placed on ice.
To the ice cold solution, TMS-Cl (0.55 mL, 4.1 mmol, 8.2 eq.)
was added dropwise via a syringe. The ice bath was then
removed and the mixture was stirred for 2 hours. The solu-
tion was cooled on ice and isobutyric anhydride (0.13 mL,
1.1 mmol, 2.2 eq.) was added dropwise via a syringe and the
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ice bath was removed. After stirring for another 2 hours at
room temperature, the reaction was placed again on ice and
ice cold water (20 mL) was slowly added, followed after 15
minutes by concentrated ammonia solution (1.5 mL) to get a
final 2.5 M concentration of ammonia. The mixture was kept
on ice for 30 minutes, and then evaporated to dryness. The
residue was coevaporated with toluene (3× 5 mL) to remove
traces of water, resuspended in MeOH and filtered to remove
the precipitate. The filtrate was then concentrated, dissolved
in a small amount of MeOH, absorbed on silica gel and puri-
fied by column chromatography (DCM/MeOH 95 : 5 to 91 : 9
(v/v)) to give N-2-isobutyryl-8-(3trifluoroacetamidoprop-1-
ynyl)guanosine as a yellow solid. Yield: 183.3 mg (0.37 mmol;
73%). Rf (SiO2; DCM/MeOH 80 : 20 (v/v)): 0.63, 1H NMR
(300 MHz, DMSO-d6): δ (ppm)= 1.13 (6 H, d, J 6.9,
CH(CH3)2), 2.79 (1 H, sept, J 6.9, CH(CH3)2), 3.53 (1 H, m,
H-5′), 3.68 (1 H, m, H-5′′), 3.84 (1 H, m, H-4′), 4.17 (1 H, br
s, H-3′), 4.40 (2 H, s, CH2), 4.81 (1 H, br s, H-2′), 4.91 (1 H,
br s, OH), 5.09 (1 H, br s, OH), 5.50 (1 H, br s, OH), 5.86
(1 H, d, J 6.0, H-1′), 10.21 (1 H, br s, NH), 11.62 (1 H, br s,
NH), 12.16 (1 H, br s, NH). MALDI-TOF: C19H21F3N6O7,
calculated 502.14, found 502.84 [M+H]+.

2.6. 5′-O-(4,4′-Dimethoxytrityl)-N-6-isobutyryl-8-(3-triflu-
oroacetamidoprop1ynyl)guanosine 18. N -2-Isobutyryl-8-
(3-trifluoroacetamidoprop-1-ynyl)guanosine 17 (1174.4 mg,
2.4 mmol) was coevaporated with anhydrous pyridine (3 ×
3 mL) and dissolved in anhydrous pyridine (10.0 mL).
DMT-Cl (1219.8 mg, 3.6 mmol, 1.5 eq.) was dissolved in
anhydrous pyridine (3.0 mL) and added dropwise to the
ice cold solution of the nucleoside over 2.5 hours. After
6 hours at ice cold temperature, TLC analysis (DCM/
MeOH 95 : 5(v/v)) showed that the starting material was
completely consumed. Methanol (1.0 mL) was added to
quench the unreacted DMT-Cl, and after 10 minutes,
the solution was concentrated to dryness in vacuo. The
residue was dissolved in DCM (100 mL), washed with a
5% aqueous solution of NaHCO3 (2 × 20 mL) and water
(2 × 20 mL). The organic layer was dried over Na2SO4 and
concentrated to give a yellow gum which was purified by
column chromatography (DCM/MeOH 97 : 3 to 95 : 5 (v/v)
containing 1% triethylamine) to give a pale yellow foam.
Yield: 1671.6 mg (2.08 mmol, 87%). Rf (DCM/MeOH 90 : 10
(v/v)): 0.44.1H NMR (300 MHz, DMSO-d6): δ (ppm) = 1.11
(6 H, 2 × d, J 6.9 and 6.6, CH(CH3)2), 2.72 (1 H, sept, J 6.9,
CH(CH3)2), 3.11 and 3.45 (2 H, m, H-5′ and H-5′′), 3.69
and 3.71 (6 H, 2 × s, 2 × OCH3), 4.04 (1 H, m, H-4′), 4.31
(3 H, br s, H-3′ and CH2), 4.91 (1 H, m, H-2′), 5.04 (1 H,
br s, OH), 5.61 (1 H, br s, OH), 5.94 (1 H, d, J 4.5, H-1′),
6.73 (4 H, 2 × d, J 8.7 and 9.0, aromatic), 7.23 (9 H, m,
aromatic), 10.85 (3 H, br s, 3 × NH). 13C NMR (300 MHz,
DMSO-d6): δ (ppm) = 18.71, 18.94, 29.33, 34.80, 54.86,
54.91, 64.72, 70.49, 71.36, 72.06, 84.21, 85.21, 89.91, 90.49,
(110.02, 113.82, 117.65 and 121.47, q, J 288.5, CF3), 112.73,
112.82, 120.83, 126.45, 127.47, 127.78, 129.64, 129.80,
131.52, 135.58, 144.87, 148.24, 154.33, (155.55, 156.05,
156.53 and 157.03, q, J 37.0, (C=O)CF3), 157.88, 157.95,
180.09. MALDI-TOF: C40H39F3N6O9, calculated 804.27,
found 805.24 [M+H]+.

2.7. 5′-O-(4,4′-Dimethoxytrityl)-2′-(tert-butyldimethylsilyl)-
N-2-isobutyryl-8-(3-trifluoroacetamidoprop-1-ynyl)guanosine
19. 5′-O-(4,4′-Dimethoxytrityl)-N-2-isobutyryl-8-(3-tri-
fluoroacetamidoprop-1-ynyl)guanosine 18 (1623 mg,
2.02 mmol) was coevaporated with anhydrous pyridine
(2 mL × 2), dry DCM (2 × 5 mL), kept under vacuum
overnight, and then dissolved in anhydrous THF (20 mL).
Anhydrous pyridine (606 μL, 7.47 mmol, 3.7 eq.) and
AgNO3 (505 mg, 3.0 mmol, 1.5 eq.) were added. The re-
action mixture was stirred for 15 minutes to give a white
emulsion, and TBDMS-Cl (528 mg, 3.43 mmol, 1.7 eq.)
was added. The reaction was protected from moisture and
stirred at room temperature until TLC (SiO2, hexane/ethyl
acetate 1 : 1 (v/v)) showed no starting material left (8.5
hours). The reaction mixture was diluted with ethyl acetate
(50 mL), filtered to remove the precipitate and washed
with a saturated solution of NaHCO3 (2 × 20 mL). The
organic layer was dried over Na2SO4 and concentrated
under reduced pressure to give a white gum which was then
purified by silica gel column chromatography (hexane/ethyl
acetate 85 : 15 to 40 : 60 (v/v)) to give a pale yellow foam.
Yield: 482.3 mg (0.53 mmol, 26%). Rf (SiO2; hexane/ethyl
acetate 1 : 1 (v/v) containing 4% MeOH): 0.41. 1H NMR
(300 MHz, DMSO-d6): δ (ppm) = −0.14 and −0.02 (6 H,
2 × s, Si(CH3)2), 0.76 (9 H, s, SiC(CH3)3), 1.09 (6 H, 2 ×
d, J 6.6 and 6.9, CH(CH3)2), 2.70 (1 H, sept, J 6.6 and 6.9,
CH(CH3)2), 3.19 (1 H, m, H-5′), 3.51 (1 H, m, H-5′′), 3.67
and 3.69 (6 H, 2 × s, 2 × OCH3), 4.09 (1 H, m, H-4′), 4.20
(1 H, br m, H-3′), 4.38 (2 H, br d, J 5.1, CH2), 4.79 (1 H,
m, H-2′), 5.95 (1 H, d, J 4.8, H-1′), 6.75 (4 H, 2 × d, J 8.7,
aromatic), 7.27 (9 H, m, aromatic), 10.16 (1 H, t, J 5.1 and
5.4, NH), 11.38 (1 H, br s, NH), 12.14 (1 H, br s, NH).
13C NMR (300 MHz, DMSO-d6): δ (ppm) = −5.40, −4.91,
17.81, 18.63, 18.88, 25.47, 29.24, 34.77, 54.89, 54.93, 64.49,
70.16, 71.95, 73.74, 84.26, 85.30, 90.66, (109.97, 113.79,
117.61 and 121.43, q, J 288.40, CF3), 112.82, 112.87, 126.51,
127.55, 127.76, 129.70, 129.78, 135.50, 135.58, 144.86,
148.52, 154.10, (155.54, 156.03, 156.52 and 157.01, q, J
37.0, (C=O)CF3), 157.93, 157.98, 180.07. MALDI-TOF:
C46H53F3N6O9Si, calculated 918.36, found 919.19 [M+H]+.

2.8. 5′-O-(4,4′-Dimethoxytrityl)-2′-(tert-butyldimethylsilyl)-
N-2-isobutyryl-8-(3-trifluoroacetamidoprop-1-ynyl)guano-
sinephosphoramidite 14. 5′-O-(4,4′ -Dimethoxytrityl)-2′-
(tert-butyldimethylsilyl)-N-2-isobutyryl-8-(3-trifluoroacet-
amidoprop-1-ynyl)guanosine 19 (67.96 mg, 0.11 mmol)
was coevaporated with anhydrous pyridine (2 × 5 mL),
dry DCM (2 × 5 mL), kept under vacuum overnight, and
then dissolved in anhydrous DCM (2 mL). To the resulting
solution, DIPEA (75 μL, 0.44 mmol, 4 eq.) was added,
followed by 2-cyanoethyl-N,N-diisopropylchlorophospho-
ramidite (37 μL, 0.16 mmol, 1.5 eq). The solution was
stirred at room temperature. The reaction was followed
by TLC (EtOAc : hexane 1 : 1 containing 1% TEA). After
2.5 hours, the reaction was stopped and washed with a
saturated solution of NaHCO3 (10 mL). The organic layer
was dried over Na2SO4 and filtered, and the solvent was
removed under reduced pressure. The residue was purified
by silica gel column chromatography. The column was
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packed with DCM/TEA (98 : 2), the residue was dissolved
in 1-2 mL DCM/TEA (98 : 2), and the column was loaded.
After 30 mL of DCM/TEA (98 : 2), the solvent was changed
to DCM/TEA/MeCN (49 : 1 : 50, 50 mL). The fractions
containing the desired product were collected, and the
solvent was removed under reduced pressure. The product
was lyophilized overnight. 31P-NMR (300 MHz, DMSO-d6),
two diastereomers: δ (ppm) = 148.98, 149.71.

2.9. RNA Synthesis. Oligoribonucleotides were synthesized
by the phosphoramidite method on a Pharmacia Gene
Assembler Plus, at 1 μmol scale as described elsewhere [15].
Standard PAC-phosphoramidites as well as CPG supports
were obtained from ChemGenes or Link Technologies. BMT
(emp Biotech) was used as activator [16]. The modified
nucleoside phosphoramidites were coevaporated three times
with dry dichloromethane, kept under vacuum for 2 hours
to remove traces of solvents, stored in vacuum over P2O5

overnight, and used in oligo synthesis as 0.1–0.15 M solution
in acetonitrile. The solutions of phosphoramidites, BMT,
and MeCN were kept over molecular sieve 0.3 nm. The
coupling time for all natural and modified building blocks
was 5 min. All syntheses were carried out “trityl-off”. The
obtained RNA was cleaved from the support and deprotected
using NH3 (30%) and ethanolic methylamine in a 1 : 1
mixture and TEAx3HF as described [17] and purified by gel
electrophoresis using 10% denaturing polyacrylamide gels.
Elution was carried out using 0.5 M LiOAc followed by EtOH
precipitation. Oligonucleotides were analyzed by PAGE and
MALDI MS.

2.10. Postsynthetic Labeling of Oligoribonucleotides with
Alexa488, Cy5 and ATTO647N. 5 to 10 nmol amino-
modified RNA were dissolved in 15–25 μL 0.1 M Borax
buffer, at pH 9.4 for Alexa488 coupling reactions, and at
pH 8.7 for Cy5 and ATTO647N coupling reactions. The
mixture was added to a solution of 100 μg dye in 5 μL
DMF (the solution of the dye in DMF was freshly prepared
just before use). The coupling reaction was carried out at
room temperature overnight in the dark. Excess of dye was
removed via gel filtration (Sephadex G25 fine, GE Health-
care). The Alexa488 and Cy5 labeled RNAs were purified by
denaturing PAGE. The sample was denatured at 90◦C for 3
minutes, immediately subjected onto a 15% polyacrylamide
gel (200 × 150 × 1.5 mm), and electrophoresis was run at
400 V for 5.5 hours in the dark. The band corresponding
to the labeled RNA was cleaved out; the RNA was eluted
with 0.5 M lithium acetate and precipitated from ethanol
at −20◦C (yield 15–37% for Alexa488, 26–54% for Cy5).
The ATTO647N labeled RNA was purified by reverse-phase
HPLC. The RNA was solved in 1 mL water and filtered
through a 0.45 μL filter before subjecting onto the column.
Column EC 250/4 Nucleodur 100-5 C18 ec (Macherey-
Nagel), flow rate 0.5 mL/min, Buffer A 0.1 M TEAAc (pH
7), 5% MeCN, Buffer B 0.1 M TEAAc (pH 7), 70% MeCN,
Gradient 0% B for 5 min, 10–55% B in 76 min, 55–100% B
in 19 minutes(yield 40–50%).

2.11. Hybridization of Single-Stranded RNAs for Structural

Studies on RNA Thermometer

Condition A. For the hybridization of unlabeled single-
stranded oligonucleotides, D1L3 (300 pmol) and A1L3
(300 pmol) were dissolved in 50 mM Tris buffer, pH 7.4 in
the presence of 10 mM MgCl2 in a total volume of 100 μL.
The solution was then well mixed, incubated at 78◦C for
3 minutes, centrifuged to collect the vapor on the cap of
the eppendorf tube, wrapped in aluminium film, and slowly
cooled down to room temperature. The hybrid was analyzed
by 15% native polyacrylamide gel.

Condition B. Alexa Fluor 488-labeled D1L3 (25 pmol) and
Cy5-labeled A1L3 (25 pmol), were dissolved in 20 mM
KH2PO4-K2HPO4 buffer, pH 6.5 in the presence of 10 mM
MgCl2 and 100 mM KCl in a total volume of 50 μL. The
components were then mixed, centrifuged and incubated at
78◦C for 3 minutes. The mixture was slowly cooled down to
room temperature in aluminium film. The hybridization was
checked by 15% native polyacrylamide gel.

2.12. 5′-O-(4,4′-Dimethoxytrityl)riboflavin 21. To a suspen-
sion of riboflavin 20 (1.5 g, 4 mmol) in dry pyridine TEA
(2 mL, 14.4 mmol), DMAP (24 mg, 0.2 mmol), and 4,4′-
dimethoxytritylchloride (1.7 g, 5.2 mmol) were added under
argon. After 4 hours of stirring at room temperature in
the dark, the reaction was quenched with dry methanol
(5 mL). The solvent was evaporated under reduced pressure.
The residue was dissolved in DCM (100 mL) and filtered.
The clear yellow filtrate was dried with Na2SO4 and the
solvent was removed. Purification of the crude product by
column chromatography with DCM/MeOH (98 : 2) gave
the tritylated product 21 as an orange solid. Yield: 1.4 g
(2.1 mmol, 53%). 1H NMR (300 MHz, DMSO-d6): δ (ppm)
= 2.39 (s, 3 H, CH3), 2.41 (s, 3 H, CH3), 3.20–3.17 (m, 2 H),
3.72 and 3.73 (2 × s, 2 × 3 H, 2 × OCH3), 3.92 (br s, 1 H),
4.23 (br s, 1 H), 4.62 (m 1 H), 4.98 (m, 1 H), 6.85 (m, 4 H,
DMT), 7.46–7.16 (m, 9 H, DMT), 7.83 (s, 1 H), 7.90 (s, 1 H),
11.34 (s, 1 H, NH). ESI-MS: C38H38N4O8, calculated 678.27,
found 677.26 [M−H]−.

2.13. 2′ ,3′ ,4′-Tri-O-acetyl-5′-O-(4,4′-dimethoxytrityl)ribo-
flavin 22. 5′-O-(4, 4′-Dimethoxytrityl)-riboflavin 21 (1.4 g,
2.06 mmol) in dry pyridine (200 mL) was cooled in an ice
bath under argon atmosphere. After dropwise addition of
acetic anhydride (7.6 mL, 80 mmol), the solution was stirred
in the dark at room temperature overnight. Then, methanol
(5 mL) was added, and the solvent was evaporated. Column
chromatography with DCM/MeOH (98 : 2) gave the title
compound 22 as orange foam. Yield: 1.5 g (1.86 mmol, 90%).
1H NMR (300 MHz, DMSO-d6): δ (ppm) = 1.49 (s, 3 H,
acetyl-CH3), 2.02 (s, 3 H, acetyl-CH3), 2.27 (s, 3 H, acetyl-
CH3), 2.39 (s, 3 H, CH3), 2.46 (s, 3 H, CH3), 3.12–3.05 (m,
1 H), 3.29–3.22 (m, 1 H), 3.73 (2 × s, 2 × 3 H, 2 × OCH3),
5.16–4.79 (br m, 2 H), 5.24 (m, 1 H), 5.54 (m, 2 H), 6.88 (m,
4 H, DMT), 6.37–7.20 (m, 9 H, DMT), 7.64 (s, 1 H), 7.89 (s,
1 H), 11.40 (s, 1 H, NH), ESI-MS: C44H44N4O11, calculated
804.30, found 803.29 [M−H]−.
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2.14. 2′ ,3′ ,4′-Tri-O-acetylriboflavin 23. 2′ ,3′ ,4′-Tri-O-
acetyl-5′-O-(4,4′-dimethoxytrityl)riboflavin 22 (500 mg,
0.6 mmol) was dissolved in 20 mL nitromethane. To this
solution, anhydrous ZnBr2 (1.25 g, 5.6 mmol) was added.
After 2 minutes, the reaction was quenched by addition of
ammonium acetate (50 mL, 1 M in water). DCM (50 mL)
were added, the organic layer was separated and washed with
brine (2 × 20 mL), followed by evaporation under reduced
pressure. The crude product was extracted several times with
ice cold diethyl ether to remove residual DMT. In this way,
compound 23 (250 mg, 0.5 mmol) were obtained as a yellow
solid. The product was used for the next reaction without
further purification. MALDI-TOF: C23H26N4O9, calculated
502.17, found 503.23 [M+H]+.

2.15. 3-(Tetraethylene glycol)propionic Acid tert-Butyl Ester
25. Tetraethylene glycol 24 (38.8 g, 200 mmol) was dissolved
in dry THF (80 mL). Under argon atmosphere, sodium
(0.2 g, 8.7 mmol) was added. After all of the sodium had
dissolved, tert-butylacrylate (7.7 g, 60 mmol) were added and
the mixture was stirred at room temperature for 23 hours.
The slightly yellow solution was neutralized with 1 M HCl
and the solvents were evaporated under reduced pressure.
The residue was redissolved in brine (80 mL) and extracted
with ethyl acetate (3 × 50 mL). The combined organic layers
were washed with water and dried with sodium sulfate.
After evaporation of the solvents, the oil was subjected to
column chromatography on silica gel (DCM/MeOH 98 : 2)
to give 25 as colorless oil. Yield: 6.65 g (20.6 mmol, 34%).
1H NMR (300 MHz, CDCl3): δ (ppm) = 1.45 (s, 9 H, tert-
butyl), 2.50 (t, 2 H, CH2-COO-tert-Bu), 3.74–3.60 (m, 18 H,
OCH2CH2O). MALDI-TOF: C15H30O7, calculated 322.20,
found 345.16 [M+Na]+.

2.16. 3-(Tetraethylene glycol)propionic Acid tert-Butyl Ester
Phosphoramidite 26. 3-(Tetraethylene glycol)propionic acid
tert-butyl ester 25 (1 g, 3.1 mmol) was coevaporated three
times with dichloromethane and then dissolved in 25 mL
DCM under argon. To this solution, freshly distilled DIPEA
(2.5 mL) and 2-cyanoethyl-N,N-diisopropropylchlorophos-
phoramidite (0.85 ml, 3.6 mmol) were added. After 1.5
hours, the reaction was stopped by addition of 1 mL
methanol. The mixture was diluted with ethylacetate (20 mL)
and TEA (1.5 mL) and washed with a saturated solution of
NaHCO3 (25 mL) and brine (25 mL). The organic layer was
dried with Na2SO4, and the solvents were removed under
reduced pressure. The crude product was coevaporated three
times with dry DCM and stored overnight in an evacuated
desiccator with calcium chloride. According to TLC analysis,
the phosphoramidite was sufficiently pure to be used for the
next reaction without further purification. 31P NMR (300
MHz, CDCl3), two diastereomers: δ (ppm) = 148.45, 149.37.

2.17. 5′-O-(3-(Tetraethylene glycol)propionic Acid tert-Butyl
Ester-β-cyanoethylphosphoryl)-2′,3′,4′-tri-O-Acetylriboflavin
27. All starting materials were coevaporated separately
with dry DCM. The riboflavine derivative 23 (100 mg,
0.2 mmol) was dissolved in dry MeCN (15 mL). To this

solution, phosphoramidite 26 (136 mg, 0.26 mmol) in 2 mL
dry MeCN and BMT (192 mg, 1 mmol) in 3 mL MeCN
were added. The reaction mixture was stirred for 1 hour
at room temperature. A solution of 0.2 M iodine in a
mixture of THF/pyridine/H2O (2 : 1 : 1) was added. After ten
minutes, sodium bisulfite (5% in water) was added until the
brown color had vanished. The mixture was diluted with
DCM (40 mL). The organic layer was washed with sodium
bicarbonate and brine and finally dried over sodium sulfate.
The solvents were evaporated under reduced pressure. The
residue was purified by reversed phase HPLC. Column
VP125 Nucleosil 120-10 C18 ec (Macherey-Nagel), flow
rate 0.5 mL/min, Eluent A 10% MeOH, Eluent B 70%
MeOH, Gradient 0–70% B in 5 CV, 70–100% B in 3 CV,
100% B 3 CV. Yield: 59.5 mg (63 nmol, 32%). 1H NMR
(300 MHz, CDCl3), two diastereomers: δ (ppm) = 1.44 (s,
9 H, tert-butyl), 1.79 (s, 3 H), 2.21 (2 × s, 3 H), 2.35 and 2.33
(2 × s, 3 H), 2.44 (s, 3 H), 2.50 (t, 2 H, CH2-COO-tert-Bu),
2.57 (s, 3 H), 2.81 (m, 2 H, CH2-CN), 3.74–3.60 (m, 18 H,
OCH2CH2O), 4.40–4.21 (m, 6 H, P-O-CH2), 5.33–4.89
(br, 2 H), 5.41 (m, 1 H), 5.50 (m, 1 H), 5.65 (m, 1 H), 7.60
and 7.59 (2 × s, 1 H), 8.02 (s, 1 H), 8.80 and 8.76 (2 × s,
1 H, NH). MALDI-TOF: C41H58N5O18P, calculated 939.35,
found 962.62 [M+Na]+.

2.18. 5′-O-(3-(Tetraethylene glycol)propionic Acid-β-cya-
noethylphosphoryl)-2′, 3′, 4′-tri-O-Acetylriboflavin 28. The
fully protected coupling compound 27 (25 mg, 26.6 nmol)
was treated with 1 mL DCM/TFA (1 : 1) for 1 hour at room
temperature. Subsequently, the solvents were evaporated
under reduced pressure, and the residue was purified by
reversed phase HPLC to give the free acid as an orange solid.
Column VP125 Nucleosil 120-10 C18 ec (Macherey-Nagel),
flow rate 0.5 mL/min, Eluent A 10% MeOH, Eluent B 70%
MeOH, Gradient 0–70% B in 5 CV, 70–100% B in 3 CV,
100% B 3 CV. Yield 18.8 mg (21.3 nmol, 80%). 1H NMR
(300 MHz, DMSO-d6), two diastereomers: δ (ppm) = 1.61
(s, 3 H), 2.20 (s, 3 H), 2.25 (s, 3 H), 2.41 (s, 3 H), 2.43 (t,
2 H, CH2-COOH), 2.51 (s, 3 H), 2.93 (m, 2 H, CH2-CN),
3.63–3.48 (m, 18 H, OCH2CH2O), 4.41–4.10 (m, 6 H, P-
O-CH2), 4.83 (d, 1 H), 5.18–5.00 (br, 1 H), 5.32 (m, 1 H),
5.48 (m, 2 H), 7.73 (s, 1 H), 7.90 (s, 1 H), 11.40 (s, 1 H,
NH). MALDI-TOF: C37H50N5O18P, calculated 883.29, found
906.43 [M+Na]+.

2.19. 5′-O-(3-(Tetraethylene glycol)propionic Acid Phospho-
ryl)riboflavin 29. In 4 mL of a 30% ammonia solution in
methanol, the riboflavin derivative 28 (15 mg, 17 nmol) was
dissolved and stirred at room temperature. After 30 min,
MALDI analysis showed complete conversion to product.
The solvents were evaporated, and the solid was taken up in
1 mL deionized water and subjected onto a short DOWEX
column (H+ form, 4 × 1.5 cm). The product was eluted with
water and dried in vacuo. Yield: 11 mg (15.6 nmol, 92%).
1H NMR: (600 MHz, DMSO-d6): δ (ppm) = 2.40 (s, 3 H),
2.43 (t, 2 H, CH2-COOH), 2.49 (s, 3 H), 3.61–3.47 (m, 16 H,
OCH2CH2O), 3.64 (m, 1 H), 3.86 (m, 1 H), 3.90 (m, 1 H),
4.00 (m, 2 H), 4.11 (m, 1 H), 4.24 (m, 1 H), 4.65 (d, 1 H),



Journal of Nucleic Acids 7

4.89 (m, 1 H), 7.90 (s, 2 H), 11.35 (s, 1 H, NH). MALDI-TOF:
C28H41N4O15P, calculated 704.23, found 705.32 [M+H]+.

2.20. Introduction of Spin Labels to RNA Containing 4-
Thiouridine. The modified nucleotide 4-thiouridine was
incorporated at preselected positions of RNAs, to be
used for postsynthetic spin labeling with 1-oxyl- 2,2,5,5-
tetramethylpyrroline-3-methyl)methane-thiosulfonate or
N -(1-oxyl-2,2,5,5-tetramethyl-3-pyrrolidinyl)iodoacetam-
ide. RNA samples were incubated for 2 hours at room
temperature with a 200-fold excess of dithiothreitol (DTT)
in 50 μL of 100 mM sodium phosphate puffer (pH 8.0).
The reducing agent was removed by demineralization using
centrifugal filters, followed by lyophilization of the RNA.
Spin labeling was carried out overnight by incubation of a
100 μM solution of the respective RNA in 90 mM sodium
phosphate buffer (90% v/v) (pH 8.0) and DMF (10%
v/v) with a 10-fold excess of 1-oxyl-2,2,5,5-tetrameth-
ylpyrroline-3-methyl)methanethiosulfonate or N-(1-oxyl-
2,2,5,5-tetramethyl-3-pyrrolidinyl)iodoacetamide, respec-
tively. Unbound nitroxide reagent was removed by deminer-
alization and lyophilization as described above. The spin
label efficiency ranged from 10% to 100%.

2.21. Introduction of Spin Labels to RNA Containing 2′-Ami-
nouridine. RNAs were synthesized with 2′-aminouridine at
predefined positions and subsequently spin labeled.

2.21.1. Reaction with (1-Oxyl-2,2,5,5-tetramethylpyrrolin-
3-carboxylat)-N-Hydroxysuccinimidyl Ester. A solution of
the RNA in 80 mM borax buffer (pH 8.5) (90% v/v), DMF
(10% v/v) containing 10 mM NaCl was incubated for 5
hours at 37◦C with a 500-fold excess of (1-oxyl-2,2,5,5-
tetramethylpyrrolin-3-carboxylat)-N-hydroxysuccinimidyl
ester. Side products and unreacted reagents were extracted
with 300 μL chloroform at room temperature followed by
precipitation of the labeled RNA from ethanol. The pellet
was resolved in water, the solution was demineralized using
centrifugal filters, and finally, the sample was lyophilized.
Yields were between 70% and 80%.

2.21.2. Reaction with 4-Isocyanato-2,6-tetramethylpiperidyl-
N-oxid. A solution of the RNA in 50 mM borax buffer (pH
8.5) (50% v/v), DMF (20% v/v) and formamide (30% v/v)
was cooled to −8◦C and incubated for 2 hours with a
15-fold excess of 4-isocyanato-2,6-tetramethylpiperidyl-N-
oxid. Side products and unreacted reagent were extracted
with 300 μL chloroform at room temperature followed by
precipitation of the labeled RNA from ethanol. The pellet
was resolved in water, the solution was demineralized using
centrifugal filters, and finally, the sample was lyophilized.
Yields were between 75% and 100%.

3. Results and Discussion

3.1. Synthesis of Natural and Modified RNA with Com-
mercially Available Building Blocks. The coupling reaction
of RNA phosphoramidites is less facile than that of DNA

phosphoramidite building blocks; hence, the coupling yields
normally are slightly poorer. Thus, chemical synthesis of
RNA is limited by the length of the oligomers. Up to
now, we, therefore, preferred to synthesize nonmodified
RNA molecules which are longer than 70 bases by in vitro
transcription techniques as described [17]. Shorter nonmod-
ified and modified RNAs in our laboratory are prepared
by solid phase synthesis. Our procedure is based on 2′-
O-tert-butyldimethylsilyl (TBDMS) nucleoside protection
and involves sequential couplings of β-cyanoethyl-(N,N′-
diisopropyl)phosphoramidites of 5′-O-dimethoxytrityl-2′-
O-TBDMS nucleosides essentially by the method as
described [17]. For assembly of the oligoribonucleotides, we
predominantly use CPG or polystyrene beads to which the
first ribonucleoside derivative is attached via its 3′-OH group
as a succinate linkage. The standard synthesis is on the micro-
mole scale, and for coupling of phosphoramidites, we use 5-
benzylmercaptotetrazole activation [16] and coupling times
of 5 min. Under these conditions, the yields in couplings are
usually in the 99% range. We have synthesized a variety of
amino- and 4-thiouridine-modified RNAs (Tables 1, 2, and
3) that were postsynthetically functionalized with fluorescent
dyes, spin labels, or flavine mononucleotide as described
below.

The 5′- and 3′-amino modifiers, as well as 4-thiouridine
were introduced during RNA solid phase synthesis using
commercially available building blocks (Figure 1). While for
the 5′-amino modifier, the standard coupling conditions
were used, 4-thiouridine was introduced by two consecutive
couplings of 5 minutes each using fresh amidite solution.
After chain assembly was completed, cleavage from the
solid support and removal of base-protecting groups were
accomplished by treatment with aqueous NH3 (30%) and
ethanolic methylamine in a 1 : 1 mixture for 2 h at room
temperature. We found this protocol advantageous over
the usage of NH3/MeOH, as we had applied previously
[18]. Finally, 2′-O-TBDMS groups were removed by fluoride
ion treatment. While 1 M tetrabutylammonium fluoride
was conventionally used for this purpose, we prefer the
use of triethylamine trihydrofluoride first suggested by
Gasparutto et al. [19]. In combination with polar aprotic
solvents and at elevated temperatures, this reagent offers
advantages in speed and reliability [20]. Therefore, we use
triethylamine trihydrofluoride/DMF (3 : 1) at 55◦C for 1.5
hours for efficient removal of the 2′-O-TBDMS groups.
Following deprotection, oligonucleotides were desalted by
precipitation with n-butanol and purified by electrophoresis
on denaturing polyacrylamide gels or by HPLC. The yields of
oligonucleotides shown in Tables 1–3 were in the range of 1
to 400 nmol after purification.

3.2. Synthesis of Amino-Modified RNA Building Blocks
and Incorporation in RNA. Within a collaborative research
project, the three-dimensional architecture of structured
RNAs, for example, RNA thermometers [7] or RNA four-way
junctions [8], is investigated by quantitative fluorescence res-
onance energy transfer (FRET) measurements. For absolute
distance measurements by FRET, the microenvironment of
the probe attached to the sample is very important. However,
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Table 1: Sequences of synthesized linker-modified RNA oligonucleotides. The bold letters (U/A) mark the position of the modification (see
Figure 2).

Name Length Sequence Mod. Dye

A1L1 25 nts UGG CAA GCU CGC AGU CGG CAC CGC C 5 Cy5

A1L2 25 nts UGG CAA GCU CGC AGU CGG CAC CGC C 6
Cy5, ATTO

647N

A1L3 25 nts UGG CAA GCU CGC AGU CGG CAC CGC C 7 Cy5

A2L1 25 nts UGG CAA GCU CGC AGU CGG CAC CGC C 5 Cy5

A2L2 25 nts UGG CAA GCU CGC AGU CGG CAC CGC C 6
Cy5, ATTO

647N

A2L3 25 nts UGG CAA GCU CGC AGU CGG CAC CGC C 7 Cy5

D1L1 25 nts GGC GGU GCC GAC UGC GAG CUU GCC A 5 Alexa 488

D1L2 25 nts GGC GGU GCC GAC UGC GAG CUU GCC A 6 Alexa 488

D1L3 25 nts GGC GGU GCC GAC UGC GAG CUU GCC A 7 Alexa 488

L2-TEST 8 nts GGA AUU CC 6 —

2-L3-A 8 nts GGA AUU CC 7 ATTO 647N

8-L1-A 8 nts UUA GUA CU 8 —

2-L3-A 8 nts GGA AAU CC 10 ATTO 647N

RNA-25 32 nts CCC CAC GUC AAG GCG UGG UGG CCG AAG GUC GG 6 Cy5

RNA-26 32 nts CCG ACC UUC GGC CAC CUG ACA GUC CUG UGG GG 6 Alexa 488

4U-Ther. 60 nts
GGC GGU GCC GAC UGC GAG CUU GCC AUG UUG AAC UUU
UGA AUA GUG AUU CAG GAG GUU AAU

6 Alexa 488

4U-Ther. 60 nts
GGC GGU GCC GAC UGC GAG CUU GCC AUG UUG AAC UUU
UGA AUA GUG AUU CAG GAG GUU AAU

6 Alexa 488

4U-Ther. 60 nts
GGC GGU GCC GAC UGC GAG CUU GCC AUG UUG AAC UUU
UGA AUA GUG AUU CAG GAG GUU AAU

6 Alexa 488

4U-Ther. 60 nts
GGC GGU GCC GAC UGC GAG CUU GCC AUG UUG AAC UUU
UGA AUA GUG AUU CAG GAG GUU AAU

6 Alexa 488

4U-Ther. 60 nts
GGC GGU GCC GAC UGC GAG CUU GCC AUG UUG AAC UUU
UGA AUA GUG AUU CAG GAG GUU AAU

6 Alexa 488

the commercial availability of building blocks for internal
labeling of RNA is rare. Therefore, often molecules with a
deoxy sugar moiety at the position of the internal label are
applied for structural studies. In order to provide a set of
nucleotides that upon incorporation in RNA can be used for
RNA functionalization at a desired internal site, we started an
effort to synthesize various ribonucleoside phosphoramidite
building blocks with amino linkers of different lengths and
flexibility attached to the heterocyclic base. We choose one
short (L1) and one long (L2) rather flexible linker (Figure 3)
coupled to the nucleobases by Heck chemistry [12, 13] and
a short alkynyl linker (L3) (Figure 3) that was introduced by
Sonogashira coupling [11].

In a first row of experiments, we have attached the three
different linkers at C5 of uridine by palladium catalyzed
cross-coupling reactions as described [14] (see 5, 6, and 7
in Figure 2).

Furthermore, adenosine derivatives with alkenyl linkers
L1 and L2 at C8 or C2 were prepared under analogous condi-
tions as used for uridine derivatives 5 and 6. However, a strik-
ing difference was the formation of double bond isomers in
the Heck coupling reaction. Even though this phenomenon

is well known in the field of palladium catalyzed cross-
coupling reactions, we were surprised observing a strong
influence of the nature of the catalysts on formation of either
isomer. Thorough investigation of a variety of catalysts and
reaction conditions allowed us to tune reaction towards one
of the two possible isomers by the choice of the catalysts (H.
Nguyen, B. Appel, and S. Müller, manuscript in preparation).
The specific amino-modified adenosine derivatives shown in
Figure 2 were obtained with Na2[PdCl4] (8, 9, and 12) or
with the catalyst palladacycle (11) [21].

The phosphoramidite building blocks 7, 10, 13, and 14
carrying the propargylamino linker (Figure 2) were prepared
by Pd-catalyzed Sonogashira cross-coupling. Due to the
milder conditions compared with Heck chemistry, successful
Sonogashira reaction could be carried out at fully protected
nucleosides. Protection is not essential; however, we found
introduction of sugar and base protecting groups prior to
the cross-coupling reaction advantageous, since the overall
yield in this case was higher. The synthesis starts with the
introduction of the DMT- and TBDMS protecting group
via standard procedures [22, 23]. Then, the propargylamino
linker L3 was coupled to the nucleobase by Sonogashira
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Table 2: Sequences of spin labelled RNAs. The bold U marks the position of 4-thiouridine, and the underlined U the position of 2′-aminou-
ridine.

Name Sequence Spin label Yield (%)

VW1
GGG CUA AAA CAU ACC AGA UUUCGA UCU GGA GAG GUG AAG AAU ACG
ACC ACC UAG CUC

TPM-MTS 25

TMP-IAA 23

VW2
GGG CUA AAA CAU ACC AGA UUUCGA UCU GGA GAG GUG AAG AAU ACG
ACC ACC UAG CUC

TPM-MTS 10

TMP-IAA 63

VW3
GGG CUA AAA CAU ACC AGA UUUCGA UCU GGA GAG GUG AAG AAU ACG
ACC ACC UAG CUC

TPM-MTS 20

TMP-IAA 80

VW4
GGG CUA AAA CAU ACC AGA UUUCGA UCU GGA GAG GUG AAG AAU ACG
ACC ACC UAG CUC

TPM-MTS 77

VW5
GGG CUA AAA CAU ACC AGA UUUCGA UCU GGA GAG GUG AAG AAU ACG
ACC ACC UAG CUC

TPM-MTS 25

VW6
GGG CUA AAA CAU ACC AGA UUUCGA UCU GGA GAG GUG AAG AAU ACG
ACC ACC UAG CUC

TPM-MTS 100

VW7
GGG CUA AAA CAU ACC AGA UUUCGA UCU GGA GAG GUG AAG AAU ACG
ACC ACC UAG CUC

TPM-MTS 61

VW8
GGG CUA AAA CAU ACC AGA UUUCGA UCU GGA GAG GUG AAG AAU ACG
ACC ACC UAG CUC

TPM-MTS 13

VW9
GGG CUA AAA CAU ACC AGA UUU CGA UCU GGA GAG GUG AAG AAU
ACG ACC ACCUAG CUC

TPM-MTS 45

VW10
GGG CUA AAA CAU ACC AGA UUUCGA UCU GGA GAG GUG AAG AAU ACG
ACC ACC UAG CUC

TPM-MTS 89

VW11
GGG CUA AAA CAU ACC AGA UUUCGA UCU GGA GAG GUG AAG AAU ACG
ACC ACC UAG CUC

TPM-MTS 89

VW12
GGG CUA AAA CAU ACC AGA UUUCGA UCU GGA GAG GUG AAG AAU ACG
ACC ACC UAG CUC

TPM-MTS 10

HPAS11 ACC AGA GAA ACA GCC UUA GGA UAU GCU GG TMC-NHS 81

TEMPO-NCO 83

HPAS12 CCA GCA GAA GGA CGU CGU AUA UUA CCU GGU TMC-NHS 80

TEMPO-NCO 77

HPAS13 ACC AGA GAA ACA ACC UUG GC TMC-NHS 82

TEMPO-NCO 97

HPAS14 GGC AAG GUC GUA UAU UAC CUG GU TMC-NHS 85

TEMPO-NCO 75

HPAS15 ACC AGA GAA ACA GAC UUG GC TMC-NHS 72

TEMPO-NCO 100

HPAS16 GCC AAG UCG UAU AUU ACC UGG U TMC-NHS 80

TEMPO-NCO 82

reaction, and finally, the phosphoramidite was prepared
as described above for the C5-propargylamino uridine
derivative.

Adenosine derivatives with the propargyl amino linker at
C8 and C2 were prepared following the same route. However,
as an additional step, the exocyclic amino group of the base
was protected prior to introduction of the other protecting
groups and of the linker unit.

The propargylamino linker was also attached to C8 of
guanosine starting from 8-bromoguanosine. The exocyclic
amino group was protected as an amide using isobutyric
anhydride. The DMT and the TBDMS group were intro-
duced according to standard methods [22, 23] as described
above, and finally, the phosphoramidite was prepared with
4 eq. of ethyl diisopropyl amine and 1.5 eq. of 2-cyanoethyl-
N,N-diisopropylchlorophosphoramidite (Figure 4).
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Table 3: Sequences of two-stranded or three-stranded amino modified aptazymes. APU: 5-(3-Aminoprop-1-enyl)uridine. AMU: 2′-amino-
uridine.

Name Length Sequence Mod. X

HPAT2-L12 72 nts
AAA GAG AGA AGU GAA CCA GAG AAA CAG CCU UAG GAU AXG CUU CGG
CAG AAG GAC GUC GUA UAU UAC CUG GUA

APU

HPAT2-L14 72 nts
AAA GAG AGA AGU GAA CCA GAG AAA CAG CCU UAG GAX AUG CUU CGG
CAG AAG GAC GUC GUA UAU UAC CUG GUA

APU

HPAT2-U12 72 nts
AAA GAG AGA AGU GAA CCA GAG AAA CAG CCU UAG GAU AXG CUU CGG
CAG AAG GAC GUC GUA UAU UAC CUG GUA

AMU

HPAT2-U14 72 nts
AAA GAG AGA AGU GAA CCA GAG AAA CAG CCU UAG GAX AUG CUU CGG
CAG AAG GAC GUC GUA UAU UAC CUG GUA

AMU

HPAT1-AAM 43 nts AAA GAG AGA AGU GAA CCA GAG AAA CAG CCU UAG GAX AUG CUG G AMU

HPAT1-AHI 43 nts AAA GAG AGA AGU GAA CCA GAG AAA CAG CCU UAG GAX AUG CUG G APU

HPAT1-BAM 43 nts AAA GAG AGA AGU GAA CCA GAG AAA CAG CCU UAG GAU AXG CUG G AMU

HPAT1-BHI 43 nts AAA GAG AGA AGU GAA CCA GAG AAA CAG CCU UAG GAU AXG CUG G APU

HPAT2 31 nts CCA GCA GAA GGA CGU CGU AUA UUA CCU GGU A —
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Figure 4: Synthesis of the guanosine-phosphoramidite. (i) 8-bromoguanosine 15, 2.0 eq. L3, 0.1 eq. Pd(PPh3)4, 0.2 eq. CuI, 1.2 eq. DIPEA,
40◦C, 20 h (80%); (ii) 16, pyridine, 8.2 eq. TMS-Cl, 0◦C, 2 h, 2.2 eq. isobutyric anhydride, rt, 2 h, NH3 up to 2.5 M, 0◦C; (iii) 17,
pyridine,1.5 eq. DMT-Cl, 0◦C, 2.5 h; (iv) 18, THF, 3.7 eq. pyridine, 1.5 eq. AgNO3, 15 min, 1.7 eq. TBDMS-Cl, rt, 8.5 h; (v) 19, DCM,
4 eq. DIPEA, 1.5 eq. 2-cyanoethyl-N,N-diisopropylchlorophosphoramidite, rt, 2.5 h.
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Several of the prepared phosphoramidite building blocks
were successfully incorporated into oligonucleotides using
standard solid phase chemistry (Table 1) [17]. The mod-
ified phosphoramidites were thoroughly dried by repeti-
tive coevaporating with dichloromethane. After solving the
amidite in dry acetonitrile to a concentration of 0.1 to
0.15 M, molecular sieves were added and the solution was
kept at room temperature for one hour prior to use. Amino-
modified phosphoramidites were coupled for 5 min, as were
the standard building blocks. The coupling yield was in
the 99% range, comparable with those of the unmodified
phosphoramidites. After synthesis, oligonucleotides were
deprotected under standard conditions [17], leading also to
removal of the TFA group protecting the aliphatic amine of
the linker. Purification was carried out by gel electrophoresis,
followed by MALDI-TOF MS analysis. Table 4 shows some
example masses of MALDI-TOF-MS determination for some
synthesized RNA oligonucleotides.

3.3. Postsynthetic Labeling. The amino-modified RNAs were
subsequently used for attachment of various dyes. Due to
selective reaction of activated carboxylic acids with aliphatic
amines, the fully deprotected RNA was used without the
danger of significant side reactions at the sugar hydroxyl
groups or aromatic amino groups of the bases. In majority,
activate esters of Cy5, ATTO647N and Alexa488 were used
for postsynthetic labeling (Figure 5).

For Cy5 and ATTO647N, N-hydroxy-succinimidyl
(NHS) esters were used. For Alexa488, the NHS-ester is only
available as anisomeric mixture of 5- and 6-esters (Figure 6).
After reaction with the dye, RNAs labeled with either isomer
can be separated by gelelectrophoresis. However, we found
it being more efficient using the tetrafluorophenyl (TFP)
ester of Alexa488, which is available as the pure 5-isomer
(Figure 6).

For each coupling reaction, an amount of 5 to 10 nmol
RNA was dissolved in borax buffer at pH 8.7 for labeling
with Cy5 and ATTO647N and pH 9.4 for reaction with
Alexa488. The dyes were added dissolved in DMF, and the
reaction was carried out at room temperature overnight in
the dark. Afterwards, the excess of dye was removed by
gel filtration. Purification of dye-labeled RNAs was carried
out by PAGE (Cy5- and Alexa488-labeled strands) or by
RP-HPLC (ATTO647N-labeled oligonucleotides). Successful
labeling was confirmed by MALDI-TOF MS analysis. The
data shown in Table 5 are representative examples of MS
analyzed dye labeled oligonucleotides.

Figure 7 shows the MALDI-TOF-MS spectra of the
oligonucleotide 2-L3-A prior to and after labeling with
ATTO647N, as an example for the superior quality of the
labeled oligonucleotides.

3.4. Hybridization of Single-Stranded RNAs for Structural
Studies. To demonstrate that the amino linkers as well as the
fluorescent labels do not intervene in the hybridization of
single-stranded oligonucleotides, the hybrid of Alexa Fluor
488-labeled D1L3 and the complementary Cy5-labeled A1L3
was prepared (Figure 8). The oligonucleotides and their
hybrid were visualized by illumination with UV-light at 254

and 365 nm. As can be seen from the gel, the two dye-labeled
single-stranded oligonucleotides were fully hybridized.

In a parallel experiment, Alexa488-labeled D1L3 and
Cy5-labeled A1L3 were dissolved in KH2PO4-K2HPO4 buffer
containing MgCl2 and KCl, according to the required buffer
conditions in the FRET experiments to be conducted. The
mixture was mixed, incubated at 78◦C for 3 minutes,
and slowly cooled down to room temperature. Reaction
analysis by native polyacrylamide gel electrophoresis (data
not shown) confirmed quantitative hybridization. Several of
the synthesized RNAs upon hybridization to their comple-
mentary strands were used in fluorescence measurements, in
particular in single molecule detection (SMD) and time cor-
related single photon counting (TCSPC) bulk experiments
[14].

3.5. Synthesis of an Activated FMN Derivative for Postsynthetic
Labeling of Amino-Functionalized RNA. In previous work,
we have engineered an FMN responsive hairpin aptazyme
that can be switched on and off in a reversible mode [10].
As we have shown, FMN can be removed from its binding
pocket by reduction of the isoalloxazine ring, which is
associated with a change in geometry and subsequently with
loss of binding. In the original system, FMN was externally
added, requiring a 400-fold excess to saturate its binding
site in the aptazyme and to obtain a functional response.
Current work is focused on engineering a hairpin aptazyme
with FMN being covalently attached via a suitable linker.
This small molecular device is supposed to be advantageous
in terms of entropic costs for FMN binding to the aptamer
and iterative cycles of reversible switching. For this purpose,
a suitable FMN derivative for postsynthetic labeling of
amino-modified RNA was synthesized. Recent experiments
with different FMN derivatives have shown that only the
isoalloxazine ring system is required for interaction with the
aptazyme, while the ribose unit as well as the phosphate do
not seem to play a major role (T. Marschall and S. Müller,
unpublished observation). Thus, we decided to attach a
carboxyl group containing linker to the ribose chain of
riboflavin which subsequently could be postsynthetically
attached to amino-functionalized RNA as described in
Figures 5, 9, and 10.

Starting from riboflavin, first a fully protected riboflavin
derivative was synthesized. Protection of the 5′-OH group
was achieved by chemoselective tritylation of the primary
hydroxyl group with DMT-Cl in pyridine. The remaining
secondary hydroxyl groups were reacted with acetic anhy-
dride to give the fully protected derivative 22 in good yields
(83–90%). The selective deprotection of the 5′-OH group
under acidic conditions (2% DCA in DCM) led to the
formation of a side product with the same molecular mass
as the main product. This suggested the migration of one of
the acetyl groups under DMT deprotection conditions. It has
been shown before that under acidic conditions, the acetyl
group of the C4′-OH group can move to the neighbouring
C5′-OH group [24]. Separation of the two isomers by col-
umn chromatography on silica gel was not successful. There-
fore, we looked for alternative procedures. Alternatively to
acids, also ZnBr2 has been suggested as superior reagent
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Table 4: Masses of the synthetic RNAs determined by MALDI-TOF-MS (linear negative-ion mode, found M = [M−H]−).

Sequence Cal. mass Found mass Δm Error (%)

L2-TEST 2677.73 2675.99 0.77 0.027

2-L3-A 2585.63 2583.99 0.64 0.024

8-L1-A 2526.53 2525.96 0.43 0.017

A1L1 8041.95 8040.41 0.53 0.010

A1L2 8155.03 8153.15 0.88. 0.011

A1L3 8039.93 8039.23 0.30 0.003

A2L1 8041.95 8044.29 3.36 0.040

A2L3 8039.93 8041.17 2.24 0.030

D1L1 8098.93 8098.62 0.69 0.010

D1L2 8212.03 8211.46 0.43 0.005

D1L3 8096.93 8099.73 3.80 0.040
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Amino linker-
modified RNA

Dye-labeled
RNA

Figure 5: Postsynthetic labeling of amino-modified oligonucleotides: (i) Chemical synthesis of amino-modified RNA; (ii) Deprotection;
(iii) Postsynthetic labeling with fluorescent dyes.

for removal of DMT groups [25, 26]. Indeed, using ZnBr2

in dry nitromethane led to the formation of the desired
product 23 within a few minutes, without acetyl migration.
However, during purification of the detritylated riboflavin
derivative by column chromatography, again migration of
acetyl protecting groups was observed. Therefore, the solid
crude product was just washed several times with ice cold
diethyl ether, yielding compound 23 with satisfying purity.

For the synthesis of the carboxylic acid containing linker
component, tetraethylene glycol was reacted with tert-butyl
acrylate (Figure 10). The product of this Michael addition
was converted to the corresponding phosphoramidite with 2-
cyanoethyl-N ,N -diisopropropylchlorophosphoramidite by
standard procedures [27]. The coupling reaction between
the riboflavin derivative 23 and the linker phosphoramidite
26 was accomplished in acetonitrile with BMT activation
followed by oxidation with an aqueous solution of iodine
to give the flavinmononucleotide derivative 27. The fully
protected FMN derivative was treated with trifluoroacetic
acid in dichloromethane to eliminate the acid labile tert-
butyl protecting group (28). After the purification of the free
acid form of the FMN derivative by RP-HPLC, cleavage of the
β-cyanoethyl and the acetyl groups was achieved by stirring
in 30% ammonia in methanol. Evaporation of the ammonia
solution and subsequent treatment with DOWEX (H+-form)

yielded the desired product 29 that upon activation as NHS
ester was used for postsynthetic RNA functionalization.

The FMN sensitive hairpin aptazyme was chemically
synthesized as a three-stranded or two-stranded system
using the phosphoramidite approach. In order to facilitate
coupling of the FMN derivative with the oligonucleotides,
2′-aminouridine or 5-propargylaminouridine (Figure 11)
were introduced in predefined positions of the RNA chain,
providing the aliphatic amine for selective attachment of
the FMN derivative (Table 3). Suitable positions for FMN
attachment have been defined on the basis of the structure
model of the FMN aptamer [28] with the help of PyMOL.

In order to couple the FMN derivative to the amino-
modified RNA, an NHS-ester was generated in situ by
reacting the unprotected FMN derivative 29 with 1.2 eq.
TSTU and 2 eq. DIPEA for one hour at room temperature
in DMF (Figure 12). The formation of the activated ester
was monitored by MALDI mass spectrometry. After all of
the free carboxylic acid had been converted to its NHS-form,
the FMN derivative was coupled to the amino group bearing
oligonucleotide. Successful coupling was confirmed by poly-
acrylamide gel electrophoresis (Figure 12). The functional
characterization of the resulting FMN-RNA constructs in
ribozyme activity assays is currently in progress.
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Table 5: Masses of dye-labeled oligonucleotides determined by MALDI-TOF-MS (linear negative-ion mode, found M = [M+H]−).

Labeled sequence Cal. mass Found mass Δm Error (%)

2-L3-A-ATTO 647N 3213.63 3212.44 0.19 0.006

A1L2-ATTO 647N 8783.03 8782.28 0.25 0.003

A2L2-ATTO 647N 8783.03 8776.95 5.08 0.057

A2L2-Cy5 8793.25 8791.53 0.72 0.008
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Figure 7: MALDI-TOF mass spectra of the amino-modified oligonucleotide 2-L3-A (a) and its corresponding conjugate with ATTO647N
(b). For the sequence of 2-L3-A, compare Table 1.
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(b) Two-stranded (left) and three-stranded (right) aptazyme. The modifications AMU and APU are located at position U12 (red) and U14
(green), respectively.

3.6. Synthesis of Specifically Spin-Labeled RNAs. Within a
collaborative project on structural analysis of the tetracycline
dependent riboswitch [9] and of the FMN responsive
aptazyme described above [10] by electron paramagnetic res-
onance (EPR) spectroscopy, we have synthetically prepared
RNAs carrying a suitable spin label at a predefined site.
The basic strategy of site-directed spin-labeling originally has
been developed with proteins and involves modification of
the SH group of an appropriate cysteine with a selective para-
magnetic nitroxide reagent. Applying the same technique
to RNA, labeling initially was achieved by incorporating a
guanosine monophosphorothioate at the 5′-end followed by
spin-labeling at the sulfur [29]. The strategy was extended
towards site-specific introduction of a phosphorothioate
group at RNA backbone locations or of modified bases such
as 4-thiouridine and subsequent attachment of a suitably
activated nitroxide spin label [30–32]. More recent work
employs aliphatic amino groups at the 2′-position of a
specific sugar residue or attached at the heterocyclic base
[33–35].

We have made use of two different strategies, incor-
porating either 4-thiouridine or 2′-aminouridine into RNA
followed by postsynthetic reaction with the nitroxide spin
label. For reaction with 4-thiouridine containing RNAs,
(1-oxyl-2,2,5,5-tetramethylpyrroline-3-methyl)methanethi-
osulfonate (TPM-MTS) and N-(1-oxyl- 2,2,5,5-tetramethyl-
3-pyrrolidinyl) iodoacetamide (TMP-IAA) was used, for
reaction with 2′-aminouridine containing RNA, (1oxyl-
2,2,5,5-tetramethylpyrrolin-3-carboxylate)-N -hydroxy-
succinimidyl ester (TMC-NHS) or 4-isocyanato-2,6-tetram-
ethylpiperidylN-oxid (TEMPO-NCO) (Figure 13). As men-
tioned already above, the 12 modified RNAs VW1 to VW12
shown in Table 2 were synthesized within a structural study
of a tetracycline responsive RNA aptamer [9]. HPAS11 and
HPAS16 were synthesized and spin labeled for an EPR study
of an artificial flavin mononucleotide responsive riboswitch
[10].

For RNAs labeled via 4-thiouridine, reaction with the
TPM-MTS spin label was favored, because initial EPR mea-
surements showed that the TMP-IAA label has suboptimal

properties, presumably because it is too mobile due to the
rather flexible CH2-CO-NH-CH2-spacer (Figure 13, lower
part). Therefore, the majority of 4-thiouridine containing
RNAs was reacted with TPM-MTS for introduction of
the less mobile nitroxide spin label. The yields shown in
Table 2 were reproduced in up to five labeling reactions
for each individual RNA. Thus, the variation of labeling
efficiency observed for individual RNAs suggests that the
structure of the RNA aptamer significantly influences the
labeling reaction, making spin labeling of individual uridines
dependent on the specific location in the aptamer sequence.

A second point that may account for the observed low
labeling efficiency is the rather unstable disulfide bond
attaching the spin label at the uracil residue. Therefore, as an
alternative, we have also studied conditions for spin labeling
via the RNA sugar-phosphate backbone (Figure 14). To this
end, RNAs containing 2′-aminouridine at a specific position
(HPAS11 to HPAS16) were synthesized and labeled using
either TEMPO-NCO or TMC-NHS. It has been described
in the literature that the steric hindrance of the 2′-NH2-
group hampers reaction with NHS esters [36]. Therefore,
we have extended the reaction time from 15 minutes to
4 hours and used a 500-fold excess of the NHS-reagent
to overcome the problem of low reaction yields. On the
contrary to NHS esters, isocyanates were shown to virtually
quantitatively react with 2′-amino sugars [33]. However,
being less selective, side reactions at the nucleobases were
observed when a high excess of the isocyanate reagent was
used [37]. The authors have optimized reaction conditions
such that a 2′-amino group was selectively modified without
concurrent side reaction. In that, they observed an increase
of the yield of the modified oligonucleotide upon lowering
the temperature, which presumably is the result of repression
of competing isocyanate hydrolysis [37]. In parallel rows of
labeling reactions under varying conditions, we have also
looked at reaction conditions to deliver the spin-labeled RNA
with high yield and high quality. Best results were obtained
with an only 15-fold excess of the isocyanate reagent over
RNA, and a reaction temperature of −8◦C. Under these
conditions, about 80% labeling efficiency were reproducibly
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obtained for both labeling reagents with all RNA samples
(Table 2). In order to avoid side reactions, we have added the
spin label reagent only once in 15-fold excess even though
it was originally described that repeated additions of the
reagent give nearly quantitative results [33]. EPR spectra of
RNAs showed that the spin labels conjugated via the 2′-
amino group are rather immobile (H.-J. Steinhoff, University
Osnabrück, oral information), making labeling via this
position most favorable. It was somewhat surprising that
mobility of TEMPO seemed to be even more limited than
that of the TPC- label, because the 6-membered piperidyl
ring is conformationally more flexible than the 5-membered
pyrroline ring. Obviously, the nature of the spacer unit (urea
versus amide bond) also has a strong influence. Overall, in
the specific context of RNA sequences shown in Table 2,
2′-amino sugar labeling is advantageous over 4-thiouridine
labeling in terms of efficiency and immobility.

4. Conclusion

As demonstrated above, the chemical synthesis of RNA
offers the possibility of site-specific introduction of modified
nucleosides. This is an important advantage over enzymatic
procedures, making RNA synthesis an essential tool for a
large number of studies in different fields. We have succeeded
in the synthesis of a number of monomer building blocks
that upon incorporation in RNA allow for postsynthetic
attachment of spectroscopic reporter groups or other desired
functionalities. The amino-modified monomers presented in
this paper are a valuable addition to the RNA chemist’s tool

box. Due to the different length and flexibility of the linkers
that carry the aliphatic amino groups for postsynthetic
functionalization, molecular entities that become attached to
the RNA have differing degrees of motional freedom. This is
of particular interest for fluorescence spectroscopic studies,
because systematic errors may result from fluorescence dyes
that are sterically hindered, or on the contrary are too
mobile, limiting the accuracy of the measurement. Therefore,
using our amino linker building blocks of the U series
(Figure 2), an extensive analysis of the influence of the linker
lengths and rigidity on the accuracy of FRET measurements
was carried out [14]. The results will pave the way for more
sophisticated studies of RNA structure dynamics. Likewise,
EPR spectroscopic analysis of RNA will profit from the new
building blocks, since spin labels attached to the RNA of
interest, are subjected to the same conditions and restrictions
as the fluorescent dyes in fluorescence spectroscopy.

Lastly, we have synthesized an FMN-RNA conjugate
to be used for functional studies of an FMN responsive
aptazyme. This example shows that there is much room
for RNA engineering and construction of sophisticated
RNA devices. Organic chemistry offers a large number of
possibilities to prepare suitably activated modifiers that can
be postsynthetically attached to amino-modified RNA, or
to RNA carrying other functionalities such as for example
thiol groups, or alkynes and azides as used for labeling
by Click chemistry [38]. Thus, in combination with the
development of synthetic routes to appropriately activated
modifiers, RNAs can be conjugated with a large variety of
tags, making the nucleic acid not only visible in spectroscopic
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experiments, but also adding new functionality as demon-
strated with the RNA-FMN conjugate described herein.

Abbreviations

CE: Cyanoethyl
DCM: Dichloromethane
DIPEA: Diisopropylethylamine
DMA: Dimethylamine
DMAP: Dimethylaminopyridin
DMF: Dimethylformamide
DMT: Dimethoxytrityl
MeCN: Acetonitril
TBDMS: tert-butyldimethylsilyl
TEA: Triethylamine
BMT: 1-(Benzylmercapto)-1H-tetrazole
TEMPO-NCO: 4-isocyanato-2,6-tetramethylpiperidyl-

N-oxyl
TFA: Trifluoroacetic acid
TMC-NHS: (1-oxyl-2,2,5,5-tetramethylpyrrolin-3-

carboxylat)-N-hydroxysuccinimidyl
ester

TMP-IAA: N-(1-oxyl-2,2,5,5-tetramethyl-3-
pyrrolidinyl)
iodoacetamide

TPM-MTS: (1-oxyl-2,2,5,5-tetramethylpyrroline-3-
methyl)methanethiosulfonate.
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Conjugation of siRNA to macromolecules such as serum albumin has multiple potential benefits, including enhanced extravasation
via albumin-mediated transcytosis across endothelial cells and reduced renal clearance. In attempting to conjugate siRNA to
albumin, we used commercially sourced amine-modified siRNA and reacted it with the heterobifunctional linker succinimidyl
4-[N-maleimidomethyl]cyclohexane-1-carboxylate (SMCC) to introduce a maleimide group suitable for conjugation to the thiol
group of the surface-exposed cysteine residue (Cys 34) within albumin. We found the conjugation of the SMCC-treated siRNA to
bovine serum albumin (BSA) to be very inefficient and investigated the cause of the low yield of conjugate. Ultrafiltration with
phosphate-buffered saline prior to activation with SMCC dramatically increased the yield of siRNA-albumin conjugate (∼15-
fold). Communication with the commercial supplier revealed that ammonium acetate buffer was used in a desalting step as part of
the siRNA purification process prior to supply, likely resulting in ammonium counterions to the siRNA polyanion, which would
interfere with conjugation by consuming the SMCC. After ultrafiltration, a greatly reduced amount of SMCC could be used to
affect conjugation, without significant reduction in yield. These data indicate that amine-modified siRNA sourced commercially
may require ultrafiltration or dialysis prior to use in conjugation reactions.

1. Introduction

A series of obstacles impede the successful delivery of
short interfering RNA (siRNA) to the cytosol of target cells
[1, 2]. Strategies involving conjugation of siRNA to a wide
variety of molecules have been employed to overcome these
obstacles. Typically, these approaches employ amine- [3] or
thiol-modified [4, 5] siRNA at 3′ or 5′ ends of one strand
of the siRNA duplex (see [6] for review of conjugation
chemistry). Conjugations of siRNA to polyethylene glycol
[5], quantum dots containing targeting moieties [4], cell
penetrating peptides such as penetratin [7], and a range of
lipophilic molecules, including cholesterol [8], have been
demonstrated without a loss of silencing ability.

Recently, we embarked on a project aiming to deliver
siRNA to the heart using siRNA conjugated to the serum
protein albumin. The strategy employed involved the use

of the common heterobifunctional linker succinimidyl 4-
[N-maleimidomethyl]cyclohexane-1-carboxylate (SMCC).
Using this approach, the coupling of SMCC to siRNA
containing an aminohexyl pendant at the 3′ end of the sense
strand results in an “activated” siRNA bearing a thiol-reactive
maleimide group. The “activated” siRNA is then covalently
linked to serum albumin via reaction with the thiol-
containing side chain of cysteine residue 34, located on the
surface of serum albumin molecules (see Figure 1). Previous
studies have shown that a number of thiol-reactive drugs
rapidly and selectively bind to endogenous albumin within a
few minutes of administration, due to that fact that free thiol
groups are not found on the majority of circulating serum
proteins except for albumin [9]. The chemistry used to con-
jugate the siRNA to albumin is not novel; others have con-
jugated nanoparticles to siRNA using a similar cross-linker,
N-succinimidyl-3-(2-pyridyldithio)propionate (SPDP) [10].
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34 of BSA to produce an siRNA-BSA conjugate.

These workers employed a 40 : 1 SPDP : siRNA ratio to
activate the siRNA and then gel filtration to remove the
unreacted SPDP, prior to conjugation. We found significant
batch-to-batch variability in the efficiency of the siRNA con-
jugation to bovine serum albumin (BSA) using similar con-
ditions and therefore sought to understand the factors lim-
iting the conjugation. Here, we report a successful strategy
to restore conjugation efficiency, by repeated buffer exchange
prior to exposing the amine-modified siRNA to SMCC.

2. Experimental Methods

2.1. Materials. Samples of IGF-IR siRNA used were sourced
from Dharmacon (CO, USA) and were modified with an
amine for conjugation, with 2′-O-methyl modifications
for in vivo use, and with a fluorescein label for imaging
purposes. Each sense strand contained four 2′-O-methyl
modifications, whilst the antisense strand contained two 2′-
O-methyl modified nucleotides. The sense strand contained
a 3′ amine modification (N6) and a fluorescein label (Fl) at
its 5′ end. The sequence used was as follows, where “m” refers
to 2′-O-methyl modification:

sense strand: 5′-Fl(∗)GCmCmCAUmGUGUGAGAm-
AGACC(∗)dT(∗)dT(∗)N6-3′,

antisense strand: 3′-dT(∗)dT(∗)CGGGUACACACm-
UCUUCUmGG-5′.

(∗) denotes phosphorothioate linkages.

The siRNA was dissolved in freshly prepared phosphate-
buffered saline (PBS, pH 7.4) or 250 mM borate buffer (pH 8
or 8.5) to a concentration of 0.2 mM and stored at −20◦C
prior to use. BSA used was bovine serum albumin (BSA,
Grade V Sigma USA). 4-[N-maleimidomethyl]cyclohexane-
1-carboxylate (SMCC) was purchased from Pierce Chemical

CO (CA, USA) and dissolved in DMSO (9.57 mM) just prior
to use.

2.2. Reaction Conditions for Conjugation without Ultrafiltra-
tion Step. siRNA-BSA covalent conjugates were formed by
reacting the 3′-amine-modified, fluorescein-labeled siRNA
with the heterobifunctional linker reagent SMCC to form
an irreversible amide linkage (see Figure 1). Aliquots of
siRNA and SMCC linker were combined to give a ratio of
1 nmol siRNA (0.2 nM) to 40 nmol SMCC (9.58 nM) in a
∼1 : 1 mixture of MilliQ water and DMSO and allowed to
react for 1 h at room temperature. Excess SMCC was then
removed by gel filtration chromatography using a NAP-5
column (Pharmacia, UK), with only the fluorescent flow-
through collected. The quantity of siRNA collected was then
determined by fluorescence using an EnVision Multilabel
Plate Reader (USA) with 488 nm excitation/520 nm emis-
sion. The activated siRNA was then coupled to the surface-
exposed cysteine of BSA by incubating the siRNA with 2
molar equivalents of BSA for time periods of up to 24 h (final
concentrations of siRNA and BSA in the reaction mixture
were 30.3 and 60.6 μM, resp.).

The components present in the reaction mixture were
examined on a 10% SDS-PAGE, together with BSA and
siRNA standards of known molecular weight (66.5 and
14 kDa, resp.). The gels were loaded with 1 μg protein per
well and run for 90 min at a constant voltage of 100 V in
SDS running buffer. siRNA was visualized under UV light or
using Typhoon gel scanner for detection of fluorescein emis-
sion at 520 nm, and BSA was visualised following Coomassie
Brilliant Blue staining. Quantitation of the relative amounts
of conjugate and unreacted siRNA was performed by den-
sitometric analysis of siRNA and BSA bands recorded on gel
scans.
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2.3. Reaction Conditions for Conjugation with Ultrafiltration
Step. Prior to conjugation, the reconstituted IGF-IR siRNA
was subjected to four rounds of ultrafiltration with PBS
buffer using an Amicon Ultra-4 centrifugal 3 kDa filter unit
spun at 4000 rpm for 50 min at 4◦C after each addition of
fresh buffer. The concentrated siRNA was removed from the
filter unit and quantified on an EnVision Multilabel Plate
Reader (USA). Conjugation was then performed as described
above.

3. Results and Discussion

As documentation supplied with the commercially supplied
amine-modified siRNA did not contain any information to
suggest the contrary, it was presumed that the siRNA would
be suitable for conjugation to amine-reactive compounds
after simply reconstituting in an appropriate buffer. How-
ever, initial attempts to couple the siRNA to BSA via the
use of SMCC, a heterobifunctional cross-linker routinely
employed to link amine- to thiol-bearing molecules, met
with very limited success. Following the literature precedent,
siRNA was reacted (activated) with a 40-fold molar excess of
SMCC prior to exposure to BSA, as described in Section 2,
and at the completion of the reaction samples were analysed
via PAGE. Figure 2(a) shows a representative PAGE gel, used
to evaluate conjugation efficiency; scanning under 488 nm
excitation reveals siRNA standard at 14 kDa in lane 3, with
lanes 4 and 5 showing a significant band corresponding to
unreacted siRNA band and a faint band at the size expected
for the siRNA-BSA conjugate, approximately 80 KDa. Den-
sitometric analysis indicated that only 4-5% of siRNA was
conjugated to BSA and that there was no difference in yield
between a one-hour and three-hour activation time. Whilst
there was some batch-to-batch variability, the majority
of conjugation reactions performed using several separate
batches of amine-modified siRNA gave similarly poor results,
with less than 20% of siRNA in conjugate form. Figure 2(b)
shows the same PAGE gel that is shown in Figure 2(a),
in this case after Coomassie (protein) staining to reveal
BSA. As expected, the BSA standard ran at 66 kDa. There
was no clear band apparent at 80 kDa, likely indicating
that the small amount of siRNA-BSA conjugate evident in
Figure 2(a) was below the limit of detection using Coomassie
staining.

In troubleshooting the inefficient conjugation reaction,
a range of experimental parameters were varied in an
attempt to drive the reaction to completion. The reaction was
performed overnight, at pH values between 7 and 8.5, and
using a range of siRNA, SMCC, and BSA concentrations and
molar ratios. None of these strategies were successful (data
not shown). Finally, we hypothesized that there may have
been low-molecular-weight species in the siRNA as supplied
that interfered with the conjugation reaction and, therefore,
that extensive ultrafiltration or dialysis prior to activation
with SMCC to remove these species might improve the
outcome of the conjugation reaction. Communication with
the manufacturer revealed that the siRNA was desalted using
ammonium acetate; an unwise choice for amine-modified

SMCC activation time

Ladder BSA std siRNA std 1 hr 3 hr

Conjugate

Un-reacted
siRNA

0.04 0.05

0.96 0.95

(a)

70 kDa

(b)

Figure 2: Inefficient conjugation using amine-modified siRNA
without prior ultrafiltration to remove ammonium counterions.
SDS-polyacrylamide gel showing outcome of siRNA-BSA conjuga-
tion reaction using 1- and 3-hour SMCC activation times. Amine-
modified siRNA was activated with SMCC in a molar ratio of
40 : 1 for 1 or 3 h, followed by conjugation with BSA over 24 h. (a)
Faint bands at the predicted conjugate size were observed under
excitation with 488 nm light, with the majority of siRNA unreacted.
(b) Only a single unconjugated albumin band was revealed by
Coomassie Brilliant Blue staining in each case. siRNA std : siRNA
standard; BSA std : BSA standard.

siRNA whose likely purpose is conjugation via the amine
functional group, since ammonium ions would become
counterions to the polyanionic siRNA. In solution, there
is an equilibrium between ammonium ions and ammonia.
Ammonia can act as a nucleophile, similar to the primary
amine in the modified siRNA, and hence is also able
to react with the succinimidyl ester group in the SMCC
linker.

Figure 3(a) (i) shows the reaction products before (lane
4) and after (lane 5) four rounds of ultrafiltration with
PBS. Ultrafiltration prior to SMCC activation resulted in a
15-fold increase in the proportion of siRNA converted to
the conjugate form, as evidenced by the band at 80 kDa.
After Coomassie staining of this gel, a clear band at 80 kDa
was evident in addition to the native BSA band, indicating
the BSA component of the conjugate (Figure 3(a) (ii)).
Densitometric analysis of the unreacted and conjugate BSA
bands indicated that approximately one third of the BSA
was involved in the reaction. This is not unexpected given
that approximately 70% of albumin is in the thiol reactive
(mercaptalbumin) form [11] and that a 2 : 1 albumin : siRNA
ratio was employed. Thus, it appears that removal of the
ammonium counterions from the amine-modified siRNA
prevents the majority of the SMCC from being consumed
by a competitive side reaction, and thus it allows the
reaction of siRNA with SMCC to proceed more effec-
tively.

Having demonstrated that the reaction efficiency was
dramatically improved by ultrafiltration using PBS, we antic-
ipated that the ratio of SMCC linker to siRNA used (40 : 1)



4 Journal of Nucleic Acids

Ladder siRNA std BSA std
Pre buffer
exchange

Post buffer
exchange

70 kDa

0.03 0.46

0.97 0.55

0.37
0.63

(i)

(ii)

(a)

Ladder siRNA BSA PBS Borate
0.55 0.46

0.45 0.54

(b)

Figure 3: Ultrafiltration dramatically increases siRNA-albumin
conjugate yield. (a) SDS-polyacrylamide gel showing outcome of
siRNA-BSA conjugation reaction without prior ultrafiltration (lane
4) and subsequent to ultrafiltration of siRNA (lane 5). A 15-fold
increase in conjugate band intensity was observed using ultrafiltered
siRNA, compared to amine-modified siRNA simply reconstituted
in buffer, when scanned at 488 nm. A visible band at the predicted
conjugate size was also apparent after staining with Coomassie
Brilliant Blue. (b) siRNA conjugation was efficient after buffer
exchange with either PBS (pH 7.4) or borate buffer (pH 8). siRNA
std : siRNA standard; BSA std : BSA standard.

was unnecessarily high. Figure 4 shows evaluation of the
effect of reducing the SMCC : siRNA ratio on the outcome
of the conjugation reaction. There was no reduction in
the proportion of siRNA in conjugate form upon reducing
the SMCC : siRNA ratio from 40 : 1 to 10 : 1, and only
a modest decrease occurred when the ratio was further
reduced to 2 : 1 (48% of siRNA in conjugate form versus
61% for 40 : 1 ratio, Figure 4(a)). Thus, it was possible to
reduce the SMCC concentration during the reaction, with
the advantage of reducing the amount of excess linker
remaining after the reaction, as well as lowering the cost of
synthesis.

4. Conclusions

These data clearly demonstrate that siRNA supplied com-
mercially with terminal amine groups can require ultrafiltra-
tion or dialysis prior to exposure to linker reagents in order
to remove ammonium ions remaining after the desalting
step used in the purification process. Researchers planning
to perform conjugation experiments should consult with the
supplier as to the purification conditions, and if it is known
or suspected that ammonium-containing salts were used, an
ultrafiltration step, as described herein, should be performed
prior to use of the siRNA.

SMCC : siRNA

Ladder BSAsiRNA 40 : 1 10 : 1 2 : 1

Un-reacted
siRNA

0.61 0.58 0.48

0.39 0.42 0.52

(a)

70 kDa

(b)

Figure 4: SMCC : siRNA ratio can be reduced without loss of
yield after ultrafiltration of amine-modified siRNA. Conjugation
of amine-modified siRNA with BSA using 40 : 1, 10 : 1, and 2 : 1
SMCC-to-siRNA molar ratios. Conjugates formation was observed
for each of the SMCC : siRNA ratios; reducing the ratio from
40 : 1 to 2 : 1 had relatively little effect on conjugate yield. siRNA
std : siRNA standard; BSA std : BSA standard.
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In animal mitochondria, six codons have been known as nonuniversal genetic codes, which vary in the course of animal evolution.
They are UGA (termination codon in the universal genetic code changes to Trp codon in all animal mitochondria), AUA (Ile to Met
in most metazoan mitochondria), AAA (Lys to Asn in echinoderm and some platyhelminth mitochondria), AGA/AGG (Arg to Ser
in most invertebrate, Arg to Gly in tunicate, and Arg to termination in vertebrate mitochondria), and UAA (termination to Tyr in
a planaria and a nematode mitochondria, but conclusive evidence is lacking in this case). We have elucidated that the anticodons
of tRNAs deciphering these nonuniversal codons (tRNATrp for UGA, tRNAMet for AUA, tRNAAsn for AAA, and tRNASer and
tRNAGly for AGA/AGG) are all modified; tRNATrp has 5-carboxymethylaminomethyluridine or 5-taurinomethyluridine, tRNAMet

has 5-formylcytidine or 5-taurinomethyluridine, tRNASer has 7-methylguanosine and tRNAGly has 5-taurinomethyluridine in
their anticodon wobble position, and tRNAAsn has pseudouridine in the anticodon second position. This review aims to clarify
the structural relationship between these nonuniversal codons and the corresponding tRNA anticodons including modified
nucleosides and to speculate on the possible mechanisms for explaining the evolutional changes of these nonuniversal codons
in the course of animal evolution.

1. Introduction

Up to now six codons have been known which are deciphered
by the corresponding tRNAs as amino acids different from
those assigned by the universal genetic code in animal mito-
chondria (Figure 1) [1]. UGA termination codon in the
universal genetic code is deciphered to Trp in all animal
mitochondria, AUA Ile to Met in most metazoan except
echinoderm, planarian, cnidarian, placozoan and poriferan
mitochondria, AAA Lys to Asn in echinoderm and some
platyhelminth mitochondria, and AGA/AGG Arg to Ser in
most invertebrate mitochondria, Gly in tunicate (urochor-
data) mitochondria, and termination codon in vertebrate
mitochondria. UAA termination codon was assumed to be
a Tyr codon in a planaria [2] and a nematode mitochon-
dria [3], but there is neither structural information on
mt tRNATyr that decodes the UAA codon, nor information

about the mitochondrial (mt) release factor relevant to this
phenomenon. Thus, this issue is no more discussed here.

The codon-amino acid correspondence was first deduced
by comparison of mt DNA sequence containing the codon
with amino acid sequence of the corresponding protein
[4]. Since mt proteins exist in a small number (in most
cases, 13) and which are encoded by a small sized mt DNA
(16,500 bp in the case of human mitochondria) [5], the
correspondence can be unambiguously accomplished. In the
next step, in order to analyze the molecular mechanism of
the codon change, the corresponding tRNA sequence was
analyzed especially focused on the anticodon sequence [6].
It is an advantageous point for analysis of mt tRNAs that in
metazoan mitochondria, tRNA genes are restricted to 22∼24
species on the mt genomes, and that tRNAs are not imported
from the cytoplasm in almost all metazoan mitochondria
[7] except for a few cases such as in Cnidaria. As the results,
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several modified nucleosides such as 5-carboxymethylam-
inomethyl(2-thio)uridine(cmnm5(s2)U), 5-taurinometh-
yl(2-thio)uridine (τm5(s2)U), 5-formylcytidine(f5C), 7-
methylguanosine(m7G) in the anticodon first position, and
pseudouridine (Ψ) in the anticodon second position were
found to be involved in the genetic code variations (Figure 2),
in which τm5(s2)U [8] and f5C [9] are novel modified
nucleosides found by our group. Thus, an expanded wobble
rule was established in which cmnm5(s2)U, τm5U, and f5C
at the anticodon first position pair with A or G in the codon
third position, and m7G pairs with all nucleotides in the
codon third position [10, 11] (Figure 3). It was speculated
that unmodified G in the anticodon first position should pair
with C, U, and A in the codon third position in the case of
fruit fly, Drosophila melanogaster tRNASer

GCU for decoding
AGU/AGC/AGA codons [11], and Ψ in the anticodon
second position strengthens the pairing interaction with
A in the codon second position in the case of echinoderm
tRNAAsn

GΨU for decoding AAA codon [12]. In the third step,
the wobble pairings as inferred from the above-expanded
wobble rule were confirmed by an in vitro translation
system of animal mitochondria, in which in vitro translation
was performed by E. coli or bovine mt translation system
using synthetic polyribonucleotide made of a series of
nonuniversal codon as a messenger, and incorporation of a
certain amino acid corresponding to the nonuniversal codon
was identified [13, 14]. In the forth step, the wobble pairings
were confirmed by an in vitro experiment, in which natural
mRNA including a specific codon which was replaced with
a certain nonuniversal codon was translated in vitro, and
the mRNA activity was detected by enzymatic activity if
the mRNA encodes a certain enzyme such as dihydrofolate
reductase (DHFR) (Hanada, T., Suzuki, T. and Watanabe,
K., unpublished results).

In this review, we summarize mostly the results obtained
in the second step, together with a few cases in the
third step, and inquire into the nature of codon-anticodon
interaction in the mt translation process and the relationship
between nonuniversal genetic code and modified nucleoside
in the tRNA anticodon deciphering the codon, during the
course of animal evolution. These studies may lead to the
understanding as to how the genetic code evolves and how mt
tRNAs keep up with the genetic code variations by providing
modification at the anticodon of tRNAs.

It is also important to consider the involvement of
aminoacyl-tRNA synthetase (aaRS) in the recognition of
tRNA, especially in the case when aaRS recognizes the
anticodon region of tRNA as the identity determinant. Since
a few cases have been known about the animal mt aaRSs,
some discussions will be added in the applicable sections,
about the recognition mechanisms of aaRSs toward the
corresponding tRNAs involved in the genetic code variations.

2. Genetic Code Variations and the Anticodon
Structure of the Corresponding tRNA

2.1. cmnm5(s2)U for Decoding UGA/UGG Codons. In mito-
chondria of all animal phyla, UGA is read as Trp instead

of termination codon in the universal genetic code [4, 6].
In the protostome (nematode and probably platyhelminth)
mitochondria, the anticodon first position (wobble posi-
tion) is modified to 5-carboxymethylaminomethyluridine
(cmnm5U) or 5-carboxymethylaminomethyl-2-thiouridine
(cmnm5s2U) [15, 16]. Therefore, the modification of U to
cmnm5(s2)U in the anticodon first position in tRNATrp

UCA

may restrict the base pairing only with purine nucleosides
(A/G, symbolized by R) at the codon third position (Figures
3(a) and 3(b)), which would overcome the competition
with mitochondrial release factor. Thus, UGA codon is read
as Trp. It is known that unmodified uridine (U) at the
wobble position recognizes all four nucleosides (A/G/U/C,
symbolized by N) at the codon third position [17]; thus, in
mitochondria all four codon boxes are mostly read by the
respective single tRNAs with unmodified U at the anticodon
wobble position (see Figure 1).

cmnm5U was first found in yeast mitochondria [18].
This modified uridine is similar in the chemical struc-
ture with cmnm5Um (5-carboxymethylaminomethyl-O-2′-
methyluridine) in Escherichia coli tRNALeu

4 [19] and mnm5U
in E. coli tRNAArg and is considered to fix its conformation by
interresidual hydrogen bonding. The mnm5U possesses the
same side chain at position 5 of uracil base as mnm5s2U in
tRNAGlu, which enables to take “rigid” conformation for the
construction of the C3′-endo form.

In the in vitro translation system using MS2 RNA as
a messenger, tRNALeu

4 having cmnm5Um and tRNALeu
5

having 2′-O-methylcytidine (Cm) at the anticodon first
position, both recognized UUA and UUG codons, but not
UUU and UUC codons at all [20]. It was clarified by
NMR analysis that the orthodox C3′-endo-G− form of both
cmnm5Um and Cm are very stable. It is considered that
the posttranscriptional modification to form cmnm5Um and
Cm fixes their conformations very rigid, which regulates not
to recognize the UUU/UUC codons [21].

In summary, in the tRNAs recognizing A- or G-ending
codons by dividing 2:2 in the codon box, U and C (in the
case of f5C, see Section 2.3) at the anticodon first position
are modified by introducing side chains to position 5 of
the nucleobase, 2-thiolation at position 2 of the nucleobase,
or methylation at position 2 of the ribose moiety. By
combining these modifications, the conformation of the
nucleoside becomes more rigid and which guarantees the
precise recognition toward NNA/NNG codons (Figures 3(a)
and 3(b)) [22].

2.2. τm5U for Decoding UGA/UGG and AGA/AGG Codons.
In the tunicate (ascidian) and vertebrate mitochondria, the
anticodon first letter of tRNATrp is modified to 5-tauri-
nomethyuridine (τm5U) ([8, 23]). The same position of
ascidian Halocynthia roretzi mt tRNAGly is also occupied
by τm5U [23]. That τm5U recognizes only A- and G-
ending codons (Figures 3(a) and 3(b)) were verified in two
ways. Yasukawa et al. examined the translation activity of
human tRNALeu

UAA possessing τm5U (at that time it was
an unknown modified uridine (U∗) [24], and later it was
elucidated to be τm5U [8]) in a bovine mitochondrial in vitro
translation system using synthetic mRNAs possessing 30
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triplet repeats for the Leu codons UUA and UUG, as well
as UUC as a negative control [24, 25]. They showed clearly
that wild-type tRNALeu

UAA translated both poly(UUA)30 and
poly(UUG)30 to poly(Leu) efficiently, but scarcely translated
poly(UUU)30 or poly(UUC)30.

Kurata et al. measured the decoding activity of E. coli
tRNALeu

UAA possessing τm5U, cmnm5U, or unmodified
U (negative control) in the anticodon wobble position
which was constructed by using molecular surgery technique
[26] in E. coli S30 in vitro cell-free system with synthetic
oligoribonucleotides including UUN codon as messengers
[27]. They clearly demonstrated that tRNALeu

UAA possessing
either τm5U or cmnm5U in the anticodon wobble position
could translate UUA/UUG-containing messengers efficiently
but could translate neither UUU- nor UUC-containing
messenger. The tRNALeu

UAA with unmodified U34 efficiently
translated the UUA codon, but decoding of the UUG codon
was approximately one third the activity of decoding UUA.
However, this tRNALeu

UAA could not translate either UUU
or UUC in consistent with the results obtained for mito-
chondrial translation [28]. Thus, either τm5U- or cmnm5U-
modification was proved to be essential for restricting the
base-pairing to the purine-ending codons (Figures 3(a) and
3(b)).

The conformation of τm5U has not been analyzed,
but it can be speculated that it is very similar to that of
cmnm5U, because only their side chains at position 5 of the
uridine base are different; glycine and taurine are linked to
5-methyluridine in cmnm5U and τm5U, respectively (Fig-
ure 2). As described above, the modified uridine possessing
the side chain at position 5 of uridine base which is linked
through a methylene group takes very rigid conformation,
which enables base pair with G as well as A in the codon third
position.

Mitochondrial glycyl-tRNA synthetase (GlyRS) has
scarcely been studied at the molecular level. It is suggested
that a tunicate (Ciona intestinalis) genome encodes single
GlyRS gene responsible for synthesis of both cytoplasmic and
mt GlyRSs (Yokobori et al., unpublished results). Kondow et
al. elucidated that a tunicate (H. roretzi) mt tRNAGly

τm5UCU

is glycylated in vivo [29]. These results strongly suggest that
tunicate mt GlyRS is possible to recognize tRNAGly

τm5UCU

possessing τm5U34.

2.3. f5C for Decoding AUA Codon. 5-formylcytidine (f5C)
occurs at the anticodon wobble position of tRNAMet of most
invertebrate (fruit fly, Drosophila melanogaster [12], squid,
Loligo bleekeri [30], and nematode, Ascaris suum [31]), and
vertebrate (bovine, Bos taurus [9]) mitochondria, where AUA
codon is read as Met instead of Ile [1, 5]. However, in
echinoderm [32], some platyhelminth (such as planaria),
cnidarian, placozoan, and poriferan mitochondria, AUA
codon is read as Ile, like universal genetic code. In the former
case, it is considered that f5C34 of tRNAMet could restrict the
base pair with A and G in the codon third letter (Figures 3(c)
and 3(d)), but in the latter case, the wobble nucleoside of
tRNAIle is G34, so that this tRNA would translate AUA codon
as not Met, but Ile.

By constructing an in vitro translation system from
bovine liver mitochondria, Takemoto et al. examined the
decoding properties of the native mt tRNAMet carrying f5C in
the anticodon compared to a transcript that lacks the mod-
ification [14]. The native mt Met-tRNAMet could recognize
both AUG and AUA codons as Met, but the corresponding
synthetic tRNAMet lacking f5C (anticodon CAU) recognized
only the AUG codon in both the codon-dependent ribosomal
binding and in vitro translation assays. Furthermore, the
E. coli elongator tRNAMet

m with the anticodon ac4CAU
(ac4C=4-acetylcytidine) and the bovine cytoplasmic initiator
tRNAMet (anticodon CAU) translated only the AUG codon
for Met on mt ribosome. The codon recognition patterns
of these tRNAs were the same on E. coli ribosomes. These
results demonstrate that the f5C modification in mt tRNAMet

plays a crucial role in decoding the nonuniversal AUA codon
as Met, and that the genetic code variation is compensated
by a change in the tRNA anticodon, not by a change in the
ribosome.

Conformation analysis of f5C by 500-MHz NMR showed
that the nucleoside takes a very rigid C3’-endo-anti form
[33]. This feature may be advantageous for the decoding
properties of tRNAMet, because a very rigid pyrimidine in
the first position of the anticodon cannot form base pairs
with U and C in the codon third position [34, 35], so that
the tRNAMet cannot decode the AUU and AUC Ile codons. In
addition, it is to be anticipated that the stability conferred by
a rigid ribose moiety in the first anticodon nucleotide will to
some extent be propagated to the second and third anticodon
residues. This would result in greater overall stability of
the stacked anticodon bases, and thus of codon-anticodon
pairings.

It is apparent that f5C can interact in the expected man-
ner with G of the AUG Met codon (Figure 3(d)), reflecting
the finding that the conformation of f5C is similar to that
of cytidine [33]. In order to read the AUA Met codon, the
intriguing possibility exists that f5C pairs with A in the AUA
Met codon by protonation (Figure 3(c)). The protonation
of A at N-1 in an A-C pair at pH values above the pK of
the monomer has been demonstrated in oligoribonucleotide
duplexes [36]. In addition, A was found to adopt a pK of 6.5
in the active site of a Pb-dependent ribozyme [37].

Human mt MetRS has been studied by Spremulli’s
group [38]. They found that the enzyme recognizes the
anticodon region of tRNAMet as an identity determinant and
aminoacylates both human mt tRNAMet

CAU transcript and
bovine tRNAMet

f5CAU with similar KM (0.15∼0.16 μM) and
kcat (0.02 s−1) values. As the nucleotide sequences of human
and bovine mt tRNAsMet

CAU are almost identical to each
other with 5 nucleotide differences at positions 16, 27, 50, 56,
and 60, and it has turned out that human mt tRNAsMet

CAU

also possesses f5C at the anticodon wobble position [39]
these kinetic data clearly demonstrate that human mt MetRS
recognizes the substrate tRNAMet

CAU irrespective of the
presence or absence of f5C34.

2.4. m7G and Unmodified G Which Decodes AGA or AGG
Codon in Most Invertebrates. AGA and AGG codons are read
as Ser in most metazoan mitochondria [32]. Matsuyama et al.
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found that 7-methylguanosine (m7G) is present at the wob-
ble position of tRNASer

GCU in most invertebrate mitochon-
dria [10]. Therefore, the anticodon m7GCU of tRNASer

GCU

is most likely responsible for reading all four AGN codons
as Ser (Figures 3(e)–3(h)) [10]. On the other hand, the AGG
codon is absent from some metazoan mitochondria, such as
fruit fly Drosophila melanogaster mitochondria (Table 1), and
the anticodon wobble position of tRNASer

GCU is unmodified
G [12]. In this case, the unmodified GCU anticodon of
tRNASer

GCU seems to read the three codons AGU, AGC,
and AGA as Ser. Therefore, it is summarized that G34 of
Drosophila tRNASer

GCU base pairs with only U, C, and A in
the third letter of Ser codon, and in most invertebrate mt
tRNAsSer

GCU, it is prerequisite for G34 to be modified to m7G
for recognizing G in the third letter of Ser codon.

The purine-purine base pairing is well discussed by
Murphy and Ramakrishnan for I-A pair [43]. They reported
the crystal structure of I-C and I-A base pairs in the context
of the ribosomal decoding center, clearly showing that the
I-A base pair is of an Ianti -Aanti conformation, as predicted
by Crick [44] although the distance between C1-C1 of I and
A residues is broader than the usual one. Owing to this
observation, G-A and also m7G-A base pairs in question
would be possible to take a similar structure as that of I-A
base pair (Figure 3(g)). Since m7G can form a structure in
which a proton is cleaved from HN1 and O6 becomes O−

(but G cannot form the structure), m7G-G base pair can be
formed in which m7G moves to the minor groove side in
the context of the ribosomal decoding center (Figure 3(h))
[45]. Such base pair stacks well on the neighboring second
base pair of codon-anticodon pairing, so that the whole
interaction would be stabilized [46]. This speculation must
be confirmed experimentally, the simplest way of which
would be to use an in vitro translation system.

The recognition mechanism of bovine mt SerRS toward
tRNASer has been elucidated well by biochemical [47, 48]
as well as X-ray crystallographic studies [49]. Both results
clearly demonstrated that the anticodon region of tRNASer

is not involved in the identity determinant for bovine mt
SerRS. Thus, it can be concluded that the presence or absence
of τm5U in the anticodon wobble position has no influence
on the recognition of SerRS toward tRNASer.

2.5. Ψ in the Anticodon Second Position of tRNAAsn
GUU

Responsible for Decoding AAA Codon. In echinoderm [32]
and some platyhelminth mitochondria [50], not only the
usual Asn codons AAU and AAC, but also the usual Lys
codon AAA, are read as Asn by a single mt tRNAAsn with
the anticodon GUU. Tomita et al. elucidated that starfish
mt tRNAAsn possesses the anticodon GΨU, whose second
position is modified to pseudouridine (Ψ) [42]. In contrast,
mt tRNALys, corresponding to another Lys codon, AAG, has
the anticodon CUU. Mt tRNAs possessing anticodons closely
related to that of tRNAAsn, but responsible for decoding
only two codons each (tRNAHis, tRNAAsp, and tRNATyr) (see
Figure 1), were found to possess unmodified U35 in all cases,
suggesting the importance of Ψ35 in tRNAAsn for decoding
the AAU, AAC, and AAA codons. Experiments with an

E. coli in vitro translation system confirmed that tRNAAsn
GΨU

has about two-fold higher translational efficiency than
tRNAAsn

GUU [42], in which tRNAAsn
GΨU was constructed

by chemical synthesis and ligation, and tRNAAsn
GUU was

obtained by in vitro run-off transcription. It is exceptional
that modification at the anticodon second nucleoside is
involved in the codon-anticodon interaction efficiency.

There is a report that Ψ within the base-paired region at
position 35 in a model for the codon-anticodon interaction
in tRNATyr increases the Tm by several degrees [51]. This
is also supporting evidence for the above-mentioned phe-
nomenon.

3. Relationship between Modified Nucleosides
and Genetic Code Variations in the Course of
Animal Evolution

In considering the evolution of the genetic code, there are
so far two main hypotheses, the “codon-capture” hypothesis
based on directional mutation pressure proposed by Osawa
and Jukes [52], and the “ambiguous intermediate” hypoth-
esis proposed by Schultz and Yarus [53]. Codon capture
hypothesis proposes temporary disappearance of a sense
codon (or stop codon) from coding frames by conversion
to another synonymous codon, followed by loss of the
corresponding tRNA that translates the codon. (For a stop
codon, the release factor (RF) must change simultaneously
so as not to recognize the stop codon.) This change may be
caused by directional mutation pressure acting on genome
(AT or GC pressure), changes of RF, or genome econo-
mization, which will produce an “unassigned codon.” The
codon reappears later by the conversion of another codon
caused by directional mutation pressure and emergence of a
tRNA (or RF) that translates (or recognizes) the reappeared
codon with a different assignment, Thus, the codon is
reassigned or captured. In the “ambiguous intermediate”
hypothesis, it is presumed that reassignment of codons is
facilitated by a translationally ambiguous intermediate where
the transitional codon is read simultaneously as two different
amino acids by two tRNAs, one cognate and the other
near cognate. There has been little experimental evidence
in support of the presence of these tRNAs that decode a
single codon as two different amino acids simultaneously.
Simulation study on codon reassignment [54]suggested that
the pathway of codon reassignment in favor of either “codon
capture” or “ambiguous codon” depends on the initial
conditions such as genome size and number of codons in
interest.

We adopt here the former hypothesis essentially to
explain the genetic code variations of animal mitochondria,
because the characteristics of the animal mitochondrial
genome such as AT richness and genome economization
would be suitable for the adoption of the codon-capture
hypothesis. The hypothesis would nicely fit in explaining the
UGA codon change in animal mitochondria. There has been
so far no report of a release factor recognizing UGA codon
[55, 56]. Such a release factor corresponding to eubacterial
RF2 was probably lost in the animal mt system, so that
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Table 1: Relationship between the genetic code variations and modified nucleosides in the anticodon of the corresponding tRNAs in the
animal phlyla.

(a) UGA codon.

Animal phyla UGA specificity Anticodon

Vertebrata Trp τm5UCA(a)

Tunicata (Urochordata) Trp τm5UCA(b)

Cephalochordata Trp (TCA)

Echinodermata Trp (TCA)

Arthropoda Trp U∗CA(c)

Most invertebrate phyla Trp cmnm5(s2)UCA(d)

Platyhelminthes Trp (TCA)

Cnidaria, Placozoa, Porifera Trp (TCA)

(b) AUA codon.

Animal phyla AUA specificity Anticodon

Vertebrata Met f5CAU(e)

Tunicata (Urochordata) Met τm5UAU(f)

Cephalochordata Met (CAT)

Echinodermata Ile (GAT)

Arthropoda Met f5CAU(g)

Most invertebrate phyla Met f5CAU(h,i)

Platyhelminthes

Most (Echinostomida, Trematoda) Met (CAT)

Rhabditiophora, Planaria Ile (GAT)

Cnidaria Ile —(j)

Placozoa Ile (GAT)

Porifera Ile (CAT)(k)

(c) AAA codon.

Animal phyla AAA specificity Anticodon

Vertebrata Lys (CTT)

Tunicata (Urochordata) Lys (TTT)

Cephalochordata Lys (TTT)

Echinodermata Asn GΨU(l)

Arthropoda Lys CUU(m)/(TTT)

Most invertebrate phyla Lys (CTT/TTT)

Platyhelminthes Asn (GTT)

Cnidaria Lys —(j)

Placozoa Lys (TTT)

Porifera Lys (TTT)

(d) AGA/AGG codons.

Animal phyla AGA/AGG specificity Anticodon

Vertebrata Term. None

Tunicata (Urochordata) Gly τm5UCU(n)

Cephalochordata Ser (GCT)

Echinodermata Ser m7GCU(o)

Arthropoda

Most Arthropods Ser (GCT/TCT)

Drosophila melanogaster Ser(p) GCU(q)

Most invertebrate phyla Ser m7GCU(r)

Platyhelminthes Ser (GCT/TCT)
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(d) Continued.

Animal phyla AGA/AGG specificity Anticodon

Cnidaria Arg —(j)

Placozoa Arg (TCT)

Porifera Arg (TCT)

In case that only the tRNA gene sequences are known, the anticodon sequences at DNA level are shown in parentheses. (a)Homo sapiens (Suzuki et al. [39])
(b)Halocynthia roretzi (Suzuki et al. [23]) (c)Drosophila melanogaster (Tomita et al. [12]). U∗ is an unkown modified uridine. (d)Ascaris suum (Sakurai et
al. [15]) (e)Bos taurus (Moriya et al. [9]) (f)Halocynthia roretzi (Suzuki et al. [23]) (g)Drosophila melanogaster (Tomita et al. [12]) (h)Loligo bleekeri (Tomita
et al. [30]) (i)Ascaris suum (Watanabe al. [31]) (j)Corresponding tRNA gene is not encoded in the mitochondrial genome. The tRNA decoding this codon is
presumed to be imported from cytoplasm [40]. (k)Poriferan mt genomes encode three tRNA genes with anticodon CAT at DNA level. One of these tRNA
is thought to be tRNAIle

LAU gene (L is the modified C (lysidine) found at the anticodon first position of most bacterial tRNAIle decoding AUA codon)
[41]. (l)Asterias amurensis (Tomita et al. [42]) (m)Drosohila melanogaster (Tomita et al. [12]) (n)Halocynthia roretzi (Kondow et al. [29], Suzuki et al. [23])
(o)Asterias amurensis (Matsuyama et al. [10]) (p)No AGG codon appears in the D. melanogaster mitochondrial genome. (q)Drosophila melanogaster (Tomita
et al. [12]) (r)Loligo bleekeri (Tomita et al. [11]).

the UGA codon became unassigned. When the anticodon
wobble position of tRNATrp changed from C to modified
U (U∗: cmnm5(s2)U or τm5U), and a part of the Trp
UGG codon in reading frames was changed to UGA by
AT pressure, the UGA codon was captured by tRNATrp

U∗CA

and read as Trp (Figure 4(a)). Why lower animals use
cmnm5(s2)U for U∗, whereas higher animals use τm5U
instead of cmnm5(s2)U (Table 1(a)), and from which stage of
animals conversion of cmnm5(s2)U to τm5U occurs remain
to be clarified.

To explain the evolutionary change of other nonuniversal
codons in metazoan mitochondria, in addition to AT
pressure, the genome economization effect (especially, that
tRNA genes are restricted to 22∼24 species, and that tRNAs
are not imported from the cytoplasm in almost all metazoan
mitochondria [7] except for a few cases in Cnidaria and so
on) should be taken into consideration. At the same time, we
should include the idea of competition between two different
tRNAs toward a certain codon, to explain the role of modified
nucleoside in the anticodon region of tRNA. Namely, any
codon can be read by the corresponding tRNA, but if a
competitor tRNA or a release factor arises that has stronger
affinity toward the codon than does the original tRNA, the
codon will then be read by the competitor.

The AUA codon is read as Ile in cnidarian, placozoan,
poriferan, some platyhelminths, and echinoderm mitochon-
dria, but it is read as Met in most metazoan mitochondria
(Table 1(b)). f5C in most metazoan mitochondria [8, 9,
12, 31] and τm5U in tunicate mitochondria [23] found
at the wobble position of tRNAMet may be important for
understanding the codon reassignment from AUA-Ile to
AUA-Met. Since the interaction between tRNAIle

GAU and
AUA on the ribosome might be more unstable than that
between the tRNAIle

GAU and AUY codons, when tRNAMet

acquired the capacity to decode AUA by 5′-formylation
of C or 5′-taurinometylaton of U at the wobble position,
tRNAMet

f5CAU or tRNAMet
τm5UAU may have prevailed over

tRNAIle
GAU in the interaction with the AUA codon. Thus,

the reassignment of Ile to Met could have easily occurred
(Figure 4(b)). In echinoderm mitochondria, f5C or τm5U
modification was lost in tRNAMet, so that AUA is read as
Ile by tNAIle

GAU because the competitor tRNA was lost. Why
most metazoan tRNAsMet possess f5C modification, but only

tunicates tRNAMet possess τm5U modification is also to be
solved.

The AAA codon is read as Lys in most metazoan mito-
chondria, but only in some platyhelminth and echinoderm
mitochondria is read as Asn (Table 1(c)). In this case,
pseudouridylation at the second position of the anticodon
of tRNAAsn [42] was critical for the codon reassignment
(Figure 4(c)). The interaction between tRNAAsn

GΨU and
AAA may have prevailed over that between tRNALys

UUU

or tRNALys
CUU (in various metazoan mitochondria such as

those of echinoderms and fruit fly Drosophila melanogaster)
and AAA. It is interesting observation that echinoderm and
a part of platyhelminth mitochondria use AUA as a universal
Ile codon and AAA as a nonuniversal Asn codon, while all
the other animal mitochondria use AUA as a nonuniversal
Met codon, and AAA as a universal Lys codon. This should
be clarified in the relationship between genetic code change
and animal evolution.

AGR codons are used as Ser codons in most invertebrate
mitochondria, Gly codons in tunicate mitochondria and
termination codons in vertebrate mitochondria (Table 1(d)).
The scenario for this codon change would be as follows (Fig-
ure 4(d)). In the evolutionary process from Cnidaria, Pla-
cozoa, and Porifera to higher invertebrates, tRNAArg

U∗CU to
decode AGR codons as Arg disappeared from the mt genome,
because of the reduction in genome size (in Cnidaria, most
of tRNA genes are absent from the mt genome and most
tRNAs are thought to be imported from the cytoplasm [40],
but, in most higher animal mitochondria, import of tRNA
has not been reported [7]). This has created a situation in
which AGR codons cannot be translated. Since the AGR-
Arg sites in the mitochondrial genomes of Protista such
as Trypanosoma are mostly replaced with CGN-Arg codons
and partially by a few other codons throughout metazoan
mitochondria [57], AGR codons were converted mainly
to CGN upon the deletion of tRNAArg

U∗CU, so that AGR
codons became unassigned (first step). Once the anticodon
wobble position (G34) of tRNASer

GCU was modified to m7G,
all four AGN codons became ready to be decoded as Ser
[10, 11]. AGR codons pairing with this tRNASer

m7GCU then
appeared in reading frames because of the mutation of AGY-
Ser codons or other codons to AGR codons, and they were
captured by Ser (second step). In ancestors of tunicates and
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Figure 4: Schematic drawings showing the possible evolutionary changes of UGA (a), AUA (b), AAA (c), and AGR (d) codons in animal
mitochondrial genomes. ∗ In order to exclude too complicated situations, simple formulas were adopted for the process of the possible
evolutionary changes of AGR codons in this figure. For details, see Text.
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vertebrates, demethylation of m7G of mt tRNASer
m7GCU may

have occurred, so the resulting mt tRNASer
GCU no longer

reads the AGG codon. Strong selective constraints resulting
from the lost translation of AGG caused the AGG codon
to change mainly to AGY or other codons, so that the
AGG codon became unassigned (third step). After tunicates
were separated from vertebrate ancestors, a fourth event
may have occurred; the mt tRNAGly

UCC gene was duplicated
in mitochondrial DNA (mtDNA) (in fact, the ascidian mt
genome has two tRNAGly genes [58]), and the anticodon
of one species of tRNAGly

UCC was converted from TCC to
TCT because of AT pressure, resulting in tRNAGly

UCU, which
might have occurred in tunicate mt genomes. Then, the
anticodon wobble position of tRNAGly

UCU must have been
modified to τm5U (tRNAGly

τm5UCU; ([8, 23]) so as to decode
AGR codons. At the same time, AT pressure caused GGN
codons to change to AGR codons. Since the interaction of
tRNAGly

τm5UCU with AGR is stronger than that of tRNASer
GCU

with AGR, AGR codons are captured by tRNAGly
τm5UCU,

resulting in the translation of AGR codons as Gly [59].
The low GC content of the cytochrome oxydase subunit I
region in ascidian (tunicate) mitochondria in comparison
to that of vertebrates is consistent with the speculation
that AT pressure occurred on the tunicate mt genome. In
the ancestors of vertebrate mitochondria, AGR codons may
have appeared in the reading frames by the deletion of
U from the UAG termination codon [57], concomitantly
with a functional change in the vertebrate RF so as to
recognize AGR codons (a possible candidate for an mt RF
capable of recognizing AGR codons was reported [56]).
The RF prevails over tRNASer

GCU in decoding the AGA
codon and, thus, changes AGR codons to termination codons
(Figure 4(d)) [57]. Why m7G- and τm5U-modifications
have become to be used in most metazoan and tunicate
mitochondria, respectively, for decoding AGR codons are
intriguing problems, which should be pursued in future.

4. Conclusion

The concept of the universal genetic code was forced to
change since the discovery of nonuniversal codon in human
mitochondria [4, 5], and it was known that not only mito-
chondria but also usual cellular systems (nuclear genomes)
contain the nonuniversal genetic codes [60]. Nowadays, it
is widely accepted that the genetic code is not universal
but is changeable depending on the lineage of organisms
[61]. Especially, it should be mentioned that animal mt
genomes contain several variations in the genetic code, and
the nonuniversal genetic codes are decoded by tRNAs which
possess modified nucleosides in their anticodon first or
second positions.

In animal mt genetic code, variations occur only in the
2 codon boxes where one family box is divided 2 : 2 (which
may be easily understandable), and only purine-ending
codon(s) are the target for codon reassignment (Figure 1).
The questions may arise as to why no codon changes has
occurred in two codon boxes of His(CAY)-Gln(CAR) and/or
Asp(GAY)-Glu(GAR) and why pyrimidine-ending codon(s)

(NNY) do not become the target for codon reassignment.
For the former question, such cases may be found in
future [61] and for the latter question, it may be because
it is difficult to provide any modified nucleoside in the
tRNA anticodon wobble position which can decode purine-
ending codons (NNR) and one or both of pyrimidine-ending
codons (NNY).

The way of codon-anticodon interaction in the decoding
process of the nonuniversal genetic code follows the base-
pairing rule based on the physiochemical property of
nucleosides. It is the future problems to be answered why
various modified nucleosides such as cmnm5(s2)U, τm5U,
f5C, m7G, and Ψ have been selected as the key molecules
for decoding the nonuniversal genetic code and how these
modified nucleosides have been distributed among various
animal mitochondria.

The genetic code consists of interaction between codon
and anticodon of tRNA, and inspections of genetic code
changes in animal mitochondria in which considerable
number of changes occur in various animal lineages will
lead to the elucidation of the basic principle of origin and
evolution of the genetic code. It is expected that these studies
will shed light on a way to approach the origin of life.
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Remote control of aptamer function has allowed us to control protein function in space and time. Here, we propose a novel control
system for aptamer function by radiofrequency magnetic field- (RFMF-) induced local heating of a gold nanoparticle conjugated
with an aptamer. In this study, we used a 31-mer thrombin-binding aptamer (TBA), which can inhibit thrombin activity, as a
model aptamer. We evaluated the RFMF control of the inhibitory activity of a gold nanoparticle-conjugated TBA. To evaluate the
effect of RFMF on enzymatic activity, we utilized a complementary DNA strand that maintains the broken structure during the
activity assay. We observed a decrease in the inhibitory activity of TBA after RFMF irradiation. It indicates that RFMF is capable of
controlling the TBA structure. Because RFMF allows noninvasive control of aptamer function, this strategy is expected to be novel
way of controlling aptamer drug activity.

1. Introduction

Aptamers, single-stranded DNA or RNA molecules, recog-
nize various target molecules on forming a particular three-
dimensional structure [1, 2]. Each aptamer has a different
topology and three-dimensional structure that recognizes a
target [3]. Although most proteins lose their function by
denaturing their structure irreversibly, aptamers can form
correct structures reversibly even after denaturation of their
structure. Therefore, aptamer function can be controlled
reversibly by controlling the structures.

Many researchers have reported the remote control of
functional nucleic acids by UV light irradiation. Caged
compounds, which can be controlled by light, have been
utilized for the remote control of aptamers and siRNA
[4, 5]. However, because only a small amount of UV light
penetrates deep tissues and also damages DNA structure,

the application of UV light would be limited unless specific
devices are used that generate two-photon absorption [6].

Hamad-Schfferil et al. have reported remote electronic
control of the DNA structure by inductive coupling of a
radiofrequency magnetic field to a metal nanocrystal coval-
ently linked to DNA [7]. Gold nanoparticles were heated
by irradiation of a radiofrequency magnetic field (RFMF),
leading to denaturation of a DNA and leaves the surrounding
molecules relatively unaffected.

In this study, we propose a novel system for controlling
aptamer function by RFMF irradiation (Figure 1). Local
heating of a gold nanoparticle by RFMF irradiation would
destabilize the aptamer structure and result in a decrease in
aptamer function. However, the aptamer can easily refold
to its native structure after denaturation of its structure.
To evaluate their function easily, we introduced a com-
plementary DNA strand that would not affect aptamer
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Figure 1: The scheme for the controlling of the function of gold nanoparticle-conjugated thrombin-inhibiting aptamer by RFMF.

function in the absence of RFMF irradiation. We expect
that the complementary DNA strand hybridizes the aptamer
on RFMF irradiation and remains in the hybridized state
even after RFMF irradiation. Because the complementary
DNA would help repress the refolding of the aptamer to its
native structure, we can easily evaluate the aptamer function
activity after RFMF irradiation.

In this study, we selected thrombin-binding aptamer
(TBA) as a model aptamer. TBA forms a G-quadruplex
structure to inhibit thrombin activity [8]. We selected a
31-mer TBA, because it has higher inhibitory activity than
the more commonly used 15-mer TBA [9, 10]. In addition,
because the 31-mer TBA forms the G-quadruplex structure
attached to the stem region, we expect that conjugation of
the gold nanoparticle has little effect on thrombin inhibitory
activity of TBA. We prepared a 31-mer TBA conjugated with
a gold nanoparticle (Au-TBA) and examined the control of
its function by RFMF irradiation.

2. Materials and Methods

2.1. Linkage of Gold Nanocrystals to TBA. A monomaleim-
ide-modified gold nanoparticle (diameter, 1.4 nm) was pur-
chased from Nanoprobes (NY, USA). The DNA was synthe-
sized by Operon Biotechnologies (Tokyo, Japan). The 5′ end
of the 31-mer TBA (5′-CACTGGTAGGTTGGTGTGGTT-
GGGGCCAGTG-3′) was thiolated. A gold nanoparticle-
conjugated 31-mer TBA was prepared according to the
procedure published in the literature [7]. After gold nanopar-
ticles were prepared with 10% isopropanol and diluted
with water, a thiolated 31-mer thrombin-inhibiting aptamer
(3 nmol) was coupled with an excess of monomaleimide-
gold nanoparticles (30 nmol) at 4◦C for 24 h. A gold
nanoparticle-conjugated TBA was purified by Superdex 75

HiLoad 16/60 (GE Healthcare, UK Ltd, Buckinghamshire,
England) in 5 mM NaH2PO4, 150 mM NaCl (pH 6.5).

Successful conjugation of gold nanoparticles with TBA
(Au-TBA) was verified by native polyacrylamide gel (11%)
electrophoresis (PAGE) in TBE buffer (89 mM Tris, 89 mM
H3BO3, 2 mM EDTA) at room temperature. The band size
of Au-TBA was compared with the fluorescein-modified 31-
mer TBA. Fluorescein-modified 31-mer TBA was detected by
a Typhoon 8600 (GE Healthcare, UK Ltd, Buckinghamshire,
England) and Au-TBA was visualized by LI Silver staining
(Nanoprobes, NY, USA) for 5 min to confirm Au-TBA
purification.

2.2. Au-TBA Characterization. In TBS buffer (50 mM Tris-
HCl (pH 8.0), 100 mM NaCl, 5 mM KCl), Au-TBA (final
concentration, 100 nM) and 13.5-nM thrombin (Wako
Chemicals, Osaka, Japan) were mixed at room temperature
for 5 min. Then, 2 mg/mL fibrinogen (Wako Chemicals,
Osaka, Japan) was mixed, and the clotting time was mea-
sured using Amelung KC-4A Micro Coagulation Analyzer
(RWTUV, Essen, Germany) at 37◦C.

2.3. Evaluation of Complementary DNA to Control Au-TBA
Inhibitory Activity. Each complementary DNA (Table 1)
(100 nM) was mixed with Au-TBA (100 nM) and thrombin
(13.5 nM). Mixtures were incubated at room temperature
for 5 min and then mixed with fibrinogen (2 mg/mL). The
clotting time was measured using Amelung KC-4A Micro
Coagulation Analyzer at 37◦C.

2.4. Control of the Inhibitory Activity of Au-TBA by
RFMF. Au-TBA (100 nM) and 20-mer complementary DNA
(100 nM) and thrombin (13.5 nM) were incubated for 30 s
at room temperature in 50 mM Tris-HCl (pH 8.0), 100 mM
NaCl, 5 mM KCl and were irradiated by RFMF (1 GHz,
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Table 1

Name Sequence Tm value (◦C)∗

TBA 5′-CACTGGTAGGTTGGTGTGGTTGGGGCCAGTG-3′ 64

14-mer 5′-CACTGGCCCCAACC-3′ 52.2

15-mer 5′-CACTGGCCCCAACCA-3′ 54.2

16-mer 5′-CACTGGCCCCAACCAC-3′ 56.4

17-mer 5′-CACTGGCCCCAACCACA-3′ 58

20-mer 5′-CACTGGCCCCAACCACACCA-3′ 63.3

23-mer 5′-CACTGGCCCCAACCACACCAACC-3′ 66.7
∗

Tm (melting temperature) values of complementary DNA were predicted using mfold program. Tm value of TBA was measured using UV melting assay.
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Figure 2: Evaluation of the effect of RFMF on thrombin activity.
Mixtures of Au-TBA and thrombin were irradiated for 5 min,
15 min, or 30 min. As control, the mixtures were incubated for the
same time at room temperature. Fibrinogen was added, and then,
the clotting time was measured. White bars show clotting times
without RFMF irradiation. Black bars show clotting times with
RFMF irradiation.

1.5 W) for 5 min by using an HP 8648C RF signal generator
(Hewlett-Packard Company, Calif, USA). The diameter of
a coil was 1 cm and its height was 5 cm with 35 turns. To
optimize RFMF power, we connected a tuning horn to an
amplifier for matching. Then, fibrinogen (2 mg/mL) was
mixed, and the clotting time was measured using Amelung
KC-4A Micro Coagulation Analyzer at 37◦C.

2.5. Confirmation of Complementary DNA and Au-TBA
Hybridization. Au-TBA (100 nM), 20-mer complementary
DNA (100 nM), and thrombin (13.5 nM) were incubated
for 30 s at room temperature in 50 mM Tris-HCl (pH 8.0),
100 mM NaCl, 5 mM KCl, and some of these samples were
irradiated by RFMF (1 GHz, 1.5 W) for 5 min by using the
HP 8648C RF signal generator. After the RFMF irradiation,
we carried out native polyacrylamide gel electrophoresis
(PAGE) using 11% polyacrylamide gel in TBE buffer (89 mM
Tris, 89 mM H3BO3, 2 mM EDTA) at room temperature.
The fluorescence intensities of complementary DNA were
analyzed by a Typhoon 8600.
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Figure 3: Evaluation of the effect of complementary DNA on TBA
inhibitory activity. 14–17-mer, 20-mer, and 23-mer complementary
DNA (100 nM) were incubated with Au-TBA (100 nM). The white
bar shows the clotting time of thrombin and Au-TBA. The gray
bar shows the clotting time of thrombin, Au-TBA, and each
complementary DNA strand. Each clotting time represents the
average of the clotting times in two experiments, and error bars are
given.

3. Results and Discussion

First, we designed Au-TBA that has RFMF-controllable
inhibitory activity. We selected a 31-mer TBA as a model
aptamer. The 31-mer TBA forms a G-quadruplex-type
structure that is 15-mer TBA attached to 3 base loops
and a 5-bp stem. The internal loop region of the G-
quadruplex recognizes the thrombin [11]. The stem region
would stabilize the G-quadruplex structure and thus increase
inhibitory activity. We then selected the 5′ terminal of
the aptamer for conjugation with gold nanoparticles and
prepared Au-TBA using a monomaleimide gold nanoparticle
and 5′ thiol-modified TBA. We expected that the gold
nanoparticle would not have an effect on the TBA inhibitory
activity; further, heating of the gold nanoparticles by RFMF
irradiation destabilizes the stem structure of the aptamer,
resulting in a decrease in its inhibitory activity. In fact, the
prepared Au-TBA shows inhibitory activity similar to that
shown by unmodified TBA. Conjugation of the 5′ terminal
of TBA with gold nanoparticles did not significantly affect
TBA function (data not shown).
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Figure 4: The control of the function of Au-aptamer by RFMF.
The white bar termed “RFMF off” shows the clotting time of the
mixture after 5 min of incubation at room temperature. The black
bar termed “RFMF on” shows the clotting time of the mixture of
thrombin, fibrinogen, TBA, and 20-mer complementary DNA after
5 min of irradiation using RFMF. Each clotting time represents the
average of the clotting times in two experiments, and error bars are
given.

Because the heat generated from nanoparticles by RFMF
irradiation depends on nanoparticle size and magnetic field
frequency, larger gold nanoparticles possibly affect not only
the structure of the aptamer, but also thrombin structure.
To control aptamer function, we have to select a suitable
nanoparticle size and a magnetic field frequency that do not
produce an unexpected effect on enzyme activity. Then, we
selected gold nanoparticles with a diameter of 1.4 nm, which
is the same as that of nanoparticles used in the study of
Hamad-Schfferil et al. [7]. They mentioned that the effect
of heat induced by this nanoparticle, because 1 GHz RFMF
irradiation was limited to proximity. To evaluate the effect of
RFMF irradiation on thrombin activity, RFMF was used to
irradiate a mixture of Au-TBA and thrombin, and thrombin
activity was measured after RFMF irradiation. DNA can
easily refold to its correct structure, but it is difficult for pro-
teins to renature correctly. A similar level of inhibition was
observed regardless of whether the mixture was irradiated
with RFMF (Figure 2). This indicates that heating induced
by RFMF irradiation did not affect thrombin activity.

However, it is difficult to evaluate thrombin activity
upon RFMF irradiation, because a complicated instrument
is required for the measurement of thrombin activity with
RFMF irradiation. Then, we used a complementary DNA
strand of TBA. We expected RFMF would enhance hybridiza-
tion between Au-TBA and a complementary DNA strand.
The complementary DNA strand would repress refolding
of the aptamer to its functional structure after RFMF
irradiation, after which one can easily evaluate Au-TBA
inhibitory activity. We selected an optimal complementary

DNA strand that insignificantly affects the Au-TBA structure
without RFMF irradiation.

First, we investigated the optimal length of the com-
plementary DNA strand for the evaluation of this system.
Because the complementary DNA strand should have a Tm
value lower than that of TBA (64◦C) [12], we designed 14–
17-mer, 20-mer, and 23-mer DNA strands complementary to
the 3′ terminal region of TBA; the 14–20-mer was designed
such that its Tm value was lower than that predicted for
TBA (Table 1) [13]. When we incubated a 14–17-mer or
20-mer complementary DNA with Au-TBA, they did not
significantly affect the inhibitory activity of TBA without
RFMF irradiation (Figure 3). On the other hand, the 23-mer
complementary DNA decreased the inhibitory activity of
TBA. We then selected a 20-mer complementary DNA strand
to evaluate the effect of RFMF on the inhibitory activity of
TBA.

We evaluated the controlling of TBA inhibitory activity
by RFMF irradiation. We mixed thrombin, Au-TBA, and
100-nM 20-mer complementary DNA and incubated these
at room temperature for 30 s; this mixture was subse-
quently subjected to RFMF irradiation for 5 min (Figure 4).
Then, we added fibrinogen and measured the clotting
time. The thrombin solution containing Au-TBA and 20-
mer complementary DNA showed a shorter clotting time
after RFMF irradiation than after incubation for 5 min at
room temperature without RFMF irradiation (Figure 4). We
observed a decrease of about 20% in the inhibitory activity
of TBA by RFMF irradiation.

In order to confirm the successful hybridization of com-
plementary DNA and Au-TBA, we performed native PAGE
using fluorescein-modified complementary DNA (FcDNA).
Because the gold nanoparticles quench the fluorescence of
some fluorescent molecules and the TBA was labeled with
a gold nanoparticle, it was difficult to obtain a distinct
fluorescence band indicating the formation of complex of
Au-TBA and 20-mer complementary DNA. Therefore, we
quantified the hybridization reaction by comparing the
fluorescence intensity of free FcDNA. We observed a decrease
in the fluorescence intensity when Au-TBA was mixed with
FcDNA (Figure 5(a), lane 2) rather than when FcDNA was
used alone (Figure 5(a), lane 1) after RFMF irradiation.
Although this decrease was also observed without RFMF
(Figure 5(a), lane 3), we observed a weaker fluorescence
intensity for free FcDNA subjected to RFMF irradiation than
FcDNA that was not subjected to the same. The ratio of
decrease in fluorescence intensity was approximately 20%
(Figure 5(b)), and it shows good agreement with inhibitory
activity results. These results indicate that RFMF irradiation
destabilizes the Au-TBA structure and results in acceleration
of hybridization between a complementary DNA strand
and Au-TBA. We can say that we were able to control the
inhibitory activity of TBA with complementary DNA and
RFMF irradiation.

RFMF irradiation might induce heating of Au nanoparti-
cle resulting in destabilization of Au-TBA structure. During
RFMF irradiation, hybridization of complementary DNA
with Au-TBA might compete with refolding to native struc-
ture of Au-TBA. Since RFMF irradiation would be limited
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Figure 5: The confirmation of hybridization between FcDNA and Au-TBA by native PAGE. (a) Lane 1 shows a fluorescence image of 20-
mer FcDNA. Lane 2 shows a fluorescence image of FcDNA with thrombin and Au-TBA after RFMF irradiation. Lane 3 shows a fluorescence
image of FcDNA with thrombin and Au-TBA after incubation for 5 min at room temperature. (b) Signal intensity of FcDNA of Lane 2 and
3 normalized to Lane 2.

to local area around Au nanoparticle, induced heating of Au
nanoparticle would not have so much effect on the solution
temperature. Therefore, free Au-TBA might refold to native
structure, whereas duplex might keep their structures after
RFMF irradiation. Additionally, complementary DNA strand
concentration would affect hybridization efficiency. There-
fore, the control of structure of Au-TBA would be improved
by adjusting of RFMF irradiation time and complementary
DNA strand concentration.

In order to apply this system in therapeutic medicine,
we should be able to control aptamer function by RFMF
without the need for a complementary DNA strand. Because
RFMF irradiation would destabilize the aptamer structure,
the function of the aptamer is possibly repressed by RFMF
irradiation in the absence of a complementary DNA strand.
It may not be easy to determine the exact effect of RFMF irra-
diation on the aptamer function without a complementary
DNA strand, but we can control it by adjusting the RFMF
frequency and size of the gold nanoparticle, because the
extent of instability of the structure of the gold nanoparticle-
conjugated aptamer would depend on the energy generated
from the gold nanoparticle after RFMF irradiation.

Control of aptamer function by RFMF irradiation has
the following 3 advantages over that by UV light irradiation:
in vivo penetration, no DNA damage, and limited effect
on conjugated DNA. Although there are many reports
describing the remote control of aptamers by UV light, deep
tissue penetration is difficult and limits their application
in vitro or requires two-photon absorption, which can be
achieved only by a specific device. On the other hand,
because RFMF can penetrate deep tissues, its application
is not limited to an in vitro setting and can also be used
in vivo. In addition, because the effect of heating induced
by gold nanoparticles irradiated by RFMF is limited to the
structure of the aptamer conjugated with gold nanoparticles,
the heating of gold nanoparticles breaks the tertiary structure
of the aptamer but does not modify its chemical structure. In
addition, the heating of an Au nanoparticle can be limited to
a local region by adjusting the frequency of RFMF and size

of the gold nanoparticle [7]. Therefore, RFMF irradiation
prevents the unexpected effect caused by DNA damage and
excessive heating of gold nanoparticles.

4. Conclusions

When therapeutic medicine produces an unexpected effect,
it becomes necessary to control therapeutic medicine.
Although antidotes based on complementary DNA have
been developed for the use of therapeutic aptamers [14],
remote control in therapeutic medicine is an attractive
strategy. RFMF is widely used for magnetic resonance
imaging and photothermal therapy [15, 16]. Therefore,
heating induced by gold nanoparticles irradiated by RFMF
is an attractive option for controlling aptamer function
remotely in vivo. In this study, we demonstrated the control
of thrombin inhibitory activity of TBA by RFMF irradiation
and the use of using complementary DNA. Although we
should develop a control system that does not require com-
plementary DNA, we expect that the controlling of aptamer
function by RFMF would be a useful tool in the future.
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Aptamers are short nucleic acids that bind to defined targets with high affinity and specificity. The first aptamers have been selected
about two decades ago by an in vitro process named SELEX (systematic evolution of ligands by exponential enrichment). Since
then, numerous aptamers with specificities for a variety of targets from small molecules to proteins or even whole cells have been
selected. Their applications range from biosensing and diagnostics to therapy and target-oriented drug delivery. More recently,
selections using complex targets such as live cells have become feasible. This paper summarizes progress in cell-SELEX techniques
and highlights recent developments, particularly in the field of medically relevant aptamers with a focus on therapeutic and drug-
delivery applications.

1. Introduction

Aptamers are short nucleic acids (typically 12–80 nucleotides
long) capable of specific and tight binding to their target
molecules. The term aptamer is derived from the Latin word
aptus (fitting) and the Greek word meros (part). Aptamers
are selected by a process called SELEX (systematic evolution
of ligands by exponential enrichment), which was established
independently by Ellington and Szostak [1], Tuerk and Gold
[2], and Robertson and Joyce [3] in 1990. A typical SELEX
experiment starts with a library of up to 1015 random
oligonucleotides, which can be DNA, RNA, or modified RNA
(e.g., 2′-OMe or 2′-F). Some members of this enormous
library are anticipated to bind a desired target. The key step
of the SELEX procedure is to efficiently separate those few
from the nonbinding species. Selected nucleic acids are then
amplified and used for further selection rounds. A successful
SELEX experiment will usually result in a collection of
aptamers, which can subsequently be cloned and tested
individually for their binding properties.

The possible aptamer targets show a great diversity rang-
ing from small molecules, like organic dyes [4], amino acids
[5] or antibiotics [6], peptides [7], proteins [8], and viruses
[9] to whole cells [10]. The dissociation constants (Kd values)
of aptamer-target complexes are comparable to those of
antibodies and can reach the picomolar range. In addition,

aptamers exhibit the following interesting features, which
set them apart from antibodies: they are selected entirely
in vitro, their synthesis has been automated, and they can
easily be chemically modified [11]. Furthermore, they can be
stored and shipped without problems, because the stability of
DNA aptamers, in particular, is almost infinite. Importantly,
they are not immunogenic. Due to their binding properties,
aptamers have become useful tools for diagnostic and
therapeutic applications [12, 13].

The first representative of an aptamer drug is Macugen, a
highly modified RNA aptamer for treatment of age-related
macular degeneration (AMD), which has been released in
2004 [14].

In this paper, we are focusing on recent developments
in the selection of aptamers for complex targets and their
application in diagnostics and therapy. We are emphasizing
the potential of cell-based aptamer selections (cell-SELEX)
as a means to enrich binders to live cells and highlight the
potential of recent technical advances.

2. Aptamers for Intra- and Extracellular
Targets and Their Application

Alternatively: for each class of targets, aptamers show outs-
tanding characteristics. For small molecules, aptamers were
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found that discriminate between closely related targets, such
as caffeine and theophylline [15], differing by a single methyl
group, or adenosine triphosphate and adenosine monophos-
phate (differing by their 5′-phosphorylation state) [16].
These aptamers have been successfully used as diagnostic
tools and have been recently reviewed [17].

Nucleic acid-binding proteins, like Tat [18] and Rev [19]
of HIV-1, were found to be excellent protein targets yielding
high-affinity aptamers. However, numerous examples proved
that nucleic acid binding is not a required target property
for the selection of tightly and specifically binding aptamers.
Several examples will be mentioned in this paper. There
are many ways of classifying aptamer targets into different
groups. Here, we want to distinguish between intracellular
and extracellular targets.

Intracellular targets are difficult to address in living cells,
because cytosolic delivery of aptamers, so-called intramers,
in sufficient quantities is not facile. The problem becomes
even harder for the delivery of aptamers in vivo. Most
of the applied methods rely on protocols established for
siRNA-transfection which have been recently summarized
in excellent reviews [20, 21]. Briefly, lipofection-based me-
thods are technically simple but do not always yield suffi-
cient amounts of cytosolic aptamer to cause measurable
effects. There are few examples for the successful delivery of
aptamers into cells. An aptamer specific for the N-terminal
part of cytohesin-2 was successfully transferred into cells
via lipofection and led to downregulation of the serum-
mediated MAPK activation [22]. Another example that
should be mentioned here is an EGFRvIII-binding aptamer
that intracellularly binds to the unglycosylated form of the
receptor, thereby disrupting its posttranslational modifica-
tions [23].

The main alternative to lipofection is the intracellular
production of the intramers by generating appropriate ap-
tamer overproducing cell lines. This process has been realized
by the application of different expression vectors [24, 25] and
by adeno- [26] or vaccinia-virus-based expression systems
[27]. However, the generation of stably transfected cell
lines is time consuming and of limited use for therapeutic
applications. These difficulties may explain why there is a big
gap between the number of aptamers available for intracel-
lular targets and the number of successfully used intramers.
Consequently, there is a concern whether intramers are suit-
able therapeutic agents in vivo. A smart way to circumvent
the aptamer delivery problem is to find cell-permeable inhi-
bitory small molecules interfering with the aptamer-protein
interaction by aptamer displacement screening [28].

Apart from aptamers for intracellular molecules, a var-
iety of aptamers has been selected that bind extracellular
proteins. The latter aptamers have the big advantage that
they can be administered intravenously or subcutaneously.
We can distinguish between shedded and cell-surface bound
targets. Only the latter are within the scope of this paper.

In the case of extracellular targets, aptamer stability be-
comes a major issue. Therefore, stabilized RNA (e.g., by 2′-
O-methyl or 2′-fluoro modifications [29–32]) or DNA is
preferable when extracellular proteins are targeted. Even

then, degradation and clearance is inevitable, and repeated
administration will be required until treatment is complete.

3. Cell-Specific Aptamers

Aptamers for extracellular targets have high potential for
diagnostic and therapeutic applications. For diagnostics,
their ability to differentiate among different cell types, name-
ly, between tumor cells and normal cells, is highly inter-
esting. More specialized aptamers can even be applied to
distinguish between different types of cancers. In therapy,
aptamers for extracellular targets can be used directly as
effectors (activators or inhibitors) or indirectly as vehicles for
drug delivery.

Surfaces of live cells and parasites represent very complex
and convoluted targets. Although it is clear that the cell sur-
face contains many recognition elements, for example, tumor
markers in the case of cancer cells, its exact composition
is unknown. Subtle differences in cell surface compositions
can be very important and may be associated with the dif-
ferentiation of cells and the onset of malignancies. Analyzing
these changes and elucidating the exact composition of
different cell types can yield important insights into the
molecular details associated with these transformations.
However, analysis of the molecular composition (e.g., by pro-
tein sequencing and mass spectrometric identification) is not
sufficient to identify binders capable of targeting specific cell
types.

Cell-SELEX is an evolutionary approach, and thus allows
the selection of aptamers even without prior knowledge of
specific targets [33–35]. In theory, cell-SELEX may generate
aptamers for multiple targets in parallel. Another benefit
of the cell-SELEX process is that it generates aptamers
for accessible cell-surface markers. Aptamers can, therefore,
speed up the discovery of new biomarkers that are per se tar-
getable.

Of course, several cell-surface markers that can be used
as target molecules in the traditional SELEX process have
already been identified. Using purified proteins as tar-get
molecules certainly raises the odds of obtaining ap-tamers
for this exact target molecule. However, cell-surface proteins
tend to be membrane bound and often cannot be easily
purified. In many cases, recombinant production and puri-
fication of extracellular domains is possible, but there is
a concern whether the domain will still adopt the native
conformation. In the worst case scenario, one could select
aptamers that will only bind to the purified protein or
protein domain and do not recognize the native form
on living cells. This risk can be eliminated using cell-
SELEX. Here, all the cell-surface molecules are presented
in their natural surrounding and native conformation and,
moreover, contain possible posttranslational modifications.

4. Recent Advances in Cell-SELEX

4.1. Different Ways of Obtaining Cell-Specific Aptamers.
There has been a long-standing interest in the selection of
aptamers for complex targets. Already in 1998, Gold and
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coworkers used human red blood cell membranes as a model
system to determine if SELEX could be used for a complex
mixture of potential targets [36]. Aptamers for multiple
targets were generated simultaneously during the selection
process, and the binding affinities of these aptamers for
their targets turned out to be comparable to those found in
similar experiments with pure targets [36]. Using a second-
ary selection scheme (deconvolution SELEX), the authors
rapidly isolated the aptamers for targets of special interest
within the mixture.

In many cases, binding to a specific cell-type can be
achieved by selecting aptamers for an abundantly presented
protein on the cell-surface using traditional protein SELEX.
Subsequently, the selected aptamers have to be tested for their
ability to bind the native protein presented on the cell surface.
One example is the in vitro selection of RNA aptamers using
recombinant L-selectin as target molecule [37]. The resulting
aptamers bound L-selectin with about 105 times higher affin-
ity than the conventional oligosaccharide ligand sialyl Lewis
X [37]. The nuclease stabilized aptamers showed calcium-
dependent binding to native L-selectin on peripheral blood
lymphocytes and blocked L-selectin-dependent interactions
with the natural ligands on high endothelial venules. In a
different approach, also DNA aptamers were selected with
purified L-selectin. These even showed effects on lymphocyte
trafficking in vivo [38].

Chen et al. selected RNA aptamers for the extracellular
domain of the human epidermal growth factor receptor-
3 (HER3) produced in insect cells and demonstrated that
the aptamers interfere with receptor activation in MCF7
cells [39]. Another example for this strategy is the selection
of 2′-F-modified aptamers using murine OX40 human IgG
Fc fusion protein, a member of the tumor necrosis factor
receptor superfamily [40].

Although the aforementioned examples were successful,
it would be preferable to use the native form of the cell
surface protein directly. However, cell surfaces are very
complex targets. If aptamers for a specific target molecule
within the cell surface are desired, cell-SELEX bears the
risk to select aptamers for molecules different from the de-
sired target. Therefore, some laboratories have combined
selections using purified target proteins with cell-SELEX.
Examples include aptamers for E-selectin and tenascin-C: E-
Selectin is a cell adhesion molecule presented only on endo-
thelial cells activated by cytokines. Mann et al. obtained thio-
aptamers binding to endothelial cells presenting E-selectin
[41]. Tenascin-C is an extracellular matrix protein that is
overproduced during tissue remodeling processes, including
tumor growth. Hicke et al. performed protein SELEX, cell-
SELEX, and a crossover of both and selected aptamers with
Kd values in the low nanomolar range [42].

Although both, the traditional SELEX and a combined
approach with cell-SELEX, have been successfully applied for
known targets, they do not exploit the full range of possi-
bilities that cell-SELEX has to offer. If live cells are used,
there is no need for prior information of the cell surface
composition—a true asset. Figure 1 shows a schematic cell-
SELEX process including the most common separation
methods, which are centrifugation of cells in suspension,

washing of adherent cells, and fluorescence activated cell
sorting (FACS).

As complex target for a cell-SELEX, Homann and Göring-
er used live Trypanosoma brucei, a sleeping sickness causing
protozoan parasite [43]. Nonbinding nucleic acids were
removed by repeated cycles of washing and centrifugation.
Finally, they identified RNA aptamers specific for a 42-kDa
protein located in the parasite’s flagellar pocket. Bruno and
Kiel selected DNA-aptamers for different spores such as
Anthrax or Bacillus thuringiensis [44].

Blank et al. used endothelial cells as targets and selected
DNA aptamers that could be used as histological markers of
microvessels in brain tumors [45]. Partitioning of bound and
unbound ssDNA molecules was done by centrifugation. The
progress of the selection as well as the binding properties of
individual aptamers were analyzed by FACS.

Gold and coworkers perforemed cell-SELEX using the
tumor cell line glioblastoma U251 as target. They selected
DNA aptamers for tenascin-C by simply incubating the
nucleic acids with cell monolayers in serum-free medium
and repeated washing steps [46].

This technique was also used by Tan and coworkers who
published multiple aptamers that bound selectively to certain
cancer cell lines [47]. To do so, they performed a counter
selection with a control cell line before the actual incubation
step to remove cell matrix binders. Table 1 gives an overview
of cell lines used for live cell-SELEX.

4.2. Technical Challenges and Advances in Cell-SELEX. Until
recently, most technical advances of the SELEX procedure
focused on improving the individual steps of the process,
in particular the actual selection step, in order to make
the generation of aptamers as fast and efficient as possible.
The main points for optimization are automation, separa-
tion, counter selection, and the partitioning of dead cells.
Automation of the SELEX process was introduced by Elling-
ton and coworkers [48]. As a consequence, selection times
were significantly reduced. Since then, aptamers are also
com-mercially available.

Further optimization is required to avoid matrix-binding
species within an in vitro selection. In the classical protocol
for SELEX, the target protein is immobilized on a solid sup-
port such as agarose, sepharose, or magnetic beads. The latter
have become particularly popular due to low matrix binding.
Alternative separation protocols include filter binding and
innovative approaches such as capillary electrophoresis [49].
As mentioned above, the classical approaches have been used
successfully to select aptamers for cell-surface proteins that
recognize specific live cells.

Target immobilization however, is not compatible with
live cells. Most cell-SELEX protocols so far separate binding
from nonbinding nucleic acids by washing (adhesive cells)
or centrifugation (cells growing in suspension). For obvious
reasons it is not easy to enrich exclusively the desired target-
binding species in complex target SELEX approaches, and
therefore, counter selections have to be applied in most cases
(Table 1).

Cerchia et al. performed even two of those counter selec-
tions, one with suspended parental Pc12 cells and a second
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Figure 1: Cell-SELEX. (1) Target cells are incubated with a complex library consisting of up to 1015 individual single stranded DNA
molecules (ssDNA). (2) The separation of cell-binding nucleic acids from nonbinding species can be performed by different methods:
FACS (2a), centrifugation (2b) or washing (rinsing) steps (2c), respectively. (3) Cell-binding DNA molecules—aptamers—are eluted and
(4) subsequently amplified by PCR using two specific primers. The 5′-end of the reverse primer carries a biotin. Additionally, a fluorescently
labeled forward primer is used for PCR, if FACS is used for separation. After strand displacement the enriched DNA library is used for
further selection rounds. This cell-SELEX procedure ends up with aptamers that bind specifically to the surface of target cells.

Table 1: Cell-lines used for cell-SELEX and for corresponding counter selection. The column “When?” indicates whether counter selection
was performed before (B) or after (A) the selection, or not at all (—).

Selection cell line Abbreviation Counter selection Abbreviation When? Lit.

T-cell line, human ALL CCRF-CEM
B-cell line, human Burkitt’s
lymphoma

Ramos A [54]

Carcinoma; small-cell lung cancer NCI-H69 Carcinoma; large-cell lung cancer NCI-H661 A [55]

Mouse liver hepatoma cell line
BNL 1ME A.7R.1

(MEAR)
Normal mouse liver cell line BNL CL.2 A [56]

Acute myeloid leukemia HL60 Acute promyelocytic leukemia NB4 A [57]

Human lung carcinoma cells
infected with vaccinia virus

A549
Human lung carcinoma cells
without infection

A549 A [58]

Pheochromocytoma of the rat
adrenal medulla expressing
human RETC634Y mutant

Pc12/MEN2A

Pheochromocytoma of the rat
adrenal medulla parental cells
followed by cells expressing
human RETM918T mutant

Pc12 and
Pc12/MEN2B

B [50]

B-cell line, human Burkitt
lymphoma

Burkitt lymphoma
None, but FACS to sort out dead
cells

— [10]

Human glioblastoma U251 U251 None — [46]

Endothelial cell line YPEN-1 YPEN-1 N9 microglial cells B [45]
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one with adherent Pc12/MEN2B cells before incubating their
2′-F-modified RNA library with Pc12/MEN2A cells, the
actual selection target presenting the human RETC634Y mu-
tant receptor [50].

Most people who have actively selected aptamers are
familiar with the problems of matrix binders. The logic
behind this problem is apparent and has been called the
first law of directed evolution: “You get what you select for”
[51]. Since in every cycle, multiple selection pressures are in-
volved, it is not surprising that artifacts may arise. It can be
anticipated that this problem becomes more serious when
using complex surfaces of cells or spores as selection target.

To make things even worse, there is an additional pro-
blem for cell-SELEX with live cells: in every cell preparation
also dead cells are present. Dead cells show strong, sequence-
independent affinity for nucleic acids [52]. They cannot be
removed by traditional methods like washing or centrifuga-
tion and thus lead at least to an inefficient selection process or
even to failure of the experiment [53]. Sample preparation is,
therefore, very important. These problems may be the reason
why cell-SELEX has not yet become a widely used method for
the generation of cell-specific aptamers.

The above issues were addressed in a recent publication
by the laboratories of Mayer and Famulok [10]. They used
FACS to remove the fraction of dead cells and to select
aptamers binding to live cells. Thus, they obtained aptamers
specific for B-cells that were able to differentiate between dif-
ferent cell subpopulations.

5. Cell-Specific Aptamers for Affinity
Purification and Diagnostics

There are numerous applications for aptamers, including
aptamers as sensors, as inhibitors, as diagnostics, as thera-
peutics, and as delivery agents. There are excellent reviews
dealing with these topics, for example, [17]. Here, we want to
focus on the application of cell-specific aptamers for affinity
purification, diagnostics, and most importantly therapy.

The first and obvious application of cell-specific apta-
mers is their use for affinity purification. Affinity purification
has been described with several aptamers selected for single
targets [59, 60]. More interesting purification tools are apta-
mers with affinity for complex targets like cells. The specific
target molecule may be identified afterwards using mass
spectrometry.

Using this approach Blank et al. took advantage of an
aptamer that binds to tumor microvessels for affinity puri-
fication and identified pigpen as the target protein [45]. The
above-mentioned aptamer selected for human glioblastoma
U251 cells was also used to identify the target protein
tenascin-C [46]. An inherent advantage of this aptamer-
based target purification-identification approach is that the
identified targets are per se addressable.

Tan and coworkers used several of their cell-specific apta-
mers for extraction of specific cells from complex mixtures.
They reported aptamers for small-cell lung cancer (SCLC)
cells and used them in conjugates with nanoparticles to
isolate and enrich SCLC cells from mixed cell media [55].

The same laboratory developed a method for the rapid
collection and detection of leukemia cells based on an
aptamer for CCRF-CEM acute leukemia cells and two kinds
of nanoparticles (magnetic and fluorescent). This dual ap-
proach allowed target cell extraction from complex mix-tures
including whole blood samples as well as sensitive cell detec-
tion [61].

Aptamers have also a long tradition in classical diagnostic
applications, in analogy to antibodies. For the creation of
sensors, it is ideal to use a ligand-induced conformational
change to create a signal. This has been realized by differential
dye binding, fluorescence quenching, FRET, or coupling to
different types of nanoparticles. Also, modular aptamer sen-
sors consisting of a recognition domain and a signaling apta-
mer have been constructed (for a review, see [62]). Re-cently,
a sensor based on a cell-specific aptamer was reali-zed by a
gold nanoparticle-aptamer conjugate on a lateral flow device
that could be used for the detection of Ramos cells [63]. This
approach represents first steps towards the de-tection of cir-
culating cancer cells.

6. Cell-Specific Aptamers for Therapy

Aptamers are not only a new and promising alternative
to antibodies in diagnostics. They may also be used in
therapy and medicine. For therapeutic applications, it is of
particular interest to selectively deliver drug molecules to
disease-related cells or tissues of interest thereby minimiz-
ing the exposure of these possibly harmful agents to sur-
rounding healthy tissues. This target-controlled transfer can
be achieved by conjugating desired drugs to carriers that
specifically interact with components (e.g., proteins) only
presented on the surface of pathologically relevant cells.
Cell-surface proteins are targeted by more than 60% of all
currently available drugs—underscoring their therapeutic
importance [64]. Receptors play the most prominent role
among these cell-surface proteins. They receive a signal,
transduce it via the cellular membrane, and forward it inside
the target cell in many cases to finally trigger a cellular res-
ponse, such as gene expression.

As mentioned before, cell-SELEX can yield aptamers that
are able to interact with specific disease-related proteins
on cell surfaces. These aptamers are potential therapeutic
compounds because they may cause inhibitory as well as
stimulatory effects. Furthermore, most cell-surface proteins
undergo recycling processes, such as ligand-induced inter-
nalization. This opens new strategies for aptamer-based
drugs. Aptamers binding to receptors that are subject to
internalization can be infiltrated into target cells, and thus
serve as vehicles for desired cargo molecules.

In the following sections, we will give an overview of
the current state of cell-specific aptamers. We have classified
the aptamers into three categories: aptamers eliciting (i) ago-
nistic or (ii) antagonistic effects on the target protein as well
as (iii) aptamers as drug delivering agents.

6.1. Aptamers as Blocking Agents. Aptamers might be of ther-
apeutic relevance due to their inhibitory effects on disease-
related cell-surface components. One promising approach
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would be the application of aptamers acting on deregulated
processes in inflamed tissues or pathological vasculature
during angiogenesis.

In 2010, Mann et al. reported phosphorothioate-modi-
fied aptamers binding to E-selectin on endothelial cells and
above all to the inflamed vasculature of human carcinomas
presenting E-selectin in high amounts on their cell surfaces
[41]. Selectins comprise a family of calcium-dependent cell
adhesion glycoproteins which can be subdivided into 3
groups: E-selectin that can be found in endothelial cells,
L-selectin on the surface of leukocytes, and P-selectin on
platelets and endothelial cells. All family members play cru-
cial roles during normal and abnormal inflammation pro-
cesses. Due to structural similarities, they are all able to
interact with specific carbohydrates (sialyl Lewis X and sia-
lyl Lewis A) on the surface of leukocytes thereby mediating
the contact of the leukocytes to the endothelial wall [70].
E-selectin levels are increased on the endothelial surface of
blood vessels within numerous inflammatory diseases, for
instance, rheumatoid arthritis and several types of cancer
[71]. Therefore, targeting E-selectin in inflamed tissues is a
therapeutically highly relevant strategy to prevent cell trans-
migration processes along endothelial tissues. Mann et al.
performed a two-step SELEX procedure (see above). In the
first 10 SELEX rounds, purified recombinant E-selectin ser-
ved as target. Subsequently, the 14 obtained aptamers were
screened for binding to E-selectin presented on endothelial
cells. Only one of the aptamers named ESTA-1 exhibited
binding to cell surface bound E-selectin. Furthermore, this
aptamer inhibited the adhesion of sialyl Lewis X positive HL-
60 cells to E-selectin producing endothelial cells (Figure 2).
After intravenous administration, a distinct interaction of
the E-selectin-specific aptamers with tumor vasculature
could be highlighted in a breast cancer xenograft model [41].

Within the same month Gutsaeva et al. reported on the
application of the P-selectin binding RNA aptamer ARC5690
that contained 2′-fluoro pyrimidine and 2′-methoxy purine
building blocks for increased nuclease stability. The aptamer
effectively blocked the adhesion of circulating sickle red
blood cells (RBCs) and leukocytes to endothelial cells in
sickle cell disease (SCD) after injection into SCD mice [65].
Administration of the aptamer led to a decreased mortality
rate of the treated mice opening the possibility to use these
anti-P-selectin aptamers as potential anti-cell adhesion com-
pounds in sickle cell disease.

In 1996, O’Connell et al. succeeded in selecting 2′-amino-
modified RNA aptamers binding to L-selectin-Ig chimera
(LS-Rg) [37]. The aptamers revealed a calcium-dependent
binding to native L-selectin on peripheral blood mononu-
clear cells (PBMCs). Moreover, the aptamers specifically in-
hibited the interaction of LS-Rg and of human PBMCs with
lymph node high endothelial venules that carry the natural
ligands of L-selectin. Nevertheless, there was one significant
drawback: the aptamers possessed their highest affinity at
4◦C and 22◦C. At 37◦C, the affinity for L-selectin was
remarkably lower. Thus, these aptamers did not seem to be
par-ticularly suitable for in vivo applications [38].

Consequently, Hicke et al. reported on the selection of
DNA aptamers that did bind to L-selectin with nanomolar
affinity [38]. These aptamers inhibited the L-selectin inter-
action with sialyl Lewis X. Additionally, the aptamers bound
specifically to human L-selectin on lymphocytes and neu-
trophil cells. The DNAs inhibited lymphocyte rolling on acti-
vated endothelial cells in an in vitro flow system. In vivo, the
aptamers prevented the homing of human lymphocytes to
lymph nodes in severe combined immunodeficiency (SCID)
mice.

Aside from adhesion molecules, also cytokines and their
respective receptors are involved in a variety of inflammatory
diseases like osteoarthritis (OA), the most common degener-
ative joint disease, caused by cartilage loss in a joint [72].
The cytokine interleukin-17 in conjunction with one of its
receptors IL-17R is involved in the pathogenesis of OA. IL-
17R is a glycoprotein that displays a wide tissue distribution
and is a central mediator in inflammatory responses [66].
Following IL-17R activation multifunctional cytokines like
IL-1 and IL-6 are produced and enforce infla-mmatory
processes. Chen et al. reported on a novel cell-based selection
method leading to DNA aptamers specific for IL-17R. The
authors used whole IL-17R presenting NIH3T3 cells as
targets and unmodified NIH3T3 cells as negative control for
counterselection. Aptamer RA10-6 was able to interfere with
the interaction of IL-17 and IL-17R in vitro. After intra-
articular injections in OA mice the aptamers impeded syn-
ovial thickening and inflammation in combination with cele-
coxib, a small nonsteroidal anti-inflammatory drug (NSAID)
often used in the treatment of osteoarthritis. Furthermore,
its administration led to a dose-dependent reduction of IL-
6 levels. In the future, it may be conceivable to addition-
ally administer RA10-6 to NSAIDs in standard therapies
for OA to circumvent high NSAID doses and associated
side effects.

Aptamers binding to receptor tyrosine kinases (RTKs)
also reveal a high therapeutic potential. RTKs are cell surface
receptors that bind their ligands like growth factors or hor-
mones with high affinity. Besides their role in the regulation
of common cellular processes, such as cell growth and dif-
ferentiation, RTKs are involved in the development and pro-
gression of many cancer types [73]. One example is the hu-
man epidermal growth factor receptor-3 (HER3), a member
of the type I RTKs. HER3 is catalytically deficient and self-
associates in the absence of its ligand heregulin [74]. After
binding of heregulin to HER3, heterodimerization with other
RTKs, especially HER2, occurs. Overproduction of both
HER2 and HER3 can be found in several types of cancer [75].
Chen et al. were able to select RNA aptamers binding HER3
in its oligomeric state [39]. One aptamer, A30, was further
investigated. It did not compete with heregulin for binding
to HER3 but inhibited heregulin-dependent tyrosine kinase
activity of HER2 and growth of MCF7 cells. Although the
inhibition mechanism could not be clarified in detail, this
study demonstrates the potential of aptamers as anticancer
drugs.

Another RTK used as target for the enrichment of
aptamers was the human RET receptor tyrosine kinase
[50] (selection see above). One of the obtained aptamers



Journal of Nucleic Acids 7

Table 2: Aptamers with inhibitory function on target molecules and corresponding selection strategies.

Target Aptamer Selection method Lit.

E-selectin Thiophosphate-mod. DNA
Two-step selection using recombinant ES-Ig chimera and
testing on cells as target

[41]

P-selectin
2′-amino- and 2′-methoxy-mod.

RNA
Traditional SELEX using recombinant mouse P-selectin as
target

[65]

L-selectin 2′-amino-mod. RNA and DNA
Traditional SELEX using recombinant L-selectin-Ig chimera
as target

[37, 38]

IL-17R DNA
Cell-SELEX using IL-17R presenting NIH3T3 cells as target,
unmodified NIH3T3 cells for counter selection

[66]

HER3 RNA
Traditional SELEX using the extracellular part of HER3 as
target

[39]

RET 2′-F-mod. RNA
Cell-SELEX using RETC634Y receptor presenting
Pc12/MEN2A cells as target, Pc12 and Pc12/MEN2B cells for
counterselection

[50]

NgR RNA
Traditional SELEX using the extracellular part of NgR-Fc
fusion protein as target

[67]

CTLA-4 2′-F-mod. RNA Traditional SELEX using CTLA-4-Fc fusion protein as target [68]

gp120 2′-F-mod. RNA
Traditional SELEX using purified recombinant gp120 as
target

[69]

Tumor cell

Endothelium
E-selectin

sLex

Figure 2: Aptamers as blocking agents. Aptamers, in this case composed of phosphorothioates, selectively bind to E-selectin that is presented
on the surface of human endothelial cells. The aptamers serve as antagonist for the interaction to sialyl Lewis X on HL-60 cells, a human
promyelocytic leukemia cell line, thereby inhibiting the adhesion of tumor cells by more than 75%.

bound to different cell types presenting RET on their cell
surface. The aptamer interfered with ligand-induced receptor
dimerization or dimerization caused by activating mutations
within the receptor, and thereby inhibiting intracellular RET
signaling pathways.

In another study, aptamers were used to block the Nogo-
66 receptor (NgR) on axons after spinal cord injury [67].
Axon regeneration is usually prevented by three inhibitors
from the myelin sheath, which are ligands of NgR [76]. The
NgR-specific aptamers blocked the myelin-derived inhibitors
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Table 3: Aptamers for cell-specific delivery of drug molecules.

Target molecule Aptamer
Drug molecules linked or complexed with the
aptamer

Lit.

PSMA 2′-F-modified RNA (1) siRNAs/shRNAs (1) [88–92]

(2) Protein toxin gelonin (2) [93]

(3) Dox (3) [94]

(4) QDs, SPION or gold NPs with Dox (4) [95–99]

(5) Pt(IV)-encapsulated PLGA-PEG NPs (5) [100]

gp120 2′-F-modified RNA siRNAs [101, 102]

Nucleolin DNA PDT agent TMPyP4 [103]

PTK7 DNA Dox [104]

TfR DNA L-iduronidase [105]

MUC1 DNA PDT agent chlorin e6 [106]

EGFR RNA Gold NPs [107]

IgM heavy chain DNA Micelle-like nanostructures [108]

by competing for binding to NgR [67] and fostered neurite
outgrowth of primary cultured neuronal cells. This re-
sult highlights the therapeutic potential of aptamers in
the treatment of myelin-associated inhibition of neuronal
regeneration.

Santulli-Marotto et al. developed a promising aptamer-
based strategy to inhibit the activation of an immune re-
ceptor. The authors selected aptamers specific for the T-
cell receptor CTLA-4 [68]. CTLA-4 (cytotoxic T lymphocyte
antigen-4) is a high affinity receptor for the B7 family mem-
bers of immune regulatory ligands presented on activated T-
cells. This receptor exists in a dimeric form and is stimulated
by two molecules of the ligand protein B7-1 [77]. CTLA-
4 inhibits antitumor immunity. It transmits an inhibitory
signal to T cells, which reduces their ability to respond to
stimuli by enhancing the signaling threshold. As a result
higher amounts of signal molecules would be required for
further stimulation. Inhibitors of CTLA-4 (e.g., antibodies)
are potential agents to enhance T-cell anti-tumor immunity
[78]. CTLA-4-specific high affinity aptamers enforced tumor
immunity in mice [68]. Tetramers of these CTLA-4-binding
aptamers showed even stronger inhibitory effects on CTLA-
4 function in vitro and in vivo. These constructs seem to
be useful anti-tumor agents and regulators of the immune
system.

Similarly 2′-F-modified aptamers could be selected with
the potential to lower HIV-1 (human immunodeficiency
virus 1) infectivity by blocking gp120, a cell surface receptor,
both, on HIV-1 and on HIV-1 infected immune cells [69, 79,
80]. Further developments and applications will be discussed
later.

6.2. Aptamers as Stimulating Agents. In this section we will
focus on aptamers causing activating effects by binding to
therapeutically relevant cell-surface proteins.

Recently, McNamara et al. introduced agonistic aptamers
specific for the costimulatory receptor 4-1BB, a member of
the tumor necrosis factor (TNF) receptor family [81]. This
receptor is presented on activated CD8+ T-cells and pro-

T-cell

OX40

TRAF-2

NF- B

IKK

Transcriptional activation

Figure 3: Aptamers as stimulating agents. Dimerized OX40-specific
RNA aptamers show activating effects on the OX40 receptor in vitro
and in vivo. The OX40 receptor on the surface of activated T cells
undergoes receptor oligomerization and provides a costimulatory
signal for T cell activation. Downstream factors (e.g., TRAF-2, IKK
and NF-κB) of the signaling cascade are activated leading to an
enhanced proliferation of T cells and an increased anti-tumor im-
mune response.

longs the survival and expansion of CD8+ T lymphocytes
[82]. Since CD8+ T-cells play an important role in tumor
immunity, enhancing 4-1BBs costimulatory activity could
support anti-tumor immune responses. Indeed, agonistic
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monoclonal antibodies against 4-1BB that had been systemi-
cally administered to mice ameliorated tumor immunity and
tumor rejection [83, 84]. Aptamers for 4-1BB represent an
attractive alternative because antibodies can be immuno-
genic in some cases and might cause problems in clinical
trials. The aptamers specifically bound to 4-1BB presented
on the surface of activated T cells [81]. Stimulation of
receptors of the TNF receptor family, including 4-1BB, often
involves oligomerization. Notably, the oligomerization could
be induced by dimeric and multimeric forms of the aptamers
and triggered the activation of 4-1BB. Thus, the aptamer-
based di- and multimers acquired the ability to costimulate
T cells and induce tumor rejection in mice. As mentioned
above, there are aptamers that block CTLA-4 functions on
activated T-cells in vivo and enforce tumor immunity in mice
[68]. Combinations of aptamers for CTLA-4 and 4-1BB may
even be better antitumor agents than each aptamer by itself.

Dollins et al. extended the approach of inducing receptor
multimerization by aptamers to trigger agonistic effects.
They selected aptamers for the target molecule OX40 [40].
OX40, another member of the TNF receptor family, is pre-
sented on the surface of activated T cells. Binding of its ligand
OX40L (OX40 ligand) causes receptor oligomerization. This
activation leads to an enhanced proliferation rate of T cells,
to an increased cytokine production, and to an intensified
anti-tumor immune response. After selection, Dollins et al.
converted the monomeric aptamers into receptor activating
dimers using a molecular scaffold (Figure 3). This aptamer
complex mimicked the OX40 ligand and induced OX40
multimerization and function both in vitro and in vivo in
a tumor immunotherapy approach. Systemic administration
of the agonistic aptamer complex showed a remarkable effect
in the treatment of highly metastatic and aggressive types
of melanoma [40]. Both the 4-1BB and the OX40 aptamers
impressively demonstrated how cell-surface receptor binding
aptamers could be turned into receptor activating complexes
by di- or multimerization [40, 81]. These nucleic acid-based
agonists could become a new safe and powerful class of
therapeutically relevant effectors.

A related approach combined two DNA aptamers for dif-
ferent tumor associated targets [85]. Boltz et al. described the
generation of chimeric DNA aptamers that simultaneously
bound two surface receptors of immune cells and mediated
tumor lysis.

Specifically, one of the aptamers bound to the Fcγ
receptor IIIA also known as CD16α. CD16α belongs to
the immunoglobulin superfamily and is mostly presented
on natural killer cells but also on monocytes and certain
tissue macrophages, respectively. CD16α plays an important
role during the antibody-dependent cellular cytotoxicity
(ADCC). The recruitment of CD16α-positive NK-cells to
specific tumor cells could increase the antitumor-effective
function during ADCC. The second aptamer bound to the
hepatocyte growth factor receptor (HGF-R) also known as
c-Met. The c-Met receptor belongs to the RTK family. As
mentioned above, RTKs are important regulators in cellular
processes and thus key players in the development and
progression of many cancer types [86]. The c-Met protein
is presented on epithelial cells, important for embryonic

development and overproduced in many tumors [85, 86].
Aptamers recognizing both, the CD16α and c-Met could
potentially recruit NK-cells to c-Met-positive tumor cells,
inducing ADCC and, therefore, acting as anti-tumor agents.
Boltz et al. generated high-affinity aptamers for CD16α
and for c-Met and connected them by an oligonucleotide
linker. The resulting bi-specific aptamers mediated cellular
cytotoxicity, induced killing of NK cells and subsequently
specifically lysed tumor cells in ADCC assays. In the future,
the authors will expand these findings to in vivo experiments
using xenograft mouse models. Taken together the described
bi-specific aptamers illustrate the ability of nucleic acid-
based therapeutics to stimulate the lysis of tumor cells, a pro-
perty that opens up the possibility to serve as reagents in
cancer therapy.

6.3. Aptamers for Delivery of Toxic Payloads. Aptamers can
also serve as modules that selectively recognize and bind to
defined cell types or tissues. By appending drug molecules,
the aptamers can be used to deliver cargo molecules to or
into specific cells or tissues of interest.

6.3.1. Prostate Specific Membrane Antigen (PSMA). One of
the best-studied aptamers binds to the prostate specific
membrane antigen (PSMA), a well-known tumor marker for
prostate cancer [87].

In 2002, Lupold et al. reported the selection of 2′-F-
modified RNA aptamers binding to the extracellular portion
of PSMA. Aptamer A10 and its truncated version A10-3
were able to bind PSMA presenting human prostate cancer
cells with high affinity and served as a prostate specific tu-
mor cell marker [8]. The detection of specific endocytosis
of PSMA into cells via clathrin-coated pits suggested that
PSMA-specific aptamers might be potential drug delivery
vehicles [109]. Therefore, aptamer-drug chimeras were con-
structed. The idea was that the aptamers would specifically
recognize and bind to prostate cancer cells and then become
endocytosed together with PSMA—resulting in drug delivery
to the target cells.

Several groups created chimeras consisting of small
interfering RNAs (siRNAs) and the PSMA-specific aptamer
A10 [88–91]. McNamara et al. used a completely RNA-based
approach by directly connecting the PSMA aptamer A10 at
its 3′-end with therapeutic siRNAs specific for plk1 and bcl-
2, two survival genes that are overexpressed in many human
tumors [89] (Figure 4). The chimeras were supposed to bind
PSMA on target cells via the aptamer and to silence the
target mRNAs via the siRNA portions. Administration of
the chimeras to PSMA presenting cells indeed resulted in
endocytosis, gene silencing, reduced cell proliferation, and
finally cell death. Importantly, the chimeras did not affect
cells that did not present PSMA. The next step was the
intratumoral application of the aptamer-siRNA chi-meras
into athymic mice that carried tumors derived from PSMA-
positive human prostate cancer cells. In these mice, the
chimeras indeed reduced tumor growth. The same experi-
ment was performed with mice bearing tumors from PSMA-
negative human prostate cancer cells. These tumors were
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Figure 4: Aptamers as drug delivery agents. Prostate specific membrane antigen (PSMA) is internalized into cells via endocytosis. PSMA-
binding RNA aptamers serve as drug delivery vehicles for small interfering RNAs (siRNAs, (a)). The siRNAs escape from the endosome, are
processed by Dicer and RISC, and lead to the degradation of target mRNAs. Furthermore, the aptamers can escort cytotoxic molecules into
prostate cancer cells like the ribosomal toxin gelonin (b), cisplatin encapsulated in organic PLGA-PEG-NPs (c), nanoparticles (NPs, gold,
iron oxide and quantum dots; (d)), or doxorubicin as a physical conjugate (e). For references see text.

not affected by the chimeras. This strongly suggests that
the cellular uptake of the RNA ligands was highly efficient
and specific for PSMA. The aptamer-siRNA chimeras were
further optimized by the same group [90]. The authors
truncated the aptamer portion and enhanced the silenc-
ing activity and specificity by incorporating modifications
within the siRNA molecules leading to a more efficient
processing effectivity of the RNAi machinery. The optimized
chimeras were systemically administered into athymic mice
bearing tumors from PSMA-positive human prostate cancer
cells leading to distinct tumor regression or anti-tumor
activity, respectively.

Chu et al. used another conjugation strategy between a
PSMA-specific aptamer and two different siRNAs specific
for lamin A/C or GAPDH (Glyceraldehyde 3-phosphate
dehydrogenase) mRNAs [91]. Both the aptamer and the
siRNAs were chemically modified with biotin and bound to

tetrameric streptavidin in a 2 : 2 : 1 ratio. The resulting RNA-
protein complexes were cell type-specifically internalized
and caused down regulation of target genes and cell-death
of PSMA-presenting cancer cells. Wullner et al. created
multivalent aptamer-siRNA constructs to further increase
potency and anti-tumor capacity of the chimeras [88]. The
authors generated two different bivalent chimeras consisting
of the anti-PSMA aptamer and siRNA specific for the EEF2
(eukaryotic elongation factor 2) mRNA. In one case, the
siRNA itself served as linker between two aptamer molecules,
whereas in the other case, siRNAs were attached to the 3′-
end of each aptamer. The increased valency of the aptamer-
siRNA chimeras enhanced cytotoxicity with respect to the
monovalent counterparts.

Very recently, Ni et al. used aptamer-shRNA chimeras
to inhibit DNA repair pathways in prostate cancer cells and
subsequently to enhance ionizing radiation (IR) therapy
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[92]. The target mRNA of the shRNA was the catalytic
subunit of DNAPK (DNA-activated protein kinase, catalytic
polypeptide). DNAPK is a serine/threonine protein kinase
that is necessary for the double-strand break repair in DNA
[110]. Therefore, downregulation of DNAPK by aptamer-
shRNA chimeras should selectively sensitize PSMA-positive
cells to IR. Cell-specific delivery of the aptamer-shRNA chi-
meras to PSMA-positive LNCaP cells and to tumor models
led to reduced levels of DNAPK mRNA [92]. A combination
of the application of aptamer-shRNA chimeras and IR for the
treatment of LNCaP tumor models resulted in an extended
reduction of tumor volume due to enhanced radiosensitivity.
Finally, the authors could also demonstrate high efficacy of
the chimeras in human prostate tissue.

Apart from aptamer chimeras with siRNA, aptamers can
be fused to toxic proteins to deliver them into target cells.
This approach was realized by covalently linking a PSMA-
specific aptamer [93] to a gelonin derivative (Figure 4).
Gelonin is a ribosome-tackling toxin that cleaves a specific
glycosidic bond in rRNA subsequently disrupting protein
biosynthesis. This gelonin derivative lacks the translocational
domain and, in contrast to related toxins, is not translocated
per se into cells. In conjunction with the aptamer, however,
the gelonin variant was internalized into PSMA-presenting
tumor cells consequently destroying them. This unequiv-
ocally demonstrated the ability of the PSMA-aptamer to
deliver a therapeutically relevant toxin as payload into target
cells.

Chemotherapeutic drugs represent another class of drug
molecules that had been successfully delivered into PSMA-
positive human prostate cancer cells via the aptamer A10 [94,
95, 100]. Bagalkot et al. produced physical aptamer-doxo-
rubicin conjugates not requiring any chemical modification
neither of the drug nor of the aptamer [94] (Figure 4). Doxo-
rubicin (Dox) can intercalate into the aptamer portion.
Dox is an anthracycline-derived drug molecule used in
chemotherapy to treat a wide range of cancers. Since this
treatment causes many side effects, targeted delivery would
be desirable to decrease doses and associated cytotoxicities.
The authors studied in vitro binding and cell-specific uptake
of the physical conjugates by the PSMA-positive prostate
cancer cell line LNCaP to evaluate the targeted drug delivery.
A significant reduction of the cell proliferation as well as en-
hanced cytotoxicity occurred in comparison to control cells
[94].

The same group immobilized the PSMA-specific aptamer
A10 on the surface of fluorescent quantum dots (QDs). Addi-
tionally, the A10-derivatized QDs were incubated with Dox
yielding QD-A10-Dox conjugates [97] (Figure 4). Although
not covalently linked, the aptamer-Dox-complex quenched
the fluorescence of the QDs. When incubated with target cells
these multifunctional nanoparticle conjugates de-livered
Dox into PSMA-positive cells. Cellular uptake could be
detected due to the recovered fluorescence emission of the
QDs that subsequently stained the corresponding can-cer
cells. Additionally, Dox inhibited the growth of those cells.

In related approaches, superparamagnetic iron oxide
nanoparticles (SPION) or gold nanoparticles were derivatiz-
ed with A10 and Dox to create multifunctional nanoparticle

conjugates for both imaging and treatment of prostate cancer
cells [98, 99]. Each of the three parts of the conjugates had
a distinct function: the aptamer portion served as delivery
vehicle, the nanoparticle served as platform and imaging
agent in magnetic resonance imaging (MRI) or computer
tomography (CT), and Dox served as toxin (Figure 4).

The physical conjugates, however, were only able to carry
a limited amount of cargo molecules. A new strategy with
higher capacity was therefore developed by Bagalkot et al.
[94]. This group produced biocompatible and biodegradable
nanoparticles (NPs) derived from poly(D,L-lactic-co-glycolic
acid)-block-poly(ethylene glycol) (PLGA-b-PEG) copoly-
mers. The surface of the NPs was coated with the PSMA-
specific aptamer A10. The authors encapsulated the anti-
mitotic chemotherapy drug docetaxel (Dtxl) into the NPs,
resulting in Dtxl-containing nanoparticle-aptamer biocon-
jugates (Dtxl-NP-Apt). Treating LNCaP prostate cancer cells
with Dtxl-NP-Apt led to a specific uptake by these cells and
furthermore to a significant enhancement of cytotoxicity in
vitro in comparison to nanoparticles lacking A10. Intratu-
moral injection of the bioconjugates into LNCaP-derived
tumors in xenograft nude mice diminished tumor growth in
five out of seven mice.

Dhar et al. encapsulated the cisplatin prodrug Pt(IV)
within PLGA-PEG nanoparticles that were coated with the
PSMA aptamer A10 [100] (Figure 4). After cell-specific
uptake of the Pt(IV)-NP-Apt bioconjugates, Pt(IV) was
converted by cytosolic reduction processes into cisplatin.
Cytotoxicity assays with LNCaP cells revealed a higher in
vitro cytotoxic activity for the Pt(IV)-NP-Apt bioconjugates
with respect to free cisplatin or bioconjugates lacking the
aptamer portion. Additionally, the same laboratory recently
analyzed the pharmacokinetics, biodistribution, tolerability,
and efficiency of the Pt(IV)-NP-Apt bioconjugates when
administered in vivo in comparison to cisplatin [95]. The
authors observed a simultaneous improvement of all these
factors and proved the bioconjugates to be an efficient
nontoxic item for chemotherapeutic treatment of human
prostate cancer.

6.3.2. Glycoprotein 120 (gp120). Envelope glycoprotein
gp160 of HIV-1, consisting of two parts, gp120 (glycoprotein
120) and gp41 (glycoprotein 41), respectively, plays a crucial
role in HIV-1 infection. Therefore, blocking HIV-1 entry into
T cells with the aid of corresponding aptamers seems to be
a therapeutically promising strategy. James et al. reported
the selection of 2′-F-modified RNA aptamers that bound
to gp120 with high affinity, and thereby neutralized the in-
fectivity of R5 strains of HIV-1 in human peripheral blood
mononuclear cells (PBMCs) by blocking the interaction bet-
ween gp120 and CCR5 [69, 79, 80]. Zhou et al. published
in 2008 the application of these RNA aptamers [101]. The
authors designed aptamer-siRNA-chimeras that bound and
entered target cells via gp160-mediated endocytosis. The
siRNA portions were processed by dicer and specifically
downregulated the mRNA levels of the HIV-transcripts tat
and rev. This was the first report on aptamer-siRNA-chimera
in which both parts inhibited HIV-1 functions.
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One year later, the same group published the selection
of new 2′-F-modified gp120-binding aptamers that blocked
HIV-1 infection of cultured CEM T cells. Aptamers were
endocytosed into gp160-presenting target cells [102]. The
authors again took advantage of the cell-specific delivery
process of gp120-binding agents. Application of optimized
aptamer-siRNA-chimeras resulted in a successful downreg-
ulation of tat- and rev-mRNAs, thereby reducing HIV-1 re-
plication and infectivity in PBMCs. Taken together, the anti-
gp120 aptamers may be promising agents for an anti-HIV
therapy due to their ability to inhibit HIV-1 infectivity and
replication or due to their potential to escort further drugs
into affected cells.

6.3.3. Nucleolin. Nucleolin, a multifunctional eukaryotic nu-
cleolar phosphoprotein, plays a pivotal role in RNA trans-
cription, in DNA replication, and in the regulation of
different steps of ribosome biogenesis [111]. Furthermore
nucleolin binds to the mRNA of Bcl-2, an antiapoptotic
protein overproduced in several cancer types, and thereby
increasing its half-life [112]. Nucleolin is overproduced in the
cytoplasm and on the plasma membrane of certain tumor
cells [113]. AS1411, a 26 nt long nucleolin-binding DNA
aptamer, is taken up by nucleolin-presenting cancer cells
and prevents interaction of nucleolin with the mRNA of the
antiapoptotic Bcl-2. This causes destabilization of the Bcl-2
mRNA and subsequently a reduction of Bcl-2 protein which
may cause apoptosis [114]. Phase I and II clinical trials have
revealed the potency of AS1411 as new therapeutic agent
of different cancer types, like relapsed or refractory acute
myeloid leukemia or renal cell carcinoma [113].

To further improve AS1411 functions, Shieh et al. tested
in 2010 whether AS1411 could deliver drugs to target cancer
cells for photodynamic therapy (PDT) [103]. They created
physical conjugates of AS1411 and TMPyP4 (5,10,15,20-
tetrakis(1-methylpyridinium-4-yl)porphyrin). TMPyP4 is a
photosensitizing porphyrin derivative that interacts with G-
quadruplexes. Intracellularly, it serves as potent inhibitor of
human telomerase [115]. The physical complex was escorted
into MCF7 breast cancer cells and normal endothelial M10
cells via aptamer-mediated delivery and caused TMPyP4
accumulation in MCF7 cells but not in M10 cells. Subse-
quently, both cell types were exposed to light. The MCF7
cells were damaged to a significantly higher extent than
the control cells. These results underscore the potential of
AS1411 as a drug-delivery agent in cancer therapy.

6.3.4. Tyrosine-Protein Kinase-Like 7 Enzyme. Using cell-
SELEX, Shangguan et al. selected numerous different apta-
mers that specifically recognized leukemia cells [54] (details
in cell-SELEX chapter). For the cell-SELEX experiment the
authors targeted cultured CCRF-CEM cells, a precursor cell
line of T cell acute lymphoblastic leukemia cells (ALL).
Ramos cells, a B cell line from human Burkitt’s lymphoma,
served for counter selection. Resulting aptamers specifically
recognized CCRF-CEM cells with high affinity. Furthermore,
target leukemia cells were identified when mixed with
patients’ human bone marrow aspirates. After identification

of PTK7 (Tyrosine-protein kinase-like 7) as target molecule
of sgc8, Xiao et al. chose the aptamer sgc8c for further
cell-specific internalization studies [116]. Several drug-like
molecules were loaded on sgc8c, for instance, the MS2-coat
protein [117] or the chemotherapeutic agents daunorubicin
[118] and doxorubicin [104]. A conjugate of the latter with
the aptamer sgc8 was particularly efficient in selectively
killing specific cancer cells.

6.3.5. Transferrin Receptor (TfR). The enzyme replacement
therapy (ERT) is a therapeutic application to replace an
absent or deficient enzyme in patients by a functional
counterpart. ERT is used for example in lysosomal storage
diseases [119]. Receptors that underlie endocytosis are highly
relevant for escort of these lysosomal enzymes into cells if
coupled to appropriate delivery vehicles like aptamers. One
of the mentioned receptors is TfR, ubiquitously presented
on mammalian cells. It directs iron to cells via binding of
transferrin-Fe3+, followed by cellular endocytosis and iron
release into the endosomes [120]. Chen et al. used both,
DNA and RNA aptamers, selectively binding to the mouse
transferrin receptor (TfR) [105]. RNA aptamers for TfR were
first coupled to streptavidin. The conjugates bound specif-
ically to mouse fibroblasts (Ltk− cells) but not to human
293T cells. Streptavidin could be detected in the lysosomes of
Ltk− cells presumably due to cellular uptake via endocytosis.
After this proof of principle, a DNA aptamer was linked to
α-L-iduronidase, a lysosomal enzyme [105]. Cells lacking
this enzyme accumulate glycosaminoglycan. The aptamer-
enzyme conjugates were internalized into mouse fibroblasts
deficient for α-L-iduronidase and mediated by the TfR-speci-
fic DNA aptamer. The α-L-iduronidase was delivered into
lysosomes. Inside the lysosome, the enzyme could counteract
the glycosaminoglycan accumulation. The results reveal the
potency of aptamers to escort lysosomal enzymes into target
cells—a first step towards an aptamer-mediated enzyme re-
placement therapy for lysosomal storage diseases [105].

6.3.6. Mucin-1 (MUC1). Mucin-1 (MUC1) is a glycopro-
tein with considerable O-glycosylation within its extracel-
lular domain. Membrane-associated glycoforms of MUC1
uniquely and abundantly line the cell surfaces of most epi-
thelial cells, for instance, eyes, lungs and intestines. MUC1
represents an important surface biomarker for early diagno-
sis of cancers [121, 122]. MUC1 tumor markers undergo re-
cycling processes, for instance, through endosomes. There-
fore, these cell surface proteins may serve as entry portals
for aptamers specifically binding to MUC1. Ferreira et al.
reported recently the selection of MUC1 binding DNA
aptamers using mimics of well-known MUC1 determinants
on cancer cells as target molecules [123]. The obtained
aptamers interacted specifically with cells presenting MUC1
glycosylation forms and were efficiently internalized by epi-
thelial cancer cells. Coupling the aptamers to prodrugs like
chlorin e6 (Ce6), a heme-like agent for photodynamic ther-
apy (PDT), selectively killed MUC1 presenting epithelial
cancer cell lines [106].

6.3.7. Epidermal Growth Factor Receptor (EGFR). The epi-
dermal growth factor receptor (EGFR) is a transmembrane
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receptor with intrinsic tyrosine kinase activity. The EGFR
belongs to a family of receptors known as the ErbB family
(ErbB tyrosine kinase receptors). EGFR functions in a wide
range of cellular processes, including cell proliferation and
apoptosis [124]. It is overproduced in some types of cancer
cells [125]. EGFR is activated upon binding to its ligands,
for instance, EGF (epidermal growth factor) and TGFα
(transforming growth factor). Subsequently, EGFR changes
from an inactive monomeric form to an active homodimeric
form leading to autophosphorylation and signal transduc-
tion. EGFR activation triggers internalization processes
suggesting that receptor binding aptamers could become
cointernalized, and thus serve as drug-delivery tools [126].
Li et al. reported in 2010 on the selection and application of
aptamers that bind specifically to EGFR [107]. The authors
generated conjugates of aptamers and gold nanoparticles that
specifically targeted EGFR presenting A431 cells. The A431
cells internalized the aptamer-coated gold nanoparticles via
EGFR-mediated endocytosis. Presumably, these aptamers are
suitable for the delivery of further cargo molecules into
EGFR presenting cells.

6.3.8. Immunglobulin M Heavy Chain. In 2007, Tang et al.
reported on the cell-based systematic evolution of aptamers
binding whole living cells [127]. Ramos cells, a B-cell
Burkitt’s lymphoma cell line, served as target in the cell-
SELEX process. Resulting aptamers were able to identify
Ramos cells within a complex biological mixture [127].
On the basis of this work, Mallikaratchy et al. identified
membrane protein targets that were bound by the Ramos
cell-specific aptamers [128]. By covalently cross-linking the
Ramos cell-specific aptamer TD05 to its target cells, the
authors could identify the molecular target of TD05 using
mass spectrometry: the membrane bound IgM heavy chain.
It is part of the B-cell receptor and presented in high amounts
on the surface of Burkitt’s lymphoma cells. Internalization of
the aptamer, however, was not shown.

Nevertheless, converting these aptamers into delivery
agents Wu et al. published a novel approach by modifying
the end of an aptamer with a hydrophobic tail [108]. This
resulted in the assembly of highly ordered micelle-like nano-
particles.

These aptamer-containing nanoparticles showed lower
off rates after binding to the Ramos cells at 37◦C, presumably
due to multivalency. Furthermore, assembly of the aptamers
to micelles allows them to enter their target cells by fusion of
the micelle with the membrane of target cells. Loading the
micelles with drugs could thus yield drug delivery agents.
Additionally, the authors mimicked blood circulation of
living organisms in a flow channel system. The aptamer-
micelles were still able to recognize their target under flow
conditions. These results might pave the way for further
applications of aptamer-micelles as drug-delivery vehicles in
a biological living system.

7. Conclusions

Since the invention of the SELEX process more than two
decades ago, considerable progress has been made in the

field of aptamer technology. Several improvements, most
importantly automation, have made the traditional SELEX
procedure faster and more efficient and aptamers more easily
available. Aptamers for all kinds of targets, ranging from
small molecules to cell surface receptors have successfully
been selected. Today, the selection of aptamers for whole
cells is becoming increasingly popular, because their ability
to specifically recognize subpopulations of cells is highly
sought after. We anticipate that recent technical advances will
further boost this trend. In particular, the use of FACS in
the selection step represents a major technical progress, as it
allows selecting aptamers and removing selection-hampering
dead cells simultaneously.

The characteristics of aptamers also make them promis-
ing tools for diagnostic applications. Aptamer-based arrays,
for example, could become a valuable alternative to anti-
body-based microarrays for protein production profiling of
whole cells. These aptamer arrays might also be used to iden-
tify a specific cell type in complex cell mixtures. However,
more time and scientific effort will still be required before
aptamer-based products for diagnostics will be routinely
applied.

Aptamers also have numerous properties that render
them promising tools in therapy. As reviewed in this paper,
there are aptamers for a large variety of cell-specific target
molecules that play crucial roles in diseases, like viral
infection, inflammation, and cancer. We have summarized
examples from the recent literature illustrating aptamers
that inhibit or activate cellular functions. Furthermore, we
outlined how aptamers have been used to deliver therapeutic
agents, such as chemotherapeutics, siRNAs or nanoparticles
to cells or tissues. Aptamers are formidable delivery tools,
because they are comparatively small and can easily penetrate
tissues or become cointernalized with the receptors they are
specifically binding to. Furthermore, aptamers can be tuned
for desired applications: modified bases can be integrated to
increase the in vivo stability or to regulate their in vivo func-
tion. The possibility to regulate and control the function of
aptamers is crucial for a defined application in therapy. In
this field, we expect further developments based on light
regulation of aptamers as has been demonstrated by caged
aptamers for human thrombin [129]. Another promising
approach is the use of activatable [130] and deactivatable
[129] aptamer probes (AAP) for the targeting of membrane
proteins of living cancer cells [131].

Most of the diagnostically und therapeutically relevant
aptamers mentioned in this paper have so far only been
tested in animal models. There is only a limited number
of clinical investigations of aptamers for therapeutic appli-
cations in humans. Some of these aptamers are binding
specifically to defined proteins in cancer and eye diseases.
However, even if there is only one FDA-approved aptamer-
based drug so far (Macugen), some additional aptamers
have already entered the phase of clinical trials. This is not
very astonishing, because it often takes more than 10 years
before a drug candidate becomes commercially available. The
timeline for the development of aptamers as commercial
therapeutics is comparable to the generation of antibody-
based drugs. In 1975, the first monoclonal antibodies were
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generated. In 1986, the first monoclonal antibody was
approved by the FDA for therapeutically application the
second one in 1994. The same holds true for aptamers—
in 1990, the first aptamers were selected, in 2004, the first
aptamer-based drug, Macugen, was approved by the FDA.

Finally, the selection of aptamers and their use in diag-
nostic and therapeutic applications is still an expanding area.
Presumably, in the near future, further aptamers may become
approved drugs.
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[50] L. Cerchia, F. Ducongé, C. Pestourie et al., “Neutralizing
aptamers from whole-cell SELEX inhibit the RET receptor
tyrosine kinase.,” PLoS Biology, vol. 3, no. 4, article e123,
2005.

[51] H. Zhao and F. H. Arnold, “Directed evolution converts sub-
tilisin E into a functional equivalent of thermitase,” Protein
Engineering, vol. 12, no. 1, pp. 47–53, 1999.

[52] M. Avci-Adali, M. Metzger, N. Perle, G. Ziemer, and H. P.
Wendel, “Pitfalls of cell-systematic evolution of ligands by
exponential enrichment (SELEX): existing dead cells during
in vitro selection anticipate the enrichment of specific apta-
mers,” Oligonucleotides, vol. 20, no. 6, pp. 317–323, 2010.

[53] G. Mayer, M. S. L. Ahmed, A. Dolf, E. Endl, P. A. Knolle, and
M. Famulok, “Fluorescence-activated cell sorting for aptamer
SELEX with cell mixtures,” Nature Protocols, vol. 5, no. 12, pp.
1993–2004, 2010.

[54] D. Shangguan, Y. Li, Z. Tang et al., “Aptamers evolved from
live cells as effective molecular probes for cancer study,” Pro-
ceedings of the National Academy of Sciences of the United
States of America, vol. 103, no. 32, pp. 11838–11843, 2006.

[55] H. W. Chen, C. D. Medley, K. Sefah et al., “Molecular re-
cognition of small-cell lung cancer cells using aptamers,”
ChemMedChem, vol. 3, no. 6, pp. 991–1001, 2008.

[56] D. Shangguan, L. Meng, Z. C. Cao et al., “Identification
of liver cancer-specific aptamers using whole live cells,”
Analytical Chemistry, vol. 80, no. 3, pp. 721–728, 2008.

[57] K. Sefah, Z. W. Tang, D. H. Shangguan et al., “Molecular
recognition of acute myeloid leukemia using aptamers,”
Leukemia, vol. 23, no. 2, pp. 235–244, 2009.

[58] Z. Tang, P. Parekh, P. Turner, R. W. Moyer, and W. Tan,
“Generating aptamers for recognition of virus-infected cells,”
Clinical Chemistry, vol. 55, no. 4, pp. 813–822, 2009.

[59] C. Srisawat and D. R. Engelke, “Streptavidin aptamers: affin-
ity tags for the study of RNAs and ribonucleoproteins,” RNA,
vol. 7, no. 4, pp. 632–641, 2001.

[60] T. S. Romig, C. Bell, and D. W. Drolet, “Aptamer affinity
chromatography: combinatorial chemistry applied to protein
purification,” Journal of Chromatography B, vol. 731, no. 2,
pp. 275–284, 1999.

[61] J. K. Herr, J. E. Smith, C. D. Medley, D. Shangguan, and W.
Tan, “Aptamer-conjugated nanoparticles for selective collec-
tion and detection of cancer cells,” Analytical Chemistry, vol.
78, no. 9, pp. 2918–2924, 2006.

[62] A. Rentmeister and M. Famulok, “Functional nucleic acid
sensors as screening tools,” in Functional Nucleic Acids for



16 Journal of Nucleic Acids

Analytical Applications, L. Yingfu and L. Yi, Eds., p. 343,
Springe, New York, NY, USA, 2003.

[63] G. Liu, X. Mao, J. A. Phillips, H. Xu, W. Tan, and L. Zeng,
“Aptamer-nanoparticle strip biosensor for sensitive detection
of cancer cells,” Analytical Chemistry, vol. 81, no. 24, pp.
10013–10018, 2009.

[64] J. P. Overington, B. Al-Lazikani, and A. L. Hopkins, “How
many drug targets are there?” Nature Reviews Drug Discovery,
vol. 5, no. 12, pp. 993–996, 2006.

[65] D. R. Gutsaeva, J. B. Parkerson, S. D. Yerigenahally et al., “In-
hibition of cell adhesion by anti-P-selectin aptamer: a new
potential therapeutic agent for sickle cell disease,” Blood, vol.
117, no. 2, p. 727, 2011.

[66] L. Chen, D. Q. Li, J. Zhong et al., “IL-17RA aptamer-med-
iated repression of IL-6 inhibits synovium inflammation in a
murine model of osteoarthritis,” Osteoarthritis Cartilage, vol.
19, no. 6, p. 711, 2011.

[67] Y. Wang, Z. Z. Khaing, N. Li et al., “Aptamer antagonists of
myelin-derived inhibitors promote axon growth,” PLoS ONE,
vol. 5, no. 3, article e9726, 2010.

[68] S. Santulli-Marotto, S. K. Nair, C. Rusconi, B. Sullenger, and
E. Gilboa, “Multivalent RNA aptamers that Inhibit CTLA-4
and enhance tumor immunity,” Cancer Research, vol. 63, no.
21, pp. 7483–7489, 2003.
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Using SELEX (systematic evolution of ligands by exponential enrichment), we serendipitously discovered a ssDNA aptamer that
binds selectively to the anti-FLAG M2 antibody. The aptamer consisted of two motifs (CCTTA and TGTCTWCC) separated by
2-3 bases, and the elimination of one or the other motif abrogated binding. The DNA aptamer and FLAG peptide competed
for binding to the antigen-binding pocket of the M2 antibody. In addition, the aptamer eluted FLAG-tagged proteins from the
antibody, suggesting a commercial application in protein purification. These findings demonstrate the feasibility of using SELEX
to develop ssDNA aptamers that block the function of a specific antibody, a capability that could lead to the development of novel
therapeutic modalities for patients with systemic lupus erythematosus, rheumatoid arthritis, and other autoimmune diseases.

1. Introduction

Antinuclear antibodies are diagnostic markers of systemic
lupus erythematosus, rheumatoid arthritis, and other auto-
immune diseases [1]. In these B lymphocyte disorders, a
large variety of autoantibodies are made against nuclear self-
antigens, including ribonucleoproteins, nucleosomes, chro-
matin, and polynucleotides (RNA, ssDNA, and dsDNA).
Among these, anti-DNA antibodies have been the most ex-
tensively studied [2]. Anti-DNA antibodies bind with high-
affinity to either single- or double-stranded DNA and many
tend to favor association with pyrimidine bases [3, 4]. Sev-
eral reports have also described antinuclear antibodies cross-
reacting with peptide self-antigens and depositing in the
brain, kidneys, and skin [5–9]. As proposed by several inves-
tigators, this deposition may be a cause of inflammation-
mediated tissue damage, especially in the kidneys where
nephritis is a major source of morbidity [1, 2]. In mouse
models of systemic lupus erythematosus, attempts were
made to block the function of these cross-reacting antibodies
using peptide aptamers, derived either from their cognate

peptide self-antigens or from phage display libraries [10, 11].
In some cases, the peptide aptamer competitively associat-
ed with the antinuclear autoantibodies, thereby preventing
antibody-mediated tissue damage [10, 11]. Thus, direct anti-
body inhibition might be an effective therapy in patients with
autoimmune diseases driven by the presence of antinuclear
antibodies. Another viable approach to block antinuclear an-
tibodies might be to use DNA aptamers, given the high-
affinity of these antibodies for DNA and evidence of nucle-
otide base specificity. But this approach has clearly been un-
derexplored, perhaps due to the lack of reports on the fea-
sibility of developing DNA aptamers to block the function of
specific antibodies.

An adaptive technique employed to define the sequence
specificity of DNA/RNA-binding proteins is SELEX (sys-
tematic evolution of ligands by exponential enrichment). In
SELEX, the protein of interest is used as a selection matrix
to capture high-affinity DNA binding sites from a pool of
randomized DNA molecules [12, 13]. This pool is comprised
of an oligonucleotide that contains a randomized core (up
to 35 bases in size) flanked by PCR priming sequences.
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The randomized core is made during chemical synthesis us-
ing a mixture of all four nucleoside phosphoramidites at
each of the random positions. Following their capture, the
selected DNA molecules are reamplified by PCR and then
further enriched through successive rounds of selection.
After 4–6 rounds, the selected DNA molecules are cloned and
sequenced to identify any common DNA motifs recognized
by the protein of interest. SELEX can be applied to the se-
lection of ssDNA, dsDNA, or even RNA molecules [12, 13].
It is a powerful tool that has been used to optimize nucleic
acid ligands for a multitude of proteins, even some which
do not normally interact with DNA or RNA. As an example,
SELEX was utilized to develop RNA aptamers that bind
to blood coagulation factors, including thrombin [14], Von
Willebrand factor [15], and Factor IXa [16]. In all three cases,
the selected RNA aptamers interacted selectively with their
corresponding protein targets and, in the process, inhibited
their blood coagulation activities. A second generation of
aptamers was developed, and, among these, some have
entered clinical trials in patients with blood coagulation dis-
orders [15].

Using SELEX, we serendipitously discovered a ssDNA
sequence that binds selectively to the M2 antibody, a
commonly used reagent that recognizes the Flag epitope
(DYKDDDDK). The DNA aptamer and Flag peptide com-
peted for binding to the M2 antibody, thereby allowing the
aptamer to elute Flag-tagged proteins from an immobilized
M2 antibody, a commonly employed procedure in protein
purification. Aside from this immediate application in pro-
tein purification, identification of this DNA aptamer demon-
strates the feasibility of using SELEX to develop aptamers
that block specific antibodies. Applying this approach to
antinuclear autoantibodies could lead to the development of
novel therapeutic strategies for patients with systemic lupus
erythematosus, rheumatoid arthritis, and other autoimmune
diseases.

2. Materials and Methods

2.1. Materials. Oligonucleotides were synthesized by the
Eppley Core Facility (University of Nebraska Medical Center,
Omaha, NE). Plasmid pTetFLAGhTRF245−501 was a gift
from Dr. Titia de Lange (Rockefeller University, New York,
NY) [17]. The polynucleotide kinase and the Platinum Pfx
and Taq DNA polymerases were purchased from Invitrogen
(Carlsbad, CA). All other enzymes were obtained from
Fermentas (Hanover, MD), New England BioLabs (Beverly,
MA), Promega (Madison, WI), or Invitrogen (Carlsbad, CA).
The TnT Quick coupled Transcription/Translation System
was purchased from Promega (Madison, WI). The γ-[32P]-
ATP (4500 Ci/mmol) was purchased from MP Biologicals
(Solon, OH), and the L-[35S]-Methionine (1000 Ci/mmol)
was obtained from PerkinElmer (Boston, MA). M-450
magnetic beads coated with a sheep anti-mouse IgG antibody
were received from Dynal Biotech, Inc., (Lake Success, NY).
3XFLAG peptide and all other chemicals were from Sigma-
Aldrich (St. Louis, MO). The Mini-PROTEAN 4%–20%
SDS-PAGE gels were purchased from Bio-Rad (Hercules,
CA).

2.2. Antibodies. Mouse monoclonal antibodies against the
Flag tag (IgG1 clone M2) and StnI/OBFC1 (IgG2ak clone
3G12-1B7) were purchased from Sigma-Aldrich (St. Louis,
MO). Normal mouse IgG (cat. # sc-2025) and anti-vimentin
mouse monoclonal antibody (IgG1 clone sc-6260) were ob-
tained from Santa Cruz (Santa Cruz, CA), as was the rab-
bit polyclonal antibody against TRF2 (cat. # H-300). Also
purchased were mouse monoclonal antibodies against PTOP
(IgG1 clone 1D8-1B6; Novus Biologicals, Littleton, CO) and
TIN2 (IgG1 clone 59B388, AbCam, Cambridge, MA).

2.3. Expression Vectors. The plasmid pcDNA3.1-Flag-Stn1
was made by insertion of the human Stn1 sequences into
plasmid pcDNA3.1-Flag. The coding sequence of Stn1 was
amplified from plasmid pOTB7-Stn1 (GenBank # BC017400;
American Type Culture Collection, Manassas, VA) using
the Platinum Pfx DNA polymerase and primers 5′-GA-
CTGACAATTGGGTGGTATGCAGCCTGGATCCAG-CC-
3′ and 5′-GACTGAAGATCTTCAGAACGCTGTGTAGTA-
GTG-3′. The PCR product was then cut with MfeI/BglII and
inserted into the EcoRI/BamHI sites of pcDNA3.1-Flag, in
frame with the Flag tag. pcDNA3.1-Flag is a pcDNA3.1(−)
vector encoding a Flag epitope located downstream of
a T7 promoter and immediately followed by an EcoRI
site. Plasmid pcDNA3.1-Flag-TRF2ΔB was made from its
pCMV1 equivalents by transfer of its TRF2 cassette to
vector pcDNA3.1(−) (Invitrogen, Carlsbad, CA). pCMV1-
Flag-TRF2ΔB was in turn made by the transfer to pCMV1 of a
SacII/BamHI fragment from plasmid pTetFLAGhTRF245−501

(a gift from Titia de Lange, Rockefeller University, NY) [17].

2.4. Protein Expression. The Flag-Stn1 and [35S]-Flag-
TRF2ΔB proteins were made by in vitro transcription/trans-
lation in a rabbit reticulocyte lysate. In a final volume of
50 μL, one microgram of pcDNA3.1-Flag-Stn1 was tran-
scribed/translated using the TnT Quick Coupled system,
according to the manufacturer’s instructions (Promega,
Madison, WI). A water-programmed lysate (mock) was pro-
duced in parallel to serve as a negative control. After transla-
tion, aliquots of the two reactions were analyzed by western
blotting using both the Stn1/OBFC1 antibody and anti-Flag
M2 antibody. A single species of 45 kDa was detected by
the two antibodies in the Stn1-programmed lysate but not
the Mock lysate (See Figure S1 in Supplementary Material
available online at doi: 10.4061/2011/720798). The [35S]-
labeled Flag-TRF2ΔB protein was produced similarly with the
exception that the unlabeled methionine was replaced with
2 μL of L-[35S]-methionine (1000 Ci/mmol, 10 μCi/μL).

2.5. Preparation of Beads Coated with the Anti-Flag M2 Anti-
body. M2 antibody-coated beads were prepared by mixing
200 μL of M-450 magnetic beads coated with a sheep anti-
mouse IgG antibody (Dynal Biotech, Inc., Lake Success, NY)
with 15 μg of anti-Flag antibody (M2 mouse monoclonal,
Stratagene, La Jolla, CA) in 5 mL of PBS containing 0.1%
each of NP-40 and BSA. After overnight rotation at 4◦C, M2-
coated beads were washed 3 times in PBS containing 0.1%
each of NP-40 and BSA, after which beads were suspended
and stored in 200 μL of the same buffer. Before use, beads
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were washed 3 times with ice-cold 1X binding buffer con-
taining 0.1% BSA. Control beads coated with normal mouse
IgG (cat. # sc-2025, Santa Cruz) were prepared following the
same exact protocol.

2.6. SELEX. An oligonucleotide containing a random core
of 35 nucleotides flanked by PCR priming sequences was
made: 5′-GCGTCGACAAGCTTTCTAGA(N)35GAATTC-
GGATCCCTCGAGCG-3′. In the first round of selection,
5 μg of this randomized oligo (215 pmoles, 130 trillion mol-
ecules) was incubated with 12.5 μL of rabbit reticulocyte ly-
sate (programmed with either water or Flag-Stn1) and 5 μg of
sonicated denatured E. coli genomic DNA in a 50 μL reaction
containing 1X binding buffer (4% glycerol, 1 mM MgCl2,
1 mM DTT, 50 mM NaCl, 10 mM Tris-HCl pH 7.5). After
30 minutes at room temperature, 10 μL of M2-coated beads
were added and the samples were rotated at room tempera-
ture for 1 hour. Magnetic beads were washed 3 times with ice-
cold 1X binding buffer containing 0.1% BSA, after which the
selected oligos were eluted for 10 minutes at room tempera-
ture in the presence of an excess of 3XFLAG peptide (34 μM
in 1X binding buffer). Next, the eluted DNA was reamplified
by PCR using Platinum Taq DNA polymerase and primers
5′-GCGTCGACAAGCTTTCTAGA-3′ (forward) and 5′-
CGCTCGAGGGATCCGAATTC-3′ (reverse). Aliquots taken
after 10, 15, 20, and 25 cycles of PCR were resolved on a 3%
agarose gel. The most optimally amplified aliquot (no smear,
no supershift, within the exponential range) was select-
ed, cut, and gel purified using the GENECLEAN III kit (MP
Biologicals, Solon, OH). Next, the gel-purified products were
subjected to asymmetric PCR to regenerate ssDNA mole-
cules needed for the following rounds of SELEX. Sixteen cy-
cles of asymmetric PCR were performed using Platinum
Taq DNA polymerase and the forward primer, after which
the PCR products were extracted with phenol : chloroform
(1 : 1), chloroform only, and then ethanol precipitated. The
ssDNA pellet was dissolved in water and was ready to be
used in the next round of SELEX. Additional round of SELEX
were done identically, except that the randomized oligo was
replaced with the previously selected and reamplified ssDNA.

After the sixth round of selection, the symmetrically
amplified PCR product was gel purified and then prepared
for TA-cloning into vector pCR2.1-Topo (Invitrogen, Carls-
bad, CA). Chemically transformed TOP10 E. coli cells were
spread onto plates containing kanamycin (25 μg/mL). A total
of 50 white colonies were picked and sent for sequencing.
Over 30 sequences were obtained for each of the two SELEX
procedures performed (mock versus Flag-Stn1).

2.7. Radiolabeling of DNA Probes. In 20 μL of forward reac-
tion buffer (10 mM MgCl2, 5 mM DTT, and 70 mM Tris-
HCl, pH 7.6), 30 pmoles of oligonucleotide were labeled for
15 minutes at 37◦C with 75 μCi of γ-[32P]-ATP (4500 Ci/
mmole) and 10 units of T4 polynucleotide kinase (Invit-
rogen, Carlsbad, CA). Next, the probes were resolved by
electrophoresis on an 8% polyacrylamide gel and were gel
purified. Lastly, the eluted probes were desalted on a G50
spun column (GE Healthcare, Piscataway, NJ).

2.8. Electrophoretic Mobility Shift Assay (EMSA). In 25 μL
of 1X binding buffer, reactions contained 1 μg of the indi-
cated antibody and 80,000 cpm of the designated [32P]-la-
beled oligonucleotide. Reactions were incubated at room
temperature for 30 minutes, and were then loaded onto a
4% native polyacrylamide gel containing TBE buffer (45 mM
Tris-borate, 2 mM EDTA, pH 8.3). Gels were run at 4◦C for 1
hour at 180 Volts. Gels were then transferred to a DE81 anion
exchange chromatography paper (Whatman Internation-
al, Maidstone, England), dried, and exposed to a Phospho-
rImager screen (Molecular Dynamics, Sunnyvale, CA). In
competition experiments, the indicated competitors were
added 5 minutes prior to the addition of the [32P]-labeled
ABA probe. The competitors used included an increasing
concentration of 3XFLAG peptide (2, 5, 10, 20, 50, 100, 200,
or 500 nM) or an excess of either the ABA or CTR oligo
(500 nM each).

2.9. Binding Isotherm of the ABA Probe. Experiments were
performed with [32P]-labeled ABA as described above, ex-
cept that the M2 antibody was added at an increasing concen-
tration (0, 50, 100, 200, 350, 500, 750, 1000, 2000, and
4000 ng). After exposure of the gel to a PhosphorImager
screen, the amount of free [32P]-ABA and amount of [32P]-
ABA bound to the M2 antibody were quantified by volume
integration using ImageQuant program (Molecular Dynam-
ics, Sunnyvale, CA). The amount of [32P]-ABA bound,
expressed as a fraction of the total, was plotted as a function
of total amount of M2 antibody. The resulting curves were
fitted by nonlinear regression to a “one-site” saturation bind-
ing curve ([ 32P]-ABA bound = [M2]/(KD + [M2])). Fitting,
performed using SigmaPlot version 11.0, allowed calculation
of the apparent dissociation constant (KD).

2.10. Release of the Captured [32P]-ABA Oligo by the 3XFLAG
Peptide. The [32P]-labeled ABA oligo was first immobilized
onto the M2-coated beads. Briefly, 150 μL of M2-coated
beads were added to 375 μL of 1X binding buffer containing
600,000 cpm of [32P]-ABA oligo. Capture of the oligo was
allowed to proceed for one hour at room temperature, after
which the beads were washed 3 times with 500 μL of ice-cold
1X binding buffer (containing 0.1% BSA). The radioactive
beads were then resuspended in 450 μL of the same buffer. To
assess the ability of the 3XFLAG peptide to elute the captured
oligo, an increasing concentration of 3XFLAG peptide (0,
2, 5, 10, 20, 50, 100, 200, 500, 1000, 2000, and 5000 nM)
was added to 30 μL of beads carrying the [32P]-ABA oligo.
After 20 minutes at room temperature, the beads were pulled
down and the amounts of radioactivity remaining on the
beads and in the supernatant were counted by scintillation
and expressed as a fraction of the total.

2.11. Inhibition of the Capture of [35S]-Labeled Flag-TRF2ΔB .
Prior to these experiments, beads were blocked at 4◦C for
30 minutes with 5% milk in 1X binding buffer to reduce
nonspecific binding. In 1X binding buffer, M2-coated beads
were first incubated with the indicated competitor (30 μM
each 3XFLAG, 3XABA, or 3XCTR) or with no competitor
(No Comp). After 10 minutes at room temperature, 2–10 μL
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of [35S]-labeled FLAG-TRF2ΔB were added. After 1 hour of
rotation at room temperature, each reaction was washed 3
times with 500 μL of ice-cold 1X binding buffer (containing
0.1% BSA), after which the amount of [35S]-Flag-TRF2ΔB

captured was quantified. In one experiment, the amount
captured was quantified by SDS-PAGE electrophoresis and
exposure to a PhosphorImager screen. In a second experi-
ment done in triplicate, the amount of [35S]-Flag-TRF2ΔB

captured was quantified by scintillation counting. In both
experiments, beads coated with normal mouse IgG were
included as a negative control for the capture (IgG).

2.12. Release of Precaptured [35S]-Labeled Flag-TRF2ΔB. The
[35S]-labeled Flag-TRF2ΔB protein was first immobilized
onto the M2-coated beads. Briefly, 80 μL of M2-coated beads
were added to 800 μL of 1X binding buffer containing 32 μL
of [35S]-Flag-TRF2ΔB. Capture of the protein was allowed
to proceed for one hour at room temperature, after which
the beads were washed 3 times with 500 μL of ice-cold 1X
binding buffer (containing 0.1% BSA). The radioactive beads
were then resuspended in 80 μL of the same buffer. To assess
the ability of the 3XABA oligo to elute the captured protein,
five microliters of these beads were mixed with 45 μL of 1X
binding buffer containing the indicated competitor (30 μM
each 3XFLAG, 3XABA, or 3XCTR) or no competitor (No
Comp). After 20 minutes at room temperature, the beads
were pulled down and the amount of radioactivity in the
supernatants was quantified by SDS-PAGE electrophoresis
and exposure to a PhosphorImager screen. In an experi-
ment done in triplicate, the amount of [35S]-Flag-TRF2ΔB

released was also quantified by scintillation counting. In both
experiments, beads boiled to release all of the captured [35S]-
labeled protein were included as positive control for the
elution (Total).

3. Results

3.1. SELEX Driven by the Anti-Flag M2 Antibody. SELEX
was used to characterize the DNA-binding specificity of
a human Flag-tagged Stn1 protein [18, 19], in this case
produced by in vitro translation in a rabbit reticulocyte cell-
free system. The in vitro translated Flag-Stn1 was mixed
with a pool of randomized ssDNA molecules and then,
the anti-Flag M2 antibody was used to immunoprecipitate
the Flag-Stn1/DNA complexes to select for high-affinity
targets. After six successive rounds of selection, the selected
ssDNA molecules were cloned and sequenced. Analysis of
a related unselected random pool revealed a slight bias
for G-rich sequences, but no evidence of any recurrent
motifs [20]. In contrast, analysis of the Flag-Stn1 selected
oligonucleotides revealed a bipartite consensus motif made
of two distinct elements: CCTTA and TGTCTWCC (where
W = A/T; Figure 1(a)). These elements were separated by
2-3 bases of poorly conserved sequences. However, the
same bipartite consensus motif was also produced when
SELEX was performed with the same antibody but using a
mock-programmed reticulocyte lysate as a control source of
proteins (Figure 1(b)). Based on these results, we concluded
that the bipartite consensus had been selected, not by the

Flag-Stn1 protein, but by the M2 antibody itself or proteins
of the lysate that the antibody cross-reacted with.

3.2. The M2 Antibody Binds the Consensus ssDNA Motifs.
To test the possibility of direct interactions between the
bipartite consensus and M2 antibody, EMSA was performed.
A series of equal length [32P]-labeled ssDNA probes con-
taining or lacking each element of the consensus were made
(Figure 2(a)). Probes AB, BA, and ABA carried both the
CCTTA and TGTCTWCC motifs, whereas probe 2XB and
4XA consisted of multiple copies of one or the other element.
The unrelated CTR probe was used as negative control.
Figure 2(b) shows that the M2 antibody could form a stable
complex with the ABA probe and to a lesser extent, the AB
probe. None of the other probes interacted with the M2
antibody. Also noteworthy, neither the BA probe lacking the
CCTTA element nor the AA probe lacking the TGTCTWCC
element interacted with the antibody, thereby indicating that
both elements are essential for binding. Figure 2(b) also
shows that among 7 different antibodies, the M2 antibody
only interacted with probe ABA. These results show that
probe ABA binds very selectively to the M2 antibody, thereby
suggesting that these interactions are involving the variable
regions of the antibody, whether part of the light chain, heavy
chain, or both.

To measure the affinity of the M2 antibody for probe
ABA, the apparent dissociation constant (KD) of the complex
was determined. A binding isotherm was generated by EMSA
using a constant amount of [32P]-ABA incubated with
an increasing concentration of M2 antibody (Figure 2(c)).
Plotting the amount of ABA bound as a function of the total
concentration of antibody generated a binding isotherm.
Fitting of this isotherm to a “one site” saturation binding
curve allowed for calculation of the KD. In this case, the
apparent KD was determined to have a value of 80 ± 7 nM
(Figure 2(d)). The value is comparable to the apparent KD of
other previously reported DNA aptamer/antibody complexes
[21]. This result shows that the M2 antibody binds with high
affinity to its preferred DNA ligand, the ABA probe.

3.3. The Flag Peptide Competes with the Binding of the ABA
Oligo to the M2 Antibody. The M2 antibody binds to both
the Flag peptide (DYKDDDDK) and the ABA probe, so we
sought to determine whether the two ligands could compete
for each other. In a first series of experiments, we asked
if an excess of 3XFLAG peptide (MDYKDHDGDYKDH-
DIDYKDDDDK) could block the binding of [32P]-labeled
ABA to the M2 antibody. In the EMSA shown in Figure 3(a),
an increasing concentration of 3XFLAG peptide was incu-
bated with the M2 antibody prior to adding the [32P]-
ABA. At concentrations of 50 nM and higher, the 3XFLAG
peptide could completely block the binding of ABA to the M2
antibody. A similar inhibition was produced following the
inclusion of an excess of unlabeled ABA oligo, but not after
the addition of the CTR oligo. These results show that the
3XFLAG peptide competes with the binding of probe ABA to
the M2 antibody.

In a second series of experiments, we asked whether an
excess of 3XFLAG peptide could elute a [32P]-ABA oligo
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Figure 1: SELEX with or without the Flag-Stn1 protein yields the same bipartite consensus. A randomized pool of ssDNA molecules was
incubated with an in vitro translation system programmed with either a Flag-Stn1 plasmid (Flag-Stn1 present) or water (Flag-Stn1 absent),
after which protein/DNA complexes were recovered by immunoprecipitation using the anti-Flag M2 antibody. After six successive rounds of
selection, the remaining oligonucleotides were cloned and sequenced. (a) Oligonucleotides selected in the presence of the Flag-Stn1 protein.
The selected ssDNA molecules share a common bipartite consensus, which consists of a CCTTA (pink) and TGTCTWCC (green) motifs.
Nonnucleotide letters denote ambiguous sequencing reads (R = A/G, Y = C/T, S = C/G, W = A/T, K = T/G, M = A/C). (b) Oligonucleotides
selected in the absence of the Flag-Stn1 protein. The same bipartite consensus is shared among the ssDNA molecules selected by the mock-
programmed in vitro translation system.
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Figure 2: The bipartite ssDNA consensus binds directly to the anti-Flag M2 antibody. (a) Sequence and graphical representation of the
probes used. All probes were labeled at the 5′-end with [32P]. Probes were designed to carry none, one, or both of the identified motifs. Motif
A = CCTTA (pink). Motif B = TGTCTWCC (green). (b) The anti-Flag M2 antibody binds selectively to probe ABA. The indicated probes
(80,000 cpm) were incubated with the listed antibodies (1 μg), after which protein/DNA complexes were resolved by electrophoresis in a
native polyacrylamide gel. (c) Titration of the M2 antibody. A constant amount of probe ABA was incubated with an increasing concentration
of M2 antibody, and the protein/DNA complexes were resolved by native electrophoresis. At the higher antibody concentrations, a larger
protein/DNA complex is observed (top arrow), which may represent the product of antibody oligomerization. (d) Binding isotherm of probe
ABA interacting with the anti-Flag M2 antibody. The scatter plot shows the amount of ABA bound (amount present in both protein/DNA
complexes) as a function of antibody concentration. Dotted line shows fitting of the data to a “one site” saturation binding curve. Nonlinear
regression of the data allowed for the determination of the dissociation constant (KD = 80 ± 7 nM). Error on the value of the KD represents
the 95% confidence interval of the best-fit curve.
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already bound to the M2 antibody. For this purpose, [32P]-
ABA was first captured by magnetic beads coated with the
M2 antibody, after which an increasing concentration of
3XFLAG peptide was added. In Figure 3(b), the amount of
ABA bound to the beads and the amount released from the
beads were plotted as a function of the concentration of the
3XFLAG peptide. The data show that the ABA oligo was very
efficiently released by the addition of the 3XFLAG peptide.
A small fraction of oligo, representing 36%, could not be
displaced, but the other fraction was almost completely
released by 2000 nM of 3XFLAG peptide. Fitting the data to
a “one site” competition curve allowed for the calculation of
an IC50. In agreement with the values of the KD, the IC50

was determined to be 96 nM (95% confidence interval: 72–
127 nM). These results show that the 3XFLAG peptide can
elute the ABA oligo when bound to the M2 antibody.

3.4. The 3XABA Oligo Blocks the Association of Flag-Tagged
Proteins with the M2 Antibody. If the ABA oligo and the
Flag peptide compete for binding to the M2 antibody, then
an excess of ABA oligo could potentially allow the elu-
tion of Flag-tagged proteins from the M2-coated beads, a
commonly used procedure in protein purification. To ad-
dress this possibility, we first determined whether an excess of
ABA oligo could block binding of [S35]-labeled Flag-TRF2ΔB

to M2-coated beads. In these experiments, the M2-coated
beads were first incubated with the competitors (30 μM of
3XFLAG peptide, 3XABA or 3XCTR oligos) or with no com-
petitor (No Comp). Then, the [S35]-labeled Flag-TRF2ΔB was
added and the amount of [S35] captured by the beads was
measured by either SDS-PAGE electrophoresis (Figure 4(a))
or scintillation counting (Figure 4(b)). As Figures 4(a)–4(b)
show, the 3XFLAG peptide abolished the capture of the
[S35]-labeled protein whereas the 3XCTR oligo had no effect.
Although not as active as the 3XFLAG peptide, the 3XABA
oligo inhibited the capture of Flag-TRF2ΔB by 62%. The
shorter ABA aptamer was also tested but found to be less
active (Figure S2), with ABA blocking the capture by 45%
only.

Next, we asked whether an excess of 3XABA oligo could
elute an [S35]-labeled Flag-TRF2ΔB protein already bound to
the M2-coated beads. In these experiments, the [S35]-labeled
protein was first captured by the M2-coated beads. Next, the
radioactive beads were exposed to the competitors (30 μM of
3XFLAG peptide, 3XABA or 3XCTR oligos) or to no com-
petitor (No Comp), and the amount of [S35] released was
quantified by either SDS-PAGE electrophoresis (Figure 4(c))
or scintillation counting (Figure 4(d)). As Figures 4(c)-4(d)
show, the 3XFLAG peptide caused the release of 54% of the
captured protein whereas the 3XCTR oligo had no activity.
The 3XABA oligo was almost as effective as the 3XFLAG
peptide, causing the release of 36% of the bound protein.

4. Discussion

The initial intent of this study was to use SELEX to char-
acterize the ssDNA-binding specificity of Flag-tagged Stn1,
a subunit of the CST complex [18, 19]. Instead, the SELEX
procedure enriched for ssDNA molecules that bind with high

affinity to the anti-Flag M2 antibody. How was this selection
by the antibody even possible? First, it may be that the in vitro
translated Flag-Stn1 protein did not possess the minimum
required DNA-binding activity. Improper folding could have
contributed to this lack of activity. Alternatively, it may be
that the OB-fold domain (oligonucleotide/oligosaccharide
binding) of Stn1 is involved in mediating protein-protein
interactions rather than DNA-binding [18, 19]. Second, the
Flag epitope (DYKDDDDYK) is highly negatively charged,
making it possible for an optimized DNA molecule to mimic
the electrostatic signature of the peptide. Third, ssDNA is far
more flexible than dsDNA, and in that respect, could more
readily adapt to the positively charged surface of the antigen-
binding pocket of the M2 antibody [22]. In other words,
we propose that selection mediated by the antibody would
not have been possible if the Flag epitope had been neutral
or positively charged, if SELEX had been performed using
dsDNA, or if the Flag-tagged Stn1 protein had exhibited a
higher affinity for ssDNA. In fact, we have successfully used
SELEX under similar conditions to define the ssDNA binding
specificity of POT1, a protein that recognizes telomeric
DNA. This SELEX, also performed using the M2 antibody,
almost exclusively selected for telomeric sequences with no
evidence of the bipartite motif detected (Choi, K. H. and
Ouellette, M. M., manuscript in preparation). The selection
by SELEX of off-target aptamers is not uncommon, especially
when selecting single-stranded nucleic acids [23]. Off-target
aptamers that bind to the selection matrix (e.g. avidin, M2
antibody), as we have observed here, have also been reported
by others [23]. Hence, caution and experimental controls
are necessary, especially when selecting ssDNA molecules
for their binding to a protein of unknown functionality.
Under these conditions, an important control to perform,
as we have done here, is a mock selection to verify that the
molecules were indeed selected by the protein of interest.

Our findings show that the identified bipartite consensus
binds selectively and with high affinity to the M2 antibody.
An important finding was the specificity of this interaction.
For example, the consensus did not bind to any of the other
antibodies tested, many of which belonging to the same
isotype as the M2 antibody (mouse IgG1). This specificity
implied that the interactions involved the variable regions
of the antibody, which together form the antigen-binding
pocket. This assumption was confirmed by the results of the
competition experiments. As Figure 4 shows, the ssDNA con-
sensus could very efficiently displace the Flag peptide from
the antigen-binding pocket of the M2 antibody. Converse-
ly, the Flag peptide could similarly displace the DNA aptamer
from the antibody as well (see Figure 3). This competition
between the Flag peptide and DNA aptamer implies that the
two are recognized by overlapping binding determinants at
the surface of the antibody. A shared feature of the Flag pep-
tide and ABA aptamer is their negative electrostatic charges.
On the surface of the antibody, these negative charges on
the two ligands are likely to interact with some of the same
binding determinants. The binding pocket of the M2 anti-
body appears to be specific only for the first 4 amino acids
of the Flag peptide, namely, DYKD [22]. Two clusters of
positively charged residues (lysines, arginine, histidine) are
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Figure 3: The 3XFLAG peptide blocks the binding of ABA to the M2 antibody. (a) The 3XFLAG peptide prevents formation of the ABA/M2
complex. The M2 antibody was incubated with an increasing concentration of 3XFLAG peptide after which the [32P]-ABA probe was added.
Protein/DNA complexes were resolved by electrophoresis in a native polyacrylamide gel. (b) The 3XFLAG peptide elutes the ABA probe
already bound to the M2 antibody. The [32P]-ABA was first captured by magnetic beads coated with the M2 antibody. The beads were then
incubated with an increasing concentration of 3XFLAG peptide and the amount of [32P]-ABA released and remaining on the beads was
counted by scintillation (n = 1).

present in the binding pocket, each capable of coordinating
an aspartate within the DYKD motif. The same two clusters
could potentially interact with phosphate groups present
within the backbone of the ABA oligo. Also important for
the binding are two tyrosine residues, each one capable of
forming stacking interactions with the tyrosine of DYKD.
When bound to the ABA oligo, the same tyrosines could
provide stacking interactions to some of the nucleotide bases.
Yet, these limited interactions would not suffice to explain the
sequence specificity observed. The selected consensus con-
sisted of two separate motifs (CCTTA and TGTCTWCC) and
mutating one or the other was sufficient to abrogate binding.
To allow recognition of this large bipartite consensus, other
residues must be implicated that make contact with several of
the nucleotide bases. Hence, it must be that the Flag peptide
interacts with a subset only of all the residues implicated in
the binding of ABA. If so, then how could the Flag peptide
be so efficient at displacing ABA from the M2 antibody? It is
possible that the binding determinants that the two ligands
share are especially critical for the binding of ABA. A second
possibility would be that the binding of the Flag peptide
causes changes in the conformation of the antibody, and that
these allosteric alterations are incompatible with the binding
of ABA. How the ABA aptamer is able to mimic the structure

of the Flag peptide remains to be determined, but this form
of mimicry between peptide and DNA has previously been
reported to play an important role in autoimmune diseases
and may also have important applications in drug design [5–
9]. The ABA oligo and Flag peptide offer an ideal system with
which to study the structural basis of this form of molecular
mimicry.

One commonly employed procedure in protein purifi-
cation is the capture of Flag-tagged proteins by the M2
antibody and their subsequent release by incubation with
an excess of 3XFLAG peptide [24]. This procedure allows
the elution of the purified proteins under nondenaturing
conditions. However, the procedure leaves the eluted protein
in solution with an excess of 3XFLAG peptide, which can
pose a problem if the Flag tag needs to remain functional.
A DNA aptamer capable of eluting the Flag-tagged proteins,
such as 3XABA, could alleviate these potential drawbacks.
Once the protein is eluted, the DNA aptamer could conve-
niently be inactivated by an antisense oligo or eliminated us-
ing trace amounts of DNAse. Alternatively, if the aptamer
is biotinylated, its removal could be accomplished using
streptavidin-coated beads. Finally, a DNA aptamer would
also offer the possibility of using mutated oligos as negative
controls or for the differential elution of captured proteins.
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Figure 4: 3XABA oligonucleotide blocks the interaction of Flag-tagged proteins with the M2 antibody. (a)-(b) The 3XABA oligo blocks
the binding of Flag-TRF2ΔB to M2-coated beads. Magnetic beads coated with the M2 antibody were incubated in the absence (No Comp)
or presence of the indicated competitor (3XABA, 3XCTR, 3XFLAG). In vitro translated [35S]-labeled Flag-TRF2ΔB was then added and the
amount captured by the beads was determined by SDS-PAGE electrophoresis and exposure to a PhophorImager cassette (a). In a second
experiment done in triplicate, the amount of [35S]-labeled protein captured was counted by scintillation (b). The amount of [35S]-labeled
protein captured in the absence of competitor (No Comp) was arbitrarily set to 100%. In both experiments, beads coated with normal
mouse IgG were included as negative control for the capture (IgG). Data represent the mean ± S.D. (n = 3). (c)-(d) The 3XABA oligo elutes
the Flag-TRF2ΔB proteins already bound to M2-coated beads. The [35S]-Flag-TRF2ΔB protein was first captured by magnetic beads coated
with the M2 antibody. The beads were then incubated in the absence (No comp) or presence of the indicated competitor (3XABA, 3XCTR,
3XFLAG). The amount of [35S]-Flag-TRF2ΔB released was determined by SDS-PAGE electrophoresis and exposure to a PhophorImager
cassette (c). In a second experiment done in triplicate, the amount of [35S]-labeled protein released was counted by scintillation (d). The
amount of [35S]-labeled protein released by the boiling (total) was arbitrarily set to 100%. In both experiments, beads boiled to release to all
of the captured [35S]-labeled protein were included as positive control for the elution (Total). Data represent the mean± S.D. (n = 3).
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These results described here may also have implications
for the treatment of autoimmune diseases driven by antinu-
clear antibodies. Previous attempts to block the function of
these autoantibodies have been made with peptide mimics,
either isolated from phage display libraries or derived from
peptide self-antigens with which these antinuclear antibodies
cross-react [10, 11]. These results described therein show that
SELEX can be used to identify DNA aptamers that block the
function of a particular antibody. Could this approach be
used to develop aptamers that block the function of anti-
nuclear autoantibodies? In certain autoimmune diseases,
blocking the function of antinuclear autoantibodies has
been shown to limit tissue damage [10, 11]. The sequence
specificity of antinuclear autoantibodies has not been sys-
tematically investigated [3, 4]. SELEX would represent an
ideal method for characterizing the sequence specificity of
antinuclear autoantibodies. The SELEX data could serve as
starting point for the design of second-generation aptamers
that might be useful to block the function of these autoan-
tibodies. The development of these DNA aptamers could
therefore represent an alternative approach to the treatment
of patients afflicted with systemic lupus erythematosus,
rheumatoid arthritis, and other autoimmune diseases.

5. Conclusion

In summary, SELEX identified a DNA aptamer that binds
directly to the antigen-binding pocket of the anti-Flag M2
antibody. The DNA aptamer and Flag peptide competed for
binding to the M2 antibody and the aptamer eluted Flag-
tagged proteins from an immobilized M2 antibody. This
new reagent therefore offers an alternative method for the
elution of Flag-tagged proteins bound to the M2 antibody,
a commonly employed procedure in protein purification.
Aside from this immediate application in protein purifica-
tion, identification of this bipartite consensus demonstrates
the feasibility of using SELEX to develop DNA aptamers
that block specific antibodies. Applying this approach
to autoantibodies, particularly the antinuclear antibodies,
could lead to the development of novel therapeutic strategies
for patients with systemic lupus erythematosus, rheumatoid
arthritis, and other autoimmune diseases.
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In addition to the canonical B-form structure first described by Watson and Crick, DNA can adopt a number of alternative
structures. These non-B-form DNA secondary structures form spontaneously on tracts of repeat sequences that are abundant in
genomes. In addition, structured forms of DNA with intrastrand pairing may arise on single-stranded DNA produced transiently
during various cellular processes. Such secondary structures have a range of biological functions but also induce genetic instability.
Increasing evidence suggests that genomic instabilities induced by non-B DNA secondary structures result in predisposition
to diseases. Secondary DNA structures also represent a new class of molecular targets for DNA-interactive compounds that
might be useful for targeting telomeres and transcriptional control. The equilibrium between the duplex DNA and formation
of multistranded non-B-form structures is partly dependent upon the helicases that unwind (resolve) these alternate DNA
structures. With special focus on tetraplex, triplex, and cruciform, this paper summarizes the incidence of non-B DNA structures
and their association with genomic instability and emphasizes the roles of RecQ-like DNA helicases in genome maintenance by
resolution of DNA secondary structures. In future, RecQ helicases are anticipated to be additional molecular targets for cancer
chemotherapeutics.

1. Introduction

Structure of the right-handed B-form DNA has been known
since 1953 [1]. Instead of being a conformationally homoge-
nous molecule, DNA has the capability of adopting several
types of conformations as dictated by its sequence [2]. As
early as 1957, association of ribonucleic poly-A and poly-U
polymers into three-stranded complexes was revealed using
sedimentation coefficient and optical absorption measure-
ments [3]. It was later shown by atomic resolution single-
crystal X-ray diffraction analysis that the DNA hexamer
d(CpGpCpGpCpG) forms a left-handed conformation (Z-
DNA) with altered helical parameters relative to the right-
handed B-form [4]. This was followed by the identification
of cruciform structures formed by inverted repeats [5, 6].
Finally, guanine-rich motifs in DNA were discovered to
form parallel four-stranded complexes called tetraplex, G-
quadruplex, or G4 DNA [7]. More than ten different DNA
conformations have now been discovered [8], and these are
often referred to as secondary structures, alternative DNA,

or non-B DNA. A non-B database has been developed for
prediction of alternative DNA structures including Z-DNA
motifs, quadruplex-forming motifs, inverted repeats, mirror
repeats and direct repeats, and their associated subsets of
cruciforms, triplex, and slipped structures, respectively [9].

Non-B DNA structures are functional genomic elements
that play a variety of roles in the cell [10]. These include
gene function and regulation [11], immune response [12],
telomere maintenance [13], recombination [14], antigenic
variation in human pathogens [15], and the generation of
genomic diversity [16]. The DNA secondary structures are
suggested to be involved in regulation at both transcriptional
and translational levels; however, when the subtle balance
between the replication, transcriptional, and repair machin-
ery is impaired, these secondary structures may induce
genetic instability. Alternate structure-forming sequences are
known to be unstable and represent hotspots for deletion
or recombination in bacteria, yeast, and mammals [17–20].
This genetic instability has generally been related to DNA
replication because non-B structures cause DNA polymerase
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pausing in vitro and replication fork pausing in vivo [21].
Slow replication was observed in an inverted repeat sequence
in Escherichia coli [22], and inverted repeats lead to deletions
or chromosomal rearrangements more frequently in yeast
that are deficient in DNA polymerase activity [23, 24]. Slow
progression of the replication fork could facilitate formation
of secondary structures at long tracts of single-stranded
DNA in the lagging-strand template [25]. These secondary
structures pose obstacle to replication fork progression
causing fork arrest and/or collapse ultimately leading to
double-strand breaks (DSBs) and genome rearrangements
[26, 27]. The formation of alternative DNA structures can
also activate nucleotide excision and SOS pathways resulting
in segments of single-stranded DNA (ssDNA) [28]. Such
ssDNA regions can be converted to DSBs during replica-
tion and lead to mutations through mechanisms such as
homologous recombination or nonhomologous end joining
[29]. Conditions that favor the structural transitions from
B-DNA to non-B DNA lead to genetic instability in model
systems [27]. Alternative structure-mediated mutagenesis
has been implicated in the incidence of gross rearrangements
and deletions as well as point mutations [30–32]. There
is significant circumstantial evidence for the involvement
of DNA secondary structures in association with genetic
instability leading to human disease [33, 34].

The vastness of mutagenic capability would be predicted
to reduce the prevalence of secondary structure-forming
tracts in genomes; however they are abundant and often
enriched in the regulatory regions of genes [9]. With such an
array of challenging sequence elements, it is evident that cells
have developed the capacity for controlling the potential of
these sequences for genome destabilization. Among several
elucidated mechanisms to resolve secondary DNA structures,
RecQ helicases represent an important class of enzymatic
activities that are utilized to counteract such challenge to
genomic stability.

2. RecQ Helicases

The RecQ family represents one of the most highly conserved
groups of DNA helicases [35–39]. Bacteria and budding yeast
have one RecQ homolog, RecQ and SGS1, respectively. The
RecQ helicase family has 5 homologs in the human genome:
RECQ1, WRN, BLM, RecQ4, and RecQ5β (Figure 1). RecQ
helicases share a centrally located helicase domain that
couples nucleotide hydrolysis to DNA unwinding and
defines the RecQ family. Many, but not all, RecQ helicases
contain additional conserved RQC (RecQ C-terminal) and
HRDC (helicase and RNaseD C-terminal) domains, which
are implicated in protein interactions [40, 41] and DNA
binding [42]. Eukaryotic RecQ helicases have, in addition,
further N- and C-terminal extensions that are involved in
protein-protein interactions and postulated to lend unique
functional characteristics to each helicase [43, 44]. Certain
RecQ homologues also have strongly acidic regions that have
been shown to mediate interaction with single-strand DNA-
binding proteins such as RPA [37]. Furthermore, nuclear

localization signal (NLS) has been identified for several RecQ
proteins (Figure 1) [37].

RecQ helicases unwind DNA duplex with 3′-5′ polarity
in a reaction that is dependent of NTP hydrolysis [37].
Curiously, several RecQ proteins have been demonstrated to
also have the ability to promote annealing of complementary
strands in a reaction that is inhibited by the presence of
ATP [37]. It was confirmed that ATP binding to the protein
modulates oligomeric state of RECQ1 and regulates these
apparently conflicting biochemical activities [45, 46].

RecQ helicases are remarkable among all DNA helicases
for two primary reasons. First, in addition to unwinding
duplex DNA, they are capable of unwinding a variety of DNA
substrates containing noncanonical structures including
forked duplexes, displacement loops (D-loops; an intermedi-
ate in homologous recombination reactions), triple helices,
3- or 4-way junctions, and G-quadruplex DNA [37, 47].
In fact, in many instances, they prefer these substrates
to standard duplex DNA. Second, germline mutations in
three human RecQ helicase homologs WRN, BLM, and
RECQ4, which are located on chromosomes 8p-12, 15q-
26.1, and 8q-24.3, respectively, give rise to rare genetic
disorders of Werner, Bloom, and Rothmund-Thomson/
RAPADILINO/Baller-Gerold syndromes, respectively, all of
which are characterized by chromosomal instability and
predisposition to cancer [48–51]. Distinct clinical features of
these disorders indicate that human RecQ homologs perform
unique cellular functions. Cellular studies point to critical
requirement of RECQ1 and RecQ5β [52, 53], but defects
in these have not been associated with a human disease
yet. As reviewed in next sections, collective biochemical,
cellular, and genetic findings signify a pivotal role of RecQ
helicases in resolution of non-B DNA structures and genome
maintenance.

3. Prevalence, Consequences, and Unraveling of
Non-B Secondary DNA Structures

Genomic maintenance entails highly regulated interaction of
intrinsic factors such as the nature of sequence or the action
of DNA replication and repair proteins and extrinsic factors
such as environmental mutagens. Repetitive sequences in the
genomes have the propensity to form complex secondary
structures which could lead to diverse types of genomic
instability. One of the common mechanisms of alternative
structure-induced instability is obstruction of replication
fork progression leading to fork stalling and/or collapse
[54]. RecQ helicases are proposed as genome caretakers
and guardians of DNA replication forks [55]. The following
sections summarize impact of certain specific non-B DNA
structures on genomic stability and review the roles of RecQ
helicases in resolving these structures.

3.1. Cruciforms

3.1.1. Cruciform DNA Structures and Their Occurrence in
Genomes. A cruciform structure is formed by intrastrand
base pairing of inverted repeat sequences and is characterized
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Figure 1: The RecQ helicase family. Proteins are aligned by their conserved helicase domain. Conserved domains and motifs in each group
are shown by different colors as depicted at the bottom.

by the presence of a four-way junction in which two
of the branches are hairpin structures formed on each
strand of the inverted repeat [5] (Figure 2(a)). The bases
located between the inverted repeats do not self-pair and
instead form the apical loops of the hairpins; however the
overall structure is stabilized by the free energy of negative
supercoiling [56]. Cruciform is structurally similar to a
Holliday Junction (HJ) recombination intermediate [57].
In fact, cruciform structures formed by extrusion of an
inverted repeat sequence in supercoiled plasmids have been
extensively used to study the mechanistic properties of HJ-
resolving enzymes [58, 59].

The existence of cruciforms has been demonstrated
in vitro [60] and in vivo [61–63]. Cruciform structures
have been reported in the genome of E. coli [64] as
well as mammalian cells [63]. Cruciform-forming inverted
repeat sequences have been found at the operator and
transcription termination regions [65], as well as at the
replication origin region [63, 66]. The distribution of such
sequences often overlaps with chromosomal regions prone
to gross rearrangements [67]. Because cruciform structures
are energetically unfavorable, they are thought to form
transiently in vivo as stable structures. The action of cellular
factors such as junction specific nucleases, binding proteins,
and DNA helicases is suggested to affect the equilibrium and
the rate of formation of cruciform structures in vivo [68].

3.1.2. Cruciforms and Genomic Instability. Palindromes, a
specific type of inverted repeat separated by only very few
base pairs, are poorly tolerated in E. coli cells and are
underrepresented in the S. cerevisiae and human genomes
[69, 70] presumably due to their tendency to form hairpin
and cruciform structures, which could be recognized and
cleaved by a nuclease [71] or could affect or slow down
DNA replication [72]. Cruciform structures are found in
mutagenic hotspots, and their presence has been suggested
to be etiologic in causing rearrangements and chromosomal
instability in humans [2, 73, 74]. The AT-rich palindromic

repeats involved in the recurrent t(11;22) constitutional
translocation favor adopting a cruciform structure in vitro
and involve frequent DSBs [75, 76]. Direct Alu repeats artifi-
cially inserted in an inverted orientation in the yeast genome
undergo DSBs and enter a break-fusion cycle resulting in
dicentric chromosomes [77]. It has been proposed that the
break might be caused by a cruciform-specific resolution
activity similar to HJ resolvase, which generally is thought to
act on intermediates produced through homologous recom-
bination in the repair of DSBs or stalled replication [67].
However, recent studies show that nearby inverted repeats
in budding and fission yeasts recombine spontaneously and
frequently to form dicentric and acentric chromosomes
independent of DSB formation, possibly by a replication
mechanism involving template switching [78, 79].

3.1.3. Cruciform Resolvases. Four-way DNA joint molecules,
termed HJs, are key intermediates in recombination [80].
Proteins with the enzymatic ability to cleave synthetic HJs
in vitro have been termed HJ “resolvases,” and these DNA
junction-resolving enzymes exhibit considerable selectivity
for the structure of their substrates [81]. E coli RuvC and its
associated proteins RuvA and RuvB constitute the archetypal
resolvase system [82]. RuvC is a dimeric protein that pro-
motes HJ resolution by introducing a pair of symmetrically
related nicks in two diametrically opposed strands across
the junction point [82]. Ongoing search for the eukaryotic
equivalent of bacterial RuvC HJ resolvase has led to the
discovery of a number of DNA endonucleases, including
Mus81-Mms4/EME1 [83], Slx-Slx4/BTBD12/MUS312 [84–
86], XPF-ERCC1 [87], and Yen1/GEN1 [88, 89]. Further-
more, MUS81-EME1 also forms part of a larger nuclease
complex containing SLX1-SLX4 and XPF-ERCC1 raising the
possibility that these nucleases cooperate to process HJs
[81]. Thus, it appears that eukaryotes possess alternative,
and mechanistically varied, ways to process HJs, perhaps
reflecting the critical importance of this step for cell viability
and mutation avoidance.
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Figure 2: Schematic representation of certain non-B-form DNA structures. DNA can assume various alternate conformations depending
upon the sequences. (a) Cruciform structures are formed at inverted repeats and also as intermediates of homologous recombination
pathway, (b) Intermolecular triplex are formed by a triplex forming oligonucleotide (TFO, shown in blue) which binds to the purine-rich
strand of the target duplex through the major groove. (c) Intramolecular triplex DNA structures can form at homopurine·homopyrimidine
sequences with mirror symmetry, where a single-stranded region can bind in the major groove of the underlying DNA duplex to form a
three-stranded helix. (d) G4 DNA is formed via parallel arrangement of four G-rich DNA strands; green boxes represent four guanine bases
in planar arrangement via Hoogsteen base pairing. (e) Intermolecular G4 conformation is formed by DNA sequences with G-rich repeats
forming hairpins that dimerize to stabilize bimolecular structure. (f) Intramolecular G4 DNA (or fold-over G quadruplex) is formed by
single DNA strand with either four G-rich repeats or longer G tract that can fold upon themselves to form the G4 structure.

3.1.4. Metabolism of Cruciform-Like Structures by RecQ Heli-
cases. Cellular and biochemical studies have established that
RecQ helicases are vital in the metabolism of cruciform-
like structures [90]. Loss of SGS1 in S. cerevisiae results in
the accumulation of HR-dependent replication intermedi-
ates that resemble HJs [91]. In humans, DNA processing
defects during replication and/or recombination have been
suggested to contribute to the molecular pathology of
Werner and Bloom syndromes [92]. Werner syndrome cells
fail to resolve recombination intermediates [93], and the
expression of wild-type WRN protein or RusA, a bacterial
enzyme that cleaves four-way junctions, was both shown
to rescue the WRN recombination defect and to improve
cell survival following DNA damage [94]. Cytogenetic
phenotype of elevated sister chromatid exchanges (SCEs) in
Bloom syndrome cells has suggested hyperrecombination or

aberrant resolution of DNA recombination intermediates in
the absence of active BLM protein [95]. Thus, a potential role
for both WRN and BLM would be to prevent DNA structures
including HJ that arise at blocked or collapsed replication
forks from being processed into mature recombinants [55].

Indeed, RecQ helicases preferentially resolve 4-way HJs
which are formally analogous to cruciform structures [37].
Several RecQ helicase proteins, including human BLM,
WRN, RECQ5, and RECQ1, and the yeast homolog SGS1
were shown to selectively bind HJ structures and to promote
ATP-dependent branch migration in vitro [44, 45, 96–99].
Furthermore, BLM [97], WRN [96], RECQ5 [44], and
RECQ1 [100] are capable of branch-migrating HJs over sev-
eral kilobases which is remarkable given that these helicases
normally display poor processivity in the absence of RPA
[37]. The bacterial HJ core recognition protein RuvA inhibits
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HJ branch migration by BLM, WRN, RECQ1 or RECQ5β
suggesting that these RecQ helicases specifically recognize the
HJ core where they initiate unwinding [37]. It is conceivable
that RecQ helicases may promote branch migration with a
mechanism similar to the oligomeric RuvAB branch migra-
tion motor wherein two RuvA tetramers bind the junction
and promote the loading of two RuvB hexamers on the two
arms of the junction [101]. This notion is supported by the
fact that BLM, WRN, and RECQ1 form oligomeric structures
in solution [102]. The WRN protein binds HJ as an oligomer
[103], and an N-terminal fragment of BLM is known to
form hexamers and dodecamers [104]. Remarkably, the N-
terminal region (residues 1–56) of RECQ1 was found to be
essential for both oligomerization and HJ resolution activity
[105].

Slipped strand hairpins or cruciforms with single-
stranded regions are also formed at tracts of trinucleotide
repeats during replication and stall replication forks [10].
A structure-specific nuclease, Flap endonuclease 1 (FEN-1),
has been implicated in resolution of such structures [54, 106,
107]. The nuclease activity of FEN-1 is robustly stimulated by
physical interaction with WRN [108, 109]. WRN and FEN-
1 directly interact at the sites of arrested replication forks
suggesting that the formation of a functional FEN-1/WRN
complex is important for resolving stalled DNA replication
forks [110]. Cleavage of an HJ intermediate of fork regression
by FEN-1 requires WRN branch fork migration [110]; WRN
helicase activity initiating from the HJ core provides a suit-
able DNA molecule with a free 5′ ssDNA end on which FEN-
1 can load to ultimately catalyze structure-specific cleavage of
the unwound 5′ ssDNA arm [111]. However, stimulation of
FEN-1 is mediated by direct protein-protein interaction but
does not require WRN catalytic activity [108, 112]. In fact,
expression of a conserved noncatalytic C-terminal domain of
WRN necessary and sufficient for the physical and functional
interaction with FEN-1 is sufficient to rescue the yeast dna2-
1 mutant phenotypes [113]. The conserved C-terminal in
BLM was subsequently also found to mediate a physical and
functional interaction with FEN-1 [109], and the phenotypes
of yeast dna2 mutants can be rescued by expression of
BLM [114]. Importantly, BLM stimulated FEN-1 cleavage
of foldback flaps, bubbles, or triplet repeats in a helicase-
dependent manner [115, 116]. Thus, WRN and BLM
helicases likely act as very effective remover of structures that
inhibit FEN-1 and thereby prevent duplications, expansions,
and other genome disruption [111].

Cruciform metabolism is also among critical functions
of certain RecQ family helicases that are mediated by the
species-specific interaction with topoisomerase III homologs
[90]; the Rmi1 protein serves as an additional component
of the heterotrimeric functional complex [117]. The major
role of the concerted helicase-topoisomerase complex is to
catenate or decatenate dsDNA, resulting in the resolution
or “dissolution” of double HJs [118, 119]. Double HJs
are shown to exist in vivo and are thought to arise when
both ends of a DSB invade a homologous sequence at
the final steps of homologous recombination [120, 121].
Human and Drosophila BLM proteins, but not other RecQ
helicases, together with topoisomerase IIIα, have the ability

to catalyze double HJ dissolution on model DNA substrates
in a reaction that requires BLM-mediated ATP hydrolysis and
the active-site tyrosine residue of topoisomerase IIIα [118,
122]. BLAP75/RMI promotes BLM-dependent dissolution
reaction by recruiting topoisomerase IIIα to the double HJ
[123, 124]. Notably, this functional interaction is highly
specific, as the BLAP-75 topoisomerase IlIa pair has no
effect on either WRN or E. coli RecQ helicase activity, and
E. coli Top3 cannot substitute for topoisomerase IlIα in the
enhancement of the BLM helicase activity [125]. Dissolution
of dHJs in S. cerevisiae is performed by the SGS1-Top3-
Rmi1 complex [126]. Recent data are consistent with SGS1
and Top3 acting together in vivo because cells lacking SGS1
or Top3 exhibited persistent HJ-containing DNA structures
following exposure to DNA damage [127].

Collectively, RecQ helicases constitute a remarkable
group of enzymes that promote resolution of HJs via non-
resolvase mechanisms, and this is believed to be one of their
critical functions in genome maintenance.

3.2. Triplex

3.2.1. Triplex Structures and Their Occurrence in Genomes.
Naturally occurring homopurine/homopyrimidine sequen-
ces can fold into triplex configuration by binding a third
strand of DNA or RNA in the major groove of Watson-Crick
duplex DNA through Hoogsteen or reversed Hoogsteen
hydrogen bonds [128] (Figure 2(c)). Intermolecular triplexes
are formed when the triplex-forming strand originates
from a second DNA molecule, for example, triplex-forming
oligonucleotides (TFOs) [128] (Figure 2(b)). Intramolecular
triplexes are the major elements of H-DNAs in which the
third strand is provided by one of the strands of the same
duplex DNA molecule at homopurine:homopyrimidine
sequences with mirror symmetry [129]. Unfavourable charge
repulsion between the three negatively charged DNA strands
contributes to the low stability of triplexes under physio-
logical conditions. At physiological pH, triplex formation
usually involves a purine-rich third strand that is antiparallel
to the complementary strand and is stabilized by negative
supercoiling, modification with phosphorothioate groups,
or polyvalent cations such as Mg2+ or polyamines such as
spermine and spermidine [129].

Triplexes have been shown to exist in chromosomes and
nuclei, and the existence of H-DNA structures has been
evidenced both in vitro and in vivo [130]. Triplex formation
in vivo is supported by the identification of mammalian
proteins that bind specifically to them [131, 132] and to
the polypyrimidine [133] and polypurine single strands
[18]. H-DNA conformations have been identified in vivo
by using triplex-specific monoclonal antibodies [134, 135]
and fluorescent “in situ nondenaturing” hybridization [136].
The presence of an H-DNA conformation in vitro has
been demonstrated in constructs containing the sequences
of interest from E. coli and mammalian genomic DNA
or by using chemicals that modify nucleotides specifically
in single-stranded DNA or double-stranded DNA [137,
138]. The sequence-specific DNA recognition and binding
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characteristics of synthetic TFOs have been extensively
studied because of their potential applications in genome
modification and therapy [139]. Most annotated genes in
both the mouse and human genomes are predicted to
contain at least one unique potential TFO binding site [140].
Similarly, naturally occurring sequences capable of adopting
H-DNA structures are very abundant in mammalian cells
(∼1 in every 50,000 bp in humans) [129, 141]. Majority of
polypurine·polypyrimidine sequences are located in introns,
promoters and 5′ or 3′ untranslated regions and are enriched
in genes involved in cell signaling and cell communication
[142]. Importantly, H-DNA structure-forming sequences are
found flanking protooncogenes [143, 144].

3.2.2. Triplex and Genomic Instability. Naturally occurring
triplexes are sources of genomic instability, and TFO can
induce targeted mutagenesis, recombination, or DNA repair,
and can inhibit proliferation and induce apoptosis in
cultured cells [14, 31]. Genomic instability of human DNA
sequences that can form triplexes is associated with the
etiology of several diseases including neurological disorders
[34]. For example, the triplex-forming potential of a (GAA)n
repeat has been correlated with the genomic instability
and reduced frataxin gene expression in Friedreich’s ataxia,
a triplet repeat disorder [145]. The repeated sequence
was shown to inhibit DNA polymerization in vitro and
progression of replication forks in vivo suggesting that
the triplex formation by the Friedreich’s ataxia (GAA)n
repeat inhibits DNA replication [146, 147]. In addition
to posing block to replication progression [148], naturally
occurring triplex-forming sequences have been shown to
interfere with transcription [144]. Many breakpoints on
the translocated c-myc gene in Burkitt’s lymphoma and
t(12;15) BALB/c plasmacytomas are clustered around the
H-DNA-forming sequences in the promoter regions [149].
Indeed, the naturally occurring H-DNA structure-forming
sequence from the human c-MYC gene was shown to induce
DSBs within these sequences in mammalian cells [32] and
cause genomic instability in mice [149]. Collectively, these
studies imply that the triplex structures result in fragile
sites or mutation hotspots causing DSBs and subsequent
translocation of the gene [129]. As part of the mechanisms
whereby cells prevent the deleterious effects of alternate DNA
structures, triplex formation in vivo is likely to be at least
partly inhibited by destabilizing proteins or helicases.

3.2.3. Triplex Unwinding by RecQ Helicases. Triplex-forming
sequences have been demonstrated to block replication
in vitro [148]. Purified recombinant E. coli RecQ protein
partially alleviates triplex formation and facilitates fork
progression through triplex-forming DNA in vitro; loss of
RecQ significantly increases the mutations caused by triplex-
forming DNA in vivo [150]. RecQ-deficient E. coli utilize
RecG helicase for fork regression upon encountering triplex
structures and thereby restart replication [150]. A RecG
equivalent in human is not identified yet, but human BLM
and WRN helicases can unwind a DNA triple helix [151] and
also catalyze fork regression [152]. In vitro studies with triple

helices formed by a pyrimidine motif third strand demon-
strated that WRN and BLM catalyze triplex unwinding in
nucleoside triphosphate hydrolysis-dependent reaction and
require a free 3′-ssDNA overhang attached to the third
strand [151]. Triplex unwinding by BLM and WRN does not
require a single strand:double strand fork at the junction
of the third strand and the triplex [151] indicating that the
unwinding is promoted by inherent structural elements of
the triplex substrate; this might also be facilitated by the
oligomeric structures of these helicases [102]. More recently
it was demonstrated that DHX9 (nuclear DNA helicase II
(NDH II) or RNA helicase A (RHA)) protein, a superfamily 2
helicase, preferentially unwinds intermolecular triplex DNA
substrates in vitro with a specific 3′-5′ polarity with respect
to the displaced third strand (similar to BLM and WRN
helicase); this activity required a 3′-ssDNA overhang on the
third strand and was dependent on ATP hydrolysis [153].
In contrast, a 5′-ssDNA overhang on the triplex-forming
oligonucleotide is required to unwind the third strand of
the triplex structure by FANCJ, a superfamily 2 helicase that
unwinds DNA in the 5′-3′ direction [154]. This is consistent
with the observations that FANCJ requires a preexisting
5′-ssDNA to unwind conventional B-form duplex DNA
substrates [155] and G-quadruplex DNA substrates [156].
Triplex unwinding by other human RecQ proteins has not
been reported yet; however, examination of individual RecQ
homolog might reveal differential preference for non-B DNA
structures [105].

Identification and characterization of triplex unwinding
helicases have signified the critical importance of triplex
resolution for genomic stability. This is highlighted by the
fact that mutations in WRN, BLM, FANCJ lead to genomic
instability and certain cancer in humans [157], whereas
homozygous DHX9 knockout mice are embryonic lethal
[158]. Cellular DNA metabolic processes involve transient
formation of ssDNA which can possibly interact with other
strands to form secondary and tertiary structures [159].
If triplexes are not resolved, they can potentially interfere
with processes such as DNA replication, recombination, and
repair [129]. Further investigations to uncover the roles of
helicases in resolving triplex DNA structures are necessary
for understanding the cellular mechanism(s) for genome
stability maintenance.

3.3. G4 DNA

3.3.1. G4 DNA Structures and Their Occurrence in Genomes.
G-quadruplexes form in vitro in guanine-rich sequences that
contain four tracts of at least three guanines separated by
other bases and are stabilized by G-quartets [160]. The G-
quartets arise from the association of four guanines into a
cyclic Hoogsten hydrogen-bonding arrangement in which
each guanine base makes two hydrogen bonds with its
neighbor using different hydrogen-bonding positions to the
canonical Watson-Crick base pairing. The planar G-quartets
stack on top of each other, giving rise to four-stranded helical
structures (Figure 2(d)). These structures, called G-tetraplex,
G-quadruplex, or G4 DNA, may involve intramolecular or
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intermolecular interactions, and the phosphodiester back-
bones of the four participating strands may be in parallel
or antiparallel orientation [161] (Figures 2(e) and 2(f)). The
formation of G4 structures is strongly dependent on mono-
valent cations such as K+ and Na+ and, hence, physiological
buffer conditions favor their formation, and it has been
suggested that G4 DNA may be routinely assembled and
disassembled within cells [162].

The human genome contains nearly 376 000 distinct sites
with the potential to form G4 DNA [163, 164], and the evi-
dence for in vivo formation of G4 DNA has emerged in recent
years [165]. Notably, G4 DNA has been observed by electron
microscopy from transcribed human G-rich DNA arrays in
bacteria [166] and by immunochemistry at the end of the
ciliate Oxytricha telomeres [167]. The G-rich chromosomal
domains predicted to form G4 DNA include four classes
of repetitive regions: telomeres, rDNA, immunoglobulin
heavy chain switch region, and G-rich minisatellites [168].
Replication, recombination, transcription, and telomeric
DNA elongation involve steps in which two strands of duplex
DNA can be unwound transiently, providing an opportunity
for the G-rich strand to form quadruplex structures during
these DNA metabolic events [165]. Formation of G4 DNA
modulates key cellular processes such as immunoglobulin
gene rearrangement, promoter activation, and telomere
maintenance [169].

3.3.2. G4 DNA and Genomic Instability. A direct link between
potential G4-forming sequences and genomic instability
has been provided by genetic studies in model organisms.
DOG-1 (deletions of guanine-rich DNA), an ortholog of
mammalian FANCJ helicase, is essential for the stability of
G-tracts in the genome of C. elegans [170, 171]. Worms
defective in DOG-1 accumulate deletions in regions of
the genome containing long G-tracts [171] whereas the
introduction of a G-quadruplex-forming DNA sequence
into C. elegans is highly mutagenic and is removed from
genomes lacking DOG-1 [170]. FANCJ is one of the 13
known genes which lead to Fanconi anemia, and cells
from patients lacking functional FANCJ accumulate large
genomic DNA deletions that map to potential G4-forming
sequences [172]. Moreover, FANCJ preferentially unwinds G
quadruplexes over other DNA substrates in vitro suggesting
that the FANCJ helicase, like DOG-1, functions in resolv-
ing potential replication impediments caused by DNA G-
quadruplexes [156]. The RTEL (regulator of telomere length)
helicase, another DOG-1 homolog, has a very clear role
at telomeres in mice, and RTEL-deficient embryonic stem
cells exhibit chromosome-end fusions lacking detectable
telomere signals [173]. It is suggested that G-quadruplexes
impose a structural barrier to DNA replication and various
nucleic acid processing enzymes and are a potential source
of genetic instability if not resolved. Identification of several
DNA helicases that efficiently unwind and disrupt G4 DNA
indicates that eukaryotic cells possess the mechanism for
resolution of G4 DNA structures.

3.3.3. Resolution of G4 DNA by RecQ Helicases. RecQ family
members are prominent in that they preferentially unwind

tetraplex DNA [37]. The E. coli RecQ [174], yeast SGS1
[175], and human WRN [176] and BLM [177] proteins have
been demonstrated to melt synthetic G4 DNA constructs.
Both SGS1 and BLM unwind G4 DNA with at least 15-fold
preference relative to duplex substrates [175, 178, 179] and
HJ structures [178]. This substrate preference correlates with
the binding affinity and maps to the conserved RQC region
of the RecQ proteins [41]. The G4 DNA unwinding activity
is proposed to contribute in the maintenance of two G-rich
genomic domains, rDNA and telomeres. SGS1 is required
for recombination-mediated lengthening of telomeres in
telomerase-deficient S. cerevisiae [180–182]. Furthermore,
SGS1-deficient cells are characterized by nucleolar fragmen-
tation and production of rDNA circles suggesting a role of
SGS1 in rDNA metabolism [183, 184]. A possible role of
WRN in rDNA metabolism is indicated by the fact that a
significant fraction of WRN is nucleolar [185]. Notably, cells
from Werner syndrome patients show premature senescence
and accelerated rates of telomere shortening [186]. WRN
helicase was shown to be necessary for preventing dramatic
telomere loss during lagging-strand replication of the G-rich
strand and the consequent accumulation of chromosome
aberrations such as chromosome fusions [187]. Consistent
with a role in telomere maintenance, the WRN helicase is
localized to telomeres, possibly via its interaction with TRF2
which also binds BLM [188, 189].

By resolving the tetraplex and other non-B DNA
structures, RecQ proteins might clear the way for DNA
polymerase during replication or repair synthesis. In support
of this hypothesis, Kamath-Loeb et al. demonstrated that
physical association of DNA polymerase δ with WRN enables
unwinding of tetraplex (and hairpin) structures by the
helicase and allows polymerase to pass through the roadblock
[190, 191]. WRN was also shown to physically interact with
p50 subunit of human pol δ which constitutes the active
dimeric core of the enzyme with p125 subunit [192]. Thus
a possible function of WRN (and presumably other RecQ
proteins) might be the recruitment of this polymerase to the
complex secondary structures and restoration of stalled DNA
synthesis. Indeed, stimulation of DNA polymerase activity of
pol δ by BLM and stimulation of BLM helicase activity by
pol δ have been demonstrated [193]. Cellular phenotypes
of genetic mutants and the demonstration of robust G4-
unwinding activity in vitro support the notion that failure to
unwind G4 DNA contributes in part to the genetic instability
observed in Bloom and Werner syndrome cells.

Yet, RecQ proteins are not the only helicases known to
resolve G4 structures. Besides FANCJ and its orthologs, Pif1
(petite integration frequency 1), a 5′-3′ helicase, processes
G4-forming sequences in vivo and in vitro [194]. Human
Pif1 helicase has been shown to bind and unwind G-
quadruplex DNA [195]. In yeast, the involvement of Pif1 in
telomere stability has been well established [196], and the
association of hPif1 with telomeres and telomerase [197]
indicates that hPif1 is a telomere G4 DNA-binding protein.
Using genome-wide chromatin immunoprecipitation and
Pif1-deficient cells, Zakian group has recently demonstrated
that G4 motifs are a significant subset of the in vivo binding
sites of the S. cerevisiae Pif1, and DNA replication through
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G4 motifs is promoted by the S. cerevisiae Pif1 DNA helicase
[198]. The G4 DNA resolving activity of mammalian Pif1
is of questionable significance as such since the Pif1-null
mice are normal [199], a contrasting condition with WRN or
BLM-deficient cells where genomic instability can be readily
detected. It is conceivable that Pif1 activity is normally
unnecessary, with sufficient G4 resolvase activity provided by
other helicases (e.g., WRN, BLM, and FANCJ). It is possible
that a requirement for Pif1 in mammalian cells would be
obvious when one or more of these other G4 resolvase
systems are compromised.

G4 resolution is, nevertheless, not a common character-
istic of all RecQ helicases. Recently, it was demonstrated that
RECQ1 does not unwind G-quadruplex substrates [105].
The inability to resolve this particular form of alternate DNA
structure distinguishes RECQ1 from WRN, BLM, SGS1, or E.
coli RecQ helicases which proficiently unwind a variety of G-
quadruplex DNA substrates [45]. Furthermore, the telomere
lengths of RECQ1 wild-type, knockout, or heterozygous
mouse cells show no significant difference suggesting mini-
mum to no role of RECQ1 in telomere maintenance [200].
However, RECQ1 was purified with human telomeric chro-
matin specifically in cells that use a recombination mediated
pathway known as Alternative Lengthening of Telomeres
(ALTs) for telomere maintenance [201]. It is possible that
RECQ1 plays indirect role in telomere metabolism via its
interacting partners. Supporting this notion, recent evidence
suggests that SGS1 regulates processing of telomeres by the
5′-3′ exonuclease, EXO1 [202]. Interestingly, RECQ1 and
EXO1 exhibit physical and functional interaction in human
cells [203]; however, it remains to be tested whether they col-
laborate in a complex for accurate processing of chromosome
ends.

Regardless, it has been demonstrated through various
studies that certain RecQ helicases are crucial for the meta-
bolism of G4 DNA structures at specific genome locations
such as telomeres and rDNA. Mutant phenotypes in yeast
and humans affirm vital importance of this function of RecQ
helicases in genome maintenance.

4. Concluding Remarks and Outlook

Proficiency of RecQ helicases in unwinding alternate DNA
structures has implicated them as roadblock removers for
replication fork progression since the DNA sequences that
can form unusual, non-B-form structures have been shown
to block polymerases in vitro [21]. It has been proposed
that at least one function of the RecQ DNA helicases is
to prevent aberrant deleterious recombinogenic pathways
when replication is perturbed by DNA damage, alternate
DNA structure, or impaired DNA synthesis [204]. The
processing of aberrant DNA structures by RecQ helicases is
likely to counter their potential toxicity incurred by recom-
binogenic pathways [205] (Figure 3). The ability of helicases
to unwind non-B DNA structures would be expected to
increase access to repair and replication proteins. The RecQ
helicases work in close coordination with other proteins (e.g.,
topoisomerases) to resolve various secondary structures.

Structural barrier to
fork progression

Resolution by
RecQ helicases

Figure 3: Proposed function of secondary structure resolution
by RecQ helicases. Alternate DNA structures (indicated by red
symbol) act as natural barrier to replication fork progression
and can lead to fork stalling, collapse and ensue recombinogenic
processing. Resolution by RecQ helicases is proposed to serve as
roadblock remover for smooth progression of replication fork to
avoid mutagenesis and/or genome rearrangements.

Associations of RecQ helicases with proteins critical for
various steps of DNA replication and repair [37] suggest
that RecQ helicases might cooperate with them to ensure
faithful progression of replication forks through natural
impediments by non-B DNA structures. It is likely that
there is competition between the proteins which promote
non-B secondary structure formation and RecQ helicases
in vivo. Future studies will uncover how the activities of
RecQ-helicases are controlled/regulated (via protein-protein
interactions, posttranslational modifications, etc.) for main-
taining genomic stability in general and preventing non-B
DNA structure-induced instability in particular.

As noted above, RecQ proteins exhibit subtle but note-
worthy differences among themselves with respect to their
ability to unwind or preference for certain alternate DNA
structures. Evidently, current data implies that individual
human RecQ homologs are uniquely required to unwind
specific DNA structures in vivo. Further investigation is
essential to elucidate cellular environment, genomic con-
texts, and/or protein factors that license a specific RecQ
protein to metabolize specific DNA structures in vivo. It
is clear that non-B structures both perform physiological
roles and potentiate genomic instability. Analyses of the
mutation spectrum and genomic rearrangements in RecQ-
deficient cells will illustrate significance of RecQ helicases in
underlying mutational mechanisms associated with non-B
DNA structures [206].

An opportunistic aspect of the unique nature of naturally
occurring non-B DNA conformations is to use them as
potential target for cancer therapy since these sequence-
specific structures are proposed to affect gene expression and
telomere activation, respectively [207, 208]. Gene expression
of oncogenes could be selectively inhibited by using chem-
icals (drugs) or small molecules targeted to specific non-
B DNA conformation present in their regulatory regions
[129, 209]; stabilizing the secondary structures would be
predicted to prevent access of nucleic acid binding proteins
and interfere with critical cellular processes. Considering the
demonstrated roles of RecQ helicases in resolving such non-
B DNA structures, specific inhibition of RecQ and other
non-B resolving helicases via small molecules [210], DNA-
binding drugs or gene silencing might be a promising strat-
egy to explore for anticancer therapy [207]. Development of
new methodologies to investigate specific functions of non-B
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DNA structures and identification of novel structure-specific
DNA helicases involved in resolution of such secondary
structures will certainly expand the array of molecular targets
available for drug development and therapeutic intervention.
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