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The focus of this special issue is the characterization of
the microbial diversity and the development of potential
biotechnological applications. Despite the great importance
of microbes, only a small fraction has been able to be
cultivated in the laboratory. It is now clear that molecular
techniques have played a significant role in the detection
and unravelling of the enormous microbial diversity. Omic
technologies like genomics, metagenomics, and single cell
genomics enabled the characterization of a vast and unex-
plored portion of the microbial diversity.

Human life and microbes are highly coupled since key
biogeochemical cycles like carbon, nitrogen, and sulfur are
microbially dependent. Even the photosynthetic capacity
on Earth is microbial dependent and not plant based. In
humans, the gut symbionts assist in food digestion, toxin
breakdown, and boosting the immune system. In an attempt
to understand the unculturable fraction programs like the
Earth Microbiome Project (EMP), the International Census
of Marine Microbes, and the Human Microbiome Project
have been launched. The next step is to use this boundless
and fascinating resource for the discovery of new genes and
enzymes for use in biotechnology.

This special issue includes nine research articles describ-
ing the microbial diversity and the deployment of new
technologies that can lead to prospective biotechnological
applications.

D.H.Green et al. studied the bacterial diversity associated
with the coccolithophorid algae Emiliania huxleyi and Coc-
colithus pelagicus f. braarudii. Coccolithophoresmake signifi-
cant contributions to oceanic carbon cycling and atmospheric

CO
2
regulation, but despite their importance the bacterial

diversity associated with these algae has not been explored
from ecological or biotechnological point of view. Culture-
dependent and independent analyses indicated that the bac-
terial diversity was spread across five phyla. Alphaproteobac-
teria, Gammaproteobacteria, and Bacteroideteswere the most
dominant, followed by Actinobacteria and Acidobacteria.

G. Merlino et al. present the characterization of the
bacterial community developed in anaerobic microcosms
after biostimulationwith lactate from a groundwater polluted
with 1,2-dichloroethane (1,2-DCA). Molecular approaches
targeting conserved regions of known reductive dehaloge-
nase genes identified four novel variants that have been
associated with the reductive dechlorination of 1,2-DCA.

H. Lin et al. examined themicrobial community structure
and pathogen occurrence in urban faucet biofilms in South
China using microstructure analysis and 454 pyrosequenc-
ing. Proteobacteria were found to be the most predominant
group in all biofilms samples. Interestingly, some potential
pathogens (e.g., Legionellales and Enterobacteriales) and cor-
rosive microorganisms were also found in these biofilms.

H. Xu et al. examined the heterologous expression of
cellulases inThermotoga sp. isolated fromCaldicellulosiruptor
saccharolyticus. Although the vectors were lost from the
Thermotoga strain after three consecutive transfers, all three
recombinant enzymes were successfully expressed rendering
the host with increased endo- and/or exoglucanase activities.
This work demonstrated the feasibility of genetically engi-
neeringThermotoga spp. for efficient cellulose utilization.
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E. G. Di Domenico et al. explored the anaerobic digestate
as feed in H-type MFC reactors: one with a graphite anode
preconditioned with Geobacter sulfurreducens and the other
with an unconditioned graphite anode. Their results indi-
cated that MFCs can be used to recover anammox bacteria
from natural sources. This opens the possibility of using
anaerobic digester for the simultaneous nitrogen removal and
electricity generation.

G. A. Silva-Castro et al. studied the precipitation of
calcium carbonate and calcium sulphate by isolating bacteria
from seawater and real brine. Bacillus and Virgibacillus
strains were able to form calcium carbonate minerals, which
precipitated as calcite and aragonite crystals. Further char-
acterization of these bacterial strains is of great importance
for the bioremediation of CO

2
and calcium capture in certain

environments.
A. Krasowska et al. isolated and characterized at molec-

ular level the bacteriophages of Bacillus subtilis. The studied
phages were from the Myoviridae and the Siphoviridae fam-
ily. The host range, pH and temperature resistance, adsorp-
tion rate, latent time, and phage burst size were determined.
These findings can be used in industry since Bacillus spp. are
very persistent strains.

M. Nampally et al. searched for novel chitin and chi-
tosan modifying enzymes isolated from soil microorganisms
with more than ten years of history of chitin and chitosan
exposure.After screening for chitinase and chitosanase isoen-
zymes, eight bacterial strains and twenty fungal isolates were
found to be chitinolytic and/or chitosanolytic.

R. A. Amer et al. examined the physical, chemical, and
microbiological features of hydrocarbon and heavy metals
contaminated sediments collected at El-MaxBay (Egypt). Fol-
lowing a culture-dependent approach fifty bacterial strains
were isolated and were identified as hydrocarbon-degrading
bacteria involved in different stages of biodegradation. The
El-Max sediment represents a promising reservoir of novel
bacterial strains adapted to high hydrocarbon contamination
loads.

These papers highlight the importance of the study
and characterization of the hidden microbial diversity and
the vast potential that exists in order to transform this
basic knowledge to applied knowledge with the assistance
of biotechnology. New developments in the field of omic
approacheswill certainly propel our ability to understand and
further exploitmicrobial diversity. In this regard, these papers
provide a glimpse into the future of this field.
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Microbial Fuel cells (MFCs) have been proposed for nutrient removal and energy recovery from different wastes. In this study the
anaerobic digestate was used to feedH-typeMFC reactors, one with a graphite anode preconditioned withGeobacter sulfurreducens
and the other with an unconditioned graphite anode. The data demonstrate that the digestate acts as a carbon source, and even in
the absence of anode preconditioning, electroactive bacteria colonise the anodic chamber, producing a maximum power density
of 172.2mW/m2. The carbon content was also reduced by up to 60%, while anaerobic ammonium oxidation (anammox) bacteria,
which were found in the anodic compartment of the reactors, contributed to nitrogen removal from the digestate. Overall, these
results demonstrate that MFCs can be used to recover anammox bacteria from natural sources, and it may represent a promising
bioremediation unit in anaerobic digestor plants for the simultaneous nitrogen removal and electricity generation using digestate
as substrate.

1. Introduction

Anaerobic digestion (AD) of organic waste and/or animal
manure is considered a key technology that meets the
production of renewable energy with greenhouse gas mit-
igation. AD is accomplished through a series of complex
microorganisms-driven reactions breaking down organic
substances into CO

2
and volatile fatty acids (acidogene-

sis) that are then converted to biogas (methanogenesis).
The remaining fraction in the digester is a nutrient-rich
sludge, the digestate. Although transformation of nitrogen
compounds occurs in AD, the nitrogen content remains
high in the digestate making this by-product suitable to be
used as fertilizer. However, accumulation of biogas plants
in small agriculture area or regions of intensive dairy cattle
farming may lead to an oversupply of digestate. Indeed,

digestate-based fertilization, when exceeding the need of
crops, contributes to eutrophication of land and water bodies
[1, 2].

One of the most promising techniques to reduce nitro-
gen content from ammonia-rich wastewaters is the anaero-
bic ammonium oxidation (ANAMMOX). Nitrogen removal
under anaerobic conditions is driven by a group of anammox
bacteria, which are affiliated to the order Brocadiales, within
the phylum of Planctomycetes [3]. The advantages of the
anammox process, over the conventional method of nitrifi-
cation and denitrification, include the lower oxygen demand
and the absence of external carbon sources requirements.
However, a critical aspect limiting the application of this
process in large bioreactors is the requirement of long start-
up periods caused by the slow growth rate (doubling time
approximately 1-2 weeks) of the anammox bacteria and by
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the absence of conventional microbiological techniques for
their cultivation [4]. Several methods have been proposed
to obtain enrichment of anammox bacteria [4–9]; however,
cultivation still poses a serious challenge.

Nitrogen removal from wastewater has been studied in
microbial fuel cells (MFCs), electrochemical devices that
catalyse the conversion of chemical oxygen demand into
electricity through the metabolic activity of microorganisms
[10]. Typically in the anodic chamber, microorganisms oxi-
dize the organic matter and the electrons are donated to the
anode.These electrons are subsequently transferred, through
an electric circuit, to the cathode electrode where they reduce
terminal electron acceptors.

Several bacteria have naturally evolved strategies to trans-
fer electrons outside the cell surface and this feature has
allowed the use of these microorganisms in MFCs. The main
quality of electroactive bacteria in the MFC system is the
ability to transfer electrons from the microbial cell to an
electrode instead of the natural redox partner [11]. Different
microorganisms, either gram-positive or gram-negative, can
exchange electrons with electrodes and this is accomplished
by different mechanisms: reduction of self-produced soluble
shuttles; short-range electron transfer through membrane-
bound redox-active proteins (i.e., c-type cytochrome); long-
range electron transfer mediated by a special class of con-
ductive pili, the nanowires [12]. In most cases, bacteria may
use more than one mechanism. For example, in Shewanella
oneidensis the electrons may hop from the cell-surface c-
type cytochrome, which is part of a multiprotein complex
that transferred the electrons from the periplasm to the
cell surface, to an external acceptor directly or via a flavin
produced by the cell itself. Geobacter sulfurreducens has
many c-type cytochromes exposed to the cell surface among
which OmcZ appears to be the key element for electron
transfer. Additionally, the conductive pili ensure the long-
range electron transfer between the typical multilayer G.
sulfurreducens biofilms and the electrodes. G. sulfurreducens
current production is mediated by biofilms with a two-phase
process in which long-range electron transport occurs along
the conductive pili network and OmcZ facilitates electron
transfer from those cells closer to the electrode surface [12].
However, when MFCs are inoculated with a mixed culture,
bacterial community analysis of the anodic biofilms revealed
a great diversity in electroactive bacteria, regardless of the
substrate type. This finding suggests a potential existence of
other unknown species contributing to electricity generation
through a variety of ways beyond the accepted Geobacter or
Shewanella species [13].

In addition to electricity production, the microbial
metabolism can be used to produce valuable products or
to remove unwanted compounds [14]. Accordingly, in the
development of MFC, nitrogen removal has been considered
as an added endpoint. Nitrate reduction at the cathode
of MFC has been demonstrated by different experimental
approaches including the use of a potentiostat-poised half-
cell in which nitrogen was completely reduced to N

2
gas

in the absence of any organic substance (electron donors)
[15]. More recently, a variety of denitrifying MFC reactors
have been designed: two-chamber MFC reactors including

both nitrification anddenitrification steps at the cathodewere
obtained by aerated cathode chamber [16] or by preaerated
cathode influent [17, 18]. Single-chamber MFC, with the
cathode exposed to air (air-cathode), and two-chamberMFC,
with ferricyanide catholyte were also tested for ammonia
removal from swine wastewater [19, 20]. In both reactors
electricity generations and high levels of ammonium removal
were achieved; however, ammonia volatilization and/or dif-
fusion through the cation exchange membrane connecting
the anode and cathode chambers accounts for most of the
nitrogen reduction [20]. More recently, single-chamberMFC
reactorswith PTFE (polytetrafluoroethylene) coated cathode,
which reduces ammonia diffusion, and preenriched nitri-
fying biofilms were shown to remove up to 96% ammonia
from a synthetic feeding medium [21]. Ammonia and COD
removal rates by single-chamber MFC were significantly
improved by doubling the gas diffusion area [22].

In this study we investigated the possibility of biolog-
ical ammonia removal with current generation in MFC
reactors from digestate. This was accomplished by feeding
MFC reactors in batch mode with anaerobic digestate from
agricultural by-products and cow manure. The reactors were
H-type MFCs with a sterile graphite anode (MFC-U) and
with a G. sulfurreducens preconditioned anode (MFC-C).
G. sulfurreducens preconditioning was included as a control
because of the well-known ability of this bacterium to convert
organic matter into electricity inMFC devices [23]. Electrical
and chemical performances of both cells were investigated.
Additionally, the presence of anammox bacteria in the diges-
tate and their establishment in the MFC conditions had been
assessed bymolecular methods. Our results demonstrate that
MFC reactors allow the development of digestate-derived
biofilms that contribute to the simultaneous generation of
electricity and nitrogen removal from the digestate. However,
since the substrate influences the bacterial diversity in the
anode biofilm additional studies are needed to compare
different types of digestate as well as to better understand
the physical and biological mechanisms that can affect MFC
performances in full-scale application systems.

2. Materials and Methods

2.1. Feed and Inoculum. The digestate was the effluent of an
anaerobic digestion plant treating agricultural wastes and cow
manure (Azienda Agricola Bruni, Sutri, VT, Italy). It was
representative of a typical effluent of this kind of power plant
in Italy [24]. The liquid phase of the digestate (pH = 7.98,
Total Kjeldahl Nitrogen (TKN) = 4.9 g/L of N, total COD =
22.4 g/L), used for the experiments, was obtained by sieving
the granules with a mesh of 2.36mm pore size. Aliquots of
1 L were stored at 4∘C and used during the first one-month
feeding, frozen aliquotswere used from the secondmonth on.

2.2. Reactor Configuration and Operation. All experiments
were performed using H-type MFC. The MFCs were done
by two glass bottles (250mL each) connected by a glass tube
and a Nafion 117 proton exchange membrane (Sigma, UK)
7 cm2 in area, held by a clamp. Graphite electrodes (2.5 cm
× 5 cm × 0.05 cm Goodfellow Cambridge Ltd, UK) were
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positioned 4 cm far from either side of the membrane. Each
chamber was filled to 200mL with feed solution in the anode
and potassium phosphate buffer (100mM pH 7.5) containing
50mM K

3
Fe(CN)

6
in the cathode. Anodic chambers were

flushed with N
2
gas to maintain anaerobic conditions. MFCs

operated at constant temperature of 30∘C in batch mode
with a fixed external resistance, 𝑅ext, of 180Ω. In the anodic
chamber 150mL ofmediumwas replaced every 7 days leaving
50mL of anolyte with each substitution. 200mL of catholyte
was replaced weekly. Feed solution (digestate-based feeding)
was 1 : 10 digestate to medium; medium contained (per liter)
KCl, 0.1 g; NH

4
Cl, 1.5 g; NaH

2
PO
4
, 0.6 g; NaHCO

3
, 2.5 g; Na-

acetate, 0.82 g; vitamin solution 10mL (Sigma-Aldrich), trace
element solution, 10mL [25]. Two MFC reactors operated
under the same condition and configuration except the
anode: MFC-U was assembled with a sterile anode; MFC-
C was assembled with a precolonized G. sulfurreducens
bioanode. G. sulfurreducens bioanode was obtained by a H-
type MFC inoculated with G. sulfurreducens pure cultures.
G. sulfurreducens was obtained from the German Collection
ofMicroorganisms and Cell Cultures (DSMZ, Braunschweig,
Germany).

2.3. Electrochemical Measurements. Open circuit voltage
(OCV) and closed circuit voltage (CCV) across the external
resistance (𝑅ext = 180Ω) were monitored at 30min intervals
using a multichannel potentiostat/galvanostat VSP (Biologic
Sas) connected to a personal computer. Current (𝐼)was mea-
sured using the same instrument in a chronoamperometric
mode, and Coulombic Efficiency (CE) was calculated as

CE (%) = 100 ⋅
𝐶
𝑝

𝐶th
, (1)

where 𝐶
𝑝
was the total electric charge calculated by integrat-

ing the current over time and 𝐶th was the theoretical amount
of electric charge available based on the total COD removal
in the MFC section of the reactor [26].

Power, calculated as

𝑃 = CCV × 𝐼 = 𝑅ext × 𝐼
2
=

CCV2

𝑅ext
, (2)

was normalized with respect to both the projected surface
area of the cathode (power density) and the volume of
the liquid media (volumetric power density). MFC internal
resistancewas estimated using bothmaximumpower transfer
theorem (varying the external load by a resistance box
ranging from 0Ω, that is, the short circuit condition, up
to 4 kΩ. The internal resistance value coincides with the
value of the external resistance that maximizes load power
consumption) and drawing typical polarization curves (by
using the VSP instrument).

2.4. Chemical Analyses. The pH was measured using a GPL
42 instrument (Crison). The dissolved oxygen was measured
with a 913 OXY oximeter (Mettler-Toledo). The total COD
was determined by acid digestion and dichromate titration,
according to standard methods (APHA, AWWA, and WEF,

2005). In order to evaluate the TKN, sample was heated at
400∘C after mixing with 98% sulphuric acid and K

2
SO
4
. The

obtained solution was cooled, blended with NaOH, and dis-
tilled using the Kjeldahlmethod.The amount of nitrogen into
the distilled solution was determined by spectrophotometry
with the Nessler reagent, using a T80+ UV/Vis spectrometer
(PG Instruments, Ltd). Nitrites and nitrates were determined
by ion chromatography, using a DX 120 instrument (Dionex).

2.5. Microbial Community Analysis

2.5.1. DNA Extraction and PCR Amplification. At the end
of the experimental procedure (day 49) the graphite anode
was cut into three sections. The surface of each slide covered
by the anodic biofilm was scraped and placed in sterile
50mM PBS; at the same time samples from the digestate
and from different pure bacterial cultures were collected.
Total DNA was extracted using the QIAamp DNA stool
Mini-Kit (Qiagen Inc., Valencia, CA, USA) according to the
manufacturer’s instructions.

PCR amplification was carried out using the following
primers: P0 and P6 for the bacterial 16S rRNA gene [27];
Geo587F/Geo978R targeting G. sulfurreducens and other
closely related Geobacter [28]; amoA-1F/amoA2R targeting
the AmoA gene that codifies ammonia monooxygenase
(AMO) of ammonia oxidizing bacteria [29]; Brod541F-
Brod1260R targeting the 16S rRNA gene specific for anam-
mox bacteria [30]; and AnnirS379F-AnnirS821R targeting
nitrite reductase gene of the anammox bacteria [31].

Real-time PCR was used to determine the relative abun-
dance of the 16S rRNA gene of anammox bacteria in the
MFC cultures with respect to digestate. First, the relative
abundance of the anammox 16S rRNA gene with respect
to total 16S rRNA gene (ΔCt) was determined for each
sample (digestate, MFC-C and MFC-U); next the relative
quantification (RQ) of the anammox gene in the MFC-C and
MFC-U with respect to the digestate was calculated using the
delta delta Ct method (2−ΔΔ𝐶𝑡). SYBR Green real-time PCR
assayswere performed using the following primer sets: anam-
mox 16S rRNA gene, AMX818F-AMX1066R described in
Tsushima et al. 2007 [32]; universal 16S rRNA gene, U16SRT-
F-U16SRT-R, designed in the consensus sequence of bacterial
16S rRNA gene [33]. All primer sets were tested for sensitivity,
optimal annealing, temperature, and primer efficiency with
proper positive and negative controls. The positive control
for the anammox 16S rRNA gene amplification was a plasmid
containing the sequence of the anammox 16S rRNA gene
obtained in this study.

2.5.2. Cloning and Sequencing of the 16S rRNA Gene.
Brod541F-Brod1260R primers were used to amplify the 16S
rRNA gene of the anammox bacteria. PCR products were
purified from preparative agarose gels and cloned in the
TOPO TA cloning kit (Invitrogen) for sequencing. The 16S
rRNA gene sequences were compared for similarities to
DNA sequences in the NCBI databases by BLAST. The
phylogenetic tree was obtained using the multiple alignment
program for amino acid or nucleotide sequences (MAFFT
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Figure 1: Schematic representation of the MFC-C and MFC-U reactors and the start-up phase. (a) H-type MFC inoculated with G.
sulfurreducens and fed with synthetic medium containing acetate; after one-month operation small pieces of the anode were cut out and
bacterial biofilm was visualized by the live-dead assay. Additionally, DNA samples were obtained from biofilm and amplified with universal
or G. sulfurreducens 16S rRNA primers. E. coli and G. sulfurreducens DNAs were used as controls. (b) MFC-C was assembled with the anode
from the reactor in panel (a); MFC-U was assembled with a sterile anode. Both reactors were operated under the same conditions and fed
with digestate medium once a week. The arrowhead marks the transition from inactive to active MFC-U reactor.

version 7). The sequences were deposited in the Euro-
pean Nucleotide Archive (ENA) with accession numbers
LN714795-LN714796.

2.5.3. Biofilm Imaging. Anodic biofilm samples were col-
lected from each reactor by slicing 1 cm2 carbon anode with
sterilized scissors in an anaerobic chamber. Samples were
stained using the LIVE/DEAD BacLight kit (Invitrogen),
according to supplier specifications and examined with Apo-
tome Fluorescence Microscope (Carl Zeiss International).
Data were collected and analysed with the Axiovision 4.8
software. Samples for SEM analysis were fixed in 2.5%
glutaraldehyde (Sigma-Aldrich) in PBS solution (0.1M, pH =
7.4) for 3 hours at 4∘C, washed three times in the same buffer
(10min each), and then postfixed with osmium tetroxide
solution (1% in 0.1M phosphate buffer, pH = 7.2). After
rinsing in phosphate buffer, the samples were dehydrated in
a series of graded ethanol and air-dried. All samples were
coated with a 10 nm thick gold film. Coated samples were
examined using an electron acceleration voltage of 20 keV,
in both the secondary and the backscattered electron modes
using a LEO 1450VP microscope.

3. Results and Discussion

3.1. Start-Up of the MFC Reactor Fed with Digestate. In order
to determine whether the resident microbial community
of the digestate can convert organic matter into electricity
while reducing nitrogen content we set upH-typeMFCs with
the two-chamber separated by proton exchange membranes
(Figure 1). The first reactor (MFC-U) was assembled with a
sterile anode whereas the second one (MFC-C) was assem-
bled with a preconditioned G. sulfurreducens biofilm on the
anode (Figure 1(b)). The latter was obtained from an MFC
operated with G. sulfurreducens pure culture and synthetic
feeding (Figure 1(a)). Both MFC-U and MFC-C were fed
with a digestate-based medium as reported in materials and
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Figure 2: Voltage generation with digestate-feeding in MFC-C and
MFC-U. Time 0 was the third week of operation.

methods. The initial digestate was diluted in order to obtain
more favourable conditions for the growth of the resident
bacteria and to reduce the introduction of toxic compounds
that may inhibit bacterial activity [34–36]. During the
first month the reactors behaved differently: MFC-U did
not reveal any cell voltage while MFC-C showed a rapid
CCV increase after feeding (Figure 2). In the MFC-C, after
each feed solution replacement, CCV increased reaching
similar values as in the previous cycle. Additionally, the
rapid increase of CCV observed following feeding strongly
suggested that it was due to the activity of the anode-
associated biofilm. In the first three weeks, after reaching the
peak, the CCV decreased with a different rate, whereas from
day 28 to the end of operation the CCV cycles were more
homogeneous.Thismay be due to the presence of an evolving
bacterial population in the anodic chamber that reached the
equilibrium after 3-4 weeks of operation.
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After the fourth refeeding theMFC-U showed an increase
of the CCV to about half of that recorded in MFC-C and
a subsequent decrease that appeared somewhat slower than
that in the MFC-C. To synchronize the two reactors, the
fifth feeding was postponed by one week, after which weekly
feeding was restored. As expected, from day 28 on the MFC-
U and MFC-C cycled similarly showed a rapid increase of
CCV after feeding and subsequent decrease in the following
5-6 days.

After the start-up period MFC-C reached a repro-
ducible maximum power (computed by (2)) of 0.6mW
(i.e., 240mW/m2) at 346.8mV, similarly MFC-U reached a
maximum power transfer of 0.4mW (i.e., 172.2mW/m2) at
359.4mV.The time to achieve the maximum cell voltage after
feeding (16–18 hr) was longer than that reported for MFC
reactors fed with acetate [13] but similar to that obtained with
slaughterhouse wastewater-fed reactors [13]. The substrate
type influences the MFC performance, not only in terms of
bacterial community but also in the maximum power and
Coulombic Efficiency.Therefore, the time required to achieve
the maximum cell voltage observed in our MFC systems
is in accordance with the composition of the digestate-like
medium supplemented with acetate.

It has been reported that methanogens, by competing
with electroactive bacteria for substrates, can reduce the
performance of MFCs [37]. Nonetheless, in both reactors we
did not detect CH

4
production, neither in the start-up period

nor during operation regime, suggesting thatmethanogenesis
did not take place in the MFCs or it was very low. Since
the digestate was collected in the final stage of biogas
production it may be that methanogenesis was exhausted
although we cannot exclude that digestate-based medium in
MFC conditions outcompeted methanogens while favoring
colonization of electrogenic bacteria.

3.2. Electrochemical Performance. Maximum power transfer
curves (Figure 3(a)) and polarization curves (Figures3(b) and
3(c)) for both the MFCs were carried out in correspondence
of CCV peak values at the sixth batch cycle when the reactors
reached stable performances. The maximum power density
was determined by varying the external resistance over a
range of 0–4000Ω and recording the voltage (Figure 3(a)).

The maximum power generation reached a peak value
of 0.60mW for the MFC-C and 0.43mW for the MFC-U
when the applied external resistance matched the internal
resistance of the system at 200 and 300Ω for the MFC-C and
MFC-U, respectively.

The higher maximum power density and the reduced
ohmic resistance of theMFC-Cwith respect toMFC-Umight
be ascribed to the G. sulfurreducens anode preconditioning.
Conversely, in the MFC-U the digestate-resident microbial
population might prefer slightly higher resistance conditions
to better exploit the substrate as a result of the competition
with the electrogenic bacteria.

The maximum power density per projected anode sur-
face area was 170mW/m2 for the MFC-C (Figure 3(b)) and
240mW/m2 for the MFC-U (Figure 3(c)) while the limiting
current density recorded was 1304mA/m2 for the MFC-U
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Figure 3: Maximum power transfer curves performed on MFC-
C and MFC-U (a). Polarization curves with the maximum power
density (𝑃max), the optimal voltage (Δ𝐸opt), and optimal current
density (𝐼opt) performed on MFC-C (b) and MFC-U (c) at the end
of the start-up procedure (day 28).

and 992mA/m2 for the MFC-C. Overall, the electrochemical
measurements showed comparable performances between
the reactors demonstrating that electrogenic bacteria were
present in the digestate and possibly selected by MFC con-
ditions.

3.3. Coulombic Efficiency and Substrates Removal. MFC-U
andMFC-C exhibited during days 35 and 42, a calculated CE
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Figure 4: Total COD removal and Coulombic Efficiency (CE) inMFC-C andMFC-U (a); TKN removal as function of time (b) (days 36–41).

of 15.6 and 19.6%, respectively (Figure 4(a)), both of which
were in the typical range observed forMFCs fedwith waste or
wastewater [19, 38] while CE, in MFC fed with acetate-based
synthetic media, may rise up to 98% [13].

The absence of any gas development in both reactors
allowed us to exclude methanogenic processes as the main
cause of the resulting low Coulombic Efficiency. On the
contrary, it could be attributed to the initial presence of
nitrates, sulphates, and other terminal electron acceptors in
the digestate.

The removal of the organic carbon by both reactors was
quite efficient as demonstrated by the reduction of total COD
up to 68 and 60% in the MFC-C and MFC-U, respectively,
at the fifth day after feeding. Considering that the liquid
digestate accounted for about 71% of the initial COD both
reactors appeared to be very effective in the reduction of
the organic content of the effluents from anaerobic digestion
plants.

As regards to nitrogen TKN removals of about 40% and
32% in the MFC-C and MFC-U, respectively, were observed
(Figure 4(b)). Ammonia in the cathodic chamber was always
found at negligible level disfavouring the hypothesis of the
ammonium ion transit to the cathodic chamber through
the membrane [39]. Ammonia volatilization in the cathodic
chamber can be also excluded since no oxygenwas insufflated
and the cathodic pH was neutral. Nitrogen sources in the
MFCs were both the growth media (as ammonia) and the
digestate (mainly as organic nitrogen and ammonia); the
latter accounted for about 60% of nitrogen in each fed-batch
cycle. Although, nitrogen consumption in the cells could be
in part justified by the synthesis of new biomass in the anodic
chamber, other mechanisms could be involved. According
to the literature ammonia consumption in MFC can be
also explained by several different specific pathways such as
nitrification-denitrification, anammox, and nitrite reduction
by lithotrophic ammonia oxidizers or by specific processes of
ammonia oxidation coupled to electricity generation. Taking

into consideration the lower Coulombic Efficiency and total
COD consumption calculated for the unconditioned cell
with respect to the conditioned one, electricity generation
from direct ammonia oxidation appeared to be negligible.
At the same time, since dissolved oxygen in the anodic
chambers was always lower than 0.05mg/L and that nitrates
and nitrites at the end of each cycle were negligible in the
anodic and cathodic chambers in bothMFCs, it is reasonable
to hypothesize that the main nitrogen removal mechanism
was ammonia oxidation under anaerobic conditions.

Collectively our results suggest that H-typeMFC reactors
fed with digestate-based medium allowed the development
of a microbial consortium able to oxidize ammonia anaero-
bically, as proposed in other studies [40]. However, further
experiments are needed to better investigate the nitrogen
removal mechanism and to evaluate the maximum nitrogen
amount potentially degradable in such systems.

3.4. Biofilm Imaging. The morphology of the biofilm grown
on the electrodes surface was analysed by scanning electron
microscope (SEM) and fluorescence microscopy. Anode
samples, about 1 cm2 size, were taken from the reactors
operating since two and three months; the sampling was
done the day after feeding when the reactors reached the
maximum power generation. SEM analysis showed that
anodes from both reactors were covered by bacterial biofilm
(Figures 5(a) and 5(d)). Measurements of biofilm thickness
showed that the biofilm ranged from 141 ± 30 𝜇m to 66 ±
1 𝜇m without detectable differences between MFC-C and -
U. Close-up images (Figures 5(b)–5(e)) revealed a differ-
ent bacterial morphology with a predominance of bacilli,
often tightly embedded into the biofilm matrix (Figure 5(e)).
Comparative analysis of the biofilms from the MFC-C and
MFC-U anodes showed a more uniform morphology in the
former than in the latter. Accordingly, MFC-C images at
higher magnification revealed the presence of a multilayered
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Figure 5: Biofilm imaging and cell viability. (a–f), SEM images of biofilms from MFC-C (a and b) and MFC-U (d and e). Live (green) and
dead (red) bacteria within the biofilms from MFC-C (c) and MFC-U (f). (g and h) Fraction of live and dead bacteria in the anode biofilms
from the indicated reactors. Cell viability was determined at the surface (0–3𝜇m), in the middle (3–6 𝜇m), and at the base of the biofilms
(6–10 𝜇m).

biofilm in all the fields examined. On the contrary, MFC-
U biofilm showed composite morphology with smooth and
rough areas with bacteria mainly located on the surface of the
matrix. Additionally, MFC-U biofilm showed the presence of
complex aggregates, probably due to the entrapped digestate
sediments. These different morphologies could be due to
the fact that biofilm in MFC-C was previously colonized by

G. sulfurreducens pure culture whereas MFC-U biofilm is
developed on sterile anode by the unique contribution of the
bacteria present in the digestate.

Next bacteria viability in biofilm samples was analysed
using the LIVE/DEAD assay (Figures 5(c) and 5(f)). Flu-
orescence microscopy analysis did not reveal significant
differences betweenMFC-C andMFC-U. 3D analysis showed
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that live bacteria preferentially localized on the outer layer
of the biofilm (Figures 5(c) and 5(f)), probably due to easier
availability to substrate. Quantitative analysis of the green
and red signals within the biofilms showed that most of the
live bacteria stratified in the outer layer and account for
about 30% of total (Figures 5(g) and 5(h)). The fraction of
live bacteria was slightly higher in MFC-U than in MFC-C,
probably due to the fact that the anodic biofilm in the latter
was one month older than the former. Although the staining
procedure cannot rigorously distinguish live and dead cells,
since it is based on membrane permeability, the fraction of
live bacteria in these reactors appeared much lower than
previously described [13]. Some differences may account for
this result such as anode materials (graphite versus carbon
cloth) and the age of the biofilm. Nonetheless, current
generation in the two reactors was similar to that reported
by the aforementioned studies, suggesting that the anode
biofilms developed from digestate are efficient in electricity
production. Additionally, the presence of a subpopulation
of dead cells in-between the metabolically active cells and
the electrode surface did not appear to significantly dampen
electron transfer possibly due to long-range electrons transfer
via the conductive pili [12]. We cannot exclude that the layer
of dead cells may overgrow with time, reducing the efficiency
of electron transfer to the anode. Although, the cycling in
current production observed during the operation period
suggests that the subpopulations of live and dead cells found
equilibrium compatible with sufficient electron transfer.

3.5. Molecular Analysis of Biofilms. MFC-C andMFC-U per-
formed very similarly although small differences in CE,
nitrogen removal and biofilm structure were recorded, sug-
gesting similar microbial communities developed on both
conditioned and unconditioned anodes. To address this
hypothesis, at the end of the last feeding cycle, DNA samples
from both reactors were analysed by using the 16S rRNA gene
as a molecular marker and functional biomarkers such as
genes involved in the nitrogen metabolism. Controls DNAs
were extracted from the same digestate used to feed the
reactors, from G. sulfurreducens and laboratory strains of
Escherichia coli. First, the 16S rRNA genes were amplified
with universal primers and then restricted with RsaI and
Hinf I to analyse genome similarities between the two reactors
and control DNAs (see Supplementary Material available
online at http://dx.doi.org/10.1155/2015/351014) (Supplemen-
tary Figure 1)).The resulting restriction profiles showed high
similarities among digestate, MFC-C, and MFC-U samples
and between the MFCs and G. sulfurreducens.

Next, 16S rRNA gene was also amplified by using specie-
specific primers.G. sulfurreducens 16S rRNA gene was clearly
detected in MFCs and digestate and the band intensity was
higher inMFC-C than inMFC-Udue to theG. sulfurreducens
preconditioning (Figure 6(a)). Sequence analysis confirmed
the presence of G. sulfurreducens in the digestate and in both
reactors. No AmoA band targeting the ammonia oxidizing
bacteria (AOB) [29] was observed in the reactors. This
suggests that the anaerobic conditions of the anodic cham-
ber, the accumulation of toxic compounds in the MFC, or
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Figure 6: Molecular analysis of the biofilm. (a) PCR amplification
of the indicated genes. 100 ng of DNA is used for each PCR reaction.
(b) Upper panel, PCR amplification of the 16 rRNA gene, and the
cd1 nitrite reductase (NirS) of the anammox bacteria. (c) Relative
quantification (RQ) of the anammox 16S rRNA gene in the MFC-
C and MFC-U biofilms with respect to digestate. Data are mean,
standard deviation,𝑁 = 3; statistical analysis (𝑡-test):MFC-C versus
digestate 𝑃 = 0.018; MFC-U versus digestate 𝑃 = 0.011.

the competition with better-adapted microorganisms neg-
atively affected the growth of the AOB. On the contrary,
by using primers targeting the 16S rRNA gene and the
cd1 nitrite reductase (NIRS) of the anammox bacteria [41]
(Figure 6(b)) we observed amplification products in both
the reactors and the digestate. To quantify the abundance
of anammox 16S rRNA in the bacterial populations of both
reactors, we performed real-time PCR assays by using the
relative quantification method and the digestate as calibrator
(Figure 6(c)). The analysis showed an increase of the average
abundance of the anammox specific 16S rRNA genes in the
MFC-C (1.59 ± 0.28) and MFC-U (3.73 ± 1.01) compared
with the digestate.This suggests a greater ability of anammox
bacteria to colonize sterile MFCs than G. sulfurreducens-
conditioned reactors.
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Finally, sequencing analysis of the anammox 16S rRNA
gene confirmed presence of Planctomycetes closely related
to Candidatus brocadia anammoxidans (sequence identity
between 97-98%) in both reactors (Supplementary Figure 2).

Overall, the molecular analyses revealed that MFC bac-
terial communities were directly related to the microbial
population found in the digestate; irrespective of G. sul-
furreducens preconditioning, very similar microbial com-
munities developed in the MFC-C and MFC-U reactors;
MFCoperating conditions selected electrogenic bacterial and
provide favourable conditions for the cultivation of anammox
bacteria.

4. Conclusions

Two-chamberMFC reactors fed with anaerobic digestate and
operated in batch-mode were assembled to test for simulta-
neous nitrogen reductions and energy recovery. Appreciable
removal of total COD (up to 60%) and TKN (up to 40%),
together with good electricity generation, was achieved by
the activity of bacterial consortia derived from digestate.
Regardless of preacclimation of the anodic biofilm with G.
sulfurreducens in one of the cells, the proposedMFCs allowed
the development of biofilms containing anammox bacteria
in the anaerobic compartment of the MFC, indicating the
presence of favourable conditions (e.g., strict anaerobic con-
ditions and high nitrogen content) for these bacteria. The
comparable current production measured in both MFC-C
and MFC-U suggests that electrogenic bacteria, such as G.
sulfurreducens, were fostered in the electrode colonization.

However additional studies are needed to better under-
stand how the MFC environment and the digestate influence
bacteria proliferation and biofilm development electricity
generation and ultimately nitrogen removal. Additionally,
in scaling-up MFC or in the assembly of continuous flow
systems, the treatment of undiluted digestate could repre-
sent a critical issue especially at an acceptable hydraulic
retention time. Nevertheless, the proposed results represent
a preliminary study to address the feasibility of MFC as
bottoming bioremediation units in anaerobic digestor plants
to generate electricity and simultaneously treat digestate for
nitrogen removal in order to limit waters pollution caused by
spreading of livestock effluents.
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Coastal environments worldwide are threatened by the effects of pollution, a risk particularly high in semienclosed basins like
the Mediterranean Sea that is poorly studied from bioremediation potential perspective especially in the Southern coast. Here,
we investigated the physical, chemical, and microbiological features of hydrocarbon and heavy metals contaminated sediments
collected at El-Max bay (Egypt). Molecular and statistical approaches assessing the structure of the sediment-dwelling bacterial
communities showed correlations between the composition of bacterial assemblages and the associated environmental parameters.
Fifty strains were isolated on mineral media supplemented by 1% crude oil and identified as a diverse range of hydrocarbon-
degrading bacteria involved in different successional stages of biodegradation. We screened the collection for biotechnological
potential studying biosurfactant production, biofilm formation, and the capability to utilize different hydrocarbons. Some strains
were able to grow on multiple hydrocarbons as unique carbon source and presented biosurfactant-like activities and/or capacity to
form biofilm and owned genes involved in different detoxification/degradation processes. El-Max sediments represent a promising
reservoir of novel bacterial strains adapted to high hydrocarbon contamination loads. The potential of the strains for exploitation
for in situ intervention to combat pollution in coastal areas is discussed.

1. Introduction

TheMediterranean Sea is exposed to a high risk of pollution
by petroleum hydrocarbons (HC), due to the presence of
tens of sites related to their extraction, refinery, and transport
along its coastline [1]. This risk is exacerbated by several
factors, including the semienclosed nature of this sea and the

geographical location of most of the oil-producing and oil-
consuming countries, placed, respectively, on the Southern
and Northern sides of the basin, entailing the presence of
pipeline terminal and oil tanker traffic. A recent analysis of
the papers published in the last years about the microbiology
of coastal and open-sea sites in theMediterranean Sea clearly
showed that the Southern side of the basin has been largely
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neglected [2] although it hosts several polluted areas along
its coasts, such as El-Max district area (Alexandria, Egypt).
Due to the numerous industrial activities, the disposal of
untreated waste effluents, and the shipping activities, El-Max
bay is a coastal site chronically contaminated by crude oil and
heavy metals [3] whose clean-up represents a challenge for
the Egyptian country and for the entire research community.
Crude oil is amixture of organic compounds thatmay contain
up to 20000 chemicals and it is hardly removable from pol-
luted ecosystems by traditional methods [4]. Bioremediation
is an alternative to physical and chemical methods and takes
advantage of the natural ability of certainmicrobes to degrade
HC, buffering the effect of oil pollution in natural ecosystems.
Bioremediation can be achieved by adding nutrients to
the autochthonous biodegrading microbes (biostimulation)
or adding a microorganism’s inoculum in the polluted
environment (bioaugmentation). The successfulness of such
approaches is still under debate [5–7]; however recent reports
suggest the use of autochthonous bioaugmentation (ABA)
as the best practice to restore polluted marine ecosystems
[8]. The starting point for such approach is the detailed
study of the diversity of microbial communities colonizing
the polluted site of interest. Such survey should be accom-
plished through both molecular and cultivation dependent
techniques that, respectively, allow (i) the correlation of the
environmental parameters with the structure of the whole
microbial communities and (ii) the enrichment, identifica-
tion, and characterization of degrading microbes for traits of
interest like the production of biosurfactant. Biosurfactants
are molecules that have hydrophilic and hydrophobic moi-
eties and, enhancing the bioavailability of oil hydrocarbons,
are pivotal in microbial oil degradation network [8]. In
this pipeline, the most promising microbes can be selected
for subsequent laboratory scale experiments to test their
degrading capability before ex situ and in situ field ABA trials.

This work represents the first holistic investigation of
the bacterial communities inhabiting the marine sediments
of different stations located in El-Max district bay. It aims
to unravel the pattern of bacterial diversity, ecology, and
degradation potential in polluted sediments and to obtain
promising bacterial resources to be exploited formarine sites’
clean-up. Chronically polluted El-Max district represents a
very interesting site for this research topic since, due to
the occurrence of strong selective pressure, most of the
autochthonous bacteria should be able to cope with the
environmental stressors induced by oil contamination.

2. Materials and Methods

2.1. Sites Description and Sampling. The sampling areas
are located at El-Max bay, which lies in the western
side of Alexandria at longitude 29∘78 E and latitude
31∘13N (Figure 1(a)). The shoreline is mainly rocky with
occurrences of narrow sandy beaches. There are pronounced
differences in direction and intensity of marine currents
in the bay near the outlets [9, 10]. Sediment samples were
collected in triplicate at depth between 3 and 16 meters,
using a grab sampler, from 4 stations (Figures 1(b) and

(a)

(b)

(c)

Figure 1: Location of the study area and sampling stations. (a)
Overall area of El-Max district (Egypt) in theMediterranean Sea and
(b) satellite image of the sampling area, (c) showing the position of
the four sampling sites.

1(c)): P (31∘931.20N, 29∘5028.20E), Q (31∘928.40N,
29∘5014.40E), R (31∘918.56N, 29∘505.89E), and S
(31∘94.89N, 29∘502.49E). Sediment samples were
packed in aluminum foil for HC analysis and in plastic
bags for the rest of the physicochemical parameters. The
water content, particle size, and total organic carbon were
determined immediately after sampling. Sediment samples
were collected using sterile spoons and stored in sterile
bags at 4∘C for bacterial isolation and −20∘C for molecular
analyses.
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2.2. Chemical Characterization of Sediment Samples. Phos-
phorus extraction was performed according to Aspila et al.
[15]. Total phosphorus was extracted by ashing the sample
at 550∘C for 2.5 h and subsequent shaking with 1N HCl for
16 hours while the inorganic phosphorus was extracted by
shaking the oven-dried sediments (110∘C) with 1N HCl for
16 hours. Phosphorus determination in the two extracts was
made according to the method of Murphy and Riley [16].
Organic phosphorus was calculated subtracting the value of
the inorganic phosphorous from the total phosphorus.

Total nitrogen content in the sediment samples was
determined by using Kjeldahl apparatus (Raypa, model:
DNP–1500, R. Espinar S.L., Barcelona, Spanish) according to
standard method [17].

The total organic content (TOC) was determined by the
loss-on-combustion technique after removal of carbonate
with dilute (IN) HCl; a portion of sediments was weighed
into a porcelain crucible and ignited in a muffle furnace at
550∘C for two hours. The crucible was cooled in a desiccator
and reweighed and the total organic content (TOC) was
calculated as the weight loss in percentage [18]. The analysis
of total pesticides and polychlorinated biphenyls (PCBs) was
performed as previously described [19–21].

The presence and abundance of different n-alkanes were
estimated by chromatographic techniques.The n-alkane con-
centration was analyzed by Agilent 7890, USA. A HP-5
capillary chromatographic column (30m × 0.32mm I.D.)
and a capillary column (30m × 0.25mm I.D.) were used for
GC-FID and GC-MS analyses, respectively. Nitrogen was the
carrier gas with 3mL/min. Injector and detector temperature
weremaintained at 300∘C and 320∘C, respectively.The identi-
fication of n-paraffin peaks was established using a reference
mixture of n-paraffin of known composition.

To determine the total content of heavy metals (copper
(Cu), iron (Fe), zinc (Zn), chromium (Cr), nickel (Ni),
cadmium (Cd), cobalt (Co), and lead (Pb)) and arsenic
(As) in sediments, samples (0.1 g) were HNO

3
/HClO

4
(4 : 1,

v/v) digested in a microwave oven (CEM, MARS5). After
digestion, the volume of each sample was adjusted to 20mL
using deionized water. Heavy metals and arsenic content was
determined by inductively coupled plasma-mass spectrome-
try (ICP-MS, Agilent Technologies, Santa Clara, CA, USA).
Standards of heavy metals and of arsenic for concentrations
ranging from 0 to 1mg/L were prepared from multielement
calibration standard-2A solution (Agilent Technologies) and
from sodium arsenite solution (NaAsO

2
) (Sigma-Aldrich,

St. Louis, MO, USA), respectively. For all the measures by
ICP-MS an aliquot of a 2mg/L of an internal standard
solution (45Sc, 89Y, 159Tb, Agilent Technologies) was added
both to samples and to a calibration curve to give a final
concentration of 20𝜇g/L. The instrument was tuned daily
with a multielement tuning solution for optimized signal-to-
noise ratio.

2.3. Metagenome Extraction and 16S rRNA Amplification.
Total DNA was extracted from 0.5 g of sediment using
the “Power Soil” kit (MoBio Laboratories Inc., Carls-
bad, CA, USA) following the manufacturer’s instructions.

DNA was quantified using a NanoDrop 1000 spectropho-
tometer (Thermo Scientific, Waltham, MA, USA). Bacte-
rial 16S rRNA gene fragments (∼550 bp) were amplified
with polymerase chain reaction (PCR) using primers 907R
(3-CCGTCAATTCCTTTGAGTTT-5) and GC-357F (3-
CCTACGGGAGGCAGCAG-5 with a 5-end GC-clamp)
targeting a portion of the 16S rRNA gene that includes
the hypervariable V3–V5 regions [22]. PCR reactions were
performed as previously described [23]. Presence and length
of PCR products were checked by electrophoresis in 1%w/v
agarose gel prior to denaturing gradient gel electrophoresis
(DGGE) analysis.

2.4. Denaturing Gradient Gel Electrophoresis. PCR products
(∼150 ng) were loaded in a 0.5mm polyacrylamide gel
(7% (w/v) acrylamide-bisacrylamide, 37.5 : 1) containing 43
to 56% urea-formamide denaturing gradient (100% corre-
sponds to 7M urea and 40% (v/v) formamide). The gels
were run for 16 h at 60∘C by applying a constant voltage
of 90V in 1X Tris-acetate-EDTA (TAE) buffer. After elec-
trophoresis, the gels were stained for 30min in 1X TAE
buffer containing 1X SYBRGreen (Molecular Probes, Leiden,
Netherlands) according to manufacturer’s instructions and
rinsed twice for 10min with distilled water. Gels images were
captured using a Gel Doc 2000 apparatus (Bio-Rad, Milan,
Italy). The band patterns of the DGGE gel were analysed
using Image J software (available for free download at
http://rsb.info.nih.gov/ij/). A Principal Coordinates Analysis
(PCO) was performed using PRIMER v. 6.1 [24]. DGGE
bands were excided from the gels with a sterile scalpel and
eluted in 50 𝜇L of sterile Milli-Q water at 37∘C for 4 h.
The eluted DNA was amplified by PCR using primers 357F
and 907R and positive amplifications were sequenced by
Macrogen Inc., Korea.

2.5. PCR Amplification of Functional Genes. The presence
of alkB gene, encoding for alkane hydroxylase, in the
metagenome extracted from the sediments was assessed
using the primers D-alkF (5-GCICAYGARYTIGGICAY-
AAR-3) andD-alkR (5-GCRTGRTGRTCISWRTG-3) [25].
PCR amplification was performed in 50 𝜇L reaction contain-
ing 1X buffer, 2mMMgCl

2
, 0.12mM of dNTPsmixture, 1 𝜇M

of each primer, 5% DMSO, 1.5U Taq polymerase, and 10 ng
of template, applying the following thermic protocol: 94∘C for
4, followed by 30 cycles of 94∘C for 45, 55∘C for 1, and 72∘C
for 1, and a final extension at 72∘C for 10min.

Primers nccA-F (5-ACGCCGGACATCACGAACAAG-
3) and nccA-R (5-CCAGCGCACCGAGACTCATCA-3)
were used as previously reported [12] to amplify thenccA gene
that encode for nickel-cobalt-cadmium efflux pump. Prim-
ers dacr5F (5-TGATCTGGGTCATGATCTTCCCVATGM-
TGVT-3) and dacr4R (5-CGGCCACGGCCAGYTCRA-
ARAARTT-3) were used for amplification of arsenite
efflux pump (ACR3(2)) according to Achour et al. [13].
Primers Phn321F (5-TTCTCGGTCGGG ACTTTCCAA-3)
and Phn671R (5-GGCAACCAGATCTGTCATG-3) were
used for amplification of phnA1 gene coding for 3,4-
phenanthrene dioxygenase, according to Cavalca et al. [14].
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PCR reactions were performed in a final volume of 25 𝜇L
containing 1X buffer, 1.75mM MgCl

2
, 0.2mM of dNTPs

mixture, 0.4 𝜇M of each primer, 1.5 U Taq polymerase, and
10 ng of total DNA.

2.6. Bacteria Isolation and Identification. Bacteria were
enriched and isolated using two different marine mineral
media (artificial seawater (ASW) and ONR7a) [3, 26] supple-
mented with 1% crude oil (see [27] for composition details).
Enrichment vials were incubated at 30∘C under agitation
until turbiditywas observed before proceedingwith isolation.
Twenty-five bacterial isolates have been obtained in pure
cultures from both media. DNA extraction was performed
on each isolate by boiling lysis or using Thermo Scientific
GeneJET Genomic DNA Purification Kit. The amplification
of the bacterial 16S rRNA gene was performed using the
universal primers 27F (3-AGAGTTTGATCMTGGCTCAG-
5) and 1492R (3-CTACGGCTACCTTGTTACGA-5). The
PCR amplification conditions and thermal protocol were set
up as previously described [23] providing a PCR amplicon of
approximately 1400 bp.

2.7. Nucleotide Sequence Analyses and Accession Num-
bers. Nucleotide sequences were edited in Chromas Lite
2.01 (http://www.technelysium.com.au) and subjected to
BLAST search (http://blast.ncbi.nlm.nih.gov/Blast.cgi). The
partial 16S rRNA gene sequences obtained from the bac-
terial isolates have been deposited in the GenBank and
ENA (European Nucleotide Archive) databases and the
related accession number is reported in Table 6. The
sequences obtained from the excised DGGE bands are
available at ENA under the accession numbers LN610485–
LN610498.

2.8. Evaluation of Metabolic Traits, Biofilm, and Biosurfac-
tant Production within the Bacteria Collection. The potential
ability to produce biosurfactant has been assessed within the
bacteria collection using different assays aimed at determin-
ing the surface tension reduction, hemolytic activity, and cell
hydrophobicity as previously described [3].

Surface tension of cell-free ASW medium was measured
after 7 days of enrichment by tensiometer (model TD 1 LAUD,
Germany) using the ring method, at room temperature [28].
The results are reported in Table 7 as mean and standard
deviation of three measurements. The reduction of surface
tension was determined by comparing the surface tension
of the noninoculated medium (65.66 ± 4mN/m) with the
cell-free medium obtained after the incubation of tested
bacteria. Biofilm formation was evaluated by using 96-well
microtiter plate according to published protocols [3, 29].
The inoculated plates were incubated for 48 h at 30∘C. After
incubation, quantitative analysis of biofilm production was
performed bymeasuring the optical densities (OD) at 570 nm
of stained adherent bacterial films using a microtiter-plate
reader (Tecan Sunrise Remote, Austria). Each assay was
performed in triplicate.The noninoculatedmediumwas used
as negative control to determine backgroundOD.The average
OD values were calculated for all tested strains and negative

controls. All the OD measurements were normalized against
the negative control for each microtiter plate separately. The
isolates were considered biofilm producers if they showed
an OD value of 0.12. If the OD exceeded 0.240, they were
classified as strongly adherent. Strains displaying OD values
greater than 0.12 but less than 0.240 were classified as weakly
adherent [30, 31]. Cell hydrophobicity was determined for
bacterial isolates according to previously established proto-
cols [32, 33]. Bacterial cells were enriched in 20mL ASW
medium supplementedwith crude oil (1%w/v) and incubated
for 7 days in an orbital shaker at 30∘C. Cells were harvested
at the early log phase, washed with phosphate buffer, and
resuspended to get an initial OD600 measure comprised
between 0.4 and 0.6. Cell suspension (3mL) and crude oil
(150 𝜇L)weremixed using a vortex for 120 seconds, the phases
separated for 15min, and the aqueous phase was carefully
removed with a Pasteur pipette and transferred to a cuvette
to measure the OD600. The decrease in the turbidity of the
aqueous phase correlates with the hydrophobicity of the cells
[34].The percentage of cells bound to the hydrophobic phase
(𝐻) is calculated by the following formula𝐻 = (1 − 𝐴/𝐴

0
) −

100%, where𝐴
0
is the absorbance of the bacterial suspension

without hydrophobic phase added and 𝐴 is the absorbance
after mixing with hydrophobic phase.

The capability of each of the bacteria to utilize different
HC molecules (xylene, octane, pyrene, dibenzothiophene,
phenanthrene, and naphthalene) as sole carbon source was
tested in ASW agar medium with a final concentration of
25mg/L of the different HC. Xylene, octane, and naphthalene
were added in the inner side of the lids of Petri dishes and
incubated upside down to allow the upwards diffusion of the
HC through themedium, whereas the other HCs were spread
on the medium surface. The plates were incubated at 30∘C
for two weeks: if colonies could be detected on the plates,
the ability to grow in presence of a certain compound was
considered positive [3].

2.9. Statistical Analyses. Significant differences in the bacte-
rial community compositionwere analyzed by permutational
analysis of variance (PERMANOVA, [35]) considering the
sampling stations and the type of sediment as an orthogonal
fixed factor. All the statistical tests were performed by
PRIMER v. 6.1 [24], PERMANOVA+ for PRIMER routines
[36]. To assess the significance correlation between envi-
ronmental data with the bacterial community composition
obtained by DGGE, a Mantel test was performed (R pack-
ageade4, mantel.rtest, 999 iterations [37]).

Furthermore, distance-based multivariate analysis for a
linear model (DistLM [38]) was carried out to determine the
significant environmental variables explaining the observed
similarity among the samples. The Akaike information cri-
terion (AIC) was used to select the significant predictor
variables. The contribution of each environmental variable
was assessed using a “sequential test” to evaluate the cumu-
lative effect of the environmental variables explaining biotic
similarity.
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Table 1: Physical characteristics of El-Max district sediments samples.

Station % sand % silt % clay Mean size (phi) Type of sediment Water content % Porosity %
P 95.18 4.82 0.00 0.11 Coarse sand 15.00 6.90
Q 85.82 8.7 5.49 0.49 Coarse sand 20.00 9.79
R 95.62 3.04 1.34 1.51 Medium sand 28.00 15.02
S 39.41 34.39 26.20 4.84 Coarse silt 35.00 20.22
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Figure 2: Chemical characterization of the sediments. Concentration in the sediment of (a) total nitrogen (TN); (b) total phosphorous (TP);
(c) total organic carbon (TOC), total pesticides (TPest), and polychlorinated biphenyls (PCBs); (d) total aromatic hydrocarbons.

3. Results and Discussion

3.1. Physicochemical Analyses Indicate High Level of Pollution
in El-Max District Sediments. Physical analyses showed that
the sediments collected from the stations P, Q, and R are
mainly composed of sand (85.82–95.62%) while the sediment
of station S displayed a different composition, containing
approximately the same percentage of sand (39.41%) and silt
(34.39%) and a higher proportion of clay (26.20%) compared
to the rest of the stations (0–5.49%) (Table 1). Grain size
measurements of superficial sediment revealed that stations
P and Q contained coarse sand whereas station R displayed
medium size sand (Table 1). The highest water content
percentage was detected in station S (35%) which contains
a fine silty sediment type (Table 1). Such differences in the
water content and grain size are known to influence the
solubility of elements and nutrients in marine sediments,
ultimately affecting the distribution of metals and other
pollutants that preferentially bind to fine particles [39],
determining as a consequence that the four stations analyzed
constitute different environmental niches. All the stations

showed total nitrogen content below 0.2%w/v (Figure 2(a)).
Stations R and S showed a high content of total phosphorous
with 0.83 and 0.59 ppm, respectively (Figure 2(b)). In the
case of station R, which showed the highest concentration,
this could be due to the close presence of the agricultural
drain El-Umum. As shown in Figure 2(c), sediments of
the stations P and S displayed the highest concentrations
of total organic carbon (0.56 and 0.634 ng/g, resp.) and
total pesticides (0.1362 and 0.1452 ng/g, resp.). Moreover,
sediments P and S contained high concentrations of PCBs
(Figure 2(c)), whose highest concentration was recorded in
sediments of station Q (0.17 ng/g). The assessment of total
polycyclic aromatic hydrocarbons (PAH) concentration in
the sediment was performed by measuring the content of 16
different aromatic hydrocarbons and it indicated that station
P has the highest PAH level (Figure 2(d)). Stations P and
S, containing 81.6 and 11.6 𝜇g/g of PAH, are active fishing
area characterized by PAH concentration higher than the
maximum indicated by the quality standards for marine
water [40] and allowed by the EU (0.20 𝜇gL−1) and US
(ΣPAH = 0.030 𝜇gL−1) Environmental Quality Criteria for
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Table 2: Total heavy metal and arsenic content in El-Max district sediments.

Cu (mg/kg) Fe (g/kg) Zn (mg/kg) Cr (mg/kg) Ni (mg/kg) Cd (mg/kg) Co (mg/kg) Pb (mg/kg) As (mg/kg)
P 22.63 ± 4.09 4.389 ± 0.21 45.77 ± 10.42 19.21 ± 1.27 7.83 ± 2.12 1.19 ± 1.93 1.58 ± 0.03 19.27 ± 4.87 3.31 ± 0.57
Q 65.98 ± 11.1 11.16 ± 1.69 142.97 ± 17.16 78.35 ± 10.19 15.93 ± 2.95 0.25 ± 0.14 3.71 ± 0.69 44.15 ± 0.44 4.90 ± 0.84
R 72.79 ± 1.66 11.23 ± 0.75 142.80 ± 11.16 86.6 ± .3.66 19.18 ± 0.74 0.28 ± 0.05 4.11 ± 0.31 45.57 ± 2.47 5.17 ± 0.93
S 118.15 ± 12.14 11.66 ± 0.93 247.71 ± 22.59 105.08 ± 7.69 26.37 ± 2.08 0.58 ± 0.11 4.45 ± 0.54 59.40 ± 5.01 7.06 ± 1.25
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Figure 3: Concentration of n-alkanes in El-Max district sediments.

protection of human consumers of aquatic life [41]. GC
analysis of HC compounds in the analyzed stations (Figure 3)
revealed that the dominant n-alkanes were n-C

20
(eicosane),

n-C
26

(hexacosane)
,
n-C
28

(octacosane), n-C
30

(tricontane),
and n-C

36
(hexatriacontane). Sediment collected at station

P contained the highest concentration of n-alkane of n-
C
22
, while the sediment of station S showed the highest

concentrations of long chain n-alkanes of n-C
26
, n-C
28
, and

n-C
30
. Overall, the sediment collected at station S showed the

highest total n-alkanes content (Figure 3).
Heavy metal and metalloids content in sediments was

evaluated by measuring 8 different metals (Cu, Fe, Zn, Cr,
Ni, Cd, Co, and Pb) and As. It is noted that station S has
the highest metal and As content while station P showed
the lowest content (Table 2). Unlike metal concentrations
in surface water, where many countries adopted clear and
unambiguous guidelines (i.e., [42, 43]), there are no accepted
international or local standards of metal levels in marine
sediments. Only few countries (i.e., Netherlands andCanada)
have a long-standing legislative tradition developing criteria
and regulations for sediment quality [44], while Egypt as the
majority of the countries has not enforced any environmental
protection laws or the existing legislation is not clear. Thus,
the metals and arsenic levels assessed in this study were
compared to the EU intervention limits imposed by the law
for soil and subsoil of residential or industrial areas and to
literature data. In all the sediments, metals content was below
the threshold concentration of European Union Standard
[45] and, in particular, Ni, Pb, and Cd were retrieved at a
similar level present in rural soils of many countries [46]. In

Table 3: PERMANOVA pairwise results. (a) Groups correspond
to the different stations. (b) Groups correspond to the different
type/granulometry of the sediment. 𝑡: 𝑡 statistic; 𝑃: statistical
significance. Significantly different groups are written in bold type.

(a)

Groups 𝑡 𝑃

P, Q 2,1697 0,0385
P, R 1,6055 0,1077
P, S 3,7151 0,0044
Q, R 2,6056 0,0146
Q, S 5,9167 0,0009
R, S 5,1805 0,002

(b)

Groups 𝑡 𝑃

Coarse sand, medium sand 1,2488 0,2166
Coarse sand, coarse silt 4,3187 0,0006
Medium sand, coarse silt 5,1805 0,0021

addition, arsenic content was present at a comparable level to
the uncontaminated soils [47].

3.2. El-Max District Polluted Sediments Host Complex Bacte-
rial Communities Whose Diversity Is Driven by Physicochem-
ical Parameters. Denaturing Gradient Gel Electrophoresis
(DGGE) was applied to the metagenome extracted from the
sediments to provide a snapshot of the bacterial communi-
ties’ structure. From each station, total sediment DNA was
extracted and analyzed by DGGE. Fingerprinting performed
in triplicate demonstrated the reliability of the obtained
DGGE profiles (Figure 4(a)). DGGE patterns showed the
occurrence of complex bacterial communities in all the
analyzed sediments (Figure 4(a)) indicating that the pollution
level did not affect the taxonomic diversity of bacterial com-
munities. A positive correlation between the environmental
data available for the analyzed sediments and the detected
DGGE pattern was indicated by the Mantel test (𝑟 = 0.597;
𝑃 < 0.05), revealing that the physical parameters, together
with the measured nutrients and pollutants concentration,
are the main drivers of the overall composition of the
bacterial communities. The DGGE patterns of the sediments
P, Q, and R appeared to be similar whereas differences could
be observed with sediment S, concerning the presence of
peculiar bands as well as differential abundance of some ubiq-
uitous bands (Figure 4(a)). Principal Coordinates Analysis
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Figure 4: Cultivation dependent and independent analyses of the bacterial communities at El-Max district. (a) DGGE analysis performed
of the 16S rRNA on the sediment metagenome. The numbers in the name of the samples represented the three analyzed replicates. Bands
numbered have been excised from the gel and theirDNAcontent has been sequenced (results are reported inTable 5). (b) Principal component
analysis based on the DGGE profiles of the 16S rRNA gene in the sediments. (c) Identification and relative abundance of the bacteria isolated
on ONR7a medium. (d) Identification and relative abundance of the bacteria isolated on ASWmedium.

(PCO) of the DGGE fingerprints confirmed the observed
differences showing a sharp clustering of sediments S1-2-3
separately from the other sediments (Figure 4(b)). Based on
PCO1 (explaining 75.2% of the total variation) the bacterial
community of the samples collected at station Q were also
different from the sediments P and R (Figure 4(b)). Statistical
analysis supported the PCO indications, confirming that
both the bacterial community dwelling sediments S and Q
were significantly different from those collected at stations
P and R (see Table 3(a) for pairwise comparison). Moreover,
PERMANOVA showed that the structure of sediments’ bac-
terial community was influenced by the type of sediment
(PERMANOVA, df = 2,𝐹 = 12.7,𝑃 = 0.0001), distinguishing
sandy (P, Q, and R) and silty (S) sediments as statistically
different (see Table 3(b) for pairwise comparison).

Physical and chemical parameters measured at the inves-
tigated stations were analyzed to assess their influence on
the structure of the bacterial communities (Table 4). The
sequential test showed that sand and clay percentage in the
sediments are the statistically significant physical parameters
involved in shaping the bacterial communities (Table 4(a)).
Furthermore, DistLM analysis was performed on chemical
data considering separately the metal concentration and the
other available chemical parameters. The sequential tests
showed that, among metals, Cu, Fe, and Zn concentration
are the drivers of the bacterial community structure in the
sediments (Table 4(b)) and that total organic carbon (TOC)
and PCBs concentration were the other statistically signifi-
cant parameters involved in the selection and assemblage of
bacterial populations (Table 4(c)). Our data are in agreement
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Table 4: (a) Sequential test (DistLM) explaining the total variation with the contribution of all the predictor variables accounted separately
according to their division in (a) physical data, (b) metal/metalloid concentration, and (c) nutrients/pollutants concentration. 𝐹 = statistic; 𝑃
= probability; Prop. = proportion of total variation explained; Cumul. = cumulative explained by the listed variables; Res.df = residual degrees
of freedom. Statistically significant variables are written in bold type.

(a)

Sequential tests
Variable AIC 𝐹 𝑃 Prop. Cumul. Res.df
+% sand 35,267 16,445 0,0036 0,62186 0,62186 10
+% silt 34,458 2,3747 0,0738 0,078943 0,70081 9
+% clay 28,526 7,493 0,0008 0,1447 0,84551 8
Mean size 28,526 No test −1,60𝐸− 14 0,84551 8
Water content 28,526 No test −1,59𝐸− 16 0,84551 8
Porosity 28,526 No test 1,14𝐸− 15 0,84551 8

(b)

Sequential tests
Variable AIC 𝐹 𝑃 Prop. Cumul. Res.df
Cu 40,706 6,8084 0,0092 0,40506 0,40506 10
Fe 30 16,947 0,0009 0,38858 0,79364 9
Zn 28,526 2,686 0,055 0,051871 0,84551 8
Cr 28,526 No test −4,67𝐸− 16 0,84551 8
Ni 28,526 No test −6,42𝐸− 16 0,84551 8
Cd 28,526 No test 7,80𝐸− 16 0,84551 8
Co 28,526 No test −2,21𝐸− 16 0,84551 8
Pb 28,526 No test 5,79𝐸− 16 0,84551 8
As 28,526 No test 7,27𝐸− 16 0,84551 8

(c)

Sequential tests
Variable AIC 𝐹 𝑃 Prop. Cumul. Res.df
TAH 46,138 0,68916 0,506 6,45𝐸 − 02 6,45𝐸− 02 10
TOC 31,775 26,19 0,0006 0,69626 0,76073 9
PCHs 28,526 4,3898 0,0099 8,48E − 02 0,84551 8
Tpest 28,526 No test 3,40𝐸 − 16 0,84551 8
TN 28,526 No test −9,57𝐸 − 16 0,84551 8
TP 28,526 No test 8,47𝐸 − 16 0,84551 8

with a recent study, which indicated both sediment particle
size and the concentration of metals, including Fe and Zn, as
pivotal factors in shaping the sediment’s bacterial community
[48].

Aiming to identify the dominant taxa associated with
the PCR-DGGE profiles several DGGE bands were excised
from the gel. The successful sequencing of partial 16S rRNA
could be obtained only for 14 bands (Figure 4(a)), pointing
out the presence of bacteria typical of marine ecosystems
and characterized by low identity percentage with any known
sequence in the public databases (Table 5). According to
DGGE band sequencing, the main phylum associated with
El-Max district sediment was represented by Bacteroidetes,
while Actinobacteria, Acidobacteria, and Spirochaetes were
retrieved in lower abundance (Table 5). The phylum Bac-
teroidetes was previously indicated among the main actors
involved in PAH degradation in river sediment based on
DGGE analyses [49] and could possibly play a role in

marine sediments. The phyla Actinobacteria, Acidobacteria,
and Bacteroidetes were also detected by high-throughput
sequencing in estuarine sediments [48] while Spirochaetes
were identified within the metabolically active bacterial
communities in microcosms established using chronically
polluted estuarine sediments [50].

The presence of putative HC-oxidizers in El-Max district
sediments was, moreover, demonstrated by the amplification
of the alkB gene, codifying the alkane monooxygenase
enzyme, from all the sediment metagenomes (data not
shown).

3.3. Phylogenetically Different Hydrocarbonoclastic Bacterial
Isolates Were Obtained Using Different Cultivation Media.
Besides molecular analysis, a cultivation approach was
applied to obtain and characterize bacterial isolates according
to the biotechnological potential for bioremediation appli-
cations. Twenty-five bacteria were isolated from the four
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Table 5: Phylogenetic identification of bacteria from sequenced DGGE bands (see Figure 4 for band correspondence). The column
“Environment” reports the habitat in which the “Closest relative” sequence present in NCBI database was detected.

Band Sample Closest relative (Acc. No.) Identity (%) Phylum Environment
1 P1 Unc. Bacterium (FR851749) 99 Actinobacteria Coral reef sands
2 P1 Unc. Acidobacteria (JF344347) 97 Acidobacteria Oil-polluted sediments
3 P3 Unc. Bacterium (FR851749) 99 Actinobacteria Coral reef sands
4 Q2 Unc. Bacterium (JN453366) 95 Bacteroidetes Hypersaline microbial mat
5 Q2 Unc. Bacterium (JN470103) 96 Bacteroidetes Hypersaline microbial mat
6 Q2 Unc. Bacterium (JN530286) 98 Spirochaetes Hypersaline microbial mat
7 Q3 Unc. Bacterium (JN530286) 97 Spirochaetes Hypersaline microbial mat
8 R3 Unc. Bacterium (KC574864) 95 Bacteroidetes —
9 R3 Unc. Bacterium (KC574864) 94 Bacteroidetes Hypersaline microbial mat
10 S1 Unc. Bacterium (JN529047) 93 Bacteroidetes Hypersaline microbial mat
11 S1 Unc. Bacteroidetes (AF507860) 97 Bacteroidetes Meromictic soda lake
12 S1 Unc. Bacterium (KF268891) 99 Bacteroidetes Marine sediment
13 S3 Unc. Bacteroidetes (AF507860) 97 Bacteroidetes Meromictic soda lake
14 S3 Unc. Bacterium (KF268891) 99 Bacteroidetes Marine sediment

stations on ASW medium supplemented with crude oil
as the sole carbon source. This collection included Bacilli
(13), Betaproteobacteria (1), and Gammaproteobacteria (11)
divided into several families and genera (Table 6), with
a high Shannon-Weaver index (2.69), calculated from the
number of individuals per genus. The collection included
bacterial genera widely studied for their ability to degrade
oil hydrocarbons, such as Acinetobacter venetianus [51],
Pseudomonas stutzeri [52], and Marinobacter hydrocarbono-
clasticus [53] (Table 6, Figure 4(c)). Bacteria belonging to the
genera Acinetobacter, Pseudomonas, and Marinobacter were
isolated from a variety of oil contaminated sites around the
world. Such environments included coastal oil-polluted site
in Tunisia [54], intertidal sand affected by oil pollution after
the Prestige spill [55], theGulf ofMexico beach sand [56], and
deep hypersaline anoxic basins [57]. Kostka and coauthors
[56] recently proposed that Gram-positive bacteria like those
of the genus Bacillus, representing the 48% of the bacteria
we isolated on ASW medium, could be used as sentinel for
the later stages of oil degradation, when PAH dominate the
composition of the residual oil. Accordingly, other authors
[58–60] previously reported the presence of hydrocarbon-
degrading Bacillus strains from marine sediments and sea-
water.The fraction of El-Max sediment bacteria cultivable on
ASW medium included representatives of the genera Alcali-
genes, Sphingomonas, and Providencia (Table 6, Figure 4(d)),
the latter showing high potential for the bioremediation of
heavy metals [61, 62], which are abundantly present in the
samples analyzed in this study. Marine bacteria able to resist
high mercury concentrations and able to detoxify cadmium
and lead were described also within the species Bacillus
pumilus andAlcaligenes faecalis [63], present in our collection
(Table 6). A. faecalis can perform phenanthrene degradation
[64] and was also previously detected by DGGE analysis in
weathered fuel enrichment established after the Prestige oil
spill [65].The ability of Sphingomonas spp. isolates to degrade
a wide range of xenobiotics has been reported and their

remediating capability has been assigned to a large plasmid
harboring the genes codifying degrading enzymes [64].

Sediment from station S, which hosts a peculiar bacterial
community according to the DGGE analysis, was used to
perform second enrichment on ONR7a medium, adding
crude oil as the sole carbon source. A second collection of
twenty-five bacteria was obtained from the ONR7a enrich-
ment, leading to the selection of three different species, thus
showing a lower diversity compared to the ASW collection
(Shannon-Weaver index: 0.44). All the bacteria isolated
on ONR7a medium belonged to the known hydrocarbon-
degrading species Pseudomonas stutzeri (2), Marinobacter
adhaerens (1), and Marinobacter hydrocarbonoclasticus (22)
(Table 6). It is worthy to note how much our perception of
the cultivable fraction of oil-degrading bacteria in a certain
environment can vary simply changing the medium applied
for cultivation purposes. In fact, ONR7a medium exclu-
sively selected Gammaproteobacteria from El-Max district
polluted sediments, mainly represented by the well-known
metabolic versatile Marinobacter hydrocarbonoclasticus. The
cultivation approach based on the use of two different media
provided a wider perspective on the cultivable fraction of the
bacterial community present in the investigated sediments.
Such strategy permitted identifying both (i) specialist and
versatile bacterial species involved in the first stages of the
degradation of aliphatic and aromatic hydrocarbons (i.e.,
Gammaproteobacteria) and (ii) bacterial species previously
indicated as key players in the successional stages of the
degradation process (i.e., Bacillus).

3.4. Hydrocarbonoclastic Bacteria of El-Max District Possessed
Bioremediation Potential Traits. We screened the bacterial
collection for the ability to grow on single hydrocarbon
molecules as sole carbon source, showing that a variable
percentage of the isolates were able to grow on the different
tested HC (Table 7). A lower percentage of the strains were
able to grow using pyrene (7%) and phenanthrene (8%) and



10 BioMed Research International

Table 6: List of the bacterial strains isolated from the polluted sediments of El-Max district (Egypt) and their phylogenetic affiliation. The
codes of the strains isolated from station R are indicated in italics since their identification was previously reported by the same authors [11].

Strain code Medium Acc. No. Class Family Closest described
relative Identity (%)

SCP2 ASW KC573500 Bacilli Bacillaceae Bacillus
sporothermodurans 96

SCuQ1 ASW KC573503 Bacillus megaterium 99
SCR2a ASW KC573523 Bacillus megaterium 98
SCuR2a ASW KC573507 Bacillus cereus 98
SCR3a ASW KC573505 Bacillus cereus 99
SC∗R3a ASW KF217252 Bacillus cereus 99
SCuR5a ASW KF217249 Bacillus sp. 99
SC∗S1 ASW KF217253 Bacillus pumilus 99
SCS2 ASW KC573509 Bacillus cereus 99
SCS3 ASW KC573510 Bacillus subtilis 99
SCS4 ASW KF217259 Bacillus sp. 99
SC∗S6 ASW KF217254 Bacillus aerophilus 99

SCP1 ASW KC573499 Staphylococcaceae Staphylococcus
haemolyticus 99

SC∗CuP1 ASW KC573501 Gammaproteobacteria Pseudomonadaceae Pseudomonas
xanthomarina 98

SCuQ2 ASW KC573504 Pseudomonadaceae Pseudomonas stutzeri 99

SCuR3a ASW KC573508 Pseudomonadaceae Pseudomonas
knackmussii 98

SCuR4a ASW KC573524 Pseudomonadaceae Pseudomonas stutzeri 99
SCS1 ASW KC573525 Pseudomonadaceae Pseudomonas stutzeri 100
SC∗Q2 ASW KC573520 Moraxellaceae Acinetobacter venetianus 99

SCR1a ASW KC573522 Alteromonadaceae Marinobacter
hydrocarbonoclasticus 99

SC∗Q3 ASW KC573502 Marinobacter
hydrocarbonoclasticus 98

SCS6 ASW KC573526 Marinobacter
hydrocarbonoclasticus 99

SC∗R2a ASW KF217251 Enterobacteriaceae Providencia vermicola 99
SCuR1a ASW KC573506 Sphingomonadaceae Sphingomonas sp. 95
SCP3 ASW KF217258 Betaproteobacteria Alcaligenaceae Alcaligenes faecalis 99
S1 1 ONR7a LN610460 Gammaproteobacteria Pseudomonadaceae Pseudomonas stutzeri 99
S1 24 ONR7a LN610475 Pseudomonas stutzeri 99

S1 4 ONR7a LN610461 Alteromonadaceae Marinobacter
hydrocarbonoclasticus 99

S1 5 ONR7a LN610462 Marinobacter
hydrocarbonoclasticus 100

S1 7 ONR7a LN610463 Marinobacter
hydrocarbonoclasticus 99

S1 9 ONR7a LN610464 Marinobacter
hydrocarbonoclasticus 99

S1 10 ONR7a LN610465 Marinobacter
hydrocarbonoclasticus 99

S1 11 ONR7a LN610466 Marinobacter
hydrocarbonoclasticus 99

S1 12 ONR7a LN610467 Marinobacter
hydrocarbonoclasticus 99

S1 13 ONR7a LN610468 Marinobacter
hydrocarbonoclasticus 100

S1 16 ONR7a LN610469 Marinobacter
hydrocarbonoclasticus 99

S1 17 ONR7a LN610470 Marinobacter
hydrocarbonoclasticus 100
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Table 6: Continued.

Strain code Medium Acc. No. Class Family Closest described
relative Identity (%)

S1 20 ONR7a LN61047 Marinobacter
hydrocarbonoclasticus 100

S1 21 ONR7a LN610472 Marinobacter
hydrocarbonoclasticus 100

S1 22 ONR7a LN610473 Marinobacter
hydrocarbonoclasticus 99

S1 23 ONR7a LN610474 Marinobacter
hydrocarbonoclasticus 99

S1 26 ONR7a LN610476 Marinobacter
hydrocarbonoclasticus 99

S1 28 ONR7a LN610477 Marinobacter
hydrocarbonoclasticus 99

S1 29 ONR7a LN610478 Marinobacter
hydrocarbonoclasticus 99

S1 30 ONR7a LN610479 Marinobacter
hydrocarbonoclasticus 99

S1 31 ONR7a LN610480 Marinobacter
hydrocarbonoclasticus 99

S1 32 ONR7a LN610481 Marinobacter adhaerens 100

S1 33 ONR7a LN610482 Marinobacter
hydrocarbonoclasticus 99

S1 34 ONR7a LN610483 Marinobacter
hydrocarbonoclasticus 99

S1 36 ONR7a LN610484 Marinobacter
hydrocarbonoclasticus 99

Acc. No.: accession number of the 16S rRNA sequences amplified from the isolated strains and deposited in GenBank.

naphthalene (9.5%). A higher portion of the collection could
grow using dibenzothiophene (DBT, 11%), octane (15.5%),
and xylene (36%). Both the collections obtained on ASW and
ONR7a media included similar amounts of strains able to
use all the tested hydrocarbons, with the exception of DBT
and octane degrading bacteria that were mainly isolated on
ASW and ONR7a medium, respectively. The ability to grow
using all the supplied HCmolecules in minimal mediumwas
recorded exclusively in few strains belonging to the species
Marinobacter hydrocarbonoclasticus (Table 7), confirming the
adaptablemetabolisms of this species often isolated inmarine
contaminated environments. The low number of bacteria
capable of utilizing all the tested substrates corroborates the
reports of several studies that indicate the need of microbial
consortia to degrade complex mixtures of hydrocarbons,
such as crude oil, in soil [66], fresh water [67], and marine
environments [4].

To widen the characterization of the HC-degrading bac-
teria isolated from El-Max district we performed PCR assays
looking for functional genes codifying the 3,4-phenanthrene
dioxygenase enzyme (phnA) and genes related to metal and
metalloid detoxification systems, like the efflux pumps for
arsenite (ACR3(2)) and for different heavy metals (nccA).
Despite the fact that the sediments were not highly con-
taminated by metals and arsenic, isolates possessing arsenic
and metals resistance genes were retrieved, confirming that
bacteria capable of detoxification mechanism are widespread
and their presence is not strictly related to metal and

arsenic level [13, 68]. ACR3(2), nccA, and phnA genes were
successfully amplified in 14, 10, and 4 bacterial strains
isolated on ONR7a medium, respectively. On the contrary,
the amplification of these genes was unsuccessful for all the
bacteria isolated on ASWmedium, with the exception of the
strain Alcaligenes faecalis SCP3, which resulted positive for
nccA gene amplification and belongs to species previously
described as Cd and Pb detoxifying [63]. Overall, apart from
strain A. faecalis SCP3, all the bacteria positive for ACR3(2),
nccA, and phnA genes amplification belong to the speciesM.
hydrocarbonoclasticus. Only one out of the 4 strains harboring
the phnA gene was able to grow on phenanthrene as the
sole carbon source in the tested conditions. On the other
hand, those that could grow on this HC failed to give positive
amplification, probably due tomismatches between the tested
primers and gene sequence [69].

The biotechnological potential of the strains inhabiting
oil-polluted ecosystems does not rely exclusively on their
ability to degrade a certain HC mixture but it includes
additional features. Different microorganisms were shown
to possess multiple adaptations to facilitate oil degrada-
tion procedures, such as the synthesis of biosurfactants or
emulsifiers and biofilm formation [70, 71], processes that
enhance the bacterial adhesion to hydrocarbons, increasing
their solubility and thus promoting their degradation [72,
73]. Biosurfactants, in particular, reduce the surface tension
at the interface of immiscible fluids, increasing the surface
area of insoluble compounds like oil and water, which leads
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to increased bioavailability and subsequent biodegradation
of the hydrocarbons [4, 74, 75]. In this study, we applied
several methods to assess the ability of the isolated bacteria
to produce biosurfactant molecules. One of the simplest
methods used for screening the production of some types of
biosurfactants is the blood haemolysis method [11]. In our
study, 20 isolates (40% of the collection) showed haemolytic
activity on blood agar media (Table 7). They belong to
the Marinobacter (11), Bacillus (5), Pseudomonas (3), and
Acinetobacter (1) genera.The reduction of the surface tension
(ST) of the medium, resulting from the emulsification of
crude oil by the surfactants produced by microorganism,
represents an alternative method for testing the biosur-
factant production [76]. All the isolates in our collections
were able to reduce surface tension when compared to the
noninoculated medium surface tension (65.66 ± 4mN/m)
(Table 7); in particular those isolated on the ONR7a medium
(average value within the collection: 27.4 ± 10.2), namely,
M. hydrocarbonoclasticus, demonstrated higher ST reduction
compared to those belonging to the ASW collection (average
value within the collection: 47.25 ± 10.36). Furthermore,
bacterial adhesion to hydrocarbons (BATH) test was applied
to measure the cell surface hydrophobicity, a property related
to the structure and composition of cell surface [77]. The
uptake mechanism of hydrophobic substrate occurs by the
direct contact between the hydrocarbon and cell surface and
can be thus dependent on its hydrophobicity [28, 77, 78].The
highest hydrophobicity (77.3%)was recorded for the strainM.
hydrocarbonoclasticus SCS6 (Table 7).

Hydrocarbonoclastic bacteria have been detected in both
monospecies andmultispecies biofilms developing on hydro-
carbons [79]. Hence, the ability to produce biofilm was also
investigated (Table 7) allowing the identification of 5 strains,
representing 10% of the collection, as biofilm producers. Such
strains belong to theM. hydrocarbonoclasticus, A. faecalis, B.
cereus, and P. vermicola species. According to the literature
[30, 31] two strains were classified as weakly adherent,
while two resulted in being strongly adherent (Table 7), the
latter including the M. hydrocarbonoclasticus strain S1-21. A
proteomic study realized on M. hydrocarbonoclasticus pre-
viously showed a differential protein expression for biofilm
attached and detached cells, displaying the ability of recently
detached cells to reinitiate the formation of a new biofilm
at the hexadecane-water interface [79], a trait that might
confer competitive advantage for hydrocarbon uptakes in the
environment. The two M. hydrocarbonoclasticus isolates (S1-
4 and S1-21) positive for biofilm formation were also able to
grow using the entire set of hydrocarbons tested in this study,
further demonstrating the high potential of this species for
marine oil remediation.

4. Conclusions

Thisstudy represents the first holistic microbiological investi-
gation of biodiversity occurring at El-Max district sediments
taking advantage of both molecular and cultivation tech-
niques. The adopted molecular approach, coupled with sta-
tistical analyses, clarified that a significant correlation exists
between biotic and abiotic data in the polluted ecosystems,

allowing identifying (i) sand and clay composition, (ii) TOC
and PCBs, and (iii) the concentration of different heavy
metals (Cu, Fe, and Zn) as the driving forces shaping the
structure of the bacterial microbiome. The establishment of
a bacterial collection exploiting different growth media per-
mitted isolating species described for their pivotal role in the
different successional stages of oil hydrocarbons’ biodegrada-
tion, such as the highly abundant classes Gammaproteobac-
teria and Bacilli. Most of the isolates, belonging to different
genera, showed one or more metabolic traits of interest for
bioremediation purposes (e.g., the capability to grow on
single hydrocarbon molecules, presence of genes involved in
detoxification systems, and traits related to the production
of biosurfactants). Our investigation contributed to filling
the gap of knowledge on the microbial diversity of Southern
Mediterranean Sea sites, shedding light on the potential of
the contaminated sediments of El-Max district as a reservoir
of microbial resources selected (and adapted) by the peculiar
environmental conditions of the site and possibly exploitable
for future in situ intervention to combat pollution.
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[77] M. Bouchez-Näıtali, H. Rakatozafy, R. Marchal, J.-Y. Leveau,
and J.-P. Vandecasteele, “Diversity of bacterial strains degrading
hexadecane in relation to themode of substrate uptake,” Journal
of Applied Microbiology, vol. 86, no. 3, pp. 421–428, 1999.

[78] C.-W. Liu and H.-S. Liu, “Rhodococcus erythropolis strain NTU-
1 efficiently degrades and traps diesel and crude oil in batch and
fed-batch bioreactors,” Process Biochemistry, vol. 46, no. 1, pp.
202–209, 2011.

[79] P.-J. Vaysse, P. Sivadon, P. Goulas, and R. Grimaud, “Cells dis-
persed from Marinobacter hydrocarbonoclasticus SP17 biofilm

exhibit a specific protein profile associated with a higher
ability to reinitiate biofilm development at the hexadecane-
water interface,” Environmental Microbiology, vol. 13, no. 3, pp.
737–746, 2011.



Research Article
A High Diversity in Chitinolytic and Chitosanolytic Species and
Enzymes and Their Oligomeric Products Exist in
Soil with a History of Chitin and Chitosan Exposure

Malathi Nampally,1,2 M. B. Govinda Rajulu,1,3 Dominique Gillet,4

T. S. Suryanarayanan,3 and Bruno B. Moerschbacher1

1 Institute for Biology and Biotechnology of Plants, WWUMünster, Schlossplatz 8, 48143 Münster, Germany
2Research and Development Laboratory, Sri Biotech Laboratories India Ltd., Hyderabad 500 034, India
3Vivekananda Institute of Tropical Mycology (VINSTROM), Ramakrishna Mission Vidyapith, Chennai 600 004, India
4Gillet Chitosan EURL, Laurent Bonnevay 17, 54100 Nancy, France

Correspondence should be addressed to Bruno B. Moerschbacher; moersch@uni-muenster.de

Received 11 December 2014; Revised 31 March 2015; Accepted 15 April 2015

Academic Editor: Spyridon Ntougias

Copyright © 2015 Malathi Nampally et al. This is an open access article distributed under the Creative Commons Attribution
License, which permits unrestricted use, distribution, and reproduction in any medium, provided the original work is properly
cited.

Chitin is one of the most abundant biomolecules on earth, and its partially de-N-acetylated counterpart, chitosan, is one of the
most promising biotechnological resources due to its diversity in structure and function. Recently, chitin and chitosan modifying
enzymes (CCMEs) have gained increasing interest as tools to engineer chitosans with specific functions and reliable performance
in biotechnological and biomedical applications. In a search for novel CCME, we isolated chitinolytic and chitosanolytic
microorganisms from soils with more than ten-years history of chitin and chitosan exposure and screened them for chitinase
and chitosanase isoenzymes as well as for their patterns of oligomeric products by incubating their secretomes with chitosan
polymers. Of the 60 bacterial strains isolated, only eight were chitinolytic and/or chitosanolytic, while 20 out of 25 fungal isolates
were chitinolytic and/or chitosanolytic. The bacterial isolates produced rather similar patterns of chitinolytic and chitosanolytic
enzymes, while the fungal isolates produced a much broader range of different isoenzymes. Furthermore, diverse mixtures of
oligosaccharides were formed when chitosan polymers were incubated with the secretomes of select fungal species. Our study
indicates that soils with a history of chitin and chitosan exposure are a good source of novel CCME for chitosan bioengineering.

1. Introduction

Shrimp and crab shell wastes are used commercially for the
extraction of chitin which can then be converted into its
partially de-N-acetylated forms, chitosans. Chitosans are a
family of molecules differing with respect to their degree
of polymerisation (DP), degree of acetylation (DA), and
pattern of acetylation (PA). Such variations influence the
physicochemical solution properties as well as the biological
functionalities of chitosans [1–5] which find use in agricul-
tural, food, and pharmaceutical industries [6]. Therefore,
well characterized chitosans with broad ranges of specific
DPs, DAs, and PAs are crucial for detailed structure-function
analyses. To this end, chitin and chitosanmodifying enzymes

(CCMEs) such as chitinase, chitin deacetylase, and chi-
tosanase could be used to complement the chemical methods
currently used for this purpose [7–9]. Furthermore, chitosans
could be broken down to soluble derivatives called chi-
tooligosaccharides (CHOS) which are vested with desirable
technological properties [10]. Since enzymatic conversion of
chitin to chitosan and CHOS is ecofriendly, more specific
and a cheaper option compared to the chemical methods [11]
and could potentially augment the existing chemicalmethods
[12, 13] for characterization of chitosans, search for novel
CCME is a worthwhile exercise. With the expectation that
soils with a long history of exposure to chitin and chitosan
would select organisms elaborating diverse chitinolytic and
chitosanolytic enzymes, we proceeded with the current work.

Hindawi Publishing Corporation
BioMed Research International
Volume 2015, Article ID 857639, 8 pages
http://dx.doi.org/10.1155/2015/857639

http://dx.doi.org/10.1155/2015/857639


2 BioMed Research International

Although fungi are reported to contribute more than
bacteria to environmental degradation of chitin [14], much
less is known about the fungi involved compared to chiti-
nolytic bacteria; bacterial CCMEs have been studied in
much more detail than fungal enzymes. In terrestrial soils,
the most prevalent chitin degrading bacteria are species
of Bacillus, Stenotrophomonas, Gammaproteobacteria, and
Arthrobacter [15, 16] while those inmarine sludges are species
ofActinobacterium, Pantoea, and Pseudomonas [17, 18]. Fungi
such as Trichoderma viride [15] and species ofMortierella and
Fusarium isolated from soil exhibit appreciable chitinolytic
activity in the presence of chitin in the culture medium [19].
Here, we looked at the diversity of chitinolytic and chi-
tosanolytic fungi and bacteria in soils of a chitin and chitosan
producing company in Gujarat, India. These soils had been
exposed to dry or fresh shrimp shells or to chitin or different
types of chitosan for more than ten years. In addition to
species diversity, we also analysed the diversity of CCME
present in these organisms, as well as the diversity of products
produced by these CCMEs.

2. Materials and Methods

2.1. Soil Samples. Seven soil samples were collected from
different sites ofMahtani Chitosan Pvt. Ltd., Veraval (Gujarat,
India), a chitin/chitosan producing company from a depth of
5 to 10 cm, and stored at 4∘C for a maximum of two months
before further processing.

2.2. Preparation of Colloidal Chitin and Chitosans. Colloidal
chitin was prepared according to the method of Berger and
Reynolds [20]. To 10 g of 𝛽-chitin, 500mL of conc. HCl was
added, stirred to get a homogeneous mixture, and incubated
at 4∘Covernight. Two litres of double-distilledwater was then
added, stirred for 48 hours at 4∘C, and then washed with
double-distilled water until the pH was neutral.

Chitosan (average DA 3%, average DPn ca. 2,000) was
dissolved in an aqueous acetic acid (0.1M) solution and
purified by successive filtration and extensive washing by
repeated precipitation and centrifugation; following this,
chitosans with DA 35%, DP 900, and DA 50%, DP 820 were
prepared by partial re-N-acetylation using acetic anhydride
in 1,2-propanediol [21].TheDA of the resulting chitosans was
determined using 1H NMR spectroscopy [22], and the DP
using HP-SEC coupled to RI and MALLS detectors [3].

2.3. Preparation of Chitin and Chitosan Agar Plates. For
visualizing chitinolytic activity, Petri dishes withM9minimal
medium amendedwith 0.5% of colloidal chitin as sole carbon
source were used. Petri dishes with Luria-Bertani (LB) agar
medium with 0.9% chitosan (DA 3%) as the sole carbon
source were used to identify chitosanolytic activity. The
appearance of a clear zone around the colony of a bacterium
or fungus growing on M9 and LB medium indicated chiti-
nolytic and chitosanolytic activity, respectively.

2.4. Isolation of Chitinolytic and Chitosanolytic Fungi and
Bacteria from Soil Samples. Fungi were isolated from the soil
samples by dilution plating and Warcup soil-plate methods

[23]. For dilution plate, 2 g of soil was suspended in 1mL of
sterile distilledwater, and tenfold dilutions of this were spread
on PDA (Difco Potato Dextrose Agar medium, Becton and
Dickinson, Sparks, USA) plates containing chloramphenicol
(150mg/L) to obtain individual fungal colonies. For soil
plates, 2 g of soil was placed in a sterile Petri dish, cooled PDA
medium (15mL) was added, and soil particles were spread in
the medium. All plates had replicates and were incubated at
28∘C for 20 days to obtain fungal colonies. The fungi were
isolated and subcultured in PDA slants. Slide cultures of these
isolated fungi were then prepared, stained, and observed
under microscope to identify them based on standard keys
[24].

Bacteria were isolated using a modified serial dilution
method of Maltseva and Oriel [25]. Initially, 10 g of soil was
inoculated in M9 minimal medium amended with colloidal
chitin (0.5%) to enrich chitinolytic bacteria; a few mL of the
enriched cultures was spread on LB agar plates and incubated
at 37∘C for isolating bacteria. Pure cultures were obtained by
restreaking the colonies several times until single colonies
were obtained.

2.5. Preparation of Samples for Zymography and Thin Layer
Chromatography. Each fungal isolate was grown in potato
dextrose broth for 5 days as static culture at 28∘C and 100mL
of this culture filtrate (secretome) was dialyzed (MWCO
1,000 kDa) for 24 h against distilled water at 4∘C; 10mg of the
lyophilized secretome was mixed in 1mL of 50mM sodium
acetate buffer (pH 5.2) and centrifuged at 16,000 g for 5min
(20∘C). An aliquot (5–10𝜇L) of sample was used for dot
activity assay or zymography. Bacterial isolates were grown
in 10mL of LB medium for 48 h at 37∘C, centrifuged, and
the secretomes were lyophilised. Lyophilised samples were
dissolved in 1mL of 5mM sodium acetate buffer (pH 5.0) and
used for assessing enzyme activities.

2.6. Detection of Chitinase and Chitosanase Activity by
Dot Assay and Zymography. Chitinolytic and chitosanolytic
enzyme activities were detected using a dot activity assay
as described previously [26]. Briefly, 5 𝜇L from a fungal
secretome preparation was applied on the gels prepared with
glycol-chitin (0.3mg/mL) or chitosan DA 35% (0.1mg/mL).
Gels were incubated at 37∘C overnight and then stained l with
Calcofluor White. A dark spot under UV transillumination
on the gel indicated enzyme activity.

For detecting isoenzymes, seminative SDS-PAGE (12%)
was run in gels containing 0.3mg/mL of glycol-chitin for
chitinase or 0.1mg/mL of either of two chitosans (DA 50% or
DA 35%) [27]. After electrophoresis (50mA for 4 h), the gel
was washed twice for 20min each in 50mM sodium acetate
buffer (pH 5.2, with 1%TritonX-100), followed by twowashes
in buffer without Triton X-100. The gel was incubated at
37∘C for 12 h under shaking in 50mM sodium acetate buffer
(pH 5.2) and stained with 0.01% Calcofluor White (Sigma,
Steinheim, Germany) in 0.5M Tris/HCl-buffer (pH 8.9) for
5min and finally washed in deionized water for 1 h. The
isozymes were visualized on a UV transilluminator. A crude
extract of a known chitinolytic strain of Bacillus licheniformis
[28] was run as a positive control.
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Alternatively, zymography was done using isoelectric
focusing (IEF) over the pH range 3–10 in a polyacrylamide
gel containing Ampholine (Amersham Bioscience, Uppsala,
Sweden) followed by activity staining using overlay gels
containing 0.1mg/mL of either of the chitosans mentioned
above. After incubation in 50mM ammonium acetate buffer
(pH 5.2) overnight at 37∘C, overlay gels were stained with
Calcofluor White as described above.

2.7. Detection of Chitosan Oligomers by Thin Layer
Chromatography. A sample (20 𝜇L) of secretome of selected
fungal isolates was mixed with 20𝜇L of chitosan DA 35%
solution (1mg/mL) and incubated overnight at 37∘C in
50mM sodium acetate buffer (pH 5.5). Samples were
concentrated under reduced pressure to scale down
the volume, and aliquots of 10 𝜇L were applied on
TLC plates (Merck, Berlin, Germany), run in butanol :
methanol : ammonia : water (5 : 4 : 2 : 1, v/v/v/v) and stained
using aniline-diphenylamine reagent (4mL of aniline, 4 g
of diphenylamine, 200mL of acetone, and 30mL of 85%
phosphoric acid). Oligomers were visualised by heating the
plate at 180∘C for 3–5min. Oligomers were compared with
authentic N-acetyl-D-glucosamine (DP 1, 2, 3, 5, 6) and
D-glucosamine (DP 1, 3, 4) standards (Seikagaku, Tokyo,
Japan).

2.8. 16S-rDNA Analysis of Bacterial Isolates. PCR was per-
formed on the bacterial soil isolates using bacterial uni-
versal primers: forward primer (5AGAGTTTGATC(AC)-
TGGCTCAG3), reverse primer (5AAGGAGGTGATC-
CA(AGCT)CC(AG)CA3) [29]. Amplicons were cloned into
PCRII-TOPO vector and sequenced at MWG, Ebersberg,
Germany. Blast analyses were performed with the sequences
in the NCBI database. Sequences obtained were deposited
in NCBI under Gene Bank with sequence id’s JN593073–
JN593080.

3. Results

3.1. Isolation and Screening for Chitinolytic or Chitosanolytic
Bacteria and Fungi. A total of sixty bacterial strains were
isolated from seven soil samples collected from different sites
of the chitin/chitosan producing company. On a minimal
medium with 0.5% colloidal chitin as the sole carbon source,
eight strains consistently produced clear zones around
their colonies indicating a chitinolytic activity (Figure 1(a)).
Microscopic observations indicated that all of them were
Bacillus species differing in their motility, sporulation, and
arrangement of spores.The overall 16S-rDNA sequence iden-
tity between these Bacillus strains ranged from 99.5 to 100%.
16S-rDNA sequence identities of 99 and 99.7% corroborated
this to the cereus/anthracis/thuringiensis group of Bacillus.

A total of 25 fungal strains were isolated from two
different soil samples. Many of themwereAspergillus species;
other genera included Acremonium, Aureobasidium, Cla-
dosporium, Curvularia, Drechslera, Fusarium, Penicillium,
and Sporormiella (Table 1). Of the seven randomly chosen
isolates from these, two produced clearing zones on chitin
medium (Figure 1(b)), and two others on chitosan medium

Table 1: Chitinase and chitosanase activity of the fungal isolates
screened from soil samples.

Isolate
number Name of the fungus Activity in dot assays

Chitinase∗ Chitosanase∗

1 Fusarium sp. + −

2 Unidentified − +
3 Penicillium sp. + +
4 Aspergillus sp. + −

5 Acremonium sp. − −

6 Cladosporium sp. + +
7 Cladosporium sp. − +
8 Aureobasidium pullulans + −

9 Aureobasidium pullulans + −

10 Unidentified + +
11 Unidentified − +
12 Unidentified − +
13 Unidentified + −

14 Aspergillus sp. − −

15 Curvularia sp. − −

16 Unidentified − −

17 Aspergillus sp. + +
18 Aspergillus niger + +
19 Sporormiella intermedia − −

20 Cladosporium
cladosporioides − +

21 Drechslera sp. + +
22 Drechslera sp. + −

23 Aspergillus sp. − +
24 Acremonium sp. + +
25 Unidentified − +
∗Glycol-chitin and chitosan DA 36% were used as substrates to detect
chitinase and chitosanase activity, respectively; + = positive; − = negative.

(Figure 1(c)). Of the 25 isolates, 13 were positive for chiti-
nase, 14 were positive for chitosanase, and 7 produced both
the enzymes as visualized by dot assay (Table 1). Among
the 20 fungal isolates which were chitinolytic and/or chi-
tosanolytic, 14 identified fungi belong to seven different
genera, namely, Acremonium, Aspergillus, Aureobasidium,
Cladosporium, Drechslera, Fusarium, and Penicillium which
are common saprotrophs found in soils [30].

3.2. Chitinolytic and Chitosanolytic Enzymes of Bacterial and
Fungal Isolates. Thecrude extract ofB. licheniformis (control)
showed activity on all three substrateswhereas the secretomes
from the different soil bacterial strains showed differences
in their activities. Isolates 2, 3, 5, and 7 showed the same
two high-molecular weight chitinases as B. licheniformis,
while the extracts from isolates 1, 4, 6, and 8 were not
active on glycol-chitin (Figure 2(a)). All isolates including B.
licheniformis produced one high MW isoenzyme degrading
chitosan (DA 56%) and isolates 2, 4, and possibly 7 possessed
an additional isoenzyme with a MW between 50 and 75 kDa
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(a) (b) (c)

Figure 1: Chitinolytic and chitosanolytic activities in bacterial and fungal isolates from soil samples. (a) Bacterial strains showing clearing
zones on minimal medium agar plates containing colloidal chitin; one strain showing weak chitinolytic activity (top, marked with circle) was
excluded from further studies as it did not show the activity consistently; (b) and (c) examples of fungal strains showing clearing zones on
agar plates containing colloidal chitin in minimal medium (b) or chitosan DA 3% in LB medium (c).

250
150
100

75

50

37

1 M 2 3 4 5 6 7 8 B.L

(a)

250
150
100

75

50

37

1 M2 3 4 5 6 7 8 B.L

(b)

250
150
100

75

50

37

1 M 2 3 4 5 6 7 8 B.L

(c)

Figure 2: Seminative SDS-PAGE of crude extracts of the bacterial
soil isolates (1–8), followed by zymography using glycol-chitin (a),
chitosan DA 56% (b), or chitosan DA35% (c) as a substrate. A
known chitinolytic strain of Bacillus licheniformis (B.L) was used as
a positive control.The positions of marker proteins (M) are given on
the sides of the gels.

capable of degrading this chitosan (Figure 2(b)). All of the
strains including B. licheniformis had isoenzymes degrading
chitosan DA 35% (Figure 2(c)). Isolates 1 and 5 produced
fewer and weakly active chitosanase isoforms and isolates 4
and 7 produced chitosanase of highest MW. Considering the
activities on all three substrates, it was clear that all eight
isolates differ from each other and from B. licheniformis in
their chitinolytic and chitosanolytic isoenzymes, but their
diversity was limited.

PCR was performed on genomic DNA of the eight
bacterial soil isolates using primers designed from conserved
regions of known Bacillus chitosanases. Amplicons were
observed at 1.3 Kb only in strains 1, 3, 6, and 7 (data not
shown); the other strains did not show any amplification.
Blast results showed that the sequences were identical to
the known chitosanase sequence of Bacillus sp. strain KCTC
0377BP [31].

To analyse the chitosanolytic isoenzymes of fungi, crude
extracts of fungal isolates which were positive in the dot
assay with chitosan DA 35% as a substrate were subjected to
seminative SDS-PAGE in a gel containing chitosan DA 35%
(Figure 3). Isoenzyme activity was observed in all isolates;
the isolates differed in the number of isoforms and in their
overall activity. The number of isoenzymes ranged from
one to three and their MW ranged from very low to very
high. Isolates 3, 10, 17, 18, and 23 (Penicillium and all three
chitosanolytic Aspergillus isolates) had a strong activity at
MW of ca. 250 kDa; two of the three Cladosporium isolates
(7 and 20) showed one sharp band around 50 kDa; isolates 11,
12, and 18 had one or two low MW isoforms between 10 and
20 kDa.

Samples which differed clearly in their isoenzyme spec-
trum were selected, and their proteins were separated by
isoelectric focusing (IEF). For zymography, polyacrylamide
gels containing different chitosans with DA 35% and DA 56%
were overlaid on the IEF gel after the run (Figure 4). Gels
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Figure 3: Seminative SDS-PAGE of crude extracts of selected fungal soil isolates (numbers correspond to Table 1), followed by zymography
using chitosan DA 35% as a substrate. The positions of marker proteins (M) are given on the right side.
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Figure 4: Isoelectric focusing of crude extracts of selected fungal soil isolates (numbers correspond to Table 1), followed by zymography
using overlay gels containing chitosan DA 35% (a) or chitosan DA 56% (b) as a substrate. The pH range of the gels is indicated at the right
side.

were incubated at 37∘Covernight and stainedwith Calcofluor
White to detect chitosanolytic activity. All fungal isolates had
one to four chitosanolytic isoenzymes with isoelectric points
ranging from pH 4 to pH 8. While few differences were
seen between the two substrates tried, clear differences were
obvious between the different isolates.

3.3. Chitosan Oligomers Produced by Chitosanolytic Enzymes
of Select Fungal Isolates. Secretomes from fungal isolates
which showed a single dominant isoenzyme in zymography
(isolates 3, 7, 10, 12, 17, 20, and 23) were incubated with chi-
tosan DA 35% overnight at 37∘C, and the chitosan oligomers
produced were analysed using TLC (Figures 5(a) and 5(b)).
This preliminary analysis showed that different oligomer
mixtures were produced by each fungal isolate, ranging from
the monomers GlcN and GlcNAc (isolates 3, 23) to a mixture
of small oligomers ranging in degree of polymerization from
2 to 6 (isolates 7, 10, 12, and 20). Isolate 17 produced only larger
oligomers.

4. Discussion

We argued that soils with a long history of exposure to
chitin and chitosan would select microbes with an ability

to degrade chitin and/or chitosan. Hence, we studied the
soils of a chitin and chitosan producing company which has
been processing ca. 5,000 tons of fresh and dried shrimp
annually since the year 1995. Earlier, our collaborators from
India reported that Gammaproteobacteria were dominant
in these soils [16]. We found eight different Bacillus species
belonging to the cereus/anthracis/thuringiensis group which
is well known for their potential to degrade chitin and
chitosan [32–35]. With regard to the CCME, chitosanases
were more diverse than chitinases in these species. Using
degenerate primers of known Bacillus chitosanases [36], we
could amplify a chitosanase gene from four of the eight strains
which was identical to a chitosanase gene from Bacillus sp.
strain KCTC 0377BP [31]. We have now set up a pooled
genomic DNA library of these strains and are screening it for
chitinase and chitosanase genes.

Although fungi with CCME activities have been reported
from soils [37–39], to our knowledge, this is the first report
on fungal diversity in soils with a history of chitin/chitosan
exposure. We identified the fungi based on spore morphol-
ogy, but amolecular approachwill be essential to authenticate
their identity at the species level. Though fungi produce
chitinolytic enzymes per se for cell wall remodelling during
their developmental processes [40], the diversity of these
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Figure 5: (a) and (b). TLC analysis of the products of chitosan (DA 35%) incubation with crude extracts of selected fungal soil isolates
(numbers correspond to Table 1). Crude extracts were incubated with (samples labeled 3s, 7s, 10s, 12s, 17s, 20s, and 23s) or without chitosan
(samples labeled 3c, 7c, 10c, 12c, 17c, 20c, and 23c) as a substrate. Chitosan incubated without any crude extract (co) was used as a control,
and oligomers of GlcNAc (An) and GlcN (Dn) were used as standards. The DP of the standards is given on the left sides of the plates.

enzymes could be higher in fungi present in soils with
spent chitin material since the fungi here could possibly
be utilizing chitin and chitosan polysaccharides as carbon
and nitrogen source [41]. This could be the reason why
almost all of the fungi screened here were positive for chitin
and/or chitosan degrading enzymes: 13 were chitinolytic, 14
were chitosanolytic, and 7 isolates were both chitinolytic
and chitosanolytic. Furthermore, isolates belonging to the
same genus differed significantly in their chitinolytic and
chitosanolytic potential. A typical case is the genusAspergillus
which dominated the fungal isolates. Of the five Aspergillus
isolates, one was chitinolytic but not chitosanolytic, one was
chitosanolytic but not chitinolytic, two were both chitinolytic
and chitosanolytic, and one was neither chitinolytic nor
chitosanolytic. Similarly, of the twoAcremonium isolates, one
was negative for both activities and one was positive for both
activities; all three Cladosporium isolates were chitosanolytic
but only onewas also chitinolytic; both theDrechslera isolates
were chitinolytic and one was also chitosanolytic. Thus, soils
with a history of chitin and chitin exposure appear to be a
promising source of fungi with high CCME diversity useful
for technological exploitation. This assumption was further
substantiated by the isoenzyme patterns of chitosanases
discerned based on size and isoelectric point. Most fungal
isolates produced more than one chitosanolytic isoenzyme.
IEF was superior to native PAGE for visualizing isozymes as

more isoforms were visible for isolates 3, 10, 12, 17, and 20 in
the latter method of detection. A few fungal isolates which
tested positive for chitosanase in the dot activity assay (with
chitosan DA 35% as substrate) showed weak activities in the
zymograms with this substrate possibly owing to improper
renaturation of the enzymes when the SDS was washed out.
In spite of the multiplicity of enzymes, chitosan DA 35% was
not fully degraded to monomers or very small oligomers by
any of the crude enzyme preparations; pentamers and larger
oligomers were produced by isolates 7, 10, 12, 17, and 20.

5. Conclusions

In conclusion, we observed strong and diverse chitinolytic
and chitosanolytic activities among the microorganisms
present in soil samples with a history of chitin/chitosan
exposure, and the diversity in fungal species and their CCME
here was higher than the bacterial diversity. Analysing the
biodiversity of microorganisms in an environmental sample
by screening for the diversity of isoenzymes and for the
oligomers produced by these enzymes is a novel but promis-
ing approach. The high diversity found is of biotechnological
relevance as isolated bacterial and fungal chitinases and
chitosanases [42, 43] as well as the oligomers produced by
purified or crude chitinolytic and chitosanolytic enzymes
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[31, 44, 45] have interesting and diverse biological activities
and may, thus, be useful in a wide range of applications.
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Coccolithophores are unicellular calcifying marine phytoplankton that can form large and conspicuous blooms in the oceans and
make significant contributions to oceanic carbon cycling and atmospheric CO

2
regulation. Despite their importance, the bacterial

diversity associated with these algae has not been explored for ecological or biotechnological reasons. Bacterial membership
of Emiliania huxleyi and Coccolithus pelagicus f. braarudii cultures was assessed using cultivation and cultivation-independent
methods. The communities were species rich compared to other phytoplankton cultures. Community analysis identified specific
taxa which cooccur in all cultures (Marinobacter and Marivita). Hydrocarbon-degrading bacteria were found in all cultures. The
presence of Acidobacteria, Acidimicrobidae, Schlegelella, and Thermomonas was unprecedented but were potentially explained
by calcification associated with coccolith production. One strain of Acidobacteria was cultivated and is closely related to a
marine Acidobacteria isolated from a sponge. From this assessment of the bacterial diversity of coccolithophores, a number of
biotechnological opportunities are evident, from bioprospecting for novel taxa such as Acidobacteria to helping understand the
relationship between obligate hydrocarbonoclastic bacteria occurrence with phytoplankton and to revealing bacterial taxa that
have a specific association with algae and may be suitable candidates as a means to improve the efficiency of mass algal cultivation.

1. Introduction

Marine phytoplankton are responsible for primary produc-
tion in the oceans, using sunlight and inorganic nutrients
to fix carbon dioxide that becomes the organic matter that
supports the biological productivity of our oceans. Crucially,
the availability of inorganic nutrients, such as N, P, and Si,
necessary for phytoplankton growth, is indirectly controlled
by a vast array of heterotrophic bacteria and Archaea that
are responsible for remineralizing the organic matter pro-
duced by the phytoplankton. In this way, the fates of both
phytoplankton and bacteria in the oceans are indirectly tied
to one another. Additionally, some bacteria interact directly
with phytoplankton cells in ways that can be beneficial or
antagonistic. Overall, this makes the diversity of bacteria
associatedwith phytoplankton of significant biotechnological
interest for the discovery of novel and exploitable biodiversity
and functions, such as tropodithietic acids produced by

members of the Roseobacter clade [1], and, more recently, as
a source of beneficial bacteria to promote and sustain mass
algal culture systems [2, 3] that could be used to enhance
the production of products such as pigments, lipids, and
polysaccharides.

Remarkably, the bacterial diversity associated with one
of the most important groups of marine phytoplankton,
the coccolithophores, has not previously been investigated.
This is surprising given the ecological importance of coccol-
ithophorid algae, which by forming calcified scales (coccol-
iths) contribute significantly to the production of pelagic car-
bonate, as well asmaking a significant contribution to oceanic
carbon cycling and regulation of atmospheric CO

2
levels

[4]. From a biotechnological perspective, these calcareous
structures serve as solid surfaces on which bacterial colonisa-
tion can occur, which are very different mineralogically and
biochemically from the organic or siliceous matrices of other
phytoplankton such as dinoflagellates (e.g., cellulose armour)
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anddiatoms (ridged silica structures). Together, these proper-
ties suggest that theremay be associated bacterial taxa that are
specific to coccolithophores, as the surface of coccoliths may
facilitate the formation of complex bacterial communities
containing unique biodiversity as well as a complex chemical
signalling and secondary metabolite production [5].

Considerable effort is now being focused on the efficient
cultivation of range of algae in closed growth systems, such as
photobioreactors [6].Whilemass culture of coccolithophorid
algae is presently of modest biotechnological interest as a
means of CO

2
sequestration and lipid production [7], there

is some indirect evidence that bacteria could be important to
this process if it is to be developed because at least one species
of coccolithophore, Emiliania huxleyi, has been shown to
have an intimate reliance on bacterial presence [8]. Such
observations are increasingly leading researchers to the sug-
gestion that algal-associated bacteria should be considered
for use in mass algal cultures systems [9, 10] and the broader
realisation that there is a need to understand more about the
ecological role of algal-associated bacteria, such as which taxa
may be symbionts [2, 11] and the mechanisms by which they
benefit their host [12, 13] and, ultimately, how to exploit this
knowledge to improve the efficiency of mass algal culture
systems.

The present study catalogued the cultivable and total
bacterial diversity associated with laboratory cultures of
E. huxleyi and Coccolithus pelagicus f. braarudii with the
aim of uncovering associations and potential interactions
between bacterial taxa and coccolithophores and generating
a library of taxonomically defined cultivable bacteria for
biotechnological exploitation. The study describes the total
bacterial diversity of four coccolithophore cultures identified
using a combination of 16S rRNA gene clone libraries and
bacterial cultivation and fluorescence in situ hybridisation.
The data revealed the presence of complex and taxonomically
rich communities with a number of taxa that were unique
to coccolithophores. The biotechnological potential of this
diversity is discussed.

2. Materials and Methods

2.1. Algal Culture. Growth of all coccolithophore cultures
(Table 1) was at 15∘C in K medium diluted to (1/5)th full
strength (K/5) [21] in 25 cm2 vented tissue culture flasks
(Nunc) under cool-white fluorescent light of ca. 75𝜇mol
photons m2 s1 with a 12 : 12 light : dark (L : D) photoperiod.
All cultures were actively calcifying. Cultures were handled
aseptically to prevent bacterial contamination and cross-
contamination between cultures.

The coccolithophore cultures used in this study (Table 1)
were isolated using two different techniques. CCAP 920/8
was isolated by directly recovering a single calcifying cell
from a water sample collected from a mesocosm experiment,
using a glass capillary micropipette and growing them in an
appropriate medium (J. Green pers. comm.). This mesocosm
experiment (Bergen, Norway) used natural fjordic water
collected and supplemented with nutrients [22, 23].The RCC
cultures were derived using a two-stage process initiated

by addition of a small volume of water sample to culture
media (e.g., K/5) to stimulate coccolithophore growth and,
subsequently, isolate single calcifying cells by micropipette
from patches of actively calcifying cells on the bottom of the
growth vessel (RCC1200, RCC1203, RCC1214, and RCC1216;
I. Probert pers. comm.) These cultures were derived from
water samples collected as part of research cruises in oceanic
and coastal regions of the Northern and Southern hemi-
spheres. Further details can be obtained from the Roscoff
Culture Collection (http://roscoff-culture-collection.org).

2.2. Bacterial Cultivation. Samples for molecular analysis
were harvested by pipette from late log phase cultures that
had been gently agitated to evenly suspend the nonmotile
calcifying coccolithophores. A volume of the harvested cell
suspension was serially diluted 10-fold and cell dilutions were
plated onto ZM/10 agar (pH 7.8), a low organic concentration
agar medium [24], and ONR7a [25] amended with trace
metals and vitamins as used in ZM/10. ONR7a plates were
amended with n-hexadecane soaked sterile filter paper. All
plates were incubated in the dark at ca. 20∘C for up to 8weeks.
Thereafter, unique colony morphologies were selected with
the aid of a binocular microscope and were serially passaged
on ZM/10 or ONR7a agar until a single colony morphotype
was achieved. Several colonies of eachmorphology were then
inoculated into 3mL ZM/10 and ZM/1 [24] or for fastidious
oil degraders and ZM/1 amended with 0.1% sodium pyruvate
and grown with gentle shaking (ca. 20∘C) until turbidity was
visible. From each broth culture 1-2mL was harvested for
DNA extraction, and 1mL was amended with sterile glycerol
(20% v/v) and frozen at −80∘C.

2.3. 16S rRNA Gene Analysis. 16S rRNA gene clone libraries
were constructed from 1mL of the suspended late log
phase culture (as above). Bacterial and algal cells were
harvested by centrifugation (13,000×g for 10min), the
spent medium discarded and the cell pellets stored frozen
at −80∘C until DNA was extracted. DNA extraction
used a cetyltrimethylammonium bromide purification
method [26] amended to suspend the cell pellet in 100mM
Tris-HCl (pH 8.0), 150mM NaCl, and 10mM EDTA, to
which lysozyme (5mg mL−1 final concentration) was
then added and incubated at 37∘C for 30min. Bacterial
16S rRNA gene sequences were amplified by the PCR
from extracted DNA based on the universal bacterial
primers 27f and 1492r [27], except that 27f primer was
modified to include the underlined 5 adapter sequence
(27f adapter; CTAATACGACTCAGCTATGCACTAGR-
GTTTGATCMTGGCTCAG). The PCR reaction contained
a final concentration of 1.8mM Mg2+, 0.5 𝜇M of each
primer, 1 U Taq polymerase and 1x PCR buffer (New
England Biolabs). The amplification protocol was 94∘C
for 5min, followed by 20 cycles of 55∘C for 30 s, 72∘C for
3min, and 94∘C for 10 s, followed by 72∘C for 10min. For
each coccolithophore culture, the amplicons from three
independent 50𝜇L PCR reactions were pooled and purified
with Montage PCR filters (Millipore) and then cloned using
the pGEM-T Easy vector kit (Promega). 16S clones from
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Table 1: Coccolithophorid cultures examined in this study.

Coccolithophore1 Origin Location Isolation date Culture collection
E. huxleyi

CCAP 920/8 Bergen mesocosm, Norway Coastal 1992 CCAP
RCC 1214 Bay of Napoli, Italy Coastal 2000 Roscoff
RCC 1216 Tasman Sea, New Zealand Oceanic 1998 Roscoff

C. pelagicus f. braarudii
RCC 1200 South Atlantic, Namibia Oceanic 2000 Roscoff
RCC 1203 Bay of Biscay, North Atlantic Coastal 1999 Roscoff

1Cultures are also known as CCAP 920/8 = PLY B92/11; RCC 1214 = AC475; RCC 1216 = AC472; RCC 1200 = AC400; RCC 1203 = AC392.

each library were picked by sterile toothpick and reamplified
using the forward adapter primer sequence (27fSeqAdapter;
CTAATACGACTCAGCTATGCACT) and 1492r.This primer
combination prevents amplification of the Escherichia coli
DH5𝛼 host 16S rRNA gene. Amplicon products were
cleaned using shrimp alkaline phosphatase (Promega)
and exonuclease I (New England Biolabs) and then
sequenced using BigDye version 3.1 terminator chemistry
(Applied Biosystems) primed using the 27fSeqAdapter
oligonucleotide. DNA sequence products were called on an
ABI3730 instrument (Applied Biosystems). The method of
DNA extraction, the primer combination of 27f and 1492r,
and DNA sequencing were used for cultivable bacterial
strains (cloning was omitted and the products of a single
PCR amplification were submitted for DNA sequencing as
above).

2.4. Phylogenetic Analysis. Bacterial 16S rRNA gene
sequences were classified using the RDP II Classifier [15].
Where clone library operational taxonomic units (OTUs)
corresponded to cultivable strains (>99% identity) from the
same coccolithophore culture, the cultivable strain number
was used to denote the OTU. All 16S sequences were screened
for chimeric sequences using Bellerophon [28]. Phylogenetic
inference was performed using the ARB software suite
[29]. Alignments were built using NAST aligner [30]
and imported into ARB and corrected as necessary. Tree
constructions used a masked alignment (lanePH) and the
maximum likelihood model as implemented in PhyML [31].
UniFrac analysis [32] was used to generate various statistics
and principal coordinate analysis (PCoA) based on the
inferred ARB PhyML tree and an unweighted dataset (i.e.,
not weighted for species abundance). Analysis of the clone
libraries at varying levels of OTU clustering, rarefaction,
and reclassification of OTU identities were performed using
MOTHUR [14]. 16S rRNA gene sequences are available
with the following accession numbers: EF140750-EF140751,
EF140753-EF140754, EU052756, EU052761-EU052762,
EU052764-EU052765, EU732746, KC295293-KC295413, and
KM279011-KM279029. All cultivable strain and clone 16S
sequence data were generated and sequenced in 2008, but 16S
data were submitted at later dates in relationship to specific
manuscript submissions.

2.5. Fluorescence In Situ Hybridisation (FISH). Cy3 labelled
Acidobacteria group specific probe SS HOL1400 [33] and

EUB338 [34] were used in this study.The SS HOL1400 probe
was confirmed by pairwise alignment to have a 100% match
to the two Acidobacteria identified in this study (DG1540
and OTU AC472 G8). Briefly, coccolithophore cultures were
gently suspended prior to removing ca. 1mL that was then
fixed with formaldehyde (3% final concentration) for 1 hr in
the dark at room temperature. Volumes of 10 to 100𝜇L of
fixed cells were then filtered onto 25mm 0.2𝜇m track-etched
white polycarbonate filters and washed with 10mL of 0.2 𝜇m
filtered deionised water. Filters were air dried, dehydrated in
ethanol (50, 80, 100%), and air dried and stored at −20∘C.
Hybridisation and washing proceeded as described [33, 35].
Hybridised filters were mounted with Vectashield which
contains the DNA stain DAPI and antifade agent and viewed
by epifluorescence microscopy in the normal way using
Axioskop 2plus and images captured using AxioCam HRc
and processed using AxioVision (Zeiss) and Cy3 and DAPI
composite epifluorescent images compiled and montaged
using Adobe Photoshop CS4.

3. Results and Discussion

3.1. Community Analysis. Five cultures were sampled for
cultivable bacteria and cell pellets frozen at −80∘C prior to
16S rRNA gene clone library construction and analysis. Clone
libraries were constructed from 16S amplicons produced
from a total of 20 thermal cycles to reduce the potential
for PCR artefacts and heteroduplexes [36]. A total of 316
clones from four of the five libraries were sequenced leading
to the identification of 85 bacterial operational taxonomic
units (OTUs) representing five bacterial phyla (Table 2). The
Chao-1 estimator of species richness indicated two of the
libraries to have ca. 100 phylotypes. Bacterial cultivation using
a low organic strength marine agar and extended incubation
periods of up to eight weeks were used and increased
the overall assessment of total species richness by ca. 33%
compared to clone library data alone. Cultivation identified
a total of 105 unique isolates (Table 3), and, in comparison
to clone library data, cultivation success varied across the
different phyla, with ca. 77% of Alphaproteobacteria, 62%
of Gammaproteobacteria, and 55% of Bacteroidetes being
cultivable. Overall, based on the cultures with clone and
cultivation data, a total of 127 phylotypes were identified
which results in an average species richness of 32 phylotypes
per culture (Table 2).
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Table 2: Bacterial species richness deduced from cultivation and clone library studies.

Coccolithophore OTUs1 Cultivable Total
No. Chao-1 Shannon Evenness

E. huxleyi
CCAP 920/8 17 18 2.61 0.9212 17 27
RCC 1214 25 103 2.84 0.8823 25 35
RCC 1216 15 18 2.28 0.8419 19 26

C. pelagicus f. braarudii
RCC 1200 28 96 2.76 0.8282 23 39
RCC 1203 ND ND ND ND 21 —

1Number of OTUs, Chao-1, and Shannon index calculated at 0.01 distance as calculated in MOTHUR [14]. Evenness was calculated as (𝐽) = 𝐻/ ln(𝑆), where
𝐻
 is Shannon diversity index; 𝑆 is species richness. ND: not determined.

The bacterial species richness of the coccolithophore
cultures was higher than the average range of 17–19 phy-
lotypes per dinoflagellate culture [37, 38] where the same
methods were used, and higher than the 9–14 phylotypes
that were identified in diatom cultures [39–41], although
diatom analyses used denaturing gradient gel electrophoresis
whichmay underestimate species richness compared to clone
libraries. Nevertheless, in comparison to dinoflagellates,
coccolithophores appear to maintain a more species rich
bacterial community. This increased richness could have
originated from the presence of higher levels of bacteria
attached to coccolithophorid cells when they were isolated
from field material. This may be an intrinsic property of
the cell surface (e.g., coccolith production) or it could be
linked to the method of culture isolation from the field (see
materials and methods). Alternatively, it may be because
actively growing and calcifying coccolithophores create a
more complex biochemical and biophysical environment
than do dinoflagellates (e.g., algal exudates, acidic polysac-
charides, calcite, and increased surface area), which supports
the greater diversity of bacteria observed. Illustrating the role
calcified cell plates can have as an attachment point is a report
describing the attachment of a nitrogen-fixing cyanobacterial
symbiont to its calcifying picoeukaryote host [42].

UniFrac analysis did not detect any significant differences
in pairwise comparisons between the total unweighted diver-
sity of the four communities (OTU and cultivable; 𝑃 = 1.0),
although each community was clearly separated by UniFrac
PCoA (Figure 1(b)). Rarefaction analysis of the shared diver-
sity showed that, at the 0.01 OTU identity level, the rate of
new diversity discoveredwas still increasing (Figure 1(a)), but
that at the level of ca. family and below (≤0.10) the amount of
shared diversity was nearing an asymptote (Figure 1(a)). This
indicates that the communities contained a high proportion
of unique species-level microdiversity [36], while the com-
munity taxonomic composition at and below the family level
is conserved across the cultures.The broad diversity observed
may be a product of taxonomically similar groups of bacteria
being adapted to or are selected by the coccolithophores.
Whereas the fine scale microdiversity seen in the 16S rRNA
sequences could possibly be due to the different geographic
origins of the cultures (Table 1) or selection of different
ecotypes based on adaption to the coccolithophore strains

or neutral sequence variation. The origin of this 16S rRNA
variation is unknown but could be revealed bymore in-depth
analyses of a greater number and range of coccolithophore
species as well as analysis of genomic variation in some of the
diverse clusters [36].

The bacterial diversity of coccolithophore cultures was
spread across five phyla (Figure 2). Species richness was
dominated by Alphaproteobacteria (average 53%), of which
just under half (43%) belonged to the Roseobacter clade.
Gammaproteobacteria (21% on average) and Bacteroidetes
(17% on average) comprised the next most prominent
taxonomic groups present in all the cultures. Within the
Bacteroidetes, Sphingobacteria were present in all cultures,
but Flavobacteria were present in only three cultures and
were relatively species poor. Betaproteobacteria and Planc-
tomycetes were each identified in three of four cultures.
Actinobacteria and Acidobacteria were each present in two
cultures. The broad taxonomic composition was similar
to that of dinoflagellates [37, 43–45] and diatoms [40,
41, 46] where Alphaproteobacteria dominate, with vary-
ing numbers of Bacteroidetes and Gammaproteobacteria.
Qualitatively, the gammaproteobacterial composition in the
coccolithophore cultures bore a greater similarity to that
observed with dinoflagellates than that from diatoms. For
example,Marinobacter,Alcanivorax, andoligotrophicmarine
Gammaproteobacteria- (OMG-) like bacteria were more
common in coccolithophore as well as dinoflagellate cultures
[12, 37], whereas diatom gammaproteobacterial diversity
is more typically dominated by Pseudoalteromonas and
Alteromonas [39, 40]. A notable difference of the coccol-
ithophore cultures to that of dinoflagellates and diatoms was
that Bacteroidetes diversity of the coccolithophores was dom-
inated by Sphingobacteria (Figure 2) and not Flavobacteria,
the latter being typically more prevalent with dinoflagellates
and diatoms [47]. This shift in laboratory culture diversity
may be a reflection of natural coccolithophore blooms, as the
most abundant bacterial taxa (∼19%) in the coccolithophore-
attached fraction recovered from the Bay of Biscay were
Sphingobacteria [48].

3.2. Cooccurring Bacterial Taxa: Marivita and Marinobacter.
Phylotypes belonging to two phylogenetic clusters were
observed in all five cultures. Strains in the first cluster
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Table 3: Bacterial isolates cultivated from E. huxleyi and C. pelagicus f. braarudii.

Strain number Host Accession Taxonomy1

Phylum/class Family Genus Conf.
E. huxleyi

DG1395 CCAP 920/8 KC295338 Alphaproteobacteria Sphingomonadaceae Sphingorhabdus 99
DG1397 CCAP 920/8 KC295339 Alphaproteobacteria Rhodobacteraceae Marivita 100
DG1398 CCAP 920/8 KC295340 Alphaproteobacteria Rhodobacteraceae Loktanella 52
DG1399 CCAP 920/8 KC295341 Flavobacteria Flavobacteriaceae Aureitalea 60
DG1400 CCAP 920/8 KC295342 Flavobacteria Flavobacteriaceae Maribacter 100
DG1402 CCAP 920/8 EF140754 Gammaproteobacteria Alteromonadaceae Marinobacter 100
DG1403 CCAP 920/8 KC295343 Gammaproteobacteria Piscirickettsiaceae Methylophaga 100
DG1404 CCAP 920/8 KC295344 Gammaproteobacteria Alcanivoracaceae Alcanivorax 100
DG1405 CCAP 920/8 KC295345 Alphaproteobacteria Rhodobacteraceae Roseovarius 100
DG1406 CCAP 920/8 KC295346 Alphaproteobacteria Rhodobacteraceae Sulfitobacter 98
DG1407 CCAP 920/8 KC295347 Alphaproteobacteria Rhodobacteraceae Sulfitobacter 32
DG1408 CCAP 920/8 KC295348 Alphaproteobacteria Phyllobacteriaceae Hoeflea 100
DG1410 CCAP 920/8 KC295349 Sphingobacteria Chitinophagaceae Balneola 100
DG1412 CCAP 920/8 KC295350 Flavobacteria Flavobacteriaceae Arenibacter 100
DG1413 CCAP 920/8 KC295351 Sphingobacteria Flammeovirgaceae Marinoscillum 100
DG1414 CCAP 920/8 KC295352 Alphaproteobacteria Rhodobacteraceae Ahrensia 35
DG1417 CCAP 920/8 EU052756 Alphaproteobacteria Rhodospirillaceae Thalassospira 100
DG1442 RCC 1216 KC295353 Alphaproteobacteria Phyllobacteriaceae Ahrensia 29
DG1443 RCC 1216 KC295354 Alphaproteobacteria Rhodobacteraceae Roseovarius 47
DG1444 RCC 1216 KC295355 Alphaproteobacteria Rhodobacteraceae Ahrensia 42
DG1445 RCC 1216 KC295356 Sphingobacteria Flammeovirgaceae Fabibacter 82
DG1447 RCC 1216 KC295357 Alphaproteobacteria Rhodospirillaceae Nisaea 100
DG1448 RCC 1216 KC295358 Alphaproteobacteria Hyphomonadaceae Hyphomonas 73
DG1449 RCC 1216 KC295359 Alphaproteobacteria Rhodobacteraceae Marivita 100
DG1452 RCC 1216 KC295360 Alphaproteobacteria Phyllobacteriaceae Hoeflea 100
DG1453 RCC 1216 KC295361 Alphaproteobacteria Rhodobiaceae Roseospirillum 37
DG1457 RCC 1216 KC295362 Gammaproteobacteria Oceanospirillaceae Oceaniserpentilla 20
DG1459 RCC 1216 KC295363 Gammaproteobacteria Gammaproteobacteria Unclassified —
DG1462 RCC 1216 KC295364 Alphaproteobacteria Rhodobacteraceae Roseovarius 52
DG1468 RCC 1216 KC295365 Alphaproteobacteria Phyllobacteriaceae Hoeflea 100
DG1471 RCC 1216 KC295366 Gammaproteobacteria Alteromonadaceae Marinobacter 100
DG1473 RCC 1216 KC295367 Alphaproteobacteria Kordiimonadaceae Kordiimonas 100
DG1475 RCC 1216 KC295368 Alphaproteobacteria Rhodobacteraceae Roseovarius 91
DG1476 RCC 1216 KC295369 Alphaproteobacteria Rhodobacteraceae Phaeobacter 100
DG1477 RCC 1216 KC295370 Gammaproteobacteria Gammaproteobacteria Congregibacter 100
DG1592 RCC 1216 EU052761 Gammaproteobacteria Alcanivoracaceae Alcanivorax 100
DG1516 RCC 1214 KC295392 Alphaproteobacteria Rhodospirillaceae Nisaea 100
DG1517 RCC 1214 KC295393 Alphaproteobacteria Rhodobacteraceae Marivita 100
DG1519 RCC 1214 KC295394 Alphaproteobacteria Rhodobacteraceae Oceanicola 65
DG1520 RCC 1214 KC295395 Alphaproteobacteria Rhodobacteraceae Roseovarius 47
DG1521 RCC 1214 KC295396 Alphaproteobacteria Rhodobacteraceae Roseovarius 100
DG1523 RCC 1214 KC295397 Alphaproteobacteria Hyphomonadaceae Hyphomonas 100
DG1524 RCC 1214 KC295398 Sphingobacteria Chitinophagaceae Balneola 83
DG1525 RCC 1214 KC295399 Alphaproteobacteria Kordiimonadaceae Kordiimonas 100
DG1526 RCC 1214 KC295400 Alphaproteobacteria Sneathiellaceae Oceanibacterium 44
DG1530 RCC 1214 KC295401 Alphaproteobacteria Rhodobacteraceae Oceanicola 14
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Table 3: Continued.

Strain number Host Accession Taxonomy1

Phylum/class Family Genus Conf.
DG1531 RCC 1214 KC295402 Alphaproteobacteria Erythrobacteraceae Altererythrobacter 96
DG1532 RCC 1214 KC295403 Alphaproteobacteria Rhodobacteraceae Ahrensia 35
DG1533 RCC 1214 KC295404 Alphaproteobacteria Rhodobacteraceae Loktanella 67
DG1534 RCC 1214 KC295405 Gammaproteobacteria Gammaproteobacteria Congregibacter 100
DG1536 RCC 1214 KC295406 Gammaproteobacteria Alteromonadaceae Marinobacter 100
DG1538 RCC 1214 KC295407 Actinobacteria Acidimicrobiaceae Ilumatobacter 100
DG1540 RCC 1214 KC295408 Acidobacteria Acanthopleuribacteraceae Acanthopleuribacter 100
DG1544 RCC 1214 KC295409 Sphingobacteria Flammeovirgaceae Echidna 100
DG1545 RCC 1214 KC295410 Sphingobacteria Cytophagaceae Leadbetterella 82
DG1546 RCC 1214 KC295411 Alphaproteobacteria Rhodobacteraceae Roseovarius 82
DG1548 RCC 1214 KC295412 Alphaproteobacteria Rhodospirillaceae Tistlia 31
DG1588 RCC 1214 KC295413 Alphaproteobacteria Hyphomonadaceae Hyphomonas 93
DG1593 RCC 1214 EU052762 Gammaproteobacteria Alcanivoracaceae Alcanivorax 100
DG1594 RCC 1214 EF140750 Gammaproteobacteria Alteromonadaceae Marinobacter 100
DG1595 RCC 1214 EF140751 Gammaproteobacteria Alteromonadaceae Marinobacter 100

C. pelagicus f. braarudii
DG1479 RCC 1200 KC295371 Alphaproteobacteria Rhodobacteraceae Oceanicola 70
DG1481 RCC 1200 KC295372 Flavobacteria Flavobacteriaceae Tenacibaculum 81
DG1483 RCC 1200 KC295373 Alphaproteobacteria Sneathiellaceae Oceanibacterium 51
DG1484 RCC 1200 KC295374 Alphaproteobacteria Rhodobacteraceae Marivita 100
DG1486 RCC 1200 KC295375 Alphaproteobacteria Phyllobacteriaceae Hoeflea 100
DG1487 RCC 1200 KC295376 Alphaproteobacteria Rhodobacteraceae Marivita 100
DG1489 RCC 1200 KC295377 Alphaproteobacteria Rhodobacteraceae Ahrensia 46
DG1492 RCC 1200 KC295378 Alphaproteobacteria Rhodobacteraceae Sulfitobacter 64
DG1494 RCC 1200 KC295379 Alphaproteobacteria Rhodospirillaceae Magnetospira 73
DG1498 RCC 1200 KC295380 Alphaproteobacteria Rhodobacteraceae Roseovarius 100
DG1500 RCC 1200 KC295381 Alphaproteobacteria Hyphomonadaceae Hyphomonas 100
DG1501 RCC 1200 KC295382 Actinobacteria Acidimicrobidae Ilumatobacter 100
DG1502 RCC 1200 KC295383 Sphingobacteria Chitinophagaceae Balneola 100
DG1503 RCC 1200 KC295384 Alphaproteobacteria Rhodobacteraceae Jannaschia 40
DG1504 RCC 1200 KC295385 Alphaproteobacteria Rhodobacteraceae Roseovarius 80
DG1506 RCC 1200 KC295386 Alphaproteobacteria Sphingomonadaceae Sphingopyxis 55
DG1507 RCC 1200 KC295387 Gammaproteobacteria Piscirickettsiaceae Methylophaga 100
DG1510 RCC 1200 KC295388 Flavobacteria Cryomorphaceae Wandonia 62
DG1511 RCC 1200 KC295389 Alphaproteobacteria Rhodobacteraceae Loktanella 68
DG1512 RCC 1200 KC295390 Gammaproteobacteria Oleiphilaceae Oleiphilus 61
DG1513 RCC 1200 KC295391 Alphaproteobacteria Hyphomonadaceae Hyphomonas 65
DG1597 RCC 1200 EF140753 Gammaproteobacteria Alteromonadaceae Marinobacter 100
DG1599 RCC 1200 EU052764 Alphaproteobacteria Rhodobacteraceae Maritimibacter 59
DG1554 RCC 1203 KM279011 Alphaproteobacteria Rhodobacteraceae Marivita 100
DG1555 RCC 1203 KM279012 Alphaproteobacteria Phyllobacteriaceae Hoeflea 100
DG1556 RCC 1203 EU732746 Gammaproteobacteria Alteromonadaceae Marinobacter 100
DG1557 RCC 1203 KM279013 Alphaproteobacteria Rhodobacteraceae Loktanella 74
DG1558 RCC 1203 KM279014 Alphaproteobacteria Rhodobacteraceae Roseovarius 55
DG1561 RCC 1203 KM279015 Gammaproteobacteria Alteromonadaceae Aestuariibacter 71
DG1562 RCC 1203 KM279016 Alphaproteobacteria Rhodobacteraceae Roseovarius 62
DG1563 RCC 1203 KM279017 Alphaproteobacteria Rhodospirillaceae Magnetospira 64
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Table 3: Continued.

Strain number Host Accession Taxonomy1

Phylum/class Family Genus Conf.
DG1564 RCC 1203 KM279018 Alphaproteobacteria Hyphomonadaceae Hyphomonas 100
DG1565 RCC 1203 KM279019 Gammaproteobacteria Oceanospirillaceae Oceaniserpentilla 16
DG1566 RCC 1203 KM279020 Alphaproteobacteria Rhodobacteraceae Roseovarius 46
DG1567 RCC 1203 KM279021 Alphaproteobacteria Rhodobacteraceae Roseovarius 100
DG1568 RCC 1203 KM279022 Cytophagia Flammeovirgaceae Marinoscillum 100
DG1569 RCC 1203 KM279023 Alphaproteobacteria Rhodobacteraceae Loktanella 64
DG1570 RCC 1203 KM279024 Alphaproteobacteria Rhodobacteraceae Roseovarius 100
DG1572 RCC 1203 KM279025 Alphaproteobacteria Rhodobacteraceae Sulfitobacter 57
DG1575 RCC 1203 KM279026 Gammaproteobacteria Gammaproteobacteria Porticoccus 98
DG1576 RCC 1203 KM279027 Cytophagia Flammeovirgaceae Marinoscillum 100
DG1579 RCC 1203 KM279028 Flavobacteriia Cryomorphaceae Brumimicrobium 54
DG1582 RCC 1203 KM279029 Betaproteobacteria Burkholderiaceae Limnobacter 100
1Taxonomic assignment was determined using the RDP II naive Bayesian classifier [15]; Conf.: Bayesian confidence for the rank of genera only is shown.
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Figure 1: Total bacterial community analysis. (a)UnweightedUniFrac principal coordinate analysis of the total bacterial diversity ofE. huxleyi
(e) and C. pelagicus f. braarudii (X) cultures. (b) Rarefaction analysis of shared 16S clone library diversity at OTU clustering levels of 0.01
(black ◼), 0.05 (grey ), and 0.1 (grey ◼) was based on an average of 79 sequenced clones per library.

(DG1397, 1449, 1484, 1487, 1517, and 1554) were closely related
(≥98.2% identity) to the type strains of the genus Marivita
(Figure 3(a)). To date, there is relatively little known about the
genus Marivita, but related phylotypes have been identified
with a range of algal cultures [24, 38, 49, 50], as well as
representing ca. 4–6%of the phylotype abundance in summer
and autumn clone libraries from productive surface waters
off the north west of Spain [51]. In other work, we have
observed that strains ofMarivita (as well as other taxa) act as
dinoflagellate symbionts promoting dinoflagellate growth (D.
Green and C. J. S. Bolch, publication in prep.). Collectively,
this suggests that Marivita may have a specific adaptation to
associating with phytoplankton, including coccolithophores,
and could be analogous to the other Roseobacters that are

regarded as algal symbionts, such as Dinoroseobacter shibae
[52].

The second phylogenetic cluster was cultivable isolates
belonging to the gammaproteobacterial genus Marinobacter
(Figure 3(b)).Marinobacter have been found with a range of
algae, principally dinoflagellates [37, 38, 43, 45, 53] and some
diatoms [12]. Despite an apparent algal culture association,
their abundance in the marine environment is typically low;
for example, the multiyear average in the Western English
Channel was ca. 0.18% (min. 0.00% and max. 4.5%) of total
pyrosequencing reads [19]. One explanation for this dispar-
ity could be that the frequent association with laboratory
cultures represents a laboratory-induced artefact caused by
algal cultivation that is selecting for Marinobacter, possibly
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based on their utilisation of algal aliphatics. However, their
markedly lower frequency in diatom cultures (∼22%, as
compared to ≥83% in coccolithophore and dinoflagellate
cultures; [12]) argues against their presence being a simple
laboratory artefact because algal culture media and method-
ology are similar for all three algal lineages and this should
not cause such a bias. We speculate that Marinobacter have
a specific adaptation to coccolithophores and dinoflagellates.
AsMarinobacter have been recognised in the context of algal-
bacterial interactions, such as increasing iron bioavailability
to dinoflagellates [12], promoting growth of the dinoflagellate
G. catenatum [54] and the cyanobacterium Prochlorococcus
[55], this provides some support to the hypothesis that this
association represents a specific adaptation to life with these
algae.

In the context of applying bacteria to improve the mass
cultivation of algae, the evidence from this study and others
point toward Marivita and Marinobacter as two candidate
bacterial groups that have some potential because of their
common cooccurrencewith algal cultures, as well as evidence
that strains of both genera can have beneficial effects such
as growth promotion. Furthermore, neither genus has been
linked to antagonistic interactions with algae that we are
aware of.

3.3. Hydrocarbon-Degrading Bacteria. In the present study,
we sought to identify whether there were hydrocarbon-
degrading bacteria present in these cultures, as we have pre-
viously observed an association with algae [24].We identified
and confirmed that all the Alcanivorax and Marinobacter
strains that were isolated could utilise n-hexadecane as the
sole carbon and energy source (Figure 3). This is consistent
with a number of reports showing that both genera are
important and are often highly abundant in the marine
environment during oil spill events (e.g. [56]). Four strains
that did not belong to these two genera were also shown
to use n-hexadecane: one was a member of the Alteromon-
adaceae (DG1561), three were members of Alphaproteobac-
teria belonging to Maritimibacter of the Roseobacter clade
(DG1599), andThalassospira (DG1417) and Nisaea (DG1516)
both belonged to the Rhodospirillaceae. This study and

others reporting the coassociation of oil-degrading bacteria
and algae [24, 57–59] suggest that there may be a specific
association between the two. The simplest explanation for
this may reflect the fact that many microalgae are lipid-rich
[60] and that, in the natural environment, algal cells provide
an abundant source of energy-rich aliphatic compounds
available to hydrocarbonoclastic bacteria.

The presence of hydrocarbon-degrading bacteria living
with algae presents a number of biotechnological opportuni-
ties. First, we believe that it is important to understand their
ecological relationship to algae in the marine environment
and then to use this knowledge to try improving natural oil
spill bioremediation: for example, will there be better natural
bioremediation of oil spills in regions that are dominated by
primary production? Or is the use of iron fertilization during
oil spill events beneficial in stimulating both primary pro-
duction and the associated bacterial community that clearly
comprises many key hydrocarbonoclastic bacteria such as
Alcanivorax, as well as ensuring a sufficient supply of iron for
the iron-requiring alkane hydroxylases of all oil-degrading
bacteria [61]? Second, specific genes and activities of oil-
degraders can potentially be exploited for biosurfactant,
bioemulsifier [62, 63], or polyhydroxyalkanoate production
[64], or the potential development of alkane hydroxylases
to catalyze difficult-to-synthesize molecules [65]. While
hydrocarbon-degrading strains from coccolithophores have
not been explored for polycyclic aromatic hydrocarbon
(PAH) degradation, related research with other algae shows
that they do harbor highly fastidious PAH degrading bacteria
[58, 59]. Overall, coccolithophore and other phytoplank-
ton cultures are a useful starting point for bioprospecting
for specialist hydrocarbon-degrading microorganisms. They
may also be used as model systems to study the ecological
underpinnings of this interrelationship, with the aim to use
this knowledge to help enhance oil bioremediation.

3.4. Atypical Bacterial Taxa. A number of the phylotypes
identified were not typical of bacterial taxa found previously
with algal cultures. First was the identification of two phy-
lotypes belonging to the phylumAcidobacteria (Figure 3(b)),
which have not previously been identified in any algal culture.
OTU AC472G8 was affiliated to Group IV Acidobacteria,
which appear to be rare in the marine environment (e.g.,
the closest marine phylotypes is DQ071127; 95.6% id). The
other Acidobacteria, DG1540 (KC295408), was affiliated to
the Holophagales (group VIII). This isolate was cultivated on
the low organic strength marine agar ZM/10 at ca. pH 7.8.
Subsequent cultivation experiments with this strain demon-
strated that it did not grow at pH values below pH 7.0 but
grew abundantly up to pH 9.5, the highest pH tested (data not
shown). This indicates that while it is related to the phylum
Acidobacteria, it is not acidophilic as is characteristic of this
phylum. The closest 16S rRNA gene sequences to DG1540
were all marine and belonged to coral-associated bacterial
clones (FJ202764.1, FJ203188.1; 89.3 and 88.4% id resp.), a
sponge-associated bacterial isolate (EF629834; 95.6% id),
and Acanthopleuribacter pedis (AB303221; 88.6% id) isolated
from a marine chiton [66]. The second atypical taxon was
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Figure 3: Phylogenetic affiliation (16S rRNA gene) of coccolithophore-associated bacteria, depicting (a) Alphaproteobacteria and
(b) Gammaproteobacteria, Betaproteobacteria, Acidobacteria, Actinobacteria, Bacteroidetes, and Planctomycetes. Dendrograms were
constructed using a lanePH filtered alignment usingmaximum likelihood and theHKYmodel of nucleotide substitution (PhyML). Bootstrap
support ≥50% support for the branching is shown. ∗ denotes strains shown to use n-hexadecane as a sole carbon source. Clones (red font) and
strains (blue font) identified in this study and representative clones or strains from public databases (black font). Scale bar: 0.05 nucleotide
substitutions per base.
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Table 4: Biogeography of rare bacterial taxa in the marine environment.

Project1 Acidobacteria Acidimicrobiales Schlegelella Thermomonas
ICoMM surface seawater (≤50m)

CAM 0.006 0.215 0 0.009
AWP 0.010 0.327 0 0
AOT 0.005 3.248 0 <0.001
ABR 0.001 1.435 0 0
LCR 0.038 2.696 0.004 0.008
PML 0.054 0.726 0.001 <0.001

ICoMM coral, sponge, and microbial mats
CCB 1.368 1.065 0 0
CMM 0.955 6.806 0.001 0.002
SPO 7.718 5.318 0 0

1Average percentage abundance identified from each ICoMM project, normalised for sequencing effort. Data was compiled from publically accessible data
at ICoMMMarine Microbes Database (http://vamps.mbl.edu/). CAM: census of Antarctic marine life [16]; AWP: Azores water profile; AOT: Atlantic Ocean
transect; ABR: active but rare (Nth and Sth Pacific) [17]; LCR: latitudinal gradient from South Atlantic to the Caribbean [18]; PML, English Channel L4, UK
[19]; CCB: microbial diversity in Caribbean coral species; CMM: coastal microbial mats; SPO: marine sponge-associated bacteria [20].

(a) (b) (c)

Figure 4: Composite DAPI-Cy3 FISH detection of Acidobacteria in coccolithophore cultures. (a) Positive control DG1540 (isolated from
E. huxleyi RCC1214). (b) E. huxleyi RCC1214 culture and (c) E. huxleyi Bergen 05 08 (Bergen mesocosm, 2008). Arrowheads indicate
Acidobacteria cells present on the DAPI-Cy3 composite images. Scale bar: 2𝜇m.

two cultivable Actinobacteria strains (DG1501 and DG1538)
affiliated to the family Acidimicrobidae. A single Acidimi-
crobidae OTU (DQ376149; 97.0% id) has previously been
identified in a diatomculture. RelatedAcidimicrobidaeOTUs
and isolates have been found in a range of marine samples
(Table 4), including corals (GU118194; ca. 92.9% id), sponges
(EU236418; ca. 94.8% id), marine sediment (AB286031; ca.
96.8% id), and surface waters (GQ850547 and DQ372838;
ca. 98.1 and 94.5% id resp.). Third, a gammaproteobacterial
OTU affiliated toThermomonas was identified in one culture
only. This genus has been identified in thermal springs
[67] and at several oceanic stations and in microbial mat
communities (Table 4). Fourth, two OTUs belonging to the
genus Schlegelella (Betaproteobacteria) were identified in two
separate cultures. Like Thermomonas, this genus has been
observed inmineral springs [67, 68] and has been recorded in
themarine environment from the same sites asThermomonas
(Table 4). Finally, three very closely relatedOTUs (≥97.5% ID)
affiliated to the Methylophilaceae (Betaproteobacteria) were
identified but not cultured. These OTUs are distantly related
to the well-described OM43 clade (≥87.9% ID) of obligate

methylotrophic bacteria linked with phytoplankton blooms
[69], and, to our knowledge, only a single related OTU
has previously been identified in an algal culture (KEppi37,
AF188168; [43]).

As the observation of Acidobacteria in algal cultures
was apparently unusual, an additional three E. huxleyi
cultures were screened using a phylum-level Acidobacteria
FISH probe, these were LY1 05 (LY1 2005, Oban, Scot-
land), Bergen 05 08 (Bergen Mesocosm, 2008, Norway),
and CS 08 (Celtic Sea 2008, UK). The positive control,
DG1540 (Figure 4(a)), was identified in RCC1214 fromwhere
it had originally been isolated (Figure 4(b)). However, Aci-
dobacteria were not detected in RCC1216 from which the
group IV acidobacterial OTU AC472G8 had been identified.
Acidobacteria were detected in the Bergenmesocosm culture
isolated in 2008 (Bergen 05 08) (Figure 4(c)).

The presence of Acidobacteria (DG1540 and AC472G8,
as well as FISH detection in one other E. huxleyi culture;
Figure 4) and the Acidimicrobidae (Actinobacteria) led us to
consider why putatively acidophilic bacteria were associated
with E. huxleyi. We speculate that this may reflect a pattern
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of finding marine Acidobacteria associated with calcareous
organisms or structures such as the chiton [66], corals [70],
and stromatolites [71]. The reasons for their association with
carbonate structures are unclear, but these organisms may
be involved in catabolizing the organic matrix associated
with the coccoliths and potentially driving calcite dissolution
through acid production [72]. The observation of Schlegelella
and Thermomonas in the cultures may also be attributable
to calcification in the cultures because both Schlegelella and
Thermomonas OTUs have been isolated from thermal spring
waters containing a high mineral and carbonate loading [67,
68]. As both genera have been identified by pyrosequencing
from marine environmental samples (Table 4), this suggests
that their presence could be related to the high mineral
content of calcifying coccolithophores and not the product
of external contamination of the cultures.

The lack of phylogenetic coherence amongst the atypical
taxa detected does not appear to be an ecological pattern, but
we suggest that, from the biochemical associations of related
taxa to those detected in this study (Figure 3(b)), this points
at carbonate chemistry as the most likely reason explaining
their presence. This may also explain why these taxa have
not previously been identified with diatoms and dinoflagel-
lates, because the latter are not calcifying organisms. Thus,
we speculate that the atypical taxa such as Acidobacteria,
Schlegelella, andThermomonas are evidence that actively cal-
cifying coccolithophores chemically and physically structure
the bacterial community to include organisms adapted to
calcareous material. This is analogous to the way in which
diatom exudates structure the bacterial associates in culture
[40] and of estuarine sediments [73].

Cultivation of DG1540 and related Acidobacteria
(N2yML4; EF629834) from sponge aquaculture [74] rep-
resent a potentially valuable biotechnological and ecolog-
ical resource because of their taxonomic relationship to
prevalent groups of bacteria in sponge and coral microbial
communities [20, 75]. Whether or not these Acidobacteria
produce secondary metabolites is of clear interest given the
importance of themarine spongemicrobiome for production
of a wide range of novel chemical entities [76]. However,
cultivation of these and other marine Acidobacteria has
clearly been sporadic (totalling three: this study, Mohamed
et al. 2008 [74], and Fukunaga et al. 2008 [66]) despite the
many efforts to cultivate sponge and coral bacteria. This
indicates a need to develop different primary isolation media
and strategies to improve discovery of these and related
Acidobacteria, as well as the other atypical taxa identified
in this study. The inclusion of solid carbonate (or siliceous)
material in agar or in liquid enrichment media may be
one starting point; and addition of 5% CO

2
(v/v) has been

successfully used to improve isolation of soil Acidobacteria
[77].The question of whether all or anymarine Acidobacteria
are acidophilic is unclear given that ambient seawater pH is
typically nearer to pH 8 and the evidence that DG1540 would
not grow below pH 7. Genomic analysis of DG1540 is now
underway, and this data will be mined to address questions
of their ecological, metabolic and biotechnological potential,
as well as contribute to cultivation efforts of related marine
Acidobacteria found with corals and sponges.

4. Conclusions

The present study is the first to catalogue the bacterial
diversity associated with two important species of coccol-
ithophorid phytoplankton. It revealed that both E. huxleyi
and C. pelagicus f. braarudii cultures had relatively species
rich bacterial communities compared to dinoflagellates. It
identified a number of bacterial taxa not previously detected
in other phytoplankton cultures and included the unexpected
finding of a number of putatively acidophilic bacteria. Over-
all, this is suggested to signify that coccolithophores possess
a greater range of available niches, as well as novel niches,
compared to other kinds of phytoplankton such as dinoflagel-
lates and diatoms. It is proposed that the presence of some of
the atypical taxa may represent selection of specific bacterial
taxa adapted to the active calcification occurring in these
coccolithophore cultures.The cultureswere observed to share
bacterial diversity with other algal cultures, most notably,
dinoflagellates. Two genera,Marinobacter andMarivita, were
observed to occur in all of the coccolithophore cultures, and
whilst these genera may be a product of laboratory culture
induced artefacts, closely related bacteria have been shown to
benefit dinoflagellate and Prochlorococcus growth, suggesting
that the common occurrence of these bacteria may represent
a specific interdependence between the bacteria and algae.
Hydrocarbon-degrading bacteria were found in all cultures,
and,most notably, eachE. huxleyi culture had a closely related
strain of Alcanivorax, a well-known and highly fastidious oil-
degrading bacterium.

Knowledge of the biodiversity contained within these
coccolithophore cultures has a number of potential uses,
that include the types of bacteria that could be employed
to improve the efficiency of mass cultivation of marine
algae, and, as a model system to help uncover the ecological
relationship of why oil-degrading bacteria cooccur with phy-
toplankton, and how this knowledge may be used to improve
oil-spill bioremediation. Furthermore, the cultivation of
a marine bacterium related to Acidobacteria found with
marine sponges represents a rare opportunity to understand
more about the ecology of these bacteria and to explore the
biotechnological potential this may entail.
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Bacteriophages have been suggested as an alternative approach to reduce the amount of pathogens in various applications.
Bacteriophages of various specificity and virulence were isolated as a means of controlling food-borne pathogens. We studied the
interaction of bacteriophageswithBacillus species, which are very often persistent in industrial applications such as food production
due to their antibiotic resistance and spore formation.A comparative study using electronmicroscopy, PFGE, and SDS-PAGEaswell
as determination of host range, pH and temperature resistance, adsorption rate, latent time, and phage burst size was performed
on three phages of the Myoviridae family and one phage of the Siphoviridae family which infected Bacillus subtilis strains. The
phages are morphologically different and characterized by icosahedral heads and contractile (SIOΦ, SUB𝜔, and SPO𝜎 phages) or
noncontractile (AR𝜋 phage) tails. The genomes of SIOΦ and SUB𝜔 are composed of 154 kb. The capsid of SIOΦ is composed of
four proteins. Bacteriophages SPO𝜎 and AR𝜋 have genome sizes of 25 kbp and 40 kbp, respectively. Both phages as well as SUB𝜔
phage have 14 proteins in their capsids. Phages SIOΦ and SPO𝜎 are resistant to high temperatures and to the acid (4.0) and alkaline
(9.0 and 10.0) pH.

1. Introduction

Recent investigations show that bacteriophages could be used
as a means of controlling food-borne pathogens [1–3]. New
phages are therefore being isolated and characterized [4, 5].
One of the bacterial genera with the highest prevalence
in food industry, which could potentially be controlled by
bacteriophages, is Bacillus, which belong to the heteroge-
neous group of Gram-positive, endospore-forming, faculta-
tive anaerobic bacteria [6, 7]. Despite the numerous advan-
tages of Bacillus species in industry applications, they may
also cause damage.The pathogenicity of Bacillus anthracis for
mammals is well known, and other Bacillus species infections

have been documented since the beginning of the last century
[8, 9]. Bacillus cereus is considered a pathogenic species caus-
ing local infections, bacteremia, septicemia endocarditis and
pericarditis, and infection of the central nervous system and
respiratory tract [10–15]. Bacillus cereus is the main factor in
food poisoning resulting from toxin production [16]. Beside
the well-known pathogenic Bacillus species, recent studies
have detected the production of enterotoxins and emetic
toxin by B. subtilis, B. pumilus, and B. licheniformis, resulting
in food-borne illnesses [17–19]. Bacillus subtilis contaminated
25% of samples of food products in The Netherlands (milk,
yeast, flour, pasta products, cocoa, chocolate, bakery prod-
ucts, meat products, herbs, and spices) [20] and 12% of raw
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Table 1: Bacillus subtilis strains and bacteriophages.

Number Strain Origin Bacteriophage typing
SUB𝜔 SPO𝜎 SIOΦ AR𝜋

1 B. subtilis ATCC 6633 Polish Academy of Sciences, Wroclaw + + − −

2 B. subtilis 168 Institute, Rijksuniversiteit Groningen, Holland 0 + 0 0
3 B. subtilis SWV215 + + − −

4 B. subtilis 10 University of Wroclaw, Faculty of Biotechnology − − + −

5 B. subtilis B3

Wroclaw University of Environmental and Life
Sciences, Faculty of Food Science

+ + − +
6 B. subtilis Ż7-mutant B3 + + − +
7 B. subtilis Ż17-mutant B3 + + − +
8 B. subtilis Ż25-mutant B3 + + − +
9 B. subtilisHb36-mutant B3 + + − +
10 B. subtilis B20 0 + − 0
11 B. subtilis P22 + + − +
12 B. subtilis KT20 0 − 0 0
13 B. subtilis 172 + + − +
14 B. subtilis B24 0 + − 0
15 B. subtilis PCM1938

Polish Academy of Sciences, Wroclaw

+ + − −

16 B. subtilis PCM 2226 + + + −

17 B. subtilis PCM 486 0 + − 0
18 B. subtilis PCM 2189 + + − −

19 B. subtilis PCM 2005 + + − 0
20 B. subtilis PCM 2224 + + − −

(−) Plaques not formed, (+) distinct clear plaques, and (0) hazy plaques.

materials, dough and bread samples in South Africa [21].
Moreover, B. subtilis spore contamination has been found in
wheat flour, ropy bread [22], and gelatin [23].

The removal of Bacillus contamination is limited due to
its resistance to physicochemical decontaminations meth-
ods. Usually the food industry uses physical methods of
sterilization or disinfection such as uv, gamma radiation,
or high temperature, but, unfortunately, they are often not
effective against the highly resistant Bacillus spores [24, 25].
One option for Bacillus contamination treatment could be
phagotherapy [26].

Bacteriophages are the largest group of viruses [27, 28].
They are very useful for people in phage therapy [29]. On
the other hand, preventive phage therapy may eliminate
pathogenic bacteria from food products. Phages are host-
specific and infect only specific species or strains [1] with
a few exceptions [30]. Although investigations have shown
that bacteriophages can aid in successful eradications of food-
borne pathogens such as Listeria monocytogenes, Escherichia
coli, Salmonella typhimurium, or Campylobacter [1, 31], there
are few commercial products, such as LISTEX P100, which
have received the GRAS status [32]. Thus, it is necessary to
determine the criteria for the application of phages in the
control of bacteria in food and therefore all newly isolated
phages with the potential application in antibacterial therapy
should be characterized in detail. Beside using isolated phages
as decontamination agents, they could be used in bacterial
detection and serotyping or strain improvement recently
described by Petty et al. [33]. However, the commercial

application of bacteriophages requires the optimization of
culture conditions and detailed determination of the physical
and chemical factors influencing phage viability [34, 35]. The
first attempts to control Bacillus subtilis infections by phages
were carried out by Ackermann et al. [36].The results showed
an extreme heterogeneity of B. subtilis strains. Ackermann’s
phagotype system was used by Inatsu et al. [37] for the
differentiation ofB. subtilis (natto) and otherB. subtilis strains
isolated from fermented soybean foods [38].

The aim of this work was to isolate and characterize
Bacillus bacteriophages in view of their potential application
in phagotyping, strain improvement, and eradication of
unwantedBacillus strains in food industries.We have isolated
four bacteriophages with different specificity to 20 B. subtilis
strains. Detailed data on their morphology, thermal and pH
stability, genome size, and capsid protein mass are described
for bacteriophages specified for four representative B. subtilis
strains.

2. Materials and Methods

2.1. Bacillus Strains and Bacteriophages. The origins of bac-
teriophages used in this study as well as their host strains
are shown in Table 1. Bacillus strains 10 (isolated from soil),
SWV215 [39], B3 [40], and ATTC6633 [41] were used for
detailed investigation (Table 1). Bacillus strains were main-
tained as frozen stocks at −80∘C in 1.5%, nutrient broth
(Biocorp, Poland) with 2% agar-agar (BioShop, Canada Inc)
supplemented with 15% (v/v) of glycerol. For experiments,
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the strains were cultured on the nutrient agar and then
cultured overnight in a liquid nutrient broth. The Bacillus
subtilis-specific bacteriophages SUB𝜔, SPO𝜎, SIOΦ (Acc.
number KC699836), and AR𝜋 were isolated from soil sup-
plemented with a liter of Bacillus subtilis cultures. After a
week, soil samples (1 g) were suspended in water, shaken
(200 rpm/30min), and centrifuged (4500 rpm/10min), and
the supernatantwas filtered through a polyethersulfone (PES)
0.22𝜇m Millipore filter. Phage propagation was performed
as follows: 45mL of filtered soil samples and 5mL culture of
Bacillus strain grown overnight in nutrient broth were added
to 20mL of fresh nutrient broth and incubated for 24 h at
37∘C.The suspensionwas centrifuged (4500 rpm/10min) and
the supernatant was filtered through a PES 0.22𝜇mMillipore
filter.The bacteriophage titer in the filtrate was assessed using
the double-agar layer technique of Adams [42].

Phage stocks were prepared in nutrient broth and then
stored at 4∘C.

2.2. Electron Microscopy. A high-titer phage lysate filtered
through a PES 0.22𝜇m Millipore filter was centrifuged at
25,000×g for 60min, and the pellet was washed twice in
ammonium acetate (0.1M, pH 7.0). A portion of the resus-
pended sediment was deposited on carbon-coated Formvar
films, stained with 1% uranyl acetate for 30 s, and examined
in a Philips CM 100 (Philips CM 100, Japan) transmission
electron microscope at 80 kV with 39,000x magnification.
The phage size was determined from the average of five
to seven independent measurements using T4 phage tail
(114 nm) as the magnification control.

2.3. Thermal Treatment. The thermal resistance of all bac-
teriophages was determined at 23, 50, 60, 70, 80, 90, and
100∘C in a temperature-controlled thermo-block (Labnet
International. Inc.), at 121∘C in an autoclave, at 4∘C and
−20∘C in a standard refrigerator, and at −80∘C in a low
temperature freezer (REVCO Sanyo, Japan). Equal volumes
of phage (107 pfu/mL in sterile water) were incubated for 1, 2,
5, 10, 15, 30, 60, and 180min at 4∘C and then placed in an ice
bath or thawed. Samples were assayed to determine surviving
pfu using the double-agar layer technique [42].

2.4. pH Treatment. The influence of pH on the bacterio-
phages was assayed in CP (citrate-phosphate) buffer (0.2M
Na
2
HPO
4
/0.1M citrate) within the pH range of 2.0 to 8.0 and

in carbonate buffer (0.2M H
2
CO
3
/0.2M NaHCO

3
) within

the pH range of 9.0 to 11.0. Experiments were carried out at
room temperature (25∘C) for 1 and 6 h. Samples were assayed
to determine pfu using the double-agar layer technique [42].

2.5. Host Range Determination. The host range of bacterio-
phages was assayed according to Yang et al. [43] as follows:
108 bacterial cells were mixed with molten 0.6% agar and
the mixture was poured on 2% solid agar to make double
layer agar plates. After solidification, 10 𝜇L of bacteriophage
(>106 pfu/mL) was spotted on each plate with each of the
different Bacillus strains, incubated, and the presence of lysed
plates was examined to determine host range.

2.6. Adsorption Rate, Latent Time, and Phage Burst Size. Ex-
periments were performed as described previously [42, 44,
45] with slight modifications. Equal volume of phages (106–
107 pfu/mL) was added to 0.9mL of overnight cultures of
host bacterial species and incubated at 37∘C for 5min. After
incubation, the mixture was diluted to 10−5 and filtered
through a PES 0.22𝜇m Millipore filter. The number of free
phages in the filtrate was determined in duplicate, using the
double-agar layer method.

To determine the phage latent time and burst size a one-
step experiment was carried out according to the previous
descriptions [46] with modifications. To 0.9mL of overnight
cultures of host bacteria was added 0.1mL of the bacterio-
phage suspension. The bacteria were allowed to adsorb the
bacteriophages for 5min at 37∘C; the mixture was diluted
to 10−5 or 10−4 and further incubated for 135min at 37∘C.
Samples were taken at 10min intervals and phage titer was
determined by the double layer-agar plate method. Burst size
was calculated as the ratio of the final amount of liberated
phage particles to the initial number of infected bacterial cells
during the latent period [42].

2.7. Phage DNA Extraction. Phage particles were partially
purified by PEG precipitation [47]. High titer suspensions
(1010 pfu/mL) of filtered phage lysate were mixed with NaCl
(1M final conc.) and incubated on ice for 1.5 h. Then PEG
8000 was added to a final concentration of 10% and the
mixture was incubated on ice for 2.5 h. This was followed
by the centrifugation of precipitated phages (10 000 g, 4∘C,
20min). Pellets were suspended in 10mMTE buffer (pH 8.0)
or TMbuffer (10mMTris-HCl, 100mMNaCl, 10mMMgCl

2
;

pH 7.4). The residual PEG and bacterial debris were next
removed by gentle extraction for 30 s with an equal volume
of chloroform, followed by centrifugation at 3000×g, 4∘C for
15min.

2.8. Pulsed-Field Gel Electrophoresis PFGE. Determination of
bacteriophage genome size by PFGE was performed accord-
ing to Lingohr et al. [48]. Purified phage particles in 10mM
TE buffer (pH 8.0) were incorporated in 1 : 1 proportion
into 2% low-melting agarose in 10mM TE. The solid gel
plugs were incubated for 2.5 h at 54∘C in 1mL of phage lysis
buffer containing 50mM pH 8.0 Tris-HCl, 50mM EDTA,
1% (w/v) SDS, and 100 𝜇g/mL (final conc.) of proteinase K
(phages SUB𝜔, SPO𝜎, SIOΦ) or 1mg/mL of proteinase K
(phage AR𝜋). The plugs were washed at least 4 times in
10mM Tris/EDTA buffer (TE, pH 8.0) and pulsed-field gel
electrophoresis (PFGE) was performed (Bio-Rad, UK) in 1%
agarose in 0.5X TBE buffer (pH 8.3). The PFGE parameters
were as follows: 0.5X TBE buffer; 6V/cm, initial switch time
1 s; final switch time 15 s; run time 16 h; temperature 12∘C.Gels
were stained with ethidium bromide followed by destaining
inmiliQwater.The genome size was determinedwith BioRad
Quantity One software, using the Low Range PFG marker
(New England BioLabs, UK) as a standard.

2.9. Preparation of Phage Structural Proteins and SDS-PAGE.
Concentrated phage particles in TM buffer were extracted
with chloroform (1 : 1 v/v) and, after gentle mixing, were
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Table 2: Phage titers (pfu/mL) for B. subtilis strains.

Phage SIOΦ SUB𝜔 SPO𝜎 AR𝜋
Bacillus
strain

B. subtilis
10

B. subtilis
ATCC 6633

B. subtilis
SWV215

B. subtilis
B3

Phage titer
(pfu/mL) 1013 1010 1010 1012

centrifuged at 3000×g, 4∘C for 15min. Partly purified phage
particles in the aqueous phase were pelleted by ultra-
centrifugation (Beckman Coulter) at 50 000 rpm at 4∘C
for 60min. The pellets were resuspended in 1X Laemmli
loading buffer (62.5mM Tris-HCl, 2% SDS (w/v), 5% 𝛽-
mercaptoethanol (v/v), 10% glycerol (v/v), 0.04% (w/v) bro-
mophenol blue; pH 6.8), boiled for 5min, and separated on
the SDS-PAGE 12% gel. All gels were run at 40mA using a
mini Protean apparatus (BioRad) and Laemmli buffer. Gels
were stained with Gel Code Blue stain reagent (Thermo
Scientific). Biorad Quantity One software was used for the
molecular analysis of the phage structural proteins based
upon a PageRuler prestained protein ladder plus (Fermentas).

2.10. Statistical Analysis. All experiments were performed at
least in triplicate. For the statistical analysis of data obtained,
Microsoft Excel 2007 (SD and 𝑡-test) and R (ANOVA)
programs were applied. Standard deviation was included in
figures. Statistical significance was determined using Stu-
dent’s 𝑡-test. The significance level was set at 𝑃 < 0.05.

3. Results

3.1. Phage Isolation. Bacillus subtilis-specific bacteriophages
were isolated from soil inoculated with four distinct (isolated
fromdifferent locations)B. subtilis strains: 10, B3,ATTC6633,
and SWV215. All isolated phages formed clear plaques with
the strains used for isolation. Phage titers ranged from 1010
for SUB𝜔 and SPO𝜎 to 1013 for SIOΦ (Table 2).

3.2. Phage Typing. Twenty Bacillus subtilis strains were used
to determine the specificity of the four isolated bacterio-
phages: SUB𝜔, SPO𝜎, SIOΦ, and AR𝜋 (Table 1). Phage SUB𝜔
infected all Bacillus strains tested with the exception of B.
subtilis 10. For B. subtilis 168, B20, KT20, B24, and PCM
486 the resulting plaques were hazy. Phage SPO𝜎 did not
form plaques with B. subtilis 10 and KT20 strains, but formed
distinct clear plaques with all other strains. Phage SIOΦ
formed plaques with B. subtilis strains 168, 10, KT20, and
PCM 2226 but clear plaques were observed only with Bacillus
strains 10 and PCM 2226. Phage AR𝜋 did not form plaques
with strains ATCC 6633, SWV215, 10, PCM1938, PCM 2226,
PCM 2189, and PCM 2224. Clear plaques were observed for
P22 and 172 strains and for B3 and its mutants (Table 1).

3.3. PhageMorphology. Thephages belonged to twomorpho-
types.Three phages (SIOΦ, SUB𝜔, and SPO𝜎) were classified
toMyoviridae because of the appearance of icosahedral heads
and contractile tails with necks, collars, and base plates

Table 3: Particle sizes of SIOΦ, SUB𝜔, SPO𝜎, and AR𝜋 phages.

Host Phage Head diameter
[nm × nm]

Tail length
[nm]

B. subtilis 10 SIOΦ 100 × 90 208
B. subtilis
ATCC 6633 SUB𝜔 67 × 67 223

B. subtilis
SWV215 SPO𝜎 91 × 87 70

B. subtilis B3 AR𝜋 41 × 47 342

(Figures 1(a), 1(b), and 1(c)). Phage head and tail length also
indicated relationship to theMyoviridae (Table 3).

Bacteriophage AR𝜋 had icosahedral heads and noncon-
tractile, long tails (Figure 1(d), Table 3) and is thus morpho-
logically similar to phages belonging to Siphoviridae family.

3.4. Thermal and pH Stability Test. The thermal stability test
was carried out to determine the heat resistance of tested
phages at pH 7.0. All phages were stable after 180min at
−80∘C,−20∘C, 4∘C, 23∘C, 30∘C, 37∘C, and 50∘C, and all phages
retained 100% infection activity after a 1min incubation at
90∘C, 100∘C, and 121∘C (data not shown). AnANOVA test was
done and the interaction between the types of phage tested
parameters was found statistically important. Thus, it can be
said that the inactivation rate of the phages varies for different
types of phages.

Phage SIOΦ lost total activity after 2min at 80∘C, 30min
at 70∘C, and at 60∘C only 1% of original activity was observed
after a 3 h incubation period. Phage SUB𝜔 lost its infective
ability after 1min at 80∘C, 5min at 70∘C, and 180min at 60∘C.
Phage SPO𝜎 was inactive after 2min at 80∘C, 15min at 70∘C,
and 60min at 60∘C, respectively. Phage AR𝜋 lost its activity
after 2min at 80∘C, 10min at 70∘C, and 3 hours at 60∘C
(Figures 2(a), 2(b), 2(c), and 2(d)).

Optimal pH was determined by testing the stability of
phages at different pH after 60min (data not shown) and
6 h of incubation at room temperature (25∘C). After 1-hour
incubation at pH 2.0 all tested phages lost infective ability.
Statistically significant differences between tested phages
were found. Phage SPO𝜎 seems to be extremely stable in the
pH range 6.0–8.0; after a 6 h incubation the SPO𝜎 activity
was reduced from 107 to 104 pfu/mL at pH 3.0 and pH 4.0
(Figure 3(c)). At alkaline pH of 10.0 and pH 11.0 the activity
was reduced by one order of magnitude (Figure 3(c)).

Bacteriophage AR𝜋 was the most sensitive to acid and
alkaline conditions and only showed 100% activity at pH 7.0
and pH 8.0 (Figure 3(d)). Similar results were observed after
only 1 hour incubation (data not shown).

Phages SIOΦ and SUB𝜔 had 100% activity in the pH
range of 6.0–8.0 and SIOΦ had reduced activity at pH 4.0,
5.0, and 9.0 from 107 to 102, 103, and 103, respectively (Figures
3(a) and 3(b)).

Phage SIOΦ was the most active in the adsorption (50%)
to the B. subtilis 10 strain. The one-step growth curve of
SIOΦ indicated that the latent period was 55–65min and
the estimated burst size was ∼74 phage particles per infected
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Figure 1: Transmission electron microscopic images of (a) B. subtilis 10 phage SIOΦ, (b) B. subtilis ATCC 6633 phage SUB𝜔, (c) B. subtilis
SWV215 phage SPO𝜎, and B. subtilis B3 phage AR𝜋.

Table 4: Biological characteristics of SIOΦ, SUB𝜔, SPO𝜎, and AR𝜋
phages.

Phage Adsorption
[%]

Burst size
[pfu/mL]

Latent period
[min]

Growth time
[min]

SIOΦ 50 ∼74 55–65 40
SUB𝜔 12 ∼8 55–65 30
SPO𝜎 7.5 ∼23 75–85 40
AR𝜋 12 ∼37 55–65 30

bacterial cell (Table 4). Phage SPO𝜎 was less active. It was
adsorbed by only 7.5% of the B. subtilis SWV215 strain. The
latent period of SPO𝜎 was 75–85min and the estimated
burst size was ∼23 phage particles per infected bacterial
cell (Table 4). The latent periods of phages SUB𝜔 and AR𝜋
were the same as that of phage SIOΦ, but the adsorption
was lower (12%) and growth times were shorter (30min). A
difference between phages SUB𝜔 and AR𝜋 was observed in
their burst size: for SUB𝜔 it was only ∼8 phage particles per

infected bacterial cell while forAR𝜋 it was∼37 phage particles
(Table 4).

3.5. Phage Genome Size Estimated by PFGE. The size of the
intact genomic DNA of the four phages in this study was
estimated by pulse-field electrophoresis (PFGE). For phages
SIOΦ, SUB𝜔, and SPO𝜎 belonging to Myoviridae family the
size of their genomes was, respectively, 154, 154, and 25 kbp
(Figure 4). The genome size of Ar𝜋, the only phage from
Siphoviridae family, was 40 kbp (Figure 4). The determined
genome size values are comparable with values estimated by
ICTV for the indicated phage families.

3.6. Protein Composition. SDS-PAGE was used to determine
the content of structural proteins of phage particles. Virions
of phages SIOΦ, SUB𝜔, and SPO𝜎 contained structural
proteins with predominant protein bands corresponding,
respectively, to ∼52 kDa (SIOΦ), ∼45, 31 kDa (SUB𝜔), and
45 kDa (SPO𝜎) (Figure 5). Phage AR𝜋 contained at least 14
structural proteins and was found to produce three major
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Figure 2: Thermal stability test of phages: (a) SIOΦ, (b) SUB𝜔, (c) SPO𝜎, and (d) AR𝜋.

protein bands at molecular masses of approximately 42, 37,
and 31 kDa (Figure 5).

4. Discussion

Bacillus has a high prevalence in nature and ability to form
heat-resistant endospores; hence it is difficult to eradicate it
from, for example, fermented food, and the constant pres-
ence of beneficial microorganisms is critical to maintaining
the expected food quality. Bacteriophages are host-specific
natural enemies of bacteria and the efficient eradication of
bacterial pathogens with the use of phages is an effective way
to control harmful bacteria [2, 49].

Bacteriophages may have distinct applications, such
as biocontrol (eradication) of unwanted species (strains),
improvement (selection) of strains used for production, and
strain typing. All these applications depend on phage speci-
ficity [50]. Both awide and a narrowhost rangemay be useful.
While a rather narrow host range will enable distinction of
closely related strains in strain typing, a rather wide host
range will be beneficial for biocontrol. In comparison to
biocontrol, application of bacteriophages for improvement
and selection of industrial strains has been poorly described.

In fact, it is well known that in a large-scale production
phage infection may lead to the collapse of the production,
as it was in the case of acetone-butanol fermentation [51].
Thus, in industrial practice either various strains are used
every month or a cocktail of strains is used for inoculum.
Rotation of strains with various resistance decreases the risk
of accumulation of bacteriophages infecting producer strain
in industrial environment [52].

We found four bacteriophages with different specificity
toward twenty Bacillus subtilis strains (Table 1). The clas-
sification of bacteriophages is in most cases based on
morphological criteria and rarely on molecular data, for
example, nucleotide sequence homology [53]. Considering
the morphology, 96% of all bacteriophages belong to the
order Caudovirales and this order is subdivided into three
families: theMyoviridae (25%), characterized by a contractile
tail; the Siphoviridae (61%) with a noncontractile tail; and
the Podoviridae (14%) with a short, noncontractile tail [54,
55]. In 2009 the International Committee on the Taxonomy
of Viruses (ICTV) proposed the creation the Myoviridae
subfamily Spounavirinaewith genera of SPO1-like viruses and
Twort-like viruses and eight phage species [56]. Recently,
Klumpp et al. [57] proposed a revision of current taxonomic



BioMed Research International 7

1

10

100

1000

10000

100000

1000000

10000000

2 3 4 5 6 7 8 9 10 11

In
fe

ct
io

us
 (P

FU
/m

L)

pH

(a)

1

10

100

1000

10000

100000

1000000

10000000

In
fe

ct
io

us
 (P

FU
/m

L)

2 3 4 5 6 7 8 9 10 11
pH

(b)

1

10

100

1000

10000

100000

1000000

10000000

In
fe

ct
io

us
 (P

FU
/m

L)

2 3 4 5 6 7 8 9 10 11
pH

(c)

1

10

100

1000

10000

100000

1000000

10000000

In
fe

ct
io

us
 (P

FU
/m

L)

2 3 4 5 6 7 8 9 10 11
pH

(d)

Figure 3: pH stability test of phages: (a) SIOΦ, (b) SUB𝜔, (c) SPO𝜎, and (d) AR𝜋. Data are the means from three independent experiments
+SD.

organization of the family Myoviridae and evaluated new
members of this group. In this work we isolated three phages,
SIOΦ, SUB𝜔, and SPO𝜎, which morphologically belong to
the Myoviridae family and phage AR𝜋 which is classified in
the Siphoviridae family (Figure 1). The genomes of SIOΦ and
SUB𝜔 are 154 kbp each and are similar to the other phages
of Bacillus subtilis such as SPO1 (145.7 kbp), SP8, SP82G,
H1, 2C, Φe, or Φ25 (∼150) [57]. SIOΦ has only four capsid
proteins like theΦH-like viruses; however, viruses of theΦH
type have a mere 59 kbp genome [58]. Bacteriophage SPO𝜎
has a genome size of 25 kbp and ∼14 capsid proteins and
these features allow it to fall into the group of P2-like or
Mu-like viruses but, unfortunately, viruses in this class have
Gram-negative bacteria as hosts [58]. AR𝜋 phage genome
is sized 40 kbp and it has ∼14 capsid proteins. On the basis
of these characteristics it can be classified as N

15
-like virus

but the very long tail (342 nm) excludes it from the known
classification [58]. The bacteriophages with the longest tails
in Siphoviridae family belong to ΦM

1
-like viruses (210 nm)

and their tail is terminated with a knob as in AR𝜋 phage.
The use of bacteriophages in biotechnological processes

requires the knowledge of their characteristics such as

the host range, latent period, growth time, or the resistance to
stress conditions, for example, different temperatures or pH.
Temperature plays a crucial role in bacteriophage survival,
capacity for attachment, and the length of the latent period
[59]. SIOΦ, SUB𝜔, SPO𝜎, and AR𝜋 bacteriophages retain
a stable activity following 3 hours at temperatures ranging
from −80∘C to 50∘C (Figure 2). Phages SIOΦ, SPO𝜎, and
AR𝜋 proved to be resistant to high temperatures and all of
them survive after 2min at 80∘C, 5min or longer at 70∘C, and
180min (except for 60min for SPO𝜎) at 60∘C (Figure 2). In
general, members ofMyoviridae and Siphoviridae families are
considered to be resistant to large temperature fluctuations
[35].

Acidity and alkalinity of the environment are other im-
portant factors influencing phage stability. SIOΦ and SPO𝜎
phages are the most resistant to acid (4.0) and alkaline
(9.0 and 10.0) pH; AR𝜋 phage is the least resistant to pH
fluctuations. The optimum pH values for all investigated
phages were 7.0 and 8.0 (Figure 3). Lasobras et al. [60] have
suggested that members of Siphoviridae family are the most
resistant to adverse conditions. However, phage Ar𝜋, which
we morphologically classified as a member of Siphoviridae, is
only active in a narrow pH range (6.0–8.0).
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Figure 4: Pulsed-field gel electrophoresis of undigested phage
DNAs. Genome sizes were estimated by using Low Range PFG
marker (M).
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Figure 5: SDS-polyacrylamide gel electrophoretic analysis of indi-
cated virion proteins estimated by using PageRuler prestained
protein ladder plus (M).

Bacteriophage SIOΦ had the highest percent adsorption
to the Bacillus host (50%) and released the largest number
of particles (∼74) from host cells (Table 4) and its phage titer
was the highest (1013) (Table 2). Due to high activity at low
and high temperature and pH, SIOΦ seems to be the best
candidate for use in industry.

The literature contains many descriptions of experiments
conducted under different conditions and hence with varying
results. Some Bacillus subtilis phages such as SP02c1 or SP82
have a higher percent of adsorption than our phages [61]
while, on the other hand, phage SPO1 has the same burst size
as SIOΦ [62].

At least one of the characterized isolated bacteriophages
was lytic for each tested strain of Bacillus subtilis. Thus, they
could be suitable for the phagotyping of this bacterial species.
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The precipitation of calcium carbonate and calcium sulphate by isolated bacteria from seawater and real brine obtained in a
desalination plant growth in culture media containing seawater and brine as mineral sources has been studied. However, only
bioprecipitation was detected when the bacteria were grown inmedia with added organic matter. Biomineralization process started
rapidly, crystal formation taking place in the beginning a few days after inoculation of media; roughly 90% of total cultivated
bacteria showed. Six major colonies with carbonate precipitation capacity dominated bacterial community structure cultivated in
heterotrophic platable bacteria medium. Taxonomic identification of these six strains through partial 16S rRNA gene sequences
showed their affiliation with Gram-positive Bacillus and Virgibacillus genera. These strains were able to form calcium carbonate
minerals, which precipitated as calcite and aragonite crystals and showed bacterial fingerprints or bacteria calcification. Also,
carbonic anhydrase activity was observed in three of these isolated bacteria. The results of this research suggest that microbiota
isolated from sea water and brine is capable of precipitation of carbonate biominerals, which can occur in situ with mediation
of organic matter concentrations. Moreover, calcium carbonate precipitation ability of this microbiota could be of importance in
bioremediation of CO

2
and calcium in certain environments.

1. Introduction

Carbon dioxide (CO
2
) can be released to the environment

from fixed sources (such as power generation facilities of
industries) and frommobile sources (such as cars and trucks).
The Intergovernmental Panel on Climate Change Special
Report on Emission Scenarios [1] estimates CO

2
emissions

to be as high as 29–44Gt per year in 2020 and 23–84Gt per
year by 2050. It is estimated that 60% of fixed emissions occur
at specific locations and in a large-scale scenario. Most can
be remediated by CO

2
sequestration and storage, which also

incurs in economic cost [2].
Different technologies can be applied for CO

2
capture

and store [3]. In this context, one form for CO
2
capture is

the geological carbon sequestration (GCS), which stores CO
2

for indefinite periods of time at geological sites such as deep
saline aquifers or depleted oil or gas wells.This is particularly
attractive due to the possibility of usage of fossil fuels and,
at the same time, consideration is paid to global warming
phenomenon. However, there may be some doubts about the
application of GCS. One of the most important concerns is
the CO

2
leakage through wells, faults, or fractures in the low-

permeability cap rock [4]. Risk of leakage is a more pressing
concern given that scCO

2
is less dense and less viscous than

natural pore fluid,which offers the possibility ofCO
2
upwards

migration through sequestrating geological formation [5].
However, biological approaches such as the use of engineered

Hindawi Publishing Corporation
BioMed Research International
Volume 2015, Article ID 816102, 12 pages
http://dx.doi.org/10.1155/2015/816102

http://dx.doi.org/10.1155/2015/816102


2 BioMed Research International

biofilms or biomineralisation processes have been proposed
to mitigate leakage and enhance CO

2
storage [6].

It has been also proposed that the bioprecipitation of
minerals such as calcium carbonates could be considered
a new strategy to remove carbon dioxide or to prevent its
emission [7]. In this context, several possible mechanisms
ofmicroorganisms-mediatedmineral precipitation in natural
and engineered environments have been proposed [8–10]. In
spite of this, the role that microorganisms have in the biologi-
cal process and their influence over the crystal characteristics
of precipitates is still not understood [11]. Thus, certain
microbial species have been found to be associated with
biomineral precipitation in many different environments
such as saline habitats (seawater, brine), biofilms, and soils
[12, 13]. Relationships between microorganisms species and
biomineral characteristics have been suggested [11], although
the biological precipitation mechanisms as well as the impact
of this process in the microbial ecology of precipitating
organisms are still unknown.

Several studies have reported the bacterial precipitation
of carbonates [9, 10, 14] and have suggested different mech-
anisms for the microorganism-mediated precipitation of
carbonate biominerals [15, 16]. The formation of calcium and
magnesium carbonates has been explained by the production
of NH

4

+ and CO
2
in presence of calcium and magnesium

ionic species. Other authors have proposed that adsorp-
tion of calcium, magnesium, and metallic cations to cell
surface could trigger bacterial-mediated biomineralization,
with bacterial cell serving as nucleus for precipitation; in
this sense, characteristics of extracellular polymeric sub-
stances impact biomineral precipitation [15, 16]. However, the
influence of abiogenic features over bioprecipitation process
is still unresolved, and thus optimal microbially mediated
precipitation conditions are still not known. Among these
abiogenic factors, the ionic composition of the medium and
its salt concentrations are thought to be the most important
factors in carbonate minerals bioprecipitation, along with
fluid chemistry and fluid flow or viscosity [17].

Halophilic bacteria or microorganisms that have adapted
to high-range salinity-changing environments can be used for
the determination of the effect of the ionic characterization
of the medium over the bacterial carbonate mineralization
and therefore over CO

2
sequestration [10]. Furthermore,

previous studies have reported mineralogical differences of
biominerals formed by precipitation mediated by halophilic
bacteria [10, 18] as well as the different roles that these
bacteria play in carbonate mineralization at both natural
environments and laboratory culture media.

As reported above, and considering the amounts of
CO
2
in the atmosphere, one alternative is to create new

equilibrium conditions in calcium and carbon cycles by
storing and sequestering CO

2
in the stable form of calcium

carbonate [7]. As a result, research is now being carried out
regarding the use of microorganisms to produce calcium
carbonate precipitations that are extremely stable in certain
environments. In this context, carbonic anhydrase (CA)
enzyme catalyses the reversible hydration of CO

2
in many

organisms. Even though the enzyme has been found in
many environments, its precise functions and mechanisms

of action are not well known [19]. CA has an important role
in carbonate precipitation in different marine organisms [20]
and algae [21] and in the formation of calcified structures of
corals and diatoms [22]. The presence of CA in metabolically
diverse species within both Bacteria and Archaea domains is
indicative of the significant role of this enzyme in prokaryotic
microorganisms [23], even though little is known about its
function. Sánchez-Moral et al. (2003) [24] suggest that CA
could also be responsible for the capture of an important
fraction of carbon dioxide by heterotrophic bacteria in
underground environments.

In this paper, we studied biomineral precipitation by
different bacteria isolated from saline environments and
its capability for biomineral formation including calcium
carbonate in both liquid media and solid media. The mor-
phology, mineralogy, and texture of the precipitates in lab-
oratory cultures, amended or not with brine obtained from
a desalination plant as the only calcium source, were also
studied. Finally, the role of the carbonic anhydrase (CA) in
carbonate precipitation and capture of CO

2
was determined

and discussed.

2. Materials and Methods

2.1. Bacterial Strains. The experiments were performed with
bacterial strains isolated from natural brine produced in
a desalination plant located in Ibiza Island (Spain) and
from seawater samples obtained from the Mediterranean Sea
in the area close to the desalination plant. The isolation,
selection, and study of capacity of these bacterial strains
for biomineral precipitation were carried out in a specific
medium for bacterial carbonate precipitation. The medium
M1 composition (wt/vol) was the following: 1% yeast extract,
0.5% protease peptone, 0.1% glucose 0.4% calcium acetate,
and 20 g/L Bacto-Agar and a mixture of sea salts to achieve
a 3% final concentration (wt/vol). 1M KOH was used to set
the pH to 7.2.

0.1mLbrine or seawater dilutions in sterile saline solution
were used for the inoculation of M1 medium plates (5 plates
per dilution). Inoculated plates were incubated under aerobic
conditions at 25∘C temperature. Total heterotrophic aerobic
bacteriawere counted. Also, all plateswere examined through
optical microscopy periodically to check the presence of
crystals, and the crystal-forming and non-crystal-forming
colonies were counted. Isolated representatives of the dom-
inant colony morphologies (3 major colony types from brine
samples and 3 major colony types from seawater samples)
were selected and purified, by restreaking them.

2.2. Identification of Selected Strains. All of the selected
strains (with carbonate precipitation capacity) were taxo-
nomically classified by analysing the partial sequence of the
gene encoding 16S rRNA. DNA extraction procedures, PCR
amplification process, purification techniques, and sequenc-
ing methods were done following Rivadeneyra Torres et
al. (2013) [13]. Phylogenetic affiliation of isolated strains
was done using the hypervariable V1–V3 (650 bp) regions
of the sequenced 16S rRNA gene. Bioinformatic processing
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Table 1: Chemical composition of the soil media used in the study.

Medium Yeast extract
(g/L)

Protease-peptone
(g/L) Glucose (g/L)

SM1 10 5 1
SM2 7.5 3.75 0.75
SM3 7.5 — 2
SM4 7.5 — 3
SM5 — 5 2
SM6 — 5 3
All of the culture media were prepared with real brine as mineral source.

of isolated strains partial 16S rRNA gene corresponding
to sequence similarity searching, phylogenetic analysis, and
phylogenetic tree conformation was done in accordance with
Rivadeneyra Torres et al. (2013) [13].

2.3. Study of Carbonates Formation. In order to study
whether brine may be a suitable source of cations for the
carbonate, bioprecipitation experiments with the selected
bacterial strains were performed in solid and liquid media.
In this context, the chemical composition (data reported by
Aqualia, Ibiza, Spain) of the brine used in our study was as
follows (mg/L): Ca+2 770; Mg+2 2340; Na+ 11800; K+ 450; Cl−
21100; SO

4

−2 3166; HCO
3

−2 238; pH 6.97.

2.3.1. Carbonate Crystal Formation in Solid Medium. Solid
media used for carbonate precipitation were composed of
real brine amended with different amounts and sources of
organic matter, as indicated in Table 1. The main purpose of
the selection of these different culture media for the study of
the carbonate precipitation was to evaluate the effects that
different concentrations and types of carbon sources have
on the crystal formation. For the purpose of solid media
conformation, 18 g/L of Bacto-Agar was added, while pH
was set to 7.2 by 0.1M KOH addition. The media was then
autoclaved during 20 minutes at 112∘C temperature.

The strains were inoculated onto different solid media
and incubated under aerobic conditions at 25∘C temperature.
Optical microcopy was used for periodical examination
of crystal presence in the media up to the 30 days after
media inoculation. pH-indicator paper was used for the
measurement of pH at the end of both growth and mineral
formation experiments. After 30 days of incubation, precipi-
tates produced by all strains were collected from solid culture
media and studied by X-ray diffraction (XRD). The experi-
ments were carried out in triplicate and were repeated three
times. Control experiments consisting of media inoculated
with autoclaved cells and of noninoculated media were also
conducted.

2.3.2. Liquid Media. Two selected strains (S3 and M3) were
inoculated into two Erlenmeyer flasks of 1 L containing
200mL of SM2medium (Table 1). SM2medium was selected
for this study because an optimal condition for the formation
of carbonate crystals was detected. Culture media were

incubated at 25∘C under aerobic conditions during 30 days.
The dynamics of the following parameters was monitored:
pH, Ca, and Mg ions concentrations; total organic carbon
(TOC); and inorganic carbon (IC). The pH was measured
with a pH Meter Basic 20 (Crison); Ca

2

+ and Mg
2

+ were
measured with a Perkin-Elmer 5100ZL atomic absorption
spectrophotometer with flame photometry, graphite camera,
and automatic sample analyzer equipment; TOC and IC
were measured with a Rosemount Analytical TOC Analyzer.
Precipitates after 30 d were collected following the methods
described in Rivadeneyra et al. (2004) [18]. Control experi-
mentswere conducted using autoclaved cells as inoculumand
using noninoculated culture medium.

2.4. Mineralogical Study. X-ray diffraction examination of
obtained minerals from both solid and liquid culture media
was done following Rivadeneyra Torres et al. (2013) [13] using
the XPowder software [25, 26].

2.5. Morphological Studies. Observations and morphologic
studies of the bacterial precipitates obtained were also carried
out by scanning electron microscopy (SEM), using an LEO
1430VP and an LEO 1430VP equipped with an EDX system
INCA350, or a Zeiss DMS scanning electron microscope.
In order to provide better resolution images, the samples
were golden and covered with carbon to carry out EDX
microanalysis. In order to obtain high resolution images, we
used a scanning electron microscope (FESEM) 2-3 kV LEO
1525 and samples covered with carbon.

2.6. Carbonic Anhydrase Assay. A carbonic anhydrase (CA)
assay was performed, following Ramanan et al. (2009) [27].
The reaction is based on hydration, in the presence of the CA
enzyme, of p-nitrophenyl-acetate (p-NPA) to p-nitrophenol
and acetate, which produces a yellow coloration. Bacterial
strains were inoculated onto TSA agar and incubated at 28∘C
for 24 hours over a period of five days. The plates were
subsequently sprayed with a solution of 10mM of p-NPA (p-
nitrophenyl acetate), and the positive colonies showed yellow
colour zones.

2.7. Geochemical Study. PHREEQC software version 2.17.01
[28] was used to determine the activity of the dissolved
species and saturation degree in the initial solutions assayed.
Total phosphorous was measured using the colorimetric
analysis in the nitrogen digests.The total carbon and nitrogen
in culture media were measured by Elemental Analysis with
an organic elemental analyser that had a thermal conductivity
detection system (Thermo Scientific Flash 2000). In solid
media, values of C, P, and NH

4

+ were calculated on the
assumption that all of the organic substrates added had been
metabolised. The C, P, and N data in the culture solutions
correspond to the values of the metabolised organic matter
in the cultures of the bacterial strains. All of the calculations
were performed with the values presented in Table 2.
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Table 2: Ionic composition (mg/L) of different solid and liquid media used in this study.The liquid medium used in the experiment was SM2
medium which was inoculated with strain M3 (Bacillus marisflavi) or strain S3 (Virgibacillus pantothenticus).

Compounds Solid medium Liquid medium
M1 SM1 SM2 SM3 SM4 SM5 SM6 M3 S3

Ca+2 1040 770 770 770 770 770 770 556 535
Mg+2 890 2340 2340 2340 2340 2340 2340 213 103
Na+ 756 11800 11800 11800 11800 11800 11800 11800 11800
K+ 260 450 450 450 450 450 450 450 450
SO4
−2 1910 3166 3166 3166 3166 3166 3166 3166 3166

Cl− 1504 21100 21100 21100 21100 21100 21100 21100 21100
TC 6484 6484 4863 2386 2003 2920 3333 1828 1678
NH4
+ 1728 1728 1296 651 434 642 642 487 447

P 150 150 112 90 60 0 0 42 39
pH 8.4 8.2 8.1 8.0 8.2 8.1 8.0 7.9 7.8
TC: total carbon.

Table 3: Taxonomic identification of selected strains through partial 16S rRNA gene sequence.

Strain Accession number Gene sequence of 16s rRNA % identity Sequence length (bp)

Brine
S1 KP721634 NR 025240 Bacillus marisflavi 91 593
S2 KP721635 NR 118437 Bacillus marisflavi 95 1466
S3 KP721636 NR 114091 Virgibacillus pantothenticus 89 1382

Seawater
M1 KP721631 NR 074977.1 Bacillus pumilus 99 1505
M2 KP721632 NR 074977.1 Bacillus pumilus 99 1501
M3 KP721633 NR 118437.1 Bacillus marisflavi 97 1396

3. Results and Discussion

The number of heterotrophic bacteria (CFU) per mL brine
and seawater samples was in the range of 5.5 × 105 and 2.8 ×
106, respectively. The carbonate-forming bacteria percentage
in M1 soil medium was 85% in brine samples and 94% in
seawater samples. The role of microorganisms in biomineral
precipitation has been reported for different mineral forma-
tion processes. In this sense, several researches have high-
lighted the role of microorganisms in mineral precipitation
in natural ecosystems [29, 30]. In general, biomineralization
does not have to be related to any specific microbial group,
even though when these bioprocesses have been reported in
numerous ecosystems. In this context, our results showed that
both seawater and brine samples presented higher bacterial
populations with the ability to precipitate carbonate crystals
in culture media containing real brine as a source of calcium
and magnesium.

Six major colonies with the greatest production capacity
of crystal formation (three frombrine samples and three from
seawater samples) were selected for taxonomic identification
and the study of crystal formation using brine as a calcium
source. The taxonomic identification of selected strains is
shown in Table 3. Isolated bacterial populations were closely
related to Firmicutes phylum, according to the phylogenetic
tree (Figure 1). Specifically, all isolates with the ability to
precipitate minerals were classified into two closely related
genera Bacillus (5 strains) and Virgibacillus (1 strain). BLAST
search of selected strains sequence showed that strain M1
was related to Bacillus pumilus (99% identity), strain M2

to Bacillus pumilus (99% similarity), strain M3 to Bacillus
marisflavi (97% identity), strain S1 to Bacillus marisflavi (91%
similarity), strain S2 to Bacillus marisflavi (95% identity),
and strain S3 to Virgibacillus pantothenticus (89% similarity).
It has been found that microorganisms belonging to the
Firmicutes phylum are the dominant phylotypes involved in
carbonate precipitation in extreme environments [31], while
Bacillales-related bacteria have been reported for their role in
organic matter hydrolysis and biodegradation.

The capability of the selected strains to bioprecipitate
carbonate in solid media with added brine and its carbonic
anhydrase activity is shown in Table 4. The incubation time
required for the formation of crystal carbonates by the
bacterial strains was affected by the particular strain and
culture medium used. Thus, crystal formation by M3 and S3
strain growth in SM1 and SM2 medium took place rapidly,
beginning at 2 days after inoculation, while M3 and S3 strain
growth in SM5 and SM6 medium formed carbonate crystals
after 14 days of inoculation. Obviously, after this period of
time, all of the strains formed larger amounts of crystals both
in quantity and in size.

Regarding the carbonic anhydrase activity (Table 4), it
was observed that three strains (M1, M2, and M3) isolated
from seawater samples showed an intense yellow colourwhen
its colonies were sprayed with a solution of 10mM p-NPA,
indicating a positive reaction to the presence of the enzyme.
However, the strains isolated from brine samples (S1, S2, and
S3) did not reveal any carbonic anhydrase activity.

All of the strains selected from seawater samples showed
CA activity while the strains selected from real brine had
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Table 4: Carbonate mineral precipitation in solid media and carbonic anhydrase activity.

Strain
Number of days strains take to precipitate

Carbonic anhydraseCulture media tested
SM1 SM2 SM3 SM4 SM5 SM6

Bacillus marisflavi S1 4 6 NF 8 14 14 NR
Bacillus marisflavi S2 4 6 NF 10 NF NF NR
Virgibacillus pantothenticus S3 2 2 8 8 14 14 NR
Bacillus pumilusM1 6 8 NF 8 NF NF PR
Bacillus pumilusM2 6 10 8 10 16 14 PR
Bacillus marisflaviM3 2 2 8 8 14 14 PR
PR: positive reaction; NR: negative reaction (no yellow colouration). NF: non-crystal-formation.
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Figure 1: Phylogenetic tree of the six bacterial isolates based on 16S rRNA gene partial sequences.

negative enzymatic activity (Table 4). Liu et al. (2005) [20]
reported that CA catalyses the reversible hydration balance
from carbon dioxide to bicarbonate in many organisms,
which decisively influences biological carbonate precipita-
tion in different types of organisms, both prokaryotic and
eukaryotic. In the same sense, Sánchez-Moral et al. (2003)
[24] concluded that CA could also be responsible for the
sequestration of CO

2
by heterotrophic bacteria. In addition,

scientists have now begun to study the potential use of CA for
the storage and capture ofCO

2
through its precipitation in the

form of insoluble carbonates [7, 27]. In our study, CA activity
was detected in three of the six strains, with the capacity
to precipitate calcium carbonate; consequently, it might
be suggested that this enzyme could not affect carbonate
precipitation. However, more experimental data is needed
in order to confirm this preliminary hypothesis, since other
factors can probably affect this biomineralisation process.
Nevertheless, the efficient ecological or industrial application
of carbonate precipitation by bacteria or carbonic anhydrase
activity requires greater knowledge of these processes and the
action of the enzyme that characterises them. In this context,
more experiments are in progress.

Figure 2 shows the values of pH (a), total organic carbon
and inorganic carbon (b), calcium concentration (c), and
magnesium concentration (d) during the growth of S3 and
M3 strains in SM2 liquid medium. Virgibacillus pantothenti-
cus S3 and Bacillus marisflavi M3 initially decreased the pH
of the culture medium at values of 5.0 and 5.8, respectively.
However, after 4 days of incubation, the pH values in the
liquid media were slowly increased until values became close
to 8.0 at the end of the experiments. Virgibacillus pan-
tothenticus S3 decreased calcium, magnesium, and organic
matter concentrations at values of 69.5%, 4.4%, and 34.5%,
respectively, while Bacillus marisflavi M3 reduced concen-
trations of calcium, magnesium, and organic matter 72.3%,
9.1%, and 37.6%, respectively. Obviously, changes in pH, TOC
consumption, calcium, and magnesium were not detected in
the control experiments.

The metabolic activity of bacteria has an important role
in the mineralisation process. The pH of the liquid cultures
(Figure 2) as well as solid media increased significantly from
a pH value of 7 to a value of 8. The reduction of organic
carbon in the cultures of the selected bacteria strains was
approximately 40% (Bacillus and Virgibacillus). In this sense,
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Figure 2: pH (a), total organic carbon and inorganic carbon (b), calcium concentration (c), and magnesium concentration (d) in SM2 liquid
medium inoculated with Virgibacillus pantothenticus S3 and Bacillus marisflaviM3.

according to previous research [8], the release of CO
3

2− and
NH
4

+ ions (with an increasing pH), in the presence of Ca2+
or Ca2+ and Mg2+ ions, produces carbonate precipitation.
In our culture media, which contained high concentrations
of Ca+2 and Mg+2 ions and high concentrations of organic
matter (in the forms of glucose, peptone, and yeast extract),
a similar mechanism could have occurred. Organic matter
consumption produces CO

2
and NH

4

+, which is totally or
partially utilized for the bioformation of carbonates. Since
no precipitation was observed in the control experiments of
noninoculated media, the importance of microbial activity
in bioprecipitation processes was demonstrated. Accordingly,
this data suggests that nutrient composition or nutrient
concentration in brine used was not enough for biominerals
precipitation. Nevertheless, crystal formation was successful
in the organic matter-amended brine. Finally, when the
carbon source was peptone, no carbonate precipitation was
observed.

Castanier et al. (1999) [32], as well as McConnaughey
and Whelan (1997) [33], proposed that ion transport (espe-
cially Ca2+) across cellular membrane is linked to bacteria-
mediated crystal precipitation. In Bacillus and Virgibacillus,
the calcium concentration progressively decreased over time,
reaching percentages of 25% after 20 days of culture. How-
ever, the percentages of magnesium reduction were always
lower than the calcium percentages with values ranging
to 80% after 20 days of culture. Greater power for ionic
selectivity produces more adsorption of Ca2+ than of Mg2+

Table 5: Semiquantitative analysis (%) of precipitates produced in
solid media cultures containing brine as calcium source by the six
selected strains.

Medium Aragonite Bassanite Calcite Dolomite Gypsum
SM1 02.8 74.3 01.4 08.5 13.2
SM2 02.3 84.5 00.0 06.3 06.8
SM3 02.8 80.2 00.0 07.7 09.3
SM4 04.1 48.8 01.5 19.3 26.2
SM5 00.5 79.4 00.0 00.0 20.1
SM5 00.0 70.4 00.0 00.0 30.6

in the bacteria cellular envelope [34, 35]. As pointed out by
Rosen (1987) [36], the bacterial Ca2+ pump is displaced close
to the outside of the cell, whereas the Mg2+ pump is located
towards the inside. It has been defended that extracellular
Ca2+ concentrations are around 103-fold higher than intra-
cellular Ca2+ concentrations [37, 38]. These findings explain
the greater tendency of these bacterial strains to precipitate
calciumcarbonate or calcium sulphate and calciumcarbonate
instead ofmagnesiumminerals, evenwhen the concentration
of magnesium ions in the brine was much higher than the
concentration of calcium ions.

Figure 3 (X-ray map of the precipitate formed) and
Table 5 (semiquantitative analysis of precipitates) show the
results of crystal formation of the six selected strains grown
in M1, SM1, SM2, SM3, SM4, SM5, and SM6 solid media. In



BioMed Research International 7

Table 6: Saturation index values (SI) for mineral formation in culture solid medium (M1, SM1, SM2, SM3, SM4, SM%, and SM6) and liquid
medium SM2 inoculated with strains S3 and M3. All of the culture media contained added artificial brine.

Mineral Solid medium Liquid medium
M1 SM1 SM2 SM3 SM4 SM5 SM6 S3 M3

Anhydrite −0.70 −0.72 −0.69 −0.65 −0.64 −0.65 −0.65 −0.63 −0.63
Aragonite 2.43 2.25 2.15 1.87 1.80 1.95 2.01 1.63 1.68
Calcite 2.57 2.40 2.29 2.01 1.94 2.10 2.15 1.78 1.83
Dolomite 5.47 5.69 5.47 4.91 4.77 5.08 5.19 3.23 3.63
Dolomite (d) 4.92 5.14 4.92 4.36 4.22 4.53 4.64 2.68 3.08
Gypsum −0.49 −0.52 −0.49 −0.45 −0.44 −0.45 −0.45 −0.43 −0.43
Huntite 6.92 7.92 7.49 6.36 6.08 6.72 6.93 1.79 2.88
Hydroxyapatite 13.41 12.18 11.85 11.65 11.14 — — 11.4 11.41
Magnesite 2.32 2.71 2.60 2.32 2.25 2.41 2.46 0.87 1.22
Monohydrocalcite −1.83 −2.00 −2.11 −2.39 −2.46 −2.3 −2.25 −2.62 −2.57
Nesquehonite −0.12 0.26 0.16 −0.12 −0.19 −0.03 0.02 −1.57 −1.22
Struvite 2.39 2.64 2.38 1.99 1.63 — — 0.62 0.95
Vaterite 18.7 18.53 18.42 18.14 18.07 18.22 18.28 17.91 17.95
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Figure 3: X-ray map of the precipitate formed in the solid medium
(SM1, SM2, SM3, SM4, SM5, SM6, and M1) and SM2 liquid
medium inoculatedwith the strain S3 and strainM3. Calcite CaCO

3
;

dolomite Ca Mg (CO
3
)
2
; aragonite CaCO

3;
gypsum CaSO

4
⋅H
2
O;

bassanite 2CaSO
4
⋅H
2
O; and monohydrocalcite CaCO

3
⋅H
2
O.

this context, X-ray diagrams showed that precipitated crystals
were 100% calcite in M1 medium and calcium sulphate
(gypsum and bassanite) and calcium carbonate (aragonite,
dolomite, and calcite) in the rest of the culture media. In this
sense, when yeast extract was added to the culture media,
carbonate crystals were formed. Finally, in culture media
containing protease peptone and glucose, most of the crys-
talline precipitates were composed of gypsum and bassanite.
However, carbonate crystals such as monohydroxycalcite
(CaCO

3
⋅H
2
O) were formed by Virgibacillus pantothenticus

S3 and Bacillus marisflavi M3 in liquid medium after 30 d of
growth.

Several researches have demonstrated that bacteria can
become the nucleus of mineral precipitation due to cellular
surface membrane, cell wall, or EPS layers cation adsorption
[16, 39–41]. Hammes and Verstraete (2002) [42] observed
that thin, watery layers around bacterial cells create microen-
vironments subjected to different pH and dissolved organic

carbon concentrations, in which calcium cations can prevail.
Our results suggested that precipitation of different minerals
is induced by the different cellular envelopes of the different
bacteria found in this study. These results are similar to
those of Rivadeneyra et al. (2004) [18], who showed that
different bacterial strains can create microenvironments with
different concentrations of calcium and magnesium cations
and therefore result in different characteristics of precipitated
minerals. They also agreed with Schultze-Lam et al. (1996)
[43], who also claimed that the electronegative nature of the
cell membrane can set up a unique precipitation environment
on a microscale.

The PHREEQC results (Table 6) are presented in terms
of the saturation index (SI) for each mineral. SI is defined by
SI = log (IAP/Ksp), where IAP is the ion activity product of
the dissolved constituents and Ksp is the solubility product
for the mineral. Thus, SI < 0 indicates undersaturation with
respect to the mineral, while SI > 0 indicates supersaturation.
The geochemical study indicated that the ionic conditions
of the media were suitable for the generation of vaterite,
hydroxyapatite, aragonite, calcite, dolomite, huntite, magne-
site, and struvite. When the selected strains were grown in
M1, only calcite was precipitated. However, in SM1, SM2,
SM3, and SM4 solid media, carbonates such as dolomite,
aragonite, and calcite and calcium sulphates such as bassanite
and gypsum were formed. In addition, in SM5 and SM6
solid media, only bassanite and gypsum were precipitated.
Also, in SM2 liquid medium inoculated with strains M3
and S3, monohydrocalcite was the only mineral precipitated.
Finally, vaterite, hydroxyapatite, huntite, and struvite were
never detected in our experiments, despite being, from a
geochemical viewpoint, the most often formed minerals.

In the results of the geochemical analysis software
PHREEQC, vaterite, hydroxyapatite, aragonite, calcite,
dolomite, huntite, magnesite, and struvite could possibly
be inorganically precipitated in the solutions since their SI
was greater than 0 (Table 6). However, when the selected
strains were cultivated in culture media containing real brine
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Figure 4: Scanning electron micrographs (SEM and FESEM) of calcium carbonate crystals precipitated. (a), (b), (c), and (e) show bioliths
produced in solid media in different stages of formation with morphologies of spheres and hemispheres and EDX spectrum; some bioliths
show bacteria fingerprints on the surface. (d) and (g) are detail of the surface of some bioliths. (d) shows the surface of one calcified cell. (f)
shows detail of (e), where the abundance of calcite nanoparticles delimiting the bacterial cell contours is evident. (g) and (h) show bioliths of
monohydrocalcite precipitates in liquid medium and EDX spectrum. (h) shows detail of the biolith surface.

from a desalination plant, lower amounts of carbonates
such as dolomite, aragonite, and calcite were produced
compared to the amounts of sulphates such as bassanite
and gypsum formed. These results show that, in media
containing real brine with a high concentration of sulphates
(Table 2), the bacteria promote the biomineralisation of

sulphates compared to carbonates. Probably, this fact is a
consequence of the complex ion composition of the brine
and also of the different ion interactions produced in this
habitat. Moreover, our data suggest that high concentrations
of sulphate may compete with the carbonate for the calcium
ions present in the brine. This fact can be observed in
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Figure 5: Scanning electron micrographs (SEM and FESEM) of calcium sulphate crystals precipitated in solid media. (a), (b), and (c) show
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Table 5, where the importance of concentration and type
of organic matter on the precipitation of carbonate and
sulphates minerals is evident. Also, water solubility of CO

2

depends on temperature, pressure, pH, and brine salinity
[2]. These environmental parameters need to be understood
given that they determine bioprecipitation process and CO

2

sequestration in brines. Consequently, modification of these
environmental parameters could affect the precipitation of
biominerals.

The XRD analysis confirmed the bioprecipitation in all
of the culture media, irrespective of the strain tested. A
variety of shapes was observed in both types of mineral
study. Particularly in the case of carbonate minerals, the
most important morphologies were spheres and hemispheres
forms, which appeared either in isolation or in groups. Most
of the carbonate crystals formed in all culture media had
surfaces with small holes, and high porosity (Figure 4). Shape
and size of many holes resembled those of bacteria, and
mineralised cells were frequently evident. However, calcium
sulphate crystals had pseudospheres, polyhedral shapes, and

crystal twinning (Figure 5). Finally, mineralised cells were
never detected on the surfaces of the minerals.

The SEM of the carbonate crystals shows bioliths with
spheroidal morphologies in the cultures (Figure 4). In many
cases, mineralised bacteria are evident on spherulite surfaces,
and bacterial mould entirely covers the surfaces of certain
bioliths (Figures 4(a), 4(d), 4(f) and 4(h)). This confirms
that the crystals were formed by an accumulation of calcified
organisms. More detailed images of the spherulite surfaces
(Figure 4(d)) showed that carbonate precipitates were nucle-
ated on bacterial nanoglobules.These nanoglobules occurred
in the external bacterial envelope. Carbonate nanoglobule
formation is thought to be the first stage of microbially-
mediated precipitation processes [44]. The observation of
nanoglobules and calcified cells are clear evidence that the
bacteria accumulate and precipitate carbonates on the cell
surface during bacterial growth.

It has been shown that carbonate precipitation medi-
ated by moderately halophilic bacteria Chromohalobacter
marismortui started with the early appearance of amorphous
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calcium phosphate, nanoparticles formed by the union of
Ca2+ ions, and the phosphate groups of the outer membrane
and cytoplasmic membrane components [16]. The transfor-
mation of phosphates into amorphous calcium carbonate
duringmaturation of spherulites led to formation of aragonite
and increase in crystallinity. In this sense, EDX analysis
performed on different bioliths suggests this formation
mechanism; the presence or absence of phosphate during
the formation and maturation process of bioliths is evident
(Figure 5).

The bioliths, formed by the union of calcified cells,
increase in size as new calcified cells are progressively added.
In the same way, our study suggested that mineralisation of
the external envelopes of the bacteria (Figure 5) produces cell
death since it inhibits an exchange of substances with the
environment and causes the cells to break down; the release
of the intracytoplasmatic contents may provide nutrients
for other cells in the population and also contribute to
recrystallisation processes in bioliths. Moreover, according
to the hypothesis of programmed cell death, a percentage of
the population will be genetically programmed to commit
suicide. It has thus been observed that, in certain situations
of extreme stress, a significant part of the population may
commit mass suicide. This is for the greater good, since the
death of these individuals guarantees the survival of other
members, who will thus be able to resist until conditions
improve [45]. In this context, in environments with a high
calcium concentration (especially of Ca2+), such as brines,
carbonate precipitation may very well be a survival mech-
anism, which allows certain individuals of the population
to survive, thanks to the sacrifice of the other members,
as previously reported by Silva-Castro et al. (2013) [46]. If
this hypothesis is confirmed, it would add an interesting
dimension to the study of bacterially mediated carbonate
precipitation and concomitantly to CO

2
capture. This would

mean that, in addition to its ecological importance in carbon
and calcium cycles, it would also be a key element that enables
the survival of bacteria populations.

The most important finding of this research study is
probably the fact that the heterotrophic bacterial commu-
nity from saline environments (seawater and real brine)
showed the potential ability to precipitate biominerals such
as aragonite, calcite, dolomite, gypsum, and bassanite in
culture media amended with a high concentration of real
brine from desalination plants. However, precipitation only
occurred when the microbiota were grown in environments
with concentrations of organic matter and never when the
microbiota were grown in environments derived from real
brines without the addition of organic matter. This result
suggests that, in the brines used in our experiments, the
precipitation of biominerals, such as calcium carbonate,
through autochthonous microbiota action cannot take place
in situ, as a consequence of the low organic matter con-
centration present in this waste. However, if the brines are
added with a sufficient concentration of organic matter, then
biomineralisation could be produced. Consequently, if this
circumstance is produced, the biosequestration of CO

2
can

take place. The search for alternative sources of organic

matter that can be used in these processes is a challenge for
future research.
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The composition andmicrobial community structure of the drinking water system biofilms were investigated using microstructure
analysis and 454 pyrosequencing technique in Xiamen city, southeast of China. SEM (scanning electronmicroscope) results showed
different features of biofilm morphology in different fields of PVC pipe. Extracellular matrix material and sparse populations
of bacteria (mainly rod-shaped and coccoid) were observed. CLSM (confocal laser scanning microscope) revealed different
distributions of attached cells, extracellular proteins, 𝛼-polysaccharides, and 𝛽-polysaccharides.The biofilms had complex bacterial
compositions. Differences in bacteria diversity and composition fromdifferent tapmaterials and ageswere observed. Proteobacteria
was the common and predominant group in all biofilms samples. Some potential pathogens (Legionellales, Enterobacteriales,
Chromatiales, and Pseudomonadales) and corrosive microorganisms were also found in the biofilms. This study provides the
information of characterization and visualization of the drinking water biofilms matrix, as well as the microbial community
structure and opportunistic pathogens occurrence.

1. Introduction

During the past decades, scientists have paid great attention
to the biofilms formation in drinking water distribution
systems (DWDSs) since biofilms formation and its resistance
to disinfectionwere considered to be potential risk inDWDSs
[1–3]. Bacteria can grow in bulk water and become attached
to pipe walls as biofilms. Biofilms formation in DWDSs can
lead to public health issues, such as protecting pathogenic
bacterial regrowth, and depletion of disinfectant [4–6]. The
microbial quality of tap water is closely related to consumers’
health. Thus, knowledge of biofilms behavior in DWDSs
and faucet can contribute to the design of effective control
strategies.

DWDSs are engineered environments that are subject
to frequent, variable disturbances caused by many factors
including long residence times, each associated with loss of
disinfectant residual and generating higher levels of biofilms
growth. These changes are reflected in the new phenotypic
characteristics developed by biofilm bacteria and occurred
in response to a variety of environmental signals. Phyloge-
netically diverse bacterial groups can inhabit the biofilms

attached to the pipes and the bulkwater.The study of bacterial
ecology can improve the understanding of the persistence of
biofilms and pathogens.

Studies to date suggest that the planktonic-biofilm tran-
sition is a complex and highly regulated process. Several
methods including culture-based and independent analyses
showed that members of the class Proteobacteria, including
the Alpha-, Beta-, and Gammaproteobacteria were con-
sidered to be the most predominant bacterial groups in
water distribution systems [7]. Recent genetic and molecular
approaches used to study bacterial and fungal biofilms
have identified genes and regulatory circuits important for
initial cell-surface interactions, biofilm maturation, and the
return of biofilm microorganisms to a planktonic mode of
growth [1, 3, 7]. However, the characterization of microbial
communities of biofilms in DWDSs is far from being fully
understood. To give insight into the characterization and
bacterial diversity of biofilms in drinking water distribution
systems, microstructure analysis (SEM, CLSM and XRF)
was used for the characterization of biofilms on faucet.
The bacterial community compositions of real biofilms from
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Table 1: The biofilms samples used in this study and water quality parameters at each sampling location.

Samples A1 A2 A3 A4 A5 A6 A7 A8 A9 A10 A11 A12

Tap material Stainless
steel PVC Stainless

steel Cast iron Cast iron Stainless
steel

Stainless
steel Cast iron Cast

iron
Stainless
steel PVC PVC

Age (year) 2 1 4 9 8 3 5 12 15 6 1 0.5
pH 7.08 6.8 7.01 6.62 7.11 7.03 6.94 7.35 7.26 6.83 6.98 6.7
TSS 40 49 99 75 81 69 39 80 69 73 52 47
Turbidity 0.6 0.3 0.3 0.2 0.4 0.2 0.1 0.3 0.2 0.1 0.4 0.3
Residual
chlorine (mg/L
Cl2)

0.55 0.54 0.62 0.46 0.49 0.63 0.65 0.57 0.61 0.62 0.3 0.4

Sulfate (mg/L) 10.4 12.9 31.8 24.2 30.6 13.8 24.2 22 27.8 19.8 17.8 16.5

12 urban household taps (Xiamen, southeast of China)
were detected using 454 pyrosequencing technique. Potential
pathogens and corrosive microorganisms occurrence was
also discussed.

2. Methods

2.1. Characterization and Visualization of the Biofilms Matrix
in DWDSs. In order to observe the biofilms formed on
drinking water pipe surface, five 5 × 5mm removable PVC
sheets were inserted in real PVC DWDSs pipe for biofilm
attachment. They were sterilized by immersion in 70%
ethanol for 2min individually and air dried. The PVC tap
in our lab was twisted off and the sheets were transferred
with sterile forceps to the tap; then, the tap was screwed on.
After three months, PVC sheets were took out for scanning
electronmicroscopy (SEM) and staining. One PVC sheet was
fixed, dried, and viewed with a scanning electronmicroscope
(Hitachi S-4800, Japan). The other four were stained with
DAPI (4,6-diamidino-2-phenylindole) for attach cells, FITC
(fluorescein isothiocyanate) for extracellular protein, Con-A
(concanavalin A) for 𝛼-polysaccharide, and CW (calcofluor
white) for 𝛽-polysaccharide, respectively. Each kind of stain
was added on each sheet in the dark. After 15min the sheets
were analyzed using CLSM. CLSM 3D-image was used to
visualize the staining biofilms. The CLSM scanned different
layers of the staining biofilms. The thickness of the biofilms
was got from signals of different layers using the software
ZEN 2008 Light Edition.

2.2. Biofilms Sampling for 454 Pyrosequencing. It is difficult
to get the information on the microbial diversity of biofilms
within DWDSs due to limited access and the high cost
involved in sampling. In this study, biofilms in taps were col-
lected from a drinking water distribution system of Xiamen,
Fujian Province in southeast of China. Different taps with
different materials and different ages were studied (Table 1).
The taps were removed and ethanol-sterilized cotton swabs
were then used to collect biofilms on the taps. Then, the
collected biofilmsweremoved to 2mL sterilized EP tubes and
put into an ice box during transportation. For each sampling

point, the physicochemical water quality parameters were
measured and listed in Table 1.

2.3. X-Ray Fluorescence (XRF) Analysis of Biofilms A3 on
Corroded Tap. Among the biofilms samples, A3 was red,
indicating that the pipe was corroded. In order to analyze the
element contents in the biofilms, XRF analysis of the biofilms
A3 was performed at the XRF microprobe station (beam
line 4W1B) of Beijing Synchrotron Radiation Facility (BSRF),
Institute of High Energy Physics of China. The electron
energy in the storage ring was 2.2GeV, with a current range
from 78 to 120mA. The size of the exciting X-ray beam was
10 𝜇m × 20𝜇m. XRF spectra were collected by a PGY Si
(Li) solid detector, positioned at 90∘ to the beam line. The
scanning point of the sample was selected and observed by
a microscope.

2.4. DNA Extraction, 16S rRNA Genes Amplification, and
Pyrosequencing. Total DNA of the biofilms samples was
extracted and purified using a bead beating method (FastD-
NATMSPIN Kit for Soil, Bio101 Inc., USA) following the
manufacturer’s instructions. For pyrosequencing analysis,
the V3 and V4 region of 16S rRNA gene was amplified
with the primers 338F (5-ACTCCTACGGGAGGCAGCAG-
3) and 802R (5-TACNVGGGTATCTAATCC-3). The PCR
was carried out in a total volume of 20 𝜇L: H

2
O 13.25 𝜇L,

10xPCR ExTaq Buffer 2.0 𝜇L, DNA template (100 ng/𝜇L)
0.5 𝜇L, primer 338F (10mmol/L) 1.0 𝜇L, 802R (10mmol/L)
1.0 𝜇L, dNTP 2.0𝜇L, and ExTaq (5U/mL) 0.25𝜇L. The DNA
amplification condition used in this study was initial denatu-
ration at 95∘C for 3min, followed by 35 cycles of 10 s at 95∘C,
30 s at 58∘C, and 6 sec at 72∘C, followed by a final extension
at 72∘C for 7min. The PCR products were purified and end-
repaired, A-tailed, PE-adapter ligated, and then utilized for
pyrosequencing on the 454Genome Sequencer FLX platform
[8].

The unique tags (nonredundant tags) were obtained and
aligned against the 16S rRNA database using the BLASTN
algorithm. The raw sequences obtained from 454 pyrose-
quencingwere optimized.The redundant tagswere deleted by
Mothur v.1.11.0 [9]. Sequences with similarities greater than



BioMed Research International 3

97% were grouped in one OTU. Using the MEGA5.0 pro-
gram, the 60 bp representative sequences were aligned by the
ClustalW with default settings, and a phylogenetic analysis
was performed based on the neighbor-joining method [9].

3. Results and Discussion

3.1. Characterization and Visualization of the Drinking
Water Biofilms Matrix. DWDSs are engineered environ-
ments which are subject to frequent, variable disturbances
caused by many factors including long residence times due
to dead ends and low flow rates, and the latter are associated
with loss of disinfectant residual and generating higher levels
of biofilm growth. Attachment is required for biofilms for-
mation, and bacteria interact with pipe wall surface through
adhesions including polysaccharides and surface proteins,
with initial contact oftenmediated by active motility.The for-
mation of a biofilm is the result of successional development
into a mature community, which may require several years
before steady state is achieved. For example, it was found
that the successional development of a model DW biofilm
during a 3-year period was an orderly process resulting in
a stable, well-defined community [10]. In order to observe
and characterize a real DWDSs biofilm, CLSM and SEM
were applied in this study. SEM analysis of the PVC slice
revealed different features of biofilmsmorphology in different
fields of the PVC pipe surface. Possible EPS was present on
the PVC slice in one field (Figures 1(a) and 1(b)). Sparse
populations of mainly rod-shaped bacteria were observed in
another field (Figure 1(c)). There were also globular-shaped
bacteria (Figure 1(d)). Using Zen 2008 software, the “range”
value showed the thickness of the biofilm. CLSM 3D-image
results suggested that after three months’ growth the biofilm
was about 20 𝜇m thick. CLSM results also revealed differ-
ent distributions of attached cells (Figure 1(e)), extracellular
protein (Figure 1(f)), 𝛼-polysaccharide (Figure 1(g)), and 𝛽-
polysaccharide (Figure 1(h)).

During sampling, it was found that there were some
yellow iron filings in the biofilm A3, suggesting that the Fe
in the stainless steel pipe was released. In order to obtain
the elements contents of corroded biofilm A3, XRF was used.
Figure 2 was the typical spot scan result of biofilm A3. It
showed that K, Ca, Fe, Cu, and Znwere present in biofilmA3,
suggesting that this pipe was corroded and metal elements
were released which might affect the water quality in the
DWDSs. Our study enabled the concurrent visualization
and evaluation of the biofilm growth as well as EPS matrix
(extracellular proteins and polysaccharide).

3.2. Diversity of Microbial Communities in the Tap Biofilms.
Pyrosequencing is a powerful tool to investigate microorgan-
isms community [11]. Compared with conventional cloning
and sequencing methods, pyrosequencing can obtain more
sequences and OTUs. In this study, 8 biofilms samples were
successfully high-throughput pyrosequenced among the 12
samples. To assess the sequencing depth and the species
richness, a rare faction curve was constructed for each sam-
ple. Alpha diversity measurement for the samples (Table 2)

suggested variations in species richness (Chao1) and species
evenness (Simpson index) among different biofilms samples.
Higher species richness of a given sample might present a
lower species diversity resulting from a lower evenness of
the sample. PcoA results indicated that the biofilms samples
obtained from different tap materials showed quite different
clusters. Biofilms formed on PVC had a more simple micro-
bial community compared with those formed on cast iron
and stainless steel. This result was consistent with another
study which conducted with 16S rRNA genes sequence [12].
These results indicated that PVC was a more ideal material
compared with the other materials as fewer bacteria attached
on it.

3.3. Composition of Microbial Community. DWDSs biofilms
are considered to be complex, dynamic microbial assem-
blages with extensive phenotypic diversity supporting adap-
tation to different hydraulic and chemical surface conditions
[3, 13–15]. As a result, biofilms formed on different materials
might have different community structures.The phylogenetic
analysis based on the 16S rRNAV3-V4 region sequences from
the biofilms samples was showed in Figure 3. The points in
this figure were dispersive. It suggested that distinct bacterial
communities were detected in these biofilms from different
tap materials and different ages. Many factors could influ-
ence the bacterial communities including pipe age and pipe
material. However, some interesting information could be
found. For example, A8 andA9 (biofilms formed on cast iron)
located in one region, while A1 and A3 (biofilms formed on
stainless steel) located in another region.This result suggested
that the pipe materials might be an important factor for the
bacterial communities of the biofilms. In addition, biofilms
A2 formedonPVChad relatively simple bacterial community
structure, with Betaproteobacteria (54.09%) and Alphapro-
teobacteria (38.24%) as its main community composition
(Figure 4). It was quite different from the biofilms formed on
cast iron and stainless steel.

The bacterial communities of the samples in both class
and species were shown in Figure 4. A high variability of the
bacterial core communities of the biofilms was found in this
study. Taxonomic analysis revealed that proteobacteria was
the common and predominant group in all biofilms samples.
These results were broadly consistent with other biofilms
studies [7, 16]. Besides, Actinobacteria was the second largest
bacterial group in the samples A2, A8, A9, and A10. Some
important bacteria should be paid attention to. For example,
Sphingomonadales was found in all samples. This might be
due to the resistance to chlorine of Sphingomonadales. In
addition, Nitrospiraceae andThiotrichales were found in this
study, suggesting the occurrence of nitrification and sulfur
transformation.

3.4. Potential Pathogen and Corrosive Microorganisms Occur-
rence. Opportunistic pathogens in drinking water systems
are an emerging health concern. In this study, some water-
borne opportunistic pathogens were found in the biofilms
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Figure 1: Visualization of the drinking water biofilms matrix on the PVC slice after three months growth. SEM images of extracellular matrix
material (a, b) and rod-shaped bacteria (c) and globular-shaped bacteria (d), CLSM 3D-image of staining biofilms on the surface of the PVC
slice after three months growth, DAPI for attach cells (e), FITC for extracellular protein (f), Con-A for 𝛼-polysaccharide (g), and CW for
𝛽-polysaccharide (h).
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Table 2: Comparison of phylotype coverage and diversity estimators of the microbial community structure employing the 454
pyrosequencing analysis.

Tap material Samples Reads OTUs ACE Chao 1 Shannon Simpson
PVC A2 10,804 81 129 139 3.64 0.862

Stainless steel

A1 9,826 186 298 292 4.63 0.898
A3 36,655 146 294 276 3.93 0.888
A7 14,605 114 204 202 4.08 0.896
A10 9,826 351 478 481 5.37 0.927

Cast iron
A5 13,660 106 182 192 3.27 0.831
A8 13,214 217 383 340 4.43 0.921
A9 27,517 152 250 256 4.46 0.916

Figure 2: Typical XRF spectra in biofilm A3 from drinking water
distribution stainless steel pipe wall. The Ar peak was from the air,
while Ti and Br peak were artefact caused by 3M tape for fixing
sample.

samples. They were members of species Legionellales, Enter-
obacteriales, Chromatiales, Pseudomonadales, and Ente-
rococcaceae, although there were differences in numbers
for each sample. Abundance of some potential corrosive
microorganisms and pathogens in genus level in different
bacterial communities was listed in Table 3. These pathogen
bacteria in the biofilms may be the risk to human health and
lead to clinical and outbreak cases. In previous studies, it
was found that environmental pathogens such as Legionella
pneumophila andMycobacterium avium have been shown to
be associated with DW biofilms [1, 17, 18]. Our taxonomic
findings are consistent with these studies. In some studies, it
was found that Mycobacteria were found to be the predomi-
nant bacterial genera in DWDSs because they were generally
resistant to disinfectants due to their complex cell wall [3, 18–
20]. However, it was not detected in this study.

As corrosion was found in the biofilm A3 and XRF result
showed high Fe, Cu, and Pb contents in the biofilms sample,
the bacterial community information was further analyzed
to understand the possible roles of microorganisms in iron
corrosion. Thiotrichales (sulfur oxiding bacteria) was found
in A1 biofilm sample form on stainless steel. In addition,
potential iron reducing bacteria (Bacillales, Clostridiales, and
Pseudomonadales) were found in some samples (Table 3). It
was reported that IRB might generate Fe

3
O
4
in anaerobic

conditions, leading to corrosion in DWDSs. As a key impact
factor to corrosion, the sulfate contents in the drinking
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Figure 3: Phylogenetic analysis based on the 16S rRNA V3-V4
region sequences from the biofilms samples.

water of this city are usually low according to the general
survey. For example, survey data in 2012 showed that there
were among the 102 samples, only 2 samples had the sul-
fate contents higher than 30mg/L. So in this study, fewer
corrosive microorganisms were found in this city, compared
with another study which was conducted on the biofilms
with higher sulfate contents in water [21]. Nevertheless, these
corrosive microorganisms might contribute to corrosion of
drinking water pipes. It should be noticed that the genus
members within the genera Bacillus and Clostridium could
affect iron corrosion andmodify the corrosion products [22].

4. Conclusions

In this study, combined use of SEM, CLSM, and XRF was
successfully conducted for the characterization and visu-
alization of the drinking water biofilms matrix. EPS and
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Figure 4: Proportional composition of microbes in the biofilms samples on different materials and from different ages at the phylum level
(a) and class level (b). The information of each biofilm sample was listed in Table 1.

bacteria (mainly rod-shaped and coccoid) were observed in
the biofilms. Four hundred fifty-four pyrosequencing used to
characterize bacterial diversity in these biofilms samples sug-
gested that there were differences in the bacterial community
composition between different biofilms samples formed on
different tap materials with different ages. Proteobacteria
(mostly Alpha-, Beta-, and Gamma-) predominated in the
biofilms samples. Some potential pathogens (members of

species Legionellales, Enterobacteriales, Chromatiales, and
Pseudomonadales) were found in the biofilms samples.
There were also some potential corrosive microorganisms
(Thiotrichales, Bacillales, Clostridiales, and Pseudomon-
adales). In order to prevent biofilms formation, PVC might
be amore ideal material compared with the others.This work
might add some new insights into microbial community and
its influential factors in DWDSs.
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Table 3: Abundance of some potential pathogen and corrosive microorganisms in genus level in different bacterial communities (count).

genera PVC stainless steel cast iron
A2 A1 A3 A7 A10 A5 A8 A9

Pathogen

Escherichia Shigella 1 0 1 0 0 0 1 0
Legionella 0 4 5 0 7 0 4 4
Pseudomonas 13 27 70 39 444 66 429 1219
Enterococcus 0 0 0 0 0 0 2 0

SOB Thiobacillus 0 7 0 0 0 0 0 0

IRB

Bacillus 0 0 2 1 382 0 1 1826
Clostridium XlVa 0 0 0 0 0 4 0 0
Clostridium XVIII 0 0 0 0 0 0 1 0
Pseudomonas 13 27 70 39 444 66 429 1219

SOB: sulfur oxidizing bacteria; IRB: iron reducing bacteria.
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The achievement of successful biostimulation of active microbiomes for the cleanup of a polluted site is strictly dependent on the
knowledge of the key microorganisms equipped with the relevant catabolic genes responsible for the degradation process. In this
work, we present the characterization of the bacterial community developed in anaerobic microcosms after biostimulation with
the electron donor lactate of groundwater polluted with 1,2-dichloroethane (1,2-DCA). Through a multilevel analysis, we have
assessed (i) the structural analysis of the bacterial community; (ii) the identification of putative dehalorespiring bacteria; (iii) the
characterization of functional genes encoding for putative 1,2-DCA reductive dehalogenases (RDs). Following the biostimulation
treatment, the structure of the bacterial community underwent a notable change of the main phylotypes, with the enrichment of
representatives of the order Clostridiales. Through PCR targeting conserved regions within known RD genes, four novel variants
of RDs previously associated with the reductive dechlorination of 1,2-DCA were identified in the metagenome of the Clostridiales-
dominated bacterial community.

1. Introduction

Chlorinated compounds are among themajor global environ-
mental contaminants [1]. A large number of compounds of
this class of chemicals have been produced in big quantities
for several applications in industry and agriculture such
as biocides, flame retardants, solvents, and intermediates
for the production of polymers (e.g., PVC) [1, 2]. Their
widespread diffusion and use resulted in the massive release
in the environment, with consequent concerns for human
health due to the persistence, tendency to bioaccumulate, and
proven toxicity [2, 3]. Due to the physicochemical properties,

most halogenated compounds are recalcitrant to aerobic
dehalogenation and tend to accumulate in anoxic ecosystems
(e.g., soils and groundwater aquifers). For this reason, many
of the research efforts of the last decades, aimed at defin-
ing efficient remediation approaches, were focused on the
investigation of anaerobic degrading potential of microbial
cultures enriched/isolated from typical anoxic environments.
Chlorinated solvents in these conditions can undergo bio-
logically mediated degradation through either oxidative,
fermentative, or reductive processes [4]. Particular interest
has been focused on the third kind of biodegradation process,
since several studies have highlighted the high dechlorinating
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performances of pure and mixed microbial cultures through
reductive dehalogenation [5–10]. The peculiarity of this pro-
cess is that the chlorinated molecule is the terminal electron
acceptor of the membrane-bound electron transport chain
coupled to the generation of energy in the form of ATP
[4].

Among the wide variety of chlorinated solvents, 1,2-
dichloroethane (1,2-DCA) is considered one of the major
pollutants, being one of the most widespread contaminating
groundwater worldwide and being classified as a possible
human carcinogenic agent by many environmental agen-
cies [2]. 1,2-DCA can undergo either partial or complete
detoxification in anoxic conditions through three different
mechanisms: dichloroelimination, reductive hydrogenolysis,
and dehydrochlorination [5]. Among these, only the first
mechanism leads to the production of the harmless end-
product ethylene, while the other two generate molecules
whose toxicity is even higher than 1,2-DCA, in partic-
ular the carcinogenic vinyl chloride (VC). Key enzymes
involved in this anaerobic dehalogenating metabolism are
the reductive dehalogenases (RDs), a class of cobalamin-
dependent oxygen-sensitive enzymes, usually associatedwith
the membranes and capable of replacing halogen atoms with
hydrogen ones from the carbon backbone of the molecules
[4, 11]. Different studies have unveiled details about structure
and function of some enzymes belonging to this class [12–14].
Only recently, novel RDs sequences were correlated with 1,2-
DCA dechlorination to ethene in a 1,2-DCA dehalogenating
enrichment culture containing aDehalobacter sp.WL (rdhA1,
rdhA2, and rdhA3) [15] and in situ in the upper water layer
of a double layer aquifer contaminated by 1,2-DCA (RD54)
[16]. The enrichment culture setup from the upper layer of
the aquifer (culture 6VS) contained both Dehalobacter and
Desulfitobacterium spp. In addition to the two just cited repre-
sentatives of the phylum Firmicutes, only few other bacterial
strains have been identified so far as capable of detoxifying
1,2-DCA to ethylene via dichloroelimination. Papers [17, 18]
were the first to report the ability of two Chloroflexi rep-
resentatives, respectively, Dehalococcoides ethenogenes strain
195 and Dehalococcoides sp. strain BAV1 to grow on 1,2-DCA
as electron acceptor producing ethylene as the main end
product. A peculiarity of the species of this genus is their
capability to grow exclusively on chlorinated compounds
as electron acceptor. Other representatives of the phylum
Chloroflexi with the ability to grow on 1,2-DCA described
recently are two strains of the genus Dehalogenimonas: D.
lykanthroporepellens [19] and D. alkenigignens [20], both
characterized by the ability to degrade high concentration of
1,2-DCA up to 8.7mM [21].

In the present work, the dechlorinating bacterial micro-
biome in the lower layer of the same aquifer investigated
by [16] has been characterized in terms of structure and
functionality, before and after the supplement with lactate.
We have investigated (i) the response of the indigenous
microbial community to lactate treatment, (ii) the keymicro-
bial dehalogenating bacteria, and (iii) the RDs involved in the
dehalogenation process.

2. Materials and Methods

2.1. Preparation of Enrichment Cultures. Evaluation of bio-
degradation of 1,2-DCA was carried out in anaerobic micro-
cosms set-up with groundwater collected from the lower
layer (from 14m to 40m deep) of an aquifer previously
studied in northern Italy [7, 9, 16], heavily polluted exclu-
sively by 1,2-DCA more than 30 years ago. Concentra-
tion of the contaminant in the lower aquifer was about
197 ± 23mgL−1 and it was maintained the same during
preparation of anaerobic cultures. The other chlorinated
ethane and ethene were not detected. Thirty mL tripli-
cate microcosms were assembled in 50 mL vials under
an atmosphere of 80% N

2
, 15% CO

2
, and 5% H

2
in the

anaerobic glove-box Simplicity 888 (Plas-Labs, USA). Cul-
turing medium consisted of a 1 : 200 dilution of a trace
elements solution (12.8 g L−1 nitrilotriacetic acid, 1.35 g L−1
FeCl
3
⋅6 H
2
O, 0.1 g L−1 MnCl

2
⋅4 H
2
O, 0.024 g L−1 CoCl

2
⋅6

H
2
O, 0.1 g L−1 CaCl

2
⋅2 H
2
O, 0.1 g L−1 ZnCl

2
, 0.025 g L−1

CuCl
2
⋅2 H
2
O, 0.01 g L−1 H

3
BO
3
, 0.024 g L−1 Na

2
MoO
4
⋅2

H
2
O, 1 g L−1 NaCl, 0.12 g L−1 NiCl

2
⋅6 H
2
O, and 0.026 g L−1

Na
2
SeO
3
⋅5 H
2
O), a supplementary salt solution (43mg L−1

NH
4
Cl, 0.5 g L−1 KH

2
PO
4
, 0.2 g L−1 MgCl

2
⋅6 H
2
O, and

0.01 g L−1 CaCl
2
⋅2 H
2
O), 0.05% (w/v) yeast extract, 0.5mM

4-(2-hydroxyethyl) piperazine-1-ethanesulfonic acid/NaOH
(Hepes/NaOH) solution pH 7.0, cysteine 1mM, and vitamin
B
12

50mg L−1. Lactate at final concentration of 5mM was
used as the only carbon source and electron donor [22].
Control microcosms were prepared by incubating parallel
vials containing the same culturing medium with filter-
sterilized groundwater samples. All microcosms were sealed
with teflon-faced septa and aluminum crimp seals and stati-
cally incubated in the dark at 23∘C.

Concentration of 1,2-DCA and of its possible degradation
products, ethane and VC, was evaluated by the injection
of 500𝜇L samples of headspace of the microcosms in a
Gas Chromatograph/Flame Ionization Detector (GC/FID)
Agilent 7694 equippedwith aDB624 column (J&WScientific,
Folsom, CA).The temperature of the oven and of the detector
was set at 80 and 200∘C, respectively. 1,2-DCA limit of
detection was 1.0 𝜇g L−1.

2.2. Genomic DNA Isolation. Groundwater and microcosm
samples, respectively, 30 and 1.5mL (samples withdrawn
from replicate cultures were pooled together for a total
final volume of 4.5mL), were filtered using Sterivex filters
(Millipore, Milan, Italy). Total genomic DNA was extracted
from the filtered bacterial cells by incubating the filter with
2mL of a lysis solution containing 1mgmL−1 lysozyme, 1%
(w/v) sodium dodecyl sulphate, and 0.5mgmL−1 proteinase
K and purified as previously described by Murray et al. [23].

2.3. PCR Amplification of Bacterial and Archaeal 16S rRNA
and RD Genes. Bacterial 16S rRNA gene was amplified from
the groundwater metagenome using universal primers 27f
and 1492r [24] with the following reaction concentrations in a
final volume of 50 𝜇L: 1X PCR buffer, 1.5mMMgCl

2
, 0.12mM
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dNTPs, 0.3 𝜇M of each primer, and 1U of Taq polymerase.
Thermal protocol used was the following: initial denaturation
at 94∘C for 5 minutes, followed by 5 cycles consisting of
denaturation at 94∘C for 1 minute, annealing at 50∘C for 1
minute, and extension at 72∘C for 2minutes and subsequently
by 30 cycles consisting of denaturation at 94∘C for 1 minute,
annealing at 55∘C for 1 minute, and extension at 72∘C for
2 minutes. A final extension at 72∘C for 10 minutes was
performed.

PCR with specific primers for Archaea was attempted
in order to investigate the 16S rRNA diversity of this group
of prokaryotes. A first step was carried out using universal
archaeal forward primers 21f and 1492r, using the same
reaction mix and thermal protocol presented elsewhere [25].
Since the first PCR step did not give any amplicon, a second
round of PCR using primers PARCH 340F and 934R was
attempted, as previously described by Cytryn et al. [26].
However, also this second amplification attempt did not result
in any PCR product.

A 2000 bp region of the reductive dehalogenase gene
cluster previously identified by Marzorati and colleagues [16]
was amplified using primers PceAFor1 (5-ACGT GCA ATT
ATTATTAAGG-3) andDcaBRev (5-TGGTATTCACGC
TCC GA-3), in order to construct a gene library of the
functional genes encoding for the RD specific for 1,2-DCA
degradation. The reaction mix was prepared as follows: 1X
PCR buffer, 1.5mM MgCl

2
, 0.2mM dNTPs, 0.6 𝜇M of each

primer, and 1U of Taq polymerase in a final volume of 25 𝜇L.
The thermal consisted of an initial denaturation at 94∘C for
3 minutes, followed by 31 cycles of denaturation at 94∘C for
30 seconds, annealing at 54∘C for 1 minute, extension at 72∘C
for 2 minutes, and subsequently a final extension at 72∘C for
7 minutes.

2.4. 16S rRNA and RD Genes Libraries. Cloning reactions
were performed with pGEM cloning kit (pGEM-T Easy
Vector Systems, Promega, Milan, Italy) following the instruc-
tions of the manufacturer. Sixty ng of PCR product was
used for each cloning reaction, maintaining a molar ratio
insert : vector of 3 : 1. A PCR assay was performed on white
positive colonies to amplify the insert using primers T7 (3-
CTA ATA CGA CTC ACT ATA GGG-5) and SP6 (3-ATT
TAG GTG ACA CTA TAG AAT A-5). PCR products were
purified with QIAquick PCR Purification Kit (Qiagen, Milan,
Italy) according to the manufacturer’s instructions.

2.5. 16S rRNA Gene Phylogenetic and RDs Diversity Analyses.
Clones from bacterial 16S rRNA and RD genes libraries were
sequenced, respectively, with primers 27F and PceAFor1,
using the ABI Prism BigDye terminator cycle sequencing kit
(Applied Biosystems, Milan, Italy) and an ABI 310 automated
sequencer (Applied Biosystems). Sequences were edited with
software Chromas Lite version 2.01. Sequences of the 16S
rRNA bacterial libraries were checked for chimeric PCR
products using DECIPHER online software tool [27] and
nonchimeric sequences were then used to define operational
taxonomic units (OTUs) at 99% of similarity (OTU99) using
DOTUR [28]. Shannon diversity index (𝐻) was calculated

using software PAST version 3.02 [29]. The sequences of the
OTU representatives were analysed using the Basic Local
Alignment Search Tool (BLAST) of the online GenBank
database [30] and by the CLASSIFIER Match Tool version
2.6 of Ribosomal Database Project II (RDP II) [31]. Pareto-
Lorenz distribution curves (PL curves) [32, 33] were con-
structed based on the 16S rRNA gene clone library results,
in order to graphically evaluate the community organiza-
tion (Co) of the bacterial consortia as described elsewhere
[34].

Identification of the closest relative match for the RDs
libraries was carried out comparing the sequences with
BLAST. Sequences of functional gene libraries were used to
construct neighbour-joining phylogenetic tree, with boot-
strap of 1000 repetitions, and compute the evolutionary
distances through Kimura’s two-parameter model using soft-
ware MEGA version 5 [35]. Alignment of amino acids
sequences of the functional genes deducted from the
nucleotide sequences of the RDs libraries was carried as
described elsewhere [36] in order to identify characteristic
amino acid residues conserved in all RDs.

2.6. Nucleotide Sequence Accession Numbers. Nucleotide
sequences of all clones identified in this study were depos-
ited in the EMBL nucleotide sequence database (Gen-
Bank/EMBL/DDBJ) under the accession numbers FM210335,
FM204948 to FM204979 for bacterial 16S rRNA genes, and
FM204931 to FM204934 for RDs sequences.

3. Results and Discussion

3.1. Structure and Diversity of the Bacterial Community before
and after the Biostimulation. A triplicate series of anaerobic
microcosms with a concentration of 1,2-DCA of 197 ±
23mgL−1 was set up using groundwater from the lower
layer of a double aquifer contaminated by 1,2-DCA anal-
ogously to the experiments previously run for the upper
layer of the same aquifer system [9]. Following the addition
of 5mM lactate, all the microcosms readily degraded 1,2-
DCA in 15 days, with an average dechlorination rate of
13.1 ± 1.9mgL−1 day−1. Ethane accumulated as the only end
product while the toxic intermediate VC was always below
the detection limit, suggesting that degradation of 1,2-DCA
occurred only via dichloroelimination [22]. The analogous
biostimulation treatment with groundwater from the upper
layer [9] gave considerably higher degradation rate of 69.4 ±
2.2mgL−1 day−1. It can be speculated that this almost-four
times statistically significant difference (as determined by
Student’s 𝑡-test with 𝑃 < 0.000001) between the two layers
was possibly due to differences in the enriched dechlorinating
species.

The bacterial diversity of the community before (𝑡
0
)

and after (𝑡
1
) the biostimulation treatment was evaluated

by establishing 16S rRNA gene clone libraries. Differently
from what was observed previously on the upper layer of
the aquifer [9], PCR with specific primers for Archaea did
not result in any amplicon either before or after lactate
amendment, even after a second round of PCR using nested
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Figure 1: Rarefaction curves calculated for the bacterial 16S rRNA
gene clone libraries, before (𝑡

0
) and after (𝑡

1
) the biostimulation

treatment with lactate.

primers. This suggests that in the lower aquifer Archaea are
not implicated in the dechlorination process.

The bacterial libraries were made of 91 clones each.
Chimera check allowed excluding 6.0% of all the sequences
obtained, lowering the number of clones to 89 and 82 for 𝑡

0

and 𝑡
1
, respectively. Good coverage of the dominant OTUs

was confirmed with rarefaction analysis of the clone libraries
(Figure 1). The diversity of the bacterial communities was
evaluated by means of two parameters: (i) Shannon index
(𝐻), which allowed describing the species richness, and
(ii) evenness index, used to describe the relative abundance
among species within the communities. Shannon index,
which accounts for both abundance and evenness of the
species present, was 3.33 in the lower aquifer with respect
to 1.91 in the upper one, indicating that the lower aquifer
hosted greater species diversity than the upper one before the
treatment. At 𝑡

1
after lactate amendment the Shannon index

in the lower aquifer decreased (2.88 versus 3.33), while in
the upper aquifer it remained almost unchanged (1.81 versus
1.91).The small𝐻 variation in the lower aquifer suggests that
relatively limited changes in the biodiversity of the bacterial
community occurred after the biostimulation treatment.

The PL curves, used as a graphical estimator of the
Co [32, 33], confirmed the little bacterial diversity change
in the lower aquifer, in response to the biostimulation
treatment (Figure 2). Co curves at 𝑡

0
showed a situation

where 20% of the OTUs represented about 48% of the
total abundance of clones. After the lactate treatment, this
proportion grew to 58%, indicating that both communities
were characterized by a relatively moderate organization. It
can be speculated that the bacterial community of the lower
aquifer was characterized by a slight dominance both before
and after the biostimulation treatment and sudden changes
in the environmental conditions, as those determined by the
supplement of lactate, would change the dominant species but
would not influence the overall Co and evenness structure of
the community.
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Figure 2: Pareto-Lorenz distribution curves representation of the
community organization (Co) of the microbial communities before
(𝑡
0
, dotted line) and after (𝑡

1
, dashed line) the treatment with

lactate. The continuous line represents the perfect evenness. Black
arrows indicate the OTU cumulative proportion of abundances
corresponding to an OTU cumulative proportion of 20%.

The 171 clones obtained in the two libraries were grouped
in 60 distinct OTUs. A summary of the representatives of
each OTU identified through BLAST and CLASSIFIER is
presented in Table 1, together with the number of clones
of each OTU occurring before and after the biostimula-
tion treatment. Thirty-eight of the 60OTUs were detected
before the lactate amendment and 24 after it, with only two
OTUs detected both at 𝑡

0
and at 𝑡

1
, respectively, affiliated

to uncultured Clostridiales and to Sulfuricurvum sp. The
bacterial community at 𝑡

0
was characterized by a wider diver-

sity, with dominating sequences belonging to Proteobacteria
phylum (Table 1, Figure 3): in order of abundance 𝛿- (38
clones describing 15 OTUs), 𝛽- (26 clones describing 11
OTUs), and 𝜀-Proteobacteria (15 clones describing 4 OTUs).
Within the 𝛿-Proteobacteria, all the sequences were closely
related to genus Geobacter (97–100% identity), the majority
of which were affiliated to uncultured Geobacter sp. and
Geobacter thiogenes (15 clones each). Species of the genus
Geobacter were commonly found in freshwater sediments
and subsurface environments [37]. Previously, de Wever and
colleagues [38] described the ability of Geobacter thiogenes
to dechlorinate trichloroacetic acid. Another representative
of the Geobacter clade, G. lovleyi (6 clones), a known
tetrachloroethene-dechlorinating bacterium [39], was also
identified. Within the 𝛽- and 𝜀-Proteobacteria groups,
the most represented phylotypes were closely related to
Hydrogenophaga taeniospiralis (11 clones) and Sulfuricurvum
kujiense (10 clones). These two genera are environmental
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Figure 3: (a) Pie charts illustrating the percentages of clones, identified in the bacterial communities at 𝑡
0
and at 𝑡

1
, grouped in phylotypes at

genus level;𝐻: Shannon Index and Co: community organization (evenness index); (b) table showing the abundance and the percentages of
clones grouped in phylotypes at genus level.

microorganisms typically detected in contaminated fresh-
water ecosystems [40]. For instance, H. pseudoflava was
identified by Liang and colleagues [41] in a TCE-degrading
consortium enriched from TCE-contaminated aquifer sed-
iments and groundwater. A psychrotrophic H. pseudoflava
strain IA3-A was isolated from polychlorinated biphenyls-
contaminated soil and grew on biphenyl as sole carbon
and energy source [42]. Both genera, Hydrogenophaga and
Sulfuricurvum, were recently enriched and associated with
NO
3

−-reduction in a membrane biofilm reactor inoculated
with wastewater sludge and treating perchlorate [43].

The biostimulation with lactate determined a remarkable
change of the diversity within the bacterial community.
A lower diversity (24OTUs) was observed and phylotypes
related to Firmicutes, Bacteroidetes, and 𝛽-Proteobacteria,
not detected at 𝑡

0
, became dominant; that is, representatives

of genera Acidaminobacter (20 clones), Parabacteroides (21
clones), and Malikia (13 clones) were strongly enriched
(Table 1, Figure 3). Conversely, Geobacter, Hydrogenophaga,
and Sulfuricurvum, the phylotypes dominating the con-
sortium before the treatment, were not detected in the
library after the treatment. A similar shift of diversity was
previously observed in the upper layer microcosms [9].
However, while in the upper layer of the aquifer phylotypes
of known 1,2-DCAdehalogenating genera of the Clostridiales
(Desulfitobacterium and Dehalobacter) were enriched after
the biostimulation with lactate, none of the genera enriched
in microcosms from the lower layer has been so far asso-
ciated with reductive dechlorination of 1,2-DCA. Among
the phylotypes enriched in the lower layer microcosms, the
only characterized representative of genus Acidaminobacter,
A. hydrogenoformans, has been described as a fermentative
species whose growth is enhanced by cocultivation with a
hydrogen-consuming partner; for example, in our study, it
could be a microbe able to couple the H

2
consumption

with 1,2-DCA reductive dechlorination [44]. Interestingly,
another phylotype enriched at 𝑡

1
was related to an uncultured

Clostridiales bacterium (12 clones) and, noteworthily, the
only reductive dehalogenases specific for 1,2-DCA identi-
fied so far were previously associated only with 2 genera

belonging to Clostridiales order: Desulfitobacterium [16] and
Dehalobacter [15]. Taken together, these data indicate that in
the lower aquifer the lactate amendment enriched different
phylogenetically distant taxa previously not associated with
1,2-DCA dechlorination, suggesting that novel reductive
dechlorinators may mediate such a process.

3.2. Reductive Dehalogenase Gene Libraries. The reductive
dehalogenase diversity in the lower aquifer was investigated
in response to lactate biostimulation to evaluate whether
reductive dehalogenating functional redundancy could be
associatedwith the diversity pattern depicted by the 16S rRNA
gene libraries. In previous works, a complete sequence of
one RD gene cluster specifically adapted to 1,2-DCA was
obtained from microcosms of the upper layer of the aquifer
[16].Three genes (dcaB, dcaC, and dcaT) of the identified RD
cluster presented high nucleotide identity (above 98%) with
the RDs specific for chlorinated alkenes, but the gene coding
for the main catalytic subunit of the reductive dehalogenase
(dcaA) presented only 94% and 90% nucleotide and amino
acid identities. The sequence differences were associated
with dechlorination of 1,2-DCA since Desulfitobacterium
dichloroeliminans strain DCA1, capable of dechlorinating 1,2-
DCA but not chlorinated ethene, showed the same amino
acid signatures in the two sole RDs identified in the genome
[16].

Using the same RD-targeting PCR approach of Marzorati
et al. [16], a total of 17 clones were obtained after the
treatment, representing four different RDs. Figure 4 shows
their phylogenetic relationship with known RDs. The RD
sequences found in the lower aquifer layer were grouped in
one cluster together with those previously identified in the
upper aquifer layer [9]. The percentage of similarity among
the newly identified RDs was between 100 and 99% and
shared 99%nt identity with WL rdhA1, one of the three
RDs identified by Grostern and Edwards [15], in a 1,2-
DCA degrading coculture where the main representative was
Dehalobacter sp. WL. It has been previously shown that the
53% of the total amino acid diversity of dcaA RDs (RD-54
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Figure 4: Neighbour-joining tree with branch length to assess the relationship between DcaA of the new RDs identified in the lower
aquifer (LO-RD-X) and those previously characterized from the upper aquifer (RD-54 [16] and UP-RD-X [9]) and fromD. dichloroeliminans
strain DCA1 (RD-DCA1 [16]). Other A subunits of PceA of Dehalobacter restrictus strain DSMZ 9455T (RD-TCE D. restrictus: AJ439607),
Desulfitobacterium hafniense strain TCE1 (RD-TCE D. hafniense: AJ439608), Desulfitobacterium sp. strain Y51 (RD-PCE D. Y51: AY706985),
WL rdhA1 (FJ010189), and WL rdhA2 (FJ010190) are also reported. The numbers at each branch point represent percentage of bootstrap
calculated from 1000 replicate trees. The scale bar represents the sequence divergence.

and RD-DCA1) with respect to pceA RDs specific for tetra-
chloroethene (PCE; RDs from Dehalobacter restrictus strain
DSMZ 9455T, Desulfitobacterium sp. strain Y51, and Desulfi-
tobacterium hafniense strain PCE-S) [12, 45, 46] was mainly
localized in two small regions (blocks A and B, Figure 5) that
represent only 19% (104 amino acids over 551) of the total
dcaA residues. These two regions of hypervariability were
proposed to be involved in the recognition of 1,2-DCA or in
general in the substrate specificity of RDs [16].The alignment
of the RDs identified in the lower aquifer layer with the
above-indicated homologs was possible to identify the two
mentioned hypervariable regions overlapping with blocks A
and B (Figure 5).The alignment permitted identifying amino
acids specifically associated with (i) PceA of the PCE-RDs
(black residues in a light grey background); (ii)DcaAof group
I, specific for WL rdhA1 and for the reductive dehalogenases

enriched from the lower aquifer layer (white residues in a
light grey background); (iii) DcaA of group II proposed to
be specific for 1,2-DCA RDs from Desulfitobacterium (black
residues in a dark grey background); (iv) all the RDs within
groups I and II but not conserved in the PCE-specific RDs
(white residues in a black background).

4. Conclusions

By comparing the diversity of bacteria and RDs in the two
aquifer layers following biostimulation with lactate, it can be
argued that the RDs linked to 1,2-DCA reductive dechlo-
rination, despite being diverse, are structurally conserved.
However, they can be associated with different bacterial car-
riers selected by the environmental conditions of the specific
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aquifer, indicating their plasticity to adapt to different cellular
scaffolds and machineries.
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The ability ofThermotoga spp. to degrade cellulose is limited due to a lack of exoglucanases. To address this deficiency, cellulase genes
Csac 1076 (celA) and Csac 1078 (celB) from Caldicellulosiruptor saccharolyticus were cloned into T. sp. strain RQ2 for heterologous
overexpression. Coding regions of Csac 1076 and Csac 1078 were fused to the signal peptide of TM1840 (amyA) and TM0070
(xynB), resulting in three chimeric enzymes, namely, TM1840-Csac 1078, TM0070-Csac 1078, and TM0070-Csac 1076, which
were carried byThermotoga-E. coli shuttle vectors pHX02, pHX04, and pHX07, respectively. All three recombinant enzymes were
successfully expressed in E. coli DH5𝛼 and T. sp. strain RQ2, rendering the hosts with increased endo- and/or exoglucanase
activities. In E. coli, the recombinant enzymes were mainly bound to the bacterial cells, whereas in T. sp. strain RQ2, about half
of the enzyme activities were observed in the culture supernatants. However, the cellulase activities were lost in T. sp. strain RQ2
after three consecutive transfers. Nevertheless, this is the first time heterologous genes bigger than 1 kb (up to 5.3 kb in this study)
have ever been expressed in Thermotoga, demonstrating the feasibility of using engineered Thermotoga spp. for efficient cellulose
utilization.

1. Introduction

Due to rising global energy demands, developing renewable
forms of energy, such as solar, hydro-, and bioenergy, has
become increasingly important. Traditionally, bioenergy is
generated by fermenting the glucose derived from starch.
Starch alone, however, accounts for too small a fraction of
biomass to sustain a positive energy balance. The need to
replace fossil fuels demands that cellulose, the most common
and renewable organic material on Earth [1], must not be
overlooked. Cellulose is a linear polymer of D-glucose units
linked by 1,4-𝛽-D-glycosidic bonds. It becomes useful as a
food and energy source once it is broken down into soluble
cellobiose (𝛽-1,4 glucose dimer) and glucose, a process called
hydrolysis because a water molecule is incorporated for each
dissociated glycosidic bond. Effective hydrolysis of cellulose
requires the cooperation of three enzymes, namely, endo-1,4-
𝛽-glucanase (EC 3.2.1.4), exo-1,4-𝛽-glucanase (also called cel-
lobiohydrolase) (EC 3.2.1.91), and 𝛽-glucosidase (EC 3.2.1.21)
[2–5]. Endoglucanase randomly breaks down the 𝛽-1,4

linkages in the regions of low crystallinity, exoglucanase
removes cellobiose units from the nonreducing ends of cellu-
lose chains, and 𝛽-glucosidase converts cellobiose into glu-
cose. In general, exoglucanases degrade cellulose more effi-
ciently than endoglucanases.

Hyperthermophilic bacteria Thermotoga are attractive
candidates for the production of biohydrogen and ther-
mostable enzymes. Surveying of Thermotoga genomes in
the CAZy database (http://www.cazy.org/) revealed dozens
of carbohydrate-active enzymes, the molecular foundation
that allows Thermotoga strains growing on a wide range of
carbon sources such as glucose, xylose, semicellulose, starch,
and carboxymethyl cellulose (CMC) [6–9]. Nevertheless, the
apparent absence of exoglucanases suggests the limited ability
of these organisms to use cellulose as their main carbon and
energy source. Up to date, there are only two reports describ-
ing low levels of exoglucanase activities inThermotoga [2, 4], a
phenomenon probably caused by nonspecific reactions of
endoglucanases [10–12].
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Table 1: Number of predicted carbohydrate-active enzymes inThermotoga genomes∗.

Family categories T. sp. strain
RQ2

T. maritima
MSB8

T. neapolitana
DSM 4359

T. petrophila
RKU-1

T. naphthophila
RKU-10

T. lettingae
TMO

T. thermarum
DSM 5069

Glycoside
Hydrolase family 52 49 49 50 40 36 32

Glycosyltransferase
family 20 22 21 17 19 20 13

Polysaccharide
Lyase family 1 1 0 1 0 1 0

Carbohydrate
Esterase family 5 5 3 5 4 5 2

Carbohydrate-
binding module
family

20 17 17 15 15 4 8

Total 98 94 90 88 78 66 55
∗Data collected from http://www.cazy.org/ on August 7, 2014.

This study aimed at introducing heterologous exoglu-
canase activities into Thermotoga by genetic engineering. T.
sp. strain RQ2 was selected as the host strain, because its
genome encodes the largest repertoire of carbohydrate-active
enzymes among all publishedThermotoga genomes (Table 1).
Moreover, T. sp. strain RQ2 has recently been discovered
to be naturally transformable, making the transformation
procedure straightforward [13]. The selection of candidate
cellulases was focused on Caldicellulosiruptor saccharolyticus,
a Gram-positive anaerobe growing optimally at 70∘C and
can use cellulose as a sole carbon source [14]. Csac 1076
(CelA) [15, 16] and Csac 1078 (CelB) [17, 18] of C. saccha-
rolyticus DSM 8903 have been experimentally characterized
as multidomain proteins with both endo- and exoglucanase
activities and are suitable candidates to be introduced into
T. sp. strain RQ2. However, Caldicellulosiruptor are Gram-
positives andThermotoga areGram-negatives; CelA andCelB
are unlikely to be secreted properly in T. sp. strain RQ2. The
Thermotoga host would not benefit much from the heterol-
ogous cellulases unless the enzymes can be secreted to the
extracellular environment. Signal peptides with aThermotoga
origin would be required to guide the transportation of for-
eign proteins in T. sp. strain RQ2. A literature search revealed
that T. maritima TM1840 (amylase A, AmyA) [19–21] and
TM0070 (xylanase B, XynB) [20] have been experimentally
confirmed to be secretive proteins.The former is anchored on
the “toga” part with catalytic domain facing outward, and the
latter is secreted into the environment after the cleavage of its
signal peptide.Therefore, the promoter regions and the signal
peptide sequences of TM1840 (amyA) [19–21] and TM0070
(xynB) [20] were chosen to control the expression and trans-
portation of the Caldicellulosiruptor cellulases in T. sp. strain
RQ2.

2. Materials and Methods

2.1. Strains and Cultivation Conditions. The bacterial strains
and vectors used in this study are summarized in Table 2.
All E. coli strains were cultivated in Luria-Bertani (LB)
medium (1% tryptone, 1% NaCl, 0.5% yeast extract) at 37∘C.

Thermotoga strains were cultivated at 77∘C, 125 rpm in SVO
medium [22]. SVO plates were made with 0.25% (w/v)
gelrite [23]. Thermotoga plates were put into Vacu-Quik Jars
(Almore International Inc., Portland, OR, USA) filled with
96 : 4 N

2
-H
2
and 4 g palladium catalyst (to remove oxygen)

and incubated at 77∘C for 48 h. When needed, ampicillin
was supplemented into LB medium to a final concentration
of 100 𝜇gmL−1, and kanamycin was added into liquid SVO
medium and SVO plates to a final concentration of 150 and
250 𝜇gmL−1, respectively.

2.2. Construction of Vectors. All vectors were constructed by
following standard cloning methods and verified by restric-
tive digestions. Primers used in this study are summarized
in Table 3. The Thermotoga-E. coli shuttle vector pDH10 was
used as the parent vector. Inverse PCR was performed with
pDH10 [23] using primersDBs F andDBsR, and the amplicon
was digested with BsaI followed by self-ligation to give rise
to pDH26. With the same approach, pDH27 was generated
based on pDH26 using primers DNd F and DNd R, and
pHX01 was created from pDH27 using primers DLZ F and
DLZ R. Compared to pDH10, pHX01 is 342 bp shorter and
is free of the BsaI and NdeI recognition sites, which makes
it a better cloning vector than pDH10. Based on pHX01,
intermediate vectors pHX02.1, pHX04.1, and pHX07.1 were
constructed. Vector pHX02.1 carries the promoter and signal
peptide region ofTM1840 (amyA), whichwas inserted imme-
diately upstream of the Apr gene (Figure 1(a)); primers AmP
F and Amp R were used to amplify the desired region from T.
maritima chromosome, and the amplicon was digested with
NotI and SacI. Vectors pHX04.1 and pHX07.1 both carry the
promoter and signal peptide region of TM0070 (xynB), but
one has the insert upstream of the Apr gene (Figure 1(b)) and
the other has it downstream of the ori region (Figure 1(c)).
Because the two insertions sites were recognized by different
restriction enzymes, primers XyBPB F and XyBPB R were
used to amplify the insert for pHX04.1, and the amplicon was
digested with NotI and SacI; primers XyBPA F and XyBPA R
were used to prepare the insert for pHX07.1, and the amplicon
was digested by XhoI and PstI. As a result, a BsaI site was
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Table 2: Strains and vectors used in this study.

Strain or plasmid Description Reference
E. coli

DH5𝛼 F− endA1 hsdR17 (rk−, mk+) supE44 thi-1 𝜆− recA1 gyrA96
relA1 deoR Δ(lacZYA-argF)-U169𝜙80dlacZΔM15 [24]

Thermotoga

T. sp. strain RQ2 Isolated from geothermally heated sea sediment, Ribeira Quente, Săo
Miguel, Azores. [25]

T. maritimaMSB8 The first type strain ofThermotoga, isolated from geothermally heated sea
sediments, Porto di Levante, Vulcano, Italy. [25]

Caldicellulosiruptor
C. saccharolyticus DSM 8903 Isolated from wood in the flow of geothermal spring, Taupo, New Zealand. [14]

Plasmids
pDH10 Thermotoga-E. coli shuttle vector; Apr, Kanr∗ [23]
pDH26 pDH10-derived, with BsaI site erased; Apr, Kanr This study
pDH27 pDH26-derived, with NdeI site erased; Apr, Kanr This study
pHX01 pDH27-derived, having lacZ residual sequence removed; Apr, Kanr This study

pHX02.1 Promoter and signal peptide region of TM1840 (amyA) were inserted into
the NotI-SacI sites of pHX01; Apr, Kanr This study

pHX02 Coding region (without the signal peptide) of Csac 1078 (celB) was inserted
into BsaI-SacI sites of pHX02.1; Apr, Kanr This study

pHX04.1 Promoter and signal peptide region of TM0070 (xynB) were inserted into
the NotI-SacI sites of pHX01; Apr, Kanr This study

pHX04 Coding region (without the signal peptide) of Csac 1078 (celB) was inserted
into the BsaI-SacI sites of pHX04.1; Apr, Kanr This study

pHX07.1 Promoter and signal peptide region of TM0070 (xynB) were inserted into
the XhoI-PstI sites of pHX01; Apr, Kanr This study

pHX07 Coding region (without the signal peptide) of Csac 1076 (celA) was
inserted into the BsaI-PstI sites of pHX07.1; Apr, Kanr This study

∗Ap: ampicillin; Kan: kanamycin.

introduced immediately after the signal peptide sequence in
each vector to facilitate the insertion of the coding regions of
the C. saccharolyticus cellulases.

Once the regulation and transportation regions were
in place, the cellulases genes from C. saccharolyticus were
inserted into pHX02.1, pHX04.1, and pHX07.1 to give rise
to pHX02, pHX04, and pHX07, respectively (Figure 1). The
total DNA of C. saccharolyticus DSM 8903 was used as the
template. Primers CelB F and CelB R were used to amplify
Csac 1078 (celB), and the amplicon was digested with BsaI
and SacI. Primers CelA F and CelA R were used to amplify
Csac 1076 (celA), and the amplicon was digested with BbsI
and PstI.

The transformation of E. coli was done with standard cal-
cium chloridemethod, and the transformation ofThermotoga
was done by natural transformation, as described previously
[13].The DNA substrates used to transformThermotogawere
in vitromethylated by methylase M. TneDI [26, 27].

2.3. Detection of Endoglucanase Activity with CMC Plates.
Endoglucanase activities were evaluated using Congo red
assays [28]. For preliminary screening, E. coli transformants
were inoculated on CMC plates (1% NaCl, 0.5% yeast extract,
0.2% CMC, 1.5% agar) and incubated at 37∘C for overnight.

The plates were then kept at 77∘C for 8 h, stained with 0.1%
Congo red (dissolved in water) at room temperature for
15min, and washed with 1M NaCl until clear halos showed
up. After that, the plates were rinsed with 1M HCl, which
changed the background color into blue, providing a better
contrast for the halos. To test liquid cultures, 40 𝜇L of each
normalized overnight culture was directly loaded onto CMC
plates. To minimize the sizes of the loading spots, the liquid
cultures were loaded through 8 times with 5𝜇L in each load-
ing.Thenext round of loading only happenedwhen the liquid
from the previous loading had been completely absorbed. To
localize the expression of the recombinant proteins, super-
natants were collected from 1mL of normalized overnight
culture by centrifugation. Meanwhile, the cells were washed
once with freshmedium and resuspended in 1mL of the same
medium.

2.4. Detection of Endoglucanase Activities with Zymogram.
Native polyacrylamide gel electrophoresis wasmodified from
a previous report [29]. SDS (sodium dodecyl sulfate) was
omitted from the gel (10%, w/v), but CMC was added to
a final concentration of 0.08% (w/v). Protein samples were
prepared in the absence of SDS, reducing agents, and the
heat treatment. After electrophoresis, gels were rinsed with
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Table 3: Nucleotide sequences of primers used in this study.

Primer Sequence and restriction sites

DBs F 5ATCATGGGTCTCGCGGTATCATTGCAGCACTGGGGCCAGATGGTAAGC3
BsaI

DBs R 5ATCGTCGGTCTCTACCGCGGGAACCACGCTCACCGGCTCCAGATTTATCAGC3
BsaI

DNd F 5ATCGTCGGTCTCTATATGCATGTGCACCAAACCACTTTGAGTACGTTCCCG3
BsaI

DNd R 5ATCGTCGGTCTCCATATATTATTTAGAGGACCTTATATTCCCCAAGATTGG3
BsaI

DLZ F 5GTCTGACTAGTGCAACGCATGCGAGGTTCTAGAGATTAGGGTGATGGTTCACGTAGTGG3
SphI

DLZ R 5GACACGCATGCCGACGGCCAGTGAATTGTAATACGAC3
SphI

AmP F 5CGAGGAACGAAGCGGCCGCGGACACCTCCTTTAGATTACAAAGAGTTTAC3
NotI

AmP R 5GACTTAGAGCTCGATGACGGTCTCACTGGGCTAGTACCATCTGTGTTTGTGCTGTTTG3
SacI BsaI

XyBPB F 5CGAGGAACGAAGCGGCCGCGAAAACTCACCTCCCTTGATTGTATG3
NotI

XyBPB R 5GACTTAGAGCTCGATGACGGTCTCACTGGAGAGCTGAAAACTGGAACACATCCCAAC3
SacI BsaI

XyBPA F 5CGAGGACTCGAGGAAAACTCACCTCCCTTGATTGTATG3
XhoI

XyBPA R 5GATTAGCTGCAGGATGACGGTCTCAATGGAGAGCTGAAAACTGGAACACATCCCAAC3
PstI BsaI

CelB F 5GACGACGGTCTCACCAGACTGGAGTATTCCAAGTTTATG3
BsaI

CelB R 5GGCGCGGAGCTCTCATCAGTGATGGTGATGGTGATGTTTTGAAGCTGGAACTGGCTCAGGCTCATTATTG3
SacI

CelA F 5GACTACGAAGACATCCATGGCAGGAGGCTAGGGCTGGTTC3
BbsI

CelA R 5GGCGCGCTGCAGTCATCAGTGATGGTGATGGTGATGTTGATTACCGAACAGAATTTCATATGTTG3
PstI

CelBV F 5AGACGCGATGGGACATATCTATCCGGTATGG3

CelBV R 5GAAGCTGGAACTGGCTCAGGCTCATTATTG3

deionized water for 3 times prior to immersion in 0.25M
Tris-HCl (pH 6.8) for 8 h at 77∘C. Following the enzymatic
reaction, gels were visualized with Congo red, as detailed
above.

2.5. Detection of Exoglucanase Activity. MUC (4-methylum-
belliferyl 𝛽-D-cellobioside) agar was used to detect exoglu-
canase activity [17, 30]. Under the hydrolysis of exoglucanase,
MUC is converted to cellobiose and MU (4-methylumbel-
liferone), which shows fluorescence under ultraviolet light.
Forty microliters of normalized overnight culture of each
Thermotoga transformant was spotted on MUC plates, incu-
bated at 77∘C for 8 h, and examined under UV light. The
formation of fluorescent halos surrounding the loading spots
indicates the activity of exoglucanase.

3. Results and Discussion

3.1. Expression and Localization of the Chimeric Enzymes
in E. coli. In the endoglucanase activity screening exper-
iment, all tested DH5𝛼/pHX02 (Figure 2), DH5𝛼/pHX04,

and DH5𝛼/pHX07 strains showed clear halos surrounding
the overnight colonies, indicating functional expression of
the recombinant cellulases in E. coli. To determine the
localizations of the recombinant cellulases, cultures were nor-
malized and supernatants and cell suspensions were tested
separately. Because pHX07 and pHX04 share the same local-
ization signal, experiments were carried out with just pHX04
andpHX02 transformants.OnCMCplates, the pHX04 trans-
formant demonstrated a higher endoglucanase activity than
the transformants of pHX02 (Figure 3). For both constructs,
most of the endoglucanase activity was associated with the
cell suspensions (Figure 3). This is not surprising for pHX02,
because its fusion protein is designed to be anchored on the
outermembraneof aGram-negativehost.As forpHX04,since
its fusion protein is meant to be released into the medium,
these data suggest that the signal peptide of TM0070 (XynB)
is not functional in E. coli, even though its promoter is.

3.2. Detection of Endoglucanase Activities in Thermotoga. As
our main purpose is to express the recombinant cellulases in
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Figure 1:Maps of the expression vectors pHX02 (a), pHX04 (b), and pHX07 (c). Gray region represents sequence of pRQ7. Unique restriction
sites are shown.
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Figure 2: Detection of endoglucanase activities in E. coliDH5𝛼 transformants (showing DH5𝛼/pHX02 as an example). #1–#6, DH5𝛼/pHX02
transformants; DH5𝛼/pHX02.1, negative control.
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Figure 3: Localization of recombinant enzymes in E. coli DH5𝛼 transformants. DH5𝛼/pHX02.1 and DH5𝛼/pHX04.1 were used as negative
controls.

Thermotoga, we next transformed these 3 expression vectors
intoT. sp. strain RQ2. ElevenT. sp. strain RQ2/pHX02, eleven
RQ2/pHX04, and eight RQ2/pHX07 transformants were iso-
lated and tested with Congo red assays.Wild type T. sp. strain
RQ2 and C. saccharolyticus DSM 8903 were used as the neg-
ative and positive controls. Almost all transformants showed
enhanced endoglucanase activities compared with the wild
type strain (Figure 4), indicating the successful transforma-
tion and expression of the recombinant enzymes. Next we
set out to validate the transformants with PCR and restriction
digestions.

3.3. Validating Thermotoga Transformants. Three RQ2/
pHX02 transformants (#2, #3, and #4) and three RQ2/pHX04
transformants (#3, #4, and #5) were picked up from SVO
plates and grown overnight in liquid SVO medium with
150 𝜇g kanamycin mL−1. Plasmid extracts were prepared and
used as the templates to amplify the exoglucanase domain
of recombinant celB gene with primers celBV F and celBV R.
One RQ2/pHX02 isolate (#4) and two RQ2/pHX04 isolates
(#4 and #5) showed bands with the expected size (in addition
to some nonspecific bands) (Figure 5). The positive bands
from RQ2/pHX02 #4 and RQ2/pHX04 #5 were gel-purified,
reamplified using the same primers, and digested with
HaeIII (Figure 6). Both amplicons developed the expected
digestion profile, demonstrating the authenticity of the
two transformants, which were then selected to be further
characterized in later studies. The attempts to amplify either
exo- or endoglucanase domain from the pHX07 transform-
ants failed. Since pHX07 carries the celA gene, instead of the
celB as found in pHX02 and pHX04, further optimization
of PCR conditions and/or primer selections may eventually
allow one to validate the transformants of this vector. Never-
theless, pHX07 #2 was selected for further studies, because
it at least displayed strong endoglucanase activity on CMC
plates.

3.4. Detection of the Exoglucanase Activity in Thermotoga.
The exoglucanase activity of the Thermotoga transformants
was tested with MUC plates (Figure 7). Compared to the
host strain, RQ2/pHX02 and RQ2/pHX04 demonstrated
greatly enhanced exoglucanase activities, as bright fluores-
cent light emitted under UV light from the spots where their
overnight cultures were loaded.This suggests that the exoglu-
canase domain of Caldicellulosiruptor CelB was successfully
expressed and fully functional in T. sp. strain RQ2. However,
the fluorescence level displayed by RQ2/pHX07 was at about
the same level to the wild type strain. Because the recombi-
nant enzymes carried by pHX04 and pHX07 share the same
promoter and signal peptide, the low level of exoglucanase
activity presented by RQ2/pHX07 indicates the exodomain
of Caldicellulosiruptor CelA was either lost (which echoes the
PCR results above) or not functional in T. sp. strain RQ2.

3.5. Localization of the Recombinant Cellulases inThermotoga.
Localization of the recombinant enzymes was carried with
T. sp. strain RQ2/pHX02 #4, pHX04 #5, and pHX07 #2 by
comparing the endoglucanase activity in supernatants versus
cell suspensions. Unlike what happened in E. coli where
the majority of the activity was associated with cell suspen-
sions, the Thermotoga transformants had about half of the
endoglucanase activity found in supernatants (Figure 8(a)).
The endoglucanase activity in the supernatants was double-
checked with native polyacrylamide gels followed by Congo
red assay. All supernatants showed brighter bands than the
wild type strain, indicating enhanced cellulases activities
(Figure 8(b)). No protein bands were detectable in the super-
natants by Coomassie brilliant blue staining. The cell sus-
pensions retained the other half of the enzymatic activities,
probably because of the cytoplasmic proproteins of the
chimeric enzymes (Figure 8(a)).

3.6. Stabilities of the Recombinant Strains. Stabilities of the
E. coli and T. sp. strain RQ2 recombinant strains were tested
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Figure 4: Screening of endoglucanase activities inThermotoga transformants RQ2/pHX02 (a), RQ2/pHX04 (b), and RQ2/pHX07 (c). +, C.
saccharolyticus DSM 8903, positive control; −, T. sp. strain RQ2, negative control.
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Figure 5: Amplification of the exoglucanase domain in T. sp. strain
RQ2 transformants.

by consecutively transferring corresponding cultures under
the selection of antibiotics. After four transfers, all shuttle
vectors were readily detected in the E. coli transformants
(Figure 9(a)). The endo- and exodomains of celA and celB
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Figure 6: Restriction digestion of PCRproducts of the exoglucanase
domain of T. sp. strain RQ2 transformants.

were also successfully amplified from the plasmid DNA
extracts (data not shown). Congo red assays with DH5𝛼/
pHX02 showed that the enzyme was as active as before
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Figure 8: Localization of recombinant proteins in T. sp. strain RQ2 transformants. (a) CMC plate; (b) zymogram of the supernatants. T. sp.
strain RQ2 was used as the negative control.

and the expression level of the enzyme was not affected
by the inclusion of 0.25% starch in the medium [21, 25]
(Figure 9(b)). These results indicate that, in E. coliDH5𝛼, the
constructed vectors are stably maintained and the enzymes
are constitutively expressed.

Unfortunately, in T. sp. strain RQ2, the vectors seemed to
be gradually lost, as indicated by decreasing enzyme activities
with each transfer. After the 3rd transfer, the activities of
both endo- (Figure 10) and exoglucanase (data not shown)
were at the same level as the negative control. Trying to
induce the cultures with 0.25% starch or 0.25% xylose [21,
25, 31] did not result in improved expression of the enzymes,
suggesting the diminishing of enzyme activities was a result
of loss of genes rather than a lack of expression. Our previous
study demonstrated that theThermotoga-E. coli shuttle vector
pDH10 is stably maintained in both E. coli and Thermotoga
[23]. However, the vectors constructed in this study, which

are derived from pDH10, were only stable in E. coli, but not
inThermotoga. This might be due to different genetics of the
Thermotoga hosts. In the previous study, T. sp. strain RQ7
and T. maritima were used, and in this study, the host was
T. sp. strain RQ2. Cryptic miniplasmids pRQ7 and pMC24
have been found in T. sp. strain RQ7 and T. maritima [32, 33],
but no natural plasmids have ever been seen in T. sp. strain
RQ2. Plasmids pRQ7 and pMC24 are only 846 bp in length
and encode just one apparent protein, which seems to play a
role in plasmid replication but lacks the site-specific nuclease
activity typical to a fully functional replication protein [34].
It is possible that the genomes of T. sp. strain RQ7 and T.
maritima encode gene(s) essential to the replication of pRQ7-
like plasmids, allowing the survival of pRQ7/pMC24-based
vectors, whereas T. sp. strain RQ2 may lack such gene(s).
As about half of the Thermotoga genomes encode unchar-
acterized proteins, finding such gene(s) requires thorough
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functional genomics studies and will be the future direction
of our work.

4. Conclusions

This work demonstrated that it is possible to functionally
express large heterologous proteins in Thermotoga. Trans-
formed with the recombinant Caldicellulosiruptor cellulases,
T. sp. strain RQ2 displayed increased endoglucanase activity
with the expression of all three engineered enzymes, namely,

TM1840 (AmyA)-Csac 1078 (CelB), TM0070 (XynB)-
Csac 1078 (CelB), and TM0070 (XynB)-Csac 1076 (CelA).
Exoglucanase activity was also improved significantly inT. sp.
strain RQ2 transformants expressing the chimeric enzymes
TM1840 (AmyA)-Csac 1078 (CelB) and TM0070 (XynB)-
Csac 1078 (CelB). However, the Thermotoga transformants
lost their recombinant genes after three consecutive transfers.
This study represents an important milestone in the effort
of using Thermotoga to produce biohydrogen directly from
cellulosic biomass. Future studies should be focused on
improving the stability of the transformants.
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