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The sensory experience of pain provides an early warning
sign to protect the body from tissue injury. Although pain
is a straightforward symptom found in virtually every field
of medicine, the cellular and molecular bases underlying the
sensation of pain are complex and involve diverse mecha-
nisms in a variety of areas of the brain and spinal cord. In
1965, Melzack and Wall proposed the gate control theory of
pain [1], which posited the role of the dorsal horn (DH) of
the spinal cord as a site for gating and brain control of pain.
In the decades since then, research on pain mechanisms in
the spinal DH has exploded, as has research in the spinal
trigeminal nucleus (Vsp) for orofacial and head pain. The
spinal DH has a laminated structure, consisting of superficial
(laminae I and II) and deep (laminae III–VI) layers. The Vsp
is, in a rostrocaudal sense, divided into oralis, interpolaris,
and caudalis subnuclei. The caudalis of Vsp has particularly
captured the attention of orofacial pain researchers, as this
area is analogous to the DH of the spinal cord. Neurons in the
spinalDHandVsp form synapseswith primary afferent fibers
from peripheral and trigeminal ganglia, descending fibers
from higher brain areas, and axonal fibers arising from other
local neurons.The neurons of the spinal DH and Vsp employ
a wide variety of ligand- and voltage-gated ion channels
to support synaptic transmission, neuronal excitability, and
proper relay of sensory and nociceptive information. Short-
term and long-term modulation of the properties of these
ion channels provide mechanisms for neural plasticity and
changes in gene expression that can in turn lead to structural

modification of neurons in pain pathways of the spinal
DH and Vsp. The modulation of ion channels includes
changes in their phosphorylation/dephosphorylation state,
the composition of subunits contributing to channel forma-
tion, and interactions with other signaling molecules and
scaffolding proteins that target modulators to channels. In
this special issue, we focus on the roles of ion channel mod-
ulation in spinal/trigeminal mechanisms of neural plasticity
that contribute to chronic pain. Advances in understanding
mechanisms of ion channel modulation are expected to lead
to improved approaches for management of chronic pain.

The first paper “Ionotropic glutamate receptors and
voltage-gated𝐶𝑎2+ channels in long-term potentiation of spinal
dorsal horn synapses and pain hypersensitivity” in this issue
introduces the anatomical and synaptic organization of the
spinal DH. Although the anatomical location of the spinal
DH is easily identified in transverse or parasagittal sections,
identifying specific neuronal types and synaptic circuitry
is challenging for two reasons. The first dilemma is that
neurons in this area are not arranged in a precisely-organized
structure; instead, neurons of any given functional subtype
are scattered in a seemingly random way within the DH.
Determining the pattern of synaptic connections between
functional neuronal subtypes is as a consequence exceedingly
difficult. The second challenge is that DH neurons are multi-
modal, meaning that any given subpopulation of DHneurons
is involved in conveying more than one form of sensory
information. Among the sensory modalities supported by
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2 Neural Plasticity

DH neurons are mechanical touch, pinch, thermal heat,
and cold. In this issue’s first paper, the authors synthesize
findings in the recent literature to present an integrated
model of the synaptic organization that supports pain pro-
cessing in the spinal DH. The model also incorporates the
synaptic circuitry suggested in the gate control theory of
pain [1]. The paper proceeds to discuss recent published
work regarding the contributions in spinal DH of ionotropic
glutamate receptors (ion channels) and voltage-gated Ca2+
channels (VGCCs) to both long-term potentiation (LTP), an
increase in the strength of synaptic transmission, and/or pain
hypersensitivity. Consideration of the subtypes in both of
these groups of ion channels distinguishes the differential
contributions made by each type of ion channel to LTP and
pain.

Next, A-R. Park et al. “Dual effect of exogenous nitric oxide
on neuronal excitability in rat substantia gelatinosa neurons”
report a remarkable effect of nitric oxide on the excitability
of substantia gelatinosa (SG) neurons located in lamina II of
the spinal DH. The directionality of the effect of nitric oxide
is concentration-dependent: 10𝜇M sodium nitroprusside, a
nitric oxide donor, causes depolarization of neurons, but
1mM causes hyperpolarization. Both effects are mediated
by soluble guanylyl cyclases. However, the hyperpolarizing
effect of nitric oxide involves activation of various types of K+
channels, while the depolarizing effect involves activation of
certain types of Ca2+ channels. These findings may correlate
with the complex effect of nitric oxide on pain behaviors, that
is, a concentration-dependent switch between analgesic and
hyperalgesic actions of nitric oxide.

T. T. H. Nguyen et al. “Activation of glycine and extrasy-
naptic GABAA receptors by taurine on the substantia gelatinosa
neurons of the trigeminal subnucleus caudalis” report an
effect of the free amino acid taurine, present at a high
concentration in the brain, on the excitability of SG neurons
located in the caudalis of Vsp. These authors report that
taurine action on SG neurons of Vsp is mediated by glycine
and GABAA receptors, but owing to the high concentration
of chloride ions they employed in their recording pipettes,
taurine application caused neuronal depolarization. With a
lower, physiological level of internal chloride, taurine will
exert an inhibitory action on neuronal excitability, which
predicts an antinociceptive action of taurine on orofacial pain
behaviors.

Kwi-H. Choi et al. “Presynaptic glycine receptors increase
GABAergic neurotransmission in rat periaqueductal gray neu-
rons” report that the periaqueductal gray (PAG) plays a
role in the regulation of pain transmission via a descending
inhibitory pathway to the spinal DH, thereby participating in
the system postulated in the gate control theory. In this study,
mechanically dissociated PAGneuronswere voltage-clamped
and spontaneous excitatory postsynaptic currents (EPSCs)
were recorded. The axonal terminals, but not cell bodies,
of presynaptic neurons remained attached to the neurons
recorded, ruling out any contribution to the experimental
results from presynaptic cell bodies. Using this method, the
authors report facilitation by glycine of glutamate release,

an effect that is mediated by glycine receptors and by voltage-
gatedNa+ andCa2+ channels. Facilitation of glutamate release
by glycine may be due to glycine receptor-mediated depo-
larization of presynaptic terminals, an action which relies
upon the high concentration of chloride ions found within
the presynaptic terminals. Because facilitation of excitatory,
glutamatergic synaptic input to PAG neurons is expected
to increase activity in the descending inhibitory pathway
from PAG to the spinal DH, the results of this study suggest
glycine-induced facilitation of PAGoutput could suppress the
sensation of pain.

In the final paper in this special issue, E. V. Khomula
et al. “Nociceptive neurons differentially express fast and slow
T-type 𝐶𝑎2+ currents in different types of diabetes neuropathy”
report that two different kinds of T-type Ca2+ currents
are present in isolectin B4 (IB4)-positive neurons of dorsal
root ganglia (DRG). These neurons are small-diameter DRG
neurons and respond to capsaicin application, suggesting
that they are nonpeptidergic, C-type nociceptive neurons
that are involved in the sensation of thermal pain. Based on
measurements of the inactivation time constant (𝜏

0.5
) for T-

type Ca2+ currents, IB4-positive neurons could be divided
into two groups: ∼70% of IB4-positive neurons exhibited
fast-inactivating T-type current (𝜏

0.5
< 50ms), and ∼

30% of IB4-positive neurons exhibited slow-inactivating T-
current (𝜏

0.5
> 50ms). AmongT-type Ca2+ channel isoforms,

the CaV3.2 isoform is more sensitive to block by Ni2+,
a property exploited by these authors to test the relative
contribution of this isoform to fast or slow T-type currents.
The authors found that fast-inactivating T-currents are more
sensitive to Ni+ than are the slow-inactivating T-currents,
suggesting that fast-inactivating T-currents are carried by
CaV3.2 channels. The work was extended to investigate the
role of fast- and slow-inactivating T-currents in hyperalgesia,
using streptozotocin-induced diabetic rats that displayed
neuropathic hyperalgesia. Whereas 30% of the IB4-positive
DRG neurons obtained from control animals exhibited slow-
inactivating T-current, none of the IB4-positive neurons
from the hyperalgesic rats possessed slow-inactivating T-
type current; instead, IB4-positive neurons fromhyperalgesic
rats possessed exclusively fast-inactivating T-current and at
increased density. Moreover, a depolarizing shift of steady-
state inactivation of fast T-type current was found in IB4-
positive neurons from hyperalgesic rats. Thus, this study
suggests that a change in the functional properties of ion
channels may cause a pathological state such as neuropathic
pain.

This special issue highlights the importance of ion chan-
nel modulation in neuronal excitability, synaptic transmis-
sion, and synaptic plasticity of spinal DH and Vsp neurons,
and it provides examples of ion channel modulation by
chemicals and etiological factors. We hope that this issue
will inspire further studies regarding various aspects of ion
channel modulation in the spinal/trigeminal areas and other
brain areas involved in pain transmission, thereby revealing
new targets for pain treatment.
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T-type Ca2+ channels are known as important participants of nociception and their remodeling contributes to diabetes-induced
alterations of pain sensation. In this work we have established that about 30% of rat nonpeptidergic thermal C-type nociceptive
(NTCN) neurons of segments L4–L6 express a slow T-type Ca2+ current (T-current) while a fast T-current is expressed in the other
70% of these neurons. Streptozotocin-induced diabetes in young rats resulted in thermal hyperalgesia, hypoalgesia, or normalgesia
5-6 weeks after the induction. Our results show that NTCN neurons obtained from hyperalgesic animals do not express the slow T-
current.Meanwhile, the fraction of neurons expressing the slowT-current did not significantly change in the hypo- and normalgesic
diabetic groups. Moreover, the peak current density of fast T-current was significantly increased only in the neurons of hyperalgesic
group. In contrast, the peak current density of slow T-current was significantly decreased in the hypo- and normalgesic groups.
Experimental diabetes also resulted in a depolarizing shift of steady-state inactivation of fast T-current in the hyperalgesic group
and slow T-current in the hypo- and normalgesic groups. We suggest that the observed changes may contribute to expression of
different types of peripheral diabetic neuropathy occurring during the development of diabetes mellitus.

1. Introduction

Peripheral diabetic neuropathy (PDN), being one of the most
frequent and troublesome complications of diabetes mellitus
[1], is often accompanied with various pain syndromes [2–
5]. Impairment of Ca2+ homeostasis [6–9] and remodeling of
voltage- and ligand-gated ion channels [10–12] in nociceptive
neurons under PDNhave been implicated in altered nocicep-
tion. Low voltage activated (LVA) T-type calcium channels
(T-channels) [13], directly participating in cellular excitability
as well as in intracellular calcium signaling, are crucially
involved in both acute [14–19] and neuropathic pain [20–
24]. It has been established that primary sensory neurons
mainly express T-channels of the Cav3.2 subtype [17, 25, 26].
This subtype mediates a major part of LVA Ca2+ current (T-
current) although other T-channel subtypes are also present
in these neurons and may potentially contribute to the LVA

current [17, 20, 25, 27].Moreover, C-fiber nociceptors seem to
be heterogeneous regarding amplitudes, pharmacology, and
biophysical properties of T-current [28–30] and might be
divided into two subclasses correspondingly expressing fast
or slow T-current [28]. Despite these findings, a lot of studies
proving the importance of T-channels for nociception do not
distinguish between C-fiber nociceptors expressing fast and
slow T-currents within populations of small andmedium size
nociceptive neurons. Differential remodeling of fast and slow
T-currents in IB

4
-positive capsaicin-sensitive small-sized

DRG neurons [31], which are considered nonpeptidergic
thermal C-type nociceptors (NTCN) [32], is of particular
interest because of the strong involvement of these neurons
in thermal pain sensitivity [33] and neuropathic pain [34, 35].
Recently it has been shown that in rats with streptozotocin-
(STZ-) induced diabetes, the classical model of diabetes type
1 [4, 5], remodeling of T-channels in the NTCN neurons, was
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2 Neural Plasticity

PDN type specific with substantial differences in a case of the
thermal hyperalgesia versus norm- or hypoalgesia [27].

Here we have used rats with thermal hyper-, hypo-, and
normalgesia at the same age and duration of STZ-induced
diabetes to determine PDN-type-specific remodeling of T-
channels underlying fast and slow LVA Ca2+ currents in
NTCN neurons.

2. Materials and Methods

2.1. Experimental Animals. All experimental protocols were
approved by the Animal Care and Use Committee of the
Bogomoletz Institute of Physiology (Kyiv, Ukraine) and were
in accordance with the National Institutes of Health Guide
for the Care and Use of Laboratory Animals. Every effort
was made to minimize animal suffering and the number of
animals used.

2.2. Induction of Experimental Diabetes. We used a well-
established model of streptozotocin (STZ) injections to
induce diabetic neuropathy in young male Wistar rats (30–
50 g, 21–23 days old) [5, 27]. Experimental diabetes was
induced in rats by a single i.p. injection of STZ solution
(80mg/kg, i.p.). Blood glucose levels were checked on the
third day after injection (to verify diabetes onset) and just
before electrophysiological experiments (6-7 weeks after
injections), using a blood glucometer (Accu-Chek Active;
Roche Diagnostics, Indianapolis, IN, USA). Rats with values
of >270mg/dL (15mM) were considered hyperglycemic.

2.3. Assessment of Thermal Nociception (Behavioral Experi-
ments). Nociceptive responses to thermal stimulation were
measured by the Hargreaves’ method [27, 36] using a paw
thermal stimulation system (Plantar Test, Ugo Basile, Italy)
for themeasurement of pawwithdrawal latency (PWL). PWL
was recorded for each tested rat as amean of 10measurements
with 5min interval alternating left and right hind paws.

2.4. Preparation of Dorsal Root Ganglia (DRG) Neurons. We
prepared dissociated DRG cells and used them within 6–
8 h for whole-cell recordings as described previously [27]. In
brief, L4 and L5 DRGs were incubated in a Tyrode’s solution
containing 140mM NaCl, 4mM KCl, 2mM MgCl

2
, 2mM

CaCl
2
, 10mM glucose, and 10mM HEPES, adjusted to pH

7.4 with NaOH and supplemented with 1mg/mL protease
Type XIV (Sigma) and 0.5mg/mL collagenase Type I (Wor-
thington Biochemical Corporation) for 18–20min at 35∘C.
Following incubation, ganglia were rinsed and dissociated by
trituration with glass pipettes. Isolated neurons were plated
onto an uncoated glass coverslip. All following experiments
were done at room temperature.

2.5. IB4 Labeling and Imaging. Cells were incubated in
Tyrode’s solution supplemented with 10 𝜇g/mL isolectin B4
(IB4) conjugated to Alexa Fluor 568 dye (Invitrogen) in the
dark for 10–12min [27]. Cells were visualized using a standard
Rhodamine Filter Set (ChromaTechnology,USA) installed in
TILL Photonics wide-field imaging system (TILL Photonics,

Gräfelfing,Germany) based on an invertedmicroscope (IX71,
Olympus) and containing a monochromator Polychrome
V and Imago CCD camera both controlled by TILLvision
software (TILL Photonics). Fluorescent images were captured
via an oil immersion objective (40x UV, NA 1.35; Olympus)
under standardized settings from 15 to 20 randomly selected
small DRG cells on each dish before any electrophysiological
recordings during the first 15min of each experiment. The
mean intensity of halo of IB4 staining around the neuronal
plasma membrane was determined for each neuron. The
relative intensitywas calculated separately for neurons of each
coverslip. The 0 and 100% intensity values for a particular
coverslip were calculated by averaging the halo intensity of
the two least intensely (0%) and two most intensely stained
cell profiles (100%). Neurons were considered IB4 positive
(IB4+) if their relative intensities exceeded 20%.

2.6. Electrophysiology. Electrophysiological recordings were
performed using a standard whole-cell technique [27]. Elec-
trodes were pulled from borosilicate glass microcapillaries
with a filament (Sutter Instrument, Novato, CA) and had a
resistance of 3 to 4MΩ when filled with an internal solution
containing (in mM) 146 CsCl, 2 MgATP, 2 MgCl

2
, 0.5 GTP-

Na, 1 EGTA, 5 2Na-phosphocreatine, and 10 HEPES, adjusted
to pH 7.3 with CsOH. The external solution for calcium
currents recording contained (in mM) 2 CaCl

2
, 2 MgCl

2
,

158 tetraethylammonium- (TEA-) Cl, 10 glucose, and 10
HEPES adjusted to pH 7.4 with TEA-OH. Electrophysiolog-
ical recordings were performed using an EPC-10/2 ampli-
fier controlled by PatchMaster software (HEKA, Freiburg,
Germany). FitMaster software (HEKA, Freiburg, Germany)
was used for offline data analysis. Currents were low-pass
filtered at 2–5 kHz. A T-type calcium current was evoked
by step pulse to −45mV for 500ms after preconditioning
at potential of −95mV for 3 s. Bath application of Tyrode’s
solution supplemented with capsaicin (2𝜇M)was used to test
capsaicin sensitivity at the end of experimental procedure.
Multiple independently controlled glass syringes served as
reservoirs for a gravity-driven local perfusion system. All
drugs were prepared as stock solutions: capsaicin (10mM)
in DMSO, Ni2+ (100mM), and mibefradil (5mM) in H

2
O.

Drugs were freshly diluted to the appropriate concentrations
at the time of experiments. All chemicals were obtained from
Sigma (St. Louis, MO) unless otherwise noted.

2.7. Analysis. Statistical comparisons were performed using
unpaired Student’s 𝑡-test, one-wayANOVA, andFisher’s exact
test. All quantitative data are expressed as means of multiple
experiments ± SEM. The amplitude of T-type current was
measured as a difference between the current peak value and
the current value at the end of a depolarizing command pulse
in order to avoid a residual HVA current. Activation and
inactivation kinetics were estimated for each recorded T-type
current as time constants of two-exponential fit from 10% of
amplitude at rising part to the end of an evoking step. Voltage
dependencies of activation and steady-state inactivation were
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described in a standard way [27] using single Boltzmann
distributions of the following forms:

activation 𝐺 (𝑉)
𝐺max
=

1

1 + exp (− (𝑉 − 𝑉
1/2
) /𝑘)
,

inactivation 𝐼 (𝑉)
𝐼max
=

1

1 + exp ((𝑉 − 𝑉
1/2
) /𝑘)
,

(1)

where conductance (𝐺(𝑉)) was defined as PCD/(𝑉 − 𝐸
𝑟
)

(PCD is a peak current density defined as 𝐼peak/𝐶𝑚 and (𝑉−𝐸𝑟)
is an electrodriving force for a membrane potential (𝑉) and
a reversal potential (𝐸

𝑟
) obtained from interpolation of 𝐼(𝑉)

dependence); 𝐺max is the maximal conductance and 𝐼max is
themaximal peak current amplitude;𝑉

1/2
is a voltage atwhich

half of the current is activated or inactivated, and 𝑘 represents
the slope factor of voltage dependence. The fitted values for
𝑉
1/2

and 𝑘 are reported with 95% linear confidence limits.

3. Results

3.1. Different Types of PDN Induced by STZ Diabetes. Three
days after diabetic induction by an injection of STZ, most
(70%) rats developed strong hyperglycemia (mean glucose
concentration 29 ± 2mM) and were considered diabetic. As
reported previously [27], within 6-7 weeks after injection
of STZ, hyper-, hypo-, and normalgesic types of PDN were
present in the population of STZ diabetic rats that was deter-
mined based on changes in a paw withdrawal latency (PWL).
The animals were considered as thermally hyperalgesic if
their PWL was less than 8.9 s, hypoalgesic if it was longer
than 15.5 s, and normalgesic in any other cases (unchanged
response, PWLwithin 8.9÷ 15.5 s) [27]. Animalswith thermal
hyperalgesia (𝑛 = 12), normalgesia (𝑛 = 8), and hypoalgesia
(𝑛 = 9) were selected from the population of rats with 6-
7 weeks of STZ-induced diabetes. The averaged PWLs for
hyper-, hypo-, and normalgesic groups were 7.7±0.3 s, 17.4±
0.5 s, and 12.4 ± 0.7 s, correspondingly, while the averaged
PWL in control was 12.0 ± 0.7 s (𝑛 = 10). In agreement with
the previous study [27], the blood glucose level of diabetic
animals was significantly different from that of the control
rats. However, no significant differences in the blood glucose
level and body weight were observed between experimental
rats of different diabetic groups (data not shown).

Thus, simultaneous presence of hyper-, norm-, and
hypoalgesic animals was confirmed within the population
of rats with 6-7 weeks of STZ-induced diabetes. These
three animal groups together with control animals were
further used to analyze whether there were thermal C-fiber
nociceptive neurons specifically expressing fast or slow T-
currents and whether there are some changes in expression
of these currents associated with the different types of PDN
induced by type 1 diabetes.

3.2. NTCN Neurons Expressing Fast or Slow T-Type Ca2+
Currents. T-current was recorded in nonpeptidergic thermal
C-type nociceptors (NTCN) [32] that are strongly involved
in thermal pain sensitivity [33] and neuropathic pain [34,

35]. To separate these neurons from other types of small-
size DRG neurons, a population of freshly isolated cells was
stained with isolectin B4 (IB4) [37] for in vitro labeling of
nonpeptidergic neurons [32]. IB4-positive small-size neu-
rons (Figure 1(a) (A)) were held in a voltage clamp mode
at −60mV and challenged with TRPV1 channels agonist,
capsaicin. Neurons which responded to capsaicin application
(2 𝜇M, 15 s) with an inward current (Figure 1(a) (B)) were
considered as NTCN neurons.

T-current was recorded in these neurons using a voltage
step to−45mVafter preconditioning at−95mV. Its kinetics of
inactivation (𝜏in)was calculated as a time constant of a single-
exponential fit of decay. A strong variability of time constant
values was observed within the population of neurons under
study allowing suggesting that fast and slow T-current could
be specifically expressed in different neurons (Figure 1(b)).
A pooled distribution of 𝜏in values was built for T-currents
recorded in neurons taken from control (𝑛 = 43), hyper-
(𝑛 = 15), hypo- (𝑛 = 14), and normalgesic (𝑛 = 14) animals
(Figure 1(c)) to statistically test whether different T-currents
were expressed in the NTCN neurons. The distribution of 𝜏in
values was strongly right-skewed. A Shapiro-Wilk normality
test also indicated that it was not Gaussian (𝑃 < 2 ⋅ 10−6). At
the same time, the distribution was reasonably fitted by two
Gaussians (Figure 1(c)) suggesting the division the T-current
into fast (𝜏in < 50ms) and slow (𝜏in > 50ms) subtypes.
The average 𝜏in of the slow T-current was almost three times
larger than the one of the fast T-current (Figure 1(d); Table 1).
Surprisingly, in the control group a peak current density
(PCD) of the slow T-current was almost twice as large as
the fast one (Figure 1(e); Table 1; 𝑃 < 0.001). Since slower
decay kinetics was observed in neurons having larger PCD,
this slower decay could be due to a voltage clamp problem
rather than due to a difference in T-type channel gating. If
this were the case, positive correlation between the T-current
amplitude and kinetics of inactivation should be observed
within neuronal populations expressing both fast and slow
T-currents. However, no significant correlation was found
between PCD and 𝜏in of fast and slow T-currents in the
control group (Figure 1(f)), suggesting that the difference
in 𝜏in between fast and slow T-currents was not an artifact
of poor voltage clamp. Moreover, there was no significant
difference in macroscopic activation kinetics between fast
and slow T-currents (Table 1) which also confirmed that
it is a difference in T-type channel gating that underlies
fast and slow kinetics of the T-current. Thus, two groups
of neurons were identified among the whole population
of NTCN neurons based on their difference in T-current
inactivation. It is also interesting to note that capacitance of
cells expressing the slow T-current was significantly smaller
(about 30%) than those expressing the fast T-current (Table 1;
𝑃 < 0.01). This also suggests that two different neuronal
groups express different T-currents.

3.3. Ca
𝑣
3.2 (𝛼1H) Isoform of T-Type Channels Differently

Contributes to Fast and Slow T-Type Ca2+ Currents Expressed
in NTCN Neurons. Cav3.2 isoform of T-type channels is
the most abundantly expressed in DRG neurons [26] and
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Figure 1: NTCN neurons express both fast and slow T-currents. (a) Identification of NTCN neurons. (A) A typical fluorescent image of an
IB4-positive small-size DRG neuron. Note the intensive fluorescent ring associated with the neuronal plasma membrane. Scale bar, 20 𝜇m.
(B) A typical trace of transmembrane current induced by application of capsaicin (2 𝜇M) in IB4-positive small-sized DRG neuron. IB4-
positive capsaicin-sensitive small size DRGneurons were further considered as nonpeptidergic thermal C-type nociceptive (NTCN) neurons.
(b) Representative current traces illustrate expression of T-currents with fast and slow kinetics of inactivation in different NTCN neurons.
Currents were elicited using a 0.5 s voltage step to −45mV after preconditioning at −95mV for 3 s. A grey inset shows the same currents
normalized by amplitude to underline a difference in kinetics of current inactivation. (c) A histogram demonstrates a pooled distribution of
inactivation time constants of T-currents recorded from 85 neurons of control and PDN groups. The time constants were calculated from a
single-exponential fit of current decay. A smooth curve is a fit of the distribution by a sum of two Gaussians. According to this fit T-currents
were divided into fast (𝜏in < 50ms; white bars) and slow (𝜏in > 50ms; black bars) subtypes. (d) Kinetics of inactivation of fast and slow T-
currents in control and PDN groups. Each column is the mean and SEM from the number of neurons specified in Figure 2(a). No significant
difference compared to control was revealed under PDN conditions in kinetics of inactivation for both fast and slow T-currents. (e) Peak
current density (PCD) of fast and slow T-currents under the control conditions. The columns are the mean and SEM calculated from 31 fast
and 12 slow T-currents. ∗∗∗𝑃 < 0.001. (f) PCD plotted versus inactivation time constant for fast and slow T-currents recorded under the
control conditions. No significant correlations were found for both current types indicating that the difference in inactivation between fast
and slow T-currents was not due to voltage clamp problems. Lines were liner fits of the dependencies; 𝑅2 as a measure of correlation is shown
in the plot.
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Table 1: Parameters of fast and slow T-currents in NTCN neurons.

Control

𝐶, pF T-current parameters at −45mV
Peak current
density, pA/pF

Time constant of
activation, ms

Time constant of
inactivation, ms

Fast Slow Fast Slow Fast Slow Fast Slow
18.8 ± 1.0 12.8 ± 1.5 2.8 ± 0.3 5.2 ± 0.5 6.6 ± 0.6 7.2 ± 0.8 26 ± 2 76 ± 5

Diabetes
Hyperalgesia 15.5 ± 1.4 4.4 ± 0.4 5.0 ± 0.9 27 ± 4

Hypoalgesia 17.9 ± 1.0 17.7 ± 1.0 2.6 ± 0.4 2.0 ± 0.6 7.7 ± 1.6 6 ± 1 27 ± 3 66 ± 4

Normalgesia 2.6 ± 2.2 13.3 ± 1.0 2.5 ± 0.5 1.9 ± 0.5 6.1 ± 0.7 3.2 ± 0.3 23 ± 2 66 ± 8

mediates the most part of T-current in NTCN neurons [27].
However, it has been reported recently that Cav3.3 can also
perceptibly contribute to the T-current in a subpopulation of
small DRG neurons resulting in slower inactivation of the
T-current these neurons express [28]. In order to examine
a functional contribution of Cav3.2 channels to the fast
and slow T-currents in NTCN neurons of naive animals we
used low micromolar concentrations of Ni2+ known to be a
specific blocker of Cav3.2 isoform with no significant effect
on Cav3.1 and Cav3.3 T-type channel subtypes [13, 38]. A
specific T-type channel blocker mibefradil [13], which is not
subunit specific, was additionally used to confirm that an
electrophysiologically isolated LVA current is mediated by T-
type channels.

As expected, Ni2+ at low micromolar concentration
(50𝜇M) significantly and reversibly blocked both fast and
slowT-currents (𝑃 < 0.001, Figure 2(a)). At the same time the
fast T-current was significantly more sensitive to Ni2+ than
the slow one (18 ± 3% (𝑛 = 6) compared to 28 ± 1% (𝑛 = 3) of
initial current persisted for the fast and slowT-currents, resp.)
(𝑃 < 0.02, Figure 2(c)). This finding points to a significantly
larger contribution of Cav3.2 isoform to the fast than to the
slowT-current.There was no significant difference in kinetics
of inactivation between Ni2+-sensitive (27 ± 2ms) and Ni2+-
insensitive (30 ± 2ms) components of fast T-current as well
as the fast T-current itself (26 ± 2ms; ANOVA, 𝑃 = 0.6;
insets in Figures 2(a) and 2(b)). It is interesting to note that
kinetics of inactivation of Ni2+-sensitive component of slow
T-current (32 ± 2ms) was not significantly different from
those of Ni2+-sensitive component of fast T-current and the
fast T-current itself (ANOVA, 𝑃 > 0.3; Figures 2(b) and
2(e)), suggesting that this component is also mediated by
Cav3.2 isoform. In contrast, kinetics of inactivation of Ni2+-
insensitive component of slow T-current (Figure 2(a), right
inset) was 1.78 ± 0.03-fold slower than one of the total slow
T-current. This ratio was significantly different compared to
the respective ratio calculated for the fast T-current (1.15 ±
0.10; 𝑃 < 0.01; Figure 2(d)). In addition, for the slow T-
current, Ni2+-insensitive component was substantially and
significantly slower (2.69± 0.12 times) than theNi2+-sensitive
one (𝑃 < 0.001; Figure 2(b), right inset), suggesting that these
components are mediated by different T-channel isoforms.
Altogether these results confirm our earlier suggestion about
a significantly larger contribution of Cav3.2 isoform to the
fast than to the slow T-current. Finally, mibefradil (10 𝜇M)

blocked 93 ± 3% and 93 ± 1% of fast and slow T-currents,
respectively. The effect was significant (𝑃 < 0.001) with no
significant difference between the fast and slow T-currents
(𝑃 = 0.95), thus providing additional pharmacological
confirmation that recorded fast and slow currents were
mediated by T-channels.

Taken together these findings demonstrate significantly
different pharmacological properties of T-channels mediat-
ing the fast and slow T-currents in NTCN neurons.While the
major part of both the fast and slow T-currents seems to be
mediated by Cav3.2 T-type channel isoform, a considerable
contribution of the other T-channel isoforms was established
for the case of slow T-current.

3.4. PDN-Specific Functional Expression of Fast and Slow
T-Currents in NTCN Neurons. In the next phase of our
research, we determined whether the NTCN neurons with
the slow T-current were present under diabetic conditions
and whether their percentage was differentially changed in
animals with different types of PDN. We demonstrated that
NTCN neurons of hypo- and normalgesic animals expressed
either slow or fast T-currents, as was observed in control
conditions (Figure 3(a)). The slow T-current was found in
about 30% of the neurons in each of these diabetic groups
with no significant differences in their fraction between
both these groups and control (𝑃 > 0.05, Fisher’s exact
test). This suggests that the distribution of slow and fast T-
currents among NTCN neurons was not affected in hypo-
and normalgesic PDN. In contrast, the NTCN neurons of
hyperalgesic rats only expressed the fast T-current (15 of 15
tested cells; Figure 3(a)). The percentage of NTCN neurons
expressing the slow T-current differed significantly between
hyperalgesic and control groups (𝑃 < 0.05, Fisher’s exact
test), suggesting specific abolishment of the slow T-current
or elimination of the respective NTCN neurons under
hyperalgesic PDN. Under diabetic conditions we did not
observe a difference in capacitance between NTCN neurons
expressing the slow and fast T-currents in the hypoalgesic
group. However, a significant difference in capacitance was
preserved in normalgesic group (Table 1; 𝑃 < 0.01) as was
initially established for the neurons of the control group.

In addition, we analyzed possible effects of differential
diabetes development under different PDN on functional
expression of fast and slow T-currents. We calculated the
PCD of fast and slow T-currents and compared these
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Figure 2: Fast and slow T-currents expressed by NTCN neurons reveal different sensitivity to low Ni2+ concentration. (a) Representative
current traces illustrate effect of Ni2+ application to NTCN neurons of naive rats expressing fast (left) and slow (right) T-currents. Initial
(total) T-current traces are shown in black while grey traces represent a residual Ni2+-insensitive component of T-current persisted during
Ni2+ application. Note the considerably larger blocking effect of Ni2+ application on the fast compared to slow T-currents. Insets show the
total and Ni2+-insensitive currents normalized by their amplitudes in order to directly compare their inactivation kinetics further shown in
(c). Note the slower inactivation of Ni2+-insensitive component compared to the total current for the case of slow T-current. Scale bars shown
in (a) are applicable to all current traces in (a) and (b). (b) Representative traces for a Ni2+-sensitive component of fast (left) and slow (right)
T-currents were obtained by digital subtraction of the Ni2+-insensitive component from the total T-current for traces shown in (a). Insets
demonstrate normalized Ni2+-sensitive (gray) and Ni2+-insensitive (black) components. Note the absence of visible difference in kinetics of
inactivation between these components of the fast T-current and a substantially slower Ni2+-insensitive component as compared to the Ni2+-
sensitive one for the case of slow T-current. (c) Fractions of Ni2+-insensitive component in the fast and slow T-currents were significantly
different. ∗-𝑃 < 0.05. (d) A ratio of inactivation kinetics of Ni2+-insensitive component and the total T-current for NTCN neurons expressing
the fast and slow T-currents. There were no significant changes observed in the case of fast T-current (𝑃 > 0.4), while the inactivation
kinetics of Ni2+-insensitive component of slow T-current was significantly slower compared to the inactivation kinetics of the total current.
∗∗-𝑃 < 0.01. (e) Inactivation kinetics of Ni2+-sensitive components of fast and slow T-currents. n.s.: no significant difference was revealed
between the inactivation kinetics of Ni2+-sensitive components of the fast and slow T-currents (𝑃 > 0.3). Each column in (c), (d), and (e) is
the mean and SEM from 6 fast and 3 slow T-currents.
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Figure 3: Functional expression of fast and slow T-currents in NTCN neurons under different PDN conditions. (a) Percentage of NTCN
neurons revealing the slow T-current in control (C), hyper- (D+), hypo- (D−), and normalgesic (Dn) groups. The slow T-current was not
observed under hyperalgesic conditions, ∗𝑃 < 0.05 (Fisher’s exact test). The numbers above the columns indicate the number of NTCN
neurons expressing the slow T-current of the total number of tested neurons in the respective group. (b) PCD of fast and slow T-currents
under the control and PDN conditions. It is interesting to note that the fast T-current was upregulated in hyperalgesic conditions while
the slow T-current was strongly downregulated in norm- and hypoalgesia. Each column was the mean and SEM from number of neurons
specified in (a). ∗∗𝑃 < 0.01 (ANOVA). n.s.: not significant (ANOVA).

pairwise between control, hyper-, hypo-, and normalgesic
animal groups. It was found that PCD of fast T-current
was substantially and significantly increased only in the
hyperalgesic group (by 60 ± 20%) compared with the control
group, while no significant changes were observed in hypo-
and normalgesic diabetic groups (Figure 3(b); Table 1). At
the same time, the slow T-current, absent in the NTCN
neurons under hyperalgesia, was significantly decreased in
the hypo- (by 61± 12%) and normalgesic (by 64± 10%) groups
compared with the control group (Figure 3(b); Table 1). It is
interesting to note that the PCD of slow and fast T-currents,
which were significantly different in the control group, did
not differ in the neurons of hypo- and normalgesic diabetic
groups (Figure 3(b); Table 1) indicating an increased relative
contribution of the fast T-current in neuronal Ca2+ signaling.

3.5. PDN Alters Biophysical Properties of Fast and Slow T-
Currents in NTCN Neurons. Changes in biophysical proper-
ties of T-channels may substantially influence the neuronal
excitability [39]. Moreover, changes in voltage-dependent
activation and steady-state inactivation (SSI) of T-channels
have been recently reported for different types of PDN
[27]. Therefore, the biophysical properties of fast and slow
T-currents were also examined in NTCN neurons under
different types of PDN (Table 2). We found that the voltage-
dependent activation and SSI of fast and slowT-currents were
not significantly different in control conditions (ANOVA,
𝑃 > 0.2) (Table 2). We also determined that macroscopic
activation and inactivation kinetics of the fast T-current were
not significantly different betweenNTCNneurons of control,
hyper-, hypo-, and normalgesic groups (Table 2; ANOVA,

𝑃 > 0.3). Analogous results were obtained for the slow T-
current recorded in control, hypo-, and normalgesic groups
of rats (Table 2; ANOVA, 𝑃 > 0.05). Our results suggest
that activation and inactivation kinetics of fast and slow
T-currents were not significantly affected under different
types of PDN compared to control. No significant differences
were also found in the half-activation potentials and slope
factors of T-current activation and inactivation between any
of the groups (control and all PDN) and in the current
type (fast or slow) T-currents (Table 2; ANOVA, 𝑃 > 0.5).
At the same time, the voltage-dependence of SSI revealed
a significant depolarizing shift (about 8mV) in the half-
inactivation potential of the fast T-current under hyperalgesia
and of the slow T-current under hypo- and normalgesia
(Figure 4) (ANOVA, 𝑃 < 0.02), compared with the control
group,Thus, activation properties of T-type channels seemed
to be unaffected under PDN conditions. In contrast, SSI of
slow and fast T-type currents was found to be specifically
shifted in a similar way in NTCN neurons expressing slow
T-current under hypo- and normalgesic PDN and fast T-
current under hyperalgesic PDN.

Accordingly, we have found that two different sub-
types of T-type currents distinguished by their inactivation
were specifically altered under hyper-, hypo-, and normal-
gesic STZ-diabetic neuropathy with a prominent difference
between patterns of changes observed in hyperalgesia versus
hypo- and normalgesia.

4. Discussion

Recently it has been demonstrated that differences in ther-
mal pain sensitivity between hyperalgesic, hypoalgesic, and
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Table 2: Parameters of T-current activation and steady-state inactivation.

Control

Steady-state inactivation Activation
𝑉
1/2
, mV 𝑘, mV 𝑉

1/2
, mV 𝑘, mV

Fast Slow Fast Slow Fast Slow Fast Slow
−90 ± 2 −88 ± 4 5.9 ± 0.6 5.7 ± 0.7 −49.3 ± 1.3 −46 ± 2 5.1 ± 0.7 5.7 ± 1.2

Diabetes
Hyperalgesia −81.3 ± 1.7 6.0 ± 0.2 −48.9 ± 1.6 5.2 ± 0.3

Hypoalgesia −96 ± 4 −82 ± 2 4.3 ± 1.6 5.3 ± 0.5 −50 ± 4 −49.9 ± 1.7 7 ± 3 4.1 ± 0.8

Normalgesia −85 ± 2 −80.1 ± 1.0 5.6 ± 0.4 6.4 ± 0.2 −51.7 ± 1.4 −49 ± 2 6.3 ± 0.9 5.9 ± 0.8
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Figure 4: PDN-specific changes in steady-state inactivation of T-
currents in NTCN neurons. Each column demonstrates the mean
and SEM of half-inactivation potential of steady-state inactivation
(SSI) calculated for 13 “fast” and 7 “slow” neurons of control group
(C), 7 neurons of hyperalgesic group (D+), 5 “fast” and 3 “slow”
neurons of hypoalgesic group (D−), and 8 “fast” and 4 “slow”
neurons of normalgesic group (Dn). The results demonstrate that
a depolarization shift in SSI was observed for the fast T-current
in a case of hyperalgesia and for the slow T-current in norm- and
hypoalgesia. ANOVA between all columns produced 𝑃 < 0.02.
∗∗∗
𝑃 < 0.001 (𝑡-test for merged “C, fast,” “C, slow,” and “D−, fast,”

“Dn, fast” versusmerged “D+, fast,” “D−, slow,” and “Dn, slow”). n.s.:
not significant (ANOVA).

normalgesic diabetic rats are likely due to differential changes
in the functioning of TRPV1 and T-channels within a
pool of NTCN neurons [27], a subclass of nonpeptidergic
primary nociceptors terminating in lamina II and playing
an important role in neuropathic pain [32]. In this study,
functioning of T-channels in NTCN neurons was further
investigated using the same experimental model of STZ-
induced diabetic neuropathy. To our knowledge, this is the
first study demonstrating that T-channels underlying fast and
slow LVA Ca2+ currents are heterogeneously expressed in
NTCNneurons and are specificallymodulated under thermal
hyper-, hypo-, and normalgesia accompanying STZ diabetes.
Our results provide better understanding of potential molec-
ular mechanisms involved in the expression of different types
of PDN.

As in humans, development of PDN in rats is accom-
panied with various alterations in pain sensation (hyper-

and, hypoalgesia, and allodynia) or leaves pain sensation
unchanged (normalgesia) [2–5]. These alterations can be
considered as a manifestation of different types of PDN
[27]. In the current study, STZ-diabetic rats revealing dif-
ferent modalities of thermal nociception and simultaneously
having the same age and terms of diabetes development
were used as a model for the investigation of PDN-type-
specific remodeling of T-type Ca2+ channels involved in
nociception. No difference was observed in blood glucose
levels and weight between rats with different modalities of
thermal nociception, which suggests that the PDN-type-
specific remodeling of T-type Ca2+ channels found in this
work is unlikely due to a different metabolic state of the
experimental animals and is probably directly related to a
particular type of PDN.

4.1. NTCN Neurons Expressing Fast and Slow T-Currents.
Small DRG neurons differ in the biophysical properties of
expressed T-currents. About 65% of small DRG neurons
express a fast inactivating T-current having biophysical and
pharmacological properties resembling those of a current
mediated by the T-channels of Cav3.2 subtype [28, 30]. At
the same time the other 35% of the neurons express a slowly
inactivating T-current consisting of two pharmacologically
separable components. This has been attributed to a different
Cav3 subunits composition expressed by these neurons [28].
Therefore, a heterogeneous population of small DRGneurons
can be divided into two classes [28] that can be in particular
distinguished by a rate of T-current inactivation. Differ-
ences in sensitivity to capsaicin and mechanical stimulation
between these two classes of small DRGneurons [28] allowed
assuming that these neurons might also be functionally dif-
ferent. According to our results, NTCN neurons may be also
divided into two classes characterized by the expression of
either a fast or slow T-current, correspondingly. The fraction
of “slow” neurons (∼30%) observed in our experiments is
also close to the reported one for the whole population of
small DRG neurons [28]. The “slow” neurons were slightly
(∼30%) but significantly smaller and exhibited significantly
lager (∼2-fold) T-currents than “fast” ones, which is also in
good agreement with previous findings [28].

4.2. T-Type Ca2+ Channels Mediating Fast and Slow T-
Currents. Adifference in kinetics of inactivation between the
fast and slow T-currents observed in this research could arise
from differential expression of various isoforms of T-type
channels. Indeed, two isoforms of T-type channels, Cav3.2
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and Cav3.3, have found to be expressed in DRG neurons
[26, 40]. Cav3.2 is the most abundant isoform [26] both
within the soma and peripheral axons of small and medium
DRG neurons [41] and it mainly underlies the T-type current
in small [20] (including NTCN [27]) and medium [25] DRG
neurons, classically considered as nociceptive. Coste et al.
have recently suggested that a proportion of small DRG
neurons functionally express the Cav3.3 isoform [28]. The
T-currents mediated by the Cav3.2 channels are known to
have fast inactivation (𝜏inact ∼ 20ms) while the Cav3.3-
mediated current exhibits substantially slower kinetics of
inactivation (𝜏inact ∼ 70ms) [13, 38]. These data are in a good
agreement with our results in respect of inactivation time
constants of fast and slow T-currents and suggest that the
fast T-currentmight bemediated byCav3.2 channels, whereas
Cav3.3 channels may contribute to the slow T-current.

Previous findings indicate that blockers of Cav3.2 chan-
nels substantially suppress T-currents in the whole popu-
lation of small DRG neurons, including the NTCN ones
[20, 27]. In this study Ni2+ at a low micromolar concen-
tration also significantly blocked both fast and slow T-
currents (Figure 2(a)), suggesting high contribution of Cav3.2
to both of them. At the same time the fast T-current was
found to be significantly more sensitive to Ni2+ than the
slow one (Figure 2(c)). Together with the slower kinetics of
inactivation of Ni2+-insensitive compared to Ni2+-sensitive
component of the slow T-current (Figure 2(b), right inset)
this finding additionally confirms a contribution of Cav3.3
channel isoform to the slow T-current.

It was found in this study that 82% of fast T-current was
blocked by 50 𝜇MofNi2+.This value is close to 81% calculated
for Ni2+-induced block of Cav3.2-mediated current based
upon IC

50
= 10.3 𝜇M and 𝑛 = 0.9 reported in [25]. It

allows us to assume that the fast T-current is solely mediated
by Cav3.2 channel isoform (including 18% of the residual
current observed in the presence of 50 𝜇M of Ni2+). This
assumption is strongly supported by the fact that the kinetics
of inactivation of the fast T-current itself as well as its Ni2+-
sensitive and Ni2+-insensitive components seems to be the
same (insets in Figures 2(a) and 2(b)). If the same extent of
Ni2+-induced block of Cav3.2-mediated current is present in
the slow T-current then one can estimate from Figure 2(c)
that Cav3.3 channel isoform contributes about 12% to an
amplitude of the slow T-current. This value is close to 15%
observed by Coste et al. for Cav3.3-mediated current in a
proportion of smallDRGneurons [28]. It is interesting to note
that, despite a relatively low contribution to the amplitude,
Cav3.3 isoform accounts for about 30% of charge transferred
by the slow current since kinetics of inactivation of Cav3.3-
mediated current is at least 2.69 times slower (Figure 2(b)).
Thus, it seems very likely that coexpression of Cav3.2 and
Cav3.3 isoforms of T-channels underlies the slow T-current
in a subpopulation of NTCN neurons. At the same time,
according to our and others’ results [28], the NTCN neurons
may hardly express the Cav3.3 channel isoform alone.

A difference in kinetics of inactivation between the fast
and slow T-currents could be also explained by expression of
Cav3.2 splice variants having slower inactivation kinetics. It

might be a promising hypothesis since a high contribution of
Cav3.2 to both fast and slow T-currents is found in this study
(Figures 2(a) and 2(c)). However, the expected difference in
inactivation kinetics between the Cav3.2 splice variants [42]
is less than found between fast and slow T-currents in this
work and, therefore, could not completely account for the
experimental observations. At the same time, expression of
splice variants may partially contribute to the variations of
kinetics observedwithin the fast and slow types of T-currents.

Thus, expression of various T-type channel isoforms
possibly in concert with their different splice variants may
account for the difference in inactivation kinetics between the
fast and slow T-currents found in this work. Most probably, a
population ofNTCNneurons consists of twodifferent classes.
One of them solely expresses Cav3.2 channels mediating the
fast T-current while the other one expresses a mixture of
Cav3.2 and Cav3.3 isoforms thus far producing the slow T-
current.

4.3. Fast and Slow T-Currents in NTCNNeurons under Differ-
ent Types of PDN. Differences in functioning of T-channels
in NTCN neurons have been recently proposed as an
important factor resulting in different modalities of thermal
nociception under STZ-induced diabetic neuropathy [27].
The importance of Cav3.2 channels in peripheral nociceptive
signaling was established previously, including a key role of
their upregulation in hyperalgesia under STZ diabetes and
chronic constrictive injury [16–25, 43–48]. Although changes
in Cav3.3 functional expression have not been documented
under PDN, upregulation of Cav3.3 was recently implicated
in the sensitization of small DRG neurons, which possibly
underlies hyperalgesia in the model of spinal nerve injury
[40].

Absence of “slow” NTCN neurons, most probably
expressing both Cav3.2 and Cav3.3 channels, under hyper-
algesic PDN seems to be the very interesting finding of this
work. It is hardly related to diabetes-induced death of these
neurons since, to the best of our knowledge, no substantial
damage of small DRG neurons has been reported at 6-7
weeks of STZ-induced diabetes. At the same time, diabetes-
induced upregulation of Cav3.2 channels simultaneously
with downregulation of Cav3.3 channels may substantially
accelerate inactivation of the total T-current. In this case,
NTCN neurons still expressing a mixed set of Cav3 chan-
nels could be classified as “fast.” This seems to be a quite
realistic scenario since significant upregulation of the Cav3.2
channels is a common feature of hyperalgesic PDN [20, 25,
27, 45]. Our findings of a significant increase of T-current
in “fast” (presumably Cav3.2 expressing) NTCN neurons
under hyperalgesic conditions and a significant decrease
of T-current in “slow” NTCN neurons under norm- and
hypoalgesic conditions also support this explanation. Cav3.3
downregulation could be, in general, a common feature of
all types of PDN observed in this study. This is supported by
our findings of the absence of slow T-current in hyperalgesic
animals and its significant decrease in hypo- and normalgesic
rats. It is interesting to note that unchanged kinetics of slow
T-current inactivation together with its decrease in hypo-
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and normalgesic rats suggests downregulation of both Cav3.3
and Cav3.2 channels in the neurons expressing the slow T-
current without changes in a ratio between Cav3.2 and Cav3.3
channels. At the same time, no significant changes in the T-
current were observed in “fast” NTCN neurons of hypo- and
normalgesic rats, suggesting different sensitivity of T-channel
modulation in “fast” and “slow” NTCN neurons during the
progress of STZ diabetes.

Another interesting finding of the current study is a depo-
larizing shift in voltage dependence of inactivation under
STZ-induced diabetes. A similar shift in a half-inactivation
potential was also reported in our previous study [27]. The
novel finding of the current study is that the shift was
observed only in the “fast” NTCN neurons of hyperalgesic
rats and “slow” NTCN neurons of hypo- and normalgesic
rats. The shift may contribute to an increase in neuronal
excitability [39] of NTCN neurons possibly underlying ther-
mal hyperalgesia under STZ diabetes [27].

Functional expression of different Cav3 channels may
influence Ca2+ signaling associated with different neuronal
activities due to specific biophysical properties of these
channels. Cav3.2 channels were shown to be underlying
after depolarization potentials and participating in rebound
discharge in medium [25] and T-rich [49] DRG neurons.
However, relatively fast inactivation and slow recovery from
inactivation limit the ability of Cav3.2 channels to respond
to high frequency stimulation (>20Hz). The role of Cav3.3
channels was not profoundly studied in peripheral sensory
neurons. At the same time it was shown that slowly inac-
tivating Cav3.3 channels can still contribute to Ca2+ entry
during high frequency bursts (100Hz) and slow, prolonged,
or repetitive stimulations [50, 51] when Cav3.2 channels
already became inactive. It seems reasonable to assume that,
in “slow” NTCN neurons, Cav3.3 channels play similar role,
being a sensor of high frequency bursting and slow, pro-
longed, or repetitive nociceptive input, thus mediating Ca2+
entry in response to such activities. Taken together, these
considerations allow us to suggest the following functional
consequences of observed changes in T-channels function-
ing. An almost 2-fold increase in T-channel PCD together
with the shift of its half-inactivation potential in the NTCN
neurons of hyperalgesic animals may result in a considerable
functional upregulation of Cav3.2 channels, especially at the
resting membrane potential [27]. As a consequence, Ca2+
entry in response to each action potential and a probability
of rebound discharges are increased, thus far sensitizing the
NTCNneurons and contributing to the thermal hyperalgesia.
In contrast, decreased functional expression of both Cav3.2
and Cav3.3 channels in the “slow” NTCN neurons of hypo-
and normalgesic animals reduces neuronal excitability and
Ca2+ entry contributing to the diminished pain sensation.

5. Conclusions

Our results demonstrate that diabetes-induced alterations in
functioning of T-channels are different in the NTCNneurons

expressing fast and slow T-currents and are specifically
associated with different types of PDN that may underlie the
variety of pain syndromes induced by type 1 diabetes.
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Nitric oxide (NO) is an important signalingmolecule involved in nociceptive transmission. It can induce analgesic and hyperalgesic
effects in the central nervous system. In this study, patch-clamp recording was used to investigate the effect of NO on neuronal
excitability in substantia gelatinosa (SG) neurons of the spinal cord. Different concentrations of sodium nitroprusside (SNP; NO
donor) induced a dual effect on the excitability of neuronal membrane: 1mM of SNP evoked membrane hyperpolarization and an
outward current, whereas 10 𝜇M induced depolarization of the membrane and an inward current. These effects were prevented by
hemoglobin and 2-(4-carboxyphenyl)-4,4,5,5-tetramethylimidazoline-1-oxyl-3-oxide potassium salt (c-PTIO) (NO scavengers),
phenyl N-tert-butylnitrone (PBN; nonspecific reactive oxygen species scavenger), and through inhibition of soluble guanylyl
cyclase (sGC). Pretreatment with n-ethylmaleimide (NEM; thiol-alkylating agent) also decreased effects of both 1mM and 10 𝜇M
SNP, suggesting that these responses were mediated by direct S-nitrosylation. Charybdotoxin (CTX) and tetraethylammonium
(TEA) (large-conductance Ca2+-activated K+ channel blockers) and glybenclamide (ATP-sensitive K+ channel blocker) decreased
SNP-induced hyperpolarization. La3+ (nonspecific cation channel blocker), but not Cs+ (hyperpolarization-activated K+ channel
blocker), blocked SNP-inducedmembrane depolarization. In conclusion,NOdually affects neuronal excitability in a concentration-
dependent manner via modification of various K+ channels.

1. Introduction

Nitric oxide (NO) is a pivotal signaling molecule involved
in many diverse developmental and physiological processes
in the mammalian nervous system [1–3]. NO is biosyn-
thesized from L-arginine by specific neuronal and non-
neuronal forms of NO synthase [4, 5]. NO donors as well
as endogenously produced NO play a role in many physio-
logical processes, including smooth muscle relaxation, cel-
lular proliferation, apoptosis, neurotransmitter release, and
cell differentiation [6]. NO-induced effects are commonly
mediated through the following processes: increased cGMP
production upon activation of NO-sensitive soluble guanylyl
cyclase (sGC), S-nitrosylation, tyrosine nitration, and NO
interaction with superoxide (O

2

∙−) to form peroxynitrite
(ONOO−) [1, 7, 8].

Oxidative stress due to reactive oxygen species (ROS)
such as O

2

∙−, hydrogen peroxide (H
2
O
2
), NO, and ONOO−

interferes with normal cell function and can cause cell
damage. Moreover, ROS is associated with chronic pain,
particularly neuropathic and inflammatory pain [9, 10]. NO
has a dual role in the regulation of pain processes; it canmedi-
ate a nociceptive or induce an antinociceptive effect. Some
studies suggest that spinal NO is involved in the potentiation
of nociception. For example, it has been demonstrated that
nerve injury- or tissue inflammation-induced mechanical
hypersensitivity is reduced in nNOS knockout mice and
by intrathecal administration of nNOS inhibitors [11–13].
Furthermore, NO, produced in the NOS-containing spinal
cord neurons, plays a pivotal role in chronic pain [14, 15].

In contrast, other studies have shown that administra-
tion of NO donors can induce antinociceptive effects. For
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example, L-arginine and 3-morpholinosydnonimine (SIN-1;
NO donor), administered intracerebroventricularly to mice,
cause antinociception [16]. Intraplantar injection of sodium
nitroprusside (SNP), a substance which nonenzymatically
releases NO, also causes antinociception in rats [17].

The substantia gelatinosa (SG) of the dorsal horn is the
first site of synaptic transmission in the nociceptive pathway,
and it is an area vital for the integration and modulation
of the peripheral nociceptive input. Understanding neuronal
excitability in this area is fundamental to enhance our knowl-
edge on nociceptive neurotransmission. However, despite
many reports on the importance of NO in nociceptive pro-
cessing in the spinal cord, the effect of NO on the excitability
of spinal cord dorsal horn neurons remains unclear. In this
study, the effect of different concentrations of NO on the
membrane potential of SG neurons was investigated using
patch-clamp recordings from transverse slices of the spinal
cord.

2. Materials and Methods

2.1. Spinal Cord Slice Preparation. Sprague-Dawley rats (14–
18 days old) were first anesthetizedwith ether.The procedures
were approved by theUniversity ofWonkwangCommittee on
Ethics in the Care and Use of Laboratory Animals (WKU09-
076). Lumbosacral laminectomy was performed following
intraperitoneal administration of 25% urethane. The spinal
cord at spinal level L1-S3 was removed and placed in a
preoxygenated solution at 1-2∘C. Transverse spinal slices,
350 𝜇m thick, were prepared using a vibroslicer (752M,
Campden Instruments, Loughborough, UK) and incubated
at 32∘C for a recovery period of at least 1 h. Afterwards,
slices were transferred to a recording chamber mounted on
a upright microscope.

2.2. Solution and Drugs. The dissecting solution for the
spinal cord slice preparation was composed of (in mM)
252 Sucrose, 2.5 KCl, 0.1 CaCl

2
, 2 MgCl

2
, 10 Glucose,

26 NaHCO
3
, and 1.25 NaH

2
PO
4
. The extracellular fluid

used for the patch-clamp recording contained (in mM)
117 NaCl, 3.6 KCl, 2.5 CaCl

2
, 1.2 MgCl

2
, 1.2 NaH

2
PO
4
, 25

NaHCO
3
, and 11 glucose. It was continually aerated with 95%

O
2
/5% CO

2
, which kept the pH at approximately 7.4. The

pipette (internal) solution contained (in mM) 150 K-Glu, 10
Hepes, 5 KCl, 0.1 EGTA, 2 Mg-ATP, and 0.3 NaGTP. The
pH was adjusted to 7.3 by KOH. 1H-[1,2,4]oxadiazole[4,3-
𝛼]quinoxaline-1-one (ODQ) and glibenclamide were dis-
solved inDMSO toprepare a stock solution. SNP, hemoglobin
(Hb), 2-(4-carboxyphenyl)-4,4,5,5-tetramethylimidazoline-
1-oxyl-3-oxide potassium salt (c-PTIO), phenyl N-tert-
butylnitrone (PBN), ODQ, lanthanum chloride, cesium chlo-
ride, charybdotoxin (CTX), tetraethylammonium (TEA),
glibenclamide, apamin, and n-ethylmaleimide (NEM) were
obtained from Sigma-Aldrich (St. Louis, MO, USA).

2.3. Patch-Clamp Recording. Microelectrodes were prepared
from capillary glass tubes (TW150-3, WPI, USA) using
a microelectrode pipette puller (PP830, Narishige, Japan).

Patch pipettes, filled with the pipette solutions, were used
at a resistance ranging from 6 to 8MΩ. The substantia
gelatinosa of the spinal cord was viewed with an upright
microscope (BX50WI, Olympus, Japan). Membrane poten-
tial and current were recorded using an Axopatch 200B
(Axon Instruments, USA) amplifier that was connected to
a computer using an A/D converter (Digidata 1322A, Axon
Instruments, USA). Membrane potential recording and data
analyseswere performedusing pClamp software (Version 9.0,
Axon Instruments, USA). Generated currents were filtered
with a low-pass 8-pole Bessel filter at 2 kHz. All experiments
were performed at room temperature (22 ± 1∘C).

2.4. Fluorescence Imaging. For detection of nitric oxide,
spinal cord slices were incubated with 10𝜇M of 4-amino-
5-methylamino-2,7-difluorofluorescein diacetate (DAF-FM
DA) for 30 minutes at 32∘C. The slices were examined on
an inverted fluorescence microscope (LSM 510, Carl Zeiss,
Germany). Excitation wavelength was 488 nm, and emission
was measured at 515 to 565 nm. A time series was used to
record images every 30 s.

2.5. Data Analysis. Differences in drug effects were analyzed
using independent 𝑡-test and were considered significant
when 𝑃 < 0.05. Data are expressed as mean ± SEM.

3. Results

3.1. Effects of SNP (1mM and 10 𝜇M) on the Membrane
Excitability in Substantia Gelatinosa Neurons of the Spinal
Cord. During current-clamp recording, a high concentration
of SNP (1mM) induced membrane hyperpolarization (−7.5
± 1.0mV, 𝑛 = 62), whereas a low concentration (10 𝜇M)
induced membrane depolarization (4.4 ± 0.7mV, 𝑛 = 32)
(Figures 1(a) and 1(c)). When voltage clamp recording was
performed at a holding potential of −60mV, SNP (1mM)
induced an outward current (5.7 ± 0.6 pA, 𝑛 = 50), whereas
SNP (10 𝜇M) induced an inward current (−4.8 ± 1.1 pA, 𝑛 =
14) (Figures 1(b) and 1(d)). This suggests that SNP can elicit
dual effects on the membrane excitability of SG neurons in a
concentration-dependent manner.

3.2. Effects of NO Scavengers on SNP-Induced Membrane
Potential Changes. We next investigated the effects of NO
scavengers to determine whether the SNP-induced changes
in membrane potential were due to the release of NO
from the donor. SNP (1mM)-induced hyperpolarization is
significantly reduced in the presence of the NO scavengers,
Hb (50𝜇M) (−4.5 ± 0.9mV, 𝑛 = 8, 𝑃 < 0.05) and c-PTIO
(200𝜇M) (−3.7 ± 0.4mV, 𝑛 = 8, 𝑃 < 0.01) (Figures 2(a), 2(c),
and 2(g)). Furthermore, pretreatment with Hb (0.6 ± 0.6mV,
𝑛 = 6, 𝑃 < 0.001) and c-PTIO (1.4 ± 0.5mV, 𝑛 = 5, 𝑃 <
0.01) significantly inhibited SNP (10 𝜇M)-mediated depolar-
ization (Figures 2(b), 2(d), and 2(g)). Pretreatment with PBN,
the nonspecific ROS scavenger, significantly reduced SNP-
induced hyperpolarization (−2.2 ± 1.6mV, 𝑛 = 5, 𝑃 < 0.05)
(Figures 2(e) and 2(g)) as well as SNP-induced depolarization
(1.4 ± 0.4mV, 𝑛 = 5, 𝑃 < 0.001) (Figures 2(f) and 2(g)).These
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Figure 1: Effect of 1mM and 10𝜇M SNP on the membrane excitability in substantia gelatinosa (SG) neurons of the spinal cord. (a) Current-
clamp recording of membrane potentials of SG neurons showing the dual effect of SNP. SNP (1mM) induced membrane hyperpolarization,
whereas SNP (10 𝜇M) elicited membrane depolarization. (b) Representative current traces of SG neurons recorded at a holding potential of
−60mV. SNP (1mM) induced an outward current, whereas SNP (10 𝜇M) induced an inward current. (c) Bar graphs show the membrane
potential changes evoked by different concentrations of SNP. (d) Bar graphs show the amplitude of current changes induced by different
concentrations of SNP. Mean ± SEM.

results suggest that NO is released by SNP, which in turn
induces the changes in membrane excitability of SG neurons.

3.3. Fluorescence Response of NO in DAF-FM DA-Loaded
SG Neurons. The effect of SNP on NO production was
determined using the cell-permeable fluorescent probe,DAF-
FM DA. SNP is a donor of NO; thus, it can release NO,
which then reacts with DAF-FM to produce fluorescence.
Figure 3 shows changes in intracellular fluorescence intensity
over a time series of images taken every 30 s. Intracellular
NO production was induced during SNP perfusion for 5min.

IncreasedNOproduction (128.0± 6.1%, 𝑛 = 12)was inhibited
by the NO scavenger, Hb (50𝜇M) (92.0 ± 0.5%, 𝑛 = 5, 𝑃 <
0.05) (Figures 3(a), 3(b), and 3(d)), and the ROS scavenger,
PBN (2mM) (95.1 ± 2.1%, 𝑛 = 7, 𝑃 < 0.05) (Figures 3(a), 3(c),
and 3(e)).

3.4. Involvement of Soluble Guanylyl Cyclase in the SNP-
Induced Response. NO has been shown to activate sGC,
leading to an increase in cGMP levels. Thus, to determine
whether the effect of SNP was mediated by the activation
of sGC, ODQ (40 𝜇M), a selective sGC inhibitor, was used
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Figure 2: Effect of the NO scavengers on SNP-induced membrane potential changes. SNP (1mM)-induced hyperpolarization was decreased
by pretreatment with Hb (a) and c-PTIO (c). Hb (b) and c-PTIO (d) decreased SNP (10 𝜇M)-induced depolarization. (e) Pretreatment with
PBN inhibited SNP (1mM)-induced hyperpolarization. (f) PBN reduced SNP (10 𝜇M)-induced depolarization. (g) Summary of data obtained
under the control condition of SNP-induced responses and pretreatment with Hb, c-PTIO, and PBN. ∗Values are significantly different from
the control (SNP), based on independent 𝑡-test analysis (𝑃 < 0.05), ∗∗𝑃 < 0.01, ∗∗∗𝑃 < 0.001. Mean ± SEM.

in the presence of both concentrations of SNP (1mM and
10 𝜇M). Pretreatment with ODQ inhibited SNP (1mM)-
induced membrane hyperpolarization (−2.5 ± 0.9mV, 𝑛 = 6,
𝑃 < 0.01) (Figures 4(a) and 4(c)) as well as SNP (10 𝜇M)-
induced depolarization (1.5 ± 0.4mV, 𝑛 = 6, 𝑃 < 0.001)
(Figures 4(b) and 4(d)). These results suggest that the SNP-
activated signaling pathway is dependent upon sGC.

3.5. Effect of a Thiol-Modifying Agent on the SNP-Induced
Responses. A known alternative pathway for the biological
effects of NO is the direct S-nitrosylation of critical cysteine
thiol group(s) of target proteins [18]. To determine whether
the SNP-evoked responses involved the direct modulation of
membrane proteins by NO, we examined the effect of NEM,
which blocks sulfhydryl groups, on SG neurons. Membrane
hyperpolarization induced by SNP (1mM) was significantly
decreased by pretreatment with NEM (−4.4 ± 0.8mV, 𝑛 = 5,
𝑃 < 0.05) (Figures 5(a) and 5(c)). Depolarization by SNP
(10 𝜇M) was also significantly inhibited by the presence of
NEM (−0.1 ± 1.4mV, 𝑛 = 7, 𝑃 < 0.05) (Figures 5(b)

and 5(d)). Similar results were observed for voltage clamp
recordings. An inward current induced by SNP (10 𝜇M) and
an outward current induced by SNP (1mM) were inhibited
by pretreatment with NEM (data not shown). These results
indicate that SNP-induced responses are mediated via direct
S-nitrosylation of channel protein.

3.6. Involvement of Various K+ Channels on SNP-Induced
Membrane Hyperpolarization. Different mechanisms of NO-
dependent effects have been reported in the literature,
including the direct activation of K+ channels [1, 3, 19].
Therefore, we next determined the ion channels involved in
the SNP-induced hyperpolarization. Significant inhibition of
hyperpolarizationwas observed in the presence of CTX (−4.5
± 0.7mV, 𝑛 = 6, 𝑃 < 0.05) (Figures 6(a) and 6(e)) and TEA,
large-conductance Ca2+-activated K+ (BK) channel blockers
(−3.3 ± 0.7mV, 𝑛 = 10, 𝑃 < 0.01) (Figures 6(b) and 6(e)).
However, it was not significantly inhibited in the presence of
apamin, small-conductance Ca2+-activated K+ (SK) channel
blocker (−5.8 ± 0.7mV, 𝑛 = 6) (Figures 6(c) and 6(e)). In
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Figure 3: Fluorescence response of NO in DAF-FM DA-loaded spinal cord slices. (a) After addition of SNP (1mM), fluorescence intensity
increased. Hemoglobin (50𝜇M) (upper) and PBN (2mM) (lower) prevented the NO-induced fluorescence increase (scale bars: 50𝜇m). ((b),
(c)) Obtained images during the time series were shown for changes in fluorescence intensity within the regions of interest (ROI) (arrows
indicate ROI). ((d), (e))The results were quantitatively analyzed as percent units of DAF fluorescence of the control. ∗Values are significantly
different from the control (SNP), based on independent 𝑡-test analysis (𝑃 < 0.05). Mean ± SEM.
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Figure 4: Soluble guanylyl cyclase is involved in the SNP-induced responses. (a) SNP (1mM)-induced membrane hyperpolarization in SG
neurons was blocked by ODQ (40 𝜇M). (b) Membrane depolarization by SNP (10𝜇M) was inhibited by pretreated with ODQ. (c) Summary
data obtained under the control condition of 1mM SNP-induced hyperpolarization and pretreatment with ODQ. (d) Summary data obtained
under the control condition of 10 𝜇M SNP-induced depolarization and pretreatment with ODQ. ∗∗Values are significantly different from the
control (SNP), based on independent 𝑡-test analysis (𝑃 < 0.01), ∗∗∗𝑃 < 0.001. Mean ± SEM.

addition, membrane hyperpolarization was also significantly
inhibited by application of glibenclamide, an ATP-sensitive
K+ (KATP) channel blocker (−3.3 ± 0.5mV, 𝑛 = 6, 𝑃 <
0.001) (Figures 6(d) and 6(e)). These observations suggest
that NO generated its effect through the activation of various
K+ channels.

3.7. Involvement of a Nonspecific Cation Channel inMembrane
Depolarization Induced by SNP. Recently, it was reported

that SNP depolarizes the membrane potential of SG neu-
rons and that this effect is inhibited by the presence of
1mM Cs+ [20]. Based on this report, we tested whether
SNP-induced depolarization was caused by the activation
of hyperpolarization-activated K+ channel. Depolarization
induced by a low concentration of SNP (10 𝜇M) was not
inhibited by the presence of 1mM Cs+ (4.5 ± 0.7mV, 𝑛 = 7)
(Figures 7(a) and 7(c)). However, it was significantly blocked
by the presence of a nonspecific cation channel blocker,
lanthanum (1.4 ± 0.5mV, 𝑛 = 5, 𝑃 < 0.01) (Figures 7(b)
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Figure 5: Effect of NEM, a thiol-modifying agent, on SNP-induced membrane potential changes. (a) Membrane hyperpolarization, induced
by SNP (1mM), was decreased by the presence of NEM. (b) SNP (10𝜇M)-induced depolarization was decreased by the application of NEM.
(c) Summary of data obtained under the control condition of SNP-induced hyperpolarization and pretreatment with NEM. (d) Summary
of data obtained under the control condition of SNP-induced depolarization and pretreatment with NEM. ∗Values are significantly different
from the control (SNP), based on independent 𝑡-test analysis (𝑃 < 0.05). Mean ± SEM.

and 7(c)). These results suggest that depolarization induced
by a low concentration of SNP (10𝜇M) did not involve
hyperpolarization-activatedK+ channels but instead involved
activation of a nonspecific cation channel.

4. Discussion

NO donors as well as endogenously produced NO exert
various physiological effects, including smooth muscle relax-
ation, apoptosis, neurotransmitter release, and neurotoxicity

[6]. NO is produced in the spinal dorsal horn neurons in
response to extensive nociceptive input thereby contributing
to central sensitization and persistent pain [21, 22].

Recently, a dual effect of NO on pain transmission
was reported. Kawabata et al. [23] observed that NO
induces a nociceptive or antinociceptive effect in a dose-
dependent manner in mice. These authors demonstrated
that injection of a low dose of L-arginine enhanced the
nociceptive response, whereas administration of a high dose
suppressed the nociceptive effect. In contrast, Li and Qi
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Figure 6: Involvement of various K+ channels in SNP-induced membrane hyperpolarization. ((a), (b)) Changes in membrane potential
evoked by SNP (1mM) were significantly inhibited by CTX and TEA, BK channel blockers. (c) Membrane hyperpolarization was not
significantly inhibited by the presence of apamin, a SK channel blocker. (d) Membrane hyperpolarization was inhibited by application of
glibenclamide, a KATP channel blocker. (e) Bar graphs show the membrane potential changes elicited by application of various K+ channel
blockers. ∗Values are significantly different from the control (SNP), based on independent 𝑡-test analysis (𝑃 < 0.05), ∗∗𝑃 < 0.01, ∗∗∗𝑃 < 0.001.
Mean ± SEM.

[24] demonstrated that intrathecal administration of low
doses of L-arginine inhibited the nociceptive responses
evoked by the intraplantar injection of formalin in rats,
whereas high doses of the NO precursor increased this
response. Furthermore, using a model of neuropathic pain
in rats, Sousa and Prado [25] showed that intrathecal
administration of 3-morpholinosydnonimine (SIN-1), a NO
donor, produces a dual dose-dependent effect. These authors
reported that low intrathecal doses of SIN-1 reduced the
mechanical allodynia evoked by sciatic nerve ligation,
whereas higher doses enhanced the allodynia or had no
effect.

Pehl and Schmid [26] investigated the effects of different
NO donors on spontaneously active neurons in the rat spinal
cord using extracellular recording. They reported that NO
causes direct excitation or inhibition of the electrical activity
of spinal neurons. Discrepancies might be because of the
differences regarding the doses ofNOdonors, themodel used
for pain evaluation, and experimental animal used in the
studies [3]. Results, similar to those mentioned above, were
also demonstrated in the present study, whereby application

of different SNP concentrations produced a dual effect on the
membrane potential of the SG neurons (Figure 1).

ROS such as O
2

∙−, H
2
O
2
, NO, and ONOO− are closely

related to central sensitization [9, 10]. This study explored
whether ROS are involved in the SNP-induced changes in
neuronal excitability of SG neurons, produced by each con-
centration of SNP (1mMor 10 𝜇M), by applying a strong ROS
scavenger, PBN. Application of PBN significantly blocked the
response evoked by both concentrations of SNP (Figure 2).
It seems possible that NO can react with endogenously
generated O

2

∙− to produce highly toxic ONOO−. ONOO−
has been proposed as a converged downstream molecule
of O
2

∙− and NO in persistent pain conditions [12]. In this
study, we did not use an ONOO− decomposition catalyst to
verify whether ONOO− influences SNP-induced responses.
Therefore, we cannot exclude the possibility that ONOO− can
modulate the excitability of SG neurons. However, Kim et al.
[22] demonstrated that NO and O

2

∙− operate independently,
while both are contributing to the same persistent pain.

Several fluorescent probes have been designed tomeasure
NO in biological samples [27].Themost widely used and best
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Figure 7: Involvement of a nonspecific cation channel in themembrane depolarization induced by SNP. (a)Membrane depolarization evoked
by SNP (10𝜇M) was not inhibited by the presence of 1mM Cs+. (b) Depolarization evoked by SNP was significantly inhibited by La3+,
a nonspecific cation channel blocker. (c) Bar graphs show the membrane potential changes induced by pretreatment with Cs+ and La3+.
∗∗Values are significantly different from the control (SNP), based on independent 𝑡-test analysis (𝑃 < 0.01). Mean ± SEM.

characterized probes are 4,5-diaminofluorescein (DAF-2)
and 4-amino-5-methylamino-2,7-difluorofluorescein (DAF-
FM), both of which react with NO to form green fluo-
rescent triazole products [28]. In this study, we confirmed
the presence of SNP-induced intracellular NO production
using DAF-FM. As shown in Figure 3, NO production was
increased by addition of SNP in the spinal cord slices.
Similar to our finding, it was previously reported that the
fluorescence of DAF-FM increases in a dose- and time-
dependentmanner upon incubationwith SNP [29].The SNP-
induced fluorescence increase observed in this study was
reduced by Hb, a NO scavenger (Figures 3(a), 3(b), and 3(d)).
The scavenging effect of Hb on NO has been demonstrated
in several experiments [30, 31]. Moreover, we successfully
used PBN, a ROS scavenger, to inhibit NO activity. Similar
to a previous study [22], this result demonstrates that NO-
induced fluorescence is prevented by PBN.

NO activates guanylate cyclase, which is responsible for
an increase in intracellular levels of cGMP. Sousa and Prado
[25] demonstrated that pretreatment with ODQ, a selective
sGC inhibitor, practically abolishes the antinociceptive and
pronociceptive effect mediated by an intrathecally applied
NO donor. On the basis of their findings, in this study,
ODQ was applied to each concentration of SNP to investi-
gate the involvement of the NO-cGMP signaling pathway.
Similar to previous reports, application of ODQ significantly
blocked the response evoked by both concentrations of SNP
(Figure 4). These findings demonstrate that SNP mediates its
effect through a NO/sGC/cGMP pathway.

Besides activating the indirect cGMP-signaling path-
way, NO can also directly modify channel proteins by S-
nitrosylation [1, 18]. S-Nitrosylation is emerging as an impor-
tant form of posttranslational modification of ion channels.
It provides a route by which NO can regulate electrical
activity without stimulating production of cGMP. Kawano
et al. [18] reported that nitric oxide activates KATP channels
in mammalian sensory neurons by direct S-nitrosylation.
They showed that inhibition of sGC and PKG failed to
block this activation by NO. In addition, they reported
that NO activation of KATP currents is inhibited by thiol-
alkylating agents, which demonstrates that S-nitrosylation is
needed for NO action. In the present study, to determine
whether SNP can directly modulate SG neurons through S-
nitrosylation, NEMwas applied as an S-nitrosylation blocker
(Figure 5). The responses induced by both concentrations
of SNP were significantly inhibited by NEM. These findings
suggest that SNPmediates its effects via direct S-nitrosylation
of membrane proteins in SG neurons.

K+ channel activation may be elicited by both NO and/or
NO redox forms. Both PKG and S-nitrosylation enhance the
activity of BK channels. In addition, cGMP modulates the
activity of a delayed rectifier K+ channel and KATP channels
through activation of PKG [1, 32–34]. To test whether NO
activates K+ channels to induce changes in membrane poten-
tial, various K+ channel blockers were applied. Hyperpolar-
ization evoked by SNP (1mM) was significantly inhibited
by pretreatment with CTX and TEA, BK channel blockers,
and glibenclamide, a specific KATP channel blocker, but was
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not altered by pretreatment with apamin, a SK channel
blocker (Figure 6). These findings indicate that NO-induced
membrane hyperpolarization involves the activation of both
BK, and KATP channel.

Kim et al. [20] observed that application of SNP (500 𝜇M)
induced membrane depolarization in SG neurons and
reported that this effect was elicited by a hyperpolarization-
activated inward current. On the basis of this finding, we
tested whether SNP (10 𝜇M)-induced depolarization was
caused by the activation of a hyperpolarization-activated
K+ channel by pretreating SG neurons with Cs+. However,
membrane depolarization evoked by a low concentration of
SNPwas not affected by pretreatmentwithCs+. Similar to our
study, Sun et al. [35] demonstrated that peripheral ZD7288,
a hyperpolarization-activated K+ channel blocker, blocked
neuropathic pain while intrathecal administration of ZD7288
did not. Next, we used La3+, a nonspecific cation channel
blocker, to block the membrane depolarization evoked by
SNP. The membrane-depolarizing effect of SNP was sig-
nificantly inhibited by pretreatment with La3+ (Figure 7).
Recently, it was reported that NO donors could activate
nonspecific cation channels including TRPV1 and TRPA1 by
direct S-nitrosylation and indirect sGC/PKG pathway [8, 36,
37].These results indicate that a nonspecific cation channel is
involved in NO-related transmission of pain.

5. Conclusion

Substantia gelatinosa neurons in the dorsal horn are critical
formediating nociceptive signals.The dual effect of NO iden-
tified in SGneurons is important for the transmission of pain.
The findings of this study suggest that NO elicits excitatory
and inhibitory effects on SG neurons in a concentration-
dependent manner via activation of various ion channels by
direct S-nitrosylation and sGC activation.
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The substantia gelatinosa (SG) of the trigeminal subnucleus caudalis (Vc) has been known for the processing and transmission of
orofacial nociceptive information. Taurine, one of the most plentiful free amino-acids in humans, has proved to be involved in
pain modulation. In this study, using whole-cell patch clamp technique, we investigated the direct membrane effects of taurine
and the action mechanism behind taurine-mediated responses on the SG neurons of the Vc. Taurine showed non-desensitizing
and repeatable membrane depolarizations and inward currents which remained in the presence of amino-acid receptors blocking
cocktail (AARBC) with tetrodotoxin, indicating that taurine acts directly on the postsynaptic SG neurons. Further, application of
taurine at different doses (10𝜇M to 3mM) showed a concentration dependent depolarizations and inward currents with the EC

50
of

84.3 𝜇Mand 723 𝜇M, respectively. Taurine-mediated responses were partially blocked by picrotoxin (50 𝜇M) and almost completely
blocked by strychnine (2𝜇M), suggesting that taurine-mediated responses are via glycine receptor (GlyR) activation. In addition,
taurine (1mM) activated extrasynaptic GABAA receptor (GABAAR)-mediated currents. Taken together, our results indicate that
taurine can be a target molecule for orofacial pain modulation through the activation of GlyRs and/or extrasynaptic GABAARs on
the SG neurons.

1. Introduction

Taurine (2-amino-ethane sulfonic acid) is one of the most
plentiful free amino-acids in humans [1, 2]. In the human
body, taurine is distributed with high concentration in var-
ious tissues that are excitable and/or prone to generate free
radicals in retina, white blood cells, platelets, central nervous
system (CNS), heart, skeletal muscles, spleen, and liver [3].
In physiological condition, taurine is accumulated in brain
cells at concentration of 5–70mM [4, 5] and is released in
high amounts under various pathological conditions such
as anoxaemia or ischemia and seizure [6–8]. Since its first
discovery in 1827, a number of studies have been done to find
out the various physiological functions and the significance
of taurine. It has been reported that taurine has various func-
tions including bile acid production [9–12], antiarrhythmic

effects [13–15], and oxidant scavenging effects [16]. In central
nervous system, taurine has also been reported to modulate
calcium homeostasis [17, 18], neuronal excitabilities [19, 20],
and excitotoxic cell death [21, 22].

The pain transmission from the orofacial region to the
trigeminal subnucleus caudalis (Vc) is responsible by the first-
order neurons via small-diameter primary afferents including
myelinated A𝛿- and unmyelinated C-fibers [23, 24], which
innervate in lamina I and in much of lamina II of the Vc [25,
26].The lamina II called substantia gelatinosa (SG), therefore,
is thought to be a key site in the processing of orofacial
nociceptive information [27, 28]. The majority of neurons
in the SG are local interneurons [29]. A substantial number
of these interneurons contain gamma-aminobutyric acid
(GABA) and glycine which are often colocalized in the same
cell [30, 31]. As one of the main inhibitory neurotransmitters
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in the central nervous system, GABA and glycine have pivotal
roles in the modulation of nociception [32–35].

A number of studies have shown that taurine is involved
in pain modulation. For example, systemic and intrathecal
administration of taurine induced the antinociceptive effects
to inhibit the intensity of caudally-directed biting, scratching,
and paw licking behaviors by chemical agent and by the
hot-plate test at acute pain tests in mouse [36, 37]. It has
been reported that dietary supplementation with taurine
suppresses hyperalgesia in streptozotocin-induced diabetic
rats and autotomy behavior in genetically selected Sabra
strain rats [38]. In addition, Lee et al. showed that taurine
is released from neurons in the upper dorsal horn layers
which are known to conduct nociceptive input [39]. These
previous reports have strongly suggested that taurine can
modulate nociceptive information. Similarly, Bereiter et al.
reported that there was an elevation of taurine after mustard
oil (a chemical irritant) injection through the skin into the
temporomandibular joint region in rats [40]. However, the
action mechanism of taurine on the SG neurons which are
involved in orofacial pain modulation has not been fully
understood. In this study, therefore, we used the whole-cell
patch clamp technique to investigate the action mechanism
of taurine on the SG neurons of the Vc.

2. Materials and Methods

2.1. Animals. All experiments on living animals were ratified
by Chonbuk University Animal Welfare and Ethics Commit-
tee. Immature male and female ICR mice used in the present
study were housed under 12-h light : 12-h dark cycles (lights
on at 07:00 h) with access to food and water ad libitum.

2.2. Brain Slice Preparation. Brain slice preparation was
similar to the work done by Park et al. [41]. Briefly, the
juvenile ICR mice (5-20 postnatal days) were decapitated
and their brains were excised quickly, immersed in ice-cold
bicarbonate-buffered artificial cerebrospinal fluid (ACSF)
with the following chemical composition (in mM): 126 NaCl,
2.5 KCl, 2.4 CaCl

2
, 1.2 MgCl

2
, 11 D-glucose, 1.4 NaH

2
PO
4
,

and 25 NaHCO
3
(pH 7.3∼7.4, bubbled with 95% O

2
and

5% CO
2
). The trigeminal subnucleus caudalis segment was

dissected, supported with a 4% agar block, and glued with
cyanoacrylate to the chilled stage of a vibratome (Microm,
Walldorf, Germany). Coronal slices (150 𝜇m in thickness,
obtained 1-2mm from the obex, the most rostral part of Vc)
were prepared in ice-cold ACSF using the vibratome. The
slices were kept in oxygenated ACSF at room temperature for
at least 1 h before electrophysiological recording.

2.3. Electrophysiological Procedures and Data Analysis. The
slices were transferred into a recording chamber, com-
pletely submerged, and continuously superfused with car-
boxygenated ACSF at a rate of 4-5mL/min. The slices were
viewed with an upright microscope (BX51W1, Olympus,
Tokyo, Japan) with Nomarski differential interference con-
trast optics. The SG (lamina II) was clearly identified as
a translucent band, just medial to the spinal trigeminal
tract and traveled along the lateral edge of the slice. The

patch pipettes were pulled from thin-wall borosilicate glass-
capillary tubing (PG52154-4, WPI, Sarasota, USA) on a
Flaming/Brown, puller (P-97, Sutter InstrumentsCo., Novato,
CA). The pipette solution was passed through a disposable
0.22𝜇m filter and contained the following composition (in
mM): 140 KCl, 1 CaCl

2
, 1 MgCl

2
, 10 HEPES, 4 MgATP, and

10 EGTA (pH 7.3 with KOH). In this study, we used high
chloride pipette solution to amplify the chloride mediated
conductance.The resistance between the recording electrode
filled with pipette solution and the reference electrode was 4–
6 MΩ. After a gigaohm seal was formed with SG neuron, the
cell membrane patch was ruptured by negative pressure, and
then the whole-cell patch clamp recording was performed
using an Axopatch 200B (Axon Instruments, Union City,
CA). The changes in membrane potentials and membrane
currents were sampled online using a Digidata 1322A inter-
face (Axon Instruments) connected to a desktop PC. The
signals were filtered (2 kHz, Bessel Filter of Axopatch 200B)
before digitizing at a rate of 1 kHz. The holding current was
not adjusted during the experiment and was set at 0 pA in
current clamp mode. The root mean square (RMS) noises
weremeasured in 50ms epochs of traces lacking postsynaptic
currents (PSCs), in periods of control ACSF and in the
presence of strychnine and strychnine + taurine 100 𝜇M (𝑛 =
50 epochs in each case). The mean holding current changes
within the control and treated period were calculated as the
mean of peak-to-peak amplitude of individual points within
each period. The acquisition and subsequent analysis of
the acquired data were performed using Clampex9 software
(Axon Instruments, USA). The traces were plotted using
Origin7 software (MicroCal Software, Northampton, USA).
All recordings were made at room temperature.

2.4. Drugs. The drugs used in the present study were tau-
rine, strychnine, gabazine, picrotoxin, bicuculline (purchased
from Sigma, USA), and tetrodotoxin (TTX) (from Tocris,
UK). Stocks of all drugs were made according to their
solubility in DMSO and in distilled water. Stocks were diluted
(usually 1,000 times) to the desired final concentrations in
ACSF immediately before use and were applied by bath
application (4 mL/min).

2.5. Statistics. All values were expressed as themean ± S.E.M.
A paired t-test and one way ANOVA test were used to
examine the difference. Statistical significance was defined as
𝑃 < 0.05.

3. Results

Whole cell current and voltage clamp recordings were
obtained from 98 SG neurons from juvenile mice postnatal
day ranging from day 5 to day 20. A series of experiments
were designed to evaluate the effects of taurine on SG neu-
rons. The mean resting membrane potential of SG neurons
tested in current clamp mode was −59.4 ± 1.61mV (𝑛 = 25).

3.1. Taurine Induces Nondesensitizing Membrane Potential
and Holding Current Changes on SG Neuron. In current
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Figure 1: Repeated responses by the successive application of taurine on SG neurons. (a), (c) The representative traces show the repeatable
membrane depolarization and repeated inward current induced by taurine (100𝜇M). (b), (d) Bar graphs illustrate the comparison of themean
membrane potential and inward current changes by the repeated application of taurine (100 𝜇M) (𝑃 > 0.05).

and voltage clamp mode, taurine (100𝜇M) was applied
repeatedly at 5-minute time intervals to determine if the SG
neurons were desensitized by successive application. In 7
SG neurons tested in current clamp mode, taurine (100𝜇M)
induced repeated membrane depolarizations (Figure 1(a)).
When taurine was successively applied, the mean membrane
potential change (29.7 ± 4.12mV) by the second application
was similar to that of the first application (28.3 ± 4.20mV,
𝑛 = 7,𝑃 > 0.05, Figure 1(b)). Similarly, in voltage clampmode
at holding potential of −60mV, taurine (100 𝜇M) induced
repeated inward currents (Figure 1(c)). When taurine was
successively applied, the mean inward current (−172 ±
18.3 pA) by the second application was similar to that of the
first application (−165±15.9 pA, 𝑛 = 8,𝑃 > 0.05, Figure 1(d)).
These results indicate that SG neurons are not desensitized
by the successively applied taurine that induces inhibitory
depolarizing potentials or inward currents, respectively, at
current clamp or voltage clamp mode. The mean relative
membrane depolarization and the mean relative inward
current of the second application were 1.06 ± 0.03 (𝑛 = 7)
and 1.03 ± 0.04 (𝑛 = 8), respectively.

3.2. Postsynaptic Action of Taurine on SG Neurons. To inves-
tigate whether taurine affects SG neuronal activities via
action potential mediated presynaptic release, the effects
of taurine were examined in the presence of tetrodotoxin
(TTX), a voltage sensitiveNa+ channel blocker in current and
voltage clamp mode. Taurine (100𝜇M) induced membrane

depolarization and when TTX (0.5 𝜇M) was applied, spon-
taneous action potentials were rapidly abolished. However,
TTX did not affect the taurine-induced membrane depo-
larization. The mean membrane potential change (26.7 ±
4.60mV, 𝑛 = 7) in the presence of TTX 0.5𝜇M was similar
to that of taurine alone (28.4 ± 3.91mV, 𝑛 = 7, 𝑃 > 0.05).
Further, in voltage clamp experiment, the taurine-mediated
inward current was not blocked by TTX. The mean inward
current change (155± 54.6 pA, 𝑛 = 3) in the presence of TTX
was similar to that of taurine alone (162 ± 80.5mV, 𝑛 = 7,
𝑃 > 0.05) (figure not shown). These results indicate that
taurine-induced responses were not mediated via any action
potential dependent presynaptic action on the SG neurons.

Further, we used amino-acid receptors blocking cocktail
(AARBC) (6-cyano-7-nitroquinoxaline-2, 3-dione (CNQX)
10 𝜇M and (2R)-amino-5-phosphonovaleric acid (AP5)
20𝜇M, gabazine 3 𝜇M along with tetrodotoxin (TTX)
0.5 𝜇M) to find out if taurine affects SG neuronal activities
directly on the postsynaptic site. As shown in Figures 2(a)
and 2(c), there were no significant differences between the
responses induced by taurine alone and in the presence of
AARBC. The amplitude of mean membrane depolarization
induced by taurine alone (17.8 ± 4.16mV, 𝑛 = 4) was nearly
similar to that of in the presence of AARBC (20.8 ± 4.09mV,
𝑛 = 4, 𝑃 > 0.05, Figure 2(b)). Similarly, taurine-evoked
mean inward currents in taurine alone and in the presence
of AARBC were also almost equal (109 ± 33.4 pA and
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Figure 2: Taurine-induced membrane depolarizations and taurine-induced currents are mediated by postsynaptic SG neurons. (a), (c) The
representative traces showing membrane depolarization and inward current induced by taurine (100𝜇M) alone and taurine in the presence
of AARBC. (b), (d) Bar graphs showing the comparisons of mean relative membrane depolarization and mean inward current by the taurine
alone and taurine in the presence of AARBC (𝑃 > 0.05).

117 ± 31.3 pA, resp., 𝑛 = 4, 𝑃 > 0.05, Figure 2(d)). These
results put forth that taurine-mediated inward currents and
depolarizations were purely postsynaptic events.

Taurine-induced membrane depolarizations and inward
currents were examined at different concentrations ranging
from 10 to 3,000 𝜇M. Figures 3(a) and 3(c) show the rep-
resentative traces indicating the clear concentration depen-
dency by taurine applications. Taurine-induced membrane
depolarizations and inward currents were bigger at higher
concentrations. Figure 3(b) illustrates the mean membrane
depolarization changes by taurine at different concentrations
(10 𝜇M: 0.38 ± 0.15mV, 30 𝜇M: 5.74 ± 2.33mV, 100 𝜇M:
16.1 ± 4.95mV, 300𝜇M: 26.9 ± 4.03mV, 1,000𝜇M: 30.3 ±
4.80mV, 𝑛 = 7) with an EC

50
of 84.3 𝜇M. Similarly, there

was an increase of mean inward currents following the rise
of concentration in voltage clamp mode as well (10 𝜇M:
2.88±0.81 pA, 30 𝜇M: 7.06±2.46 pA, 100 𝜇M: 43.9±5.27 pA,
300 𝜇M: 192 ± 29.9 pA, 1,000𝜇M: 583 ± 138 pA, 3,000 𝜇M:
842 ± 155 pA, 𝑛 = 8) with an EC

50
of 723 𝜇M. The values of

EC
50

were estimated by curve fitting using Origin software.
This discrepancy of EC

50
values between voltage and current

clamp may be explained due to the activation of certain
voltage-sensitive ion channels in current clamp mode. These
concentration dependent responses also support that taurine
acts on the postsynaptic site of SG neurons directly.

3.3. Taurine Activates Glycine Receptors on SG Neurons.
It has been reported that taurine can activate GlyRs in

ventromedial hypothalamic neurons [42], supraoptic mag-
nocellular neurons [43], cultured neurons of auditory cortex
[44], and anteroventral cochlear nucleus neurons [45]. To
check whether taurine-induced membrane depolarizations
and inward currents on the SG neurons of the Vc were
mediated by GlyR activation, strychnine, a selective GlyR
antagonist was used. As shown in Figures 4(a) and 4(c),
taurine-induced membrane depolarization and current were
almost blocked by strychnine (2𝜇M). The mean membrane
depolarizations induced by the application of taurine in the
absence and presence of strychnine were 28.5 ± 5.14mV and
1.25 ± 0.19mV, respectively (𝑛 = 6, Figure 4(b), 𝑃 < 0.01). In
addition, the mean inward current induced by taurine (205 ±
57.4 pA) was eliminated by the simultaneous application with
strychnine (1.38 ± 0.58 pA) (𝑛 = 7, Figure 4(d), 𝑃 < 0.05).

3.4. Taurine-Induced Actions Were Mediated via GlyRs and
Extrasynaptic GABA

𝐴
Receptors. It has been reported that

taurine can activate GABAA receptors (GABAARs) in var-
ious regions such as main olfactory bulb [46, 47], in the
hippocampal CA1 area [48], and in anteroventral cochlear
nucleus neurons [45]. As gabazine is well known to block
synaptic GABAARs at lower concentration [49] as well as
extrasynapticGABAARs at higher concentration [50], taurine
was applied in the presence of gabazine (3𝜇M).

The currents activated by taurine at 100 𝜇Mand 1,000𝜇M
were not affected by 3 𝜇M gabazine (Figures 5(a) and 5(c)).
Figures 5(b) and 5(d) compare the changes in inward currents
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Figure 3: Concentration-response relationship. (a), (c) Representative traces of SG neurons showing the changes of membrane
depolarizations and inward currents to different doses of taurine (10, 30, 100, 300, 1,000, 3,000𝜇M). (b), (d) Curve figures showing the mean
membrane potentials and the mean inward currents change which correspond with the concentration changes (∗𝑃 < 0.05, ∗∗𝑃 < 0.01,
∗∗∗
𝑃 < 0.001, one-way ANOVA, Scheffe’s post hoc test).
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Figure 4: Inhibition of taurine-induced membrane depolarization and inward current by strychnine on SG neurons of Vc. (a), (c)
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Figure 6: Taurine-induced inward current is sensitive to picrotoxin on SG neurons. (a), (c), (e) The representative traces showing currents
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changed by taurine alone with taurine in the presence of picrotoxin (∗𝑃 < 0.05, ∗∗𝑃 < 0.01). Holding potential was −60mV.

between taurine alone (with two different concentrations
100 𝜇M and 1,000 𝜇M (53.4 ± 5.06 pA and 758 ± 187 pA,
resp.)) and taurine in the presence of gabazine 3 𝜇M (62.1 ±
13.3 pA and 774 ± 235 pA, resp.). Therefore, at these concen-
trations, GABAARs are not affected by taurine. On the other
hand, to identify whether taurine can act on extrasynaptic
GABAARs on SG neurons, the concentration of gabazine
was increased to 50 𝜇M (Figures 5(e) and 5(f)). The taurine-
induced current was inhibited by gabazine at high concen-
tration (Figure 5(e)). Specifically, the mean inward current
induced by taurine 1,000 𝜇M (648 ± 173 pA) was reduced to
504 ± 151 pA in the presence of gabazine 50 𝜇M (Figure 5(f),
𝑃 < 0.01). Further additional experiments in the presence
of gabazine and bicuculline were conducted to figure out the
activation of extrasynaptic GABAARs current by 1,000 𝜇M
taurine, and as expected, bicuculline blocked the taurine-
induced inward current in the presence of gabazine (Figures
5(g) and 5(h), 𝑃 < 0.05).

There are a plethora of studies suggesting that the
GABAAR receptor antagonist picrotoxin also blocks extrasy-
naptic homomeric glycine receptors at lower concentration of
50–100𝜇Mand is used extensively to characterize the glycine
receptors on neuronal populations. So, here in this study we
tested taurine in the presence of picrotoxin to characterize the
typeGlyRs activated by taurine on SGneurons ofVc. Taurine-
induced inward currents on SG neurons were blocked by
picrotoxin 50 𝜇M (Figures 6(a) and 6(c)). The mean inward
currents evoked by taurine 100𝜇M and 1,000𝜇M were sig-
nificantly decreased in the presence of picrotoxin (50𝜇M).
The mean inward currents evoked by taurine 100𝜇M and
1,000𝜇M in absence and presence of picrotoxin were 60.5 ±
3.43 pA; 813 ± 216 pA and 16.8 ± 2.71 pA; and 605 ±
199 pA, respectively (Figures 6(b) and 6(d)). These results
suggest that the SG neurons of Vc functionally express both
heteromeric and homomeric GlyRs. Interestingly, it is very
clear from Figures 6(b) and 6(d) that the inhibition of
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Figure 7: Sensitivity of taurine- and glycine-induced current to bicuculline. (a), (c) Currents activated by taurine and glycine were inhibited
by bicuculline. (b), (d)The bar graphs show that mean inward currents effected by taurine and glycine were both reduced by the simultaneous
application of bicuculline (𝑃 < 0.05) Holding potential was −60mV.

1,000𝜇M taurine-mediated response by picrotoxin (50𝜇M)
was less than that of 100 𝜇M taurine. This result can be
explained considering that there might be a possibility that
at higher concentration of taurine may affect extrasynaptic
GABAARs. In addition, at high concentration of picrotoxin
(300 𝜇M), 1,000𝜇M taurine-induced currents were further
decreased (Figures 6(e) and 6(f)), suggesting the activation of
extrasynaptic GABAARs by higher concentration of taurine.

Following this further, we also used another selective
GABAAR antagonist, bicuculline, which follows the same
pattern as picrotoxin does, that is, blockade of homomeric
GlyRs [51]. We confirmed the inhibitory effect of bicuculline
on taurine and glycine-mediated responses. Figures 7(a)
and 7(c) show the inhibition of bicuculline on the taurine
and glycine-induced currents. The mean inward currents by
taurine 100𝜇M in the absence and presence of bicuculline
10 𝜇M were 79.3 ± 25.1 pA and 57.6 ± 26.2 pA (Figure 7(b)),
respectively. Whereas the mean inward currents elicited by
glycine (100 𝜇M) in the absence and presence of bicuculline
(10 𝜇M) were 408 ± 71.5 pA and 339 ± 48.6 pA (Figure 7(d),
𝑛 = 5), respectively.

Further, in a quest to figure out the actual extrasynaptic
glycine and GABAA receptors mediated tonic currents by
1,000𝜇M taurine on SG neurons, it was applied in the
presence of strychnine. Strychnine dramatically blocked the
synaptic currents and induced outward shift of the holding
current (Figure 8(a)). Presumably, this blockade of synaptic
currents were via heteromeric GlyRs, and outward shift
of holding current was induced via extrasynaptic GlyRs.
Moreover in the presence of strychnine, taurine (1,000𝜇M)
induced the inward current with increase in RMS noise. RMS

noise in intact condition, in the presence of strychnine and in
the presence of strychnine and taurine were 3.45 ± 0.28 pA,
2.23 ± 0.18 pA and 3.56 ± 0.23 pA, respectively (𝑛 = 7,
Figure 8(b), 𝑃 < 0.01).

4. Discussion

The results of this study can be summarized as follows.
SG neurons were not desensitized by the application of
taurine. The taurine-induced membrane depolarizations on
SG neurons were mediated by postsynaptic actions. There
was concentration-response relationship between taurine
and SG neurons. Taurine acted as an agonist on both
extrasynaptic homomeric and synaptic hetromeric GlyRs on
the SG neurons. Taurine at higher concentration could affect
extrasynaptic GABAARs.

Taurine has been demonstrated for its ability in
modulation of synaptic transmission by activating GlyRs
and/or GABAARs. However, the physiological actions of
taurine which can be upon either GlyRs or GABAARs
have been also proved to depend on the specific brain
region studied [46, 47]. For example, taurine activates both
GABAARs and GlyRs in neurons of the supraoptic nucleus,
Xenopus oocytes, and the hippocampal CA1 area [43, 48, 52]
and activates only GABAARs receptors in mitral and tufted
cells from the rat main olfactory bulb [47]. In addition, this
activation of taurine in some brain regions is concentration-
dependent. For instance, in young rat hippocampus, nucleus
accumbens, and adult rat supraopic nucleus, taurine cannot
only activate GlyRs at a low concentration (≤1mM) but can
activate GABAARs as well at a high concentration (≥3mM)
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[43, 48, 53]. On the other hand, the findings by Song et al.
in 2012 have shown that in anteroventral cochlear nucleus
neurons, at low (0.1mM) and high (1mM) concentrations,
taurine can activate both GABAARs and GlyRs [45].

In the mammalian CNS, GlyRs are formed by a com-
bination of five distinct transmembrane protein subunits,
one 𝛽 subunit and four 𝛼 subunit (𝛼1–𝛼4) [54, 55]. This
composition influences in two different ways of forming
functional receptors: the homomeric configuration com-
prising five 𝛼 subunits and the heteromeric configuration
composed of 2𝛼 : 3𝛽 subunits [55–57]. The physiological and
pharmacological properties of GlyRs are dependent on the
subunit combination. Picrotoxin, a GABAAR antagonist, is
proved as a standard tool to discriminate betweenhomomeric
and heteromeric GlyRs [58]. At low concentration of 50–
100 𝜇M, picrotoxin selectively blocks homomeric GlyRs but
not heteromeric receptors. In this study, to pharmacologically
characterize the type of GlyRs present on SG neurons,
taurine and glycine 100 𝜇M were applied in the presence
of picrotoxin. The result indicate that glycine- and taurine-
induced inward currents were partially blocked by picrotoxin
(50𝜇M), suggesting the presence of 𝛼 homomeric GlyRs.
However, this blockade was not complete and the unblocked
remainder implies the activation of another GlyRs, likely 𝛼𝛽

heteromeric GlyRs. The result in this study puts forth that
taurine activates not only the synaptic hetromeric GlyRs but
also the homomeric extrasynaptic GlyRs giving the tonic
glycinergic inhibition on SG neurons, as established on spinal
cord and hippocampal neurons [59, 60].

Another major inhibitory neurotransmitter in the CNS
is GABA which mediates its most rapid effects via the
ionotropic GABAARs. GABAARs which are pentameric
ligand-gated ion channels consisting of diverse subunits are
typically composed of two 𝛼 and two 𝛽 subunits together
with 𝛾2 subunit [61]. The difference of subunit composition
influences not only the properties and function of receptors
but also their distribution within the cellular membrane
[62, 63]. GABAA receptors, containing the 𝛾2 subunit, are
preferentially located in the synapse and generate “phasic”
inhibitory postsynaptic currents [64]. On the other hand,
in some receptors, the 𝛿 subunit can take the place of the
𝛾2 subunit. The existence of the 𝛿 subunit leads to receptor
expression in the extrasynaptic membrane and the activation
of these receptor results in the generation of “tonically” active
currents [65–68]. In the present study, inward current with
increased RMS noise by taurine 1,000𝜇M in the presence of
strychnine and unaffected current in the presence of gabazine
3 𝜇Mwhich blocks the synaptic GABAARs suggests the acti-
vation of extrasynaptic GABAARs by taurine 1,000𝜇M. The
activation of extrasynaptic GABAARs by taurine may have
important physiological and pathophysiological effects to
protect neurons from toxicity under pathological conditions
[22].

Glycine and GABA are known to be inhibitory neuro-
transmitters. Within the SG of the spinal dorsal horn, these
neurotransmitters take part in the modulation of sensory
input by exerting powerful inhibitory effects on spontaneous
and afferent evoked activity in second-order neurons [69]. In
previous studies, GABAAR- andGlyR-mediated conductance
have been found to have inhibitory effects on orofacial
nociceptive input [70]. Likewise taurine has also been shown
to have inhibitory effect on other brain areas [71]. In this
study, activation of glycine andGABA receptors by taurine on
SG neurons has given a clear evidence that taurine behaves
as an inhibitory neurotransmitter on the SG neurons of Vc.
Because of this property, taurine symbolizes essential targets
in descending pathways to orofacial pain.

The significant increase of taurine level in the brain under
pathological conditions in response to electrical, chemical,
and pain stimulation signals that taurine may play a role in
neuroprotection [72–74]. With the physiological ability to
activate the inhibitory neurotransmitter receptor in SG neu-
rons, our results indicate that the influence of taurine on SG
neuronsmay be an importantmodulation which has a part in
the processing of orofacial nociceptive information. Further
researches need to be done to ascertain the antinociceptive
role of taurine to orofacial pain.
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Over the last twenty years of research on cellular mechanisms of pain hypersensitivity, long-term potentiation (LTP) of synaptic
transmission in the spinal cord dorsal horn (DH) has emerged as an important contributor to pain pathology. Mechanisms that
underlie LTP of spinal DH neurons include changes in the numbers, activity, and properties of ionotropic glutamate receptors
(AMPA and NMDA receptors) and of voltage-gated Ca2+ channels. Here, we review the roles and mechanisms of these channels
in the induction and expression of spinal DH LTP, and we present this within the framework of the anatomical organization and
synaptic circuitry of the spinal DH. Moreover, we compare synaptic plasticity in the spinal DH with classical LTP described for
hippocampal synapses.

1. Introduction

Long-term potentiation (LTP), an increase in the strength of
synaptic transmission between neurons, has been proposed
as a cellular model of learning and memory formation.
Since LTP was first described for the dentate area of the
hippocampal formation [1], data pertinent to mechanisms of
LTP have been abundantly accumulated in diverse synapses
of hippocampus and other brain areas. In contrast, investi-
gation of LTP in the spinal dorsal horn (DH) [2] is more
recent, beginning twenty years after the first description of
LTP in the hippocampus, and spinal DH LTP has focused
largely upon the synapses formed by primary sensory afferent
fibers, because these synapses are the first checkpoint for
pain signals entering the central nervous system (CNS). At
these primary afferent synapses, LTP has been thought to be
a cellular correlate of pain hypersensitivity and as such has
been proposed as a potential target for therapeutic treatments
of chronic pain.

Neurons in the spinal DH, consisting of superficial
(laminae I and II) and deep (laminae III–VI) DH, receive
synaptic inputs from primary afferent fibers, their cell bodies
located within dorsal root ganglion (DRG) as well as those
from other DH neurons, or neurons in other higher brain
areas. The spinal DH neurons are considered as secondary
neurons because peripheral somatosensory signals conveyed
by primary sensory DRG neurons first reach these neurons.
Synapses formed in these DH neurons mostly use glutamate
for excitatory transmission. Generally, ionotropic glutamate
receptors selectively activated by the artificial agonist 𝛼-
amino-3-hydroxy-5-methyl-4-isoxazolepropionate (AMPA)
support the largest component of glutamatergic excitatory
synaptic transmission in the CNS, while the N-methyl-D-
aspartate (NMDA) receptor subtype is most important in the
induction of synaptic plasticity, including LTP (see below).
In addition to ligand-gated excitatory ion channels, DH
neurons express various types of voltage-gated ion channels
that generally contribute to neuronal excitability. Among
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the voltage-gated ion channels, voltage-gated Ca2+ channels
(VGCCs) have been found to be involved in the control of
synaptic plasticity, owing to their control of Ca2+ influx into
both presynaptic nerve terminals and postsynaptic domains
of neurons.

In this paper, we review the contributions of these two cla-
sses of ion channels to LTP in the spinal DH area. To provide
a context for interpretation of the role of these channels in
LTP, we first briefly discuss the anatomical organization and
synaptic circuitry of the spinal DH and also consider synaptic
transmission and plasticity in the spinal DH. For the sake of
brevity, this review does not consider the roles of other types
of ion channels in plasticity and pain, nor does it focus upon
downstream signaling pathways known to be critical for LTP.

2. The Spinal Cord Dorsal Horn

2.1. Anatomical Organization. The DH of the spinal cord
can be subdivided into six distinct layers (laminae I–VI)
in the dorsal-ventral direction of the gray matter, which
was first proposed in cat [3] as well as in rat [4]. The
Rexed laminae I and II consist of superficial spinal DH
[5], and laminae III–VI are frequently called deeper layer
of the spinal cord. Due to concentrated small neurons and
their processes plus a relative small number of myelinated
axons, the lamina II is observed as a translucent band under
the naked eye or light microscope and is called “substantia
gelatinosa (SG)” [4, 6]. Lamina VI exists only in the cervical
and lumbosacral enlargements [3]. Generally, the spinal DH
consists of the central terminals of primary sensory neurons,
projection neurons, intrinsic DH neurons, and descending
nerve fibers from the brainstem and other higher brain
structures. The cell bodies of the primary sensory neurons
are located in the DRG. Each ganglion cell sends an axon
that branches into a peripheral process and a central process.
The peripheral process contributes to a peripheral nerve and
terminates peripherally as a sensory receptor. The central
process enters into the spinal cord through a dorsal root and
further branches to numerous collaterals. Together, these two
processes form primary afferent fibers that transmit encoded
information from periphery to the spinal cord or trigeminal
nuclei of the brain stem.

Although primary afferent fibers give off most of their
collaterals to the segment of the spinal cord that they
enter, they also spread in the rostrocaudal direction. The
distribution of primary afferent fibers in the spinal DH is in
an orderly way based on fiber size, which affects conduction
velocity and sensory modality [7]. Most fine myelinated (A𝛿;
conduction velocity, 1–1.5 to 5–10m/sec) or unmyelinated (C;
<1–1.5m/sec) primary afferent fibers end predominantly in
laminae I and II, although a few reach laminae III–VI [8, 9].
In detail, high threshold A𝛿 mechanoreceptors terminate in
laminae I and V, while low threshold A𝛿 mechanoreceptors
only terminate in lamina III [9]. Most large cutaneous
afferents (A𝛽; >5–10m/sec), which function as low threshold
mechanoreceptors, have a characteristic pattern of termina-
tion in the deeper laminae (III–VI) of theDH [10]. Cutaneous
C fibers, occupying ∼80% of cutaneous primary afferent

fibers [11] and the majority of which being high-threshold
polymodal nociceptors in the rat [12], terminate in lamina
II [13–15], although there is also a contribution to lamina I
[16]. Based on neurochemical markers, the high-threshold C
fibers can be divided into two major groups: peptidergic and
nonpeptidergic [7]. Peptidergic C fibers are nociceptors [17]
and contain neuropeptides such as calcitonin gene-related
peptide (CGRP) and/or substance P and express TrkA or
transient receptor potential (TRP) V1 [18]. The peptidergic
substance P-containing C fibers ends mainly in lamina I
and the outer layer of lamina II (IIo). It is estimated in
lumbar DRG of rat that approximately half of the C fibers
are peptidergic [19]. Other high-threshold C fibers do not
contain peptides, but most of them can be revealed by their
ability to bind the lectin Bandeiraea simplicifolia isolectin
B4 (IB4) [20], and a subpopulation of the nonpeptidergic
C fibers can be defined by Mas-related G-protein-coupled
receptor member D (MrgprD), a sensory neuron-specific
G-protein-coupled receptor [21]. Although the function of
nonpeptidergic C fibers is poorly understood, this population
also includes many nociceptors [22, 23] and is different
from the peptidergic C fiber because ablation of the MrgprD
afferents in adult mice results in a selective loss of sensitivity
to noxious mechanical (but not thermal) stimuli [7, 24].

Beside the high-threshold C fibers, it should be pointed
out that there are low-threshold mechanosensitive C fibers,
which are nonpeptidergic and innervate specific types of
hair follicles [25]. Interestingly, this type of nonpeptidergic
C fiber expresses neither IB4 nor MrgprD but exclusively
expresses tyrosine hydroxylase, the enzyme catalyzing L-
3,4-dihydroxyphenylalanine production and participates in
forming narrow unique columns in the spinal DH with other
low-threshold A𝛿 and A𝛽 fibers [25].

2.2. Synaptic Circuitry. The gate control theory, proposed
by Melzack and Wall [26], illustrates how pain signals are
transmitted to higher brain areas via the spinal DH. In this
theory, inhibitory SG neurons control presynaptically both
large- and small-diameter fibers, presumably corresponding
to, respectively, A and C fibers, and these in turn innervate
the transmission system.Therefore, activation of SG neurons
by large-diameter fibers attenuates signals conveyed via both
fiber types to transmission system neurons, which corre-
sponds to gate closing; in contrast, inhibition of SG neurons
by small diameter fibers opens the gate for transmission of
pain information. Although the theory proposes a prominent
role for SG neurons in gating pain transmission, it assumes
only a single type of SG neurons, which is certainly incorrect
in regard to the synaptic organization of the DH [27]; rather,
recent data demonstrate that different subtypes of SGneurons
are present in spinal DH and that these subtypes make
distinct contributions to the function of the complex synaptic
network of the spinal DH. Thus, based on recent morpho-
logical and electrophysiological studies in the spinal DH, we
attempt to assign various SG neurons to three functionally
different SG neurons: inhibitory SG (iSG) neurons, excitatory
SG (eSG) neurons, and transmission system-inhibiting (tiSG)
SG neurons (Figure 1). Large-diameter A fibers directly, or
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Figure 1: A diagram modified from the gate control theory. Both
primary afferent A and C fibers directly target the transmission
system that conveys the pain signals from the spinal dorsal horn to
the higher brain areas. However, both fibers differentially innervate
to the substantia gelatinosa (SG) neurons in the spinalDH.Although
polysynaptic inputs are possible in all SG neurons from primary
afferent fibers and other SG neurons, monosynaptic inputs from A
fibers reach the excitatory SG neurons (eSG) and the transmission-
inhibiting SG neurons (tiSG), while those from C fibers only go
into the inhibitory SG neurons (iSG), not the itSG directly.The tiSG
neurons receive the excitatory synaptic inputs from the eSG and the
inhibitory synaptic inputs from the iSG.Themain function of tiSG is
inhibiting the transmission system, both presynaptically (in the gate
control theory) and postsynaptically (in this diagram). In this way,
the activation and inhibition of SG neurons (here, called tiSG) by
large-diameter and small-diameter fibers, respectively, are possible,
shown in the gate control theory.

indirectly through eSGs, activate tiSG neurons, whereas
small-diameter C fibers necessarily activate iSG neurons
to inhibit the tiSG neurons. The transmission system is
composed of projection neurons that send pain information
to higher brain centers. In future works, it will be important
to more completely describe the synaptic organization of the
DH, and it will be important to carefully define the three basic
classes of SG neurons.

The primary candidates for iSG neurons are 𝛾-
aminobutyric acid- (GABA-) ergic neurons in the spinal DH,
an electrophysiologically heterogeneous group [28, 29] that
make up approximately 30% of neurons in lamina II (SG) of
the spinal cord [30]. It has been suggested, using combined
single/pairedwhole-cell patch-clamp recordings andbiocytin
labeling, that ∼75% of all SG neurons fall into five groups
that differ in firing behavior and other electrophysiological
properties and most prominently, in the structure of their
dendritic arbors: islet, radial, central, medial-lateral, and
vertical cells [31–36]. Among these groups, islet cells are
exclusively GABAergic [37, 38] and receive monosynaptic
input fromCfibers and polysynaptic input fromA𝛿fibers [33,
35, 36]. The GABAergic nature of islet cells corresponds with
the finding that, among SG neurons expressing GFP (driven

by the upstream regulatory sequence of the gene encoding
the GABA synthetic enzyme, glutamic acid decarboxylase
(GAD) 67), 62% have islet-type morphology [29]. Because
the islet cells do not directly target projection neurons [34]
yet do influence the pain transmission system through other
SG neuronal types, islet cells are apparently one of the major
sources of SG neurons that act as iSG neurons (Figure 1).

In addition to the islet-type of SG neuron, tonically firing
neurons with central-type dendritic arbors are also likely
GABAergic [32]. Central neurons receiving GABAergic input
from islet cells and glutamatergic input from C fibers are
divided into either tonically firing neurons or transiently
firing neurons [31] and are both excitatory and inhibitory
[32–35]. The tonically firing central neurons synapse on
vertical neurons and recurrently, on islet cells, identifying this
subtype of central neuron as an additional type of iSGneuron.

As noted above, 30% of SG neurons are GABAergic so
that ∼2/3 of SG neurons are glutamatergic; eSG neurons are
drawn from this large pool of excitatory interneurons. The
eSG neurons likely include vertical and radial SG neurons
because they predominantly receive monosynaptic inputs
fromAfibers [34, 36, 38]. In contrast, it is known that central-
type SG neurons do not receive monosynaptic inputs from
A fibers, thus ruling out central neurons as candidate eSG
neurons.

On the other hand, considerably less is known about
the types of GABAergic SG neurons that make up the tiSG
circuit component, which synapse on projection neurons in
lamina I and deeper laminae [7]. Neurokinin (NK) 1-positive
projection neurons in laminae III-IV are known to receive
inputs from GABAergic neurons that contain neuropeptide
Y (NPY) [39]. Although classification of SG neuronal types
by arborization pattern and electrophysiological properties
remains incomplete, because NPY-expressing neurons com-
prise half of the GABAergic neurons of laminae I and II [40],
we suggest that these NPY-positive neurons inhibit the trans-
mission system and thus may act as tiSG neurons (Figure 1).
Therefore, careful identification of the types of (1) primary
afferent fibers and (2) local interneurons that send inputs to
NPY-positive, GABAergic neurons, would greatly clarify the
synaptic circuitry that contributes to gating of pain signals.
Evidence for another type of tiSG neuron has also been
obtained: “giant marginal” projection neurons, which lack
NK1 receptors and express the glycine receptor-associated
protein gephyrin [41], are richly contacted by GABAergic
boutons that contain nitric oxide synthase (NOS) but not
NPY [41]. Here again, the neuronal morphology needs to
be defined for this NOS-positive neuron. Altogether, clear
understanding of the synaptic circuitry underlying gating of
pain signals will require a more complete description of the
pattern of SG neuron connectivity with GABAergic, NPY- or
NOS-positive neurons.

2.3. Synaptic Transmission. At chemical synapses in the CNS,
neurotransmitters released from presynaptic nerve terminals
generate graded analogue signals through the opening of
ligand-gated ion channels on the plasma membrane of
postsynaptic neurons. Whereas each presynaptic neuron
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possesses the biochemical machinery to release only one
type of neurotransmitter, which can be either excitatory or
inhibitory, individual postsynaptic neurons express a variety
of ligand-gated ion channels that respond to different neuro-
transmitters so that postsynaptic neurons can, for example,
exhibit both excitatory and inhibitory synaptic potentials. In
the CNS, glutamate generates fast excitatory synaptic signals
in postsynaptic neurons by opening any of three types of
ligand-gated glutamate receptor ion channels: based on their
pharmacology and structural homology, these are known as
AMPA receptors (subunit: GluA1-GluA4), kainate (subunit:
GluK1-GluK5) receptors, and NMDA receptors (subunit:
GluN1, GluN2A-GluN2D, GluN3A, and GluRN3B) [42].

It is known from early studies of the spinal DH that
glutamate-mediated fast excitatory synaptic transmission
involves activation of postsynaptic ionotropic glutamate
receptors [43–46]. AMPA receptors mediate the large early
component of fast excitatory synaptic postsynaptic responses,
whereas the more slowly opened NMDA receptors con-
tribute only to the later component of excitatory postsynaptic
responses [2, 45, 46]. Fast synaptic transmission mediated
by kainate receptors is relatively small and produces slowly
decaying synaptic currents [47, 48]. Although most spinal
DH synapses use all three classes of ionotropic glutamate
receptors, some synapses possess only NMDA receptors;
these are known as “silent synapses” because, lacking AMPA-
receptor-driven postsynaptic depolarization, the glutamate-
activated NMDA receptors at these synapses remain blocked
by Mg2+ and thus fail to generate a synaptic signal [49, 50].

Although inhibitory transmission falls outside the scope
of the present review, we note that many interneurons in
the spinal DH release GABA and glycine, which provide fast
inhibitory transmission that is an essential feature of spinal
DH circuits. Most GABAergic neurons also release glycine in
the spinal DH [30, 51, 52], but GABA-mediated transmission
can be distinguished from glycine-mediated transmission
based on the decay kinetics of synaptic responses [53, 54].

2.4. Synaptic Plasticity. Strength of synaptic transmission
in the CNS is not constant; rather, it is subject to up- or
downmodulation as a consequence of patterns of presynaptic
and/or postsynaptic activity. Such activity-dependent
changes in synaptic strength are accomplished, in part,
through long-term modulation of the properties and
numbers of ion channels that mediate, affect, or respond to
synaptic activity. LTP—a persistent increase in the strength
of synaptic transmission [1]—can be induced by tetanic
stimulation, pairing of presynaptic activity with postsynaptic
depolarization, coincidence between presynaptic release of
glutamate and postsynaptic depolarization, and pharma-
cological treatments that increase excitatory postsynaptic
responsivity. Since the initial discovery of LTP, molecular
and cellular mechanisms subserving this kind of plasticity
have been worked out most clearly for the canonical form
of NMDA receptor-dependent LTP that is found at Schaffer
collateral-commissural synapses onto pyramidal neurons in
the CA1 region of hippocampus. Important elements that
have been identified include channel phosphorylation by

protein kinases such as protein kinase A (PKA), protein
kinase C (PKC), and Ca2+-calmodulin-dependent protein
kinase II (CaMKII) [55–59]; consequent increases in channel
opening probability and single-channel conductance [60, 61];
subunit-specific trafficking of postsynaptic AMPA receptors
[62–64] to the subsynaptic membrane; and changes in glu-
tamate release, both in probability [65] and quantal content
[66] at presynaptic terminals [67].The cellular processesmost
carefully worked out for hippocampal LTP [68] are generally
thought to provide a fundamental basis for information
processing and storage throughout CNS and particularly for
learning and memory in the hippocampus [69–72].

In the spinal cord DH, early studies revealed that repeti-
tive stimulation of dorsal root or peripheral nerve produces
LTP at primary afferent synapses [2, 73, 74]. In addition to
involvement of NMDA receptors and postsynaptic Ca2+ that
is typical of LTP induction in hippocampus [2, 75], spinal
DH studies have identified roles for NK1 [75, 76], group I
metabotropic glutamate [77], and opioid [78] receptors in the
induction and expression of LTP [2].

Some patterns of synaptic activity can cause a decrease
in synaptic strength, referred to as “long-term depression
(LTD)” [79]. This type of synaptic plasticity has also been
extensively studied in various CNS regions, most particularly
in the context of certain forms of information processing
in the hippocampus [80, 81] and also of motor learning in
cerebellum [82]. Although both high-frequency stimulation
(HFS) and low-frequency stimulation (LFS) can induce LTD
in the spinal DH, protein phosphatases play a role only in the
induction of HFS-induced LTD [83] but not in that of LFS-
LTD [84] in this area.

Because spinal LTP and LTD may play critical roles in
hyperalgesia and allodynia [85, 86] and the activation of
high-threshold C fibers is important to mediate many type
of hyperalgesia, C fiber-mediated field potentials have been
the subject of many LTP studies. LTP of C fiber-evoked field
potentials is reliably produced by HFS of peripheral nerves
(>3 hours), and is dependent upon the activation of NMDA
receptors [75]; interestingly, LFS at C fiber intensity also
induces LTP under certain conditions [87, 88]. Moreover, C
fiber-mediated LTP can be induced by noxious stimulation or
injury [89], revealing a contribution of this form of synaptic
plasticity to induction of hyperalgesia. Although the loci
of mechanisms underlying the LTP of C fiber-evoked field
potential are difficult to clarify, the induction and/or mainte-
nance of this type of LTP involvemany channels and signaling
molecules, including NMDA and NK1 receptors [75], N-
type and P/Q-type VGCCs [90], TRPV1 channels [91], the
EphB receptor tyrosine kinase [92], ryanodine receptors [93,
94], nitric oxide [95, 96], and many inflammatory agents
[97].

Spinal LTP has also been studied using single (whole)
cell recordings of primary afferent stimulation-evoked exci-
tatory postsynaptic potentials or currents (EPSPs and EPSCs,
resp.). In this case, A𝛿 fiber- and C fiber-mediated synaptic
responses can be distinguished according to stimulus inten-
sity and conduction velocity, which is advantageous in eluci-
dating primary afferent-dependent mechanisms [87, 98, 99]
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or the locus of induction of LTP [93, 100]. In addition, whole
cell recordings are advantageous for study of LTP in partic-
ular types of DH neurons. Combining whole cell recording
from DH neurons with injection of retrograde tracers (e.g.,
DiI) into the parabrachial (PB) area or periaqueductal gray
(PAG) has allowed researchers to determine thatHFS induces
LTP of C fiber-mediated EPSCs in lamina I neurons that
project to PB area but not in those that project to PAG [87]; in
contrast, LFS induces LTP in lamina I neurons that project to
PAG area. LTP of C fiber-EPSCs by HFS in the PB-projecting
lamina I neurons requires NK1 receptor-mediated signaling
and activation of T-type VGCCs [99]. LFS-induced LTP of C
fiber EPSCs in the PAG-projecting lamina I neurons requires
nitric oxide signals [87, 93], the latter generated in response to
intracellular Ca2+ rises that are slower in onset and prolonged
in comparison to the kinetics of Ca2+ rises required to elicit
LTP in PB-projecting lamina I neurons [87].

In CA1 of hippocampus, LTP of EPSCs can be alter-
natively induced by the coordinated activity of presynaptic
fibers and postsynaptic neurons, which is characteristic of
spike-timing [101] or pairing protocols [102] in the hippocam-
pus. The spike-timing protocol requires low-frequency post-
synaptic spikes timed within 10ms of the onset of synaptic
responses, while the pairing protocol involves persistent post-
synaptic depolarization (0∼+30mV) during repetitive low-
frequency presynaptic stimulation.These protocols have been
applied to study LTP of EPSCs in the spinal DH as well, in an
effort to overcome the low rate of success (∼50%) observed
for the induction of LTP by HFS [2]. Spike-timing dependent
LTP is interestingly dependent on expression of the GluK2
(previously known as GluR6) kainate receptor subunit [48],
along with activation of NMDA receptors and elevation of
intracellular Ca2+ [103]. In spinal DH, LTP of EPSCs by the
pairing protocol requires activation of extracellular signal-
regulated kinase (ERK) [104].

Considering the mixture of excitatory and inhibitory
interneurons and the complex synaptic circuitry in lamina
II of the spinal DH (see above), the contribution of LTP to
hyperalgesia will necessarily depend upon which synapses
in the DH circuitry specifically undergo LTP. It is therefore
critical that LTP and its pathophysiological role in pain
hypersensitivity be pursued at identified types of SG neuron
synapses. For example, hyperalgesia may be produced by LTP
of excitatory interneurons that synapse upon neurons that,
in turn, project to brain areas involved in nociception. Alter-
natively, hyperalgesia may be reduced by LTP of synapses
onto inhibitory interneurons that target projection neurons.
Hence, careful identification of the specific subtype of neuron
studied will be essential to better understand the roles of
spinal DH LTP in hyperalgesia and allodynia [85].

3. Contribution of Ionotropic Glutamate
Receptors to LTP in the Spinal DH

3.1. AMPA Receptors. AMPA receptors consist of homo-
and heterotetrameric assemblies of GluA1, 2, 3, and 4 sub-
units, with different assemblies of AMPA receptor subunits
exhibiting distinct functional behaviors [42, 105]. Among the

GluA subunits, transcripts encoding GluA2 are subject to
RNA editing at position 586, which results in replacement of
the neutral glutamine (Q) residue found in all other GluA
subunits with a positively charged arginine (R). Position
586 is located in transmembrane segment 2 (M2), which
forms the lining of the ion permeation pathway through the
receptor; an arginine at this position decreases the receptor’s
Ca2+ permeability and also confers linear current-voltage
behavior. AMPA receptors lacking GluA2 subunits are signif-
icantly more Ca2+-permeable, exhibiting a Ca2+ permeability
ratio (𝑃Ca/𝑃Na) of 3, and they also display strong inward
rectification in their current-voltage relationships [105, 106].

Because AMPA receptors are the main mediators of
excitatory synaptic transmission in the CNS, they are gen-
erally considered as the final target for induction and
expression of LTP, rather than as inducers or regulators.
Thus, principal endpoints in LTP are phosphorylation and
trafficking of specific AMPA receptor subunit subtypes, along
with changes in AMPA receptor conductance [42, 105].
The GluA1 subunit, for example, can undergo phosphory-
lation of Ser831 by CaMKII [107] and PKC [108] and of
Ser845 by PKA [108], which contributes to induction of
LTP by changing the open probability and single-channel
conductance of AMPA receptors containing this subunit
[42]. In regard to membrane trafficking of AMPA receptors,
the induction mechanism for LTP in hippocampal CA1
pyramidal neurons [64] includes increased incorporation of
GluA1/GluA2-containing AMPA receptors into the synaptic
surface membrane [62, 109]; however, subsequent work
suggests that the newly incorporated AMPA receptors are in
fact homotetrameric GluA1 complexes [110]. In accordance
with these studies, the induction of LTP at hippocampal CA1
synapses is impaired in mice deficient in the GluA1 subunit
[111]. Surface membrane incorporation of homomeric GluA1
receptorsmay result in the replacement of preexistingGluA2-
containing AMPA receptors, thereby increasing the net Ca2+-
permeability of the AMPA receptor population in the post-
synaptic surface membrane [112]. Increased Ca2+ influx via
GluA2-lacking, Ca2+-permeable AMPA receptors, is directly
related to enhancement of LTP [113, 114].

Trafficking of AMPA receptors requires their interaction
with transmembrane AMPA receptor regulatory proteins
(TARPs) [115, 116]. Interaction of TARPs with AMPA recep-
tors prevents AMPA receptor degradation [117], and subse-
quent interaction of AMPA receptors with PSD-95 results
in translocation of AMPA receptors from the perisynaptic
region into synaptic sites [118]. In contrast to these studies, a
recent study has found that the GluA1 C-terminal tail, critical
for GluA1 trafficking [109, 110], is not required for LTP [119].
This has led to the suggestion that a reserve pool of AMPA
receptors, regardless of their subunit composition, is relied
upon for LTP. Further studies are needed to provide a more
comprehensive picture of the mechanism and role of AMPA
receptor trafficking in hippocampal LTP. In addition, studies
of this process in spinal DH LTP remain to be carried out.

Ca2+-permeable AMPA receptors are expressed in
inhibitory interneurons [120] of lamina I and the outer layer
of lamina II [121], the laminae which receive synaptic input
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primarily from nociceptive C fiber afferents. Ca2+-permeable
AMPA receptors in layer I and II DH neurons are activated
by synaptic input [122], raising the possibility that these
channels play a special role in mediating sensory input by
unmyelinated fibers [123]. Using GluA2 knockout mice,
it has been shown that Ca2+-permeable AMPA receptors
enhance HFS-evoked LTP and mediate induction of NMDA
receptor-independent LTP at primary afferent-DH neuron
synapses [98], which suggests that Ca2+-permeable AMPA
receptors contribute significantly to LTP in the spinal
DH and may substitute for NMDA receptors in LTP
induction. In contrast to NMDA receptors, Ca2+-permeable
AMPA receptors allow Ca2+ influx at resting membrane
potential, a potential merit for induction of synaptic
plasticity.

3.2. NMDA Receptors. Functional NMDA receptors are
heterotetrameric assemblies composed of two GluN1 sub-
units and either two GluN2 subunits or a combination of
GluN2 and GluN3 subunits [42]. The glutamate binding
sites are located in the GluN2 subunits [124] and the
glycine binding sites in the GluN1 and GluN3 [124–126].
NMDA receptors are characterized by their high permeabil-
ity to Ca2+ [127], voltage-dependent block by Mg2+ [128],
and slow “activation/deactivation” kinetics [129]. NMDA
receptor alternative splice variants exhibit subtle differences
in functional properties, thereby fine-tuning the behav-
ior of NMDA receptors in which they are incorporated
[130]. For example, NMDA receptors containing GluN2A or
GluN2B subunits display high-conductance channel open-
ings and a high sensitivity to block by extracellular Mg2+,
whereas receptors composed of GluN2C or GluN2D subunits
show low-conductance openings and lower sensitivity to
Mg2+. Moreover, GluN1/GluN2A-containing NMDA recep-
tor currents deactivate rapidly (time constant of tens of
milliseconds), whereas GluN1/GluN2D-containing NMDA
receptor currents deactivate very slowly (time constant of
several seconds) [131–133]. In addition, GluN3 can also
coassemble with GluN1 [134–136] to form uniquely exci-
tatory glycine receptors [136]. These distinctive properties
may provide particular NMDA receptor subtypes with spe-
cific roles in excitatory synaptic transmission/plasticity and
pathology.

The role of NMDA receptors in the induction of LTP
is well established for various brain synapses, particularly
the Schaffer collateral input to CA1 pyramidal neurons
in hippocampus [68–70]. The activation requirements for
NMDA receptors—agonist (glutamate) binding and postsy-
naptic depolarization—are well-matched to the “Hebbian”
properties of LTP induction, namely, specificity, associativ-
ity, and cooperativity [69]. Further, several recent studies
show that a proper subunit composition is essential for the
induction [137–139] and expression [140, 141] of LTP. These
results reflect the fact that specific NMDA receptor subunits
are differentially phosphorylated by various protein kinases,
such as src [142, 143] and also differentially interact with
other accessory and regulatory proteins [144]. In keeping
with the notion of a proper NMDA subunit composition

in LTP, the association of active CaMKII with GluN2B is
likely required for the induction of canonical LTP at Schaf-
fer collateral synapses on CA1 neurons [145]. Downstream
of these regulatory processes, NMDA receptor-dependent
protein synthesis [146–148] is needed for the expression of
LTP that persists beyond ∼4 hours, referred to as late-LTP
[149].

In the spinal DH, in situ hybridization or immunos-
taining has revealed high expression of GluN1 and GluN2D
[150, 151] and lower levels of GluN2A and GluN2B [152,
153]. Electrophysiological measurements of conductance
ratio have shown that lamina II GABAergic interneurons
express both the GluN2A/GluN2B- and GluN2C/GluN2D-
containing NMDA receptors, while excitatory lamina II
interneurons express primarily GluN2A/GluN2B-containing
receptors [154]. In addition, outside-out patch recordings
of single channel currents have shown that, at least in
extrasynaptic regions, both GluN1/GluN2B (high conduc-
tance; 57 pS) and GluN1/GluN2D (low conductance; 44 pS
and 19 pS) are present on spinal DH neurons [155].

In the spinal DH, induction of nearly all forms of
LTP is dependent on the NMDA receptors [86]. An early
report showed that HFS (100Hz) of primary afferent fibers
at C fiber-activating intensity induces LTP of EPSPs in
transverse spinal cord slices in vitro; LTP was absent in the
presence of the NMDA receptor antagonist D-2-amino-5-
phosphonovalerate (D-AP5) [2]. In addition, LTP induction
at C fiber synapses also requires activation of NMDA recep-
tors [73, 87, 99]. Recently, LFS (2Hz at C-fiber intensity)
of sciatic nerve has been shown to induce LTP of C fiber-
evoked field potentials. This LFS-induced LTP is also pre-
vented by an NMDA receptor antagonist, MK-801 in these
experiments [156]. As expected, the noble anesthetic gas
xenon, which has an inhibitory effect on NMDA receptors
[157], prevents induction of LTP at C fiber synapses in
intact rats [158]. LTP can also be induced by chemical
means, for example, by perfusion of spinal cord slices with
NMDA (+ postsynaptic depolarization) [159] or by perfusion
of spinal cord segments with NMDA in spinalized, deeply
anesthetized adult rat [75]. Taking together, these findings
indicate that the NMDA receptor is required for induction
of LTP in synapses of primary afferent fibers onto spinal DH
neurons.

3.3. Kainate Receptors. Kainate receptors are tetramers asse-
mbled from combinations of five different types of subunits,
termed GluK1-5 (formerly, GluR5-7 and KA1-2) [42, 105, 106,
160]. Each kainate receptor monomer possesses a ligand-
binding site and a distinctive amino acid sequence that forms
the channel lumen. Radioligand binding assays indicate that
GluK1, 2, and 3 contribute to low-affinity kainate binding
sites (KD of 50–100 nM) [161], whereas GluK4 and 5 form
high-affinity kainate binding sites (KD of ∼4–15 nM) [162,
163]. Structural variability of kainate receptors is conferred
by alternative splicing and RNA editing [160]. Alternative
splice variants have been found exclusively for GluK1 (GluK1-
1, 1-2a, 1-2b, and 1-2c) [164] and GluK3 (GluR3a and 3b)
subunits [165] in rat; however, the mouse GluK2 exists as two
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splice variants that differ in their C-terminal domains [166].
RNA editing, as for GluA2 subunits, posttranscriptionally
modifies a Q/R site in the M2 segment of GluK1 and GluK2
subunits. The Q-to-R substitution in GluK2 homomeric
kainate receptors decreases Ca2+ permeability [167, 168] and
increases Cl− permeability [169], reduces unitary conduc-
tance, and transforms channels from inwardly rectifying to
linear or slightly outwardly rectifying. Mice deficient in Q/R
editing in GluK1 have been found to exhibit a reduction in
kainate receptor-mediated currents in DRG neurons [170],
although the responses of these animals to painful stimuli
are unaffected. Besides the Q/R editing site, two additional
positions prone to RNA editing have been identified in the
GluK1 subunit: an isoleucine (I)/valine (V) site and a tyrosine
(Y)/cysteine (C) site [171], both in the M1 segment. Although
the additional editing sites may modulate Q/R site control of
Ca2+ permeability, the mechanism of interaction among the
three editing sites remains to be elucidated.

ForNMDA receptor-independent LTP at themossy fiber-
CA3 synapse in hippocampus, there is disagreement regard-
ing the role of kainate receptors [172]. A selective antagonist
for GluK1-containing kainate receptors, LY382884, blocks
the induction of mossy fiber LTP [173, 174], but conflictingly,
mossy fiber LTP can be elicited in the presence of the
AMPA/kainate receptor antagonist, CNQX [175, 176].
Knockout mice deficient in GluK2 subunits [177] display
reduced mossy fiber LTP, but mice deficient in GluK1 possess
normal LTP. Althoughmuchmore work is needed, the results
point to a potential role for kainate receptors in mossy fiber
LTP, specifically in the NMDA receptor-independent form of
LTP.

For synapses of primary afferents onto spinal DH neu-
rons, fast EPSCs have been shown to be mediated by post-
synaptic kainate receptors [47]. Kainate receptor-mediated
EPSCs are much smaller in peak amplitude and slower in
decay kinetics than those mediated by AMPA receptors.
To date, the kainate receptor subunits mediating synaptic
transmission have not been well-characterized. However, low
expression of GluK1 subunits, moderate expression of GluK3
and GluK4, and strong expression of GluK5 have been found
for spinal DH neurons; no expression of GluK2 has been
detected [150, 178]. Despite the apparent absence of GluK2
subunits fromDHneurons, kainate receptor-mediated whole
cell current and synaptic potentials recorded from spinal DH
neurons are significantly decreased in GluK2 mutant mice
[48]. In addition to expression on postsynaptic membrane
in spinal DH neurons, kainate receptors are also expressed
on DRG neurons, including primary afferent presynaptic
terminals within the DH [179, 180]. All kainate receptor
subtypes are present in DRG neurons, with GluK1 expressed
at an especially high level [178, 181–183]. GluK1- or GluK2-
containing presynaptic kainate receptors modulates gluta-
matergic transmission at A𝛿 and C-fiber primary afferent-
activated synapses in the spinal SG [184]. Interestingly,
induction of LTP is impaired in GluK2 knockout mice, while
the late phase of LTP is impaired in GluK1 mutant mice
[48], indicating differential involvement of kainate receptor
subunits in LTP of spinal DH neurons.

4. Voltage-Gated Ca2+ Channels That
Contribute to LTP in Spinal DH and to Pain

Although receptors for L-glutamate, most commonly the
NMDA receptor subtype, mediate induction and expression
of LTP at many synapses in the brain, some forms of LTP
at hippocampal CA1 synapses, such as late-phase LTP (L-
LTP), require activation of L-type VGCCs. Other VGCCs
are also involved in diverse ways in LTP, as discussed
below.

VGCCs consist of a pore-forming transmembrane 𝛼
1

subunit and the auxiliary 𝛽 subunit and 𝛼
2
𝛿 subunit [185].

Based on sequence homology, the ten different 𝛼
1
subunits of

VGCCs are grouped into three subfamilies: two high-voltage
activated subfamilies, CaV 1-2, and one low-voltage activated
family, CaV3 [186]. The CaV1 subfamily carries L-type Ca2+
current, and the family members are CaV1.1 (𝛼1S), CaV1.2
(𝛼1C), CaV1.3 (𝛼1D), and CaV1.4 (𝛼1F). The CaV2 subfamily
includes CaV2.1 (𝛼1A), CaV2.2 (𝛼1B), and CaV2.3 (𝛼1E) which
correspond to P/Q-type, N-type, and R-type Ca2+ currents,
respectively. The CaV3 subfamily carries T-type Ca2+ cur-
rents, and the familymembers areCaV3.1 (𝛼1G), CaV3.2 (𝛼1H),
and CaV3.3 (𝛼1I) [186]. The channel’s auxiliary subunits are
also organized into subfamilies, and these specifically affect
membrane trafficking and expression of channels, voltage-
dependence of channel opening, inactivation kinetics, and
sensitivities to inhibitors, thus greatly expanding the number
of different subtypes of VGCCs [185, 187]. In this section, we
will discuss the contribution of each major type of VGCC to
LTP in the spinal DH to various forms of pain in normal and
pathological states.

4.1. L-Type VGCCs

4.1.1. Contribution to LTP. L-type VGCCs are widely ex-
pressed in the CNS [188], including CA1 of the hippocampus,
the preeminent region for investigations of LTP.Thedendritic
localization of L-type VGCCs in the CA1 area [189] implies
that their activation contributes to Ca2+ signals in dendritic
spines, an important step for the induction of LTP [190].
Although induction of canonical LTP in CA1 relies upon
Ca2+ flux through NMDA receptors on dendritic spines and
subsequent activation of Ca2+-dependent secondmessengers
[70], several other forms of LTP in fact require activation of L-
type VGCCs, and not NMDA receptors. In the hippocampal
CA1 area, for example, HFS at 200Hz [191], (higher frequency
than the 100Hz tetani typically employed for induction
of NMDA receptor-dependent LTP) generates LTP that is
insensitive to the NMDA receptor antagonist D-AP5 but is
blocked by the L-type VGCC antagonist, nifedipine. While
NMDA receptor-dependent LTP is inhibited by antagonists
of serine-threonine kinases, the 200Hz-induced, L-type
VGCC-dependent LTP is blocked by antagonists of tyrosine
kinases [192]. In addition, prolonged theta burst stimulation
(TBS) in theCA1 area induces a formof LTP that is dependent
upon L-typeVGCCs [193]. L-typeVGCC-dependent LTP can
also be produced by application of the potassium channel
blocker, tetraethylammonium (TEA) [194, 195]. Interestingly,
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the mechanism of induction of this type of LTP partially
overlaps that of NMDA receptor-dependent LTP, particularly
in regard to the timing and intensity of postsynaptic Ca2+ sig-
nals [195]. Extracellular matrix molecules, such as hyaluronic
acid and tenascin-R, are important in the development of L-
type VGCC-dependent LTP induced by either TBS [196] or
TEA [197]. As for Schaffer collateral-CA1 pyramidal neuron
synapses, L-channel-dependent LTP has been described at
mossy fiber synapses onto CA3 pyramidal neurons [198]
and for thalamic inputs to amygdala [199]. Induction of
NMDA receptor-independent, L-channel-dependent LTP is
distinctive in its reliance upon such electrical phenomena as
dendritic Ca2+ spikes [200–202].

In spinal DH, although L-type VGCCs are known to
be expressed in soma, dendrites, and axon terminals of
neurons [203, 204], it appears that L-channels do not
induce LTP during 100Hz repetitive stimulation [98]. L-
type VGCCs contribute instead to an alternative form of
LTP in spinal lamina I neurons, one that is induced by
postsynaptic depolarization without presynaptic stimulation
(“non-Hebbian” LTP) [205]. Gabapentin, which binds to the
𝛼
2
𝛿 subunit of VGCCs and is used to relieve neuropathic

pain, does not affect C fiber-mediated basal transmission
or LTP induction but does reduce C fiber-mediated trans-
mission during the maintenance phase of LTP [206]. Thus,
postsynaptic Ca2+ influx through L-type VGCCs may be
critical to induce or express LTP of excitatory synaptic trans-
mission in certain normal and/or pathological states. More
extensive investigation of distinct types of LTP induced under
normal or neuropathological conditions is clearly needed
to better understand the contribution of L-type VGCCs
to synaptic plasticity and neuropathic pain of the spinal
DH.

4.1.2. Contribution to Pain. Implication of L-type VGCCs in
acute and chronic pain has been controversial. Some reports
show that spinal administration of L-type VGCC blockers
decreases pain sensitivity to acute innocuous or noxious
stimuli [207, 208], but other work has found no effect of these
blockers in the hot plate test [209] or in other tests using acute
mechanical and thermal stimuli [210, 211]. Furthermore, in
a chronic pain model of peripheral nerve injury, intrathecal
administration of a high dose of the L-type VGCC blocker,
diltiazem, has no effect on paw withdrawal in response to
mechanical stimulation [212].

Recently, however, it has been found that prolonged
intrathecal administration of the L-channel blocker nicardip-
ine elevates mechanical threshold in a neuropathic pain
model [213], indicating the involvement of L-type VGCCs
in mechanical allodynia caused by peripheral nerve injury.
Along the same lines, reduced expression of L-typeVGCCs in
spinal DHby antisense [213] ormicroRNA [214] technologies
suppresses the hypersensitivity of DH neurons following
peripheral nerve injury. Taken together, these findings indi-
cate that L-type VGCCs can contribute to some components
of acute or chronic pain behaviors produced by tissue
damage, likely reflecting the contribution of L-type VGCCs
to certain forms of LTP in the spinal DH.

4.2. P/Q-Type VGCCs

4.2.1. Contribution to LTP. P/Q-type VGCCs are expressed
in a subpopulation of DRG neurons [203, 215, 216] that does
not respond to capsaicin and rarely expresses substance P, a
marker for small high-threshold primary afferent terminals
[203]; P/Q channels thus play only a small role in the
control of glutamate release from small diameter, peptidergic
nociceptive primary afferent fibers. In addition, it has been
suggested that P/Q-type VGCCs are expressed in fewer
numbers of primary afferents than are N-type VGCCs [203,
217, 218]. In the spinal DH, P/Q-type VGCCs are expressed
in the laminae II–VI [203] and are preferentially involved in
inhibitory neurotransmission [219, 220], indicating a limited
contribution of P/Q-type VGCCs to excitatory synaptic
transmission in the spinal DH.

Blockers of P/Q-typeVGCCs strongly suppress induction
of LTP for C fiber-evoked field potentials [90], suggesting that
induction of this formof spinalDHLTPmay rely in part upon
P/Q-type VGCCs [221]. Similarly, in visual cortical neurons,
P/Q-type VGCCs have also been proposed to contribute to
the induction of LTP at the inhibitory synapses [222].

4.2.2. Contribution to Pain. In accord with the minimal
contribution of P/Q-type VGCCs to glutamate release
from small-diameter, high-threshold primary afferents [203],
intrathecal administration of the selective P/Q channel
blocker, 𝜔-agatoxin IVA, has little or no effect on C- or
A𝛿 fiber-mediated nociceptive transmission [223] or in tests
of mechanical and thermal thresholds in neuropathic pain
models [212, 224]. However, development of hyperalgesia or
pathological pain is prevented by intrathecal pretreatment
with blockers of P/Q-type VGCCs [209–211], as well as in
animals with either a genetic deficiency [225] or spontaneous
mutation [226] in P/Q-type VGCCs. These observations
correlate with studies of spinal LTP that indicate a critical
role for P/Q-type VGCCs in the induction of LTP of C fiber-
evoked field potentials [90]. Therefore, as for L-type VGCCs,
P/Q-type VGCCs may also be involved in the development
or regulation of certain forms of chronic pain.

4.3. N-Type VGCCs

4.3.1. Contribution to LTP. N-type VGCCs are expressed in
dorsal root ganglia, as well as in primary afferent nerve ter-
minals in the superficial area (laminae I-II) of DH [203, 217].
In accord with these findings, glutamatergic transmission
between DRG and spinal DH neurons is blocked by 𝜔-
conotoxin GVIA, a selective blocker of N-type VGCCs [227].
Many of the presynaptic nerve terminals with N-type VGCC
immunoreactivity also contain substance P, suggesting that
N-type channels also support the release of substance P and
CGRP from peptidergic, high-threshold C fibers in the spinal
DH [228, 229].

As for other VGCCs, the involvement of N-type VGCCs
in synaptic plasticity, particularly LTP, appears to be spe-
cific to the synaptic pathway and induction protocol. An
early study showed that when a 100Hz induction proto-
col is used, N-type VGCCs are not involved in LTP of
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the hippocampal mossy fiber-mediated CA3 pathway [201].
However, at hippocampal CA3-to-CA1 Schaffer collateral
synapses, when TBS or 200Hz HFS is used to induce LTP, N-
channel-mediated component of excitatory transmission can
be identified after induction of LTP [230]. For perforant path
synapses onto CA1 neurons, induction of LTP by 200HzHFS
relies upon an increased contribution from presynaptic N-
type VGCCs [231]. In the spinal DH, the N-channel blocker
𝜔-conotoxin GVIA does not prevent induction of LTP of C
fiber-field potentials, but this N channel antagonist inhibits
synaptic transmission once LTP has been induced [90].These
results indicate that presynaptic N-type channels contribute
to the maintenance phase of LTP in the spinal DH [231].

4.3.2. Contribution to Pain. Implication of N-type VGCCs
in acute and chronic pain states correlates with the fact
that N-type channels are predominantly expressed in DRG
neurons, particularly small-diameter peptidergic DRG neu-
rons and the fact that N channels may control release
of neurotransmitters such as glutamate and substance P
onto spinal DH neurons [228, 229]. Antagonists of N-type
channels block the release of glutamate, substance P, and
CGRP in the spinal DH [229, 232, 233], and in various
acute, inflammatory, and neuropathic pain models, produce
antinociceptive and analgesic effects [234, 235]. In addition,
genetic ablation of CaV2.2 (𝛼1B), the pore-forming subunit of
N-type channels, significantly reduces mechanical allodynia
and thermal hyperalgesia in a neuropathic pain model with
spinal nerve ligation [236]. Moreover, the antinociceptive
effects ofN-channel antagonists are enhanced in chronic pain
states [237, 238], as N-type channels are upregulated after
peripheral nerve injury [239]. Interestingly, these findings
correlate with the observation that the block of N-channels
inhibits synaptic transmission once LTP has been established
[90].

Even though neuropathic pain can be reduced by blockers
ofN-type channels, and blockers such as𝜔-conotoxinMVIIA
(SNX-111, ziconotide, or Prialt) have received approval by the
FDA for the treatment of chronic pain; N-channel blockers
are of limited use owing to side effects attributable to the
fact that almost all of the presynaptic terminals in the brain
express the N-type VGCCs. Thus, N-channel antagonists
must be administered intrathecally, an invasive method used
when other pain management options have failed. It may
therefore prove useful to develop N-channel blockers that are
either specific to particular CaV1.2 𝛼1B splice variants [240,
241] or that modulate N-type channel in selective neuronal
subtypes [242].

4.4. T-Type VGCCs

4.4.1. Contribution to LTP. Although the lack of a specific
antagonist prevents clean isolation of the contribution of T-
type VGCCs to LTP, there is evidence indicating that T-type
VGCCs are involved in the induction and/or expression of
LTP in hippocampal CA1 [243] neurons and dentate gyrus
[244]. The late phase of LTP in the CA1 area, which can
be induced by 100Hz HFS and is dependent on NMDA

receptors, is not maintained (<120min) in CaV3.2 T-type
VGCC knockout mice [243]. LTP induction in dentate gyrus
is sensitive to Ni2+, a blocker of T-type as well as R-type
VGCCs, and is dependent on the induction protocol: the
Ni2+-sensitive component of LTP can be induced by pairing
of 1Hz presynaptic stimulation with postsynaptic depolariza-
tion, but not by 100Hz HFS [244]. T-type VGCCs may also
be involved in LTP that is induced by TBS [245] or TEA [246]
in the CA1 area, although L-channels have alternatively been
reported to mediate TEA-induced LTP [195]. T-type VGCCs
in CA1 are implicated in the enhancement of LTP, rather than
its induction or expression, with the mechanism involving
muscarinic acetylcholine receptors and phospholipase C-
mediated K+ channel inhibition [247].

T-type VGCCs are expressed in the superficial DH of
the spinal cord, as well as in medium- and small-diameter
DRG neurons [248], raising the possibility of both pre- and
postsynaptic contributions to synaptic plasticity at primary
afferent-DH neuron synapses. T-type Ca2+ currents have
been reported in spinal DH neurons [223, 249–253]. In
addition, the contribution of T-type Ca2+ channels to LTP
of C fiber-initiated EPSCs in lamina I neurons that project
to the PB area has been demonstrated [99], suggesting that
T channels may play a significant role in amplification of
pain signals via their contribution to spinal LTP. On the other
hand, LFS-induced LTP of C fiber-EPSCs in PAG-projecting
lamina I neurons [87] likely involves T-type VGCCs [254].
These results underscore the idea, once again, that spinal LTP
is cell type-specific.

4.4.2. Contribution to Pain. The involvement of T-type
VGCCs in pain is likely specific to T-channel subtypes.
Nociceptive responses induced by nerve injury are decreased
after knock down of CaV3.2, but not of CaV3.1 or CaV3.3
[255], presumably reflecting the abundance of CaV3.2 in
DRG neurons [255–257] and indicating that the T-channel
subtype involved in spinal LTP may be CaV3.2. In support
of this interpretation, genetic knockout of CaV3.2 attenuates
behavioral responses to noxious stimuli such as formalin
[258]. In contrast, knockout of CaV3.1 causes hypersensitivity
to noxious visceral stimuli, but this involves a supraspinal
mechanism [259]. Therefore, although some nonselective T-
type blockers such as ethosuximide or mibefradil can reverse
both tactile hypersensitivity and thermal hyperalgesia in
various pain models [260, 261], development of subtype-
specific antagonists of T-type channels is desirable. In this
regard, downregulation of T-type channel activity and of
hyperalgesia by oxidizing agents [262, 263] or by lowering lev-
els of the endogenous gasotransmitter hydrogen sulfide [264,
265] may prove useful as leads in developing novel subtype-
selective T-channel drugs for the treatment of inflammatory
or neuropathic pain.

4.5. R-Type VGCCs

4.5.1. Contribution to LTP. The involvement of R-type
VGCCs in LTP can be difficult to isolate, in part because
a commonly-used R-type channel blocker Ni2+ is also an
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effective blocker of T-type channels. However, there is strong
evidence that R-type channels support a presynaptic form of
LTP found at parallel fiber synapses onto Purkinje cells in
the cerebellum [266]. Because cerebellar granule cells (which
give rise to parallel fibers) do not express T-type channels,
in this system, the effects of Ni2+ block of Ca2+ current can
be entirely attributed to antagonism of R-type channels. In
comparison to N- and P/Q-channel-mediated Ca2+ influx
at parallel fiber terminals, R-type channels contribute only
modestly to bulk changes in intracellular Ca2+, suggesting
that R-channel Ca2+ microdomains in presynaptic terminals
are important for the induction of parallel fiber LTP [266].

On the postsynaptic side, R-type VGCCs in CA1 pyra-
midal neurons contribute to Ca2+ influx evoked by TBS-
triggered, back-propagating dendritic action potentials [267,
268]. In turn, R-channel Ca2+ influx in distal dendrites of CA1
pyramidal neurons helps generate plateau potentials that are
critical for perforant path LTP [269].

Although R-type VGCCs are expressed in a subpop-
ulation of DRG neurons [270], it is unclear whether the
primary afferent terminals or spinal DH neurons bear R-
type channels. In addition, whether R-type channels are
involved in synaptic plasticity in the spinal DH remains to
be determined.

4.5.2. Contribution to Pain. There is evidence that R-type
VGCCs are involved in the transmission and processing
of inflammatory and neuropathic pain information. SNX-
482, an inhibitor of R-type VGCCs (and less potently of L-
type channels) [271], decreases nociceptive responses during
the second phase of the formalin test [217] and inhibits
neuropathic pain behavior [272]. In addition, studies using
CaV2.3 knockout mice suggest a contribution of R-type
VGCCs to pain transmission [217, 273].

5. Concluding Remarks

Many studies have attempted to elucidate rules and signaling
mechanisms for synaptic plasticity, particularly LTP, in the
spinal DH. Together, these studies show that LTP in the spinal
DH shares many features with LTP in the hippocampus and
with “central sensitization” in the spinal DH during hyper-
algesia [274]. In this review, we have considered how inter-
relationships between synaptic circuitry in the spinal DH,
ionotropic glutamate receptors, voltage-gated Ca2+ channels,
and induction/expression of LTP in the spinal DH are
together involved in pain hypersensitivity.

Up to the present time, the complexity of synaptic
circuitry in the spinal DH has hampered the understanding
of LTP mechanisms in spinal DH. Generally, thorough
classification of postsynaptic neurons and presynaptic fibers
remains to be worked out. Although presynaptic fiber type
can be identified during electrophysiological recording based
upon conduction velocity and stimulus intensity, selective
stimulation of a single class of primary afferent fiber remains
challenging, because the range of stimulus intensities that
activate C fibers overlaps the range of intensities that activates
A fibers. Postsynaptically, in the spinal DH, althoughmultiple

morphological and electrophysiological criteria are available
to distinguish neuronal subtypes, studying synaptic plasticity
in a single type of spinal postsynaptic neuron has yet to be
achieved, owing to inhomogeneities in physiological behav-
ior, neurotransmitters, and cellular markers even within a
group of neurons that carries out a similar function, such as
the lamina I projection neurons [7].

In the future, progress in this field will likely rely
upon studies that make use of powerful new experimental
approaches, such as combining transgenic means to identify
postsynaptic neurons [29, 32] and presynaptic fibers [25] with
optogenetic tools to selectively activate specific fiber types
[275]. This kind of approach will make it possible to study
LTP at synapses between specific types of primary afferent
fibers and spinal DH neurons or between specific spinal
DH neurons, thereby facilitating the correlation between
mechanisms of LTP and nociception in the spinal DH.
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“Enhanced LTP of primary afferent neurotransmission in
AMPA receptor GluR2-deficient mice,” Pain, vol. 136, no. 1-2,
pp. 158–167, 2008.

[99] H. Ikeda, B. Heinke, R. Ruscheweyh, and J. Sandkühler, “Synap-
tic plasticity in spinal lamina I projection neurons that mediate
hyperalgesia,” Science, vol. 299, no. 5610, pp. 1237–1240, 2003.

[100] H. Y. Zhou, S. R. Chen, H. Chen, and H. L. Pan, “Opioid-
induced long-term potentiation in the spinal cord is a presy-
naptic event,” Journal of Neuroscience, vol. 30, no. 12, pp. 4460–
4466, 2010.

[101] G. Q. Bi and M. M. Poo, “Synaptic modifications in cultured
hippocampal neurons: dependence on spike timing, synaptic
strength, and postsynaptic cell type,” Journal of Neuroscience,
vol. 18, no. 24, pp. 10464–10472, 1998.

[102] J. M. Montgomery, P. Pavlidis, and D. V. Madison, “Pair record-
ings reveal all-silent synaptic connections and the postsynaptic
expression of long-term potentiation,”Neuron, vol. 29, no. 3, pp.
691–701, 2001.

[103] S. J. Jung, S. J. Kim, Y. K. Park, S. B. Oh, K. Cho, and J. Kim,
“Group I mGluR regulates the polarity of spike-timing depen-
dent plasticity in substantia gelatinosa neurons,” Biochemical
and Biophysical Research Communications, vol. 347, no. 2, pp.
509–516, 2006.

[104] F. Wei, K. I. Vadakkan, H. Toyoda et al., “Calcium calmodulin-
stimulated adenylyl cyclases contribute to activation of extra-
cellular signal-regulated kinase in spinal dorsal horn neurons
in adult rats and mice,” Journal of Neuroscience, vol. 26, no. 3,
pp. 851–861, 2006.



14 Neural Plasticity

[105] R. Dingledine, K. Borges, D. Bowie, and S. F. Traynelis, “The
glutamate receptor ion channels,” Pharmacological Reviews, vol.
51, no. 1, pp. 7–61, 1999.

[106] M.Hollmann and S. Heinemann, “Cloned glutamate receptors,”
Annual Review of Neuroscience, vol. 17, pp. 31–108, 1994.

[107] A. L. Mammen, K. Kameyama, K. W. Roche, and R. L.
Huganir, “Phosphorylation of the 𝛼-amino-3-hydroxy-5-me-
thylisoxazole-4-propionic acid receptor GluR1 subunit by
calcium/calmodulin-dependent kinase II,” The Journal of Bio-
logical Chemistry, vol. 272, no. 51, pp. 32528–32533, 1997.

[108] K. W. Roche, R. J. O’Brien, A. L. Mammen, J. Bernhardt, and R.
L. Huganir, “Characterization of multiple phosphorylation sites
on the AMPA receptor GluR1 subunit,” Neuron, vol. 16, no. 6,
pp. 1179–1188, 1996.

[109] Y.Hayashi, S.H. Shi, J. A. Esteban,A. Piccini, J. C. Poncer, andR.
Malinow, “Driving AMPA receptors into synapses by LTP and
CaMKII: requirement for GluR1 and PDZ domain interaction,”
Science, vol. 287, no. 5461, pp. 2262–2267, 2000.

[110] S. H. Shi, Y. Hayashi, J. A. Esteban, and R. Malinow, “Subunit-
specific rules governing AMPA receptor trafficking to synapses
in hippocampal pyramidal neurons,”Cell, vol. 105, no. 3, pp. 331–
343, 2001.

[111] D. Zamanillo, R. Sprengel, O. Hvalby et al., “Importance of
AMPA receptors for hippocampal synaptic plasticity but not for
spatial learning,” Science, vol. 284, no. 5421, pp. 1805–1811, 1999.

[112] K. Plant, K. A. Pelkey, Z. A. Bortolotto et al., “Transient
incorporation of native GluR2-lacking AMPA receptors during
hippocampal long-term potentiation,”Nature Neuroscience, vol.
9, no. 5, pp. 602–604, 2006.

[113] Z. Jia, N. Agopyan, P. Miu et al., “Enhanced LTP in mice
deficient in the AMPA receptor GluR2,” Neuron, vol. 17, no. 5,
pp. 945–956, 1996.

[114] Y. Meng, Y. Zhang, and Z. Jia, “Synaptic transmission and
plasticity in the absence of AMPA glutamate receptor GluR2
and GluR3,” Neuron, vol. 39, no. 1, pp. 163–176, 2003.

[115] S. Tomita, H. Adesnik,M. Sekiguchi et al., “Stargazinmodulates
AMPA receptor gating and trafficking by distinct domains,”
Nature, vol. 435, no. 7045, pp. 1052–1058, 2005.

[116] S. Tomita, V. Stein, T. J. Stocker, R. A. Nicoll, and D. S. Bredt,
“Bidirectional synaptic plasticity regulated by phosphorylation
of stargazin-like TARPs,” Neuron, vol. 45, no. 2, pp. 269–277,
2005.

[117] S. Tomita, L. Chen, Y. Kawasaki et al., “Functional studies and
distribution define a family of transmembrane AMPA receptor
regulatory proteins,” Journal of Cell Biology, vol. 161, no. 4, pp.
805–816, 2003.

[118] A. D. Milstein and R. A. Nicoll, “TARP modulation of synaptic
AMPA receptor trafficking and gating depends on multiple
intracellular domains,” Proceedings of the National Academy of
Sciences of the United States of America, vol. 106, no. 27, pp.
11348–11351, 2009.

[119] A. J. Granger, Y. Shi, W. Lu, M. Cerpas, and R. A. Nicoll, “LTP
requires a reserve pool of glutamate receptors independent of
subunit type,” Nature, vol. 493, no. 7433, pp. 495–500, 2013.

[120] R. C. Spike, D. J. Maxwell, and A. J. Todd, “GluR1 and GluR2/3
subunits of the AMPA-type glutamate receptor are associated
with particular types of neurone in laminae I–III of the spinal
dorsal horn of the rat,” European Journal of Neuroscience, vol. 10,
no. 1, pp. 324–333, 1998.

[121] H. S. Engelman, T. B. Allen, and A. B. MacDermott, “The
distribution of neurons expressing calcium-permeable AMPA

receptors in the superficial laminae of the spinal cord dorsal
horn,” Journal of Neuroscience, vol. 19, no. 6, pp. 2081–2089, 1999.

[122] J. G. Gu, C. Albuquerque, C. J. Lee, and A. B. MacDermott,
“Synaptic strengthening through activation of Ca2+-permeable
AMPA receptors,” Nature, vol. 381, no. 6585, pp. 793–796, 1996.

[123] A. Popratiloff, R. J. Weinberg, and A. Rustioni, “AMPA receptor
subunits underlying terminals of fine-caliber primary afferent
fibers,” Journal of Neuroscience, vol. 16, no. 10, pp. 3363–3372,
1996.

[124] H. Furukawa, S. K. Singh, R. Mancusso, and E. Gouaux, “Sub-
unit arrangement and function in NMDA receptors,” Nature,
vol. 438, no. 7065, pp. 185–192, 2005.

[125] H. Furukawa and E. Gouaux, “Mechanisms of activation,
inhibition and specificity: crystal structures of the NMDA
receptor NR1 ligand-binding core,”The EMBO Journal, vol. 22,
no. 12, pp. 2873–2885, 2003.

[126] Y. Yao, C. B. Harrison, P. L. Freddolino, K. Schulten, and M.
L. Mayer, “Molecular mechanism of ligand recognition by NR3
subtype glutamate receptors,”The EMBO Journal, vol. 27, no. 15,
pp. 2158–2170, 2008.

[127] A. B. MacDermott, M. L. Mayer, G. L. Westbrook, S. J. Smith,
and J. L. Barker, “NMDA-receptor activation increases cytoplas-
mic calcium concentration in cultured spinal cord neurones,”
Nature, vol. 321, no. 6069, pp. 519–522, 1986.

[128] M. L. Mayer, G. L. Westbrook, and P. B. Buthrie, “Voltage-
dependent block by Mg2+ of NMDA responses in spinal cord
neurones,” Nature, vol. 309, no. 5965, pp. 261–263, 1984.

[129] R. A. J. Lester, J. D. Clements, G. L. Westbrook, and C. E.
Jahr, “Channel kinetics determine the time course of NMDA
receptor-mediated synaptic currents,” Nature, vol. 346, no.
6284, pp. 565–567, 1990.

[130] S. Cull-Candy, S. Brickley, and M. Farrant, “NMDA receptor
subunits: diversity, development and disease,” Current Opinion
in Neurobiology, vol. 11, no. 3, pp. 327–335, 2001.

[131] H. Monyer, N. Burnashev, D. J. Laurie, B. Sakmann, and P.
H. Seeburg, “Developmental and regional expression in the
rat brain and functional properties of four NMDA receptors,”
Neuron, vol. 12, no. 3, pp. 529–540, 1994.
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López-Garciáa, “Molecular physiology of kainate receptors,”
Physiological Reviews, vol. 81, no. 3, pp. 971–998, 2001.

[161] B. Bettler, J. Egebjerg, G. Sharma et al., “Cloning of a putative
glutamate receptor: a low affinity kainate-binding subunit,”
Neuron, vol. 8, no. 2, pp. 257–265, 1992.

[162] P.Werner,M.Voigt, K. Keinanen,W.Wisden, andP.H. Seeburg,
“Cloning of a putative high-affinity kainate receptor expressed
predominantly in hippocampal CA3 cells,” Nature, vol. 351, no.
6329, pp. 742–744, 1991.

[163] A. Herb, N. Burnashev, P. Werner, B. Sakmann, W. Wisden,
and P. H. Seeburg, “The KA-2 subunit of excitatory amino acid
receptors shows widespread expression in brain and forms ion
channels with distantly related subunits,” Neuron, vol. 8, no. 4,
pp. 775–785, 1992.

[164] B. Sommer, N. Burnashev, T. A. Verdoorn, K. Keinanen, B.
Sakmann, and P. H. Seeburg, “A glutamate receptor channel
with high affinity for domoate and kainate,”The EMBO Journal,
vol. 11, no. 4, pp. 1651–1656, 1992.

[165] H. H. Schiffer, G. T. Swanson, and S. F. Heinemann, “Rat GluR7
and a carboxy-terminal splice variant, GluR7b, are functional
kainate receptor subunits with a low sensitivity to glutamate,”
Neuron, vol. 19, no. 5, pp. 1141–1146, 1997.

[166] P. Gregor, B. F. O’Hara, X. Yang, and G. R. Uhl, “Expression and
novel subunit isoforms of glutamate receptor genes GluR5 and
GluR6,” NeuroReport, vol. 4, no. 12, pp. 1343–1346, 1993.

[167] N. Burnashev, Z. Zhou, E. Neher, and B. Sakmann, “Fractional
calcium currents through recombinant GluR channels of the
NMDA, AMPA and kainate receptor subtypes,” Journal of
Physiology, vol. 485, part 2, pp. 403–418, 1995.

[168] J. Egebjerg and S. F. Heinemann, “Ca2+ permeability of unedited
and edited versions of the kainate selective glutamate receptor
GluR6,” Proceedings of the National Academy of Sciences of the
United States of America, vol. 90, no. 2, pp. 755–759, 1993.

[169] N. Burnashev, A. Villarroel, and B. Sakmann, “Dimensions
and ion selectivity of recombinant AMPA and kainate receptor
channels and their dependence on Q/R site residues,” Journal of
Physiology, vol. 496, part 1, pp. 165–173, 1996.



16 Neural Plasticity

[170] A. Sailer, G. T. Swanson, I. Pérez-Otaño et al., “Generation
and analysis of GluR5(Q636R) kainate receptor mutant mice,”
Journal of Neuroscience, vol. 19, no. 20, pp. 8757–8764, 1999.

[171] M. Kohler, N. Burnashev, B. Sakmann, and P. H. Seeburg,
“Determinants of Ca2+ permeability in both TM1 and TM2
of high affinity kainate receptor channels: diversity by RNA
editing,” Neuron, vol. 10, no. 3, pp. 491–500, 1993.

[172] J. Lerma, “Roles and rules of kainate receptors in synaptic
transmission,” Nature Reviews Neuroscience, vol. 4, no. 6, pp.
481–495, 2003.

[173] Z. A. Bortolotto, V. R. J. Clarke, C. M. Delany et al., “Kainate
receptors are involved in synaptic plasticity,” Nature, vol. 402,
no. 6759, pp. 297–301, 1999.

[174] S. E. Lauri, Z. A. Bortolotto, R. Nistico et al., “A role for Ca2+
stores in kainate receptor-dependent synaptic facilitation and
LTP at mossy fiber synapses in the hippocampus,” Neuron, vol.
39, no. 2, pp. 327–341, 2003.

[175] M. G. Weisskopf and R. A. Nicoll, “Presynaptic changes during
mossy fibre LTP revealed by NMDA receptor-mediated synap-
tic responses,” Nature, vol. 376, no. 6537, pp. 256–259, 1995.

[176] M. F. Yeckel, A. Kapur, and D. Johnston, “Multiple forms of
LTP in hippocampal CA3 neurons use a common postsynaptic
mechanism,” Nature Neuroscience, vol. 2, no. 7, pp. 625–633,
1999.

[177] A. Contractor, G. Swanson, and S. F. Heinemann, “Kainate
receptors are involved in short- and long-term plasticity at
mossy fiber synapses in the hippocampus,” Neuron, vol. 29, no.
1, pp. 209–216, 2001.

[178] S. J. Hwang, S. Pagliardini, A. Rustioni, and J. G. Valtschanoff,
“Presynaptic kainate receptors in primary afferents to the super-
ficial laminae of the rat spinal cord,” Journal of Comparative
Neurology, vol. 436, no. 3, pp. 275–289, 2001.

[179] G. A. Kerchner, T. J. Wilding, J. E. Huettner, and M. Zhuo,
“Kainate receptor subunits underlying presynaptic regulation of
transmitter release in the dorsal horn,” Journal of Neuroscience,
vol. 22, no. 18, pp. 8010–8017, 2002.

[180] G. A. Kerchner, T. J. Wilding, P. Li, M. Zhuo, and J. E.
Huettner, “Presynaptic kainate receptors regulate spinal sensory
transmission,” Journal of Neuroscience, vol. 21, no. 1, pp. 59–66,
2001.

[181] K. M. Partin, D. K. Patneau, C. A. Winters, M. L. Mayer, and A.
Buonanno, “Selective modulation of desensitization at AMPA
versus kainate receptors by cyclothiazide and concanavalin A,”
Neuron, vol. 11, no. 6, pp. 1069–1082, 1993.

[182] R. S. Petralia, Y. X. Wang, and R. J. Wenthold, “Histological
and ultrastructural localization of the kainate receptor subunits,
KA2 and GluR6/7, in the rat nervous system using selective
antipeptide antibodies,” Journal of Comparative Neurology, vol.
349, no. 1, pp. 85–110, 1994.

[183] J. E. Huettner, “Glutamate receptor channels in rat DRG
neurons: activation by kainate and quisqualate and blockade of
desensitization by Con A,” Neuron, vol. 5, no. 3, pp. 255–266,
1990.
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The periaqueductal gray (PAG) is involved in the central regulation of nociceptive transmission by affecting the descending
inhibitory pathway. In the present study, we have addressed the functional role of presynaptic glycine receptors in spontaneous
glutamatergic transmission. Spontaneous EPSCs (sEPSCs) were recorded in mechanically dissociated rat PAG neurons using
a conventional whole-cell patch recording technique under voltage-clamp conditions. The application of glycine (100𝜇M)
significantly increased the frequency of sEPSCs, without affecting the amplitude of sEPSCs. The glycine-induced increase in
sEPSC frequency was blocked by 1𝜇M strychnine, a specific glycine receptor antagonist. The results suggest that glycine acts on
presynaptic glycine receptors to increase the probability of glutamate release from excitatory nerve terminals. The glycine-induced
increase in sEPSC frequency completely disappeared either in the presence of tetrodotoxin or Cd2+, voltage-gated Na+, or Ca2+
channel blockers, suggesting that the activation of presynaptic glycine receptors might depolarize excitatory nerve terminals. The
present results suggest that presynaptic glycine receptors can regulate the excitability of PAG neurons by enhancing glutamatergic
transmission and therefore play an important role in the regulation of various physiological functions mediated by the PAG.

1. Introduction

Glycine, in addition to GABA, is the primary inhibitory
neurotransmitter in the brain stem and spinal cord. Inmature
neurons, the inhibitory action of glycine is accomplished by
activating strychnine-sensitive glycine receptors and opening
Cl− channels, which results in membrane shunting or hyper-
polarization of postsynaptic neurons [1]. Glycine receptors
are found in most of brain areas including the hippocam-
pus, amygdala, ventral tegmental area, and periaqueductal
gray (PAG) [2–5]. Nevertheless, functional roles of glycine
receptors are largely unknown because glycine is unlikely
to be released from presynaptic nerve terminals, and there
is no direct evidence for glycinergic inhibitory postsynaptic
currents in these brain structures (but see also [6]). How-
ever, previous studies have shown that endogenous glycine
and/or taurine can elicit the tonic Cl− currents mediated by
glycine receptors in central neurons [5, 7], suggesting that
endogenous glycine and/or taurine may play a role in the

regulation of neuronal excitability. On the other hand, glycine
receptors are also found in presynaptic nerve terminals of
many brain regions, and their activation is known to facilitate
neurotransmitter release from presynaptic nerve terminals
[8–11]. In these cases, presynaptic glycine receptors might
regulate the neuronal excitability in an indirect manner via
the presynaptic modulation of neurotransmitter release.

The PAG is involved in the various functions including
pain, vocalization, fear and anxiety, lordosis, and cardiovas-
cular control [12, 13]. In particular, the PAG plays a crucial
role in the regulation of nociceptive transmission as the
PAG is one of regulatory centers affecting the endogenous
descending inhibitory pathway such as noradrenergic and
serotonergic systems [13]. In fact, electrical stimulation of
the PAG region reduces neuropathic pain by activating the
descending inhibitory system [14, 15]. In addition, the PAG is
known to be one of the target sites for opioids and cannabi-
noids [16, 17]. On the other hand, it has been well estab-
lished that several neurotransmitters including glutamate and
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GABA within the PAG are responsible for the regulation of
nociceptive transmission [13, 18]. Of them, glycine is likely to
play a role in the processing of painwithin the PAG, as glycine
is inversely correlated to nociceptive paw stimulation [19].
However, a significant amount of the glycine released within
the PAG seems to act on glycine sites of NMDA receptors
rather than strychnine-sensitive glycine receptors [20–22],
indicating that the functional roles of glycine receptors in the
PAG are still largely unknown. In the present study, therefore,
we have investigated whether functional glycine receptors
exist on glutamatergic nerve terminals projecting to PAG
neurons andwhether their activationmodulates spontaneous
glutamatergic transmission.

2. Materials and Methods

2.1. Preparation. All experiments complied with the guiding
principles for the care and use of animals approved by
the Council of the Physiological Society of Korea and the
National Institutes of Health Guide for the Care and Use of
Laboratory Animals, and every effort was made to minimize
both the number of animals used and their suffering.

Sprague Dawley rats (12–16 d old, either sex) were decap-
itated under ketamine anesthesia (100mg/kg, i.p.). The mid-
brain was dissected and transversely sliced at a thickness
of 400𝜇m using a microslicer (VT1000S; Leica, Nussloch,
Germany). The midbrain slices containing the PAG were
kept in an incubation solution (in mM: 124NaCl, 3KCl,
1.5KH

2
PO
4
, 24NaHCO

3
, 2CaCl

2
, 1.3MgSO

4
, and 10 glucose)

saturated with 95% O
2
and 5% CO

2
at room temperature

(22–24∘C) for at least 1 h before the mechanical dissociation.
For dissociation, slices were transferred into a 35mm culture
dish (Primaria 3801; BectonDickinson, Rutherford, NJ, USA)
containing a standard external solution (in mM: 150NaCl,
3KCl, 2CaCl

2
, 1MgCl

2
, 10 glucose, 10Hepes, and pH 7.4 with

Tris-base), and the PAG region was identified under a binoc-
ular microscope (SMZ-1; Nikon, Tokyo, Japan). Details of
the mechanical dissociation have been described previously
[23, 24]. Briefly, mechanical dissociation was accomplished
using a custom-built vibration device and a fire-polished glass
pipette oscillating at about 50–60Hz (0.3–0.5mm) on the
surface of the ventrolateral PAG region. Slices were removed
and themechanically dissociated neurons were left for 15min
to allow the neurons to adhere to the bottom of the culture
dish.

2.2. Electrophysiology. All electrophysiological measure-
ments were performed using conventional whole-cell
patch recording mode at holding potentials (𝑉H values)
of −60 to −65mV, which are the reversal potential of
glycine-induced membrane currents determined in every
PAG neurons, except where indicated (Axopatch 200B;
Molecular Devices, Union City, CA, USA). Patch pipettes
were made from borosilicate capillary glass (1.5mm outer
diameter, 0.9mm inner diameter; G-1.5; Narishige, Tokyo,
Japan) by use of a pipette puller (P-97; Sutter Instrument
Co., Novato, CA, USA). The tip of pipette was firstly filled
with the Cs-methanesulfonate-based internal solution

(in mM: 140Cs-methanesulfonate, 10CsCl, 2 EGTA, 5QX-
314, 2 ATP-Mg, 10Hepes, and pH 7.2 with Tris-base) using
a capillary phenomenon, and then the CsF-based internal
solution, in which Cs-methanesulfonate was replaced with
equimolar CsF, was backfilled using a syringe. The resistance
of the recording pipettes filled with these internal solutions
was 4–6MΩ. The liquid junction potential (∼−11mV,
measured by exchanging bath solution from internal solution
to standard external solution) and pipette capacitance were
compensated for. Neurons were viewed under phase contrast
on an inverted microscope (TE2000; Nikon). Membrane
currents were filtered at 2 kHz, digitized at 5 kHz, and stored
on a computer equipped with pCLAMP 10.2 (Molecular
Devices). During the recordings, 10mV hyperpolarizing
step pulses (30ms in duration) were periodically applied
to monitor the access resistance. All experiments were
performed at room temperature (22–25∘C).

2.3. Data Analysis. Spontaneous excitatory postsynaptic cur-
rents (sEPSCs) were counted and analyzed using the Mini-
Analysis program (Synaptosoft, Inc., Decatur, GA, USA)
as described previously [25]. Briefly, sEPSCs were screened
automatically using an amplitude threshold of 10 pA and
then were visually accepted or rejected based upon the rise
and decay times. Basal noise levels during voltage-clamp
recordings were typically less than 8 pA. The average values
of the frequency, amplitude, and decay time constant (90–
37%) of sEPSCs during the control period or each drug
condition (5min) were calculated for each recording, and
the frequency and amplitude of all the events during the
glycine application (1-2min) were normalized to these values.
The effects of these different conditions were quantified as
a percentage increase in sEPSC frequency compared to the
control values. The interevent intervals and amplitudes of a
large number of synaptic events obtained from the same neu-
ron were examined by constructing cumulative probability
distributions and compared using the Kolmogorov-Smirnov
(K-S) test with Stat View software (SAS Institute, Inc., Cary,
NC, USA). Numerical values are expressed as the mean ±
standard error of themean (SEM) using values normalized to
the control. Significant differences in themean amplitude and
frequency were tested using Student’s paired two-tailed t-test,
using absolute values rather than normalized ones. Values of
𝑃 < 0.05 were considered significant.

2.4. Drugs. The drugs used in the present study were
glycine, strychnine, 6-imino-3-(4-methoxyphenyl)-1(6H)-
pyridazinebutanoic acid HBr (SR95531), tetrodotoxin (TTX),
6-cyano-7-nitroquinoxaline-2,3-dione (CNQX), DL-2-
amino-5-phosphonovaleric acid (APV), QX-314, EGTA,
CdCl
2
, and ATP-Mg (from Sigma, St. Louis, MO, USA).

The standard external solution routinely contained 10 𝜇M
SR95531 and APV 50𝜇M APV to block GABAA and NMDA
receptors, respectively. All solutions containing drugs were
applied using the “Y-tube system” for rapid solution exchange
[26].
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Figure 1: Glutamatergic sEPSCs recorded from acutely isolated PAG neurons. (a) A typical trace of glutamatergic sEPSCs observed before,
during, and after application of 20 𝜇MCNQX, an AMPA/KA receptor blocker, at a V

𝐻
of 0mV in the presence of 10 𝜇M SR95531 and 50𝜇M

APV, selective GABAA, and NMDA receptor antagonists, respectively. Insets represent typical traces with an expanded time scale. (b) (A)
Typical traces of glutamatergic sEPSCs at various holding potentials (𝑉H). (B) A plot of the mean amplitude of sEPSCs at various 𝑉H values.
The reversal potential was −2.5mV, which is close to the theoretical equilibrium potential of monovalent cations. Each point was the mean
and SEM from the 4 neurons.

3. Results

After brief mechanical dissociation of the ventrolateral PAG
region, several kinds of neurons that differed in soma diame-
ter (10–15 𝜇m) and shape (multipolar, bipolar, and pyramidal-
shaped) were found. These morphological properties of
acutely isolated neuronswere similar to those of PAGneurons
identified in previous studies [27, 28]. When these neurons
were held at a𝑉H of−60mVusing thewhole-cell patch-clamp
technique, the spontaneous inward synaptic currents were
recorded in the presence of both 10 𝜇M SR95531 and 50 𝜇M
APV, selective GABAA andNMDA, and receptor antagonists,
respectively. These spontaneous inward currents were com-
pletely and reversibly blocked by 20 𝜇M CNQX (𝑛 = 5), an
AMPA/KA receptor blocker (Figure 1(a)). Figure 1(b) shows
typical raw traces recorded at various 𝑉H conditions and the
current-voltage relationship (𝑛 = 4). The reversal potential
for the spontaneous synaptic currents was estimated from the
current-voltage relationship to be −2.5mV. This value is very
similar to the theoretical equilibriumpotential ofmonovalent
cations. These results indicate that the spontaneous synaptic
events recorded from acutely isolated PAG neurons were
AMPA/KA receptor-mediated sEPSCs.

To investigate whether excitatory nerve terminals pro-
jecting to PAG neurons express functional glycine receptors
and whether the activation of presynaptic glycine recep-
tors directly modulates spontaneous glutamate release, we
observed the effect of exogenously applied glycine on sEPSCs.
The glycine receptor-mediated membrane currents were
minimized by using the CsF-based pipette solution and
by adjusting the 𝑉H to experimentally determined reversal
potential of glycine-induced currents. In these conditions,
glycine (100 𝜇M) rapidly and reversibly increased the fre-
quency of glutamatergic sEPSCs (Figure 2(a)). In 12 neurons

for which the effect was fully analyzed, glycine (100𝜇M)
increased sEPSC frequency to 429.7 ± 33.9% of the control
(0.81±0.18Hz for control and 3.48±0.27Hz for glycine, 𝑃 <
0.01), without affecting sEPSC amplitude (98.3 ± 5.9% of the
control, 23.1±1.9 pA for control, and 22.7±1.6 pA for glycine,
𝑃 = 0.57; Figures 2(a) and 2(b) insets). In addition, glycine
significantly shifted the cumulative distribution of interevent
interval to the left (𝑃 < 0.01, K-S test, Figure 2(b)(A))without
affecting the cumulative distribution of the current amplitude
(𝑃 = 0.13, K-S test, Figure 2(b)(B)), consistent with an
increase in the frequency of glutamatergic sEPSCs. Glycine
also did not affect the decay time constant of glutamatergic
sEPSCs (2.21 ± 0.12ms of the control and 2.19 ± 0.13ms for
glycine, 𝑃 = 0.96; Figure 2(a) inset). Taken together, these
results suggest that glycine acts presynaptically to increase
spontaneous glutamate release onto acutely isolated PAG
neurons.

To investigate whether the glycine-induced increase in
spontaneous glutamate release is mediated by presynaptic
glycine receptors, we observed the effect of strychnine, a
specific glycine receptor antagonist, on the glycine-induced
increase in sEPSC frequency. Strychnine (1𝜇M) by itself had
no effect on the basal frequency (111.6±10.3% of the control,
𝑛 = 6, 𝑃 = 0.31) or amplitude (97.6 ± 8.5% of the control, 𝑛 =
6, 𝑃 = 0.21) of glutamatergic sEPSCs (Figures 3(a) and 3(b)).
In the presence of 1 𝜇M strychnine, the facilitatory action of
glycine (418.1 ± 38.3% of the control, 𝑛 = 6, 𝑃 < 0.01)
was completely attenuated to 88.4 ± 9.2% of the strychnine
condition (𝑛 = 6, 𝑃 = 0.42, Figures 3(a) and 3(b)(A)).

Next, the possible mechanisms underlying the glycine-
induced increase in spontaneous glutamate release were
examined. Since the activation of presynaptic glycine recep-
tors facilitates spontaneous neurotransmitter release by
eliciting a presynaptic depolarization [9–11], we observed
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Figure 2: Effects of glycine on glutamatergic sEPSCs. (a)A typical trace of glutamatergic sEPSCs observed before, during, and after application
of 100𝜇M glycine. Insets represent typical traces with an expanded time scale (left) and single sEPSCs indicated by symbols (right). (b)
Cumulative probability distribution for interevent interval (A) and current amplitude (B) of glutamatergic sEPSCs. 191 for control (thin lines)
and 292 events for glycine (thick lines) were plotted. Insets column represents mean and SEM from 12 neurons. Dotted lines represent the
relative control of basal frequency and amplitude of sEPSCs. ∗∗𝑃 < 0.01; n.s.: not significant.
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Figure 3: Effect of strychnine on glycine-induced increase in sEPSC frequency. (a) Typical traces of glutamatergic sEPSCs observed during
the application of 100 𝜇M glycine in the absence (upper) and presence (lower) of 1 𝜇M strychnine. (b) Glycine-induced changes in frequency
(A) and amplitude (B) of sEPSC in the absence and presence of strychnine. Each column was the mean and SEM from 6 neurons. ∗∗𝑃 < 0.01;
n.s.: not significant.

the effect of TTX, a voltage-dependent Na+ channel blocker,
on the glycine-induced increase in sEPSCs frequency. The
application of 300 nM TTX significantly decreased the basal
sEPSC frequency (64.4 ± 4.6% of the control, 𝑛 = 6, 𝑃 < 0.01,
Figures 4(a) and 4(b)(A)), but it had no effect on the basal
sEPSC amplitude (98.9 ± 8.1% of the control, 𝑛 = 6, 𝑃 = 0.17,
Figures 4(a) and 4(b)(B)). In the presence of 300 nM TTX,
the facilitatory action of glycine (458.6±39.1% of the control,
𝑛 = 6, 𝑃 < 0.01) was completely occluded to 103.7 ± 11.0%
of the TTX condition (𝑛 = 6, 𝑃 = 0.55, Figures 4(a) and
4(b)(A)).

The neurotransmitter release is triggered by an increase
in the intraterminal Ca2+ concentration, which is generally
accomplished by presynaptic voltage-dependent Ca2+ chan-
nels (VDCCs) [29].Therefore, we further examined the effect
of Cd2+, a general VDCC blocker, on the glycine-induced
increase in sEPSCs frequency. The application of 200𝜇M
Cd2+ also significantly decreased the basal sEPSC frequency
(61.1 ± 5.5% of the control, 𝑛 = 6, 𝑃 < 0.01, Figures 4(a)
and 4(b)(A)). However, Cd2+ did not affect the basal sEPSC
amplitude (96.2 ± 8.8% of the control, 𝑛 = 6, 𝑃 = 0.61,
Figures 5(a) and 5(b)(B)). In the presence of 200𝜇M Cd2+,
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Figure 4: Effect of TTX on glycine-induced increase in sEPSC frequency. (a) Typical traces of glutamatergic sEPSCs observed during the
application of 100𝜇Mglycine in the absence (upper) and presence (lower) of 300 nMTTX. (b) Glycine-induced changes in frequency (A) and
amplitude (B) of sEPSC in the absence and presence of TTX. Note that the glycine-induced facilitation of sEPSC frequency was completely
suppressed by TTX. Each column was the mean and SEM from 7 neurons. ∗∗𝑃 < 0.01; n.s.: not significant.
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Figure 5: Effect of Cd2+ on glycine-induced increase in sEPSC frequency. (a) Typical traces of glutamatergic sEPSCs observed during the
application of 100𝜇Mglycine in the absence (upper) and presence (lower) of 200 𝜇MCd2+. (b) Glycine-induced changes in frequency (A) and
amplitude (B) of sEPSC in the absence and presence of Cd2+. Note that the glycine-induced facilitation of sEPSC frequency was completely
suppressed by Cd2+. Each column was the mean and SEM from 7 neurons. ∗∗𝑃 < 0.01; n.s.: not significant.

the facilitatory action of glycine (436.8±31.1%of the control,
𝑛 = 6, 𝑃 < 0.01) was completely occluded to 95.9 ± 10.6%
of the Cd2+ condition (𝑛 = 6, 𝑃 = 0.28, Figures 5(a) and
5(b)(B)).

4. Discussion

Previous studies have shown that glycine receptors are
expressed on presynaptic nerve terminals at central synapses
and that their activation modulates the presynaptic release
of a variety of neurotransmitters, such as glutamate [8,
11], GABA [10], and glycine [9]. Several lines of evidence
suggest that glycine receptors are also expressed on excitatory
nerve terminals projecting to PAG neurons and that their

activation enhances spontaneous glutamate release onto PAG
neurons. First, glycine significantly increased the frequency
of sEPSCs without affecting the current amplitude, con-
sistent with a presynaptic locus of glycine action. Second,
this facilitatory action of glycine on glutamatergic sEPSCs
was completely blocked by strychnine. Although presynap-
tic GABAA receptors also enhance spontaneous glutamate
release at these synapses [30], the involvement of presynaptic
GABAA receptors should be negligible because the present
study was performed after the blockade of GABAA receptors
with SR95531. In addition, since the extracellular solution
contained APV, a specific NMDA receptor antagonist, the
involvement of possible NMDA receptors should be also
negligible. Third, the preparation used in this study would
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support a presynaptic locus of glycine action because dissoci-
ated neurons have presynaptic nerve terminals without their
parent soma [24].

In the present study, we found that glycine failed
to enhance sEPSC frequency in the presence of either
TTX or Cd2+, suggesting that the glycine-induced increase
in sEPSC frequency requires the activation of voltage-
dependent Na+ and Ca2+channels. That is, the activation
of presynaptic glycine receptors might depolarize excitatory
nerve terminals, and that this presynaptic depolarization
seems to activate voltage-dependent Na+ and Ca2+ channels
subsequently. In addition, since glycine had no facilitatory
effect on spontaneous glutamate release in the presence of
TTX, the extent of glycine receptor-mediated presynaptic
depolarization might be not enough to activate VDCCs
directly [25, 31]. Alternatively, glycine receptors might be
expressed on preterminal region so that the glycine receptor-
mediated depolarization would affect voltage-dependent Na+
rather thanCa2+ channels at axons. Similarly, nicotinic acetyl-
choline receptors expressed on the axonal region are known
to enhance spontaneous neurotransmitter release in a TTX-
sensitive manner [32]. On the other hand, given that glycine
receptors are permeable to Cl− but not cations and that the
activation of glycine receptors elicits a presynaptic depolar-
ization; excitatory nerve terminals projecting to PAGneurons
might maintain higher intraterminal Cl− concentration than
that predicted for passiveCl− distribution.This can be accom-
plished by the inwardly directed Cl− cotransporters such as
bumetanide-sensitive Na+-K+-2Cl− cotransporter type 1 [33,
34]. Similarly, we have previously shown that bumetanide-
sensitive Na+-K+-2Cl− cotransporter type 1 maintains the
higher Cl− concentration within presynaptic nerve terminals
[25, 35]. In this regard, since the Cl− concentration within the
neuronal soma becomes lower with postnatal development
by changing the expression of Cl− cotransporters [36], it is
of interest to examine whether the expression of presynaptic
Cl− cotransporters as well as the glycine receptor-mediated
presynapticmodulation alters during postnatal development.

As PAG neurons project their excitatory axon terminals
directly to serotonergic and noradrenergic neurons of the
medulla, which innervate their fibers the superficial dorsal
horn [37], the excitability of PAG neurons should be a key
factor involved in the PAG-mediated descending inhibitory
systems. For example, microinjection of the GABAA receptor
antagonists or glutamate into the PAG shows antinociceptive
responses in animal models [38–40]. In addition, opioid
analgesics seem to disinhibit tonically active GABAergic
neurons within the PAG [41], suggesting that an increase in
the excitability of output PAG neurons produces analgesia. In
this regard, glycine might be also involved in the regulation
of excitability of PAG neurons. For example, a previous
study has shown that the microinjection of glycine into
the dorsal PAG of rats increases tail-flick latencies in a
dose-dependent manner, and this hyponociceptive effect of
glycine is reversed by coadministration with the specific
inhibitor for NMDA receptor glycine site [42], suggesting
that microinjected glycine acts on glycine-binding site of
NMDA receptors to elicit hyponociception. In addition, a

recent study has shown that themicroinjection of glycine into
the ventrolateral PAG of rats produces conflicting results, for
example, hyperalgesia or analgesia [43]. In this study, while
the glycine-induced analgesia is blocked by theNMDArecep-
tor antagonist, the glycine-induced hyperalgesia is blocked by
the glycine receptor antagonist [43], suggesting that glycine
acts as an excitatory transmitter, for example, coagonist for
NMDA receptors, to increase the excitability of output PAG
neurons. In the case of glycine-induced hyperalgesia, the
activation of glycine receptors, presumably somatodendritic
and/or postsynaptic glycine receptors, might result from the
decrease in the excitability of output PAG neurons. Although
the source of extracellular glycine remains to be elucidated,
glycine might be synaptically released as described previ-
ously [44]. It should be noted that, however, postsynaptic
glycine receptors are unlikely to contribute to the regulation
of neuronal excitability, as inhibitory postsynaptic currents
are absolutely mediated by GABAA receptors rather than
strychnine-sensitive glycine receptors [45].

In the present study, we have shown that the activation
of presynaptic glycine receptors increases spontaneous gluta-
mate release onto PAG neurons via a presynaptic depolariza-
tion.The present results would provide a physiological role of
presynaptic glycine receptors in the antinociceptive function
mediated by the PAG, as the activation of presynaptic glycine
receptors can increase the excitability of PAG neurons by
enhancing excitatory glutamatergic transmission.This specu-
lationmight be different from previous findings showing that
glycine microinjected into the PAG produces hyperalgesic
action in a strychnine-sensitive manner [43]. However, the
previous behavioral findings might be not applicable to the
present study because the microinjected glycine can activate
somatodendritic as well as presynaptic glycine receptors
within the PAG region. Although it is still unknown whether
the glycine-induced hyperalgesia is mediated by somato-
dendritic or presynaptic glycine receptors, somatodendritic
glycine receptors might be responsible for the microinjected
glycine-induced hyperalgesia. This is because the glycine-
induced hyperpolarization decreases the excitability of out-
put PAG neurons, as described above. In fact, PAG neurons
express functional somatodendritic glycine receptors, and
the application of glycine to isolated PAG neurons elicits
large Cl− currents [46]. Further electrophysiological and
behavioral studies will be needed to elucidate the differential
roles of somatodendritic and presynaptic glycine receptors in
the regulation of nociceptive transmission mediated by the
PAG.

5. Conclusions

In conclusion, we have shown that functional glycine recep-
tors are expressed on glutamatergic nerve terminals pro-
jecting to PAG neurons and that the activation of presy-
naptic glycine receptors depolarizes presynaptic terminals to
enhance spontaneous glutamate release. The present results
suggest that presynaptic glycine receptors can regulate the
excitability of PAG neurons by enhancing glutamatergic
transmission and therefore play an important role in the
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regulation various physiological functions mediated by the
PAG.
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