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Glial cells play multiple, diverse roles in the central ner-
vous system (CNS), ranging from the basal support of
neuronal function to close partnership with the synapse.
Growing experimental evidence shows the importance of
glia for proper brain functioning and their involvement in
injury and disease. Astrocytes are the most intriguing cells
among the glial family. It is well known that they provide
energetic substrates to neurons, take up neurotransmitters,
and maintain ion homeostasis. Recent research has revealed
that they can also release gliotransmitters and signaling
molecules as well as maintain and regulate the extracellular
matrix. Structurally, astrocytic fine processes enwrap synaptic
contacts and exhibit remarkable plasticity resulting from
crosstalk between these compartments.These features endow
astrocytes with the ability to sense neuronal activity and inte-
grate and modulate synaptic transmission, revealing them as
a crucial element inmechanisms of synaptic transmission and
plasticity.

Indeed, astrocyte-synapse interactions are complex and
dynamic and are required for normal synaptic physiology and
plasticity, as well as for the development and refinement of
the neuronal circuits. Although much progress has recently
beenmade in our understanding of the cellular andmolecular
mechanisms that underlie neuronal-glial interactions, ongo-
ing research is adding new information and new questions
regarding the role of glial cells in CNS development, function,
and disease.

In this special issue we collected research and review
articles that focus on glia-synapse interactions with a

particular focus on astrocytes. An important role played by
these cells in regulating long-term potentiation (LTP) and
memory mechanisms in hippocampus is reviewed by Y. Ota
et al. In the review “The role of astrocytes in the regulation
of synaptic plasticity and memory formation,” the authors
presented a summary of receptors and signaling molecules
implicated in LTP. In addition, they propose an integrative
model describing how astrocytes may modulate LTP at the
postsynaptic site. Supported by a growing number of studies,
their model confirms the involvement of the glutamatergic,
cholinergic, and purinergic pathways in the neuron-astrocyte
interactions taking place during synaptic plasticity.Moreover,
this cellular interplay implicates also ephrin signaling and
cytokines. Finally, Y. Ota and coauthors discuss the central
role played by astrocytic calcium and associated gliotransmit-
ters in hippocampal-dependent memory.

Although the primary function of astrocytes is to take up
glutamate to prevent excitotoxicity, astrocytes are also able to
release this neurotransmitter. This is generally well accepted
even if the mechanisms of release remain uncertain. In this
special issue, a novel mechanism of glutamate release from
astrocytes was studied by C. Cali et al. in the manuscript
“G-protein coupled receptor-evoked glutamate exocytosis from
astrocytes: role of prostaglandins.” They show the role of the
proinflammatorymediator prostaglandin E

2
(PGE
2
) in gluta-

mate exocytosis from astrocytes in the intact brain. Inhibition
of cyclooxygenase pathway caused a significant reduction in
the total number of fusion events of VGLUT1-positive gluta-
mate containing vesicles in astrocytes induced by activation
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2 Neural Plasticity

of purinergic and glutamatergic receptors. Prostaglandin-
mediated signaling is implicated in the later, slower phase
of glutamate release and requires autocrine/paracrine action
of PGE

2
, suggesting a physiological role for this mediator in

intercellular communication, in addition to its known role in
inflammatory reactions in the brain.

Gliotransmitters glutamate and D-serine have been
shown to modulate NMDA receptors (NMDAR) at extrasy-
naptic sites, revealing neuronal NMDAR as active com-
ponents of glia to neuron communication. In the review
“GluN3A: an NMDA receptor subunit with exquisite prop-
erties and functions,” L. A. Kehoe et al. discuss recent data
on the GluN3A subunit which provides “nonconventional”
properties to NMDA receptors. Expression of this subunit
in early development helps to shape neuronal networks,
but it may also be implicated in different neuropathologies.
Interestingly, the presence of GluN3 subunit on perisynaptic
astrocytic processes suggests its possible involvement in
neuron-glia interactions, although more research is required
to elucidate this question.

Another mechanism used by astrocytes to regulate
intercellular interactions in the CNS is through secretion
of matricellular proteins. These proteins are nonstructural
molecules that regulate the extracellular matrix and cell-cell
interactions. In the paper “Astrocyte-secreted matricellular
proteins in CNS remodelling during development and disease,”
E. V. Jones and D. S. Bouvier review the roles of matricellular
proteins secreted from developing and reactive astrocytes
in CNS development, injury, and disease and discuss their
potential as therapeutic targets.

In the paper “Astrocyte-synapse structural plasticity,” Y.
Bernardinelli et al. review the data on plasticity of perisynap-
tic astrocytic processes (PAPs). The authors discuss electron
and optical microscopy data showing the distribution of fine
astrocytic processes around synapses and overview growing
evidence on PAP structural plasticity. Although the exact
mechanisms and roles of this type of astrocytic plasticity
are still not clear, recent data has revealed a requirement
for neuronal activity and suggests that PAPs may be impli-
cated in the structural support and plasticity of a synapse,
control of neurotransmission and intersynaptic crosstalk,
energy supply, maintenance of extracellular homeostasis, and
integration of synaptic signals.

The study of glial structural plasticity (such as PAPs)
requires precise quantification of fine processes and their
motility. This challenging task is addressed in the paper
“Improved method for the quantification of motility in glia and
other morphologically complex cells” by M. Sild et al. who
propose and describe in detail a new approach to calculate a
motility index for cells with complex, dynamicmorphologies.

In this special issue, only some aspects out of a broad
range of topics on synapse-glia interactions are highlighted
and discussed. Despite great progress made recently in our
understanding of glia and their role in the CNS, there is still
a long road ahead. We hope that the data presented in this
issue will help the future research in this quickly growing and
important field.
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Matricellular proteins are secreted, nonstructural proteins that regulate the extracellular matrix (ECM) and interactions between
cells through modulation of growth factor signaling, cell adhesion, migration, and proliferation. Despite being well described
in the context of nonneuronal tissues, recent studies have revealed that these molecules may also play instrumental roles in
central nervous system (CNS) development and diseases. In this minireview, we discuss the matricellular protein families SPARC
(secreted protein acidic and rich in cysteine), Hevin/SC1 (SPARC-like 1), TN-C (Tenascin C), TSP (Thrombospondin), and
CCN (CYR61/CTGF/NOV), which are secreted by astrocytes during development. These proteins exhibit a reduced expression
in adult CNS but are upregulated in reactive astrocytes following injury or disease, where they are well placed to modulate
the repair processes such as tissue remodeling, axon regeneration, glial scar formation, angiogenesis, and rewiring of neural
circuitry. Conversely, their reexpression in reactive astrocytes may also lead to detrimental effects and promote the progression
of neurodegenerative diseases.

1. Introduction

Astrocytes secrete numerous factors and active molecules [1–
4], which modulate synapse development, neuronal activ-
ity, and plasticity during development and in the mature
brain [5–10]. In particular, immature astrocytes produce and
secrete many types of proteins that allow them to remodel
the extracellular matrix (ECM) surrounding neurons and
synapses [11]. In addition, astrocytes have the ability to react
to any kind of insult or change in their environment, physical,
viral, or chronic disease, andwork side by sidewithmicroglia,
the immune cells of the brain, in order to contain and to repair
the brain from injuries [12, 13]. Astrocyte reactivity is associ-
ated with striking changes in gene expression and morphol-
ogy [14, 15]. It has been demonstrated that reactive astrocytes
revert to a partially immature molecular profile [16], which
allow them to reexpress a variety of factors/proteins required
for tissue remodelling around injury sites [13]. Some of these
proteins have direct roles on modulation of ECM and cell to
cell interactions. One mechanism used by reactive astrocytes

to reshape their microenvironment is through the secretion
of matricellular proteins.

Matricellular proteins are a family of structurally unre-
lated proteins that are secreted into the extracellular space.
They act as nonstructural regulators of the ECM and cell-
matrix interactions through modulation of growth fac-
tor signaling, cytokines, hormones, and proteases [17]. In
general, matricellular proteins are highly expressed during
development and present at a lower level during adulthood.
However, their expression is upregulated following injury or
disease. Interestingly, mice with homozygous-null mutations
for this family of molecules do not usually exhibit gross
abnormalities and generally have subtle phenotypes until
challenged [18]. In contrast with other extracellular matrix
proteins, matricellular proteins have been shown to have
deadhesive activity, which likely contributes to their role
in tissue remodeling following injury or in disease states.
The matricellular protein family comprises many members
to date (recently reviewed in [19]). Although widely stud-
ied in nonneuronal tissues, their roles in the CNS are
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not well understood. This minireview will focus on the
expression and function of matricellular proteins secreted
from astrocytes of the CNS, both in development and in
the context of glial reactivity and disease, namely, SPARC
(secreted protein acidic and rich in cysteine, also known as
osteonectin/BM-40), Hevin (also known as SPARC-like 1 or
SC1), Tenascin C (TN-C), Thrombospondins (TSP), and the
CCN (CYR61/CTGF/NOV) family.

2. SPARC and Hevin/SC1

SPARC/osteonectin/BM-40 (now referred to as SPARC) and
SC1/Hevin, first discovered two decades ago, are part of
a larger family of SPARC family proteins, which share a
common E-F hand calcium binding (EC) domain [20–23].

Of the SPARC family proteins, Hevin has the greatest
homology to SPARC and both proteins have three main
domains; an N-terminal acidic calcium-binding domain, a
central cysteine-rich follistatin domain, and the C-terminal
EC domain [24] which confers collagen-binding [25–27].
SPARC has been shown to modulate several growth factor
signaling cascades (i.e., VEGF (vascular endothelial growth
factor), PDGF (platelet-derived growth factor), FGF2 (fibrob-
last growth factor-2), and TGF𝛽 (transforming growth factor
beta) and can regulate integrin-mediated adhesion (reviewed
in [28]). Mice containing targeted deletions of either SPARC
or Hevin are viable and fertile and generally exhibit relatively
mild phenotypes until revealed by injury or challenge [20, 29,
30]. However, recent studies of SPARC and Hevin knock-out
animals have revealed important roles for these molecules in
CNS development [9, 31–33].

During embryonic development, SPARC and Hevin have
somewhat overlapping expression profiles and are found in
radial glia and the developing vasculature (recently described
in detail in [34, 35]). Indeed, Hevin was shown to be
important for appropriate termination of radial glia-guided
neuronal migration and proper lamination of the cerebral
cortex [32].

During the first few weeks of postnatal development,
SPARC and Hevin are highly expressed in astrocytes [9, 31],
with Hevin also being present in neurons [36]. Secretion
of SPARC and Hevin from astrocytes has been shown to
play an important role during synapse development (recently
reviewed in [5, 11]). Kucukdereli and colleagues [31] demon-
strated that astrocyte-secreted Hevin promotes the forma-
tion of excitatory synapses in the superior colliculus. They
proposed that SPARC may compete with Hevin to regulate
synapse development, since SPARC was found to antago-
nize the synaptogenic effects of Hevin on cultured RGC
neurons. In contrast, morphological synapse development in
hippocampal neurons cultured with SPARC null astrocytes
versuswild type astrocyteswas similar [9].However, synapses
in SPARC null cultures were found to have a greater number
of AMPA receptors and an increase in synaptic strength,
which was rescued through application of recombinant
SPARC. Regulation of AMPA receptors by SPARC required
𝛽3-integrin signaling [9]. A recent study has shown that these
synaptic changes can lead to alterations in hippocampal-
related behaviours in the adult. Campolongo and colleagues

demonstrated that SPARC knock-out mice exhibited an
increase in anxiety and antidepressant-like behaviours [29].

Taken together, these studies suggest that SPARC may
play an important role in excitatory synapse development
by preventing premature maturation of synapses to facilitate
proper formation of neural circuitry. HowHevin and SPARC
might interact to exert their effects on synapses is not yet
understood.

2.1. SPARCandHevinAreUpregulated in Reactive Astrogliosis.
In the mature CNS, the expression of SPARC and Hevin is
reduced, and, in the case of SPARC, its expression is confined
to radial-like glia cells such as Bergmann glia and Muller
glia, resting microglia at low levels in astrocytes [35, 37]. In
contrast, Hevin expression in the adult brain is restricted to
mature astrocytes and neurons and is not present inmicroglia
[34, 38]. However, upon injury or disease, the expression
of both proteins is upregulated in reactive astrocytes [39,
40]. Hevin is found in the cell bodies of reactive, divid-
ing astrocytes and in hypertrophied processes surrounding
neurons and blood vessels following status epilepticus in rat
[41]. Hevin is also highly expressed in reactive glia following
lesion injury [42, 43] and ischemic stroke [44], where Hevin
expression was shown to be upregulated in astrocytes sur-
rounding the lesion at 1 day after stroke and was sustained
for up to a week. Similarly, SPARC has been shown to be
upregulated in reactive astrocytes following injury [39] and
stroke [45]. Interestingly, SPARC upregulation occurred in a
slow sustained manner in both of these studies, suggesting
that SPARC produced from reactive astrocytes may play a
role in later, rather than immediate, processes of recovery and
repair.

In the human brain, SPARC is expressed in reactive
human astrocytes proximal to brain tumours [46] and was
shown to be increased in cases of human epilepsy [47].
SPARC is expressed in several types of brain tumours, and
its expression in astrocytomas and gliomas is generally asso-
ciated with increased invasion, angiogenesis, and a negative
prognosis [48, 49]. The role of Hevin in cancer is likely
complex: its expression has been shown to be correlated with
invasive gliomas [50] yet it is highly downregulated in other
malignancies and has been described as a tumour suppressor
gene [24, 51].

2.2. Cleavage of SPARC and Hevin and the Generation of
Functional Protein Fragments. The role of Hevin and SPARC
in cancer, brain injury, and disease is likely dependent on the
tissue type and other molecules in the ECM environment,
such as the presence of proteases. Both SPARC and Hevin
have been shown to be cleaved bymembers of thematrixmet-
alloproteinases (MMP) family to release functional protein
fragments. Hevin can be cleaved by MMP-3 and ADAMTS4
(a disintegrin and metalloproteinase with Thrombospondin
motifs) to release a shorter, C-terminal fragment that is
highly homologous to SPARC, known as “SPARC-like frag-
ment” (SLF) [38, 52]. Interestingly, the SLF was shown to
oppose the synaptogenic action of full length Hevin [31, 52]
and was found associated with SPARC in neovasculature of
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gliomas [52]. Furthermore, it is possible that SPARC may
play a role in the proteolysis of Hevin, since SPARC has been
shown to induce the expression of MMPs [53, 54]. SPARC
is regulated by MMP proteolysis and is cleaved by MMP-3
in vitro to produce protein fragments that have differential
effects on cell proliferation and migration [55]. Peptides
encompassing different domains of SPARC (such as would be
released by MMP cleavage) have been shown to have potent
effects. For example, “peptide 2.3,” which contains part of
the follistatin-like domain of SPARC, regulates SPARC-𝛽-
integrin interactions in nonneuronal cells [56], can stimulate
angiogenesis activity [57], and rescues 𝛽-integrin and AMPA
receptor overaccumulation at synapses in SPARC null hip-
pocampal cultures [9].

MMPs and their inhibitors, TIMPs (tissue inhibitors
of metalloproteinases), are upregulated in reactive astrocytes
in a range of disease contexts such as following ischemic
stroke or in Alzheimer’s disease (AD), where they are thought
to have an important role (reviewed in [58, 59]). In ischemic
stroke or injury, MMP expression has been shown to have a
detrimental role in the initial stages [60], but it is protective in
the later recovery phases where it is important for promoting
angiogenesis of new blood vessels and restoration of the
blood brain barrier [61]. The role of MMPs in angiogenesis
is thought to involve VEGF signaling [58], which has also
been shown to be regulated by SPARC (reviewed in [28]).
Given thatMMP can regulate SPARC and vice versa, it would
be interesting to determine whether MMP and SPARC could
coordinate regulation of tissue remodeling and angiogenesis
following injury to the CNS.

Currently, the role of SPARC and Hevin in the CNS
has been mostly studied in the context of development.
One interesting question is whether these proteins will have
similar functions in the adult CNS following injury or
disease. For example, are SPARC and Hevin involved in de
novo synapse formation and circuit rewiring following CNS
injury? Does their function require proteolysis? Answers to
these questions will help provide insight into the functions
of SPARC and Hevin produced from reactive astrocytes and
their role in modulating the ECM environment.

3. Tenascin C

Tenascin C (or TN-C with C for cytotactin) is a secreted
extracellular matrix glycoprotein that is part of a family
of three homologs along with Tenascin R and Tenascin X.
TN-C was discovered in the early 1980s and has carried
numerous names like myotendinous antigen, glioma mes-
enchymal extracellular matrix, hexabrachion, tenascin, Jl-
200/220, and cytotactin [62]. TN-C is composed of several
distinct domains containing epidermal growth factor-like
repeats, fibronectin type III repeats, and a segment of great
homology with the 𝛼 and 𝛽 chains of fibrinogen [62, 63]. It
is transiently expressed by neural and nonneural cells during
development and plays a role in the ECM remodelling during
tissue repair. During brain development, the expression of
TN-Cby radial glia and subpopulations of astrocytes has been
shown to affect multiple processes such as cell migration and
proliferation, axonal guidance, and synaptic plasticity.

3.1. Astrocyte-Secreted TN-C Is a Key Molecule in the Estab-
lishment of Neuronal Circuitry. TN-C was first described as a
protein produced and secreted in vitro by astrocytes in culture
[64, 65]. It was demonstrated that its expression was limited
to specific astrocyte cell lines or subpopulations during CNS
development [66, 67]. Paradoxically, TN-C was considered
both as a repulsive substrate for neuronal and astrocytic
growth [68, 69] and as a permissive one, by providing axonal
guidance cues [66, 67, 70, 71]. Depending on the context,
such as the expression of other ECM molecules, TN-C can
have the opposite differential effects on neuronal growth.
TN-C is also known to influence astrocyte proliferation and
induces process elongation through an autocrine/paracrine
mechanism [63]. In addition, TN-C has been shown to
act through 𝛽1 and 𝛼9 integrin-dependent cell adhesion
[69, 72] and to interact physically with the neuronal GPI—
membrane-anchored adhesion glycoprotein F3/contactin of
the Ig superfamily [71].

TN-C is expressed in vivo in various brain regions and
exhibits a precise temporal and spatial distribution. In the
somatosensory cortex of rodents, TN-C was detected by
immunohistochemistry in populations of astrocytes delin-
eating the boundaries of whisker barrel fields in the early
postnatal development (P1–P7) [73]. By P9, TN-C expression
in barrels has almost disappeared. TN-C was also reported
to be transiently expressed by cortical radial glia cells [74]
and by astrocytes of the optic nerves [75]. In the cerebellar
cortex, TN-C was found to be highly expressed in the first
four postnatal weeks before being downregulated [75]. Using
in situ hybridization and electron microscopy, the authors
showed that TN-C was mainly produced and secreted by
astrocytes and epithelial cells and was only detected at the
cellular surface of neurons. However, in the developing
hippocampus, TN-C not only is expressed by radial glia cells
and immature astrocytes but also by a subset of neurons of the
stratum oriens [76]. In the spinal cord, TN-C is synthesized
by a subset of gliogenic precursors in the late phase of
embryogenesis and has been shown to influence proliferation
and migration of subpopulation of astrocytes [77].

Surprisingly, TN-C null mice do not show a major
phenotype or alteration in the gross histoarchitecture of the
CNS but do display subtle morphological alterations in some
subtypes of neurons [78, 79]. In addition, TN-C null mice
exhibited an enhanced proliferation but a delayed migration
of immature astrocytes toward the ventral spinal cord white
matter [77]. Furthermore, it has been shown that the number
of cells is changed in the cerebral cortex of TN-C null mice
when compared to the WT animals, with an abnormally
high neuronal density and increased astrogliosis but low
density of parvalbumin-positive interneurons and reduced
ratio of oligodendrocytes [79]. Evers and colleagues observed
plasticity impairments in the hippocampus of one-month-
old TN-C null mice. Indeed, intertheta burst stimulation-
(TBS-) induced LTP (long term potentiation) were shown
to be significantly reduced and LTD (long term depression)
abolished at Schaffer collateral—CA1 synapses whereas LTP
in the dentate gyrus or CA3 were described as normal
[78]. The authors demonstrated a causal effect between the
deficiency in TN-C and an impairment of the L-type Ca2+
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channel-dependent forms of synaptic plasticity in the CA1
that could be mediated by interactions with integrins or pro-
teoglycans. In addition, TN-C −/− mice trained in the step-
down avoidance test also showed clear deficits in contextual
memory [80]. Interestingly, different domains of TN-C have
distinct functional properties. Indeed, the intrahippocampal
injections in wild type animals of the recombinant fragment
of TN-C containing the fibronectin type III repeats 6–8, but
not 3–5, blocked memory formation and suggests that TN-C
can directly modulate synaptic plasticity [80]. Therefore, the
reexpression of TN-Cby reactive astrocytes during injuries or
brain diseases could impact the processes of cell proliferation,
migration, and synaptic plasticity.

3.2. TN-C in Astrogliosis and Brain Diseases. Tenascin C is
poorly expressed in adult brain. However, it has been
observed to be upregulated at injury sites in correlation
with astrocyte reactivity and glial scar formation. Indeed,
stab wound in cerebellar and cerebral cortices structures
have been shown, by in situ hybridization and immuno-
histochemistry, to enhance the production of TN-C in a
discrete population of GFAP-(glial fibrillary acidic protein)
positive astrocytes proximal to the injury site [81]. TN-
C is also intensely expressed by astrocytes in culture in
scratch wound assays [82]. Interestingly, TN-C could be
involved in the maintenance of astrogliosis surrounding site
of severe injuries. Indeed, stab wound assays in cerebral
cortex revealed that GFAP expression, which is usually
correlated with severity of reactivity, was significantly weaker
in TN-C null versus wild type mice, one week after the stab
[83]. However, in the same study, IgG leakage persisted much
longer in TN-C-deficient mice and RNA levels of proinflam-
matory cytokines TNF𝛼 (tumour necrosis factor alpha), IL-
6 (Interleukin-6), and IL-1𝛽 levels were higher [83]. Thus,
the production of TN-C may influence blood-brain barrier
(BBB) repair and the regulation of inflammatory cytokine
levels either directly or indirectly through modulation of
BBB integrity. In addition, TN-C production in astrocytes
can be modulated by inflammatory cytokines and growth
factors. Indeed, astrocytes increased their production of TN-
C when cultured in presence of activated macrophage- and
microglial-conditioned media [84]. Smith and colleagues
have also demonstrated that the synergic action of both TGF-
𝛽1 and basic fibroblast growth factor (bFGF), both factors
known to be upregulated in injury, stimulates the expression
of TN-C [84].

Interestingly, TN-C upregulation has been described in
numerous neurodegenerative diseases. TN-C expression is
induced in the hippocampi of both epileptic rat brains [85, 86]
and human patients with temporal lobe epilepsy (TLE) [87].
In brains of TLE patients, the regions exhibiting a diffuse
and elevated expression of TN-C were also characterized by
an extended area of reactive gliosis and synaptic reorganiza-
tion. In addition, TN-C was recently reported as a plasma
biomarker for neurodegenerative diseases, as levels were
found to be significantly increased in blood of Alzheimer’s
disease (AD), mild cognitive impairments patients [88, 89],
and in the amniotic fluid of Down syndrome-affected preg-
nancies [90]. In addition, TN-C level was shown to be

upregulated in theAD-likemousemodel CRND8when com-
pared to the wild type littermates [91]. Furthermore, TN-C
deficiency in transgenic CRND8 mice provoked a reduction
of 𝛽 and 𝛾 secretase activity, A𝛽 oligomerization, plaque
load, and synaptic impairments. In addition, loss of TN-C in
CRND8 Tg mice enhanced production of anti-inflammatory
cytokines and reduced proinflammatory cytokines [91]. This
contrasts with the effect of TN-C deficiency on inflammation
levels in the context of physical injury [83]. Therefore, TN-
C may act as a promoter or inhibitor of the inflammation
depending on the type of insult. In support of this, TN-C
has also been demonstrated to induce production of proin-
flammatory cytokines via activation of Toll-like receptor 4
(TLR4) in nonneuronal tissue [92]. Interestingly, TLR4 is
known to be expressed at the surface of astrocytes [93, 94]
and microglia [95] and is directly implicated in the induc-
tion of inflammation in various neurodegenerative diseases
[95–97].

In conclusion, the upregulation of TN-C by reactive
astrocytes in response to an insult to the brain is context
specific and may be a key factor in multiple processes such as
the maintenance of astrocyte reactivity, BBB repair, and the
potentiation of inflammatory processes. It could also directly
affect neuronal plasticity and lead to memory impairments.

4. Thrombospondins

There are five known thrombospondins (TSP, also known
as THBS) in vertebrates, which can be classified into two
groups: the trimeric TSP1 and -2 and the pentameric TSP3, -
4, and 5. All of the TSPs have epidermal growth factor-(EGF-)
like repeats followed by calcium-binding type 3 repeats,
and all share a highly conserved C-terminal region [98].
Thrombospondins are secreted molecules and interact with
structural components of the ECM as well as proteases,
cytokines, and growth factors to modulate cell signaling,
adhesion, migration, and other cellular processes [99]. TSPs
have many known binding partners, including integrins,
neuroligins, Reelin receptors ApoER and VLDLR (very low
density lipoprotein receptor), the calcium channel subunit
𝛼2𝛿-1, and several growth factor ligands and their receptors
(summarized in [100, 101]).

The different TSPs are expressed throughout the organ-
ism at various stages of mammalian development [98]. In the
CNS, TSPs 1 and 2 are expressed in cultured and developing
astrocytes, with expression peaking during the first postnatal
week in mice [102, 103]. In addition, high levels of TSP1 can
be found in cultured human astrocytes [104, 105]. Astrocyte-
secreted TSP1/2 has been shown to be important for the
formation of excitatory synapses in vitro and in vivo ([102,
106], recently reviewed extensively in [11, 101]). Briefly, TSP
treatment of cultured neurons led to an increase in the
number of synapses [102] and rate of synaptogenesis [107].
Synapses induced by TSPs are morphologically normal but
postsynaptically silent, indicating that TSP is important for
the initiation of synapse formation, but other secreted factors
are required for completion of synapse maturation [5, 9],
reviewed in [108].
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4.1. Expression of TSPs in the Mature CNS and Following
Injury. In mature astrocytes, the expression of TSP1/2 is
decreased, although a low level is maintained throughout
the brain and is particularly concentrated in areas of neu-
rogenesis in the adult (i.e., subventricular zone (SVZ) and
subgranular zone (SGZ)) [102, 109–111]. Indeed, loss of TSP1
was associatedwith a decrease in the number and distribution
of SVZ neural precursors entering the olfactory bulb from
the rostral migratory stream [112]. In contrast to TSP1/2,
expression of TSP4 is low during development but present in
adulthood, where it is expressed in spinal cord astrocytes [113]
andmature forebrain astrocytes [114] andwas found localized
to synapses at neuromuscular junctions in the peripheral
nervous system [115].

Similar to the other astrocytic matricellular proteins,
TSPs are upregulated in reactive astrocytes following is-
chemic [116, 117] and mechanical [118] injury. It is likely
that several signaling pathways can stimulate TSP pro-
duction in reactive astrocytes. For example, in an in vivo
trauma model, TSP1 expression was induced by extracellular
ATP (Adenosine triphosphate) via P2Y purinergic receptors
and ERK (extracellular signal-regulated kinase)/p38 MAPK
(mitogen-activated protein kinase) signaling [119]. Addition-
ally, TSP1 expression was activated by collagen-stimulated
integrin signaling in reactive astrocytes following brain injury
[120].

Following stroke, TSP1 and -2 display a differential
temporal expression pattern; TSP1 was shown to be upreg-
ulated in the penumbra (the region surrounding the lesion
core) within 3 days, whereas changes in TSP2 expression
were delayed and levels were only increased at one week
after stroke [116, 117]. Interestingly, the peak in expression
of TSP1 and TSP2 was inversely correlated with angio-
genic activity in the penumbra, consistent with a role
for TSP1/2 in regulation of angiogenesis [121]. Conversely,
Liauw and colleagues [116] reported that loss of TSP1/2 did
not affect blood vessel density after stroke. Furthermore,
they suggested that TSPs play a beneficial role in synaptic
recovery, since TSP1/2 null mice exhibited a reduction in
synapse number and axonal sprouting (and consequent
motor function) when compared to wild type mice. This
is particularly interesting considering that several studies
have shown that TSPs can promote neurite outgrowth
of cultured neurons in vitro [122–125] and is expressed
around regenerating axons following injury in vivo [126,
127]. In addition, TSPs have been shown to induce dendritic
spine formation [105] and are important for synaptogenesis
([102, 107] discussed in text above). In support of this,
TSP expression is downregulated in diseases characterized
by synaptic loss or abnormal synapse formation, such as
in AD [128] and Down syndrome [105]. Taken together,
upregulation of TSP1/2 expression in reactive astrocytes
may contribute to tissue recovery following injury by pro-
moting de novo synapse formation and rewiring of neural
circuitry.

One key question in the field is where reactive astrocytes
come from? Do they develop from local mature astrocytes
or do they originate from neurogenic niches and migrate to
the site of injury? It is possible that both of these processes

occur depending on injury context [129]. In addition, it
is thought that the molecular profile of reactive astrocytes
overlaps with that of immature astrocytes or radial glial
cells [16]. Recently, recruitment of newborn astrocytes and
neurons from the SVZ was shown to play an important role
following ischemic injury and stroke [130, 131]. Importantly,
TSP4was shown to be upregulated in SVZ-derived astrocytes
surrounding lesions induced by photothrombotic injury and
was required for injury-induced astrogenesis of neural stem
cells, which was mediated through Notch signaling. Loss of
TSP4 led to an increase in hemorrhaging and changes in
glial scar formation [131]. In addition, expression of TSP4
was increased following peripheral nerve injury in spinal
cord astrocytes, which morphologically resembled immature
astrocytes [113]. Further study of TSPs may assist in the
understanding of astrocyte heterogeneity and the process of
astrogliosis.

5. CCN Family

The matricellular protein family CCN, which stands for
CYR61/CTGF/NOV, are a family of six homolog members
containing CYR61/CCN1 (cysteine-rich 61), CTGF/CCN2
(connective tissue growth factor), NOV/CCN3 (nephrob-
lastoma overexpressed), and WISP-1/CCN4, WISP-2/CCN5,
and WISP-3/CCN6 (Wnt-inducible-secreted proteins). All
CCN proteins have a modular structure, which consists
of four conserved cysteine rich-domains, with sequence
homology to the insulin-like growth factor-binding proteins
(IGFBP), the von Willebrand factor C (VWC) domain,
Thrombospondin type 1 repeat (TSR), and a C-terminal
domain with a cysteine-knot motif. CCN proteins can bind
to integrin receptors and coreceptors such as heparan sulfate
proteoglycans (HSPGs), low-density lipoprotein receptors-
related proteins (LPRs), and TRKA [132]. They have been
reported to participate in multiple functions in non-CNS
organs, such as in migration, proliferation, and apoptosis
(reviewed in [132]). They are upregulated in chronic inflam-
matory diseases, where they are suggested to be impor-
tant players in the modulation of inflammatory cytokines
and chemokines production (reviewed in [133]). Despite
established roles in nonneuronal tissues, the expression and
function of CCN family proteins in the CNS remain poorly
understood.

5.1. CCN2/CTGF, Astrocytes, and Brain Insults. CCN2/CTGF
is currently the only CCN family member in which expres-
sion has been demonstrated in vivo in CNS astrocytes. CCN2
expression has been detected not only in astrocyte somas
and processes but also in a subpopulation of cortical neurons
in adult rat brain, in tanycytes, and in the grey matter of
the spinal cord [134]. CCN2 has been reported to be highly
expressed in human astrocyte cell cultures [135] but was
predominantly detected in neurons in healthy human brain
and partially in subtypes of glial cells such as the glia limitans
[136, 137].

Furthermore, CCN2 upregulation has been widely
observed in reactive gliosis adjacent to the site of mechanical
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injuries caused by stab wound in rodents and also in the
brain tissue of stroke patients [137] and following traumatic
brain injury (TBI) [136]. Interestingly, in neurodegenerative
diseases, CCN2 elevation has been detected both in neurons
and reactive astrocytes. This dual expression was reported
after excitotoxic damages provoked by kainic lesions in rat
hippocampi [138] and in CNS tissue of multiple sclerosis
(MS) [139], amyotrophic lateral sclerosis (ALS), [140] and
AD [141] patients. In brains of AD patients, this increase
was particularly significant around the amyloid plaques and
neurofibrillary tangles [141]. CCN2 increase has also been
highly correlated with glioblastoma (reviewed in [142]).
Interestingly, CCN proteins are also proposed as potent
modulators of cytokines and chemokines in different organs
[133]. In primary cultured rat astrocytes, CCN2mRNA levels
were reported to be differentially modulated by distinct
cytokines, showing an upregulation following treatment
with TGF𝛽 and downregulation by TNF𝛼 [133]. Since both
TGF𝛽 and TNF𝛼 are known to dramatically modify the
glial and neuronal environment in lesioned tissue and
neurodegenerative diseases [143–147], it is interesting to
speculate that CCN2 production and release by reactive
astrocytes may participate in the cascade of inflammatory
events occurring in injuries andneurodegenerative processes.
Finally, CCN2 has been demonstrated to bind to TrkA
(neurotrophic tyrosine kinase receptor type 1) and p75NTR
(p75 neurotrophin receptor), receptors which transduce
neurotrophin signals [148]. How CCN2 elevation might
influence neurotrophin signalling in brain diseases remains
to be evaluated.

6. Perspectives: Astrocyte-Derived
Matricellular Proteins as Tools to
Reshape the ECM and Cell-Cell Interactions
Following Injury and Disease

Reactive astrocytes are found in nearly all situations fol-
lowing central nervous system injury and disease. Astrocyte
reactivity is contextual [13] and leads to numerous mor-
phological changes, such as an increase in the number and
volume of processes [149], extension and elongation [150],
and polarisation of processes around sites of injury [151].
This process requires dynamic modifications in cell-cell and
cell-ECM interactions and involves the recruitment of other
cell types, including immune cells [13]. Furthermore, the
microenvironment surrounding the insult may modulate
reactive astrogliosis and formation of the glial scar [152].
In this review, we have discussed several nonstructurally
related families of matricellular proteins which are upreg-
ulated in reactive astrocytes. A common feature among
these proteins is that they exhibit high levels of expression
during development which is reduced to a lower level in
the adult. However, their expression is reactivated following
injury or disease. This pattern of expression is consistent
with the fact that reactive astrocytes upregulate expression
of proteins (GFAP, Vimentin, BLBP (brain lipid-binding
protein), and Nestin) that are also present at high levels
in radial glia or immature astrocytes [153]. Despite this,

recent studies have shown that reactive astrocytes exhibit
significant heterogeneity and the type of astrocyte reactivity
occurring is dependent on the type and extent of CNS injury
and disease [154–156]. For example, there is an increase
in proliferating reactive astrocytes following lesions such
as stroke but not in diseases such as Alzheimer’s disease
[129, 157]. Matricellular proteins have been described as
dynamic regulators of the ECM and cell-cell interactions
and are well placed to regulate the process of astrocyte
reactivity and tissue remodelling occurring in the CNS
following injury and in neurodegenerative disease (see
Figure 1).

Ultimately, reactive astrogliosis can progress to form a
glial scar, which has been shown to have both positive and
negative effects on tissue recovery. The glial scar, which con-
tains proliferating reactive astrocytes, forms a dense physical
barrier around an injury.This protects the healthy brain from
damaged tissue and inflammation and has been shown to
play a role in repair of the BBB [14]. It is conceivable that
matricellular proteins play an important role in modulating
the glial scar, perhaps through regulation of glial cell prolifer-
ation and the surrounding vasculature. For example, SPARC
is antiproliferator and can regulate microglia proliferation in
vitro and in vivo following photothrombotic stroke [21, 45].
Conversely, TN-Cwas found to induce astrocyte proliferation
in vitro [63]. In addition, SPARC, CCN2, and TSP1/2 have
been implicated in angiogenesis and leukocyte infiltration in
nonneuronal tissues [101, 158, 159] and therefore may serve
to repair the BBB and restrain an immune response [160–
162].

It has been well documented that the glial scar can
inhibit axon regeneration; reactive “scar” astrocytes produce
proteoglycans and other ECM molecules to inhibit axonal
outgrowth, which ultimately limits functional recovery [163].
Through modulation of structural ECM components and
adhesion and growth factor signaling (e.g., integrin signal-
ing), astrocyte-secreted matricellular proteins may control
axonal growth. In support of this, TN-C has been shown to
both promote and inhibit axonal outgrowth and TSPs are
known to positively affect growth [164]. All fourmatricellular
protein families modulate cell adhesion in vitro, where they
have been reported to restructure actin-containing focal
adhesions and stress fibers [165]. This may translate into
an in vivo role of “opening up” the ECM to create a
permissive microenvironment for facilitating cell migration,
outgrowth, angiogenesis, synaptic remodelling, andmorpho-
logical plasticity. At the same time, upregulation of matri-
cellular proteins may have negative consequences for tissue
recovery and progression of disease. For example, matricel-
lular proteins could promote an inflammatory response [19]
and chronic inflammation is thought to be detrimental in
neurodegenerative diseases such as Alzheimer’s disease [166–
168].

Huge challenges are awaited in order to understand
the secretion of matricellular proteins from reactive astro-
cytes and functions in the CNS. Given their potential to
modulate the microenvironment surrounding regions of
brain injury and disease, astrocyte-secreted matricellular
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Figure 1: Astrocyte-secreted matricellular proteins: Developmental tools for reactivity purposes. Astrocyte-secreted matricellular proteins are
highly expressed during the development of the CNS where they have multiple complex roles (left panel). In general, the expression of these
molecules in the adult nervous system is reduced, but they are reexpressed at a high level in reactive astrocytes following injury or in disease
states. Here, we summarise the possible roles of matricellular proteins secreted from reactive astrocytes (right panel).

proteinsmay represent important therapeutic targets for CNS
repair.
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Astrocytes are highly secretory cells, participating in rapid brain communication by releasing glutamate. Recent evidences have
suggested that this process is largely mediated by Ca2+-dependent regulated exocytosis of VGLUT-positive vesicles. Here by
taking advantage of VGLUT1-pHluorin and TIRF illumination, we characterized mechanisms of glutamate exocytosis evoked
by endogenous transmitters (glutamate and ATP), which are known to stimulate Ca2+ elevations in astrocytes. At first we
characterized the VGLUT1-pHluorin expressing vesicles and found that VGLUT1-positive vesicles were a specific population of
small synaptic-like microvesicles containing glutamate but which do not express VGLUT2. Endogenous mediators evoked a burst
of exocytosis through activation of G-protein coupled receptors. Subsequent glutamate exocytosis was reduced by about 80% upon
pharmacological blockade of the prostaglandin-forming enzyme, cyclooxygenase. On the other hand, receptor stimulation was
accompanied by extracellular release of prostaglandin E

2
(PGE

2
). Interestingly, administration of exogenous PGE

2
produced per

se rapid, store-dependent burst exocytosis of glutamatergic vesicles in astrocytes. Finally, when PGE
2
-neutralizing antibody was

added to cell medium, transmitter-evoked exocytosis was again significantly reduced (by about 50%). Overall these data indicate
that cyclooxygenase products are responsible for a major component of glutamate exocytosis in astrocytes and that large part of
such component is sustained by autocrine/paracrine action of PGE

2
.

1. Introduction

The morphology and the location of astrocytes place them
in a unique position to be able to listen and respond to
neuronal activity [1–5]. Astrocytes express a wide variety of
functional neurotransmitter receptors essential for sensing
neuronal activity [6]. Many of these receptors are G-protein-
coupled receptors (GPCRs) that, upon activation, stimulate
phospholipase C and form inositol (1,4,5)-triphosphate (IP3)
which increases the intracellular calcium (Ca2+) concentra-
tion through the release of Ca2+ from intracellular stores [6].
The intracellular cascade resulting in Ca2+ rise in astrocytes
is the main mechanism these cells use to transduce synaptic
activity. It is well established that the GPCR- mediated Ca2+
variations in astrocytes can trigger release of chemical sub-
stances [7, 8] such as excitatory amino acids (D-serine, gluta-
mate) [2, 9, 10], ATP, and related nucleotides and nucleosides
[11–13] or proinflammatory mediators such as eicosanoids

(prostaglandins or PG) [2, 14] and tumor necrosis factor alpha
(TNF𝛼; [5, 15–17]). Interestingly, prostaglandin E

2
(PGE
2
)

and TNF𝛼 have been described to play an important role in
themodulation of the regulated secretion of glutamate [5, 15–
17]. PGE

2
and TNF𝛼 at pathological concentrations appear

to exert a potent control on Ca2+-dependent glutamate
release from astrocytes [15, 18] and therefore could directly
influence glial cells potentially resulting in complex changes
in the brain network. Thus, when a local inflammatory
reaction is triggered in the brain, the increased levels of such
proinflammatory mediators can deeply alter the properties
of glial network and thus of neuronal network [7]. However,
PGE
2
and TNF𝛼 are also present in the normal brain, albeit at

much lower levels than during inflammatory reactions. Con-
stitutive levels of TNF𝛼, in particular, have been implicated
in control of the stability of neuronal networks in response to
prolonged changes in activity via the phenomenonof synaptic
scaling [19, 20] and play a role in controlling the strength of
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excitatory synaptic transmission by promoting the insertion
of AMPA receptors at the surface [21, 22].The involvement of
TNF𝛼 in regulating glutamate release from astrocytes during
physiological conditions has been found in TNF𝛼- and TNF
receptor 1 knockout mice, pointing to a permissive role for
the cytokine in the exocytosis of glutamate from astrocytes
[17]. Recently, it has been discovered the way how TNF𝛼
modulates glutamate release from astrocytes and how this
impinges on the astrocytic modulation of synaptic activity
[5]. Much less information is available about the mechanism
by which PGs can control glutamate release in response to
activation of GPCRs [2, 15]. Here by taking advantage of a
construct containing the vesicular glutamate transporter 1
and a pH-sensitive fluorescent marker of fusion (VGLUT1-
pHluorin) and of total internal reflection fluorescence (TIRF)
microscopy, we investigated the role of PGs in the glutamate
exocytosis processes in astrocytes. We initially character-
ized secretory organelles expressing VGLUT1-pHluorin in
astrocytes and found that the VGLUT1-pHluorin-expressing
vesicles contain glutamate and belong to the family of
small synaptic-like microvesicles (SLMVs) and not of other
larger secretory organelles (such as dense core granules
or lysosomes). Then we found that the exocytosis of such
glutamatergic SLMVs, elicited by two endogenousmediators,
as diverse as glutamate and ATP, are strongly depressed by
pharmacological inhibition of cyclooxygenase (COX). We
also provide evidence that PGE

2
exerts most of its activity

in amplifying exocytosis of glutamate after it is released
in the extracellular medium. We conclude that activation
of COX pathway should be regarded as a crucial step in
the modulation of the GPCR mediated glutamate exocytosis
from astrocytes.

2. Material and Methods

2.1. Pharmacological Agents, Constructs, and Transfection.
All agents (acetylsalicylic acid, indomethacin, prostaglandin
E2, adenosine 5 triphosphate disodium salt (ATP), (+)-𝛼-
Methyl-4-carboxyphenylglycine (MCPG), adenosine-3-
phospho-5-phosphosulfate (A3P5PS), 2-methylthioadeno-
sine 5 diphosphate trisodium salt (2MeSADP), and (S)-3,5-
dihydroxyphenylglycine hydrate (DHPG)) were from Sigma
(St. Louis, USA), unless otherwise indicated. 2-Methyl-6-
(phenylethynyl)-pyridine (MPEP) and pyridoxalphosphate-
6-azophenyl-2,4-disulfonic acid tetrasodium salt (PPADS)
are from Tocris Cookson (Bristol, UK). Anti-PGE

2
antibody

(AbPGE
2
)was fromCaymanChemical (Liestal, Switzerland);

cyclopiazonic acid (CPA, CalBiochem, USA); Alexa 568-
conjugated transferrin (Life Technologies, USA); plasmid
containing the VGLUT1-pHluorin constructs was prepared
as previously described [24]. The plasmid (0.5 𝜇g for single
transfection experiments) was transfected into primary
rat cortical astrocytes cultures with FuGene6 (3 𝜇L, Roche
Diagnostics, Switzerland).

2.2. Astrocyte Cultures for Imaging Experiments. Astrocyte
cultures containing >99%GFAP-positive cells (≤8% of which
were positive for the neural precursor marker LeX) were

obtained fromnewborn rats.Theywere prepared as described
[9], plated (2.5 × 104 cells) on glass coverslip, and transfected
6–8-days later with VGLUT1-pHluorin. From 2 to 5 days
after transfection, and coverslips were mounted in the open
laminar flow perfusion incubator at 37∘C (Harvard Appara-
tus, USA) on the stage of a Zeiss Axiovert 200 fluorescence
inverted microscope modified for TIRF experiments (Vis-
itron System, Germany). The experimental chamber (250𝜇L
volume) was perfused at a rate of 1–1.5mL/min.The stimulus
(DHPG, ATP, tACPD/AMPA, PGE

2
, 2MeSADP) was applied

rapidly (2 sec) via a software-controlled microperfusion fast-
step device (100 𝜇L/min, Warner Instruments Corp., USA).
Cells were perfused at 37∘C in a HEPES-KRH buffer contain-
ing (in mM)NaCl 120, KCl 3.1, MgCl

2
2, CaCl

2
1.8, NaH

2
PO
4

1.25, HEPES-Na 25 (buffered to pH 7.4), and glucose 4.
In experiments with CPA, PPADS, A3P5PS, MCPG, MPEP,
INDO, ASA, and AbPGE

2
the drugs were diluted in HEPES-

KRH and incubated for 15min before the application of the
stimulus.

2.3. Optical Imaging. TIRF illumination (TIRFi) was used
for our experiments. The expanded beam of a 488/568 nm
argon/krypton multiline laser (20 milliwatts, Laserphysics,
Germany) passed through anAOTF laserwavelength selector
(VisiTech International, UK) synchronized with a SNAP-HQ
CCD camera (Roper Scientific, Germany) under Metafluor
software (Universal Imaging, USA) control and was intro-
duced to the coverslip from the high numerical aperture
objective lens (Zeiss 𝛼-plan FLUAR 100X). Light entered the
coverslip and underwent total internal reflection at the glass-
cell interface. In our experimental conditions, penetration
depth of TIRFi was calculated to be about 90 nm [17, 25].
In single-wavelength TIRFi experiments (488 nm) the laser
beam was filtered via the Zeiss filter set 10 and images
were acquired at 20–40Hz (Zeiss, Switzerland). In dual-
wavelength TIRF illumination (488/568 nm), laser beams
were combined by a dichroic mirror from the Zeiss filter 24
at 20–40Hz. The pixel size was 126 nm (at binning 2).

2.4. Image Analysis. Video images, digitized with MetaFluor,
were analyzed with MetaMorph software (Universal Imag-
ing, USA). The fusion events of VGLUT-pHluorin positive
vesicles were manually selected and counted in areas of
6000 pixels on cell surface as already reported [9, 26, 27].
A fluorescent spot was counted as “fusion event” when the
pHluorin fluorescence signal of a single SLMV increased over
basal by ≥4-fold.

2.5. Immunocytochemistry. Astrocytes were plated on glass
coverslips coated with 2mg/mL poly-L-lysine and 33mg/mL
laminin and cultured for 2 days. The cells were rinsed
with phosphate-buffered saline (PBS) and fixed in ice-cold
methanol for 15min. After two washes in ice-cold PBS, the
coverslips were incubated for 10min with PBS containing
0.5% saponin (PBS-S) and rinsed three times for 5min
with PBS. They were then incubated for 30min in PBS-
S containing 1% bovine serum albumin (BSA) and for 1
hour at room temperature in the presence of the primary
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antibodies diluted in PBS-S plus 1% BSA. The cells were
rinsed with PBS, incubated 1 hour with the secondary
antibody, and mounted for confocal microscopy (Leica
SP5 AOBS Confocal Microscope). Primary antibodies were
rabbit GFP (1 : 500, Chemicon), mouse VGLUT1 (1 : 500,
Chemicon), VGLUT2 (1 : 2000, gift Robert Edwards, USA),
VAMP3, (1 : 1000, Synaptic System), glutamate (1 : 3000, gift
Vidar Gundersen, Oslo), VAMP2 (1 : 1000, Synaptic System),
phogrin (1: 500, gift Romano Regazzi, Lausanne), LAMP1
(1 : 100, Calbiochem), EAA1 (1 : 100, BD Transduction Lab),
and Tf receptor (1 : 100, Invitrogen). Secondary antibodies
were Cy3 or FITC-conjugated (1 : 200, Molecular Probes).

2.6. Monitoring of Extracellular PGE
2
Formation. Extracellu-

lar PGE
2
was measured using a sensitive EIA kit (Prostagl-

andin E2 EIA kit-Monoclonal, Cayman Chemical Company,
Ann Arbor). Cultured astrocytes plated on Petri dishes
were washed twice with a KRH buffer containing (in mM)
NaCl 120, KCl 3.1, MgCl

2
2, CaCl

2
1.8, NaH

2
PO
4
1.25, and

HEPES-Na 25 (buffered to pH 7.4). Subsequently they were
stimulated (3min) with agents dissolved in the same buffer
also containing an antiPGE

2
antibody (AbPGE

2
, Cayman

Chemical) at concentration buffering >1000 pg/mL PGE
2
. At

the end of stimulations, the extracellular mediumwas rapidly
collected, lyophilized and kept at −80∘C until performing the
EIA assay according to instructions.

2.7. Statistical Analysis. Theexperiments were analyzed using
the SAS statistical package (SAS Inc., Cary, NC, USA). Statis-
tical differences were tested by t-test and 𝑃 values of 0.01∗∗ or
0.05∗.

3. Results

Glutamatergic vesicles in astrocytes have been highlighted
by transfecting cultured cells with the fluorescent construct
VGLUT1-pHluorin, consisting of vesicular glutamate trans-
porter 1 (VGLUT1) fused to a pH sensitive GFP mutant
(pHluorin; [28]). Overexpression of VGLUT1-pHluorin in
primary cortical astrocytes produced a punctate pattern of
fluorescence (Figure 1). Astrocytes, similar to specialized
secretory cells, contain three types of secretory organelles, the
glutamate containing synaptic-like microvesicles (SLMVs)
[9, 29, 30], the peptide containing large dense-core gran-
ules (LDCGs; [31, 32]), and the lysosomes [11–13]. These
secretory organelles can be distinguished by immunocyto-
chemistry and confocal analysis in primary cultured cells
by using antibodies directed against endogenous markers
[33]. In order to characterize which population of secre-
tory organelles expressed VGLUT1-pHluorin, we performed
a series of immunolabeling and confocal analysis. The
VGLUT1-expressing vesicles were well colocalized with anti-
VGLUT1 antibody (92 ± 3.5% for 𝑛 = 7 cells, Figure 1(a)) but
not with anti-VGLUT2 antibody (5 ± 2.7% for 𝑛 = 5 cells,
Figure 1(b)), indicating that VGLUT1-pHluorin is expressed
on a particular set of intracellular glutamatergic vesicles. The
VGLUT1-expressing vesicles showed a large co-localization
with markers of SLMVs [9] such as VAMP3 (or cellubrevin,

94±5.5%for 𝑛 = 5 cells, Figure 1(c)) and glutamate (92 ± 6.2%
for 𝑛 = 5 cells, Figure 1(d)). Interestingly, the VGLUT1-
associated vesicles showed only a small co-localization with
endogenous VAMP2 (17±2% for 𝑛 = 5 cells, Figure 1(e)) and
with markers of other secretory organelles such as LDCGs
(phogrin, 2.3±1.7% for 𝑛 = 5 cells, Figure 1(f)) or lysosomes,
(LAMP1, 3 ± 1.2% for 𝑛 = 5 cells, Figure 1(g)). We also
checked the co-localization of VGLUT1-positive vesicles with
other lysosomal markers, including early endosomes with
EAA1 (13 ± 7.3% for 𝑛 = 5 cells, Figure 1(h)) [34] and the
recycling endosomes with transferrin receptor (18 ± 7% for
𝑛 = 5 cells, Figure 1(i), [35]). Early endosomes and recycling
endosomes represent two distinct populations of endosomes
that significantly colocalized with VGLUT1-pHluorin (co-
localization about 20%). In order to clarify whether the
organelles double positive for VGLUT1-pHluorin and the
marker of early endosomes (EAA1) represent a population
different from SLMVs, we estimated the average fluorescence
profiles (radial sweep; [23]) of fluorescent vesicles from the
double immunofluorescent labeling experiments shown in
Figure 1(h). For analysis, we compared the half maximum
values (FWHM) of the curve obtained from isolated green
fluorescent dots representing VGLUT1-pHluorin which colo-
calize with EAA1 with the corresponding value of radial
sweep curves of fluorescent beads of different diameters
(40 nm and 200 nm). We found that the VGLUT1-pHluorin
dots colocalized with EAA1 had a FWHM value similar to
that of 200 nm beads (490 ± 5 nm, 𝑛 = 20; 506 ± 6 nm,
𝑛 = 20, resp., Figures 2(a) and 2(b)). Conversely, the green
fluorescent dots of VGLUT1-pHluorin that do not colocalize
with EAA1 had FWHM comparable to that of fluorescent
beads of 40 nm of diameter (349±7 nm and 361±6 nm, resp.,
𝑛 = 20 for each, Figures 2(c) and 2(d)). Thus, the organelles
double positive for pHluorin and EAA1 were clearly a
different population of organelles from those expressing
only VGLUT1-pHluorin and most probably represent part of
VGLUT1-pHluorin-positive organelles undergoing endoso-
mal/lysosomal recycling pathway. In a parallel set of exper-
iments, in order to rigorously determine whether popula-
tion of VGLUT1-pHluorin positive vesicles also positive for
marker of recycling endosomeswas able to undergo regulated
exocytosis, we monitored the exocytosis processes evoked
by an agonist of group I metabotropic glutamate receptors
(mGluR), dihydroxyphenylglycine (DHPG) [9, 29]. Primary
astrocytes transfected with VGLUT1-pHluorin and preincu-
bated with a specific marker of recycling endosomes (Alexa
568-conjugated transferrin, [35]) have been challenged with
DHPG (100 𝜇M) for 2 seconds (s). The VGLUT1-pHluorin-
and the Alexa568-positive vesicles have been followed in real
time with the dual wavelength TIRF experiments (488 nm
and 568 nm laser TIRF). Two seconds of DHPG application
evoked a burst of exocytosis of VGLUT1-pHluorin vesicles as
previously reported (Figure 2(e); [9]) and only 16% of fusion
events of VGLUT1-pHluorin/Alexa-568 double positive vesi-
cles (Figure 2(f)). Overall, these data showed that VGLUT1-
pHluorin can be used as a surrogatemarker for glutamatergic
SLMVs in astrocytes.

To analyze the role of prostaglandins (PGs) in theDHPG-
evoked exocytosis of glutamatergic vesicles in astrocytes,
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Figure 1: VGLUT1-pHluorin is mainly expressed on a specific population of glutamatergic synaptic like microvesicles. In the figure the
left panels (in green) show astrocytes transfected with VGLUT1-pHluorin construct revealed by rabbit antibody against GFP. The middle
panels (in red) show the markers of the intracellular secretory organelles, revealed by mouse antibodies against specific markers of ((a)–(e))
synaptic like microvesicles ((a) VGLUT1, (b) VGLUT2, (c) VAMP3, (d) glutamate, (e) VAMP2), of (f) dense core granules (phogrin), of (g)
late endosomes, multivesicular bodies and lysosomes (LAMP1), of (h) early endosomes (EAA1), and of (i) recycling endosomes (transferrin
receptor, Tfr). The right panels show the merged images. Bars: 20𝜇m.

we started by monitoring single exocytic events of VGLUT1-
pHluorin-associated vesicles (Figures 3(a) and 3(b); [9]),
evoked by two distinct protocols of receptor stimula-
tion. When either purinergic receptor or glutamatergic
receptor agonists were locally administrated (ATP, 100 𝜇M,
or coapplication of t-ACPD and AMPA each at 50 𝜇M),
rapid burst of exocytosis was elicited (Figures 3(c) and
3(e)), suggesting that the two stimulation protocols shared
similar excitation-secretion coupling mechanism.The nature
of the receptors activated by the three protocols of stimula-
tion was then investigated by pharmacological agents with
known selectivity. The response to ATP was abolished by
pretreatment with PPADS (−86%, 100 𝜇M), an agonist of

most P2 purinergic receptors, as well as with A3P5PS (−83%,
100 𝜇M), a selective P2Y

1
antagonist (Figure 3(d); [36]).

Consistent with these results, 2MeSADP, a P2Y
1
agonist,

potently stimulated glutamate exocytosis (data not shown),
(see Supplementary Figure 1; in Supplementary Material
available online at http://dx.doi.org/10.1155/2014/254574 [5,
17]), suggesting that P2Y

1
receptors are the predominant

mediators of the glutamate exocytosis action of ATP. The
presence of P2Y

1
receptors in astrocytes and their role in

Ca2+ signaling pathway leading to modulation of synaptic
activity have recently been reported [5, 37]. As for glutamate,
it has been established that the potent glutamate releasing
effect of t-ACPD+AMPA in astrocytesmainly depends on the
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Figure 2: Analysis of VGLUT1-pHluorin vesicles that colocalize with markers of early or recycling endosomes. (a)–(d) Estimation of the size
of vesicles expressing VGLUT1-pHluorin. Analysis of individual vesicle was performed in confocal images of VGLUT1-pHluorin-expressing
astrocytes by plotting fluorescence intensity of pHluorin spots against distance from the centre of the spot (black curve± SD). Such an analysis
provided an estimation of the average fluorescence profile otherwise called “radial sweep” [23]. The fluorescence intensity values obtained
from the radial sweep were well fitted by a one-dimensional Gaussian function (red curve). Such a curve represents the average radial sweep
value obtained from 20 vesicles. Note that the half maximum value of pHluorin-expressing vesicle positive for EAA1 ((b), marker of early
endosomes, 490 ± 5 nm) is similar to that of 200 nm fluorescent beads ((a), 506 ± 6 nm) and the half maximum value of pHluorin-expressing
vesicle that do not express EAA1 ((d), 349±7 nm) is similar to that of 40 nm fluorescent beads ((c), 361±6 nm). (e), (f) Temporal distribution
of VGLUT1-pHluorin and Alexa-Tf 568 fusion events evoked by DHPG application. (e) Each individual histogram represents the number
(mean ± SD) of fusion events detected from VGLUT1-pHluorin vesicles in a 50ms-long frame (𝑛 = 5 cells). (f) Fusion events (mean ± SD)
detected from VGLUT1-pHluorin and Alexa-Tf568 double positive vesicles in the same cells as in (e). Each histogram represents the number
of fusion events detected in a 50ms-long frame (𝑛 = 5 cells).

simultaneous activation of group I mGluRs and ionotropic
receptors of the AMPA-preferring subtype [2]. Here, we
confirm that the response to t-ACPD+AMPA (each at 50 𝜇M)
is reduced to less than 40% by administration of MCPG
(−78%, 500 𝜇M), a nonselective mGluR antagonist, and by
MPEP (−82%, 200 nM), a specific antagonist selective for
mGluR5 (Figure 3(f)). On the whole, pharmacological profile
identified mGluR5 as the metabotropic receptor subtype that
is implicated in the glutamate release response to glutamater-
gic stimulation. Consistent with these results, DHPG, an
agonist of the group I ofmGluR, evoked glutamate exocytosis
in astrocytes [9, 29]. The two receptors here identified as

mediators of the exocytosis of glutamatergic vesicles in
astrocytes belong to the G protein-coupled family, which are
known to be expressed in astrocytes and to release Ca2+ from
internal stores via IP3 pathway [38].

Glutamatergic stimulation of astrocytes is known to pro-
mote rapid, phospholipase A2-dependent activation of the
arachidonic acid cascade [2, 39]. Pharmacological inhibition
of the different eicosanoid-forming pathways indicates that
cyclooxygenase (COX) but not other arachidonate metabolic
enzymes is involved in the mechanism leading to glutamate
release [2, 15, 17]. COX is an enzyme that is responsible for
the formation of prostanoids [40]. The three main groups
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Figure 3: Pharmacological characterization of the receptor subtypes mediating exocytosis of VGLUT1-pHluorin positive vesicles in response
to ATP and glutamate agonists. (a) TIRF image showing an astrocyte transfected with VGLUT1-pHluorin. Bar 20 nm. (b) Stereotyped
sequence of pHluorin destaining reveals exocytosis of a VGLUT1-pHluorin positive vesicle. The sequential gray scale micrographs represent
the fate of pHluorin before (−100ms) and during (100, 200, 400ms) the fusion event. Bars: 380 nm. The scheme shows the behaviour of
pHluorin before and after fusion event. Note that the color code for the pHluorin fluorescence signal is gray when the signal is off and green
when it is on. (c), (d) P2Y

1
receptors mediate the ATP-evoked exocytosis. (c) Temporal distribution of fusion events evoked by ATP (100𝜇M).

(d) Histograms represent the total number of fusion events evoked by ATP (417.14 ± 32.4) that is strongly inhibited in the presence of the P2
purine antagonists PPADS (100𝜇M, 58.6 ± 7) as well as of the P2Y

1
-selective compound, A3P5PS (100𝜇M, 70.2 ± 5.8). Data are ± SEM of 4

cells. (e), (f) mGluR5mediates the response to t-ACPD, in the presence of AMPA. (e) Temporal distribution of fusion events evoked by 50 𝜇M
t-ACPD+50𝜇MAMPA. (f) Histograms represent the total number of fusion events evoked by t-ACPD+AMPA (447.1 ± 28.7) that is strongly
inhibited in the presence of themGluR antagonists, including the subtype-nonselectiveMCPG (500𝜇M, 98.3±7.4) and themGluR5-selective
MPEP (200 nM, 80.1 ± 7). Data are ± SEM of 4 cells. Statistical significance of inhibition with receptor antagonists was calculated using t-test
(∗∗𝑃 < 0.01).
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Figure 4: COX blockers strongly inhibit the exocytosis of glutamate evoked by activation of group I mGluR and of purinergic P2Y
1
receptor.

(a), (b) Quantitative histograms represent the total number of fusion events evoked by either DHPG (100𝜇M, 456.7 ± 54.8) or 2MeSADP
(20 𝜇M, 467.6 ± 46.8) in the presence of COX blockers, INDO (1𝜇M; 94.9 ± 9.6, 88.8 ± 5.4, resp.) or ASA (10 𝜇M, 86.4 ± 11.7, 79.5 ± 14.4,
resp.). Data are ± SEM of 4 cells. Statistical significance of inhibition with receptor antagonists was calculated using t-test (∗∗𝑃 < 0.01).

of prostanoids (prostaglandins, prostacyclins, and thrombox-
anes) are each involved in the inflammatory response but
prostaglandins (PGs) can control release of glutamate from
astrocytes. We studied the involvement of PGs in the DHPG-
evoked exocytosis of glutamatergic SLMVs by preincubating
cells with two COX inhibitors, indomethacin (INDO, 1𝜇M)
and aspirin (ASA, 10𝜇M). We found that the two anti-
inflammatory drugs decreased by about 80% the releasing
effect of DHPG and of 2MeSADP (Figures 4(a) and 4(b)).
This evidence is consistent with a scenario in which the
excitation-secretion pathway leading to glutamate exocytosis
from astrocytes is controlled, at some level, by the COX
pathway.

In light of the above results, we wanted to examine the
mechanism by which COX inhibitors decreased glutamate
exocytosis in astrocytes. It is well known that a COX product,
prostaglandin E

2
(PGE
2
), is formed and released in extracel-

lular space after activation of mGluRs [2] and that it causes
by itself intracellular Ca2+ elevations leading to glutamate
release in astrocytes [2, 14]. Interestingly, we also found that
the time course analysis of PGE

2
accumulation in response

to activation of glutamatergic or purinergic receptors was
almost maximal within the first 3 seconds of stimulation
(Figure 5(a); [2, 17]). Therefore, the kinetics of the PGE

2

release is fully compatible with a potential role of this COX
metabolite in rapid cell signaling. We wanted to investigate
the effect of PGE

2
on the intracellular pathways leading

to exocytic burst of glutamatergic SLMVs. We found that
administration of PGE

2
(50 𝜇M) to astrocytes caused a rapid

burst of exocytosis that did not depend on Ca2+ influx
from outside of the cells but on Ca2+ release from internal
store (Figure 5(b)). In fact incubation with cyclopiazonic
acid (1 𝜇M), which causes depletion of Ca2+ from internal
stores by blocking SERCA, abolished the response to PGE

2

(Figure 5(b) inset). Since PGE
2
is released upon receptor

activation and promotes per seCa2+ elevations and glutamate

release, we specifically investigated whether extracellular
PGE
2
contributes to the physiological response of astrocytes

to glutamate exocytosis. We blocked extracellular PGE
2
with

a specific antibody (AbPGE
2
). Figure 5(d) shows that when

AbPGE
2
was present in the bath, a condition in which PGE

2

is rapidly and efficiently sequestered (AbPGE
2
buffering

capacity is >1000 pg/mL PGE
2
), DHPG- evoked exocytosis of

glutamatergic SLMVs was significantly reduced (−43 ± 12%,
𝑛 = 6 cells). Similar results were obtained for 2MeSADP
(Supplementary Figure 1(b); −51 ± 14%, 𝑛 = 4 cells, resp.).
Interestingly, the action ofAbPGE

2
was specific and could not

be reproduced by the boiled protein (not shown). Therefore,
the whole body of evidence suggests that extracellular PGE

2

accounts for a significant component of mGluR5- and P2Y
1
-

dependent exocytosis of glutamatergic SLMVs in astrocytes.

4. Discussion

Astrocytes play an important role in the integration of rapid
chemical signaling in the brain [41]. They function as signal
integrators, since they generate outputs with variable timing
in response to particular signals received from surrounding
neuronal cells to communicate with the same neurons and/or
with other cellular components of the brain circuits. A
crucial element that facilitates the integrating functions of
astrocytes is the regulated exocytosis of chemical substances
[9, 29, 42–44]. By this process, astrocytes exert modulatory
influences on neighboring cells and are thought to participate
in the control of synaptic circuits and cerebral blood flow
[45, 46]. Exocytosis is an evolutionary trait of eukaryotic
cells that leads in a given secretory cell to a release of
chemical content by a fast mechanism into the extracellular
space and thus to communication with neighboring cells. In
neurons, exocytosis represents one of the fastest biological
events known. Similar to neurons or neurosecretory cells,
astrocytes express at least three different secretory organelles:
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Figure 5: Extracellular PGE
2
: accumulation in response to various stimuli and effects on exocytosis of glutamatergic vesicles. (a). Extracellular

accumulation of PGE
2
(expressed as pg/mL) in response to 3min stimulation with either t-ACPD+ AMPA (each at 50 𝜇M) or ATP (100 𝜇M).

Each point represents the average ± SEM of two experiments in triplicate with each stimulus. (b) Temporal distribution of fusion events
evoked by PGE

2
(50 𝜇M). Inset histograms represent the total number of fusion events evoked by PGE

2
(349 ± 26) in the presence of 0mM

Ca2+ and 5mM of EGTA (345±32) or cyclopiazonic acid (CPA, 10 𝜇M, 25±12). (c) Temporal distribution of fusion events evoked by DHPG
(100𝜇M). (d) Inhibitory effect of AbPGE

2
(buffering capacity >1000 pg/mL PGE

2
) on exocytosis of glutamatergic vesicles evoked by DHPG

(100𝜇M). Histograms represent temporal distribution of fusion events evoked by DHPG in the presence of AbPGE
2
. Statistical significance

was calculated using t-test (∗𝑃 < 0.05).

the small synaptic like microvesicles (SLMVs) [29, 30, 47],
the large dense core granules (LDCGs) [31, 32, 48] which
store and release distinct cargo, and lysosomes [49, 50]. In
neurons and specialized secretory cells, these organelles have
specialized physiological functions, are typically found in
different regions of the cell and are regulated by different
intracellular signaling pathways of calcium. Interestingly, in
our immunolabeling and confocal analysis performed in cul-
tured astrocytes we found that small VAMP3-, VGLUT1-, and

glutamate-positive SLMVs, large phogrin-positive DCGs,
and lysosomes positive for markers of multivesicular bodies
and late endosomes or early and recycling endosomes exist
in the same astrocytes. Our results confirmed that the task
of identifying a specific population of secretory organelles in
astrocytes is very difficult. Moreover, studying properties of
exocytosis constitutes a challenge because the cell biological
basis of this process is very incompletely defined in these
cells. For example, researchers have only recently started to
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understand that astrocytic exocytosis relies on multiple pop-
ulations of secretory vesicles, which calls for the definition
of adequate criteria to recognize the distinct populations
and study them in isolation. In fact, most of the early
studies of astrocyte exocytosis could not distinguish such
heterogeneity as they used generic exocytosis reporters (such
as synthetic fluorescent dyes). Thus, these studies did not
allow an accurate description of the dynamics and properties
of astrocytic secretion because they mixed contributions by
more than one exocytic organelle population. As a result,
the types of vesicles used in Ca2+-regulated exocytosis in
astrocytes are under debate. A good experimental strategy
involves trying to specifically live-stain a selected population
(e.g., by transfecting the cells with a population-specific fluo-
rescent reporter). This approach must, however, be validated
by subsequent co-localization analysis with markers of the
intracellular organelles, which will provide additional useful
information on the nature of the stained organelles. By com-
bining TIRF experiments and transfection of a fluorescent
tool used to visualize exo/endocytosis processes in living
neurons (VGLUT1-pHluorin) [28], we visualized VGLUT1-
positive SLMVs. We therefore characterized vesicles express-
ing VGLUT1 and found that they have diameter similar to
that of fluorescent beads of 40 nm, contain glutamate, and
express at least one of the VAMP proteins necessary for
regulated exocytosis (VAMP3).

Once confirmed that VGLUT1-pHluorin was a correct
tool for studying glutamatergic SLMVs in astrocytes, we
then investigated the activity of the two endogenous medi-
ators that participate in brain intercellular chemical com-
munication: glutamate and ATP. Glutamate and ATP are
well-recognized brain signaling agents that are released in
response to neuronal or glial cell stimulation and thatmediate
intercellular signaling [7, 51]. Independently of their origin,
both glutamate and ATP were previously shown to activate
astrocytes causing intracellular Ca2+ increase followed by
glutamate release [2, 52, 53]. The Ca2+-dependent exocy-
tosis of glutamate in astrocytes is controlled by multiples
mediators, all acting via receptors that belong to the GPCR
super family stimulating IP3 productions (P2Y

1
for ATP,

mGluR5 for glutamate). Stimulation of GPCR also promoted
stimulation of the COX pathway of the arachidonic acid
metabolism with the ensuing production and release of PGs
being critical for the full efficiency of the excitation-secretion
coupling in astrocytes. We in fact found that COX inhibition
caused a dramatic reduction in the total number of fusion
events of glutamatergic SLMVs caused by activation of both
purinergic and glutamatergic receptors. By analyzing the
temporal distribution of the exocytic events, we found an
intriguing aspect of the mode of action of PGs. Inhibition of
the PGs by either COX inhibitors or a neutralizing antibody
specific for PGE

2
produced a significant modification of the

temporal characteristics of the exocytic burst. In particular,
while the fast initial component (0–400ms) was most often
left intact, the second component of the burst (500ms–
1.6 s) was often suppressed or significantly slowed down,
suggesting that PG-mediated signaling is heavily implicated
in this later, slower phase of the release. Interestingly, the

rapid phase of the exocytic burst was sustained almost
exclusively by “resident” vesicles, whereas the slow phase was
mainly sustained by “newcomer” vesicles [9]. This duality
is reminiscent of observations previously done in neurons
where only readily releasable synaptic vesicles are rapidly
recycled and reused [54]. As we do not know whether the
“newcomer” and the “resident” vesicles represent distinct
population of SLMVs, it is possible that the “newcomers”
may indeed represent the same population of “resident”
vesicles that undergoes a second round of exocytosis upon
rapid recycling. In this context PGE

2
seemed to amplify the

second round of exocytosis. Since it is known that PGE
2

is immediately released from astrocytes upon stimulation
[2, 17] and that exogenous PGE

2
induced rapid, Ca2+-

dependent burst of glutamatergic SLMVs, it follows that a
component of the burst of exocytosis in response to glutamate
or ATP requires an autocrine/paracrine action of PGE

2
.

The comparison effects of the COX blockers (about −80%)
and AbPGE

2
(about −45%) also indicate that extracellular

PGE
2
cannot be solely responsible for all the observed COX-

dependent events. At present we do not have a specific
explanation for these differences. It is possible that other PGs
could be released together with PGE

2
. For instance, it has

been shown that intracellular Ca2+ elevations in astrocytes
are known to stimulate the production of a full range of
COX derivates [55] and some of them have been shown
to cause Ca2+ rises and glutamate release from astrocytes
[2, 56]. The present data confirm and extend our previous
finding that PGE

2
participates to glutamate-dependent cell-

cell communication [2], suggesting a physiological function
for this mediator in the intact brain. The autocrine/paracrine
action of PGE

2
may thus participate in the spatial control

of astrocytic signal propagation. Therefore, it is possible that
alterations in PGs synthesis during brain inflammations and
other pathological states have a profound impact on the
chemical communication in the brain. PGE

2
stimulation,

for instance, acts downstream of CXCL12, as well as TNF𝛼
pathways. Although both these pathways have been suggested
to be involved in the physiological glutamate-mediated brain
signalling [5, 26], it is likely that PGE

2
synthesis will be

largely amplified during inflammatory conditions, following
the fate of its upstream inflammatory messengers [18]. As
thewhole pathway increases glutamate release from astroglial
cells,muchhigher levels of PGE

2
might represent the ultimate

messenger leading to pathological increase of extracellular
glutamate levels.
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The function and efficacy of synaptic transmission are determined not only by the composition and activity of pre- and postsynaptic
components but also by the environment in which a synapse is embedded. Glial cells constitute an important part of this
environment and participate in several aspects of synaptic functions. Among the glial cell family, the roles played by astrocytes at the
synaptic level are particularly important, ranging from the trophic support to the fine-tuning of transmission. Astrocytic structures
are frequently observed in close association with glutamatergic synapses, providing a morphological entity for bidirectional
interactions with synapses. Experimental evidence indicates that astrocytes sense neuronal activity by elevating their intracellular
calcium in response to neurotransmitters and may communicate with neurons.The precise role of astrocytes in regulating synaptic
properties, function, and plasticity remains however a subject of intense debate andmany aspects of their interactions with neurons
remain to be investigated. A particularly intriguing aspect is their ability to rapidly restructure their processes and modify their
coverage of the synaptic elements.The present review summarizes some of these findings with a particular focus on themechanisms
driving this form of structural plasticity and its possible impact on synaptic structure and function.

1. Introduction

Since the earliest studies on glial cells in the 19th century,
Ramón y Cajal, Camillo Golgi, and their contemporary col-
leagues have described astrocytes as very particular cells in
intimate contact with neurons and capillaries. Based on these
observations, they made different hypotheses on their phys-
iological function, ranging from passive space filling in the
neuropil to active energy supply for neurons [1]. Almost 150
years later, the neurophysiological role of astrocytes is still
a subject of intense debate, although increasing data suggest
that they are active players in mechanisms of synaptic trans-
mission and plasticity [2]. Numerous data demonstrate that
thin astrocytic processes infiltrate brain tissue [3]. The most
commonly used name for these thin processes is “peripheral
astrocytic processes,” as it is often difficult to distinguish, with
light microscopy, their exact position with regard to different
neuropil elements. However, in this review we will mostly
focus on the data, obtainedwith various techniques, concern-
ing fine astrocytic processes that are in close association with
synaptic contacts, and thus the term “perisynaptic astrocytic
process” (PAP [4]) will be applied throughout the review.

Close structural relationship between synaptic structures
and PAPs makes astrocytes an important partner of neurons
in the organization and functioning of synaptic connections.
Astrocytes take up glutamate from the synaptic cleft [5], con-
trol the amount of glutamate spillover that activates extrasy-
naptic receptors or enables intersynaptic crosstalk [6], control
the ion and water homeostasis through selective trans-
membrane movements of inorganic and organic molecules
and the equilibration of osmotic gradients [7], and provide
energy substrates to neurons in the form of lactate [8]. In
addition, recent studies have revealed astrocytic processes
as structural entities able to modulate neuronal function at
the synaptic level through the calcium-dependent release of
gliotransmitters [9, 10]. Indeed, astrocytes are able to sense
neuronal activity by elevating their intracellular calcium
concentration through Gq-coupled protein mechanisms [11].
Even if this calcium excitability phenomenon is well accepted,
its exact role is still controversial [12]. Finally, PAPs have
been described by several studies as plastic structures able
to change their morphology within minutes, thus modifying
their coverage of pre- and postsynaptic elements [13]. We
review here these observations and discuss the physiological
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2 Neural Plasticity

role that structural changes in PAPs could have on both
synaptic and astrocytic function.

2. Astrocytic Processes Embrace Synapses

A main structural characteristic of astrocytes is the star-
shaped arborization of their stem processes. However, at
the ultrastructural level, protoplasmic astrocytes have much
more complex shapes consisting of thousands of very fine
elaborated protrusions that make them look more like
sponges than stars [14–16]. Detailed morphological descrip-
tions and quantitative analyses provided by electron micro-
scopy (EM), especially those based on three-dimensional
(3D) reconstructions from serial ultrathin sections, have
allowed the identification of astroglia and their interactions
with neurons and synapses. Big stem processes of astrocytes
containing typical bundles of intermediate filaments (8-9 nm
in diameter) that have glial fibrillary acidic protein (GFAP) as
their main constituent represent around 15% of the total vol-
ume of an astrocyte [17].These processes ramify progressively
to finally generate a dense matrix of thin elaborate terminal
processes, which infiltrate brain tissue and closely associate
with neuropil elements and particularly with synapses.These
fine astrocytic processes account for 70–80% of the astrocytic
plasma membrane [18] and often surround spine synapses,
sometimes completely encapsulating them (Figure 1). Astro-
cytic processes are found in close proximity of synapses at
all synapses investigated so far with EM in different brain
regions. These small astrocytic processes are devoid of GFAP
filaments, have a cytoplasm that is light in appearance, are
highly irregular in outline, forming flat or lamellar sheets or
conforming to the shapes of surrounding neuropil elements
(Figure 1), and have large surface/volume ratios, as shown
with 3D EM reconstructions [19, 20] (reviewed in [13]). In
these very fine processes, mitochondria, microtubules, and
endoplasmic reticulum are usually absent, but ribosomes and
glycogen granules are common [21]. They also contain actin
filaments [22], together with actin-binding proteins [4, 23,
24]. The contacts between astrocytic processes and dendritic
spines can be quite tight, sometimes with puncta adhaerens
between the nonsynaptic surface of dendritic spines and
astrocytic processes [25].

PAPs are found in all brain regions, but the proportion
of synapses having them and the level of synaptic coverage
vary significantly. For example, PAPs embrace most of the
synapses in cerebellum but only 29–56% of the synapses in
the neocortex, according to different EM estimations [18, 26].
In layer IV of adult mouse somatosensory cortex, 3D EM
demonstrated high heterogeneity of synaptic coverage, with
around 10% of spine synapses having no contact with PAPs,
while the rest of the spines have varying portion of their
surface enwrapped, with a majority of them (around 68%)
surrounded by astrocytic process at the axon-spine interface
(ASI; Figure 1). In CA1 stratum radiatum of adult rat hip-
pocampus, PAPs are also distributed nonuniformly. They are
present near approximately 62% of synapses, with a prefer-
ence towards large synapses, especially those with perforated
(complex) PSDs that are considered as morphological corre-
lates of strengthened synapses (up to 90%; [27]). Some CA1
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Figure 1: Electron microscopy images and 3D reconstructions
illustrating glial coverage of excitatory spine synapses in neocortex.
(a) EM micrograph of the neuropil in the adult mouse cortex with
dendritic spine synapses (sp) surrounded by astrocytic processes
marked with asterisks. Note mitochondria (m) in the branching
point of astrocytic processes and perisynaptic astrocytic processes
(PAPs) contacting axon-spine interface (ASI, arrows). (b) 3D recon-
struction of the PAP near spine synapses with simple PSDs in adult
rat hippocampus. Dendritic segment with two spines is in yellow,
PSDs are in red, and PAP is in blue. (c) The same but for the big
spine with complex PSD. Arrows point at ASI covered by the PAP.
Note that in both reconstructions a large fraction of ASI is devoid of
PAPs (original data). Scale bar: 1 𝜇m.

synapses are completely devoid of PAPs, while others could
be covered only around the dendritic spine (7%), or around
the presynaptic bouton (8%), or, most often, around the ASI.
In CA1 area of rat organotypic hippocampal slice cultures,
the majority (85%) of spine synapses are also contacted by
glial processes that do not cover synaptic surface completely.
97% of big spine synapses with a complex PSD are partially
enveloped by glia but only 78% of simple synapses [28]. In rat
hippocampus, less than half (43%) of the synaptic perimeter
is surrounded by PAPs, and this parameter is highly variable
from synapse to synapse ([29]; see Figures 1(b) and 1(c)).
In general, 99.5% of CA1 synapses have some portions of
ASI free from glial processes, and only a fraction of the ASI
perimeter (on average, 38%) is enwrapped by astroglia. In
contrast, in CA3 hippocampal region, large mossy fiber
synapses are surrounded by astrocytic processes that physi-
cally isolate these synaptic complexes from the neighboring
synapses, although PAPs never reach individual active zones
[30].

In cerebellum, a mossy fiber (MF) excitatory terminal
has hundreds of release sites that establish synaptic contacts
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with different granule cell dendrites positioned close together
forming a multisynaptic arrangement or glomerulus. Only
a small fraction (around 15%) of these excitatory terminals
is contacted by glial processes, as shown by 3D EM [31]. In
contrast, excitatory inputs to Purkinje cell (PC) spines are
much better isolated by the Bergman glia (BG) processes [32].
Synapses formed by climbing fibers (CF) have the highest
level of astrocytic coverage, with an average degree of enwrap-
ping around 87%. Inmore than half of these synapses, at least
90% of their surface is covered by PAPs. Parallel fiber (PF)
synapses have a bit less of perisynaptic glial coverage (around
65% of the synapse perimeter [32]). Serial 3D EM of labeled
lateral BG processes that represent up to 90% of the BG total
membrane surface area demonstrated their very complex
and irregular morphology, with high surface to volume ratio
[19]. Another peculiar morphological organization revealed
by serial 3DEMof labeled lateral BGprocesses is the so-called
BG microdomain, a repetitive unit on the stem process con-
sisting of a thin stalk and a complex cabbage-like head packed
with thin leaflets that wrap around individual synapses or
groups of synapses and constitutes an autonomous functional
unit.

In the Nucleus Tractus Solitarii (NTS), a sensory nucleus
in the caudal medulla that receives primary afferent visce-
roceptive inputs, but also afferent fibers from various brain
regions, volume fraction of astrocytic processes and the den-
sity of astrocyte membranes are rather high, equal to 15% and
2.8 𝜇m2/𝜇m3, respectively. This nucleus contains simple one-
to-one, mostly axodendritic, synapses but is also enriched in
divergent (one axonal terminal innervating several postsy-
naptic dendrites or spines) and convergent (several axon ter-
minals making clustered synaptic contacts on the same den-
dritic segment) multisynaptic arrangements or glomeruli.
Like in other brain regions, astrocytic coverage of synapses is
generally not complete and highly variable, ranging from no
coverage to almost complete enwrapping, and constitutes, on
average, 47% of synapse perimeter. At simple glutamatergic
synapses, astrocytic processes cover 58% of their perime-
ter, while, in multisynaptic arrangements, glial coverage is
restricted to the nonshared, outer part of synaptic perimeters
and amounts around 50% of this outer part [33]. For more
examples of PAP distribution and synaptic ensheathment see
also [3, 13].

Although electron microscopy provides the most precise
estimations of PAP morphology, distribution, localization,
and degree of synaptic coverage, this technique is limited to
static observations as it requires fixation and embedding of
tissue samples. Current light microscopy approaches use PAP
labeling with different fluorescent probes, static or time-lapse
observations with confocal microscopy followed by off-line
image treatment (e.g., deconvolution helping to overcome the
limits of confocal resolution, often lower than the size of the
smallest PAPs), and 3D/4D reconstructions [34, 35]. These
data will be discussed in the following sections. Development
of superresolution light microscopy imaging techniques [36]
will further improve the precision of PAP observations.

3. PAP Distribution Is Related to
the Patterns of Neuronal Connectivity in
Different Brain Regions

Thedistribution of astrocytic processes shows high variability
between different brain regions and even subregions. One
of the first indications was provided by a light microscopy
study that assessed the orientation of hippocampal astrocytic
processes [37]. They found that during development, hip-
pocampal astrocytes become polarized. Their orientation in
CA1 is almost perpendicular to the stratumpyramidale, while
in stratum lacunosum-moleculare they transiently orient par-
allel to the fissure.This particular orientation pattern seems to
correlate with neuronal projections in the hippocampus [37].

Confocal and electron microscopy studies in hippocam-
pus [17, 38] and neocortex [15] have shown that astrocytes
cover their own exclusive spatial domains where they interact
with neuronal elements, with only limited overlap in narrow
peripheral zones. This typical domain organization helps
the demarcation of functional compartments and adequate
neurovascular regulation. However, in some cortical regions
this organization is compromised. In posterior piriform
cortex (PPC) of adult rats, surface-associated astrocytes
(SAA) are directly opposed to the cortical surface, send large-
caliber processes into layer I, and give rise to an extensive
network of superficial processes that form a continuous sheet
at the surface of PPC and lack the domain organization
typical of neocortical astrocytes [39]. In PPC, connectivity
and patterns of activation by individual odorants are widely
distributed, overlap extensively, and aremodulated by context
andbehavior, and thus SAAalso formextensively overlapping
processes [39].

In hippocampus, 99.5% of CA1 synapses have some
portions of ASI free from glial processes, thus favoring
glutamate spillover and synaptic crosstalk. Interestingly, the
fraction of synaptic perimeter covered with PAPs is inversely
proportional to the synapse size, so that large synapses,
often with complex PSDs, have more of ASI open and
are more susceptible to the transmitter spillover ([27, 29];
see Figures 1(b) and 1(c)). Importantly, only 33% of the
neighboring synapse pairs in the neuropil have an astrocytic
process intruding along the shortest path between them,
thus further favoring spillover and crosstalk [29]. In CA1
synapses, a significant asymmetry characterizes the distri-
bution of perisynaptic glia with PAPs being threefold more
present on the postsynaptic side than on the presynaptic
side [40]. 3D modeling using these EM data predicted that
extrasynaptic actions of glutamate near these synapses would
favor presynaptic feedback and preserve specificity transfer of
information to the postsynaptic site.

In cerebellum, the morphology of mossy fiber divergent
glomeruli, mostly without glial fingers between the granule
cell dendrites contacting an MF excitatory terminal, favors
glutamate spillover. This organization enhances the efficacy
of fast synaptic transmission and contributes to the time
course of MF synaptic currents and to the desensitization
of postsynaptic AMPA receptors (AMPAR) during short-
term depression [31]. Bergman glia constitutes a large volume
fraction in cerebellum (33%), more than three times that of
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hippocampus and cortex [29, 40, 41]. Unlike neocortex and
hippocampus, functional microdomains from different BG
cells intermingle within a given space of the neuropil [19,
42]. Intermingling of microdomains from different BG cells
covering PF and CF synapses may provide an independent
microenvironment designed to compartmentalize calcium
signals, contribute to independent activation of individual
dendritic spines or ensembles of spines on PC, and ensure
selectivity in synapse modulation and efficient clearance
through glutamate transporters expressed in the fine BG
processes [19, 43].

In the NTS synapses, incomplete glial ensheathment of
all synaptic types would provide enough routes for glutamate
spillover, although the crosstalk between distant synapses is
probably reduced, due to the low synaptic density and high
volume fraction of astrocytic processes. At the same time,
individual synapses in multisynaptic glomeruli in NTS can
strongly influence each other thanks to the direct apposition
of neighboring synaptic elements mostly devoid of interven-
ing glial processes that generally cover nonshared, outer part
of synaptic perimeters. Consequently, these glomerulimay be
viewed as individual computing units providing processing of
visceral information already at this level, especially given that
sensory afferent terminals in the NTS are frequently involved
in divergent arrangements. On the other hand, conver-
gent multisynaptic arrangements may also add to informa-
tion processing by occlusion phenomenon between sensory
inputs converging onto the same NTS neuron [33].

These examples demonstrate that the astrocytic spatial
organization varies in different brain regions and may be
related to the corresponding patterns of neuronal connec-
tivity helping to establish specific functional and structural
architectures.This suggests that astrocytes show sensitivity to
neuronal activity and could adapt their morphology to the
activity in their environment.

4. PAPs Exhibit Significant
Structural Plasticity

The heterogeneity of PAPs around different synapses
described above suggests the ability of astrocytes to control
the level of synaptic coverage and, consequently, implies that
PAPs might be as plastic as their neuronal counterparts.

Indeed, the first examples of PAP structural plasticity
were described a long time ago, in EM studies of oxytocin
(OXT) secreting magnocellular neurons in supraoptic (SON)
and paraventricular (PVN) nuclei of hypothalamus [44].
Under basal conditions, somata and dendrites of magno-
cellular secretory neurons are mostly separated by neuropil
elements and especially by fine processes of both stellate and
radial-like astrocytes [45–47]. Under conditions of stimula-
tion, including parturition, lactation, osmotic stimulation,
and stress, astrocytes respond by rapid, within few hours, and
reversible structural remodeling leading to a reduced cov-
erage [46, 48]. Even more striking rhythmic ultrastructural
rearrangements take place in suprachiasmatic nucleus (SCN)
of the rat hypothalamus where glial and neuronal structural
plasticity follows 24 hours light/dark (L/D) cycles [49].These

observations revealed an important potential for structural
plasticity in astrocytes.

A technique of choice to observe real time movements
of astrocytes is time-lapse light microscopy. In cultured
hippocampal or cortical astrocytes, highly motile astrocytic
filopodia-like processes were detected, moving or growing
in the time course of minutes or even seconds [4, 24, 50].
Whether these filopodia-like structures are comparable to
in situ PAPs is uncertain, although they contain the actin
binding protein ezrin that is specifically localized to PAPs [4].
Thus, the mechanisms driving filopodia movements in cul-
tured astrocytes could be commonwith those of PAPs in vivo.
Using a transgenicmice line expressing green fluorescent pro-
tein (GFP) under aGFAPpromoter, Hirrlinger et al. were able
to image astrocytic processes adjacent to synapses in acute
brain slices and demonstrate that these processes were motile
[51]. However, because of the use of a nonmembrane targeted
GFP that limited the possibility to detect very fine astrocytic
processes in this and other studies [52, 53], it was difficult
to identify whether these processes were indeed PAPs. In
situ studies using membrane targeted fluorescent protein
transfected biolistically in organotypic cultures allowed to
visualize very fine astrocytic structures in a time-lapse man-
ner and confirmed that those structures were dynamic [14].
Unfortunately, in this study astrocytic membranes were not
coimaged with synaptic elements, again limiting a conclusion
as to whether these processes were indeed PAPs. Haber and
coworkers were the first to demonstrate convincing move-
ments of PAPs in situ by performing dual labeling of dendritic
spines and astrocytic processes through viral gene delivery
of membrane targeted fluorescent proteins [34]. They nicely
showed that PAPs are plastic structures that can engage and
disengage from a dendritic spine in hippocampal slices. PAP
motility have been confirmed by other researchers in hippo-
campus ([35]; see also Figure 2) as well as in BG contacting
PC in acute slices of cerebellum [54, 55].

Time-lapse confocal studies have definitively demon-
strated that PAPs are highly dynamic as they canmodify their
structure in a time course of minutes. PAP movements were
observed in primary and organotypic cultures as well as in the
acute slice model. Whether PAP motility occurs only during
development and synaptogenesis or is persistent in adulthood
and how this remodeling occurs in vivo remain, however, to
be determined.

5. Driving Force and Mechanisms of
PAP Structural Plasticity

Already early EM observations of astrocytic structural plas-
ticity in rat hypothalamus suggested a dependence on envi-
ronmental cues and stimulation, such as parturition, lacta-
tion, osmotic stimulation, and stress [44–48]. An EM study
in the visual cortex of rats reared in a complex environment
revealed a specific and significant increase in the ensheath-
ment of synapses by astrocytic processes that accompanied
structural and functional synaptic changes [56]. Chronic
whisker stimulation in adult mice induced PAP structural
plasticity in the corresponding barrel of the somatosensory
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Figure 2: Perisynaptic astrocytic processes (PAPs) are motile. Z-
stack projection of confocal images showing hippocampal CA1
dendritic spines (mcherryf, red) and PAPs (eGFPf, green) recorded
in the stratum radiatum of organotypic hippocampal slice cultures.
Neurons and astrocytes were virally infected with membrane tar-
geted fluorescent proteins by injection. The labeled structures were
monitored every 2min to reveal PAP movements around spines.
Square size: 3 × 3 𝜇m (original data).

cortex. Serial EM analyses have revealed that stimulation
leads to a significant increase of the perimeter of excitatory
synapse covered by PAPs, particularly at the axon-spine
interface [41]. In dentate gyrus of hippocampus, the spatial
relationship between astrocytic processes and synapses was
analyzed at different time-points after induction of long-
term potentiation (LTP) in adult rats in vivo [57]. This study
reported a significant increase in the number and surface
density of astrocytic processes 8 h after induction of LTP.
At this time-point, synaptic complexes became increasingly
more enveloped by PAPs. In organotypic hippocampal slice
cultures, the morphological remodeling of CA1 excitatory
spine synapses underlying induction of synaptic potentiation
by theta burst stimulation of Schaffer collaterals was accom-
panied by an increase in the glial coverage of both pre- and
postsynaptic elements, particularly of the large spine synapses
with complex PSDs. Importantly, the increase in coveragewas
NMDA receptor-dependent [28]. In the same hippocampal
pathway, a growth of astrocytic processes related to kindling
and ischemic preconditioning has also been reported [58].
Additionally, EM studies in both hippocampus and cortex
revealed that PAPs are preferentially present near synapses
with big and often complex-shaped PSDs that are considered
as morphological correlates of strengthened synapses [27–
29].These data, together with an observation that the propor-
tion of cortical astrocyte coverage is correlatedwith the size of
the PSD [41] also strongly suggest that PAP structural orga-
nization can be regulated by synaptic activity. The EM data
available so far show that structural and functional pre- and
postsynaptic changes due to experience-related paradigms
and LTP (read [59]) are accompanied by structural changes
in adjacent PAPs.

PAP movements observed with time-lapse confocal
microscopy in hippocampal slices appeared to be coordinated
with the extent of spine movements suggesting that the
two phenomena are linked [34]. Because spine dynamics
is dependent upon neuronal activity, the same assumption
could then be made for PAPs. Interestingly, by assessing PAP
movements around spines using an index of motility, Haber
and coworkers revealed a high heterogeneity of this param-
eter [34], reminiscent of the synaptic coverage heterogeneity
described above. This could mean that synaptic coverage is
intimately linked to PAP motility. The fast motility of PAPs
could then represent the movements accomplished by PAPs
to increase or decrease synaptic coverage.

Increase of neuronal activity in hippocampal slices by
application of the GABAR inhibitor bicuculline failed to ele-
vate PAP motility [34], and PAP movements still occurred in
the presence of TTX [35].Nevertheless, glutamate application
induced PAP remodeling, and inhibition of glutamate trans-
porter under TTX prevented coordinated PAP-spine move-
ments, suggesting, as shown in the cultures, that glutamate
could be involved in PAP structural plasticity in situ [35].

Other indications also suggest an activity-dependence of
PAP structural plasticity. A well-established feature of astro-
cytes is their ability to respond with an intracellular calcium
elevation (Ca2+i) to neurotransmitters such as glutamate [50],
GABA [60], ATP [61], endocanabinoids [62], and others.
This increase can be evoked by neuronal activity both in
situ [63] and in vivo [64, 65]. Glutamate stimulates filopo-
dia outgrowth on cultured astrocytes and these effects are
mimicked by both kainate and quisqualate agonists [50], as
well as mGluR agonist [4]. mGluR antagonists abolish this
structural remodeling, while an NMDAR agonist [50] does
not influence it. Astrocytes were shown to express Ca2+-per-
meable AMPAR [66, 67] and mGluR [68], the latter specif-
ically in PAPs [4]. This suggests the involvement of non-
NMDA ionotropic glutamate receptors (possibly AMPAR)
and mGluR in the mechanisms driving astrocytic filopodia
outgrowth. Consistent with this, BG retracted fromPC spines
when Ca2+-impermeant AMPAR were overexpressed in BG
[54]. However, it should be mentioned that the subunit
composition of AMPAR is regulated developmentally, with
Ca2+-permeable AMPAR subunits (GluA2) decreasing dur-
ing development [69]. Moreover, the question about the glial
cell type that expresses AMPAR is still open, as NG2 cells and
astrocytes share common GFAPmarker [70]. mGluR 3 and 5
subtypes are localized in both filopodia from cultured astro-
cytes and in PAPs of hippocampal astrocytes in situ [4].

Although astrocytes are lacking voltage-gated channels,
are not electrically excitable, and cannot generate action
potentials, they can sense neuronal activity through calcium
excitability, particularly thanks to the close apposition of
PAPs to synapses [9, 10]. The most widely accepted mecha-
nism for Ca2+i signaling is the Gq protein coupled receptor-
induced calcium release from intracellular stores, specifically
from the endoplasmic reticulum [71]. Interestingly, calcium
could be central to the mechanisms that control actin move-
ments in astrocytes in the vicinity of the synapse [24, 72]. Cal-
cium uncaging experiments in astrocytic cultures confirmed
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that Ca2+ elevation triggers filopodia outgrowth [24]. In
acute slices from transgenic mice that have an attenuated IP

3

pathway, kinetics of Ca2+ signals in hippocampal astrocytic
processes following mGluR agonist application was reduced.
EM analysis of the hippocampus from these mice revealed
reduced PAP coverage of synapses as well as an elevated pro-
portion of uncovered synapses [72]. This suggests that IP

3
-

mediated Ca2+ signals may be part of the mechanism driving
morphological changes in PAPs.

Actin-based movements and remodeling are sensitive to
Ca2+ changes which are affecting a plethora of actin bind-
ing proteins. Fine astrocytic processes contain mostly actin
cytoskeleton, and the actin-binding protein alpha-actinin
aggregates at the tip of growing filopodia in cultured astro-
cytes [22]. Inhibitors of actin polymerization block PAP
motility [34]. Filopodia growth requires the redistribution of
cytoskeletal proteins but no de novo synthesis or degradation
of respective proteins [22], suggesting that astrocytes are
capable of rapid movements in response to their environ-
ment. In both cultures [22] and slices [52, 53], astrocytic
processes can adapt their morphology through a mecha-
nism involving the rac-1 member of the ras superfamily of
GTPases. Small GTPases are also involved in the motil-
ity of Bergman glia in the cerebellum [55]. Interestingly,
a dominant negative form of the actin binding protein
profilin-1 abolishedCa2+-dependent filopodia outgrowth and
movement [24]. Immunocytochemistry in rat brain sections
demonstrated that the actin-binding protein ezrin and the
mGluRs 3 and 5 are compartmentalized to PAPs but not to
the main processes containing GFAP [4]. The experiments
using ezrin siRNA or dominant-negative ezrin in primary
astrocytes indicated that filopodia formation and motility
require ezrin [4].

Astrocytic processes are subject to swelling (see review
[13]). Even if swelling is often associated with pathological
conditions, subtle volumetric changes can occur under phys-
iological conditions, typically during osmotic pressure chan-
ges following synaptic transmission [73]. Thus, the swelling-
and actin-based mechanisms for PAP structural plasticity
could occur simultaneously [13].

Recent data indicate also the existence of extracellular
mechanisms that could influence synapse-related PAP plas-
ticity. Several astrocyte-neuron adhesion molecules were
described, although there is still a lack of information about
the presence of these molecules at the PAP-synapse interface.
Among astrocyte-neuron adhesion molecules that could be
regulated by activity and potentially localized at synapses the
best candidate is the EphA4 receptor tyrosine kinase that
is enriched in dendritic spines of hippocampal pyramidal
neurons [74] (reviewed in [75]). The EphA4 ligand, ephrin-
A3, appears to be localized on PAP membranes [76]. Binding
of glial ephrin-A3 to neuronal EphA4maintains normal spine
morphology [76] while preventing the interaction results
in unstable spines with disrupted shapes [53]. Interestingly,
exogenous and endogenous ephrin-A induce astrocytic pro-
cesses outgrowth and extension through their binding to
astrocytic EphA ligands [52]. Concomitantly, calcium signals
in astrocytes are perturbed by EphA, suggesting the impli-
cation of intracellular calcium in the mechanism regulating

EphA4/ephrin-A3 adhesion and the subsequent regulation of
individual dendritic spines.

Neuroligins are adhesion molecules known to be associ-
ated with synapses [77].The expression of neuroligins 1 and 2
in the CNS is restricted to excitatory and inhibitory synapses,
respectively. Neuroligin 3 is expressed by neurons but also by
glial cells, in particular in the ensheathing glia in olfactory
bulb as well as in retinal astrocytes [78]. Mutations of the
genes coding for neuroligins and neurexins are associated
with autism [79], a brain disorder characterized by anomalies
of dendritic spine morphology. It was shown recently that
astrocytes in autistic patients also exhibit significantly altered
morphology, particularly of their processes. In addition,
astrocytes of the neuroligin knockdownmice showed similar
alterations [80]. This is suggesting implication of neuroligins
in the maintenance of synaptic structures, including the
astrocytic component. Very little is known about intracellular
interaction partners of neuroligin 3. However, at glutamater-
gic synapses, neuroligin 1 binds to postsynaptic scaffolding
protein PSD-95 that links to GKAP which in turn binds
Shank, and this complex may further recruit other postsy-
naptic proteins to the excitatory synaptic junctions (read [81]
for a review on neuroligins). Typically, mGluR receptors as
well as ionotropic glutamate receptors are associated with
Shank at postsynaptic sites, thereby providing a functional
link between synaptic activity, intracellular calcium, and neu-
roligins (read [82] for a review on Shank).

Another potential candidate is the neuron-glia cell adhe-
sion molecule (Ng-CAM). Ng-CAM has been implicated in
binding between neurons and between neurons and glia [83].
SynCAM1, an adhesion molecule involved in synaptic differ-
entiation and organization, is also expressed in astroglial cells
where it mediates astrocyte-to-astrocyte and glial-neuronal
adhesive communication [84]. NCAM is probably the most
extensively studied cell adhesion molecule and is thought
to intervene in most cell interactions via modulation of cell
adhesivity and intracellular signaling. It is especially conspic-
uous in hypothalamo-neurohypophysial astrocytes (reviewed
in [85]).

N-cadherin adhesion molecule is implicated in the estab-
lishment and stability of neuronal connections through
activity-dependent mechanisms [86, 87]. The most impor-
tant mechanism is the modification in extracellular calcium
concentration, which affects the structure of the ectodomain
and cadherin-mediated cell adhesion. Also, the cytoplasmic
domain binds to various cytosolic and membrane pro-
teins, including heterotrimeric G proteins. Moreover, the C-
terminal domain mainly binds to catenin and anchors the
protein to the actin cytoskeleton [88]. Interestingly, amember
of the cadherin family, protocadherin-gammaC5 that is
implicated in activity-regulated synaptic stability, is expressed
in both astrocytes and neurons. In the brain, significant num-
bers of Pcdh-gammaC5 clusters are located at contact points
between neuronal synaptic components andPAPs, suggesting
that Pcdh-gammaC5 is involved in neuron-astrocyte interac-
tions at the synaptic level [89].

Together, these data suggest that perisynaptic astrocytic
processes possess the machinery to both sense neuronal
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activity and remodel their actin filaments in an activity-
dependentmanner.Thesemechanisms are regulated by intra-
cellular calcium, through the IP3 pathway, and could directly
contribute to activity-dependent PAP structural plasticity.
The data on adhesion molecules expressed in PAPs suggest
their participation in remodeling, repositioning, and stabi-
lization of perisynaptic astrocytic arrangements, although
further research is needed to elucidate their exact roles.

6. What Are the Consequences for a Synapse?

Astrocytic ensheathment of the synapses may constitute a
physical barrier for transmitter spillover from the synaptic
cleft leading to extra- and heterosynaptic signaling. The con-
sequences of the heterogeneity of the synaptic coverage by
PAPs observed so far in different brain regions have been dis-
cussed in several studies.This heterogeneity suggests that glu-
tamate or other neurotransmitters escape nonuniformly from
synapses in a given brain area and that at certain synapses
and/or under certain conditions synaptic crosstalk will be
favored through a better spillover [40]. Structural plasticity
of PAPs might significantly contribute to these mechanisms.
A good example is provided by the rapid and reversible
structural remodeling of astrocytes in hypothalamus under
conditions of stimulation, leading to a reduced coverage of
the somata and dendrites of magnocellular secretory neurons
[46, 48]. These anatomical modifications result in astrocytic-
dependent synaptic metaplasticity [90]. For example, in the
SON of lactating rats astrocytic coverage undergoes extensive
reduction that leads to an increase in directly juxtaposed
surfaces of OXT magnocellular neurons [91, 92] and the
change of both tortuosity and volume fraction of ECS [93].
Consequently, the number of synaptic contacts is increased
and diffusion of neuroactive substances is facilitated. At the
same time, glutamate clearance is delayed resulting in an
increased negative feedback of glutamate on its own release
and facilitated heterosynaptic depression of GABA release
through glutamate spillover [93, 94]. Also, astrocytes in SON
provide D-serine, an endogenous ligand for NMDARs, so
that astrocytic withdrawal in lactating animals leads to a
decrease in synaptic responses mediated by NMDARs and in
availability of these receptors for activation, thus influencing
the direction and magnitude of long-term synaptic plasticity
[95]. Similar structural modifications of neuronal-glial inter-
actions under conditions of enhanced neurosecretion occur
in parallel in the neurohypophysis, the major projection site
of magnocellular neurons, leading to facilitation of hormone
release to blood circulation [46].

In the SCN of the hypothalamus, EM analysis of glial
and axonal coverage of the somata and dendrites of the
neurons expressing vasoactive intestinal peptide (VIP) or
arginine vasopressin (AVP), the two main sources of SCN
efferents, revealed significant variations during the L/D cycle
[96]. The glial coverage of VIP dendrites increases at night,
in concomitance with a decrease in the coverage of the
somata and dendrites of these neurons by axon terminals.
Conversely, glial coverage of the AVP dendrites drops during
nighttime with no change in axonal coverage but with a
striking increase in the somatal and dendritic appositions

thus helping nocturnal facilitation of the intercellular syn-
chronization involving these neurons [49].

Synapse modeling studies focused on the glial perisynap-
tic environment suggested profound effects of glial coverage
on activation profiles of perisynaptic receptors. Rusakov has
estimated that if one-half of the synaptic perimeter is covered
with PAPs, it leads to almost a twofold increase of the glu-
tamate concentration inside the glial sheath and two- to
fourfold decrease outside. If around 95%of the synapse is cov-
ered, the concentration difference between inner and outer
sides can reach 10- to 100-fold. Synaptic coverage may have
stronger effects on synaptic transmission and Ca2+ depletion
in the cleft at smaller synapses, especially with slower kinetics
of perisynaptic ion transients [97]. Obviously, modifications
of synaptic coverage due to PAP structural plasticitymay have
significant impact on spillover effects. Quantitative topologi-
cal analysis of the extracellular space (ECS) based on 3D EM
reconstructions of the CA1 neuropil of the adult rat allowed
to decompose ECS into sheets and tunnels that are built by
the surface patches of the axonal/dendritic/glial membranes
[98]. These sheets and tunnels are distributed nonuniformly,
with axons surrounded by more tunnel-like ESC, astrocytic
processes accompanied by more sheet-like volumes, while
around dendritic spines, the ECS is more tunnel-like than
elsewhere. Diffusion simulations indicated that release of
bioactive molecules to ECS would produce higher concen-
tration peaks and maximum rate of concentration change, as
seen by cell surface receptors, in the narrower sheet regions
than in the larger tunnel spaces. These spatial irregulari-
ties would imply that ECS sheets may be specialized into
enhancing signaling through concentration changes, while
volume transmission of large molecules would be ensured
through tunnels. Given that glia swelling under different
physiological and pathological conditions may modulate
extracellular volume fraction and that astrocytic processes are
preferentially accompanied by ECS sheets, astroglia are well
positioned to regulate volume communication in neuropil
and provide a selective and specialized control of perisynaptic
ECS volume around a synapse [98].

As shown by light and EM immunochemistry, perisy-
naptic astrocytic processes (PAPs) surrounding excitatory
spine synapses express a plethora of different proteins, among
which glutamine synthetase [99], astrocytic glutamate trans-
porters [100], and aquaporins that may regulate “adaptive”
swelling of PAPs [101], aswell as actin associatedmolecules [4,
23], metabotropic glutamate receptors [4], and cell adhesion
molecules [46]. Thus, by enwrapping a synapse, astroglia not
only constitute a physical barrier for transmitter diffusion
and help to retain a high level of neurotransmitter around a
synapse but also, through the expression of specific proteins
in perisynaptic processes, can participate in both sensing and
responding to synaptic activity, actively take up glutamate
from the synaptic cleft [5], control the amount of glutamate
spillover that activates extrasynaptic receptors or enable
inter-synaptic crosstalk [6], buffer potassium following neu-
ronal depolarization [102], and provide energy substrates to
neurons [103]. Remarkably, astrocytes are also able to release
so-called gliotransmitters in a calcium-dependent manner,
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among which are D-serine [104], glutamate [105], and ATP
[106]. There is now extensive evidence that astrocytes can
modulate synaptic transmission and plasticity through glio-
transmission [62, 95, 107–115]. However, the exact mecha-
nisms taking place during calcium-dependent neuron-glia
interactions are still a matter of debate as studies using differ-
ent approaches to selectively increase astrocytic Ca2+i yielded
conflicting results [12, 116, 117]. Gliotransmission is not the
only consequence of calcium events in astrocytes. Calcium
can regulate the expression level of glutamate transporters
on astrocytes [118]. Intracellular calcium is also known to
take part in the mechanism of neurometabolic coupling with
neurons by either modulating the energetic response [119] or
participating to the propagation of metabolic signals across
the astrocytic network [120]. As discussed above, calcium
signaling, often related to synaptic activity, could be central to
the mechanisms that control PAP remodeling in the vicinity
of the synapse [24, 72], which could in turn optimize the
positioning of glial glutamate transporters to provide more
efficient clearance of glutamate [5], modify the positioning
of the release sites of gliotransmitters close to extrasynaptic
neuronal receptors [2] or release of energetic substrates such
as lactate in front of neuronal monocarboxylate transporters
[121], and regulate ionic content of the extrasynaptic space
[122].

Another aspect of PAP structural plasticity is its possible
impact on the synaptic structure [40]. In concert with this
concept, it was shown that in hippocampal slices the prob-
ability of a spine to disappear is higher when PAPs are not
present around it [53]. Inhibition of astrocytic processes
motility through interference with Rac1 results in an increase
in dendritic filopodia [53], the protrusions known to be
immature and nonpersistent [123]. Interfering with EphA4
or ephrin-A3 induces growth of astrocytic processes in cell
culture [52]. The same treatments in slice cultures perturb
the contact-dependent ephrin/Eph signaling by astrocytes,
shorten the lifetime of dendritic protrusions contacted by
astrocytic processes, and decrease the probability for the
newly formed spines to be stabilized [53]. Consistent with
this, BG coverage of PC spines seems to be required for
synapse formation and regulation [54, 55]. Some hippocam-
pal dendritic spines are able to extend spine head protru-
sions to neighboring functional presynaptic boutons [124].
Interestingly, the volume overlap between spines and PAPs
decreased during the formation of spine head protrusion,
suggesting an inverse correlation between spine coverage by
PAPs and the creation of new synaptic connections [35].
These data point at the role of PAPs in regulation of new spine
stability.

7. Discussion

Astroglia show intricate morphological interactions with
neurons. Astrocytes are well positioned to influence synaptic
transmission as they send fine processes that ensheath a
synapse, forming a tripartite complex with pre- and postsy-
naptic neuronal components. About 60% of neuronal synap-
tic structures are partially enwrapped by PAPs, and the level

of synaptic coverage increases with neuronal activity, LTP,
and during experience-related paradigms. Moreover, PAPs
can display rapid remodeling by extending and retracting
from dendritic spines in a time scale of minutes. This rapid
astrocyticmotility appears to be influenced byneuronal activ-
ity and is coordinated with morphological changes in spines.
In hippocampus, cortex, and cerebellum, glial processes
exhibit two distinct structural plasticity phenomena: a highly
dynamic movement referred to as motility and changes in
their coverage of a synapse. Whether these two forms of plas-
ticity are linked is still unclear, as well as the precise impact of
such structural plasticity on synaptic function, structure, and
plasticity.

One hypothesis that we would like to propose is that the
activity-dependent structural plasticity of PAPs may allow
astrocytes to control both the structural and functional prop-
erties of the synapse. Astrocytic contacts around synapses
may provide structural support to a synapse while controlling
the diffusion ofmoleculeswithin the ECS and participating in
extracellular homeostasis. Astrocytic processes in the vicinity
of the synapse may control the amount of glutamate spillover
that activates extrasynaptic receptors, enabling intersynaptic
crosstalk and allowing for modified or synchronized neuro-
transmission. Similarly, it could help to locally provide energy
substrates to neurons during energy demanding processes
such as plasticity.

There are however many questions that still remain con-
cerning the mechanisms of PAP structural plasticity, about
how it is governed and controlled. Recent data provide indi-
cations that it could be controlled by neuronal activity, proba-
bly through glialmetabotropic receptors and intracellular cal-
cium. As Ca2+ signaling in astrocytic processes is synaptically
evoked and can occur locally in the perisynaptic astrocytic
environment without propagating to the cell body or other
processes, PAP motility might be required to control the
established “tripartite” connections in place and to coordinate
their plastic adaptations [10]. Moreover, synaptic calcium
signals in astrocytes associated with PAP structural plasticity
could indicate that a given astrocyte can differentiate between
the around 100 000 synapses it is enwrapping [17].Thus, PAPs
could be seen as structural as well as functional [125] entities
able to integrate synaptic signals.

In the CNS, excitatory synapses exhibit multiple forms of
plasticity that play a central role in information processing by
neural networks. They involve changes in synaptic strength
but also structural reorganization of synaptic connections
that can occur during the whole lifetime [126]. These mech-
anisms of synaptic structural plasticity are now believed to
be crucial for memory processes in the CNS. Consistent with
this, abnormal synaptic morphologies are linked to various
developmental psychiatric diseases includingmental retarda-
tion, schizophrenia, and autism [127]. An important question
therefore is to better understand the mechanisms regulating
these structural aspects of plasticity. As PAP remodelling
seems to be important for synapse function, formation, and
stability, astrocytes might play an important role in these
processes. Further studies, however, are needed to evaluate
the functional and structural consequences of PAP structural
plasticity in CNS function and disease.
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N-methyl-D-aspartate receptors (NMDAR) are pivotal for synaptic plasticity and memory formation. Conventional NMDAR
consist of heterotetrameric structures composed of GluN1 and GluN2 subunits. A third subunit, GluN3, can also assemble with
NMDAR subunits giving a remarkable modification of their heteromeric structure, forming a “nonconventional” NMDAR. As
a consequence, the stoichiometry and kinetic properties of the receptors are dramatically changed. Among the GluN3 family, the
GluN3A subunit has been the focus of a large amount of studies during recent years.These studies reveal that GluN3A is transiently
expressed during development and could play a role in the fine tuning of neuronal networks as well as associated diseases.Moreover,
GluN3A distribution outside the postsynaptic densities, including perisynaptic astrocytes, places it at a strategic position to play an
important role in the interactions between neurons and glial cells. This review highlights GluN3A properties and addresses its role
in neurophysiology and associated pathologies.

1. Introduction

The glutamatergic network during postnatal development
is under a tight regulation controlled by activity. This
activity is mediated by postsynaptic ionotropic glutamate
receptors (iGluR), NMDAR, and 𝛼-amino-3-hydroxy-5-
methyl-4-isoxazole propionate receptors (AMPAR) as well
as metabotropic glutamate receptors (mGluR) [1]. Indeed,
activation of NMDAR promotes the insertion of AMPAR to
the synapse, inducing long-term potentiation (LTP) [2]. In
contrast, a reduction in NMDAR activation promotes the
removal of AMPAR, provoking long-term depression (LTD)
[3]. These functional synaptic plasticity properties are tightly
linked with structural modifications such as enlargements
and reductions in dendritic spine size or even formation and
elimination of synapses [4–6].Thesemechanisms are directly
influenced by postsynaptic calcium (Ca2+) [7], and Ca2+
influx is strongly controlled byNMDAR subunit composition
[8, 9].WhileGluN1 andGluN2 are themain subunits forming
functional NMDAR [10–12], a third member of the family,
GluN3, provides entirely new properties to NMDAR kinetics,

especially with regard to Ca2+ permeability [13, 14]. When
coassembledwithGluN1 andGluN2 subunits, GluN3A exerts
a dominant-negative effect onNMDARproperties [13, 15, 16].
Its presence dominates the properties of NMDAR resulting
in a negative action on NMDAR, that is, insensitivity to
magnesium (Mg2+) and reduced Ca2+ influx. Predominately
expressed during post-natal development, GluN3A has a
strong impact on dendritic spine densities [17, 18] and
is consequently a key player in controlling glutamatergic
synaptic development and plasticity [19].

Recent advances in understanding glutamatergic synapse
function and structure have also revealed astrocytes to be
an active component of the synapse [20, 21]. Astrocytes
participate in themodulation of synaptic transmission as well
as in LTP through the release of glutamate and D-Serine in
a Ca2+-dependent manner [22, 23]. These gliotransmitters
can act on neuronal GluN3-containing NMDAR located at
extrasynaptic sites [22, 24]. Moreover, astrocytes also express
GluN3-containing NMDAR [25] that could influence their
intracellular Ca2+ homeostasis. Thus GluN3 could be crucial
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for the bidirectional communication between astrocytes and
neurons.

This review provides an up-to-date overview of recent
findings onGluN3A.Moreover, particular focus will bemade
on its role in synapse dynamics, disease, and interactions
between neurons and astrocytes.

2. Conventional NMDAR Channel Properties

NMDAR are comprised of seven subunits divided into three
main subfamilies: the obligatory GluN1 subunit, four GluN2
subunits (A-D), and two GluN3 subunits (A-B). GluN1 and
GluN2-containing receptors are the most abundant NMDAR
complexes throughout the central nervous system (CNS).
The GluN2 subunits determine channel properties and the
subcellular localization of the receptor. NMDARhave charac-
teristic properties unlike that of AMPAR and kainate receptor
family, exhibiting a strong voltage-dependent block by Mg2+,
high permeability to Ca2+, and slow gating kinetics. However,
these properties can vary dramatically depending on the
expression and the composition of the subunits within the
receptor.

The activation of NMDAR requires the coordinated bind-
ing of glycine and glutamate to the ligand binding domain
(LBS) site on GluN1 and GluN2 subunits, respectively. This
triggers the conformation change of the receptor, allowing the
flow of ions and depolarization of the postsynaptic site [26].
GluN2A-containing receptors display faster kinetics, a higher
open probability, and faster deactivation kinetics compared
with GluN2B-containing receptors [26, 27]. In addition,
GluN2C-containing NMDAR exhibit unique properties of
low conductance, low open probability, and low sensitivity
to Mg2+ [28–30]. Furthermore, the presence of GluN2D-
containing NMDAR leads to extremely slow decay times [26,
31]. In contrast, GluN3A-containing NMDAR bring about
distinct nonconventional properties to theNMDARcomplex.

3. GluN3A ‘‘Nonconventional’’ Properties

Since its discovery in 1995 by two independent groups
[15, 16], GluN3A (then termed Chi-1 and NMDAR-L) has
sparked great interest due to its particular properties within
the NMDAR family. Although it shares a low sequence
homology with GluN1 and GluN2 (∼27%), it holds specific
characteristics of the NMDAR family [15, 16]. Such fea-
tures consist of (i) a large N-terminal extracellular domain
with multiple glycosylation sites, (ii) three transmembrane
domains (M1, M3 and M4), with M2 being a reentrant loop,
(iii) a hydrophobic sequence just upstream of M1 within the
N-terminal domain (NTD) known as the S1 region giving
rise to the LBD, (iv) a large extracellular domain betweenM3
and M4 housing the S2 region, and (v) a unique C-terminal
domain (CTD) of GluN3A that holds specific glycosylation
and phosphorylation sites, differing from GluN1 and GluN2
subunits [15, 16]. More specifically, the M2 region has been
described as controlling the ion selectivity of the glutamate-
gated channels [32] due to the presence of a QNR site
(glutamine(Q)/asparagine(N)/arginine(R)). In the case of

GluN3A the presence of an arginine is adjacent to this site
[15, 16]. Site directed mutagenesis indicates that the QNR site
influences the flow of divalent ions, specifically controlling
the permeability of Ca2+, and influencing the Mg2+ block of
recombinant NMDAR.

As with all other subunits of NMDAR, GluN3A also
exhibits a bilobed extracellular domain, formed by the S1
region of the NTD and the S2 segment of the extracellular
loop between M3 and M4 domains. This S1S2 segment forms
the LBD for all subunits [33]. BothGluN1 andGluN3 subunits
bind the coagonist glycine for NMDAR activation. GluN3A
binds glycine at a much higher affinity than GluN1, almost
650 times better thanGluN1 [33], which gives a unique profile
that is selectively different fromGluN1. In addition to glycine,
D-serine also acts as an agonist at GluN3A subunits, again
with a higher affinity than GluN1.

When GluN1 and GluN2 subunits coassemble, they form
a core which regulates the channels permeation to ions [34–
37]. When GluN3A is coexpressed with GluN1, this channel
permeation pathway is also formed. The alignment of a ring
of polar threonine residues in both GluN1/3A assemblies
forms a constriction in the outer vestibule of the channel.
This disturbs the chain of Ca2+ binding sites that usually
facilitate the Ca2+ flux, thus reducing Ca2+ permeability [37],
a characteristic of GluN3A-containing NMDAR.

3.1. Triheteromeric NMDAR Containing GluN3A. The dis-
tinct properties of NMDAR comprised of GluN1, GluN2,
and GluN3A subunits have been consistently reported in
various recombinant and transgenic systems [13, 38]. GluN3A
forms stable biochemical complexes with the other NMDAR
subunits [38]. NMDAR comprised of GluN1/2A or 2B in
both low and physiological extracellular Ca2+ conditions
induce just one large conductance state. The presence of
GluN3A results in two distinct independent conductance
states: the typical large conductance state, similar to what is
found in conventional receptors, and the second significantly
smaller, which exhibits a slight increase in mean opening
time [14, 17, 38]. Ca2+ permeability in GluN3A-containing
NMDAR is significantly reduced [13, 14, 38] due to the
constriction of the outer vestibule [37]. Another prominent
feature of GluN3A-containing receptors is the insensitivity to
Mg2+ block at hyperpolarized potential: even with varying
concentrations of Mg2+, GluN3A prevents a Mg2+ block [13,
38] (Figure 1); these properties are further characterized in
other reviews onGluN3; see [39–41].Overall, these properties
promote a reduction inNMDA-induced currents. In contrast,
the amplitudes of NMDA-induced currents in GluN3A KO
neurons are larger in cerebral cortical neurons compared
to WT neurons [17]. However, this is only detected during
development as in adulthood the levels reach normal values.

Functional NMDAR require the combination of one or
two GluN1 subunits with either one or two of the GluN2
subunits; and/or a combination of GluN3 subunits [42, 43].
GluN1 is the obligatory subunit which is always present
in functional NMDAR complexes [12, 29]. The tetrameric
structure of NMDAR was suggested to be arranged in a
couple of dimers in a 1-1-2-2 orientation (i.e., GluN1-GluN1
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Figure 1: Schematic illustrating the conventional NMDAR con-
taining GluN1 and GluN2 subunits (left), a nonconventional het-
erotrimeric NMDAR containing all three subunits (middle), and
a glycine diheteromeric NMDAR containing GluN1 and GluN3
subunits (right). The main properties that are changed in these
nonconventional NMDAR are the agonist binding, the insensitivity
to Mg2+, and the low permeability to Ca2+. Thus GluN3-containing
NMDAR exert a dominant-negative effect on NMDAR properties.
Glu: glutamate, Gly: Glycine, Mg2+: magnesium, and Ca2+: calcium.

and GluN2-GluN2) heavily dependent on the final trans-
membrane domain and the CTD [44]. However, evidence
now suggests that the GluN1 subunits are arranged in dimers
and the GluN2 subunits are simply added to form the
tetramer [45]. It still remains unclear how the addition of
the GluN3 subunit fits into this stoichiometric formation.
Although GluN3A can form functional NMDAR complexes
with GluN1 and GluN2 subunits [46], it has been proposed
that neither GluN2 or GluN3A subunits can form homo-
oligomers, unlike the GluN1 subunit [47]. Evidence proposes
a two step assembly process forNMDARcontainingGluN3A;
first a GluN1 subunit associates with either a GluN2 or GluN3
subunit into heterodimers. Secondly, these two heterodimers
form the final tetrameric subunit arrangement [47]. The
precise stoichiometry remains largely unknown, and it could
differ in brain region, cell type and during development. In
addition to the heterotrimeric glutamate receptors, evidence
suggests a possible excitatory glycine receptor in the form of
a diheteromeric GluN1/3 receptor.

3.2. Diheteromeric NMDAR Containing GluN3A. Interest-
ingly, GluN1 can coassemble with either GluN3A and/or
GluN3B and form functional excitatory glycine receptors
[46, 48]. These NMDAR are not activated by glutamate.
However, activation of these receptors by glycine leads to
extremely low permeability to Ca2+, low sensitivity to Mg2+,
and triggers bursts of firing [49, 50]. As both the GluN1
and GluN3 subunits have a glycine binding site, it would
be expected that binding of glycine to both subunits is
sufficient for receptor activation. However, coapplication of
Zinc (Zn2+), which usually acts on GluN2 subunits [51], may
also act as both a potent positive modulator and an agonist at

these GluN1/3 NMDAR [52]. The full extent of expression of
these GluN1/3A glycine excitatory receptors in vivo remains
largely unknown and very little literature has focused on the
impact of the GluN3B subunit on NMDAR function. Two
possibilities proposed in a review by Pachernegg et al., [40]
suggested that glycine could be saturated at these receptors
and provoke a more depolarized state, implicating action
potentials and synaptic transmission. Furthermore, their
effects presynaptically could reduce firing frequency and
postsynaptically induce an increase in evoked potentials [40].
Further studies are needed to elucidate a role of theseGluN1/3
receptors in vivo.

3.3. Membrane Targeting of GluN3A. Correct assembly and
trafficking of the NMDAR complex are critical for functional
surface expression. As with GluN2 subunits, GluN3A sub-
units are dependent on the coassembly with GluN1 subunits
to be expressed at the surface membrane [14, 53]. Further-
more, GluN2 subunits contain a PDZ domain in their CTD
that interacts with PSD95/SAP102 scaffolding proteins [26]
influencing NMDAR anchoring and stabilization within the
postsynaptic density. To date it appears that like GluN1 [54],
GluN3Adoes not contain a PDZdomain and therefore would
require the coassembly with GluN2 subunits to be targeted to
the postsynaptic density (PSD).

GluN3A and GluN1-1a subunits are assembled at early
stages in the biosynthetic pathway at the level of the endo-
plasmic reticulum (ER). Only when GluN3A is coassembled
with GluN1-1a can it then exit the ER and be trafficked to
the surface. In the absence of GluN1-1a, GluN2 and GluN3
are retained in the ER, strongly suggesting that GluN1-1a
is necessary for receptor trafficking and efficient membrane
insertion [14].

All NMDAR subunits contain some form of an ER
retention signal in their CTD. It could be speculated that the
correct folding and coassembly of the subunits mask the ER
retention signals allowing for GluN1 to guide the trafficking
of the receptors to the surface [14].

4. Unique Expression Pattern

NMDAR subunits have distinct expression patterns [26]
that tightly regulate the development of synapses and drive
synaptic plasticity to refine the neuronal network. GluN3A
is no exception and perhaps is an influential mediator in
shaping synaptic connections. It has a unique developmental
expression pattern within several brain regions [55]. Initially
expressed in the thalamus, entorhinal cortex, subiculum and
several layers of the neocortex, its expression intensifies
during the first postnatal weeks in the CA1 field of the
hippocampus and in the thalamus. It has also been detected at
varying degrees in the spinal cord,medulla, pons, tegmentum
and hypothalamus [15, 16, 56]. Its endogenous natural expres-
sion pattern has been thoroughly described in rodent, human
and macaques [15, 57–59]. Detected as early as embryonic
day 15, its expression increases in the first two weeks of
postnatal development and thereafter sharply declines from
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P16 and remains low in adulthood [15, 16, 38, 55]. The retina,
olfactory tract, amygdala, and some regions of the cortex do
retain low levels of GluN3A into adulthood [58, 60], but its
functions remain unknown. This is suggesting that GluN3A
could controlNMDAR function in a time-dependentmanner
during critical periods of development. In recent years,
studies have confirmedGluN3A expression postsynaptic sites
within the PSD but situated at the periphery, at perisynaptic,
extrasynaptic, and presynaptic sites, as well as on astrocytes
[14, 25, 61] (its functions on astrocytes will be discussed
later in Section 8). GluN3B has different spatial and temporal
expression patterns and can act independently from GluN3A
[42, 49, 50, 62]. GluN3BmRNA expression levels are elevated
through development and maintained into adulthood, with a
distribution in the pons, midbrain, medulla and spinal cord
[42]. Therefore it appears that GluN3A and GluN3B have
distinctly different roles in the brain during development and
adulthood.

5. Which Intracellular Proteins
Interact with GluN3A?

TheCTDofGluN3A is different from that ofGluN1 orGluN2.
Its dominant-negative properties on receptor kinetics could
have downstream effects on intracellular signaling pathways,
protein translation and cytoskeletal protein arrangement.
One protein that directly interacts with GluN3A is Protein
Phosphatase 2A (PP2A) [63, 64]. PP2A is one of the major
serine-threonine phosphatases existing as a heterotrimeric
enzyme complex in neurons [65]. This interaction between
PP2A and GluN3A drives an increase in the activity levels
of the enzyme [64]. This tight interaction is abolished upon
NMDAR stimulation, causing a dissociation of PP2A from
GluN3A and resulting in the dephosphorylation of Ser 897 on
theGluN1 subunit [64]. As PP2A has been implicated in LTD,
this interaction between PP2A and GluN3A could implicate
the level of LTD by maintaining a high level of activity of
PP2A. However, the effects of overexpressing GluN3A in
transgenicmice showedno changes in LTD [18]. Interestingly,
PP2A expression, like GluN3A, is developmentally regulated,
peaking around P8 and declining from P12 to a low level in
adulthood.

GluN3A also interacts with MAP1B [66] and MAP1-s
[67].MAP1 family proteins are important in the development
of axons and dendrites [68]. By binding to the microtubule
lattice, they could drive the trafficking of GluN3A-containing
NMDAR to peri- and extrasynaptic sites. However, their
binding site on the CTD of GluN3A overlaps with PP2A
binding site [63], suggesting that there could be a potential
competition or a reciprocal binding pattern of the two to
GluN3A. MAP1 proteins could traffic GluN3A to its synaptic
location and once it dissociates, PP2A can bind to exert its
effects. Future experiments are needed to confirm the role of
these interactions.

A third report also demonstrates the interaction of
plectrin, CARP-1 (cell cycle and apoptosis regulatory protein
1, a perinuclear phosphoprotein [69]) and GPS2 (G protein

suppressor 2) with GluN3A, but the exact role these three
proteins exert on GluN3A function is still unknown [70]. As
plectrin is a large scaffolding protein that binds to several
cytoskeletal proteins, it may play a role in the distribution,
localization and clustering of GluN3A to appropriate synaptic
sites. Although experimental evidence is lacking, we could
suggest GPS2 to be linked with NMDAR activation through
the suppression of RAS/MAPK-mediated signaling. CARP-1
function in the CNS has never been confirmed outside the
CNS and it has been linked to breast carcinoma cells as a
protein increasing apoptosis [70]. Again, further experiments
will clarify the precise role of these interactions.

Interestingly, GluN3A interacts with the small GTPase
Ras homologue enriched in brain (Rheb). This member
of the Ras superfamily of GTP-binding proteins stimulates
the activity of the mTOR signaling complex 1 (mTORC1),
resulting in protein synthesis [71]. This pathway is heavily
involved in the fragile X syndrome, in which the absence
of the fragile X mental retardation protein (FMRP) causes
cognitive deficits in humans [72, 73]. FMRP activity is depen-
dent on its phosphorylation, under the bidirectional control
of ribosomal protein S6 kinases and PP2A, in which the
activity of both proteins aremodulated by themTORpathway
[74, 75]. It appears that Rheb interacts to the same region
of the CTD of GluN3A [73], as PP2A [63, 64]. It is possible
that GluN3A could sequester synaptic Rheb, and therefore act
as a break on mTOR activity. Consequently, overexpressing
GluN3A could prevent the activation of mTOR, and in
contrast silencing GluN3A would promote the activity of
mTOR. This could have important regulatory consequences
on spine and synapse dynamics.

5.1. Intracellular Proteins Targeting GluN3A Endocytosis.
GluN3A expression sharply declines after P16 in rodents.
Its endocytosis is therefore tightly regulated. A report by
Pérez-Otaño et al., [24] in 2006 was the first to highlight
the activity dependent interaction of PACSIN1/syndapin,
an endocytotic adaptor protein, with GluN3A [24]. More
recently, identification of a specific motif within the CTD
of GluN3A has also been linked to the endocytotic complex
[76].

PACSIN1 is a brain-derived protein involved in synaptic
vesicle endocytosis. The conserved Src homology 3 (SH3)
domain on PACSIN1 enables protein-protein interactions
with endocytotic proteins such as N-WASP and dynamin
[77, 78]. The presence of a coiled-coil alpha helical domain
on PACSIN1 allows for homodimeric and homotetrameric
interactions, this provides multiple SH3 domains that can
bind with several endocytotic proteins simultaneously [79,
80]. Activity drives the interaction of PACSIN1 with the
CTD of GluN3A, promoting its internalization [24]. Disrupt-
ing PACSIN1 expression consequently disrupts the surface
expression levels of GluN3A. PACSIN1 phosphorylation has
also been linked to Rac1 activation, affecting spine formation
[81]. This could occur when Rheb and PP2A are dissociating
from GluN3A, exposing the CTD for PACSIN1, leading to
activation of the mTOR and Rac1 pathway. PACSIN1 offers
a mechanistic way to disrupt GluN3A surface expression.
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Another unique portion of the CTD is a conserved YWL
motif. Src phosphorylates the tyrosine Y971 residue, promot-
ing the interactionwith the𝜇2 subunit ofAP2 (activating pro-
tein 2, involved in clathrin-mediated endocytosis), recruiting
the endocytotic machinery and consequently triggering the
removal of GluN3A from the surface [76]. By mutating
this YWL motif, endocytosis of GluN3A is dramatically
prevented, enhancing the surface expression of GluN3A.
In contrast, stimulation of endogenous Src via PACAP-
38 (pituitary adenylate cyclase activating peptide shown to
activate Src in CA1 cells [76, 82]) promotes the internalization
of GluN3A and an overall decrease in surface expression [76].
Thismotif does not conform to previously identified tyrosine-
based endocytotic motifs, usually comprising YXXØ (where
X is any amino acid and Ø a bulky hydrophobic residue [76])
and dileucinemotifs that bind to AP2. GluN2B contains such
a motif and phosphorylation of the tyrosine residue by Fyn
inhibits AP2 binding and prevents GluN2B internalization
[83]. Conversely phosphorylation by Src also inhibits the
endocytosis of GluN2A, thus suggesting that tyrosine phos-
phorylation drives the removal of GluN3Awhilemaintaining
the surface expression of GluN2 subunits. What remains
unclear is that if PACSIN1 and the phosphorylation of the
YWL motif act as two independent systems or if they work
in conjunction with one another to assist the removal of
GluN3A.

6. GluN3A Effects on Dendritic
Spine Dynamics

Dendritic spines are very dynamic structures that undergo a
continuous process of formation and elimination that is par-
ticularly active during development [84]. These mechanisms
are alsomodulated by neuronal activity and notably regulated
in anNMDAR-dependentmanner [85–87]. An implication of
GluN3A in thesemechanismswas not unexpected asGluN3A
expression peaks at a time when this structural plasticity is
most distinguished.

Indeed, in the wake of GluN3A discovery, Das et al., 1998
[17] reported that mice lacking GluN3A showed an increase
in spine density in cortical neurons at P19, with a tendency
for spine heads to be enlarged and elongated [17]. This
coincided with an enhancement of NMDAR responses and
an absence of the smaller conductance state seen in GluN3A
positive neurons. This was the first evidence to suggest that
the absence of GluN3A during its endogenous expression
window can affect spine dynamics.

In contrast, ten years after this initial paper Roberts et al.,
2009 [18] showed in a transgenic mouse model overexpress-
ing GluN3A (beyond its natural time window), that spine
density is reduced. This reduction mostly concerns mature
mushroom-shaped spines that also exhibit slightly smaller
PSD length [18].

A detailed review by Henson et al. in 2010 [41] pro-
posed two hypotheses to account for these observations:
the “synaptic brake hypothesis” and the “synaptic elimina-
tion hypothesis.” However, these two hypotheses are still
to be explored. The synaptic brake hypothesis suggests that

GluN3A-containing receptors limit synapse formation, and
its dominant-negative mechanisms on current and Ca2+
influx prevent synapse plasticity [41]. Only their time- and
activity dependent removal will then allow conventional
NMDAR to drive the maturation of the synapse. This
interplay between GluN3A-containing receptors and mature
GluN1/GluN2-containing receptors will firstly prevent early
maturation of synapses, and secondly only strengthen and
stabilize the appropriate synapses, leading to a properly
formed neuronal circuitry [41].

On the contrary, the synaptic elimination hypothesis
proposes that GluN3A-containing receptors act as a tagging
mechanism to label weak and inactive synapses, which will
promote the retraction, and final elimination of the spine and
synapse [41]. Those spines receiving sufficient activity will
therefore drive the removal of GluN3A via its internalization
mechanisms and drive the insertion of mature NMDAR.

These two hypotheses are still open and future experi-
ments should determine (i) whetherGluN3Adoes in fact pre-
vent spine formation, or (ii) whether expression of GluN3A
promotes spine instability and elimination, and prevents
plasticity at individual spines. Additionally, the actual down-
stream mechanisms underlying GluN3A influence on spine
formation or elimination still remain to be identified.

Understanding the influence of GluN3A on spine dynam-
ics could provide important new insights on its implications
in neurodegenerative diseases.

7. GluN3A in Disease

Abnormalities in dendritic spine density, turnover, formation
and elimination have been implicated in disorders frommen-
tal retardation to Huntington’s disease (HD) and Alzheimer’s
disease [88]. Furthermore, NMDARhyperactivity or hypoac-
tivity are associatedwith several neurological conditions such
as Alzheimer’s disease, Parkinson’s disease, schizophrenia,
depression and ischemia [26, 89–91]. Growing evidence in
recent years has implicated GluN3A in various disorders
of the CNS. With respect to NMDAR hypofunction and
dendritic spine abnormalities, see reviews [40, 41]. In the
past year, GluN3A has been directly implicated in HD and in
cocaine addiction, furthermore there are additional reports
confirming GluN3A neuroprotective properties in ischemia
and in striatal lesions.

HD is a debilitating neurodegenerative disease in which
patients carry a mutation in the Huntingtin (mHtt) protein
[92, 93]. An expansion of the polyglutamine chain in mHtt
forms aggregates leading to synaptic failure and neuronal
death, predominately in medium spiny neurons (MSN) of
the striatum [94, 95]. Htt has numerous binding partners
associated with roles in transcriptional regulation, intracel-
lular trafficking and cytoskeletal organization [96]. PACSIN1
is one such protein, which has a high affinity to interact
with mHtt, the longer the polyQ chain the stronger the
interaction [97]. This interaction sequesters PACSIN1 from
its usual synaptic location. The redistribution of PACSIN1
promotes the reinsertion of GluN3A-containing NMDAR at
the synaptic plasma membrane in HD mouse models [97].
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This is consistent with analyses of postmortem tissue from
human HD patients, in which there is an increase in GluN3A
levels [97]. Motor and cognitive deficits as well as decreases
in spine density and striatal atrophy of MSNs are rescued in
HD mouse models lacking GluN3A [97]. This can provide
options to target either GluN3A or PACSIN1 as a therapy in
early stages of HD.

An interesting new report has also linked GluN3A with
altered NMDAR transmission in cocaine-induced addiction.
Cocaine exposure drives a redistribution of AMPAR and
NMDAR on dopamine neurons in the ventral tegmental
area [98–100]. Emphasis in recent years has focused on the
AMPAR switch from Ca2+-impermeable GluA2-containing
receptors to Ca2+-permeable GluA2-lacking receptors
induced by a single injection of cocaine [101]. This also
coincides with an increase in AMPAR/NMDAR ratio, caused
by enlarged AMPAR-mediated EPSC amplitudes together
with reduced amplitudes of NMDAR-EPSCs [100]. The
reduction of NMDAR-EPSCs amplitude is the result of
the reinsertion of GluN2B as well as GluN3A-containing
NMDAR [102], this accounts for the reduction in outward
rectification and alteration in Mg2+ block. Indeed, GluN3A
KO mice lack this effect. In addition, DA neurons from
these mice and from neurons transfected with a shRNA for
GluN3A failed to exhibit cocaine-evoked plasticity of NMDA
and AMPA receptors [102]. Furthermore, it was found that
NMDAR transmission could be reestablished by changing
the ratio of GluN1/2B/3A to GluN1/2A through activation
of mGluR1 [102]. This offers prospects for targeting either
GluN3A or mGluR1 receptors to restore normal synaptic
transmission in drug-addictive behaviour.

As previously discussed, GluN3A could implicate some
neuroprotective properties [41, 103]. Excitotoxicity that
occurs in disease states is often the result of an overactivation
of Ca2+-permeable NMDAR. The dominant-negative effects
of GluN3A on Ca2+ permeability could be of interest to
reduce Ca2+ influx and consequently prevent cell death.

Indeed, in transgenic GluN3A overexpressing mice
model, striatal MSN-induced death via the neurotoxin 3-
nitropropionic acid (3-NP) was significantly prevented [104].
These mice also show less dystonia and an improvement
in hindlimb clasping and locomotor ability. Synaptic ver
sus extrasynaptic NMDAR promote different survival or
cell death pathways, respectively [26]. Synaptic GluN2A-
containing NMDAR predominately protect against cell death
[105]. However, extrasynaptic GluN2B-containing NMDAR
appear to promote cell death pathways [106]. This study
shows a tendency for the formation of GluN1/2B/3A-
containing receptors to be located at extrasynaptic sites, and
the presence of GluN3A prevents cell death signaling. This
is further characterised by a decrease in the activation of
calpains, proteases that cleave fodrin, and striatal-enriched
protein tyrosine phosphatases that trigger major cell death
signaling pathways [104]. However, GluN3A cannot account
for complete neuroprotection as only 52% of cells survived
in this mouse model [104]. Ischemia and hypoxia induce an
endogenous upregulation of GluN3A in rat hippocampal and

prefrontal neurons [107], further supporting the hypothe-
sis that GluN3A-containing NMDAR have neuroprotective
properties. Expression of GluN3A reduces the Ca2+ influx
as well as hydroxyl radicals and nitric oxide levels after
glutamate insult.

These studies provide evidence that GluN3A can act
in a neuroprotective manner [103]. This subunit that is
usually expressed only during development, appears to be
upregulated in response to toxic insult induced by excessive
glutamate activation of NMDAR. Perhaps the therapeutic
benefit of this could be to target a quick and efficient increase
in GluN3A expression that can alleviate the neuronal death
by preventing Ca2+ influx and cell death.

8. Perspectives: GluN3A and Astrocytes

In addition to neurons, GluN3A has also been reported to be
expressed in astrocytes and could consequently participate
in their bidirectional communication. Astrocytes are the
most important glial cell type interacting with neurons,
especially at glutamatergic synapses [20]. Astrocytes send
fine cellular processes in the vicinity of the synapses. These
so-called perisynaptic astrocytic processes express glutamate
receptors and transporters important for the bidirectional
communication with neurons [108]. In particular, they
express mGluR [109, 110] that are mainly responsible for
the astrocyte-to-neuron transmission [111]. mGluR activation
following synaptic release of glutamate triggers intracellular
Ca2+ elevation in astrocytes [111, 112] which in turn can
induce the release of several transmitters from astrocytes
(e.g., gliotransmitters) [20]. Among these gliotransmitters
glutamate [113] and D-serine [114] have been identified and
both of them can bind to neuronal iGluR including NMDAR
[22, 23] giving rise to the concept of a tripartite synapse
[115]. The effects of gliotransmitters probably occur in the
periphery of the synapse on extrasynaptic receptors [22, 111].
This fits with the localization of GluN3A which is primarily
expressed at extrasynaptic sites [24]. These extrasynaptic
GluN3A-containing receptors could therefore participate in
the mechanisms of gliotransmission.

In addition to mGluR, astrocytes also express iGluR. The
presence of AMPA and Kainate receptors on astrocytes have
already been described [116]. More recently, NMDAR have
been detected on astrocytes as well [117]. However, the exact
role of iGluR on astrocytes remains unclear, although we can
suggest their participation in neuron-to-glia communication.
Glutamate application onto astrocytes evokes three types
of responses: an AMPAR, an NMDAR and a glutamate
transporter response [118]. Furthermore, axonal stimulations
in cortical layer IV–VI give rise to inward currents in
astrocytes in layer II, demonstrating that iGluR are involved
in neuronal-to-astrocyte communication [118]. All seven
subunits of NMDAR were confirmed to be expressed at
varying levels in both fetal and adult human astrocytes [25].

Supporting the notion that mGluRmediates a majority of
glutamatergic Ca2+ signaling in cortical astrocytes [111, 119],
activation of NMDAR can facilitate a rise in intracellular
Ca2+ in astrocytes [25, 120]. However, Palygin et al. in 2011
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Figure 2: Schematic of the proposed distribution of GluN3A-containing NMDAR in the pre- and postsynaptic sites as well as on astrocytic
processes. Endocytosis of GluN3A is activity dependent, driving PACSIN1 binding and Src phosphorylation of the YWL motif to selectively
internalize GluN3A-containing NMDAR. Other molecular interactions with GluN3A could play roles in trafficking of the receptor subunit
and dendritic spine dynamics. The roles of GluN3A in astrocytic processes still remain unclear but it could potentially exert an attenuating
effect on calcium entry in a reciprocal manner to mGluR calcium entry.

[120] reported that theseNMDARon astrocytes display lower
Ca2+ permeability and weak Mg2+ block, suggesting the
presence of a GluN3 subunit.Thus, the stoichiometry of these
NMDAR could contain GluN1/GluN2C or 2D and GluN3A
subunits. The application of D-serine or glycine evoked only
small responses, while the responses to NMDA and D-serine
are large, this outrules the presence of excitatory glycine
GluN1/3 receptors and suggests a heterotrimeric composition
of astrocytic NMDAR [120].

Why would GluN3A-containing NMDAR be expressed
on astrocytes? One important property of GluN3A-
containing NMDAR is their lack of Mg2+ sensitivity. As
astrocytes and astrocytic processes are hyperpolarized, it
therefore might be important to express NMDAR that are
not fully blocked under resting conditions. In addition, as
mentioned above, Ca2+ excitability of astrocytes is pivotal
for their interaction with neurons and NMDAR are known
to potentiate Ca2+ responses in astrocytes [111]. It is generally
accepted that astrocytic Ca2+ signals evoked by glutamatergic

activity are mainly mediated by mGluRs. However, mGluR
expression in astrocytes decreases during development
[110] as does GluN3A. It might be plausible that GluN3A
exert an attenuating effect on Ca2+ when mGluR are high
and inversely modulate astrocytic Ca2+ signals through
development.

Furthermore, perisynaptic astrocytic processes appear to
be highly plastic structures, see [21, 121]. This form of struc-
tural plasticity suggests astrocytes to be active players in the
mechanisms of synapse formation, stabilization [122, 123] and
maturation [124]. Interestingly, NMDAR are important in
this process [123], as well as in the increased synaptic coverage
by perisynaptic astrocytic processes observed after LTP [125].
In fact, the Rac1 pathway in hippocampal astrocytes [122] as
well as in Bergman glia (astrocytes of the cerebellum) [126]
have been identified as the mechanism driving astrocytic
movements [127]. Rac1 is in turn well known to regulate
spine dynamics [128, 129]. As described above, Rac1 could
be indirectly linked with GluN3A via PACSIN1, suggesting
a possible role for astrocytic GluN3A in mediating effects
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of synaptic structure, and function through the dynamics of
astrocytic processes.

9. Discussion

Our understanding of the role of GluN3A in neurons, in
astrocytes, and of its role in the tripartite synapse in general
is slowly emerging (Figure 2).

What does the future hold for GluN3A? Pharmacological
agents that specifically act on GluN3A do not yet exist. To
achieve this, more research would be needed to confirm
the precise stoichiometry of GluN3A-containing NMDAR in
neurons and astrocytes. This is a difficult issue as the stoi-
chiometry can be dependent on splice variants. Furthermore,
GluN1 has eight functionally distinct splice variants in total,
in which GluN1-1a appears to easily coassemble with GluN3A
[14]. In fact, there is an additional splice variant of GluN3A,
a longer version that consists of additional 60 amino acids in
the CTD and is only detected at present in rodent [56]. The
precise role for this variant is unknown.

Gathering further information on intracellular proteins
that interact with GluN3A could also be beneficial in terms of
our understanding of plasticity and dendritic spine dynamics.
The most encouraging results to date are the interactions
with PP2A and Rheb, both of which can have significant
downstream effects, notably regarding LTD or LTP. Further-
more, while Rheb is bound to GluN3A the mTOR pathway
is being suppressed, potentially affecting protein translation
and preventing the maturation of the synapse. Further
research is required to determine if astrocytic GluN3A drives
the same interactions. PACSIN1, which has been implicated
in GluN3A activity dependent removal and has a specific
role in the pathology of HD, is also expressed in astrocytes
[130]. Understanding its function in astrocytes could shed
new light on the possible role of GluN3A in gliotransmission.
Finally, elucidating the role of GluN3A in spine dynamics
could reveal its role in structural and functional plasticity.
Enhanced GluN3A expression promotes a decrease in spine
density but the actual mechanism responsible for this spine
density reduction is not known. As with HD, it appears
that the reinsertion of GluN3A can promote spine density
reduction even in the adult brain. It would be interesting
to understand whether the reactivation or reinsertion of
GluN3A into the synapse could reactivate a critical period
as seen in early development. Furthermore, it would be
important to know whether the expression of GluN3A is
able to affect neuron-glia interactions and whether this is
modulated during development as already seen with mGluR
[110].

Overall, the glutamatergic tripartite synapse concept has
an exciting future ahead. Piecing together the role of the
ionotropic and metabotropic glutamate receptor families as
well as transporters and transmitters will offer potential
therapeutic interventions to target many synaptopathies.
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[72] M. F. Bear, G. Dölen, E. Osterweil, and N. Nagarajan, “Fragile
X: translation in action,”Neuropsychopharmacology, vol. 33, no.
1, pp. 84–87, 2008.

[73] N. J. Sucher, E. Yu, S. F. Chan et al., “Association of the small
GTPase Rheb with the NMDA receptor subunit NR3A,” Neu-
roSignals, vol. 18, no. 4, pp. 203–209, 2011.

[74] U. Narayanan, V. Nalavadi, M. Nakamoto et al., “FMRP
phosphorylation reveals an immediate-early signaling pathway
triggered by group I mGluR and mediated by PP2A,” Journal of
Neuroscience, vol. 27, no. 52, pp. 14349–14357, 2007.

[75] U. Narayanan, V. Nalavadi, M. Nakamoto et al., “S6K1 phos-
phorylates and regulates fragile X mental retardation protein
(FMRP) with the neuronal protein synthesis-dependent mam-
malian target of rapamycin (mTOR) signaling cascade,” Journal
of Biological Chemistry, vol. 283, no. 27, pp. 18478–18482, 2008.

[76] D. Chowdhury, S. Marco, I. M. Brooks et al., “Tyrosine Phos-
phorylation Regulates the Endocytosis and Surface Expression
of GluN3A-Containing NMDA Receptors,” Journal of Neuro-
science, vol. 33, no. 9, pp. 4151–4164, 2013.

[77] B. Qualmann, J. Roos, P. J. DiGregorio, and R. B. Kelly, “Syn-
dapin I, a synaptic dynamin-binding protein that associates
with the neural Wiskott-Aldrich syndrome protein,” Molecular
Biology of the Cell, vol. 10, no. 2, pp. 501–513, 1999.

[78] F. Simpson, N. K. Hussain, B. Qualmann et al., “SH3-domain-
containing proteins function at distinct steps in clathrin-coated
vesicle formation,” Nature Cell Biology, vol. 1, no. 2, pp. 119–124,
1999.

[79] M.M.Kessels andB.Qualmann, “Syndapin oligomers intercon-
nect the machineries for endocytic vesicle formation and actin



Neural Plasticity 11

polymerization,” Journal of Biological Chemistry, vol. 281, no. 19,
pp. 13285–13299, 2006.

[80] A. Halbach, M. Mörgelin, M. Baumgarten, M. Milbrandt, M.
Paulsson, and M. Plomann, “PACSIN 1 forms tetramers via its
N-terminal F-BAR domain,” FEBS Journal, vol. 274, no. 3, pp.
773–782, 2007.

[81] S. Schael, J. Nuechel, S. Mueller et al., “Casein kinase 2 phos-
phorylation of PACSIN 1 regulates neuronal spine formation,”
Journal of Biological Chemistry, 2013.

[82] D. S. Macdonald, M. Weerapura, M. A. Beazely et al., “Modul-
ation of NMDA receptors by pituitary adenylate cyclase activat-
ing peptide in CA1 neurons requires G𝛼q, protein kinase C, and
activation of Src,” Journal of Neuroscience, vol. 25, no. 49, pp.
11374–11384, 2005.

[83] T. Nakazawa, S. Komai, T. Tezuka et al., “Characterization of
Fyn-mediated tyrosine phosphorylation sites on GluR𝜀2
(NR2B) subunit of the N-methyl-D-aspartate receptor,” Journal
of Biological Chemistry, vol. 276, no. 1, pp. 693–699, 2001.

[84] P. Caroni, F. Donato, and D. Muller, “Structural plasticity upon
learning: regulation and functions,” Nature Reviews Neuro-
science, vol. 13, no. 7, pp. 478–490, 2012.

[85] M. Maletic-Savatic, R. Malinow, and K. Svoboda, “Rapid den-
dritic morphogenesis in CA1 hippocampal dendrites induced
by synaptic activity,” Science, vol. 283, no. 5409, pp. 1923–1927,
1999.

[86] A. Holtmaat and K. Svoboda, “Experience-dependent struc-
tural synaptic plasticity in the mammalian brain,” Nature Re-
views Neuroscience, vol. 10, no. 9, pp. 647–658, 2009.

[87] M. de Roo, P. Klauser, and D. Muller, “LTP promotes a selective
long-term stabilization and clustering of dendritic spines,” PLoS
Biology, vol. 6, no. 9, article e219, 2008.

[88] A. T.U. Schaefers andG.Teuchert-Noodt, “Developmental neu-
roplasticity and the origin of neurodegenerative diseases,” The
World Journal of Biological Psychiatry, 2013.

[89] H. T. Mueller and J. H. Meador-Woodruff, “NR3A NMDA
receptor subunit mRNA expression in schizophrenia, depres-
sion and bipolar disorder,” Schizophrenia Research, vol. 71, no.
2-3, pp. 361–370, 2004.

[90] M. A. Snyder andW. J. Gao, “NMDA hypofunction as a conver-
gence point for progression and symptoms of schizophrenia,”
Frontiers in Cellular Neuroscience, vol. 7, article 31, 2013.

[91] D. C. Mathews, I. D. Henter, and C. A. Zarate Jr., “Targeting the
glutamatergic system to treat major depressive disorder,”Drugs,
vol. 72, no. 10, pp. 1313–1333, 2012.

[92] R. A. C. Roos, “Huntington’s disease: a clinical review,”
Orphanet Journal of Rare Diseases, vol. 5, no. 1, article 40, 2010.

[93] M. DiFiglia, M. Sena-Esteves, K. Chase et al., “Therapeutic sile-
ncing of mutant huntingtin with siRNA attenuates striatal and
cortical neuropathology and behavioral deficits,” Proceedings of
the National Academy of Sciences of the United States of America,
vol. 104, no. 43, pp. 17204–17209, 2007.

[94] M. DiFiglia, E. Sapp, K. O. Chase et al., “Aggregation of hun-
tingtin in neuronal intranuclear inclusions and dystrophic
neurites in brain,” Science, vol. 277, no. 5334, pp. 1990–1993, 1997.

[95] G. Schaffar, P. Breuer, R. Boteva et al., “Cellular toxicity of poly-
glutamine expansion proteins: mechanism of transcription
factor deactivation,” Molecular Cell, vol. 15, no. 1, pp. 95–105,
2004.

[96] J.-Y. Li, M. Plomann, and P. Brundin, “Huntington’s disease: a
synaptopathy?” Trends in Molecular Medicine, vol. 9, no. 10, pp.
414–420, 2003.

[97] S. Marco, A. Giralt, M. M. Petrovic et al., “Suppressing aberrant
GluN3A expression rescues synaptic and behavioral impair-
ments in Huntington’s diseasemodels,”NatureMedicine, vol. 19,
pp. 1030–1038, 2013.

[98] M. A. Ungless, J. L.Whistler, R. C.Malenka, and A. Bonci, “Sin-
gle cocaine exposure in vivo induces long-term potentiation in
dopamine neurons,”Nature, vol. 411, no. 6837, pp. 583–587, 2001.

[99] B. Schilström, R. Yaka, E. Argilli et al., “Cocaine enhances
NMDA receptor-mediated currents in ventral tegmental area
cells via dopamine D5 receptor-dependent redistribution of
NMDA receptors,” Journal of Neuroscience, vol. 26, no. 33, pp.
8549–8558, 2006.

[100] M. Mameli, C. Bellone, M. T. C. Brown, and C. Lüscher, “Coc-
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Astrocytes regulate synaptic transmission and play a role in the formation of new memories, long-term potentiation (LTP), and
functional synaptic plasticity. Specifically, astroglial release of glutamate, ATP, and cytokines likely alters the survivability and
functioning of newly formed connections. Among these pathways, regulation of glutamate appears to be most directly related to
the promotion of LTP, which is highly dependent on the synchronization of synaptic receptors through the regulation of excitatory
postsynaptic potentials. Moreover, regulation of postsynaptic glutamate receptors, particularly AMPA receptors, is dependent on
signaling by ATP synthesized in astrocytes. Finally, cytokine signaling is also implicated in regulating LTP, but is likely most
important in plasticity following tissue damage.Despite the role of these signaling factors in regulating LTP and functional plasticity,
an integrative model of these factors has not yet been elucidated. In this review, we seek to summarize the current body of evidence
on astrocytic mechanisms for regulation of LTP and functional plasticity, and provide an integrative model of the processes.

1. Introduction

The long-term storage of information in the form of memory
is one of the principal functions of the developed nervous
system.The ability to utilize this information provides evolu-
tionary advantages in adapting and responding to situations
in a given environment. The method for the formation of
memories and the process of functional specialization in the
brain during development has been found to be mediated
by both structural and functional plasticity, including long-
termpotentiation between neurons [1].Whilemuch attention
has been given to these processes on a neuronal level, less
attention has been given to what role glial cells, particularly
astrocytes, may have in the underlying mechanisms.

While astrocytes were formerly thought to serve mostly
as housekeeping cells, they have recently gained attention as
an integral part of the chemical synapse. In addition to their
structural and metabolic roles, astrocytes are now thought
to be heavily involved in synaptogenesis and in regulating
the communication between already formed connections
[2]. Several studies have demonstrated that astrocytes uti-
lize both ionotropic and metabotropic systems in order
to regulate neuron to neuron communication [3–5], and

that they may have specific mechanisms for regulating the
formation of memories. Here, we review recent evidence for
the importance of astrocytes in both structural and functional
synaptic plasticity, specifically long-term potentiation, the
key chemical transmitters that are involved (Table 1), as well
as the underlying mechanisms by which astrocytes may
regulate these processes.

2. Glial Cells: Astrocytes

Glial cells are nonneuronal cells that are now believed to
constitute 50% of the cells in the whole brain in humans and
other primates [6–9], although other reports have suggested
that glia may outnumber neurons 10 : 1 [10–12]. Astrocytes,
as their name suggests, appear to be star-shaped when Golgi
stained or immunostained for glial fibrillary acidic protein
[5]. However, the morphology and physiology of astrocytes
differ depending on the type [13]. Typically, astrocytes have a
complex structure that is highly branched with many small
protrusions that contact the synaptic cleft [14, 15]. With
their unique morphology, astrocytes form the blood brain
barrier, have a role in ion homeostasis, and form the tripartite
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Table 1: Summary of receptors/signaling molecules and related mechanisms.

Signaling molecule Receptor(s) Mechanism of action in plasticity/memory formation
Acetylcholine Muscarinic Ach-R’s Causes an increase in [Ca2+] activating mGluR’s
Adenosine A1 Receptors Inhibition of cAMP dependent transcription
ATP P2Y Receptors Enhances concentration of AMPA receptors
Cytokines
(i) TNF-𝛼
(ii) CCL2
(iii) Interleukin-1

(i) CXCR4
(ii) NMDA Receptors
(iii) IL1 Receptors

(i) Glutamate release and the insertion of AMPA receptors
(ii) Inhibits NMDA receptor activity
(iii) Unknown

D-Serine NMDA Receptors Coagonist of receptors
Ephrin
(i) Ephrin-A
(ii) Ephrin-B

(i) EphA Receptors
(ii) EphB Receptors

(i) Promotes retraction of dendritic spines
(ii) Regulates D-serine release

Glutamate AMPA receptors, NMDA receptors, mGluR’s Increased EPSP, upregulation of AMPA receptors
Lactate MCT2 Provides additional metabolic energy for growth/plasticity
Nicotine nAchR Releases Ca2+ and promotes the release of D-serine

synapse [16]. The blood brain barrier is made up of capillary
endothelial cells, vascular pericytes, and the perivascular
endfeet of astrocytes. Together, they create a highly selective
barrier that allows oxygen and hormones to permeate into the
brain while preventing the passage of other molecules due to
possible harmful effects.

Astrocytes also maintain homeostasis of various ions
such as sodium, potassium, chloride, and hydrogen [17].
For instance, astrocytes play a critical role in regulating
extracellular K+ levels. When the extracellular concentration
of K+ is high, astrocytes uptake the ion using transporters
or channels and transfer it to adjacent astrocytes via gap
junctions by a process called spatial buffering [18–21]. Due to
this process, astrocytes prevent extracellular concentrations
of K+ from reaching toxic levels.

In the tripartite conceptualization of the synapse, perisy-
naptic astrocytes are present along with the standard presy-
naptic and postsynaptic neurons [15, 22–24]. Contact made
by perisynaptic astrocytes with the synaptic cleft depends
on the type and location of synapses [13, 15, 25]. In the
hippocampus for instance, 64% of synapses are contacted by
perisynaptic astrocytes at the synaptic cleft [26].The intricate
arborization and ramifications of astrocytes allow them to
tightly enwrap the synaptic terminal in order to modulate
synaptic processes [14, 15, 25]. Previous studies suggest that
astrocytes respond to neurotransmitter release by increasing
their intracellular calcium levels and controlling neuronal
excitability through the release of gliotransmitters [2]. Based
on findings that explain the functioning of the tripartite
synapse,more attention has been given to the potential role of
how astrocytes aidmemory. In areas known for synaptic plas-
ticity, such as the hippocampus, astroglial membranes appear
to surround the majority of larger axo-dendritic synapses,
and around 60% of all synapses in the hippocampus [27, 28].
In astrocytes that are part of a tripartite synapse, calcium
peaks, which correspond to calcium oscillations tuned to
neuronal activity, cause the proximal and distal release of
glutamate from the astrocyte to neighboring neurons [5].

Excess glutamate is taken up by astrocytes and further
regulated through a shunting cycle by which it is broken

down into glutamine, repackaged, sent to the presynaptic-
neuron, and finally converted back into glutamate [16].
Astroglial glutamatergic regulation is so widespread that it
is estimated that only 20% of synaptic glutamate is taken
up by transporters on the postsynaptic neuron, while the
other 80% is processed by transporters such as the glutamate
aspartate transporter (GLAST) on the membrane of the
associated astrocyte [29]. Additionally, astrocytes have the
ability to swell and shrink in size through the use of aquaporin
channels, and this may allow them to reduce the leakage
of neurotransmitters, increasing the active concentration in
the synapse, and preventing spillover in the case of damage
[30, 31]. However, transmitters can also be released through
these channels when exposed to a hypotonic bath solution,
ischemia, or a traumatic brain injury [32–34]. Besides their
role in signaling, astrocytes have also been implicated in
controlling the development of the nervous system through
factors such as axon guidance and synaptogenesis, as dis-
cussed below.

3. Plasticity in the Hippocampus

It is now well known that the hippocampus, located in the
inferior temporal lobe, is responsible for the formation and
storage of memory [35, 36]. The hippocampal structure has
distinct functional areas implicated in memory formation,
that is, the CA1, CA3, and the dentate gyrus. Various parts
of the brain display some form of synaptic plasticity, but the
hippocampus is one of the structures that has received much
attention due to its overall functional importance.

Synaptic plasticity refers to experience mediated struc-
tural and functional changes to the connections between
neurons that results in changes to neural circuits [37–39].
These neural circuits are often developed (synaptogenesis)
and strengthened through the reinforcement of some con-
nections and the removal of others (synaptic stripping),
which can occur in response to environmental experience.
During early development, plasticity can occur through large
scale dendritic and axonal conformational changes, and
while these processes are observed in the adult mammalian
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brain, the scale on which they take place and the efficacy
of regulatory processes involved are inhibited [40]. While
less overall change is observed in the adult brain, early
developmental plasticity in children, as well as memory
formation and learning in adults, are both likely dependent
on structural changes in the functioning of the synapse itself
[41–43]. Recent evidence shows that even small structural
changes to the dendritic spines can drastically alter the overall
output/input of synaptic protein receptors, which in adults is
likely more important in determining neuronal activity than
dendritic spine density [41–43]. Due to a high concentration
of synapses in the brain, tuning of activity could be accom-
plished through regulating synaptic function with relatively
little conformational change, which is important in being able
to learn and store large quantities of information without
negatively impacting other signaling pathways.

The tuning of synaptic activity associated with functional
plasticity, or changes in synaptic strength [44], has been
demonstrated through the modulation of membrane recep-
tors by enzymatic activity such as phosphorylation [39, 45–
47]. However, changes to the chemical environment within
the synapse are likely more influential in the associated
changes to neuronal firing and receptor concentrations. The
changes in dendritic spines and synaptic activity in relation
to plasticity have been found to be most closely linked to
synaptic glutamate receptors and changes in both internal
and external calcium in neurons [48]. It is consistently
demonstrated that neuron-glia interactions are essential to
this type of environmental regulation, with astrocytes being
paramount in regulating signaling molecules such as gluta-
mate which are particularly important in the plasticity and
learning processes [49, 50]. As astrocytes are in part often
responsible for regulating synapse formation and synaptic
activity, there is a strong possibility that their activity plays
an integral role in plasticity and learning.

Among the various forms of functional synaptic plasticity,
long-term potentiation (LTP) has received much attention in
the hippocampus due to its role in memory [51]. LTP is the
process of a long-lasting enhancement in synaptic strength.
This was first observed in electrophysiological studies, using
high-frequency stimulation (100Hz) of neurons in the per-
forant pathway and recording the activity at the dentate gyrus
[52]. Electrode recordings followed by tetanic stimulation
exhibited a longer lasting excitatory postsynaptic potential
(EPSP) of the postsynaptic neuron in the dentate gyrus. The
mechanism of LTP differs depending on the location of the
hippocampus. For example, N-methyl D-aspartate (NMDA)
receptor dependent LTP occurs at the Schaffer collateral
region while NMDA receptor independent LTP is observed
at themossy fibers of the CA3 region [53–57]. Despite various
forms of LTP that occur in the hippocampus,NMDAreceptor
dependent LTP is heavily studied. Several studies blocking
NMDA receptor activity showed impairment in different
types of memory in mice, implicating NMDA receptors
in memory formation [58–61]. However, these studies do
not indicate that LTP causes memory, as LTP may be an
underlying process that helps form memory but does not
directly cause it.

For NMDA receptor dependent LTP to occur, glutamate
binding toNMDAreceptors anddepolarization of the neuron
is required. Activation of NMDA receptors allows calcium to
stimulate cyclic adenosine monophosphate (cAMP) release,
causing a cascade of signaling mechanisms involving protein
kinase A, cAMP response element binding protein (CREB),
cAMP response element (CRE), mitogen activated protein
kinase, and calcium calmodulin dependent protein kinase
II [62–64]. These factors lead to the upregulation of tran-
scription. Therefore, synthesis of new proteins underlies the
mechanism for long-term memory. While much attention
has been given to the regulation of hippocampal neurons
by these factors, there is a growing body of evidence that
astrocytic support is more critical in the regulation and
function of many LTP related compounds and mechanisms
than previously thought.

4. LTP Associated Gliotransmitters

Astrocytes release and regulate several neuroactivemolecules
that can affect neuronal activity and modulate plastic-
ity and LTP. These compounds (summarized in Table 1)
include glutamate, ATP, cytokines, and several other key
signaling molecules like D-serine, adenosine, and lactate
[65]. Glutamate plays a key role in the regulation of
synaptic activity and causes a response in astrocytes [66,
67]. Importantly, astrocytes actively sequester up to 90%
of glutamate that is released into the extracellular space
between neurons [68, 69]. Glutamate causes a wide range
of effects in astrocytes via metabotropic glutamate recep-
tors (mGluR), NMDA receptors, and 𝛼-Amino-3-hydroxy-5-
methyl-4-isoxazolepropionic acid (AMPA) receptors.

Although cortical astrocytes generally express functional
NMDA receptors, this does not appear to be the case for
hippocampal astrocytes [70–72]. Hippocampal astrocytes
do not exhibit activation upon standard NMDA receptor
agonists [70, 72]. Functional AMPA receptors, on the other
hand, are expressed by hippocampal astrocytes [73, 74].
Additionally, hippocampal astrocytes change the properties
of their AMPA receptors during postnatal development. At
the beginning stages of postnatal development, low levels
of AMPA receptor currents were observed and significantly
increased around P12 [75]. Immature astrocytes also had a
prolonged activation of the AMPA receptor, which induced
an influx of Na+ and Ca2+. As astrocytes matured, glutamate
responses greatly increased as well.

Astrocytes are likely able to synchronize with neuronal
activity and subsequently regulate glutamate transmission
between neurons [76–79]. For example, astrocytic glutamate
release activates presynaptic NMDA receptors and promotes
increased excitatory communication between neurons [80].
These NMDA receptors are also subjected to further regula-
tion by endogenous concentrations of D-serine, which serves
as a coagonist, specifically in the hippocampal region, sug-
gesting its potential importance in new memory formation
[81–84].

In addition to the ionotropic glutamate receptors, astro-
cytes also usemGluRs. In the hippocampus, mGluR1 [85, 86],
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mGluR5 [87, 88], and mGluR3 [89, 90] are expressed and
functionally important in astrocytes and the modulation of
neuronal activity.However, astrocytes of 1-week-oldmice, but
not older mice, express high levels of mGluR5 [90]. Further-
more, astrocytes of adult mice did not exhibit an increase
in Ca2+ when stimulated with an mGluR5 agonist. These
results suggest developmental changes in the expression of
mGluRs in astrocytes. Contradictory to the observations by
[90], there has been research demonstrating mGluR5’s role
in Ca2+ elevation in adults. Further research must be done to
clarify these opposing findings.

Astrocytic activation can result in the release of glio-
transmitters that can affect neuronal activity. Gliotransmit-
ter release is Ca2+ dependent and involves the following
mechanism. Astrocytes express a neurotransmitter receptor
called G-protein coupled metabotropic receptor (GPCR).
Specifically, the G-protein Gq, coupled to phospholipase C
(PLC), is involved in elevating intracellular Ca2+ levels in
astrocytes [91, 92]. When Gq is stimulated, PLC is acti-
vated to break down phosphatidylinositol 4,5-bisphosphate
(PIP
2
) into inositol 1,4,5-triphosphate (IP

3
) and diacylglyc-

erol (DAG) [91, 92]. By breaking down PIP
2
, the endoplasmic

reticulum can release stored Ca2+ to stimulate gliotransmitter
release.

In gliotransmission, astrocytes release vesicles that are
packed with gliotransmitters via the process of exocytosis.
Astrocytes express proteins that are known to be involved in
vesicle fusion such as soluble NSF attachment protein recep-
tor (SNARE), synaptotagmin, complexin2, and Munc18a,
which are critical for gliotransmitter release [5, 92]. For
example, altering the SNARE complex resulted in a failure
of glutamate release from astrocytes [93]. Glutamate release
also requires vacuolar type of proton ATPase to exchange
the proton gradient from the vesicular lumen with glutamate
[94, 95]. The same mechanism was observed for D-serine
in hippocampal astrocytes [94]. In addition, in hippocampal
astrocytes, synaptic-like microvesicles (SLMV) were found
with the R-type SNAP receptor (R-SNARE), which is known
to govern exocytosis [5]. Together, these proteins that are
expressed by hippocampal astrocytes package gliotransmit-
ters for release.

Additionally, ATP signaling regulates Ca2+-dependent
glutamate release via astrocytic P2Y receptors [96]. ATP
released from astrocytes also interacts directly with pre-
and postsynaptic neurons, serving to regulate their own
glutamatergic transmission and to also enhance the con-
centration of AMPA receptors, which facilitates the release
of neuropeptides including oxytocin and vasopressin [65].
Additionally, some of the ATP released by astrocytes is
converted directly to adenosine, which can act as both an
agonist and antagonist for specific K+ andCa2+ channels [97].

Cytokines and chemokine receptors are also implicated
in the regulation of Ca2+ stores, glutamatergic transmission,
and synaptic plasticity as a whole. In astrocytes, the CXCR4-
CXCL12 signaling axis has been implicated in both modu-
lating glutamate exocytosis, and in causing the release of the
cytokine TNF-𝛼 [98]. TNF-𝛼 is also linked to regulating both
glutamate release and the insertion of AMPA receptors into

neighboring neurons [99, 100]. Finally, cytokine signaling in
astrocytes, as well as microglia, plays a role in the response
to physically sensing pain and responding to damage, with
chemokine (C-C motif) ligand 2 (CCL2) released from
astrocytes having a strong regulatory effect on the activity of
NMDA receptors [101].

Despite the evidence indicating the significance of Ca2+
in the release of gliotransmitters, there have been contro-
versial findings that challenge this assertion. Some studies
have observed that blocking Ca2+ in hippocampal astrocytes
located at the CA1 region in situ does not change Ca2+ levels
in neurons, change spontaneous excitatory postsynaptic cur-
rent, result in astrocytic glutamate release, orNMDAreceptor
mediated slow inward currents in pyramidal neurons [102–
104]. These findings may suggest that a mechanism not
dependent onCa2+ releasemay lead to gliotransmitter release
in astrocytes.

Although the gliotransmitters discussed above are impor-
tant in regulating LTP, another crucial gliotransmitter to
postsynaptic neurons is lactate. Memory formation is the
result of a cascade of cellular and molecular processes
and thus, to ensure the proper functionality of a neuron,
astrocytes provide neurons with lactate, a usable form of
energy [105–107].Through glycogenolysis, astrocytes convert
stored glycogen into lactate and release it into the synapse
through theMCT1 or MCT4 transporter [107].The neuron is
then able to take up lactate via an MCT2 transporter, which
has been confirmed through blocking MCT2 with either 4-
CIN orMCT2-oligodeoxynucleotides [106, 107]. Rats showed
memory impairment in inhibitory avoidance and spatial
memory tasks when glycogenolysis, MCT1, MCT4, or MCT2
were inhibited [106, 107].Thus, it is clear that the metabolism
of astrocytes is critical in hippocampal dependent memory.

5. Ephrin Signaling and
Glutamate Transporters

Ephrin signaling, consisting of ephrin-As and ephrin-Bs, is
known for its involvement in neural development by inhibit-
ing axonal and dendritic growth via actin rearrangement
[108–114]. The interaction between ephrin-A3 and EphA4,
which are expressed by astrocytes and dendritic spines of
neurons, respectively, is involved in decreasing levels of
GLAST and glutamate transporter 1 (GLT-1) for proper
synapsing to occur [115–118].

Astrocytes express both EphB receptors and ephrin-B
ligands, ephrinB3 being the most active during LTP [119].
EphrinB3 enhances D-serine release by regulating serine
racemase (SR), an enzyme responsible for the conversion of
L-serine to D-serine, and an SR-interacting protein, protein
kinaseC (PKC𝛼). Specifically, ephrinB3 downregulates PKC𝛼
in order to increase the interaction between SR and Protein
Interacting with C-kinase (PICK1), causing D-serine release
[119]. Moreover, ephrinB3 is able to bind to both EphB3
and EphA4 receptors [120]. By measuring D-serine levels in
EphB3 and EphA4 knockouts in cultured astrocytes, both
receptors were necessary for D-serine release [119]. Thus,
while ephrin-A signaling regulates levels of GLT-1, ephrin-B
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signaling regulates levels of D-serine release for activation of
NMDA receptors.

6. Cholinergic Signaling

Nicotine influences memory by inducing synaptic transmis-
sion at acetylcholinergic synapses [121–123]. In Alzheimer’s
disease, patients treated with nicotine had improved cogni-
tive functioning [124]. Astrocytes express nicotinic acetyl-
choline receptors (nAChR), implicating nicotine’s role in
cholinergic dependent memory. This effect on memory
is dependent on glutamatergic NMDA receptors, which
requires binding of D-serine released by astrocytes [81–
83, 125]. As described previously, D-serine binds to NMDA
receptors, allowing the influx of ions to induce LTP.Therefore,
nicotine binding to the nAChR on astrocytes stimulates the
release of D-serine by increasing internal calcium concentra-
tions, allowing NMDA receptors on the postsynaptic neuron
to induce LTP [123–125]. Similar to nAChR, activation of
muscarinic AChR (mAChR) also increases internal calcium
concentrations [126–128].

7. Other Receptors

7.1. Adenosine Receptors. There are other receptors thought
to be involved in astrocyte-neuron communication. The
adenosine A1 receptor is expressed on presynaptic neu-
rons, and activation of the receptor activates the inhibitory
metabotropic g-protein (Gi) pathway. Memory deficits in
mice that underwent 6 hours of sleep deprivation were pre-
vented by pharmacologically blocking the A1 receptor [129].
Furthermore, astrocytes modulate levels of adenosine during
12 hours of sleep deprivation in mice [130]. Interestingly, A1
receptor activation in astrocytes can also modulate sleep in a
rodent model of inflammation [131].

7.2. Interleukin-1. The cytokine interleukin-1 (IL-1) also plays
a key role in hippocampal dependent memory. Blocking
activity of IL-1 receptors resulted in the poor performance of
learning with the Morris water maze and fear conditioning,
as well as reduced LTP [132–135]. Although IL-1 receptors can
be expressed by many cells, it is prominently expressed on
astrocytes [136–140]. IL-1 receptor knockoutmice that did not
express IL-1 receptors on astrocytes exhibit memory deficits
that can be rescued with transplantation of neural precursor
cells from wild-type mice that express IL-1 receptors [139].
The underlying mechanism of IL-1 has yet to be determined
in the context of memory.

8. Discussion

Research on synaptic plasticity andmemory has traditionally
been neuron-centric, yet it is crucial to not ignore the
astrocytic role in these processes since they are now known
tomodulate neuronal activity. Not only do astrocytes regulate
the extracellular concentration of neurotransmitters, they
also regulate the activity and expression of receptors on
the postsynaptic neuron through gliotransmitter activity,

and play a role in dampening activity and promoting the
removal of nonadvantageous connections [141].The evidence
reviewed here shows that astrocytes have an ongoing role
in the regulation of neuronal activity through the release of
gliotransmitters and the expression of transporters/receptors
on their extracellular surface. Based on these findings, we
propose a mechanism of astrocyte-to-postsynaptic neuron
interaction that supports the induction of LTP (see Figure 1).
Here, the influx of intracellular Ca2+ caused by the activation
of cholinergic receptors and mGluRs allows multiple glio-
transmitters (e.g, glutamate,D-serine, TNF-𝛼, andATP) to be
released. These gliotransmitters then bind to their respective
receptor to regulate the influx of ions on the postsynaptic
neuron, which causes a cascade of molecular mechanisms
that initiate transcription. Ephrin B signaling may also con-
tribute to gliotransmitter release by increasing intracellular
Ca2+. Moreover, for the cellular andmolecular changes of the
postsynaptic neuron, lactate must be provided by astrocytes
for energy to protect neurons from cytotoxic death, and GLT-
1 regulates the extracellular glutamate concentration during
the late phase of LTP.

The purpose of the proposed mechanism is to represent
how astrocytes may regulate the postsynaptic neuron during
LTP. Behavioral studies used to determine that the role of
astrocytes are known to be hippocampal dependent tasks.
However, this by no means allows us to determine which
part of the hippocampus the mechanism takes place in, nor
the type of LTP. More importantly, there are various kinds of
memory such as episodicmemory, proceduralmemory, asso-
ciative memory, and fear conditioned memory. Moreover, it
is important to note that this model only examines astrocyte
to postsynaptic terminal communication: it is well known
that astrocytes are also able to modulate presynaptic terminal
[142, 143].

Although we have explained detailed evidence of how
astrocytes regulate the postsynaptic neuron, we must also
consider how astrocytes affect activity of the presynaptic
neuron as well. Hippocampal astrocytes are able to detect
synaptic activity at distinct locations viamGluR5 and increase
intracellular Ca2+ levels for a prolonged time span, which
results in alteration of basal synaptic transmission [144, 145].
The mechanism also involves astrocytic release of purines
to activate A2A receptors expressed by the presynaptic
neuron. Calcium activity was also observed to not only be
involved in gliotransmission, but neurotransmission as well.
Synaptic transmission in neighboring synapses was reduced
when blocking Ca2+ in astrocytes, suggesting the ability of
astrocytes to modulate the activity of presynaptic neurons.

The engraftment of human astrocytes in mice enhances
LTP and significantly increases the release of the cytokine
TNF-𝛼 [146]. Since a xenograft of human astrocytes can
functionally modulate the activity of mice neurons, it may
be possible that a xenograft from another species would
facilitate LTP if placed into a human patient. There is still
much to research in glial neurobiology in order to fully
understand the underlying mechanisms of neural networks
that are involved in plasticity andmemory. For instance, since
astrocytes are physically connected with other astrocytes
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Figure 1: Integrative model of postsynaptic glia-neuron communication during memory formation.

through gap junctions to form a glial syncytium, it is crucial
to further examine how astrocytic signaling may regulate
neuronal activity and therefore, underlie LTP. It is now
clear that astrocytes play an important part in learning and
memory, and continuing to elucidate astrocytic processes
that are involved in learning and memory will help advance
our understanding of the dynamic role of these glial cells in
modulating LTP.
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Cells such as astrocytes and radial glia with many densely ramified, fine processes pose particular challenges for the quantification
of structural motility. Here we report the development of a method to calculate a motility index for individual cells with complex,
dynamic morphologies. This motility index relies on boxcar averaging of the difference images generated by subtraction of images
collected at consecutive time points. An image preprocessing step involving 2D projection, edge detection, and dilation of the
raw images is first applied in order to binarize the images. The boxcar averaging of difference images diminishes the impact of
artifactual pixel fluctuations while accentuating the group-wise changes in pixel values which are more likely to represent real
biological movement. Importantly, this provides a value that correlates with mean process elongation and retraction rates without
requiring detailed reconstructions of very complex cells. We also demonstrate that additional increases in the sensitivity of the
method can be obtained by denoising images using the temporal frequency power spectra, based on the fact that rapid intensity
fluctuations over time are mainly due to imaging artifact. The MATLAB programs implementing these motility analysis methods,
complete with user-friendly graphical interfaces, have been made publicly available for download.

1. Introduction

The development of advanced imaging methods has revealed
that living cells exhibit highly dynamic structural remodeling
[1, 2]. The rate and structural details of cellular motility can
change over development or in response to the environ-
ment in ways that reveal important details about cellular
signaling mechanisms [3–5]. Useful commercial and public
domain programs are available to identify and measure the
movements of relatively large cell structures like amoeboid
pseudopodia [6–8] as well as fine features like growth cone
filopodia [9], astrocytic protrusions [10], and dendritic spines
[11, 12]. Analysis of these kinds of sparsely distributed cellular
protrusionsmay be amenable to the use of image skeletoniza-
tion or active contour tracing to select the features of interest
and to track end-tips for motility analysis. An alternative
approach is to measure perimeter shape changes of an entire
cell by analyzing the difference between an original image
and an “eroded” image from which all fine processes have
been filtered away [10]. However, if the features of interest

are very dense and spindly, overlapping and oriented inmany
directions as in the case of astrocytes and radial glia [13, 14],
quantitative measurements of motility become particularly
challenging for any of the above methods.

We have previously introduced a method for quantifying
motility in cells with densely packed, fine processes as part
of a study analyzing dynamic remodeling of midbrain radial
glia [15]. After collecting a time series of 2-photon z-stacks,
maximum intensity projections (i.e., maximum intensity
value at each x-y position through the z-stack is used to
generate a 2D projection) are aligned to correct for drift and
then images are preprocessed by binarization using Sobel
edge detection, followed by pixel dilation to remove gaps
generated by the edge detection procedure. The algorithm
then calculates a motility index, defined as the mean number
of redistributed (added or lost) pixels between processed
images at sequential time points. To deal with the wide range
of different cell sizes, indices are normalized for size by
dividing by cell area (in pixels).



2 Neural Plasticity

One potential limitation of this approach is that nor-
malizing pixel counts to the 2D projection area of each cell
can distort the results due to variations in cell shapes and
sizes. For example, z-projections of very long, narrow cells
like radial glia will give dramatically different measurements
of 2D projected area depending on whether a cell is viewed
parallel or perpendicular to its radial axis. Although this
index is still highly sensitive formeasuring relative changes in
motility of individual cells imaged from the same angle over
time in response to different treatment conditions, the area
normalization used to calculate the motility index introduces
a source of artifact that limits its usefulness for comparing
multiple cells that might be imaged at a range of different
orientations.

In this paper, we introduce several significant improve-
ments to our original method that make important advances
toward correcting these limitations. The new approach offers
greater sensitivity for cell motility analysis while decreasing
the impact of total cell area on measurements by using an
algorithm based on spatial boxcar averaging of redistributed
pixels. This new motility index provides a value that better
correlates with the mean elongation and retraction speeds
of moving filopodial processes, eliminating the need to
normalize by total cell area. Boxcar averaging measures
motility preferentially in the dynamic parts of the image by
givingmore weight to pixel redistributions that occur in close
proximity to other redistributions and are thus more likely
to be part of real restructuring events. In addition, for high-
temporal-resolution imaging, we have added a noise filter
based on the temporal frequency power spectra of the pixels,
optimized to preserve biological activity while removing
imaging artifacts. We present these new tools as part of an
open-source program for the popular MATLAB platform
with a customizable user interface that can easily be applied to
measuremotility of a wide variety of cell types and structures.

2. Materials and Methods

2.1. Imaging EGFP-F-Transfected Radial Glia Cells. The cells
examined for this study are radial glia in the optic tectum
of albino Xenopus laevis tadpoles at developmental stage 47.
Tadpoles were staged according to the criteria of Nieuwkoop
andFaber [16]. Radial glia havemany fine filopodial processes
that undergo continuous structural remodeling over the
timescale of minutes (Figure 1). The optic tectum in stage 45
tadpoles was bulk electroporated [17] with a DNA plasmid
encoding membrane-targeting farnesylated EGFP (EGFP-F).
Tectal radial glia cells were imaged two days later using a
custom-built two-photon laser-scanning microscope with a
60× 1.1 NAwater-immersion objective (Olympus). AMaiTai-
BB femtosecond pulsed Ti : sapphire laser (Newport/Spectra
Physics) was used to generate excitation light at 910 nm. In
preparation for imaging, tadpoles were paralyzed by immer-
sion in 0.2mM pancuronium bromide (Sigma) solution in
0.1x Modified Barth’s solution with HEPES (VWR). Images
of individual EGFP-F-expressing cells in live albino tadpoles
were collected as z-series stacks of 50–150 optical sections
sized 512 pixels × 512 pixels (79.5𝜇m × 79.5𝜇m) 𝜇m at 1 𝜇m

step size. In a typical experiment, 3 images were collected
at 5min intervals as the baseline. Subsequently, MK-801
maleate (100 𝜇M, Tocris) was injected intraventricularly into
the tadpoles at the level of the optic tectum. After a 20min
incubation, another 3 images were captured at 5min intervals
to assess the effects of the treatment onmotility. In another set
of experiments to estimate the contribution of sample drift
and noise artifact, animals were euthanized in 0.2% MS222
(Sigma) and fixed by immersion in 4% paraformaldehyde
(PFA, VWR) for 2 hours prior to imaging.

2.2. Image Registration for Analysis. Two-photon z-series
stacks were processed by blind deconvolution using Auto-
Quant software. As all images of cells were captured in
vivo, surrounding neurons and skin cells expressing EGFP
as well as autofluorescent melanophores were sometimes
present in a subset of z-series images, above or below the
cell of interest where they could interfere with the automatic
motility assessment. These non-glia objects were removed
manually using ImageJ from the z-series stacks [18]. The
careful removal of extraneous objects from the stacks is
critical for obtaining accurate measurements and typically
takes about 30 minutes per 100 optical sections.

The inherent voxel anisotropy in 2-photon microscopy—
axial resolution is always poorer than resolution within the
focal plane—makes perfect 3D registration of image stacks
impractical. We therefore designed our motility analysis
for 2D time series and took precautions to minimize rota-
tion during image acquisition. Tadpoles were mounted in
form-fitting polydimethylsiloxane (PDMS) imaging cham-
bers sealed with a coverslip to minimize rotation of the
samples over time. Z-series stacks were converted to 2Dmax-
imum intensity projections and realigned to correct for slight
lateral drift over time using the rigid body setting of the EPFL
StackReg plugin for ImageJ (http://bigwww.epfl.ch/thevenaz/
StackReg/) [19].

2.3. Analysis ofMorphological Dynamics. All subsequent pro-
cessing and analysis steps in this paper were performed using
custom-made scripts that can be run under the MATLAB
(MathWorks) platform.These routines have beenmade avail-
able under a modified version of the GNU General Public
License v3 (see details in program files) as part of a set pack-
age controlled with a user-friendly graphical user interface
available at http://ruthazerlab.mcgill.ca/downloads/motility
GUIv2.zip.

After optimizing the alignment of themaximum intensity
projections for each time point as described above, images
were subjected to preprocessing by binarization using Sobel
edge detection to identify edges, followed by pixel dilation
(Figure 2). Pixel dilation expands the edges of the binarized
images, largely eliminating discontinuity artifacts that some-
times occur in the edge detection step due to variations
in the pixel intensities at fine processes in the raw images
(e.g., arrowhead in Figure 2). A dilation radius of 6 pixels
was used, as this was determined empirically to remove this
artifact efficiently while still maintaining adequate resolution
to detect small movements of the cell surface.
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Figure 1: Radial glia process movement in vivo is apparent over a timescale of minutes. (a) Maximum intensity projections of two-photon
microscope z-series images of a radial glia cell expressing farnesylated EGFP in the intact tadpole brain. (b) RGB overlay of the time-lapse
images of a radial glia cell where red denotes the position of the cell at 0 minutes, green after 5 minutes, and blue after 10 minutes of imaging.
(c) Magnified images of several highly dynamic sites from the radial glial cell shown in (b). Scale bar = 10 𝜇m.

To assess the motility of the cell we subtracted the
processed images of consecutive time points (Figure 3(a))
from one another. We define the binary intensity value of an
image with dimensions 𝑥 and 𝑦 as 𝐼

𝑥𝑦
(𝑡) where 𝑡 is the time

index of the image ranging from 1 to𝑇 in integral steps, with𝑇
being the number of time points captured.The redistribution
of pixels between two time points, for each pixel defined by
(𝑥, 𝑦), is calculated as

𝛿
𝑥𝑦
(𝑡) = 𝐼

𝑥𝑦
(𝑡 + 1) − 𝐼

𝑥𝑦
(𝑡) . (1)

The absolute value of this subtraction result generates an
image highlighting pixels where a change has taken place
from one time point to another, showing pixel redistribution
(Figure 3(b)). In the original dynamics assessment approach
of Tremblay et al. (2009), which we here term Method 1, the
average total area of the images is taken into consideration.
The area of an image with time index 𝑡 is defined by

𝐴 (𝑡) = ∑
𝑥,𝑦

𝐼
𝑥𝑦
(𝑡) . (2)

Sum of the redistributed pixels between time points is
calculated:

𝑅 (𝑡) = ∑
𝑥𝑦

𝛿
𝑥𝑦
(𝑡) . (3)

Motility index𝑀
1
between two time points usingMethod

1 is defined as

𝑀
1
(𝑡) =
𝑅 (𝑡)

𝐴
, (4)

where 𝐴 is the average total area of the cell over all time
points.

In the new, improved algorithm, here referred to as
Method 2, the difference images calculated by formula (1) are
subjected to boxcar averaging, often referred to as taking a
“moving average”, (Figure 3(c)) as defined by

𝛿
𝑥𝑦
(𝑡) =
1

𝑤2

𝑥+ℎ

∑
𝑚=𝑥−ℎ

𝑦+ℎ

∑
𝑛=𝑦−ℎ

𝛿
𝑚𝑛
(𝑡) , (5)
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Figure 2: Image preprocessing for analysis. (a) Maximum intensity projections of two-photon images of a radial glia cell expressing
farnesylated EGFP in vivo collected at 0, 5, and 10 minutes. (b) Same images after Sobel edge detection and binarization. (c) Binarized images
underwent dilation with a 6-pixel radius. Pixel dilation helps eliminate artifactual discontinuities in the images (arrowhead in insets) resulting
from the binarization step. Scale bar = 10 𝜇m.

where𝑤 denotes the boxcar windowwidth and ℎ = (𝑤−1)/2.
The choice of the boxcar window size for averaging should be
determined empirically depending on the dimensions of the
structures imaged, taking into consideration that important
details may be lost as the boxcar size is expanded. We set the
boxcar size to 𝑤 = 9 (9 × 9 pixel square) for our analysis.
Next, the boxcar-averaged image (Figure 3(c)) is multiplied
with the image showing redistribution of pixels between time

points (Figure 3(b)) to obtain a final boxcar-weighted image
𝜃
𝑥𝑦
(𝑡) (Figure 3(d)):

𝜃
𝑥𝑦
(𝑡) = 𝛿

𝑥𝑦
(𝑡) 𝛿
𝑥𝑦
(𝑡) . (6)

This last step has the useful effect of blunting the con-
tributions of the large number of sparse individual pixels
found along the edges of the boxcar-averaged images, thus
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Figure 3: Analysis of pixel redistribution using boxcar averaging. (a) Preprocessed images from 0, 5, and 10 minutes time points. (b)
Subtracting consecutive images from one another creates a map of the redistributed pixels between time points, shown in red. (c) Boxcar
averaging of the pixel redistribution images from (b) using 9 × 9 pixel window. (d) Result of multiplication of the images in (b) and (c). The
average of the nonzero pixel values in this image is used to calculate the cell motility index. (e) Plot of motility index values obtained for the
datasets in Figures 5(c), 5(d), 6(c), and 6(d) using a range of different boxcar sizes. Motility values in the different conditions are most clearly
separated when a 9 × 9 pixel boxcar size is used. Scale bar = 10 𝜇m.

weighting the analysis in favor of dynamic “hot spots” where
large groups of pixels change over time.These highly dynamic
zones are expected to reflect biologically relevant pixel redis-
tributions whereas the sparse intermittent changes along the
periphery are more likely to arise from nonbiological artifact
such as specimen drift, photobleaching, and detector noise.

Finally, the mean pixel value 𝑀
2
of the filtered boxcar

averaged pixel redistribution image 𝜃
𝑥𝑦
(𝑡) is calculated by

𝑀
2
(𝑡) =
1

𝑁
∑
𝑥,𝑦

𝜃
𝑥,𝑦
(𝑡) , (7)

where 𝑁 is the count of nonzero pixels. We thus define 𝑀
1

and 𝑀
2
, respectively, as the original and improved motility

indices measured between two time points. For the overall
motility value of a cell under a certain condition, the mean
motility index𝑀

1
or𝑀
2
over all time points was used.

The size of the boxcar window used for analysis is a
customizable parameter in our software. The optimal setting
depends in large part on the dimensions of the most motile

processes extending out from the cell and the density with
which they occur at the cell surface. We recommend using an
independent dataset to empirically determine the parameters
that give the greatest sensitivity for the cell type being studied.
For example, in Figure 3(e), we systematically varied the
boxcar window size and found that although the absolute
motility index values decrease with larger boxcar sizes, the
greatest difference between experimental groups is obtained
with an intermediate boxcar size, in this case 9 pixels.

2.4. Temporal Frequency-Based Filtering of Spurious Motility.
In another experiment, images of an active cell were taken
at the higher rate of once every 20 seconds over the 15 to 18
minutes normally used for dynamics analysis (Figure 4(a)).
This sampling rate (0.05Hz) constitutes temporal oversam-
pling for the cellular motility behavior in which we are
interested. For technical reasons only a subsection of the cell
was measured in order to achieve the necessary temporal
resolution. Images were preprocessed as described above,
resulting in dilated binary images as in Figure 2(c). Three
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Figure 4: Temporal frequency filtering helps exclude artifactual pixel redistributions. (a) Time series of two-photon images of a portion of
a radial glia cell. Scale bar = 2𝜇m. (b) Integrated intensity of a healthy cell over the course of 18 minutes, preprocessed for analysis. Red
pixels have a value of 1 during most time points and blue pixels during few time points. Black pixels are negative background sites with value
0 at all time points. Time-dependent pixel intensity functions (i) for a pixel located within the main process, (ii) for a pixel into which a
filopodium extended, and (iii) for a noisy pixel located along the edge of the cell. (c) Frequency map showing noisy pixels that were discarded
by temporal frequency filtering. The colors represent discrete high frequencies measured in the excluded range. (d) Frequency map of the
same cell, showing pixels that were accepted by the frequency filter. Each color shows a discrete frequency within the accepted range. In (c)
and (d), black represents sites where pixel intensity did not change over the 18 minutes.



Neural Plasticity 7

Cell before MK-801

0 min 5 min 10 min

(a)

Cell after MK-801

0 min 5 min 10 min

(b)

1.8

1.6

1.4

1.2

1

0.8

0.6

0.4

0.2
Before After MK801

N
or

m
al

iz
ed

 re
la

tiv
e m

ot
ili

ty

(c)

1.8

1.6

1.4

1.2

1

0.8

0.6

0.4

0.2
Before After MK801

N
or

m
al

iz
ed

 re
la

tiv
e m

ot
ili

ty

(d)

Figure 5: Comparing the relative sensitivity of the two motility measurement methods using images of normal radial glia cells (𝑁 = 10)
before and after injection of 100 𝜇MMK-801 into the ventricle of the tadpole to reduce motility. ((a), (b)) Example of glial motility before (a)
and after (b) drug treatment. (c) Motility index changes measured using Method 1 from [15]. (d) Results using the boxcar-based Method 2.
Each individual cell is depicted with the same color in (c) and (d). Note that Method 2 gives more consistent results. All values are normalized
to the mean predrug motility index to facilitate comparison. Scale bar = 10 𝜇m in upper panel and 2𝜇m in lower panel of (a).

characteristic examples of the time-dependent behavior at
single pixels are shown in Figure 4(b). Pixels located at
the center of the cell main process typically will have an
unvarying intensity function as shown in Figure 4(b)(i).
Similarly, pixels that lie within the trajectory of an elongating
or withdrawing filopodium will be continuously on or off
until the filopodium either moves into or out of the pixel
position, after which the pixel value will flip (Figure 4(b)(ii)).
Pixels that are near the edge of the cell tend to alternate
between a value of 1 and 0 irregularly, due to imaging
artifact and alignment-drift error (Figure 4(b)(iii)).The time-
domain pixel intensity functions shown were transformed
into the frequency domain by means of the discrete fast
Fourier transform (DFT) algorithm of MATLAB. A large
proportion of the spurious motility can be filtered based

on the DFT results, as image noise is expected to have a
higher frequency DFT peak than biologically relevant slower
fluctuations. We therefore implemented a DFT-based image
filter with a user-selectable frequency threshold as part of
our analysis package. Setting the filter to separate fluctuations
at a threshold of 0.0026Hz (<6.4min periods) appeared to
effectively distinguish between image noise at high frequency
(Figure 4(c)) and biologically relevant motility fluctuating at
lower frequencies (Figure 4(d)).

3. Results

To assess our improved method for cell morphological
dynamics measurement, we electroporated albino Xeno-
pus laevis tadpoles with plasmid driving the expression
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of membrane-targeting farnesylated EGFP (EGFP-F). Two
days after electroporation, we collected images of individual
EGFP-expressing radial glia cells in the optic tectum in live
tadpoles by two-photon microscopy.

We tested the sensitivity of our improved motility index
(Method 2) compared to the original algorithm (Method 1)
from Tremblay et al. (2009), using an established pharmaco-
logical manipulation known to reduce radial glial motility.
We have previously shown that radial glia decrease their
filopodial process motility in vivo in response to intraven-
tricular application of the N-methyl-D-aspartate receptor
(NMDAR) blocker MK-801 [15]. Here we used this glial
response to MK-801 to compare the relative sensitivity of
Methods 1 and 2. In the study by Tremblay et al., time-lapse
images had been collected at 15 minute intervals. In order
to push the limits of our detection capability, we shortened
the imaging interval to 5 minutes (Figures 5(a) and 5(b)).
The cumulative restructuring of the cells is considerably less
during this shorter interval and we sought to determine
whether either analysis method could still detect a difference
between control and MK-801-treated conditions.

Tectal radial glia are highly dynamic on a timescale of
minutes, continually adding and retracting many filopodial
processes. However, although they remodel extensively, they
do not exhibit cumulative growth over these periods. We
found no significant difference between the area profiles of
radial glia cells before compared to after MK-801 treatment
(area mean ± SD before MK-801: 1465.25 ± 140.56 𝜇m2, after
MK-801: 1411.36 ± 150.6 𝜇m2, 𝑛 = 10, 𝑃 = 0.45, two-tailed
Student’s 𝑡-test). We were unable to demonstrate a significant
decrease in the motility index values of cells in response
to MK-801 application when imaged at 5min intervals and
analyzed using Method 1 (𝑛 = 10, 𝑃 = 0.11, paired 𝑡-test)
(Figure 5(c)). In contrast, applying Method 2 to the same
dataset revealed a significant decrease in the rates of dynamics
of these cells after MK-801 treatment (𝑛 = 10, 𝑃 < 0.02,
paired 𝑡-test) (Figure 5(d)). The greater sensitivity of Method
2 was likely due to smaller variance in the motility index
values resulting from the reduced contribution of artifact
from nondynamic parts of the cell.

To assess the relative contributions of spurious motility
caused by imaging artifact, we compared motility index
values of control EGFP-F-expressing radial glial cells in living
tadpoles (𝑛 = 4) with cells from the animals that had been
euthanized and fixed with 4% PFA (𝑛 = 5) (Figures 6(a) and
6(b)). Fixation abolishes all cellular dynamics, leaving only
imaging artifact, photobleaching, and Brownian motion of
the fluorophoremolecules.Not surprisingly, a large difference
in cell motility scores between the control and fixed groups
was obtained using both the old and new analysis meth-
ods. Somewhat unexpectedly, motility index scores obtained
using Method 1 (Figure 6(c)) were on average lower, after
normalization to the matched control group, than those
produced by Method 2 (Figure 6(d)), probably reflecting a
greater sensitivity of the new method to systematic artifact
due to photobleaching or specimen drift. However, Method 1
exhibited larger variance in the motility indices obtained and
thus gave a wider 95% confidence interval for the difference

between means (CI = [0.3589, 0.7854]). Analysis by Method
2 resulted in a smaller two-sided 95% confidence interval for
the difference between means (CI = [0.2607, 0.5342]) and
consequently a lower𝑃 value by the two-tailed Student’s 𝑡-test
(Method 1, 𝑃 = 0.00039; Method 2, 𝑃 = 0.00024).

We also applied the DFT-based temporal frequency
filter to a different set of control and PFA-fixed cell image
sequences collected at higher temporal resolution to further
distinguish actual biological motility from artifact. Filtering
cells with a 0.0026Hz temporal frequency (period < 6.4min)
threshold decreased the already low motility index values of
PFA-fixed cells (as measured using Method 2) by 66% on
average (Figure 6(e)), confirming the value of the temporal
frequency filter for reducing spurious “motility” from mea-
surements. In contrast, the motility index value of the control
live cells was only reduced by an average of 23%, consistent
with most of the signal being biological in origin. Thus, the
temporal frequency filter in conjunction with our improved
motility index provides a set of useful and sensitive tools
for the detection and quantification of biologically relevant
morphological remodeling of cells from 2-photon time-series
images.

4. Discussion

We present a novel method for motility analysis of a
wide variety of morphologically complex cells. This versatile
approach offers increased sensitivity compared to the earlier
version due to its superior discrimination of real movement
from noise. This is achieved by boxcar averaging of pixel
redistribution images, which results in the relatively greater
weighting of areas in the images where large groups of
adjacent pixels exhibit coordinated changes from one time
point to another, while reducing the contribution of spurious
pixel fluctuations. When the size of the boxcar window is set
to roughly match that of the most relevant motile structure
for the phenomenon under study (e.g., dendritic spines,
axonal growth cones, and glial filopodia), our algorithm
returns a single motility index value that effectively reflects
the degree of motility of the specific individual structures of
interest without requiring painstaking and time-consuming
reconstruction of each of these cellular protuberances. In
addition, we demonstrate that further improvement can be
obtained by temporal frequency filtering of the time series.

Real biologically relevant movements like filopodial
extension typically involve changes of larger groups of
neighboring pixels. Changes entailing the redistribution of
a smaller number of adjacent pixels from one time point
to another often arise from artifacts including photobleach-
ing, detector noise, and imperfect alignment of time series
images. This is most evident in the faint outlining of the
whole perimeter of the cell in pixel redistribution images
(Figure 3(b)). This perimeter outlining is unlikely to be
related to cellular metabolism or function, as it is also present
in the PFA-fixed cells. The use of boxcar averaging dramati-
cally reduces the contribution of this artifactual component
to our motility measurements by weakening the influence of
isolated pixel valueswhile enhancing theweighting of clusters
of pixels that change together.
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Figure 6: Use of paraformaldehyde- (PFA-) fixed cells to reveal nonbiological artifacts that contribute to the motility index scores. (a) The
motility of control living cells (𝑁 = 4) was compared with (b) dead cells fixed in paraformaldehyde (𝑁 = 5). ((c), (d)) Bars indicate the
motility values of the two groups normalized to the mean of control values using Method 1 in (c) and Method 2 in (d). Error bars are SEM.
(e) Applying a low-pass temporal frequency filter with a threshold of 0.0026Hz (6.4min period) reduces the motility index scores (measured
using Method 2) of the PFA-fixed cell group by substantially more than the control group, indicating that the filter is effective at eliminating
nonbiological noise. Dashed lines indicate full width at half maximum. Scale bars = 10 𝜇m.

ThenewMethod 2 consistently yields lower coefficients of
variance than the original Method 1. The principal reason is
the above-mentioned reduction of noise at the cell perimeter.
In addition, eliminating the need for normalization by cell
area removes another source of variability that is not relevant

to actual motility. Radial glia cells appear to come in an
endless variety of shapes and sizes, and the number of
processes does not necessarily linearly scale with the area.
Because Method 1 relies on counting the total number of
redistributed pixels between time points, it is necessary to
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normalize these values in order to correct for different cell
sizes to prevent larger, less motile cells from being scored
higher than highly motile cells that are just very small.
However, normalizing to total cell area can result in two cells
with identical motility of their processes but different 2D
areas being reported as having differentmotility rates.Theuse
of boxcar averaging in Method 2, in contrast, gives a value
that reflects process movement within local domains that is
independent of the total size of the cell.

To further eliminate spurious pixels, we have designed a
filter based on temporal frequency of the pixel fluctuations.
Some of the most rapid and stochastic changes in pixel
values occur along the perimeter of imaged cells where
out-of-focus light, photon scattering, as well as fine image
drift enhance the inherent fluctuations in signal detection
at photomultiplier tubes or other detectors. By thresholding
out the highest temporal frequency pixels,mainly biologically
relevant pixels remain. A surprisingly large proportion (23%)
of the prefiltered motility measures of normally active cells
appeared to be derived from spurious fluctuations. This also
helps explain why the motility index scores of PFA-fixed
glial cells were not simply zero, as a considerable fraction
of the motility index appears to be derived from nonbio-
logical artifact. Thus, the application of temporal frequency
domain filtering has tremendous potential for improving the
dynamic range and sensitivity of themotility index. However,
temporal frequency filtering can be properly applied only
when numerous rapid interval images have been collected.
The optimal acquisition rate will depend upon the velocity of
the remodeling processes of the cell and on the pixel size of
the imaging system.

The question of what constitutes the remaining “motility”
in fixed cells, after the spurious edge pixels have been
removed, is intriguing. The images may gradually change
due to photobleaching, photochemistry releasing reactive
species, and perhaps even thermal effects from the imaging
laser. The finding that fixed material exhibits considerable
spurious motility raises potential questions about the correct
interpretation of the numerous studies reporting continu-
ous subtle movements of processes like dendritic spines or
astrocytic filopodia under the microscope. This argues that
appropriate fixative-treated controls should be tested as a first
step whenevermeasuring cellular dynamics in order to define
the noise floor of the imaging system used.

In certain cases it would be useful to measure motility
of only selected parts of a cell. We tested choosing user-
defined smaller parts of the images for motility analysis
during the course of our algorithm development. How-
ever, we ultimately settled on the automatic boxcar-filtered
approach for themajority of our analyses because it allows for
truly objective quantification of motility without introducing
investigator bias, for example, due to selecting specific regions
of interest. One interesting future possibility for comparing
defined subregions of cells without bias might be to have the
software create an internal standard coordinate system for all
cells, as was done in a study analyzing bacterial division [20].
Another important future direction would be to implement
a similar unbiased motility analysis for the full original
three-dimensional data sets, rather than maximum intensity

projections. In light of the large amount of noise introduced
by image drift and registration over time, this problem
will be compounded greatly by adding a three-dimensional
registration step, especially complicated given the anisotropy
of axial resolution compared with lateral image resolution on
most optical microscopes. New high-resolution light-sheet
microscopy techniques such as selective plane illumination
microscopy (SPIM) and Bessel beam microscopy should
facilitate extending these analyses into 3D [21, 22].

5. Conclusions

We have created a robust and sensitive method to measure
structural motility of any cell type and generate a quantitative
motility index. This method is especially useful for cells with
complex morphologies that are complicated to analyze by
other means. The programs implementing this method with
a user-friendly interface are freely available for download at
http://ruthazerlab.mcgill.ca/downloads/motility GUIv2.zip.
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