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This special issue of Genetics Research International is dedi-
cated to transcription elongation and the role that it plays in
the control of gene expression. As K. Brannan and D. Bentley
highlight in their retrospective review, 30 years after the first
examples of gene control during transcription elongation
were described, the importance of this step of the RNA
biogenesis process has become increasingly clear, in parallel
with myriad findings that connect transcription elongation
to almost every relevant genome-related phenomenon. It is,
therefore, gratifying to present the most current work from
an array of leading scientists, who offer in one rich volume
up-to-date review articles of this interesting field.

Addressed are the covalent modifications of the C-
terminal domain of the largest subunit of RNA polymerase
II, whose extensive studies have launched the interesting
paradigm of a CTD code governing and integrating cotran-
scriptionally the different steps of mRNA biogenesis. The
teams led by A. Greenleaf (B. Bartkowiak et al.) and A.
Ansari (D. Zhang et al.) review this important aspect of
RNA-polymerase-II-dependent transcription. They discuss
the readers, writers, and erasers of the posttranslational
modifications that occur on the CTD and that function as
a binding platform for enzymatic complexes that regulate
Pol II elongation, pre-mRNA splicing, RNA export from the
nucleus, chromatin remodelling, and DNA repair.

Also featured is the way transcription is ruled by the other
great code, that is, the histone code, a panoply of specific
interactions between genome effectors and chromatin that is
mediated by covalent modifications of the histones. E. M.
Crisucci and K. M. Arndt explore the roles of the Paf1

complex (Paf1C) in regulating gene expression in both bud-
ding yeast and metazoans. They review evidence that Paf1C
associates with elongating Pol II, and by doing so facilitates
histone modifications to the underlying chromatin template
as well as contributes to transcription termination and RNA
3′-end formation. A complementary view of chromatin
dynamics during transcription elongation is provided by
A. A. Duina, who provides a comprehensive review of the
roles of the histone chaperones Spt6 and FACT in facilitating
passage of Pol II on the chromatin template. He compares
and contrasts their mechanisms, highlighting recent evidence
indicating that they travel across transcribed regions in
likely association with elongating Pol II, where they play
an important role in the removal and redeposition of
nucleosomes during polymerase elongation. Cotraversal of
Pol II and its regulatory factors is also an important aspect of
those regulatory phenomena affecting the transition between
initiation and elongation and during early elongation. L. A.
Stargell and colleagues (M. N. Yearling et al.) describe the
complex interplay among the constellation of factors that
govern the transition of poised RNA polymerases into active
elongation.

The posttranscriptional fate of RNA is paradoxically
dictated cotranscriptionally. mRNA export and alternative
splicing are coupled to transcription elongation as the teams
led by A. Kornblihtt (M. de la Mata et al.) and S. Rodriguez-
Navarro (M. M. Molina-Navarro et al.) explain in their
reviews. C. Suñé and colleagues (M. Sánchez-Álvarez et al.)
show us that this coupling is not only temporal but also spa-
tial and describe the increasing progress of light microscopy
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at single-cell resolution to characterize transcription facto-
ries and interchromatin granule clusters within the nucleus.

mRNAs are not the only RNA species produced by RNA
polymerase II. J. Colin et al. guide us through the fascinating
world of cryptic transcripts and their connection to the
control of gene expression by early transcription termina-
tion. The coexistence of canonical and cryptic transcription
is a challenge for genomicists when addressing global tran-
scription. J. E. Pérez-Ortı́n and colleagues address this and
other problems in their review on how to measure the differ-
ent steps of gene expression genomewide.

Control of transcription elongation is essential for un-
derstanding the regulatory behaviour of the genome; accord-
ingly, the number of genes known to be regulated at the
elongation level is exponentially increasing in the literature.
HIV transcription is a classic model of gene regulation
during elongation. K. A. Nilson and D. H. Price review it,
with special attention to the roles of the viral Tat protein,
the best characterized gene-specific effector of transcription
elongation, and with a view on the therapeutic approaches
to AIDS that targets HIV transcription. As E. de Nadal and
F. Posas describe, stress-responsive genes provide another
good example where transcription elongation is highly reg-
ulated. Moreover, functional contributions of transcription
elongation reach fields beyond gene expression, like V(D)J
recombination during the generation of antigen receptor
diversity in T and B lymphocytes. The team of C. Hernández-
Munain (B. del Blanco et al.) explains in their review how
the elongation activity of RNA polymerase II is required
for creating accessible chromatin for the RAG1 and RAG2
recombinases to initiate recombination.

Transcription elongation by RNA polymerase II is the
focus of most reviews in this special issue, but elongation by
other RNA polymerases is also attracting the interest of the
scientific community. This is the case for O. Gadal and his
colleagues (B. Albert et al.), who describe what is known of
the role of RNA polymerase I elongation in regulating rRNA
production.

Overall, the articles in this special issue describe the
present state of transcription elongation. Ongoing advances
in this field will certainly propel our capacity to more deeply
understand gene expression and genome dynamics. In this
regard, these reviews all provide a perspective into the future
of gene control during transcription elongation.

Sebastián Chávez
David S. Gross

Damien Hermand
Carlos Suñé
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The C-terminal domain (CTD) of RNA polymerase II (Pol II) consists of conserved heptapeptide repeats that function as a binding
platform for different protein complexes involved in transcription, RNA processing, export, and chromatin remodeling. The
CTD repeats are subject to sequential waves of posttranslational modifications during specific stages of the transcription cycle.
These patterned modifications have led to the postulation of the “CTD code” hypothesis, where stage-specific patterns define a
spatiotemporal code that is recognized by the appropriate interacting partners. Here, we highlight the role of CTD modifications
in directing transcription initiation, elongation, and termination. We examine the major readers, writers, and erasers of the CTD
code and examine the relevance of describing patterns of posttranslational modifications as a “code.” Finally, we discuss major
questions regarding the function of the newly discovered CTD modifications and the fundamental insights into transcription
regulation that will necessarily emerge upon addressing those challenges.

1. Introduction

The transcription of DNA to RNA in eukaryotes is catalyzed
by three structurally related RNA polymerases, with each
acting on a different class of genes [1]. RNA polymerase I
synthesizes most of the ribosomal RNA (rRNA) subunits
while RNA polymerase III synthesizes tRNAs, 5S rRNA, and
other small RNAs [2–4]. These two polymerases account for
75% and 15% of transcription in the cell, respectively [5].
However, the most studied polymerase is RNA Polymerase II
(Pol II), which is responsible for the transcription of protein-
coding genes, small nuclear RNA (snRNA), and small
nucleolar RNA (snoRNA) [6–8]. In higher eukaryotes, Pol
II generates long noncoding RNA (lncRNA) and microRNA
(miRNA) [9, 10]. Pol II also transcribes cryptic unsta-
ble transcripts (CUTs) and stable unannotated transcripts
(SUTs), which are degraded after synthesis [11–13]. The
suppression of CUTs is important to prevent inappropriate
transcription within ORFs, to enhance processivity during
transcription elongation, and to prevent gene silencing via
histone deacetylation [14–18].

Of the twelve Pol II subunits, five are common between
the three polymerases [1, 19–21]. It is believed that the
specific functions attributed to each polymerase arise from
the combined action of remaining nonidentical subunits and
other factors that associate with them. An especially unique
feature of Pol II is the carboxy-terminal domain (CTD) of
its large subunit Rpb1 (Figure 1(a)). The CTD serves as the
primary point of contact for a wide variety of molecular
machines involved in RNA biogenesis during the transcrip-
tion cycle (reviewed in [8, 22–32]). This domain consists of a
highly conserved heptapeptide repeat: Y1S2P3T4S5P6S7 [33–
36]. The number of times this sequence is repeated varies
among eukaryotic organisms, ranging from 15 repeats in
amoeba, to 26 repeats in the budding yeast Saccharomyces
cerevisiae, to 52 repeats in humans. When fully extended,
the yeast CTD can span a distance of up to 650 Å, over
4 times the diameter of the core polymerase (Figure 1(b))
[24, 34, 35]. The ability of this repetitive sequence to
interact with a wide range of nuclear factors stems from the
dynamic plasticity of its structure and the diversity of binding
surfaces generated by the multitude of post-translational
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Figure 1: RNA polymerase II structure. (a) Side view of the core Pol II crystal structure containing all twelve subunits and displaying the
RNA exit channel (bold arrow) and the positioning of the CTD adapted from Armache et al. [71]. Cartoon in the upper right displays
the color coding for the Pol II subunits used in the crystal structure. (b) Illustration of the relative length(s) between the CTD in various
conformations and the core Pol II adapted from Meinhart et al. [72]. RNA positioning (red) upon exit of the Pol II and the positioning of
the DNA template (blue) upstream and downstream of the core Pol II are also displayed. (c) Known modifications possible on the Pol II
CTD are displayed. Glycosylation and phosphorylation are mutually exclusive modifications. Structural images of a heptad repeat in the cis-
and trans-conformation are also shown [73–75]. G: β-O-linked N-acetylglucosamine [76]; P: O-linked phosphate.
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Figure 2: The primary components of the RNA biogenesis machinery and their interactions with the RNA polymerase II C-terminal
domain (CTD). Briefly, hypophosphorylated Pol II assembles at the preinitiation complex (PIC) with the Mediator and general transcription
factors (GTFs), with TFIIH associating last. The TFIIH-associated kinase Kin28 phosphorylates Ser5 (shown in red) and Ser7 (shown in
purple) on the CTD. Mediator-associated kinase Srb10 also contributes to the phosphorylation of Ser5-P. This mark enables promoter
release and mediates interactions with the capping enzyme (CE) complex, Nrd1 component of termination machinery, and Set1 histone
methyltransferase, which places trimethyl marks on histone H3K4. The Ser5-P mark also facilitates recruitment of Bur1 kinase. Bur1
places initial Ser2-P marks, which facilitate recruitment of Ctk1 kinase, and continues to replenish Ser7-P marks during elongation.
Ctk1 is the primary Ser2 kinase, and its phosphorylation recruits splicing machinery (SP) through Prp40, as well as Set2 histone
methyltransferase, which places di- and trimethyl marks on histone H3K36. Cleavage and polyadenylation (PA) machinery are recruited
through many factors associating with the CTD. One of the factors, Pcf11, binds cooperatively to Ser2-P with Rtt103. The exonuclease
complex (Exo) is also recruited through interaction between CTD and Rtt103 and through cooperative interaction between Rtt103 and
Pcf11. Finally, the hypophosphorylated CTD is regenerated through three CTD phosphatases. Ser2-P is removed by the phosphatase Fcp1,
while two phosphatases, Rtr1 and Ssu72, combine to remove Ser5-P marks during elongation and at termination, respectively. Upon de-
phosphorylation, Pol II is released with the assistance of a mechanism involving Pcf11 and can begin another cycle of transcription.

modifications it can accommodate. Tyrosine, threonine, and
three serines can all be phosphorylated, the threonine and
serine can be glycosylated, and the prolines can undergo
isomerization (Figure 1(c)) [27, 37, 38]. In humans, CTD
repeats further away from core Pol II bear noncanonical
repeats that can be methylated [39]. Taken together, at least
1059 unique modification patterns can occur on the CTD.
The combinatorial nature of these modifications, which is
reminiscent of the histone code, led to the hypothesis of

a CTD code, where the patterns of modifications are read
by the transcriptional machinery and these patterns dictate
the association or disassociation of complexes [40, 41]. To
date, much effort has been made towards characterizing these
modifications and understanding the interactions between
the CTD and components of various protein machines that
play a role in RNA biogenesis. Our current knowledge of the
integration of these events by Pol II CTD is summarized in
Figure 2, and the known yeast CTD-interacting factors are
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Table 1: Proteins known to bind RNA polymerase II C-terminal domain in S. cerevisiae.

Protein/complex Role in RNA biogenesis Phospho-CTD bound References

TFIIE Preinitiation complex Hypophosphorylated CTD [63, 77]

TFIIF Preinitiation complex Hypophosphorylated CTD [77]

TBP Preinitiation complex (TFIID) Hypophosphorylated CTD [78]

Mediator Complex Transcription activation/repression Hypophosphorylated CTD [48, 79]

Ceg1 Capping Ser5-P [80–85]

Abd1 Capping PCTD [83]

Set1 Histone methylation Ser5-P [86]

Rpd3C(Rco1) Histone deacetylation Ser2-P + Ser5-P [87, 88]

Spt6 Histone chaperone Ser2-P [89]

Nrd1 Transcription termination/processing Ser5-P [90]

Sen1 Transcription termination/processing Unknown [91]

Asr1 Pol II ubiquitylation (Rpb4/7 Ejection) Ser5-P [92]

Ess1 Proline isomerase Ser2-P [93, 94]

Set2 Histone methylation Ser2-P + Ser5-P [95, 96]

Prp40 Splicing PCTD [97]

Npl3 Promotes elongation/prevents polyadenylation Ser2-P [98]

Pcf11 Cleavage/polyadenylation (CF1A) Ser2-P [99, 100]

Rna14 Cleavage/polyadenylation (CF1A) PCTD [101]

Rna15 Cleavage/polyadenylation (CF1A) PCTD [101]

Ydh1 Cleavage/polyadenylation (CPF) PCTD [102]

Yhh1 Cleavage/polyadenylation (CPF) PCTD [103]

Pta1 Cleavage/polyadenylation (CPF) Ser5-P [104]

Rtt103 5′-3′ Exonuclease (Rat1) Ser2-P [105]

Sus1 mRNA export Ser5-P [106]

Yra1 mRNA export Hyperphosphorylated CTD [107]

Rsp5 Pol II ubiquitylation (DNA damage response) Ser2-P [108, 109]

Hrr25 DNA damage repair PCTD [24, 110]

CTD-interacting proteins, the processes they are involved in, the phosphorylation state of the CTD with which they associate, and where in the literature the
interaction is documented. Ser2-P refers to phosphorylated serine 2, Ser5-P refers to phosphorylated serine 5, and PCTD refers to a mixed phosphorylation
state generated by in vitro phosphorylation of a CTD peptide with cell extracts. Additional protein-CTD interactions are described [110] but have not been
directly tested.

displayed in Table 1. The focus of this paper is to highlight
the recent advances in our understanding of the role of CTD
in the early stages of the Pol II transcription cycle, expand
on the concept of the CTD code hypothesis, and address the
current questions and challenges within the field.

1.1. RNA Pol II Transcription Cycle

1.1.1. Transcription Initiation. Initiation of transcription
begins with the recruitment of gene-specific transcription
factors (TFs), general transcription factors (GTFs), the Me-
diator complex, and Pol II. These factors self-assemble into
a pre-initiation complex (PIC) at the promoters of Pol II-
transcribed genes [29, 32]. Recognition of the promoter
is only partially understood, but it is believed to occur
via the recognition of the various cis-elements in the pro-
moter region, such as the TATA box. Binding generally
occurs within upstream nucleosome-free regions—the DNA
centered over promoters flanked by well-positioned nucle-
osomes [42–45]. There are two main models for how these
factors assemble at this region: the sequential model and

the holoenzyme model (Figure 3). In both models, TFs
first bind at the upstream activating/repressing sequences
(UAS/URS) and recruit the transcriptional machinery. In
the sequential model, TBP/TFIID/SAGA assembly at the
promoter is accompanied by TFIIA, followed by TFIIB [46,
47]. Then, the Mediator complex arrives, connecting the
PIC to transcription factors assembled at the UAS/URS [48–
51]. This massive complex consists of three large modules
known as the head, middle, and tail and an additional
kinase module containing a cyclin-dependent kinase (Srb10
in yeast, Cdk8 in metazoans) [52–57]. The Mediator complex
is important for basal transcription and plays a central role
in facilitating communication between transcription factors
bound to regulatory elements and the PIC [49–51, 56–60].
However, there are studies that suggest the Mediator is not
present at most genes, and it only associates with a few
UAS/URS in an activator- and stress-specific manner [61,
62]. Pol II is then recruited, followed by the last GTF, TFIIH,
which is brought to the PIC by TFIIE [63]. It is possible
that several pathways of ordered recruitment exist for GTFs.
Other components, including Pol II, TFIIE, and TFIIH, may



Genetics Research International 5

TFIIB

TFIIH

TFIIA
TBP

Pol II

TFIIETFIIF +

Pol II

Med

H

UAS/URS

TF TF

TBP
DF

BE

A

+

Med

Pol II           GTFs

TFIIA

Med

Holoenzyme

PIC

TFIID +TFIID +
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recruitment of the Pol II holoenzyme (top right), which assembles the pre-initiation complex (PIC) at promoters (bottom right).

be recruited via interactions with the Mediator [64]. The
holoenzyme model originated from the observation that Srb
proteins, which are components of the Mediator, are tightly
associated with core Pol II in the absence of DNA [65].
In this model, Pol II is associated with the Mediator and
other general transcription factors as a massive holoenzyme
supercomplex that is recruited immediately after TBP binds
[66–68]. These complexes have been identified in yeast and
mammalian systems [69]. Importantly, Pol II is fully able to
activate transcription upon arrival in this state [68, 70].

Two complexes of the PIC, TFIIH and the Mediator, con-
tain important kinases that phosphorylate the CTD. TFIIH is
a ten-subunit complex containing two helicases, an ATPase,
a ubiquitin ligase, a neddylation regulator, and a cyclin-de-
pendent kinase (Kin28 in yeast, Cdk7 in metazoans) [111–
118]. Both Kin28/Cdk7 and Srb10/Cdk8 have been shown to
phosphorylate Ser5 (Ser5-P) in vivo, with Kin28/Cdk7 being
the dominant kinase [24, 113, 119–124]. The 5′ enriched
Ser5-P mark has been linked to a variety of chromatin-
modifying and RNA processing events.

1.1.2. Transcription Elongation. Phosphorylation of Ser5 is
involved in coordinating the placement of several key post-
translational modifications on chromatin that constitute the
histone code [41] (reviewed in [125–127]). The structural
properties of chromatin, such as the +1 nucleosome that
resides immediately after gene promoters, are thought to
provide a significant physical barrier to transcription. This
barrier is weakened or removed through the combined action
of posttranslational modifications on the flexible histone tails
and chromatin remodeling complexes [127]. In this context,
the Ser5-P mark recruits the yeast histone methyltransferase
Set1. Trimethylation of histone H3K4 by Set1 and subsequent

trimethylation of H3K79 by Dot1 are frequently associated
with active transcription and have a reciprocal effect on
H3K14 acetylation by SAGA and NuA3 [28, 86, 128, 129].
Ser5-P also recruits the histone deacetylase complexes Set3
and Rpd3C(S) [87], which are important for suppressing
CUT initiation at promoters [87, 88].

An especially important role of Ser5-P is the recruitment
of the capping enzyme complex. The capping complex pla-
ces the m7G cap on the nascent transcript as it exits the
core polymerase, stabilizing the mRNA by preventing its
degradation by 5′-3′ exonucleases. The CTD repeats proxi-
mal to the core Pol II are ideally placed near the RNA exit
tunnel to facilitate this capping reaction [130, 131]. The
guanylyltransferase (Ceg1 in S. cerevisiae) and possibly the
methyltransferase (Abd1 in cerevisiae) directly interact with
both the Ser5-P and the core polymerase [80–85, 132,
133]. Although the recognition of the CTD is structurally
different between yeast and mammalian capping enzymes,
both complexes require Ser5-P for binding [81, 131]. A
parallel line of experiments showed that inhibition of Kin28
kinase activity using a small-molecule inhibitor leads to a
severe reduction in Ser5-P and 5′-capping of transcripts at
gene promoters [134, 135]. In agreement with this, teth-
ering the mammalian capping enzyme to the CTD rescues
the null Ser5 to alanine mutants in the fission yeast
Schizosaccharomyces pombe [136]. Interestingly, inactivation
of Kin28 does not eliminate transcription: neither steady-
state mRNA levels nor the ability to initiate transcription
at the inducible GAL1 gene is significantly compromised by
the inhibition [135]. A subsequent study using the same
chemical inhibition system confirmed the earlier observa-
tions but incorrectly attributed small differences in transcript
levels to inappropriate normalization of earlier microarray



6 Genetics Research International

CTD

55

m7G

55
5 5

Pol II

Bur1
Bur2

2 2

Spt4

Paf1 complex

Spt5

Elongation

Ser5-P
Ser2-P

5
2

(a)

Ctk3
Ctk2

Ctk1

Bur1
Bur2CTD

5
m7G

5

Pol II

2

2

2
22 2 2

Fcp1

Npl3

Ser5-P
Ser2-P

5

2

(b)

Figure 4: Bur1 phosphorylation of the CTD facilitates the transition from initiation to elongation. (a) Ser5-P enhances recruitment and
subsequent phosphorylation of Ser2 by Bur1. Bur1 also phosphorylates Spt5, which acts with the Paf1 complex to promote elongation. (b)
CTD phosphorylation by Bur1 enhances the activity of Ctk1 on Ser2. The majority of the Ser2-P is maintained by competition between
phosphorylation by Ctk1 and dephosphorylation by Fcp1. This increase in Ser2-P facilitates recruitment of many Ser2-P-binding proteins,
such as Npl3.

data [137]. No such global normalization was performed by
Kanin et al. [135] and it is unclear why the subsequent study
[137] made the unsubstantiated and erroneous claim that the
data was treated incorrectly. Kanin et al. were quite cognizant
of the consequences of inhibiting an enzyme that could
have a role in global transcription. Moreover, quantitative
PCR and northern blot assays, experiments that were not
reliant on microarray normalization, showed little difference
in expression (Hein and Ansari, 2007, unpublished data)
[135]. These results strongly support the conclusion that
inactivating Kin28 does not significantly impact global
transcription. It is important to note that these studies
only focused on chemical inhibition of Kin28 and that the
inhibition is not an “all or none” phenomenon due to
equilibrium binding of the small molecule to the kinase; it
is possible that extremely low levels of Ser5 phosphorylation,
by either Srb10 or residual Kin28, suffice for transcription
initiation. Importantly, chemical inhibition of both Kin28
and Srb10 shows a drop in Pol II across the ORF, supporting
the model where Ser5-P may help in promoter clearance
[138].

We and others have recently demonstrated that Kin28/
Cdk7 is also the primary kinase that phosphorylates Ser7
(Ser7-P) [139–141]. The phosphorylation occurs at protein-
coding and noncoding genes and seems to be Mediator
dependent [142]. Cyclin-dependent kinases are thought to
prefer a substrate bearing Ser-Pro rather than Ser-Tyr dipep-
tides [143]. Additionally, while Kin28 has been localized to
promoters [83], Ser7-P marks were thought to be found only
at non-coding genes and at the 3′ end of protein coding genes
[144, 145]. The role of Ser7-P at promoters remains an active
area of investigation.

Following promoter clearance, transcription initiation
factors are exchanged for transcription elongation factors
required for RNA processing, passage through chromatin,
and suppressing cryptic transcripts. In budding yeast, this

exchange occurs immediately after the +1 nucleosome [146].
The association of these elongation factors, which include
Paf1, Spt16, Spt4, Spt5, Spt6, Spn1, and Elf1, occurs concur-
rently on all Pol II genes and is independent of gene length,
type, or expression [146]. The recruitment of these factors
is essential for transcription processivity (Spt4/5) [147–
149], histone regulation (Spt6/16, Spn1, Elf1) [150–156],
and gene activation/3′ processing (Paf1) [157]. Similarly,
mammalian P-TEFb complex is recruited to Pol II at this
stage of transcription [158–161]. This complex contains
a cyclin-dependent kinase (Cdk9) that phosphorylates the
DRB-sensitivity-inducing factor (DSIF), which allows Pol
II to overcome the promoter-proximal pausing induced
by the negative elongation factor (NELF) complex [23,
159]. It is unclear if promoter-proximal pausing occurs
in yeast, but it is known that Bur1 (the yeast homolog
of Cdk9) promotes elongation through post-translational
modification of Spt5 (DSIF) (Figure 4(a)) [162]. Bur1 also
improves transcription elongation through the recruitment
of histone-modifying enzymes and the phosphorylation of
CTD. Bur1 activity promotes the ubiquitylation of H2BK123
by the ubiquitin conjugating enzyme Rad6 and Bre1 [129,
163]. H2BK123Ub promotes Set1 trimethylation of histone
H3K4 and subsequent trimethylation of H3K79, both of
which are important for transcription activation [28, 86,
128, 129]. Bur1 also promotes transcription elongation
by coupling promoter-proximal CTD modifications with
promoter-distal marks. Bur1 is recruited to the transcription
complex by the Ser5-P marks placed at the promoter. It
then phosphorylates Ser2 (Ser2-P), priming the CTD for
the recruitment of Ctk1 (Cdk12), the major Ser2 kinase
[164]. Initial CTD phosphorylation also increases the activity
of Ctk1, thereby coupling sequential CTD modifications
(Figure 4(b)) [23, 159, 165, 166]. Interestingly, Bur1 travels
with Pol II and phosphorylates Ser7-P. Although the exact
role of this modification is unclear, it is likely a mark that
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promotes elongation, as genes with uniformly high levels of
Ser7-P are transcribed at significantly higher levels [138].

Most Ser5-P marks are removed near the +1 nucleo-
some through the action of the newly characterized CTD
phosphatase Rtr1 [167]. This phosphatase has been shown
to specifically remove Ser5-P marks immediately after pro-
moter clearance. The Ser2-P phosphatase Fcp1 also asso-
ciates during elongation, but Ser2-P levels remain high across
the transcript due to the opposing action of the Ser2-P kinase
Ctk1 [168, 169]. It is thought that the Ubp8 component of
SAGA travels with Pol II and promotes deubiquitylation of
H2BK123Ub [170], which allows the association of Ctk1 and
subsequent phosphorylation of Ser2 on the CTD [171].

Ser2-P is critically important for the interaction between
the CTD and many histone modifying and RNA processing
machines [75, 83, 132, 172–178]. Increasing levels of Ser2-
P, in combination with the residual Ser5-P, promote the
recruitment of the Set2 methyltransferase, which catalyzes
the formation of H3K36me2 and H3K36me3 [95, 96, 179–
181]. This leads to the recruitment of the histone deacetylase
complex Rpd3C(S) and the removal of acetylation from hi-
stones H3 and H4, thereby resetting the transcription state
of the nucleosomes and repressing cryptic transcription
within ORFs [87, 182, 183]. Ser2-P is involved in the co-
transcriptional and posttranscriptional processing of RNA.
Cotranscriptional processing of introns via splicing involves
the yeast protein Prp40, which preferentially associates with
Ser2-P/Ser5-P marked CTD [97]. Ser2-P is also bound by the
SR-like (serine/arginine rich) protein Npl3, which functions
in elongation, 3′-end processing, hnRNP formation, and
mRNA export [184–187]. Finally, increasing levels of Ser2-P,
coupled with depletion of Ser5-P, leads to the recruitment of
the termination and polyadenylation machinery (discussed
below).

1.1.3. Transcription Termination. The role of CTD modifi-
cations in orchestrating transcription termination is better
described in recent reviews [31, 188]. In essence, two models
have been proposed to explain how Pol II termination
occurs, with the emerging view being that it is likely a
combination of the two models that best describes the
mechanism. The first model, known as the “allosteric” or
“antiterminator” model, proposes that transcription through
the polyadenylation site leads to an exchange of elongation
factors for termination factors, resulting in a conformational
change of the elongation complex. Indeed, this model is
supported by chromatin immunoprecipitation (ChIP) data
of elongation factor exchange at the 3′ end of genes [146,
189]. The second model, known as the “torpedo” model,
postulates that cleavage of the transcript at the cleavage and
polyadenylation site (CPS) creates an entry site for the 5′-
3′ exonuclease Rat1 (Xrn2 in mammals), which degrades
the 3′ RNA and promotes Pol II release by “torpedoing”
the complex [189–191]. In this model, recruitment of Rat1
is likely to be indirect, possibly through its partner Rtt103.
Rtt103 has been shown to bind Ser2-P in a cooperative
manner with Pcf11 [192], an essential component of the
cleavage factor IA (CFIA) complex that also promotes Pol II
release [193]. Interestingly, ChIP data shows Pcf11 at both

protein-coding and noncoding genes, and mutating Pcf11
results in terminator read-through due to inefficient cleavage
at both gene classes [75, 174, 193–196]. Pcf11 may play an
important role in both the termination and processing of
protein-coding and non-coding genes.

Processing of Pol II transcripts occurs via one of two
distinct, gene class-specific pathways in yeast. Many small
mRNAs (<550 bp), CUTs, snRNA, and snoRNAs (non-
coding genes) are processed via the Nrd1-Nab3 pathway
(Figure 5), while longer mRNAs (protein-coding genes) are
processed in a polyadenylation-dependent process (Figure 6)
[8, 11, 12, 27, 31, 178, 195, 197–199]. The decision to
proceed down a certain processing path is modulated by
the phosphorylation state of the CTD. Nrd1 preferentially
associates with Ser5-P, and its recruitment is also enhanced
via histone H3K4 trimethylation by Set1 [90, 200]. Nrd1 and
Nab3 scan the nascent RNA for specific sequence elements
(GUAA/G or UGGA for Nrd1, and UCUU or CUUG for
Nab3) as it exits the core polymerase [90, 199, 201–207]. The
helicase Sen1 (senataxin in humans), which exists in complex
with Nrd1 and Nab3, resolves the DNA:RNA hybrids known
as R-loops that form between the template DNA and
the nascent RNA, keeping the specific sequence elements
exposed and preserving genomic stability [208–210]. The
involvement of Sen1 is dependent on the phosphatase Glc7,
which dephosphorylates Sen1 and is essential for the proper
termination of snRNA and snoRNA transcripts [211]. Upon
detecting its consensus sequence elements, the Nrd1 complex
and the Rnt1 endonuclease cleave these short transcripts
[195, 212–214], which are then trimmed at the 3′ end by the
TRAMP complex and the exosome [6, 215–217]. Nrd1 then
disengages from the transcription complex, with help from
antagonizing Ser2-P marks [198]. Unlike snRNA/snoRNAs,
which have protective structural elements in the RNA, Nrd1-
terminated CUTs have no protective elements at their 3′ ends
and are thus fully degraded by TRAMP after cleavage [8, 11,
12]. Nrd1 has been mapped to the 5′ end of transcribed
regions, but a recent study has demonstrated that Nrd1
occupancy is maintained across the open reading frame of
genes [196]. Although no homolog of Nrd1 has been found
in mammalian cells, the Integrator complex that is involved
in 3′ processing of snRNA transcripts is recruited by Ser7-
P [218]. The association of this complex with Ser7-P CTD
was demonstrated by the abolishment of this interaction
upon mutation of Ser7 to alanine [145]. Subsequent analysis
using a panel of CTD peptides determined that the Integrator
prefers to bind a diphosphorylated CTD substrate spanning
two heptad repeats in the S7-P-S2-P conformation [219]. It is
possible that Ser7-P may serve as a similar scaffold for snRNA
and snoRNA processing machinery in yeast.

The second pathway, used for the processing of most
mRNA transcripts, involves the cleavage and polyadenylation
factor (CPF) complex, cleavage factor IA and IB (CFIA and
CFIB) complexes, and the exosome (Figure 6) [31, 195, 197].
Many of the termination and 3′ processing factors involved
in this process are known to preferentially associate with
Ser2-P or Ser2-P/Ser5-P enriched CTD including: Npl3,
Rtt103, Rna14, Rna15, Ydh1, Yhh1, Pta1, and Pcf11. In this
pathway, Rna15 competes with Npl3 for recognition of a
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UA-rich site in the nascent RNA [98, 187]. This competi-
tion is removed upon phosphorylation of Npl3 by casein
kinase 2 (CK2) [98]. Rna15 can then bind the nascent
RNA and promote endonucleolytic cleavage followed by
polyadenylation by the polyadenylate polymerase (Pap1)
[197, 220]. Polyadenylation-binding proteins (PAB) then
protect the mature transcript from exonucleolytic degrada-
tion (Figure 6) [221].

In both pathways, the CTD is hypophosphorylated by
the combined action of two essential phosphatases at the
end of transcription: Ssu72 and Fcp1. Ssu72 is a member of
the Associated with Pta1 (APT) complex, which is present
at both gene classes and is involved in 3′ processing of

non-coding RNAs [222]. As such, Ssu72 is primarily local-
ized at the 3′ end of transcripts [222], although there is
one instance in which it has been found at promoters
[223]. Temperature-sensitive mutants of Ssu72 exhibit read-
through at both protein-coding and non-coding transcripts
[224]. Ssu72 is the primary Ser5-P phosphatase [225], and
its phosphatase activity is enhanced by the prolyl isomerase
Ess1/Pin1 and by interacting with Pta1/symplekin [226–
228]. Recently, crystal structures have shed light on the
mechanism of Ssu72: the phosphatase binds to Ser5-P only
when the adjacent Pro6 is in the cis-conformation [73, 74].
In contrast to Ssu72, Fcp1 associates with TFIIF during
transcription and is found across the entire transcribed
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region [168, 169, 229, 230]. Although it has Ser5-P and
Ser2-P phosphatase activity in vitro, Fcp1 is considered a
Ser2-P-specific phosphatase in vivo [231, 232]. Fcp1 activity
is enhanced upon phosphorylation of Fcp1 by CK2 [233].
Defects in Fcp1 also result in transcription read-through
at Nrd1-dependent transcripts [198]. Though it is unclear
which phosphatase removes Ser7-P, new data from our lab
suggest that Ssu72 may be the phosphatase that removes
Ser7-P at both the 5′ and 3′ ends of genes [234]. Removal
of this mark may be even more important than its placement
as mutation of Ser7 to alanine slows growth while mutating
Ser7 to the phosphomimic glutamate is lethal [144].

Global dephosphorylation of the CTD facilitates the re-
lease of Pol II from DNA, which can then recycle to pro-
moters for the next cycle of transcription [224, 235, 236].
It has been proposed that transcription termination and
subsequent dephosphorylation of the CTD is coupled to

transcription reinitiation through gene looping, by which
the promoter and terminator regions are brought together,
allowing Pol II to associate more rapidly with the PIC
[237, 238]. Intriguingly, Ssu72 and the GTF TFIIB have been
shown to be essential in gene looping [223, 239]. Taken
together, the phosphorylation and dephosphorylation of the
CTD is intimately involved in every phase of transcription,
from initiation, to elongation, to termination, and possibly
reinitiation.

1.1.4. Other Regulatory Roles of the CTD. In addition to its
many roles in transcription initiation, elongation, and termi-
nation, the CTD has been implicated in a variety of transcrip-
tion-extrinsic processes, such as mRNA export and stress
response. mRNA export (reviewed in [240–242]) requires the
packaging of the mRNA into export-competent messen-
ger ribonucleoprotein (mRNP) via association with the
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Mex67:Mtr2 heterodimer [243]. This heterodimer is brought
to the mRNA by Yra1 and Sub2, components of the THO
subunit of the TREX1 complex [242]. The process of mRNP
export is coordinated by the protein Sus1. This central pro-
tein directly interacts with Ser5-P and Ser2-P/Ser5-P of the
CTD, Ub8 subunit of the SAGA complex, Yra1 subunit of the
TREX1 complex, and Sac3 subunit of the TREX2 complex at
the nuclear pore (Figure 7) [106, 244].

The CTD is also involved in stress response. The ubiq-
uitin ligase Rsp5 binds the CTD and ubiquitylates Pol II
in response to DNA damage [245, 246]. Similarly, UV-
induced DNA damage in mammalian fibroblasts results in
hyperphosphorylation of the CTD by the mammalian posi-
tive transcription elongation factor b (P-TEFb), which then
regulates Pol II ubiquitylation and subsequent degradation
[247]. Under conditions not well understood, Ser5-P can
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also recruit the Asr1 ubiquitin ligase, which ubiquitylates
the Rpb1 and Rpb2 subunits of Pol II. This ubiquitylation
promotes ejection of the Rpb4/7 heterodimer from the core
polymerase and inactivates Pol II, which may provide a
mechanism for stopping polymerases engaged in abortive or
cryptic transcription [92].

2. The CTD Code Controversy: Is It a Code?

The concept of the CTD code was first proposed due to
the enormous amount of information that can be encoded
via post-translational modification of the CTD repeats [40,
248]. The code would coordinate the assembly of complexes
that “read, write, and erase” the code during transcription.
Historically, the Ser5-P and Ser2-P marks have been the
best characterized, with the canonical distribution of Ser5-P
being enriched at the 5′ end of genes and Ser2-P enriched
towards the 3′ end. Recently, our lab and several others
have been able to map the phospho-CTD occupancy profiles
across the yeast genome [135, 138, 139, 146, 196]. There are
interesting discrepancies between the observations made by
various groups. For example, Mayer et al. find the canonical
profile to be present at every gene with Ser7-P profiles
overlapping with Ser5-P [146], while we find clusters of
genes with noncanonical CTD profiles for Ser2-P, Ser5-P,
and Ser7-P [138]. We observe gene-specific phosphorylation
profiles, with Ser2-P levels being significantly lower at non-
coding genes and Ser7-P profiles diverging from Ser5-P
profiles only at protein-coding genes. The distinct patterns
of CTD marks at these two gene classes reflect the different
mechanisms of transcription termination and 3′ end pro-
cessing machinery that act on these two classes of RNA.
Similarly, Kim et al. also observe differences in phospho-
CTD profiles at snoRNAs and at introns [196]. However,
the positions of the Ser5-P and Ser7-P peaks in Kim et al.
are offset from Tietjen et al. and Mayer et al. Importantly,
all three genome-wide analyses reveal an unexpected degree
of cooccurrence of CTD marks, suggesting a bivalent or
even multivalent mode of recognition by docking partners.
In support of this idea, the Set2 histone methyltransferase
and the Integrator complex have been shown to prefer a
bivalent mark rather than a single phosphorylated residue
[95, 96, 219].

In addition to the various phosphorylation marks, the
isomerization state of the CTD also contributes to the
complexity of the code. For example, Pcf11 binds the CTD
in the trans-conformation while Ssu72 prefers a cis-CTD
as substrate [73–75]. Many in the transcription field have
made the argument that the CTD code is not a true
code because it does not convey biological information
via a rigorous decoding key. However, research in the last
several years has demonstrated that specific phosphoryla-
tion marks and proline isomerization are important for
conveying information from cis-elements encountered by
Pol II to the protein complexes necessary for successful
progression through the transcription cycle. Further inves-
tigation into the mechanism of this information transfer
will resolve the controversy over the existence of a CTD
code.

3. Future Directions

Extraordinarily rapid progress has been made over the last
several years in the field of CTD research; however, many
important questions remain unanswered. Although the pro-
files of Ser7-P have been mapped and several of its kinases
discovered, its function at protein coding genes remains
unclear. Additionally, most of the kinases identified are estab-
lished members of the transcription initiation or elongation
complexes. One could expect to find new enzymes that
could modulate the CTD in response to signals, as post-
translational modifications are often used as a mechanism
for cells to respond to external stimuli. The recent discovery
of Ser7-P at elongating Pol II has also prompted the question
of whether Tyr1 and Thr4 phosphorylation (Tyr1-P and
Thr4-P) occurs? Tyr1 can be phosphorylated by c-Abl in
mammals, but no homolog is present in yeast [249]. In
addition, both Tyr1-P and Thr4-P has been detected in S.
pombe [250]. Interestingly, Tyr1-P and Thr4-P were found
in both the hyperphosphorylated and hypophosphorylated
states of Pol II, opening the possibility of CTD function
independent of transcription. However, neither the profile
nor function of these potential modifications have been
extensively characterized.

The role of non-canonical residues and their modifi-
cation states on mammalian CTD remain to be explored.
In mammals, the Ser7 residue is only weakly conserved in
polymerase-distal repeats of the CTD, often changed to
lysine or arginine [144]. Interestingly, Arg1810 of rpb1 in
the human CTD is methylated by the coactivator-associated
methyltransferase1 (CARM1) [39]. This methylation occurs
prior to both transcription initiation and phosphorylation
of Ser2 or Ser5, and mutation of this residue results in the
improper expression of a variety of snRNAs and snoRNAs. In
addition to methylation, the CTD may also be subject to gly-
cosylation. Recent studies suggest O-GlcNAc are transferred
to Ser5 and Ser7 by O-GlcNac transferase and removed by
O-GlcNAc aminidase during PIC assembly. This cycling of
O-GlcNAc may be important for preventing aberrant CTD
phosphorylation by TFIIH [251].

Besides the characterization of novel marks, significant
structural challenges remain for understanding the known
phosphomarks. One limitation of ChIP is its inability to
identify the exact phosphorylation patterns across individ-
ual CTD repeats in vivo at different points during the
transcription cycle. Recent mutational analysis suggests
that the minimal functional unit of the CTD consists of
three consecutive Ser-Pro dipeptide residues in a S2-S5-S2
configuration [36], but it is unclear if all three serines can be
phosphorylated on one functional unit or if phosphorylation
alternates between repeats. The lack of positively charged
aminoacids makes the phospho-CTD patterns difficult to
decipher via mass spectrometry. Additionally, the highly
repetitive nature of the CTD makes it difficult to distinguish
between the first repeat and the twenty-first. Consequently,
the position along the CTD where interacting partners
associate remains a mystery. Mutation of Ser2 to glutamate
in the core-distal repeats and mutation of Ser5 to glutamate
in the core-proximal repeats are lethal [252]. However, this
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does not directly demonstrate whether the proteins that bind
these phosphorylated residues are located at these repeats.
Characterizing the phosphorylation patterns and protein
occupancies at individual repeats will help determine the
existence of a “CTD recognition” code, and this promises to
be one of the most exciting and important challenges in the
future of CTD research.
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Cooch, and R. Shiekhattar, “Integrator, a multiprotein me-
diator of small nuclear RNA processing, associates with the
C-terminal repeat of RNA polymerase II,” Cell, vol. 123, no.
2, pp. 265–276, 2005.

[219] S. Egloff, S. A. Szczepaniak, M. Dienstbier, A. Taylor, S.
Knight, and S. Murphy, “The integrator complex recognizes
a new double mark on the RNA polymerase II carboxyl-
terminal domain,” Journal of Biological Chemistry, vol. 285,
no. 27, pp. 20564–20569, 2010.

[220] L. Minvielle-Sebastia, P. J. Preker, and W. Keller, “RNA14 and
RNA15 proteins as components of a yeast pre-mRNA 3’-end
processing factor,” Science, vol. 266, no. 5191, pp. 1702–1705,
1994.

[221] M. J. Moore, “From birth to death: the complex lives of
eukaryotic mRNAs,” Science, vol. 309, no. 5740, pp. 1514–
1518, 2005.

[222] E. Nedea, X. He, M. Kim et al., “Organization and function of
APT, a subcomplex of the yeast cleavage and polyadenylation
factor involved in the formation of mRNA and small
nucleolar RNA 3′-ends,” Journal of Biological Chemistry, vol.
278, no. 35, pp. 33000–33010, 2003.

[223] A. Ansari and M. Hampsey, “A role for the CPF 3′ -end
processing machinery in RNAP II-dependent gene looping,”
Genes & Development, vol. 19, no. 24, pp. 2969–2978, 2005.

[224] E. J. Steinmetz and D. A. Brow, “Ssu72 protein mediates
both poly(A)-coupled and poly(A)-independent termination
of RNA polymerase II transcription,” Molecular and Cellular
Biology, vol. 23, no. 18, pp. 6339–6349, 2003.

[225] S. Krishnamurthy, X. He, M. Reyes-Reyes, C. Moore, and
M. Hampsey, “Ssu72 is an RNA polymerase II CTD phos-
phatase,” Molecular Cell, vol. 14, no. 3, pp. 387–394, 2004.

[226] S. Krishnamurthy, M. A. Ghazy, C. Moore, and M. Hampsey,
“Functional interaction of the Ess1 prolyl isomerase with
components of the RNA polymerase II initiation and termi-
nation machineries,” Molecular and Cellular Biology, vol. 29,
no. 11, pp. 2925–2934, 2009.



Genetics Research International 19

[227] M. A. Ghazy, X. He, B. N. Singh, M. Hampsey, and C. Moore,
“The essential N terminus of the pta1 scaffold protein is
required for snoRNA transcription termination and Ssu72
function but is dispensable for pre-mRNA 3’-end process-
ing,” Molecular and Cellular Biology, vol. 29, no. 8, pp. 2296–
2307, 2009.

[228] N. Singh, Z. Ma, T. Gemmill et al., “The Ess1 prolyl isomerase
is required for transcription termination of small noncoding
RNAs via the Nrd1 pathway,” Molecular Cell, vol. 36, no. 2,
pp. 255–266, 2009.

[229] J. Archambault, R. S. Chambers, M. S. Kobor et al., “An
essential component of a C-terminal domain phosphatase
that interacts with transcription factor IIF in Saccharomyces
cerevisiae,” Proceedings of the National Academy of Sciences of
the United States of America, vol. 94, no. 26, pp. 14300–14305,
1997.

[230] S. E. Kong, M. S. Kobor, N. J. Krogan et al., “Interaction
of Fcp1 phosphatase with elongating RNA polymerase II
holoenzyme, enzymatic mechanism of action, and genetic
interaction with elongator,” Journal of Biological Chemistry,
vol. 280, no. 6, pp. 4299–4306, 2005.

[231] S. Hausmann, H. Erdjument-Bromage, and S. Shuman,
“Schizosaccharomyces pombe carboxyl-terminal domain
(CTD) phosphatase Fcp1,” Journal of Biological Chemistry,
vol. 279, no. 12, pp. 10892–10900, 2004.

[232] A. Ghosh, S. Shuman, and C. D. Lima, “The structure of
Fcp1, an essential RNA polymerase II CTD phosphatase,”
Molecular Cell, vol. 32, no. 4, pp. 478–490, 2008.

[233] K. L. Abbott, M. B. Renfrow, M. J. Chalmers et al., “Enhanced
binding of RNAP II CTD phosphatase FCP1 to RAP74
following CK2 phosphorylation,” Biochemistry, vol. 44, no.
8, pp. 2732–2745, 2005.

[234] D. W. Zhang, A. L. Mosley, S. R. Ramisetty et al., “Ssu72
phosphatase dependent erasure of phospho-Ser7 marks on
the RNA Polymerase II C-terminal domain is essential for
viability and transcription termination,” Journal of Biological
Chemistry. In press.

[235] H. Cho, T. K. Kim, H. Mancebo, W. S. Lane, O. Flores, and D.
Reinberg, “A protein phosphatase functions to recycle RNA
polymerase II,” Genes & Development, vol. 13, no. 12, pp.
1540–1552, 1999.

[236] B. Dichtl, D. Blank, M. Ohnacker et al., “A role for SSU72 in
balancing RNA polymerase II transcription elongation and
termination,” Molecular Cell, vol. 10, no. 5, pp. 1139–1150,
2002.

[237] J. M. O’Sullivan, S. M. Tan-Wong, A. Morillon et al., “Gene
loops juxtapose promoters and terminators in yeast,” Nature
Genetics, vol. 36, no. 9, pp. 1014–1018, 2004.

[238] B. N. Singh, A. Ansari, and M. Hampsey, “Detection of gene
loops by 3C in yeast,” Methods, vol. 48, no. 4, pp. 361–367,
2009.

[239] B. N. Singh and M. Hampsey, “A transcription-independent
role for TFIIB in gene looping,” Molecular Cell, vol. 27, no. 5,
pp. 806–816, 2007.

[240] P. Vinciguerra and F. Stutz, “mRNA export: an assembly line
from genes to nuclear pores,” Current Opinion in Cell Biology,
vol. 16, no. 3, pp. 285–292, 2004.
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The origins of our current understanding of control of transcription elongation lie in pioneering experiments that mapped RNA
polymerase II on viral and cellular genes. These studies first uncovered the surprising excess of polymerase molecules that we now
know to be situated at the at the 5′ ends of most genes in multicellular organisms. The pileup of pol II near transcription start
sites reflects a ubiquitous bottle-neck that limits elongation right at the start of the transcription elongation. Subsequent seminal
work identified conserved protein factors that positively and negatively control the flux of polymerase through this bottle-neck,
and make a major contribution to control of gene expression.

1. Introduction

The initiation phase of the RNA polymerase II (pol II) tran-
scription cycle involves multiple events, including recruit-
ment of general transcription factors and pol II to the pro-
moter, melting of the DNA template, initiation of RNA
synthesis, and pol II promoter clearance, which marks entry
into the elongation phase. The stochastic nature of all of these
steps poses a potential problem if it becomes necessary to
mount a rapid activation of transcription. Following initia-
tion pol II often encounters a rate-limiting barrier that
appears to lie between early elongation and productive elon-
gation. The transition between these two phases of the tran-
scription cycle has now been characterized as a powerful reg-
ulatory switch used to increase or decrease gene expression in
a signal-responsive fashion. Here we review the early discov-
eries that laid the foundation for a detailed understanding of
transcriptional regulation at this transition.

2. Early Evidence of Polymerase Pausing and
Premature Termination in DNA Viruses

Nearly 30 years ago it was reported by the late Yosef Aloni
and colleagues that run-on transcripts made in nuclei from

SV40 infected cells were strongly biased toward the 5′ end of
the late transcription unit suggesting that pol II accumulated
in the promoter-proximal region [1]. Analysis of labeled
RNA extended on viral transcription complexes (VTCs)
assembled in vivo and purified from infected cells revealed
two additional unusual features of transcription from the
late promoter. First, two pause sites were mapped around
positions +15 and +40 relative to the start site by identifying
the junctions between unlabelled RNA made in vivo and
labeled RNA extended in vitro [2]. Second, a major product
of transcription on VTCs is a discrete 93–95 base RNA,
that is, prematurely terminated near a potential hairpin loop
structure. Similar evidence for promoter-proximal stalling
and/or premature termination were subsequently reported
for the early and late promoters of polyoma virus [3]. These
results prompted speculation that SV40 late transcription
might be regulated by a mechanism [1] that regulates a deci-
sion between premature termination and productive elon-
gation, analogous to attenuation on bacterial operons [4].
About the same time Luse and colleagues showed that tran-
scription complexes assembled in HeLa nuclear extract on
the adenovirus 2 major late promoters under NTP limiting
conditions gave rise to uncapped transcripts about 20 nu-
cleotides long that could be elongated into capped transcripts
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Figure 1: RNA pol II density profile across a typical metazoan pro-
tein-coding gene. Elevated density around the transcription start
site (TSS) results from promoter-proximal pausing and possibly
premature termination of transcription. Blue and green arrows
denote divergent transcription from the TSS. A second peak of
pol II accumulation downstream of the poly (A) site precedes
termination coupled to cleavage/polyadenylation. Black arrows
denote termination of transcription with eviction of pol II (yellow
circles) from the DNA template downstream of the poly (A) site
(red arrow) and possibly also in the promoter-proximal region. The
mRNA cap structure is denoted by a white circle.

upon NTP addition [5]. The implication of this result is that
pol II can pause at relatively discrete positions near the tran-
scription start site and remain competent to resume elon-
gation. They called this phenomenon “promoter-proximal
pausing.” Together these seminal early studies revealed quite
unexpected patterns of stalling, pausing, and premature ter-
mination by host cell’s pol II when it transcribes certain viral
genes. The question posed by these studies was whether this
unusual behavior by pol II was peculiar to viral genes or
shared in common with cellular genes.

3. Pol II Pile-Ups on Cellular Genes

It was not long before the first evidence emerged that pol
II also piles up near the transcription start sites of cellular
genes. High levels of pol II were found to accumulate at the
5′ ends of the Drosophila heat shock gene hsp70 [6, 7], and
human c-myc genes even though the genes were not actively
expressed [8, 9]. These 5′ polymerases were not only able
to incorporate labeled NTPs in the nuclear run-on reaction
but were also resistant to sarkosyl. Moreover, in some cases
they were demonstrated to be associated with a single-
stranded transcription bubble showing definitively that they
were actively engaged on the template [10]. Subsequent run-
on studies revealed that pol II was distributed with a sim-
ilar strong bias in favor of the promoter-proximal region
on Hsp26 and GAPDH in Drosophila [11] and adenosine
deaminase, c-fos, DHFR and transthyretin genes in mam-
mals [12–15]. As a footnote several of these early nuclear
runon studies detected transcription proceeding in both
directions from the start site, but the significance of this
divergent transcription remained obscure [8, 16]. These
results therefore showed that the pattern of pol II ac-
cumulation near start sites, first observed in DNA viruses,
was common to a number of cellular genes. In fact it
emerged from these early studies that pol II accumulated
near the TSS of most or all cellular genes where it was local-
ized in sufficient detail. Based on this evidence Krumm

and colleagues suggested in 1995 that promoter-proximal
pausing was a “general rate-limiting step” in the pol II tran-
scription cycle [17]. Recently, this prediction has been largely
borne out by ChIP-seq and Gro-Seq studies that localiz-
ed pol II genome-wide and found high levels of pol II ac-
cumulation at the start sites of thousands of genes in Dro-
sophila and human cells [18–20]. Indeed in human cell lines
relatively few genes have a uniform distribution of pol II
throughout their length compared to those with a promoter-
proximal pol II pile-up (H. Kim, S. Kim, K. Brannan and D.
Bentley unpublished observations). Promoter-proximal pol
II accumulation likely involves sequence elements upstream
and downstream of the start site as well as chromatin
structure [21–23]. While the details of what makes pol II pile-
up near start sites remain somewhat obscure, this is clearly a
characteristic shared by numerous promoters (Figure 1).

4. Promoter-Proximal Pausing versus
Premature Termination

What is the root cause for why pol II is so unevenly
distributed across so many genes? The original in vitro pulse
chase experiments of Coppola and colleagues showed that
pol II can pause close to the start site and then resume elon-
gation [5]. Since then, the most popular interpretation of in
vivo polymerase mapping studies has been that they result
from a similar “promoter-proximal pausing” phenomenon.
That at least some promoter-proximal polymerase can re-
sume elongation is demonstrated by nuclear runon exper-
iments; indeed, these polymerases would not be detectable
by this method if they could not elongate and incorporate
labeled nucleotides. However, the possibility that some frac-
tion of the promoter-proximal polymerases terminate pre-
maturely and never enter the productive elongation phase
cannot be eliminated. The evidence for premature termi-
nation is quite clear for the SV40 late and HIV viral genes
[24, 25], but it is much less compelling for cellular genes.
Prematurely terminated RNAs are a major product of c-
myc transcription in microinjected Xenopus oocytes, but
the physiological relevance of this phenomenon remains un-
proven [26]. Recently, short (20–90 bases) transcription
start site-associated (TSS-a) sense and antisense transcripts
present at very low levels in the nucleus were detected by
high-throughput RNA sequencing [27]. Whether these tran-
scripts are products of promoter-proximal premature termi-
nation or pol II pausing are interesting questions for future
investigation.

5. The Function of Polymerase Accumulation at
Start Sites

An important question to emerge from the early studies of
pol II localization on viral and cellular genes was: “What
is the purpose of pol II piling up at the start sites of genes
even before they are activated?” One answer to this question
quickly emerged from studies of three genes with regulated
transcriptional output: the cellular Hsp70 and c-myc genes [6,
8, 9] and a transfected reporter driven by the HIV1 LTR [24].
In each of these cases nuclear run-on transcription revealed
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a key difference between the activated and nonactivated
states: the ratio of polymerases within the gene body relative
to the 5′ end increased when transcription was activated. The
significance of these studies is that they showed regulation of
gene expression can be exerted at the level of transcriptional
elongation by controlling the fraction of polymerases that are
permitted to travel beyond the promoter-proximal region.
Furthermore at Hsp70, the amount of paused pol II prior
to heat shock correlated with the amount of mRNA made
after heat shock [23]. Therefore, a satisfying answer to
the question of why pol II accumulates near start sites is
that it provides a pool of engaged polymerases ready for
rapid mobilization in response to a gene activation stimulus.
A second way that localized pol II accumulation at the
TSS may enhance rapid transcriptional responses is exclud-
ing nucleosomes, thereby providing a bookmark in the chro-
matin that can be easily accessed by the transcriptional
machinery [22]. A third suggestion is that an extended pol
II dwell time within the promoter proximal region allows for
cotranscriptional capping of the nascent mRNA [28, 29], and
could help to “license” productive elongation complexes by
allowing time for recruitment of processing and elongation
factors. On the other hand, there is no direct evidence that a
pol II pile-up near the TSS is required for efficient capping.

6. Control of Elongation by
Transcriptional Activators

How is the flux of pol II from the promoter-proximal region
into the body of a gene controlled? The first important
clue was again provided by a virus; in this case HIV1.
Groundbreaking work of Kao and colleagues showed that the
viral transactivator protein Tat had the novel ability stimulate
elongation by pol II [24]. Without Tat, most polymerases that
initiate from the HIV1 LTR terminate prematurely shortly
downstream of the TAR hairpin loop sequence in a manner
resembling the SV40 late transcription unit, but in the pres-
ence of Tat, pol II acquires the ability to extend transcripts all
the way to the end of the provirus. To explain these surprising
results, Kao et al. suggested that Tat regulates transcription by
an antitermination mechanism similar to that exerted by the
bacteriophage lambda N protein [30]. However, it remained
possible that Tat also controlled transcriptional pausing,
which is frequently a pre-requisite for termination.

HIV Tat is an unusual transactivator because it binds
to the nascent RNA transcript. Therefore, the question re-
mained open as to whether conventional DNA-bound activa-
tors can influence transcriptional elongation. Part of the
answer to this question came with the demonstration that Tat
could activate transcription when tethered to a DNA-binding
site in the promoter [31]. Subsequent studies showed that en-
hancers and promoter-bound chimeric transcription factors
comprising activation domains fused to a DNA-binding
domain can stimulate elongation [32]. Furthermore a num-
ber of natural cellular activators stimulate elongation includ-
ing heat-shock factor, NFkB, and c-myc [21, 33, 34]. Ac-
tivation domains that enhance elongation and initiation,
respectively, can synergize with one another and the most

potent activation domains such as Herpes virus VP16 can
stimulate both initiation and elongation [35, 36].

7. The Yin and Yang of Elongational Control

How do activators like HIV Tat and cellular transcription
factors stimulate pol II transit away from the promoter-
proximal region and into the downstream region of the gene
for productive mRNA synthesis? The solution to this prob-
lem was provided by landmark studies that uncovered novel
inhibitors of elongation and the factors that antagonize them.
This story started with an early insight into how the ATP
analogue 5, 6-dichloro-1-ß-D-ribofuranosylbenzimidazole
(DRB) inhibits pol II transcription. Pulse labeling of RNA in
adenovirus-infected cells revealed that DRB inhibited chain
elongation but not initiation [37]. In a tour de force of classi-
cal biochemistry, the Handa and Price labs took advantage of
this inhibitor to identify the core negative and positive factors
that control the “yin and yang” of transcriptional elongation.
Handa’s lab identified the DRB-sensitivity-inducing factor
(DSIF) as Spt4/5 a conserved pol II binding complex that
is required for inhibition of elongation near 5′ ends [38].
Soon afterwards, these workers identified a second negative-
elongation factor, NELF, that cooperates with DSIF [39]. The
counterpart to these negative factors is positive transcription
elongation factor b (PTEFb) discovered by Marshall and
Price [40]. PTEFb was identified as the cyclin-dependent
protein kinase complex Cdk9-CyclinT1 [41, 42] that is spec-
ifically inhibited by DRB. In a remarkable convergence of
independent studies, it turned out that the negative-factors
DSIF and NELF and the positive-factor PTEFb are all com-
ponents of the same control system. Thus, a major function
of PTEFb is to “alleviate” the negative effects of DSIF and
NELF [43] which it does by phosphorylating them both as
well as the pol II C-terminal domain [44, 45].

Elucidation of the interplay between positive- and nega-
tive-elongation factors provided a basis for understanding
how transcription factors can regulate elongation. The vital
missing piece of the puzzle was filled in with the discovery
that Tat when bound to TAR in the nascent HIV1 transcript
contacts PTEFb through Cyclin T1 and this interaction is
required for stimulation of transcriptional elongation [41,
42, 46]. Tat-mediated recruitment of PTEFb permits mod-
ification of the paused pol II complex by phosphorylation
of the pol II CTD, Spt5, and NELF resulting in a transition
to productive elongation. A similar mechanism involving
PTEFb-mediated antagonism of the negative-elongation
factors DSIF and NELF is thought to regulate elongation at
many cellular genes including c-fos and NFkB targets [45,
47]. PTEFb (Cdk9/CyclinT1) is found embedded in multi-
ple complexes with different protein and RNA subunits [48,
49] and there are likely to be multiple ways that it can be
recruited to genes. These include binding directly to tran-
scription factors [33] and chromatin components [50].

8. Concluding Remarks

Tremendous advances have been made in understanding
control of gene expression at the level of transcriptional
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elongation since the early days when it was identified on a
few viral and cellular genes. Now this mechanism is recog-
nized to be at least as important as control of the initiation
step in pol II transcription. Still, important questions
remain unresolved about the nature of promoter-proximally
accumulated pol II. It is still not clear how many of these
paused polymerases have backtracked and are destined ulti-
mately to resume elongation and how many are destined for
premature termination. These scenarios suggest the possi-
bility of distinct targets for regulation by controlled poly-
merase release into the body of the gene. It will be interes-
ting to see how these targets might be used in various de-
velopmental and signal-responsive contexts.
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2 Laboratoire de Biologie Moleculaire Eucaryote, Université de Toulouse, 118 route de Narbonne, 31000 Toulouse, France
3 Universität Regensburg, Biochemie-Zentrum Regensburg (BZR), Lehrstuhl Biochemie III, 93053 Regensburg, Germany

Correspondence should be addressed to Olivier Gadal, olivier.gadal@ibcg.biotoul.fr

Received 31 August 2011; Accepted 27 September 2011

Academic Editor: Sebastián Chávez
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Ribosomal RNA (rRNA) production represents the most active transcription in the cell. Synthesis of the large rRNA precursors
(35–47S) can be achieved by up to 150 RNA polymerase I (Pol I) enzymes simultaneously transcribing each rRNA gene. In
this paper, we present recent advances made in understanding the regulatory mechanisms that control elongation. Built-in Pol
I elongation factors, such as Rpa34/Rpa49 in budding yeast and PAF53/CAST in humans, are instrumental to the extremely high
rate of rRNA production per gene. rRNA elongation mechanisms are intrinsically linked to chromatin structure and to the higher-
order organization of the rRNA genes (rDNA). Factors such as Hmo1 in yeast and UBF1 in humans are key players in rDNA
chromatin structure in vivo. Finally, elongation factors known to regulate messengers RNA production by RNA polymerase II are
also involved in rRNA production and work cooperatively with Rpa49 in vivo.

1. Introduction

In cell nuclei, three RNA polymerases transcribe the genome.
The most importance is placed on RNA polymerase II (Pol
II), which is responsible for synthesizing mRNA and a large
variety of noncoding RNAs. The vast majority of RNA pro-
duction in growing cells is carried out by RNA polymerase
I (Pol I), which transcribes the precursor of large rRNA,
and by RNA polymerase III (Pol III), which transcribes 5S
rRNA, tRNA, and some noncoding RNAs. Observation of
cryofixed cryosubstituted other sections analyzed by electron
microscopy reveals that exponentially growing budding yeast
cells contain up to 104 ribosomes per µm3 [1], which repre-
sents up to 10% of the cytoplasmic volume [2] (Figure 1(a)).

An early step in ribosome biogenesis is initiated by the
extremely high transcriptional activity of Pol I and occurs in
the largest nuclear domain, the nucleolus (Figure 1(b)). Elec-
tron microscopy of nuclear/nucleolar chromatin dispersed
by Miller spreading allowed rRNA gene transcription and
cotranscriptional assembly to be visualized directly at the

single gene level [3] (Figure 1(d)). rDNA is organized in
head-to-tail tandem arrays of rRNA genes [4] contained
in budding yeast between 100 and 200 copies per cell [5],
and from 200 to 300 per mammalian haploid genome [6].
Analysis of transcribed ribosomal DNA (rDNA) after Miller
spreading revealed that up to 150 Pol I enzymes simultane-
ously transcribe rRNA genes in mutant with only 25 rRNA
genes [1, 7] (Figures 1(c) and 1(d)). Importantly, despite
being the most highly transcribed genes of the genome,
rDNA is subject to epigenetic regulation, and only some
rRNA genes are transcriptionally active [8]. In this paper,
we will focus on recent advances made in understanding the
regulation of Pol I activity, including elongation in the con-
text of ribosome assembly.

2. Is Regulation of Pol I Initiation the Only
Regulated Step in rRNA Production In Vivo?

Eukaryotic RNA polymerases are able to recognize promoters
only when these sequence elements are associated with
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Figure 1: Budding yeast cells and ribosome production. (a) Morphology of Saccharomyces cerevisiae cells after cryofixation and freeze
substitution. Ribosomes are individually localized in the cytoplasm (see individual ribosomes detected in the zoomed region). In the
nucleus, the nucleolus (No) is detected as a large electron-dense region compared with low electron density of the nucleoplasm (Np). (b)
Morphology of the nucleolus. The nucleus appears outlined by a double envelope with pores, and the nucleolus is in close contact with the
nuclear envelope. In the nucleolus, a dense fibrillar network is visible throughout the nucleolar volume. Granular components are dispersed
throughout the rest of the nucleolus. (c) Visualization of active genes in rDNA. Using a mutant strain with a reduced number of rDNA copies
(strain NOY1071; 25 rDNA copies), Miller spreading of total nucleolar DNA allowed single-gene analysis of rRNA genes. (d) Quantification
of actively transcribed rDNA. Using high magnification, we can detect individual polymerases associated with nascent rRNA. Bars represent
500 nm.
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Figure 2: Schematic representation of the Pol I transcription cycle. Simplified composition of the Pol I preinitiation complex (PIC) in (a)
budding yeast and (b) human cells. The Pol I transcription cycle in budding yeast. (1) Recruitment of Rrn3/Pol I onto an rDNA promoter
associated with the SL1 and UAF complex allows PIC formation. (2) Promoter escape and rRNA synthesis are coupled with cotranscriptional
recruitment of the SSU processome. (3) Rrn3 dissociation is achieved by the formation of an adjacent PIC. Pol I subunits Rpa49 and Rpa43
from the adjacent polymerases promote Rrn3 release from the transcribing Pol I. (4) Pol I transcription of rRNA is coupled with nascent
rRNA processing and termination. (5) Pol I holoenzyme is recycled by reassociation with Rrn3, an as yet uncharacterized regulatory process.
Hmo1 function during elongation remains to be clarified, but is revealed by a tight genetic interaction with Pol I elongation mutant rpa49Δ
(4 and 5).

specific initiation factors. Pol I initiation factors have been
characterized for both humans and yeast (Figure 2(a)). In
mammals, selectivity factor 1 (SL1) in humans and TIF-1B
in mice are composed of the TATA-binding protein (TBP)
and four TBP-associated factors (TAFs), bound to the core
promoter [9–14]. Upstream binding factor (UBF) acts as a
dimer and induces a loop formation called the enhanceo-
some, which brings the activating sequence into close prox-
imity with the core promoter element [15, 16]. UBF binding
stabilizes the association of SL1/TIF-1B with promoter
elements [9]. A recent study suggested that UBF bound after
SL1 binding and during promoter escape by Pol I [17].
UBF is also bound to the transcribed region [18] and can
regulate Pol I elongation [19]. Additionally, UBF and SL1

are regulated by posttranslational modifications. Active Pol
I enzymes are associated with numerous other factors such
as TFIIH, protein kinase CK2, nuclear actin, nuclear myosin
1 (NM1), chromatin modifiers G9a and SIRT7 and with
proteins involved in replication and DNA repair: Ku70/80,
proliferating cell nuclear antigen, and CSB. For most factors,
mechanistical insights are lacking (see [20] for a recent
review).

In budding yeast, a core factor (CF) associates with the
Pol I promoter, and this binding is stabilized via TBP by
an upstream-associated factor, or UAF [21–27]. CF and SL1
are likely to be functionally equivalent. In contrast, yeast
UAF and mammalian UBF both interact with upstream
stimulatory elements but have very different functions. UBF1
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also regulates Pol I elongation [19]. The S. cerevisiae HMG-
Box protein, Hmo1, is associated with the Pol I-transcribed
region and is able to rescue growth of the Pol I elongation
mutant rpa49Δ [28]. Therefore, UBF1 and Hmo1 might have
a conserved function in stimulating Pol I elongation (Albert
et al. submitted).

Surprisingly, both human and yeast Pol I enzymes are
unable to initiate productive RNA synthesis with only pro-
moter-bound factors [29, 30]. Only a minor fraction of free
Pol I is associated with an additional initiation factor: Rrn3
in yeast, hRrn3 in humans, or TIF-1A in mice (Figure 2(b)).
When Pol I associates with one of these factors, it recognizes
the promoter-bound factors and forms a preinitiation com-
plex (PIC) [30–35].

The amount of Pol I-Rrn3p complexes represents a lim-
iting step in transcription initiation, but how this association
is achieved and regulated remains a major research topic
[36]. Numerous signaling pathways target Pol I activity in
vivo. The target of rapamycin complex 1 (TORC1) regulates
ribosome production in response to nutriment availability
[37]. Upon inhibition of TORC1 by rapamycin or during
stationary phase, the amount of Pol I-Rrn3 complex drops
[31, 38, 39]. The regulatory function of Rrn3’s association
with Pol I was demonstrated by producing an artificial
fusion protein of Rrn3 joined to its interacting Pol I subunit,
Rpa43. In a partially purified in vitro system, this fusion,
called CARA, led to a constitutively active Pol I even
during stress, showing that Pol I complexed with Rrn3 is
initiation competent even under conditions known to inhibit
ribosome production [39]. This initial observation suggested
that a deregulated initiation event is sufficient to generate
constitutively active Pol I in vivo. However, other findings
are now challenging this initial regulatory model based on
the availability of an Rrn3-Pol I complex. Rrn3 function is
not restricted to initiation only, and it is also involved in a
postinitiation step of the Pol I transcription cycle. Rrn3 is re-
leased from Pol I during postinitiation, and this process
requires Rpa49, another Pol I-specific subunit [40]. In
the absence of Rpa49, the CARA mutant is not viable
[40]. Therefore, when Rrn3 is physically tethered to Pol I,
Rpa49 function becomes essential [40], which suggests the
existence of a functional interaction between Rpa49 and
Rrn3 after Pol I recruitment [1]. Initial studies suggested
that the interaction between Rrn3 and another Pol I-specific
subunit, Rpa43, is regulated by phosphorylation [34, 41].
A mutational analysis of Pol I did not reveal the specific
residues involved in this regulation but did not exclude the
involvement of phosphorylation [42]. Recent works from
the Tschochner’s Laboratory have demonstrated that Rrn3
is destabilized by a PEST domain, a peptide sequence rich
in proline (P), glutamate (E), serine (S), and threonine (T),
in its N-terminal domain [43, 44]. A nondegradable form of
Rrn3, missing this PEST motif, attenuated the reduction in
initiation competent Pol I-Rrn3p complexes observed upon
nutrient depletion. Such a mutation should mimic the CARA
mutant phenotype. Unfortunately, this non-degradable form
of Rrn3 associated with Pol I has not been tested in vitro in a
partially purified extract. Nevertheless, in this background,

rRNA synthesis was downregulated in vivo upon nutrient
depletion [44]. Additionally, although levels of the Rrn3-Pol
I complex are depleted during stress, the amount remaining
is sufficient to observe ongoing initiation events. Therefore,
Pol I activity is not regulated only by the initiation competent
Rrn3-Pol I complex, but is likely to be influenced by nascent
ribosomal assembly. An elegant study suggested that down-
regulation of ribosomal protein production could also result
in a rapid decay of newly made rRNA in vivo [45]. Indeed,
Sch9, which acts downstream of TORC1, targets ribosomal
protein gene (RPG) transcription as well as rRNA production
by Pol I [46, 47]. Rrn3 might also impact rRNA processing
since a mutant of Cbf5, the pseudouridine synthetase that
modifies rRNA, is rescued by Rrn3 overexpression [48].
Along the same lines, accumulation of RPG mRNA in the
CARA mutant background was resistant to repression by
TORC1 inhibition [39]. In fission yeast, a subunit of the Rrn7
core factor also binds RPG promoters, suggesting a coupl-
ing between rRNA production and RPG transcription [49].
In budding yeast, Hmo1, bona fide Pol I transcription fac-
tors, also bind most RPG promoters [50]. Stochiometric pro-
duction of all ribosomal constituents is tightly controlled and
is probably achieved at multiple levels [2]. Is Pol I initiation
the only regulated step in rRNA production in vivo? Although
the association of Rrn3 with Pol I is a very important
regulatory step, it is only one of the numerous pathways
that regulate Pol I activity. In this paper, we will extensively
describe how the rRNA elongation step might be regulated to
integrate all the complex processes necessary to achieve this
early step of ribosome assembly.

3. Early Ribosome Assembly Occurs during
rDNA Transcription

RNA synthesis in the nucleus is invariably coupled with the
recruitment of specific proteins shortly after synthesis and
leads to the formation of large ribonucleoproteins (RNPs).
Strikingly, the fate of the RNA depends on the RNA poly-
merase synthesizing the transcript. Through their association
with the transcribing polymerase appropriate RNA-interact-
ing proteins are driven into the local proximity of the newly
synthesized RNA. The COOH-terminal domain (CTD) of
the largest subunit of Pol II is the best example of this mech-
anism [51]. The CTD can recruit the pre-mRNA capping,
splicing, and 3′-processing machinery, which are then teth-
ered together with the pre-mRNA. Often, the same factors
affecting early RNP assembly, maturation, and export also
regulate Pol II elongation, which effectively bridges these
processes [52, 53]. Cotranscriptional assemblies of RNP par-
ticles are well known to impact the fate of the transcribed
RNA. Even more important, polymerase elongation rates can
determine the nature of mature mRNA products, as shown
by alternative splicing that depends on the elongation rate
[54].

Pol I transcription provided the first example of cotran-
scriptional RNP particle assembly [3]. Paradoxically, the
intimate connection between early RNP assembly and Pol
I elongation has been suggested only recently. From Oskar



Genetics Research International 5

Miller’s original 1969 description of a transcribed rRNA
gene as a Christmas tree, in which the nascent RNA co-
transcriptionally assembled with maturation factors that ap-
peared as decorating “terminal balls,” 33 years elapsed before
the molecular nature of the terminal balls in budding yeast
was fully unveiled by the laboratories of Ann Beyer and
Susan Baserga [3]. The terminal balls were renamed SSU
processomes [55] and are early preribosomal particles, which
contain U3 snoRNA and a set of proteins called the UTPs
(U three proteins). An intimate relationship between early
assembly and transcription was then suggested from a study
of a UTP subgroup, the tUTPs, for transcription-UTP [56].
The tUTPs form a complex with a protein composition
very similar to the UTP-A complex [57] with only one
distinction: the presence of either Utp5 or Pol5, respectively.
tUTP/UTP-A is recruited to the chromatin independently of
transcription; is required for efficient accumulation of Pol
I transcripts; has been suggested to be essential for Pol I
transcription in a run-on assay [56]. Alternatively, tUTP was
suggested to be required for early pre-rRNA stabilization. In
the absence of being complexed with tUTP/UTP-A, nascent
RNA transcripts are targeted by TRAMP (Trf4/Air2/Mtr4p
Polyadenylation) complex and degraded by the nuclear
exosome [58]. In human cells, recruitment of human tUTP
orthologs to NORs (nucleolus organizer regions) occurs inde-
pendently of transcription but depends on the protein UBF
[59]. Miller spreads have revealed that nascent rRNAs are
not only assembled cotranscriptionally with a large set of
proteins, but are also cleaved cotranscriptionally in E. coli
[60], Dyctiostelium [61], and budding yeast [62]. This co-
transcriptional rRNA cleavage has been independently con-
firmed and quantified using in vivo labeling approaches
[63]. Following tUTP/UTP-A recruitment, cotranscriptional
assembly is a stepwise and highly hierarchical process [64]
that utilizes preexisting autonomous building blocks. These
entities sequentially interact with the pre-rRNA and exhibit
different interdependencies with respect to each other. This
model has been validated and extended by different groups
[65].

4. Pol I Elongation Rate, rRNA
Cotranscriptional Maturation, and
Topological Stress

When driven by a strong Pol II promoter, ribosomal DNA
can be transcribed by Pol II [66]. Functional ribosomes can
ultimately be produced without Pol I, but this is accom-
panied by a drastic phenotype. Yeast lacking Pol I activity can
survive with such an artificial rDNA construct but grow very
poorly (i.e., have a doubling time 4 to 5 times longer than
normal) and have a massively altered nucleolar and nuclear
morphologies [67, 68]. Despite being not strictly essential,
the Pol I elongation rate must be properly controlled for
efficient ribosome production.

Biochemical purification of Pol I activity copurified a
large fraction of the rRNA maturation machinery [69]. Early
maturation factors such as Prp43, Nop56, Nop58, or Gno1
have been shown by two-hybrid assay to be physically teth-
ered to the Pol I-specific subunit Rpa34 [40]. The loading of

tUTP/UTP-A onto nascent transcripts is facilitated by its as-
sociation with Pol I promoters prior to pre-rRNA [56, 59]
and is required either for transcription or for stabilizing
nascent transcripts [58]. The first direct evidence that
elongation rate regulation is required for proper ribosomal
assembly came from a study of an elongation mutant by
David Schneider in the laboratory of Masayasu Nomura [70].
In a mutant bearing a single substitution (rpa135-D784G) in
the second largest subunit of Pol I, near the active center of
the enzyme, rRNA processing was affected with the greatest
defect occurring in the 60S assembly pathway [70]. This sug-
gested that the stochiometric production of the 40S and 60S
subunits depends on the elongation rate of Pol I.

The structural analysis comparing the three nuclear
RNA polymerases revealed one feature that distinguished
Pol I from the other two (Pol II and Pol III): the presence
of the heterodimer Rpa49/Rpa34 [71]. Rpa49 and Rpa34
form a heterodimer that is structurally similar to the one
formed by two Pol II transcription factors, TFIIE and TFIIF.
The hPAF53/CAST heterodimer is the human ortholog
of Rpa49/Rpa34 [72]. We recently uncovered how Rpa49
releases Rrn3 from Pol I during elongation, despite the dia-
metric opposition of these proteins in the Pol I complex
[1, 71]. With such a configuration, Rpa49 and Rrn3 are un-
likely to interact directly with each other in the Pol I com-
plex. However, the very high loading rate of Pol I per
rRNA gene leads to extensive contact between adjacent Pol
I enzymes (Figure 1(d)). Interactions between adjacent Pol
I enzymes along the rDNA place Rpa49 and Rpa43 in close
proximity, thus allowing Rpa49 to interact with the Rpa43
subunit on a nearby Pol I to promote the release of Rrn3 from
Rpa43 [1]. In our model, the Pol I/Rrn3 complex dissociates
only after another Pol I starts transcribing rRNA and re-
flects cooperativity between Pol I enzymes (Figure 2(b)).
When we measured distribution of Pol I along rDNA using
Miller spreading, we observed a striking degree of en-
zyme clustering, with 60% of the enzymes in direct contact,
which is compatible with our model. Additionally, this clus-
tering was inhibited by deletion of the Rpa49 gene. What
are the consequences of this clustering? By opening the DNA
duplex, DNA in front of RNA polymerase becomes over-
wound, or positively supercoiled; the DNA behind the poly-
merase becomes underwound, or negatively supercoiled
[73]. Importantly, when multiple polymerases are in close
proximity, topological distortion of the DNA duplex in front
of and behind each adjacent polymerase would be compen-
sated, resulting in topological stress only in front of the
first polymerase, and after the last. Therefore, the absence
of clustering of adjacent polymerases in the rpa49Δ mutant
should lead to massive rDNA supercoiling. Indeed, Rpa49
deletion has a tight genetic relationship with the two type I
yeast topoisomerases: Top1 and Top3 [40, 74]. Top3, in com-
plex with Sgs1, is required for the stability of rDNA in vivo
and is genetically linked to Rpa49 [74, 75]. Top1 is also
involved in rDNA stability [76] and seems to be directly
involved in rRNA production. Rpa34 has also been found to
interact directly with Top1 in two-hybrid assays [40].

The extremely high transcription rate of Pol I should
lead to extensive torsional stress on the rDNA template.
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Is topological stress a selective feature of Pol I transcription? A
good answer to this question came from the study using acti-
nomycin D, a DNA-intercalating agent widely used in vivo
as a Pol I inhibitor in metazoan cells. The transcription
of rRNA genes in mammalian cells is about 50–100-fold
more sensitive to actinomycin D than the synthesis of small
RNAs and heterogeneous nuclear RNA [77]. However, Pol I-
selective inhibition by actinomycin D is not inherent to the
Pol I transcriptional machinery. Actinomycin D has no effect
at low concentrations in vitro or in a transfected reporter sys-
tem [78]. In fact, low levels of actinomycin D stimulate
Pol I rRNA initiation events in vivo; Pol I elongation, how-
ever, is strongly inhibited [79]. Such surprising activity can
be explained by the ability of low actinomycin D concen-
trations to stabilize DNA/topoisomerase interactions [80].
The specific inhibition of rRNA synthesis is at least in part
due to the close relationship between topoisomerase and Pol
I activities in vivo.

In yeast, a top1 deletion mutant led to the formation of
R-loops (DNA-RNA hybrids) within transcribed rRNA genes
[81]. These rRNA production defects, with accumulation of
rRNA intermediates ending in G-rich stretches of the 18S
rRNA, are similar to those observed in the Pol I elongation
mutants rpa135-D784G and rpa49Δ (discussed in [70, 81]).
Additionally, it was reported that the maximum transcrip-
tion rate of rDNA by Pol I in a top1 deletion mutant gener-
ates massive negative supercoiling of rDNA template, which
was revealed by the presence of DNA template melting in
an A-T-rich region of rDNA that was detectable in Miller
spreads [82]. Top2 is essential for growth, but top2 mutants
primarily succumb to mitotic failure. Top2 function in rRNA
transcription can be studied in Top2 mutants kept in G1
phase and prevented from entering mitosis. Top1 and Top2
cooperate in Pol I transcription [83] but in contrast to a
top1 deletion mutant, a top2-ts mutant accumulates posi-
tive supercoiling, which inhibits elongation by Pol I [82].
The difference between these Top1 and Top2 phenotypes is
surprising since both topoisomerases are able to relax posi-
tively and negatively supercoiled DNA. The difference may be
related to the intrinsic properties of each enzyme and to the
ability of the chromatin to transiently absorb either negative
or positive torsional stress [84]. Top1 is a torque-sensitive
topoisomerase with a poor ability to relax chromatin. It func-
tions mainly in the relaxation of the negative supercoiling
produced in the wake of Pol I [85, 86]. In contrast, Top2 is
likely to be more efficient in relaxing the positive supercoiling
produced ahead of Pol I, because no sink for torsional stress,
such as melting of the DNA template, exists in this case [84].
Finally, genetic interactions between Top1 and Trf4/Trf5, two
members of the TRAMP complex [87], have been reported
previously, and these might be explained by the presence of
unresolved R-loops that accumulate in the absence of nuclear
rRNA degradation machinery.

5. Epigenetic Regulation and Chromatin
Status of rDNA

In eukaryotes, rRNA genes are either organized in a closed
chromatin state in which they are transcriptionally inactive

in transcription or are in an open chromatin state [8]. In
mammals, inactive rRNA genes are subject to DNA methyla-
tion (for review, see [20]). In budding yeast, which lacks
DNA methylation, a proportion of rRNA genes is also tran-
scriptionally repressed.

Active rDNA with an open chromatin structure can be
distinguished from inactive rRNA genes by psoralen cross-
linking. Psoralen is an intercalating reagent which crosslinks
to DNA under UV irradiation. The nucleosomes associated
with inactive DNA lock the DNA topology and prevent
psoralens from crosslinking to DNA. When rDNA is sub-
jected to psoralen treatment and crosslinking, two types of
bands are detected: a slow- and a fast-migrating band [8,
88]. The molecular identity of the proteins associated with
both types of rDNA molecules was unambiguously estab-
lished using psoralen combined with ChEC (chromatin
endogenous cleavage) [89, 90]. In ChEC methods, rDNA-as-
sociated proteins are expressed as recombinant proteins
fused to micrococcal nuclease (MNase). After formaldehyde
crosslinking and psoralen treatment, MNase is activated
and cleaves either the fast- or slow-migrating rDNA band.
The fast-migrating band corresponds to transcriptionally
inactive rDNA, which is enriched in nucleosomes [90]. The
slow-migrating band is transcriptionally competent rDNA,
enriched in Pol I, depleted of histones (compared to genomic
DNA), and bound by Hmo1, a yeast protein similar to UBF
[90]. In budding yeast, the number of rRNA genes in open
chromatin seems not to be a major regulatory determinant
for Pol I activity [7]. rDNA copy number can change from
cell to cell as a result of unequal crossing over and ranges
between 100 and 200 repeats in a population [91]. Fob1
is required for this chromosomal instability [92]. In the
absence of Fob1, cell populations with a stable number of
rDNA repeats could be generated [7]. With 42 copies, or even
more so with only 25 copies, most rRNA genes were active
and in an open chromatin state. With an rDNA copy number
as low as 25 actively transcribed rRNA genes, growth was not
affected, but more polymerases were loaded on each active
gene [7].

During the cell cycle, the ratio of open to closed rDNA
changes. Newly replicated rDNA becomes psoralen inaccess-
ible and shows nucleosome assembly on both strands after
the passage of the replication forks [93]. Following replica-
tion, the amount of open chromatin was found to steadily
increase at all stages of the cell cycle, including during cell
cycle arrest [94]. This increase required Pol I activity. The
maintenance of the open chromatin state did not require
Pol I activity, but Hmo1 inhibited replication-independent
nucleosome assembly [94].

In sharp contrast to ChEC data, chromatin immunopre-
cipitation (ChIP) analyses targeting H3 and H2B histones in
mutant strains harboring most rRNA genes in an open chro-
matin state (42 or 25 rDNA copies) strongly suggested that
significant quantities of histone molecules are present on
active rRNA genes [95] (Albert et al. Submitted).

Both ChIP and psoralen-ChEC have some intrinsic limi-
tations. ChIP is known to be sensitive to background bind-
ing, which can lead to false-positive detection. Conversely,
ChEC is prone to false-negative detection [89]. After MNase
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activation, MNase fusion proteins are released from genomic
DNA after cleavage of the DNA molecule. These released
proteins are then able to cleave genomic DNA at nonspecific
sites [89]. ChEC experiments must be performed in a care-
fully controlled time-course. Due to the abundance of hi-
stones molecules, cleavage time is kept bellow 15 minutes
[90]. Open rRNA genes appear more resistant to MNase di-
gestion than genes in closed rDNA or naked plasmid DNA,
but cleavage is detectable [90]. With such experimental lim-
itations, ChEC combined with psoralen can be used to com-
pare relative levels of histone enrichment, but cannot be used
to conclude whether histone is present or absent on open
chromatin.

Due to such intrinsic technical limitations, the exact
composition of rDNA in the open chromatin state is still
widely debated [90, 95]. The analysis of actively transcribed
versus untranscribed rDNA can also be performed using
Miller spreading (see Figure 1(c)). However, quantifying the
ratio of active versus inactive rRNA genes is intrinsically
biased, as it underestimates the fraction of inactive rDNA.
Transcriptionally inactive rRNA genes are not directly detect-
able, but can be indirectly visualized because they are flanked
by active rRNA genes. This method allows rRNA genes to be
characterized at the single-gene level. From such analyses,
two important conclusions were reached: nucleosomes are
not detectable on actively transcribed genes (data not shown)
and nucleosome structures are detectable on some inactive
rDNA genes but not all (Figure 3).

The presence of histones on open chromatin, as detected
by ChIP, contrasts sharply with the absence or strong deple-
tion of nucleosomes on open chromatin that is observed with
psoralen crosslinking, ChEC, and Miller spreading. These
observations are not incompatible if one considers that pso-
ralen crosslinking indicates the presence of canonical nucle-
osomes, whereas ChIP analysis reveals presence of histone
molecules. Histones might still be present on open rDNA
copies, but a large body of evidence establishes that they are
not arranged as canonical nucleosomes impermeable to pso-
ralen. Alternative nucleosome structures have been described
and occur specifically when DNA supercoiling is altered
[96]. This observation agrees with older biochemical studies
demonstrating that despite the absence of detectable beaded
nucleosomes on active rRNA genes, the protein constituents
of nucleosomes may still be present [8]. Moreover, by com-
bining reagent accessibility analyses and electron microscopy
of rDNA from Physarum polycephalum, the existence on
active rRNA genes of an alternative nucleosome structure
called the lexosome was suggested some time ago [97, 98].
The lexosome is an altered nucleosome specifically located on
actively transcribed regions, which has properties that facili-
tate transcription. In a lexosome configuration, the histone-
DNA interactions are different than those in intact nucleo-
somes and allow psoralen to access DNA. Therefore, even if
this alternative structure was not confirmed when tested for
in vitro transcription [99], the lexosome represents an attrac-
tive model that is consistent with the ChIP data, the psoralen-
crosslinking results, and the electron microscopy images pro-
duced in our studies as well as those of other research teams.

Similarly, the altered topology of actively transcribed rDNA
might lead to other alternative histone configurations [96].

6. Regulator of Pol I Elongation

To date, most factors known to regulate Pol I elongation
were characterized previously as Pol II elongation factors.
Such dual functions make interpretation of phenotype dif-
ficult, since an indirect effect via Pol II is difficult to ex-
clude. However, some Pol I elongation factors are now well
characterized.

Spt5 copurifies with Pol I and has been shown to be
associated with rDNA in vivo [100]. Spt5 is an evolutionarily
conserved elongation factor with homologs found in eubac-
teria (NusG) and in archaea (RpoE) [101, 102]. Multisubunit
RNA polymerases have the ability to stably interact with
DNA through a structural feature called the DNA clamp.
Prior to interacting with DNA, the DNA clamp must be in
an open configuration and closed for processive elongation.
Spt5/NusG can close the DNA clamp, making the polymerase
able to carry out processive elongation [103]. Spt5 interacts
with multiple Pol I subunits and Rrn3, and an Spt5 mutant
(spt5-C292R) suppresses the growth defect of the rpa49Δ Pol
I mutant [104]. Phenotypic analysis of rDNA transcription
in the Spt5 mutant suggested that it positively and negatively
regulates Pol I functions [105]. Other factors that interact
with Spt5, such as Spt4, Paf1 and Spt6, have also been sug-
gested to regulate Pol I. An spt4 deletion mutant led to de-
creased rDNA copy numbers, and an rRNA processing defect
[100]. The Paf1, complex interacts physically with Spt5 [106]
and is involved in stimulating Pol I elongation [107]. Spt6 is
a histone chaperone that might also be a good candidate to
regulate Pol I in vivo. In addition, the FACT complex stim-
ulates Pol I activity in human cells [108]. FACT consists
of Spt16 and Pob3, interacts with Spt5 in yeast [106], and
is genetically linked to rpa49Δ [109]. Another Pol II trans-
cription factor has been proposed to regulate Pol I: the Elon-
gator, a six-subunit complex, conserved between yeast and
mammals. In African trypanosomes, mutation or down-reg-
ulation of the Elp3b subunit of the complex results in in-
creased synthesis of rRNA by Pol I [110].

The growing list of Pol II elongation factors that also
regulate Pol I activity is interesting, but some mechanistic
insights are still lacking. The elongation mechanisms of Pol II
and Pol I are very different. Pol II carries regulators via inter-
actions with CTD [111]. With few Pol II enzymes acting
simultaneously on transcribed genes, the stoichiometric as-
sociation of elongation factors with Pol II results in a density
of about one elongation factor per gene. In contrast, a large
number of Pol I enzymes can transcribe a single rRNA gene.
Thus, it is difficult to imagine that Pol II elongation fac-
tors would be stochiometrically bound to each elongating
Pol I. Therefore, it seems unlikely that Pol II and Pol I com-
plexes use similar mechanisms of action or factor recruit-
ment strategies. It remains to be understood how the same
elongation factors can act in two very different transcription
systems.

One factor can now be defined as a bona fide Pol I elon-
gation factor, the nucleolin, called Nsr1 in budding yeast and
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Figure 3: Miller spreading of nontranscribed rDNA. Single-gene analysis of nontranscribed rRNA genes reveals nucleosomal (a) and
nonnucleosomal (b) organization. Chromatin spreading (upper panel) and a schematic representation of rDNA spreading (lower panel)
are shown from strain NOY1071, bearing 25 rDNA copies. Transcribed rRNA genes (green) are identified by high Pol I density, and nascent
rRNAs are shown in black. Non-transcribed regions are depicted in red. Intergenic spaces (IGSs) are short (600 nm) and can be easily
distinguished from inactive rRNA genes. Inactive genes are flanked by two IGSs. Due to the DNA wrapping around nucleosomes, non-
transcribed genes associated with nucleosomes appear shorter (2,100 nm − (2 × 600 nm) = 900 nm) than genes devoid of nucleosomes
(3,100 nm − (2 × 600) = 1,900 nm). With 15 nucleosomes detected and each wrapped around 146 bp, we observed a length reduction of
approximately 1,000 nm.

Gar2 in fission yeast. Following nucleolin’s first identification
as an abundant nucleolar protein, it has been implicated
in numerous cellular processes [112, 113]. Among them,
it is clearly involved in ribosome biogenesis. Nucleolin is
required for early rRNA-processing events [114] and for Pol I
activity through a nucleosomal template [115]. Nucleolin has
a histone chaperone activity and stimulates transcription by a
mechanism reminiscent of the activity of the FACT complex
[116]. Nucleolin is clearly an important factor to understand
the interplay between rDNA chromatin, Pol I transcription,
and cotranscriptional rRNA processing.

7. Concluding Remarks

In this paper, we tried to focus on the unanswered questions
of rRNA production, rather than make an exhaustive review

of the large body of work addressing regulation of this
complex multistep process. We still know little about how
cells adjust the production of each ribosomal constituent in
time and space to allow cotranscriptional assembly of preri-
bosomal particles. The answer to this question probably lies
in the existence of highly redundant pathways, which are all
designed to coregulate rRNA production by Pol I, ribosomal
protein production, and the availability of the ∼200 trans-
acting factors required to assemble eukaryotic ribosomes.
The discovery of redundant pathways has clearly resulted
from the extensive study of budding yeast. Most regulato-
ry pathways affecting rRNA production are not essential
for cell growth. Out of 14 Pol I subunits, four are not re-
quired for cell growth. However, when double inactivation
is performed, their functions can be revealed and studied
[74]. We have no doubt that important progress remains to
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be made in understanding how Pol I is regulated. Because
most of the complex interplay between rRNA production, as-
sembly, cleavage, and folding occurs during elongation, we
expect that most progress remaining to be made will uncover
how rRNA elongation is coupled to rRNA assembly [81]. The
central question of the exact structure and composition of
open rDNA chromatin remains a major challenge. Pol I elon-
gation is likely to be the most important step in controlling
how nascent rRNA is folded and cleaved to yield pre-60S
and pre-40S rRNA as they are being assembled into large
preribosomes. We propose that elongation is the most regu-
latable step in rRNA production, making elongation the first
target to regulate rRNA production.
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During the last 30 years, systematic biochemical and functional studies have significantly expanded our knowledge of the
transcriptional molecular components and the pre-mRNA processing machinery of the cell. However, our current understanding
of how these functions take place spatiotemporally within the highly compartmentalized eukaryotic nucleus remains limited.
Moreover, it is increasingly clear that “the whole is more than the sum of its parts” and that an understanding of the
dynamic coregulation of genes is essential for fully characterizing complex biological phenomena and underlying diseases.
Recent technological advances in light microscopy in addition to novel cell and molecular biology approaches have led to the
development of new tools, which are being used to address these questions and may contribute to achieving an integrated and
global understanding of how the genome works at a cellular level. Here, we review major hallmarks and novel insights in RNA
polymerase II activity and pre-mRNA processing in the context of nuclear organization, as well as new concepts and challenges
arising from our ability to gather extensive dynamic information at the single-cell resolution.

1. Introduction

In eukaryotic cells, the regulation, expression, and subse-
quent processing steps of genomic sequences tend to be local-
ized to defined spaces within the nucleus [1]. In the inter-
phase nucleus, uncondensed chromosomes do not expand
randomly but occupy defined volumes termed “chromosome
territories,” whose relative positioning has recently been sug-
gested to be determined by, or at least correlated with, differ-
entiation stages and specific contexts [2–4]. This architecture
facilitates the intermingling of specific subsets and combina-
tions of genes that need to be coregulated in a given situation
[4–7]. Indeed, active genes are most often positioned in
the periphery of chromosome territories, while inactive
genes remain located within more inaccessible areas of these
regions. Although the molecular basis for this dynamic
behavior of chromatin is not yet well understood, there are
a significant number of studies supporting this concept, thus
suggesting a novel layer of complexity in the regulation of
gene expression. Genes are not inert entities waiting for the
adequate subset of transcription factors to initiate the assem-

bly of a processive RNA polymerase II (RNAPII) complex;
instead, the dynamic positioning contributes to their activa-
tion state and correlation with other gene units and regula-
tory elements, such as enhancers and insulators [8–11].

Chromosome territories delimitate a region of the
nucleus (usually termed the interchromatin space) that is rel-
atively empty of dense chromatin and is hypothesized to be
highly interconnected across the nucleus with a higher-order
organization [12–15]. The delimited interchromatin volume
contains not only most of the transcriptional activity at its
boundaries but also contains several nonmembrane-bound
dynamic structures—nuclear bodies—highly enriched with
specific subsets of nuclear factors [16–18]. These nuclear
bodies include Sam68 bodies, PML bodies, paraspeckles,
Cajal bodies, and nuclear speckles.

2. The Transcription Factory: A Spatial and
Functional Unit for RNAPII Transcription

In the early 1990s, two groups reported the use of novel
techniques that allowed the visualization of transcriptionally
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active sites within the nucleus through the incorporation
of bromo-UTP in nascent transcripts [19, 20]. In these
experiments, nascent transcripts remained immobilized at
the site of their chromatin template, and they were studied
in great detail using confocal and electron microscopy.
Notably, the number of observed active sites appeared to
be considerably lower than the estimated number of active
molecules of RNAPII [21–23]. These discrete structures colo-
calize with hyperphosphorylated forms of RNAPII and are
resistant to DNA digestion and extraction of soluble fractions
[20, 21, 24–26]. These results suggest the existence of an
immobile pool of hyperphosphorylated RNAPII within the
eukaryotic nucleus. Subsequent fluorescence recovery after
photobleaching- (FRAP-) based experiments performed on
cells expressing a GFP-tagged construct of RNAPII support
this interpretation [27]. Given that the number of observed
transcription sites was significantly lower than the number of
elongating RNAPII molecules as assessed by in vitro run on
assays [22, 23], a model was proposed in which several active
(mostly elongation-competent) RNAPII units assemble into
higher-order structures termed “transcription factories”
[21]. According to this model, chromatin loops are tethered
to the factories through RNAPII or/and transcription factors
for transcription to occur (recently reviewed in (Cook, [28])).

This model is consistent with the looped conformation
model that several other independent approaches have
suggested exists for an active eukaryotic gene [29–31]. In this
model, upon recognition and activation by specific factors,
the promoter sequence of the gene unit is tethered to the
RNAPII subunit of the factories, and this attachment would
be maintained during the transcription of the whole gene
sequence, which is “reeled” on the RNAPII. This arrange-
ment provides an additional layer of control and coordina-
tion over the different stages of transcription and positions
the RNAPII units for subsequent rounds of transcription.

The existence of factories provides us with an elegant
conceptual framework to explain the coregulation of func-
tionally related groups of genes in specific contexts [30]. It
has been observed that some of these active genes tend to
be found in close proximity at a much higher frequency
than would be expected by chance [32, 33]. Indeed, these
genes tend to share a factory when they are positioned in
close proximity, as observed by immunolabeling elongating
RNAPII [33]. Although the structural resolution of tran-
scribed genes is still technically limited, nevertheless, this
reflects the potential crosstalk that can exist between the
transcription factors recruited to each coregulated promoter.
Some of the examples consistent with this model are the
NF-κB/TNFα activation axis [34, 35] and the ERα module
system [34]. Moreover, genes of different sizes and elongation
timing coimmunoprecipitate with the elongating form of the
RNAPII in a fashion consistent with the model in which they
share the same factory and slide along the “polymerase read-
ing heads” in sequential rounds of transcription, rather than
just recruiting mobile polymerase complexes from proximal
storage sites and undergoing independent read-throughs
[35]. Transcription factories are also consistent with data
suggesting that genes with shared features, such as promoter
composition and the presence or absence of introns, tend

to associate among each other [36]. Finally, transcription
factories also provide an explanation for observations that
indicate that promoter composition and associated events
can influence subsequent stages of transcription elongation
[37, 38].

Recent studies have reported on the stability of RNAPII
foci upon disrupting transcription [39]. Interestingly,
treatment of cells with 5,6-dichloro-1-β-d-ribofuranosyl-
benzimidazole (DRB; a highly specific inhibitor of the
positive elongation transcription factor, P-TEFb, and thus
an inhibitor of elongating polymerases) does not abolish the
association of previously engaged genes with the RNAPII
foci, at least for erythroid lineage-specific genes [39]. Obser-
vations in agreement with this model include independent
genome-wide chromatin immunoprecipitation- (ChIP-)
based studies that demonstrate that a significant number
of genes is “primed” for transcription. These inactive genes
have paused RNAPII complexes at their promoter regions
and, upon gene activation, are released from the paused state,
allowing elongation to proceed [40].

Initial studies using in situ spectroscopy have recently
been carried out to determine the composition of the
transcription factories [41]. In these studies, the authors
demonstrated the existence of clearly defined ribonucleopro-
tein structures that coincide with sites of active transcription
(the perichromatin fibrils), as assessed by BrU pulse incor-
poration and immunogold labeling. The size and estimated
composition of carbon and nitrogen in these structures
support the existence of the proposed model of assembled
transcription factories, creating a more refined structural
model in which the effector subunits of the RNAPII face
outwards [41, 42].

Another important feature of transcription factories is
the enhancement of the physical and functional coupling of
transcription and downstream RNA processing steps. This
is facilitated by the regulated recruitment of neighboring
machinery for cotranscriptional mRNA maturation in an
appropriate fashion and timing. This notion would expand
the category of these structures to integrated “mRNA
factories,” providing an intuitive physical framework for
the numerous observed interactions among transcriptional
and mRNA processing factors [43–46]. Other essential
processes in the regulation of pre-mRNA synthesis, such
as chromatin remodeling and histone modification, would
similarly benefit from such a design [30].

Although this model of transcription factories (Figure 1)
explains many observations of gene expression and nuclear
organization, there are many intriguing questions that need
to be resolved. What are the molecular mechanisms underly-
ing the appropriate targeting of activated gene sequences to
a factory, and how are they integrated in a given regulatory
context? What is the inner structure of factories in the cell at
a resolution beyond the conventional light diffraction limits?
How are these structures assembled and organized during
the cell cycle according to the requirements of the cell? Does
it require the existence of an underlying structural scaffold
or “nucleoskeleton?” How are different regulatory hallmarks,
such as the phosphorylation cycle proposed for the CTD of
the RNAPII during its progression through the transcription
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Figure 1: Model of the basic structure and function of RNAPII
transcription factories. (a) A “gene-loop” is recruited upon activa-
tion to the transcription factory, which contains immobilized sub-
units of RNAPII. (b) The gene-loop is then “reeled” onto RNAPII
for transcriptional elongation. (c) Upon termination, the anchoring
of the locus allows for subsequent rounds of transcription. Adapted,
with permission, from The Journal of Cell Science [47].

of a gene unit, integrated into the context of these structures?
Finally, what is the functional relationship between tran-
scription factories and other nuclear compartments related
to the biogenesis of the mRNA?

3. Nuclear Speckles and the Regulation of
Transcription and Pre-mRNA Processing

Many independent studies in the last two decades have led to
a model in which the maturation of nascent transcripts take
place simultaneously to their synthesis, that is, cotranscrip-
tionally [48, 49]. This may be specific to a subset of genes or
even to specific introns of a gene and is therefore considered
not to be strictly required for the completion of pre-mRNA
processing itself [50]. However, cotranscriptional processing
allows for the functional coupling of the different steps of
RNA biogenesis. The bidirectional interdependence among
chromatin conformation and posttranslational modifica-
tions, in both transcription and different steps of pre-mRNA
processing, constitutes an additional layer in gene expression
regulation [51–56]. Moreover, it may play a pivotal role
in complex processes, such as neuronal differentiation and
activity, global integration of RNA processing signatures and
DNA damage, and developmental programs [57–60].

If pre-mRNA processing is performed largely in a regu-
lated cotranscriptional fashion, the dynamic distribution of
pre-mRNA processing factors should be correlated with the
organization of transcriptionally active sites in the nucleus.
The distribution of pre-mRNA processing factors in the
eukaryotic nucleus, as observed using immunofluorescence

staining and light microscopy, is not homogeneous and
shows a dynamic pattern of localized accumulation in 10–
30 irregular domains termed speckles, “SC35 domains” or
“splicing factor compartments” (SFCs). At the level of elec-
tron microscopy, they correspond to two distinct structures:
(i) interchromatin granules clusters (IGCs), composed of
particles measuring 20–25 nm in diameter and (ii) perichro-
matin fibrils, 3–5 nm fibrillar structures localized both at the
periphery of IGCs and in other nucleoplasmic regions, which
are the sites of nascent pre-mRNAs (for extensive reviews,
see [61, 62]) These structures were first identified using
immunostaining with specific antibodies against different
small nuclear ribonucleoproteins (snRNPs) [63, 64]. This
and other observations that show the presence of poly(A)
RNA colocalizing with snRNPs and SC35-rich domains
[65, 66] further support a link between nuclear speckles
and pre-mRNA metabolism. Pioneering mass spectrometry
studies [67, 68] and a still-growing list of publications
using immunofluorescence or live-cell imaging labeled with
tagged constructs corroborate a marked enrichment of
these compartments with factors involved in pre-mRNA
transcription and processing, especially pre-mRNA splicing.

Several models, which are not mutually exclusive, have
been proposed to explain the role of these nuclear bodies
in the regulation of gene expression: (1) they function as
storage/assembly/modification compartments that can sup-
ply processing factors to the surrounding active transcription
sites; (2) they function as sequestering sites for the dynamic
control of transcription and processing factors; (3) they serve
as functional “hubs” for coregulated genes and their prod-
ucts; (4) they play an active role in posttranscriptional pre-
mRNA processing and surveillance and/or in the coupling of
early steps of mRNA biogenesis (Figure 2).

The concept that nuclear speckles are transcriptionally
inactive compartments that serve as storage or recycling
sites of pre-mRNA metabolism complexes from which these
complexes are recruited to nearby sites of active transcription
according to demand is a widely held view supported by
many experimental results [69–77]. Importantly, recruit-
ment to active sites of transcription requires the integrity
of the carboxyl terminal domain of the RNAPII [78], which
indicates that transcriptional elongation plays a critical role
in the recruitment of pre-mRNA processing factors.

This proposal is compatible with the view that speckles
act as inhibitory sites where specific factors are actively
sequestered when their functional repression is required.
The essential splicing factor SRSF1 is sequestered into these
regions upon the induction of stress through a mechanism
dependent on the dynamic interaction of SRPK with stress
chaperone complexes, including Hsp70 and Hsp90 [79].
Similarly, the MALAT1 large noncoding (nc) RNA has
been proposed to regulate the phosphorylation-dependent
dynamics of splicing factors and their equilibrium between
nucleoplasm availability and nuclear speckle sequestration
[80]. Linking transcriptional elongation control to this
model, the 7SK small ncRNA, which is a scaffold com-
ponent of transcription elongation CDK9-CycT1 inactive
complexes together with HEXIM proteins (see below), has
been proposed to function, at least partially, by sequestering
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Figure 2: Three potential, nonexclusive models for the role of the interchromatin granule clusters (IGCs) in the regulation of transcription
and pre-mRNA processing machinery. IGCs are depicted surrounded by transcriptionally competent sites or “factories” (grey beads).
(a) IGCs may be specialized sites for the recycling and assembly of transcription (dark and light red beads) and pre-mRNA processing
complexes (dark and light green beads) through regulated posttranslational modification cycles. Dark and light hue code denotes active and
inactive pools of factors, respectively. (b) Posttranscriptional processing steps and potential surveillance of mRNA quality may be integrated
in these structures, constituting a “checkpoint link” between mRNA transcription and mRNP assembly and export. A given transcript
may include both introns that are spliced cotranscriptionally outside of the IGCs (orange lariat) and intron sequences that are processed
posttranscriptionally (dark brown stretch and lariat). The later event may be also coupled in the IGCs to surveillance mechanisms, mRNP
assembly (blue beads), and export. (c) Specific subsets of nuclear factors, such as ncRNAs (MALAT1, 7SK; see main text; depicted in the
lower panel as thin blue threads), can function as active quenchers or sequesters of transcription and pre-mRNA processing factors (red and
green beads, resp.), blocking the recruitment of these complexes from the IGCs to nearby active sites of transcription.

these inactive P-TEFb complexes at nuclear speckles [81].
However, there is currently little information known about
the actual relevance of these dynamic interactions regarding
the response of the cell to specific stimuli or its correlation
with changes in transcriptomic profiles. For example, P-
TEFb components colocalize at nuclear speckles with these
negative regulators and also with the transcription activator
adaptor Brd4 [82]. Rigorous quantitative approaches, as
opposed to qualitative descriptions, especially those address-
ing the kinetics of these interactions, such as FRET-based
studies, may complement these lines of research.

Nuclear speckles are most often adjacent to a relatively
high density of transcriptionally active regions [21, 25, 46, 71,

83–85], and these active sites mostly represent elongation-
competent complexes. Many of these active units corre-
spond to specific, functionally interrelated protein-coding
genes, and their juxtaposition to speckles may constitute
an important part of their functional program, as has been
suggested for genes involved in muscle differentiation [86].
A proposed role for nuclear speckles in these associations
is the recruitment of splicing factors at specific active genes
in early G1 phase, signaling for the subsequent recruitment
of other functionally related gene units later on in the cell
cycle [87, 88]. However, this model may be incomplete for
explaining the highly dynamic behavior of these structures
as observed by live-cell imaging. The inducible recruitment
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of active genes compared to the dynamics of nuclear
speckles has indeed been observed in live cells recently [89].
The authors proposed the following three different, nonmu-
tually exclusive interpretations for this dynamic association
such that taking the induced locus as a reference, the speckles
could either be (i) assembling de novo, (ii) gathering by
“coalescence” of smaller speckles, or (iii) recruiting the active
gene to their surface. Interestingly, this inducible spatial
correlation was dependent on the integrity of the inducible
promoter driving the construct, Hsp70, which is known to
be regulated by the activity of this model gene at the stage
of elongation. Again, these observations might indirectly
support a functional coordination between transcriptional
elongation and the recruitment of pre-mRNA processing
machinery. It remains to be fully resolved whether the
nuclear speckles have an active role in the higher-order orga-
nization and functional coordination of the expression of
specific genes or whether they rather arise as a consequence
of the spatial concentration of required factors in areas
proximal to active, coregulated genes. Importantly, it also
remains to be elucidated if there is any posttranscriptional
advantage for coregulated genes to converge at the same
speckle. It would be interesting to unravel, for example, if
subsets of genes that preferentially localize to the nuclear
speckle periphery are enriched in genes that are mostly
regulated at the level of elongation and whether both their
synthesis and processing are enhanced upon appropriate
recruitment to these compartments.

What is the behavior of the synthesized pre-mRNAs and
mRNAs as related to nuclear speckles? A majority of introns
are spliced, presumably in a cotranscriptional fashion,
outside of the nuclear speckles [90–92]. This peripheral
region of nuclear speckles can be therefore considered a
potential interphase for cotranscriptional pre-mRNA pro-
cessing. However, some introns undergo posttranscriptional
processing, and their relative accumulation can be observed
in these compartments, as in the case of intron 26 of the
COL1A1 gene. Mutations that alter the splicing of this
intron provoke increased accumulation of the transcript
in nuclear speckles [91]. These data raise the possibility
that nuclear speckles have a role in posttranscriptional or
even postmaturation steps linked to mRNA surveillance
and/or nuclear export pathways [90, 93]. Recently, a role
for these structures has been proposed in the regulation of
posttranscriptional “quality assessment” and the export of
Herpesvirus mRNAs [94]. In this case, inducible recruitment
of “viral transcription factories” to the peripheral areas
of these structures was observed. Bimolecular fluorescence
complementation (BiFC) experiments, showing the inter-
action between the exon-junction complex component Y14
and nuclear export factor 1 (NXF1) and their significant
accumulation in nuclear speckles and peripheral areas, fur-
ther indicate that export-competent spliced mRNAs localize
at speckles and that this domain might play an active role
in mRNA processing, including maturation and/or transport
[95, 96]. This model is also compatible with the apparent
subcompartmentalized organization of nuclear speckles [97,
98], which renders a “sponge-like” or “porous” structure
that would easily allow for the transit of macromolecular

complexes through its interior [99]. Coupling transcription
elongation and mRNP assembly with export has been
described in yeast and humans, and its potential relationship
with the dynamics of mRNP transit through the speckles
has been suggested recently [100–104]. Nuclear speckles
may represent specialized compartments for the appropriate
regulation and coordination of these functions.

Intriguingly, although transcription does not take place
within nuclear speckles, a large subset of transcription factors
accumulates in these regions, and transcription elongation
factors are specifically enriched in these regions. RNAPII
is also found to be associated with these compartments
[44, 68, 105]. Quantitative laser confocal analysis of ultrathin
cryosections has shown that nuclear speckles do not act as
major storage sites for inactive complexes, but they instead
contain a minor, stable pool of RNAPII molecules phos-
phorylated at the serine 2 residue of the carboxyl-terminal
domain (CTD). Importantly, this subpopulation of RNAPII-
2pSer is insensitive to DRB treatment [85, 105]. This fact
and the absence of de novo synthesis of transcripts at nuclear
speckles, as determined by UTP analogue incorporation,
suggest that these hyperphosphorylated forms of RNAPII
are not engaged in active transcription. An intriguing
interpretation might be that these RNAPII molecules serve
as a platform for posttranscriptional splicing of transcripts
that are trafficking through the speckles.

4. Gene Expression Regulation at
the Single-Cell Resolution: Studying
the Kinetics of RNA Biogenesis

The study of spatial and dynamic properties is essential for
understanding gene expression regulation. Techniques, such
as FRAP and fluorescence loss in photobleaching (FLIP),
are used to obtain very detailed information about diffusion
rates, residency times, or proportion of immobile or stably
tethered subpopulations of a given molecule in a delimited
volume in the cell at a very high temporal resolution.
Fluorescence Resonance Energy Transfer (FRET) and fluo-
rescence lifetime imaging microscopy (FLIM), BiFluorescent
complementation (BiFC), and specific applications based
on fluorescence correlation spectroscopy (FCS) allow the
monitoring and semiquantitation of close (mostly direct)
interactions between molecules and the mapping of such
interactions in relation to different structures of the cell.
The use of these techniques in the study of transcription
and pre-mRNA processing has led to interesting new
concepts regarding their regulation and nuclear organization
[106–112].

Not all nuclear factors freely diffuse through the nuclear
space. The movement of some of these are compatible
with a model in which factors “scan” unspecific genomic
sequences or/and bind components of the RNA machinery
through a weak and transient binding until they engage
in a favorable, specific assembly on their target sites [113].
Nuclear functions and organization likely arise not from the
static state of their components but from an extremely dyna-
mic equilibrium between multiple functional interactions
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[10, 114]. Rino and coworkers [115] found that nuclear
speckles acquired a rounder and more quiescent morphol-
ogy, as expected, upon transcription elongation inhibition
using the P-TEFb inhibitor DRB. However, when studying
the interchange rate of molecules bound to nuclear speckles
within the nucleoplasm pool using FLIP, they found that the
fluorescence was lost at a higher speed than it was in cells
that had not been treated with DRB. Similar studies have
been conducted for the transcription elongation complex P-
TEFb in the context of Tat-mediated transactivation of the
HIV-1 [53, 116]. Interestingly, these studies suggest that a
potential mechanism by which Tat might contribute to P-
TEFb-mediated transactivation is through the stabilization
of CDK9 binding to the transcription site, increasing its
residency time by almost tenfold. These observations suggest
that cellular factors are constantly engaged in dynamic and
highly transient interactions even within some apparently
static structures.

Specific interactions among different spliceosomal com-
ponents have also been studied in the context of nuclear
organization and live-cell behavior using FRET and FLIM
techniques. The dynamic model mentioned above is also
compatible with the presence of preassembled subcomplexes,
such as the spliceosomal components, which can be dynam-
ically recruited to form even higher-order functional com-
plexes [114]. Of note, these subcomplexes exist in even the
absence of ongoing transcription and in nuclear compart-
ments in which they do not actively function [75, 115, 117].

Recent adaptations of these techniques have been used
to study fluorescent proteins that interact with high affinity
and specificity to DNA and RNA sequences, such as the LacZ
bacterial repressor and the MS2 and PP7 nucleocapsid coat-
ing proteins, respectively. The use of engineered constructs
containing several tandem repeats of these target elements
allows for the efficient recruitment of fluorescent molecules
to the desired chromatin template or nascent transcript,
amplification of the signal, and reliable detection by conven-
tional light microscopy in living cells. FRAP measurements
can then be used to estimate the rates of transcript elongation
and release because these stages of mRNA biogenesis corre-
late with distinct kinetic steps, which can be mathematically
dissected with appropriate modeling using the gathered data.
Additionally, by combining this transcript-tagging system
with the tagging of RNAPII with a distinct fluorophore, the
dynamics of promoter binding and transcription initiation
can also be inferred using the aforementioned data of tran-
script synthesis kinetics [118]. Interestingly, transcription
appears to be a rather inefficient process, as only approx-
imately 1% of recruited RNAPII molecules are engaged in
processive transcription; however, these figures may vary
considerably depending on the genetic model studied [119,
120]. These types of studies have led to an estimation of the
rate of elongation for the human RNAPII of ∼4.3 kb/min,
although these figures can also vary widely depending on the
experimental setting used [118, 121]. For example, a study
based on the HIV-1 gene yielded unexpectedly long pausing
times for RNAPII units located at the proximal promoter
and 3′ terminal regions with an estimated elongation rate
of ∼1.7 kb/min [53, 119]. An important, unresolved issue

is the unification of the mathematical models used to infer
the kinetic properties of transcription elongation because
considering or excluding certain phenomena in the refer-
ence model can drastically affect the entire interpretation
[121].

These tools have been used not only for characterizing
transcription dynamics, but also for facilitating the study
of the in vivo functional coupling between transcription
elongation and pre-mRNA processing, allowing us to obtain
novel insights into the basis of pre-mRNA processing in the
living cell. For example, it has been determined that early-
spliceosomal components are actively recruited to transcrib-
ing genes lacking intronic sequences [122]. These obser-
vations are in accordance with previous biochemical and
functional studies that describe a stable interaction between
the initiating RNAPII complexes and the U1 snRNP [123].
In fact, stepwise cotranscriptional recruitment of the spliceo-
some has been reported recently [124]. Importantly, global
splicing inhibition did not prevent recruitment of spliceoso-
mal components to the active transcription site, further sup-
porting that nuclear organization and coordination of pre-
mRNA metabolism are significantly determined by tran-
scription.

Finally, innovative microscopy and spectroscopy tools,
coupled with powerful statistical analysis and modeling,
have led to the first studies in estimating the dynamics
of transcription at the single-molecule resolution [121,
125]. These novel approaches will allow us to gain further
insights regarding single-cell behavior, and the aspects of
noise, robustness, and cell-to-cell variability in pre-mRNA
formation and processing, which may be important to
globally understand the regulation of gene expression.

5. Concluding Remarks

The quantitative study of the spatial and dynamic aspects
of transcription and pre-mRNA processing is revealing itself
as an essential complement to well-established, classical
biochemistry-based approaches to fully understand how the
regulation of gene expression is exerted in the cell. As stated
in this review, many recent insights that help to explain
long-standing questions regarding mRNA biogenesis could
not have been achieved otherwise. However, these studies
also give rise to important new questions. What is the
functional relevance of spatial organization and regulation
of dynamics in the different stages of mRNA biogenesis for
the cell in a given context? Can we obtain a genome-wide
picture of these parameters for all protein-coding genes in a
systematic manner? How is cell-to-cell variability regulated
within a cellular population to be advantageous for the
cellular population as a whole? Is the dynamic regulation of
the spatial distribution of the involved factors an essential
component for the fine tuning of functional coupling of
transcription elongation and pre-mRNA processing? It is
expected that there will be a remarkable increase in the usage
and optimization of these approaches, combined with more
conventional biochemical and functional approaches, in the
study of all aspects of mRNA formation and function.
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Recent studies on yeast transcriptome have revealed the presence of a large set of RNA polymerase II transcripts mapping to
intergenic and antisense regions or overlapping canonical genes. Most of these ncRNAs (ncRNAs) are subject to termination by
the Nrd1-dependent pathway and rapid degradation by the nuclear exosome and have been dubbed cryptic unstable transcripts
(CUTs). CUTs are often considered as by-products of transcriptional noise, but in an increasing number of cases they play a
central role in the control of gene expression. Regulatory mechanisms involving expression of a CUT are diverse and include
attenuation, transcriptional interference, and alternative transcription start site choice. This review focuses on the impact of cryptic
transcription on gene expression, describes the role of the Nrd1-complex as the main actor in preventing nonfunctional and
potentially harmful transcription, and details a few systems where expression of a CUT has an essential regulatory function. We
also summarize the most recent studies concerning other types of ncRNAs and their possible role in regulation.

1. Introduction

The development of new technologies in the field of trans-
criptome analysis has revealed an unexpected level of com-
plexity in the eukaryotic transcription landscape. High-resol-
ution techniques as tiling arrays and, more recently, RNA
deep-sequencing have shown that a large proportion of tran-
scripts are not associated to well-defined functional units as
genes, rRNA, tRNA, and so forth, giving rise to the concepts
of “pervasive” and “hidden” transcription [1, 2]. Those tran-
scripts are often rapidly degraded, so that they remain invisi-
ble unless RNA degradation is prevented, for example, by in-
activation of the degradation machinery.

Recent deep sequencing of nascent transcripts [3] has al-
lowed a more direct analysis of RNA polymerase distribution
in wild-type yeast cells obviating the need for working in mu-
tants of the degradation pathway. These experiments have
nicely confirmed the existence of hidden transcription.

In the yeast Saccharomyces cerevisiae, the main class of
non-coding unstable RNAs transcribed by the RNA polymer-
ase II is constituted by the Cryptic Unstable Transcripts

(CUTs). CUTs are capped, relatively small, with an average
length of 200 to 500 bp and with heterogeneous 3′ ends [4].
Their transcription is terminated by a pathway dependent
upon the Nrd1 complex (see below), which targets them for
polyadenylation and degradation by the TRAMP complex
and the nuclear exosome, respectively [5, 6].

Work from two independent groups has provided a de-
tailed picture of the genomic distribution of CUTs [7, 8],
showing that the vast majority of these transcripts originate
from nucleosome-free regions (NFRs) corresponding to pro-
moter regions of bona fide genes. Importantly, most of the
identified CUTs are transcribed divergently from the pro-
moter region of annotated genes, suggesting that yeast pro-
moters are intrinsically bidirectional. At least two different
mechanisms control the intrinsic bidirectionality of promot-
ers, which is a potential source of interference in gene ex-
pression. The first acts at the level of chromatin structure and
involves different protein complexes implicated in modifica-
tion of histones or chromatin remodelling that minimize
spurious initiation [3, 9]. The second is the Nrd1-dependent
termination pathway, mentioned above, which provokes
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early termination and degradation of the transcripts
(Figure 1). In addition to the more frequent antisense CUTs,
a non-negligible number of CUTs overlap genes that are
transcribed in the same sense. Some of these CUTs have
been involved in the regulation of their cognate genes [7,
10–12]. Therefore, CUTs can be by-products of divergent
transcription, but also functional units with an important
role in the control of gene expression.

Another abundant class of non-coding RNAs has been
named SUTs for Stable Unannotated Transcripts [8]. Their
origin is the same as for the CUTs (5′ and 3′ end NFRs), but it
has been proposed that they differ in their transcription ter-
mination mode since they are stable, and thus detectable in
wild-type conditions, and often longer than CUTs [1]. How-
ever this aspect remains elusive because inactivation of a
component of the canonical mRNA termination pathway
that depends on the CPF-CF complex (Cleavage and Poly-
adenylation Factor- Cleavage Factor I) has only a minor effect
on the termination of the SUTs tested [13]. A regulatory role
for at least a subset of SUTs has also recently been described
[14]. Finally, a new category of ncRNAs has been described
very recently, which includes mainly antisense transcripts
that are stabilized upon mutation of the major cytoplasmic 5′

to 3′ exoribonuclease Xrn1p [15]. These ncRNAs have been
designed as XUTs for Xrn1-sensitive Unannotated Tran-
scripts. It has to be noted that often the distinction between
XUTs and other ncRNAs is blurry as considerable overlap
exists between these three classes of transcripts [7, 8]. A role
in repression of gene expression has been proposed for a sub-
set of XUTs and their impact on transcription seems to be
more prominent under stress conditions.

Because CUTs are by far the best-characterized class of
ncRNAs in terms of origin, metabolism, and implication in
regulation of gene expression, in this review we focus on the
Nrd1-dependent termination pathway and its key role in
limiting pervasive transcription and we describe the mechan-
isms of regulation that involve expression of a CUT. We also
detail other cases of regulation mediated by ncRNAs belong-
ing to other categories as SUTs or XUTs. The impact of cryp-
tic transcription on global gene expression as well as the
possible biological significance of this special way of regula-
tion will be discussed.

2. Early Termination and Degradation in
the Control of Cryptic Transcription

Pervasive transcription constitutes a risk for the cell that is
controlled at different levels. Translation of aberrant or de-
fective mRNAs that could result in toxic proteins is prevented
by the nonsense-mediated decay (NMD), nonstop decay
(NSD), and no-go decay (NGD) pathways in the cytoplasm
[16]. However, those pathways act late in the expression pro-
cess and cannot preclude possible interference of cryptic
transcription with normal transcription of genes as, for ex-
ample, by impeding binding of activator proteins to the pro-
moter region of a downstream gene or by collision with elon-
gating polymerases on a convergent gene [17–19]. Some of
these deleterious effects are circumvented by the action of the

Nrd1-complex that simultaneously elicits termination ear-
ly in transcription and recruits the exosome-TRAMP com-
plexes to their target RNAs, facilitating polyadenylation and
consequential degradation of the transcripts [20]. The exo-
some is a conserved multisubunit complex with both endo-
nuclease and 3′–5′ exonuclease activities that functions in
degradation of defective transcripts as well as in processing
of 3′ ends of stable ncRNAs (snRNAs, snoRNAs, and the 5.8S
rRNA). The exosome has a nuclear and a cytoplasmic forms
that share a core of ten proteins, being Rrp44p (also named
Dis3p) the sole catalytic subunit of the core exosome. The
nuclear form of the exosome possesses an additional exonu-
clease, Rrp6p, that also partakes in the degradation of CUTs
(reviewed in [16]). The TRAMP complex has two alternative
forms with a common structure, containing a poly-A poly-
merase (either Trf4p or Trf5p, Trf4p-containing complexes
being more abundant), the DexH-box helicase Mtr4p and a
zinc-knuckle RNA binding protein (either Air1p or Air2p).
In contrast to the protective role of poly-A tails in mRNAs,
polyadenylation by the TRAMP complex promotes exosome-
mediated degradation, which is thought to be due to the
lower processivity of Trf4/5, compared to the mRNA poly-A
polymerase [21] and/or the shorter length of the poly-A tails
added by the TRAMP complex [22]. The coupled action of
the Nrd1-termination complex and the nuclear exosome
allows controlling the production of aberrant transcripts at
a stage prior to RNA export, possibly avoiding flooding the
downstream RNA quality pathways mentioned above (NMD,
NGD, etc.).

Even though the TRAMP complex and the nuclear exo-
some are important actors in the control of pervasive trans-
cription, their role has been extensively reviewed elsewhere
[23]. We will focus here on the properties of the Nrd1-com-
plex and the data that contribute to elucidate the mecha-
nisms of termination.

3. The Nrd1-Nab3-Sen1 Termination Complex

The Nrd1 complex was first identified for its role in termina-
tion and exosome-mediated maturation of sn- and snoRNAs
[24]. Subsequently, it was shown to be responsible for ter-
mination of the novel class of ncRNAs designed as CUTs [5,
6].

The Nrd1 complex is composed by the RNA binding pro-
teins Nrd1p and Nab3p and the RNA and RNA-DNA helicase
Sen1p. Nrd1p is an essential 63 kDa protein that contains an
Nab3p interacting region, an RNA recognition motif (RRM)
and an N-terminal region that allows interaction with the
C-terminal domain (CTD) of the large subunit of RNAP II
(CID, CTD Interacting Domain [25, 26]). The CTD of RNAP
II consists of tandem repeats of a hepta-peptide (YSPTSPS)
that is subjected to different post-translational modifications
throughout the transcription cycle and that serves as a land-
ing pad for many proteins involved in key processes such as
capping, elongation, termination, and splicing [27]. Phos-
phorylation at serines 2, 5, and 7 has been shown to be cri-
tical for the function and shape of the CTD. Nrd1p interacts
preferentially with the Ser5-P form of RNAP II CTD in vitro
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Figure 1: Complexity of the transcriptional landscape in yeast. Transcription of genes encoding stable RNAs by RNAP II is indicated by
black lines and cryptic transcription originated from 5′ and 3′ nucleosome free regions (NFRs) is depicted in red. Initiation of transcription
is represented by bent arrows and nucleosomes are depicted by grey ovals. Transcription can lead to the production of polyadenylated
mRNAs that are competent for export to the cytoplasm and subsequent translation. Initiation of cryptic transcription is minimized by chro-
matin modifying and remodelling complexes (CMRs) that impose a repressive structure on the chromatin. When those mechanisms are
insufficient, the Nrd1 complex terminates transcription and recruits the TRAMP and exosome complexes, which leads to polyadenylation
and degradation of the generated CUT.

but colocalizes genomewide with the Ser7-P form in vivo [26,
28], suggesting an important role of the latter modification.
Nab3p is an essential 90 kDa protein that contains an N-ter-
minal domain rich in D and E, a central RRM, and an essen-
tial P/Q-rich C-terminal domain of unknown function [29].
It interacts directly with Nrd1p and with Sen1p [29, 30].
Mutational analysis of Nrd1-dependent termination substra-
tes and RNA-binding assays performed with purified RRMs
has led to identification of GUAA/G and UCUU as binding
sites, respectively, for Nrd1p and Nab3p [31–33]. In addition,
in vivo RNA-protein crosslinking experiments (CRAC) have
recently shown that the preferred binding site for Nab3p in
vivo is CTTG [22]. Sen1p is an essential 252 kDa protein with
a role in termination of ncRNAs as well as several mRNAs
[34] that also functions in DNA repair [35, 36]. The first 975
amino acids of Sen1p are dispensable for growth but are in-
volved in the interaction with RNAPII, the RNAse III-like
endonuclease Rnt1p, and the nucleotide excision repair end-
onuclease Rad2p [35], while the C-terminal half contains the
essential helicase domain and a motif required for interaction
with the Glc7p phosphatase, which dephosphorylates Sen1p
in vitro [30].

Unlike the canonical mRNA termination pathway that
depends on the CPF-CF complex and functions late in trans-
cription, Nrd1-dependent termination is efficient only with-
in a window of less than 1000 bp after transcription initia-
tion, where the RNAP II CTD is phosphorylated mainly at
Ser5 and Ser7 [28, 37–40].

Although it has been shown that Ser5-P (and possibly
Ser7-P) favors Nrd1-dependent termination while Ser2-P
antagonizes it [37], the correlation between CTD phospho-
rylation and termination remains not fully elucidated and

the correct levels of each modification appear to be crucial.
Consistent with this notion, mutation of proteins involved in
the modification of the CTD, such as the Ser2 phosphatase
Fcp1p [37], the Ser2 kinase Ctk1p [24], the Ser5 kinase
Kin28p, the phosphatase Ssu72p [41, 42], and even the Ser-
Pro isomerase Ess1p [43] affects negatively Nrd1-dependent
termination. Interestingly, moreover, the role of the CTD and
its modifications in termination might not pertain directly to
its interaction with Nrd1p because a nrd1-ΔCID mutant does
not exhibit any detectable termination defect [26].

In contrast to the interaction with the CTD, interaction
with the RNA is strictly required for Nrd1-dependent ter-
mination [24, 26, 29, 37], although the abundance of the
known Nrd1p and Nab3p recognition sites within the diffe-
rent termination substrates is highly variable, ranging from
one to more than twelve sites [5, 10]. This variability sug-
gests that additional termination signals yet unidentified
might exist. Indeed, recent results obtained in our laboratory
have revealed new motifs involved in Nrd1-dependent ter-
mination as well as specific arrangement of sites that are re-
quired for the termination signals to be functional (Porrua
et al., unpublished). The heterogeneity among termination
substrates concerns not only the cis-acting elements but also
the trans-acting factors involved in Nrd1-dependent termin-
ation. For example, mutations in the catalytic site of the pro-
lyl isomerase Ess1p provoke a defect in termination of a set
of snoRNAs but termination of other snoRNAs and a large
share of CUTs remain unaffected [43]. In addition, the poly
A-binding protein Hrp1p seems to be implicated in termin-
ation of some CUTs tested but not others [10]. Furthermore,
mutation or deletion of genes encoding proteins involved in
histone modification as the histone methyltransferase SET1
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and the histone deacetylase complex Rpd3L exacerbates the
termination defects of NRD1 mutants at most of the CUTs
and snoRNAs analyzed but not all [44]. This apparent com-
plexity is maybe the reason why the precise mechanism of
Nrd1-dependent termination remains largely not under-
stood. Further work, especially with in vitro systems, is need-
ed to fully understand the exact role of each of the proteins
involved as well as to dissect the different steps leading to
transcription termination.

4. Cryptic Transcription in the Control of
Gene Expression

Most of the CUTs that function in the regulation of gene ex-
pression identified thus far are located upstream or overlap
the regulated gene and in the sense orientation. Production
of the regulatory CUT normally has a negative impact on
transcription of the downstream gene and this effect is exert-
ed in cis CUTs can share the TATA box and/or the transcrip-
tional start sites with the regulated gene or can use their
owns, implying different mechanisms by which regulation
occurs. In this section, we review the best-characterized ex-
amples of CUTs implicated in regulation and we briefly com-
ment other types of ncRNAs that also control the expression
of genes by different mechanisms.

4.1. Regulation by Attenuation. The term “attenuation” refers
to negative control by a CUT that shares both the TATA box
and the transcriptional start sites (TSS) with the regulated
gene. After transcription initiation, a fraction of the elongat-
ing polymerases is subjected to early termination by the
Nrd1-dependent pathway, which generates a non-functional
CUT. Only the molecules that escape premature termination
can proceed until the CPF-dependent terminator sequences,
thus producing a functional mRNA molecule (Figure 2(a)).

The first and the best-characterized example of attenua-
tion is autoregulation of NRD1 itself. The NRD1 transcript
behaves both as an mRNA and as a CUT because it contains
all the determinants for Nrd1-dependent termination and
degradation, as well as the sequences required for normal ter-
mination and 3′ end formation by the canonical CPF-de-
pendent pathway. The full-length NRD1 mRNA is upregulat-
ed upon mutation or inactivation of NRD1, Nab3p, or SEN1,
[24, 45]. Nrd1 has a relatively long 5′UTR of about 300 bp
that contains Nrd1p and Nab3p binding sites. This sequence
is sufficient for triggering Nrd1-dependent termination
when inserted into an exogenous gene and provokes a 3- to-
4-fold reduction in the levels of NRD1 mRNA [24]. At least
13 additional Nrd1p- and Nab3p-binding sites are spread
within the first 600 bp of NRD1 coding sequence. Mutation
of these motifs individually has a modest, if any, effect on
NRD1 autoregulation, but mutation of all of them in conjun-
ction with modification of the sites in the 5′UTR provokes
an additional 2-fold increase of mRNA levels, indicating that
sequences within the coding sequence contribute to autore-
pression [6].

Another gene that shares this mode of regulation is
HRP1. As in the case of NRD1, the HRP1 5′UTR is sufficient

to trigger early termination when inserted in an exogenous
gene. Termination is impaired upon mutation of the compo-
nents of the Nrd1-complex, but, interestingly, it is also nega-
tively affected by mutation of HRP1 itself [10, 34]. Hrp1p is
an RNA-binding protein that interacts with AU dinucleotide
repeats and is implicated in pre-mRNA cleavage and poly-
adenylation [46] and mRNA export from the nucleus [47].
The work of Kuehner and coauthors suggests that Hrp1p acts
in concert with the Nrd1-complex to regulate its own expres-
sion and possibly the expression of other genes that are sub-
jected to attenuation.

4.2. Regulation by Transcriptional Interference. One of the
best examples of transcriptional interference that implicates
the production of a CUT relates to the control of the SER3
gene, whose product catalyses a step in serine byosynthesis,
in response to serine availability. The expression of SER3 is
activated in the absence of serine and is repressed under
serine-replete conditions by the expression of an upstream
CUT designed as SER3 Regulatory Gene 1 (SRG1) [48]. SRG1
is transcribed from its own promoter and TSS, which are
different from those of SER3, and it extends up to the first
nucleotides of the SER3 coding region.

In the presence of serine, the sequence-specific activator
Cha4p recruits the Swi/Snf chromatin remodeler and the
SAGA complex to SRG1 promoter region. These factors to-
gether activate transcription of SRG1 that subsequently im-
pedes binding of transcription activators and the TATA-bind-
ing protein to the SER3 promoter region [11, 48]. Recent re-
sults have shown that the mechanism of transcriptional inter-
ference involves the assembly of nucleosomes over the SER3
promoter region upon transcription of SRG1, a process that
is mediated by the action of Spt6p and Spt16p, two histone
chaperones that facilitate disassembly and reassembly of
nucleosomes [49]. In the absence of serine, Cha4p does not
interact with Swi/Snf and SAGA complexes, so transcription
activation of SRG1 does not take place and an NFR is form-
ed at the SER3 promoter region, allowing the binding of
sequence-specific activators that are required for full expres-
sion of SER3 (Figure 2(b)).

Termination of SRG1 transcription occurs at two consec-
utive sites, being termination at the first site dependent on
the Nrd1-complex and termination at the second site pre-
sumably dependent on the CPF-pathway. Given that expres-
sion of SRG1 is strong and that each terminator alone might
not be sufficiently efficient, the presence of a second ter-
minator could constitute a fail-safe mechanism to prevent
the production of a chimeric SRG1-SER3 transcript. Indeed,
depletion of the Nrd1 leads to the accumulation of SRG1-
SER3 RNAs that might eventually give rise to functional
Ser3p protein under repressing conditions or to aberrant,
potentially toxic translation products [5].

A similar mechanism of transcriptional interference might
operate on regulation of ADH1 and ADH3 expression in res-
ponse to zinc-limitation. ADH1 and ADH3 encode two diff-
erent zinc-dependent alcohol dehydrogenases that are re-
pressed during zinc deficiency by the small upstream trans-
cripts ZRR1 and ZRR2, respectively. Expression of
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Figure 2: Summary of regulatory mechanisms involving production of ncRNAs Transcription is depicted by dashed arrows, ncRNAs by red
lines, and mRNAs by black lines. Transcription start sites (TSSs) are indicated by bent arrows. Red boxes indicate Nrd1-dependent termina-
tion signals. (a) Regulation by attenuation: a given transcription initiation event can give rise to either an unstable transcript generated by
premature termination by the Nrd1 complex or a stable mRNA if transcription is allowed to reach the CPF-dependent terminator. (b) Regu-
lation by transcriptional interference: transcription of a CUT (or a stable RNA) occludes the promoter of a downstream mRNA gene thus
impairing pre-initiation complex assembly and subsequent expression of the gene. (c) Regulation by alternative TSS choice: transcription ini-
tiation can occur either at an upstream or a downstream TSS. When the upstream TSS is selected, Nrd1-dependent termination signals are
included in the transcript, leading to transcription termination and production of a CUT. When transcription starts at the downstream TSSs,
these signals are skipped and a functional mRNA is produced. Regulation occurs at the level of TSS selection. (d) Regulation by antisense
transcription: antisense transcription impairs the sense of mRNA production without affecting the initiation step. (e) Regulation by antisense
ncRNA: long ncRNAs are able to act in cis and in trans to recruit chromatin-modifying enzymes and silence the sense gene. In this case,
regulation is mediated by the ncRNA.
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the upstream ncRNA is activated by the zinc-responsive re-
gulator Zap1p, and transcription through the ADH1 and
ADH3 promoter regions prevents binding of the required
transcriptional activators [50]. Whether repression involves
nucleosome deposition as for SER3 regulation remains to be
assessed. Both transcripts are relatively stable and detectable
in a wild-type strain, however, at least part of the termination
might be Nrd1-dependent since they are recovered in the
CUT fraction in deep sequencing transcriptome analysis [7].

Finally, strong expression of upstream sense CUTs has
been detected at some genes involved in glycolysis as TPI1,
GPM1, and FBA1. These CUTs are expressed from their own
promoter and TSS and are antiregulated relative to their asso-
ciated mRNA, suggesting that they might be subjected to the
same mechanism of transcriptional interference as SER3 [7].

4.3. Alternative Transcriptional Start Site (TSS) Choice. Sev-
eral genes of the nucleotides biosynthetic pathways URA2,
IMD2, URA8, and ADE12, involved in synthesis of UTP,
GTP, CTP, and ATP, respectively, are regulated by nucleotide
availability and are activated when a given nucleotide is miss-
ing. All these loci share a similar organization with a 5′ over-
lapping CUT that is important for regulation (Figure 2(c)).
The examples of IMD2 and URA2 are the best described
[10, 12]. In both cases, expression of the CUT and the mRNA
is driven by a common promoter but transcription can start
either at an upstream or a downstream site. The region bet-
ween the two consecutive TSSs contains all the sequence ele-
ments required for Nrd1-dependent termination and degra-
dation, so that the use of the upstream TSS leads to the pro-
duction of a CUT. On the contrary, when transcription starts
at the downstream site, the Nrd1 complex termination sig-
nals are skipped and the whole coding sequence can be trans-
cribed, leading to the production of a functional mRNA.
Selection of the mRNA TSS only occurs under activating
conditions (i.e., shortage of the specific nucleotide) while
only the CUT TSS is used under nucleotide replete condi-
tions. However, since the common promoter is always active,
most of the regulation occurs after preinitiation complex
assembly at the step of start site selection.

The presence of the upstream TSS has a clear inhibitory
effect on expression of the mRNA under nonactivating con
ditions, due to the fact that most polymerases never make
it to the downstream TSS. Indeed, it has been shown that
mutation or deletion of the IMD2 CUT impairs full repres-
sion under guanine replete conditions [51]. Similarly, pre-
venting production of the URA2 CUT by mutation of its start
site leads to expression of URA2 mRNA even under nonacti-
vating conditions [12].

What induces the selection of the downstream TSS upon
activation remains, however, not fully clarified. It has been
shown that under activating conditions the upstream CUT is
still transcribed at the same levels as in repressing conditions
in the case of URA2 and to somewhat lower levels in the
case of IMD2. Therefore it remains an open question wheth-
er the selection of the mRNA TSS occurs because of increas-
ed read-through at the upstream CUT TSS or by some in-
dependent mechanism. Consistent with the first notion, it
has been proposed that under GTP shortage, the upstream

TSS is skipped at the IMD2 locus because it involves a G as
the starting nucleotide thus allowing initiation to the down-
stream mRNA start site [10]. However, regulation at URA2
has been shown to be different [12]. In this case, transcrip-
tion of the CUT always starts at an A (not at U as the pre-
vious model would predict) and it is therefore difficult to
imagine how UTP shortage could prevent initiation just bas-
ed on nucleotide availability. Rather, it has been shown that
activation of the mRNA sites requires a T-rich sequence com-
prised in the region between the CUT and the mRNA start
sites and thus transcribed only at the CUT level [12]. This
regulatory mechanism has revealed to be extremely complex
and might be considerably different from one system to ano-
ther. Additional work needs to be done on the different
models to clarify the aspects that remain elusive. For exam-
ple, it is unclear thus far whether, in addition to its repres-
sive role under nonactivating conditions, expression of the
upstream CUT plays any active role in selection of the down-
stream TSS upon nucleotide shortage [12]. However, it is
clear that the Nrd1-dependent termination-degradation
pathway plays an essential role in diverting the constitutive
expression of a gene to a nonfunctional pathway, terminating
and degrading transcripts initiated under conditions that do
not require expression of the gene.

4.4. Other Ways of Regulation Involving an ncRNA. In this
section, we include the most relevant cases of gene regulation
that are mediated by other types of ncRNAs whose produc-
tion is in principle independent of the Nrd1p pathway.

As we mentioned before, a second abundant class of
ncRNAs includes stable transcripts that are originated by 5′

and 3′ NFRs as the CUTs and receive the name of SUTs. A
recent genomewide study has shown that around 5% of genes
overlap an SUT that is transcribed in the opposite strand
and extends beyond the TSS of the gene. This set of ORFs
is enriched in stress response and environment-specific genes
and exhibits a larger expression dynamic range upon enviro-
nmental changes, although identical maximal levels of ex-
pression, than genes with other configurations. The authors
propose that in most cases, transcription of the antisense
SUT represses expression of the sense gene under nonactivat-
ing conditions, which more efficiently locks the gene in an
off-state under nonactivating conditions [14]. In addition
to this possible general role of antisense transcription, con-
dition-specific repression of a gene by an antisense ncRNA
has been described in a number of cases. These sense-anti-
sense modules can act through different mechanisms. They
can act either in cis or in trans and several of them have been
shown to be physiologically regulated as it is the case for the
PHO84, IME4, ZIP2, or the GAL1-GAL10 loci.

IME4 and ZIP2 are two genes specifically expressed dur-
ing meiosis and repressed in haploids by the cognate anti-
sense ncRNAs RME2 and RME3, respectively [18, 52]. These
antisense transcripts provide a sophisticated way to activate
genes as they are transcriptionally repressed in diploids by
the a1p/α2p heterodimer, allowing expression of the meiotic
genes. Control by RME2 and RME3 only works in cis and
via a transcriptional interference-like mechanism. However,
RME2 and RME3 ncRNAs do not need to extend until the
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promoter region of IME4 and ZIP2 to exert their inhibitory
function and TBP is always present in the 5′ of the sense
genes IME4 and ZIP2, even under repressive conditions. This
suggests that the antisense RNA does not prevent formation
of a preinitiation complex upstream of the sense gene but
acts later, possibly by preventing elongation of the sense RNA
(Figure 2(d)).

The GAL1-GAL10 locus provides another example of cis-
regulation by an ncRNA. At this locus, a transcript anti-
sense to GAL10 is generated only in glucose while GAL1 and
GAL10 are silent whereas it becomes undetectable in gala-
ctose media when GAL1 and GAL10 are active. This antisense
RNA allows full repression of the GAL locus in low glucose
conditions presumably by controlling the recruitment of
chromatin remodelling enzymes such as the histone methyl-
transferase Set1p and the histone deacetylase complex Rpd3S
[53, 54].

The PHO84 gene is also controlled by an antisense
RNA. The ncRNA represses PHO84 transcription through
different mechanisms as it acts not only in cis but also
in trans and in both cases, production of a long antisense
RNA spanning the PHO84 gene until its UAS sequence
is necessary (Figure 2(e)). PHO84 is regulated in ageing
cells, when the antisense RNA is stabilized thus turning off
PHO84 expression. cis- antisense-mediated silencing requires
recruitment of the histone deacetylase Hda1/2/3 which de-
acetylates histones at the PHO84 promoter locus [55]. The
endogenous copy of PHO84 can also be silenced in trans by
production of the antisense RNA from a plasmid, but in this
case the silencing does not involve Hda1/2/3 [56].

The Ty1 transposon is also partially regulated by an anti-
sense unstable transcript. This antisense RNA acts in trans to
repress both mobility and expression of Ty1 [54]. The Ty1
antisense ncRNA is an XUT, and in a very recent work from
van Dijk et al. [15], the authors propose that, as in the case of
Ty1, many other genes are transcriptionally repressed by their
antisense XUTs by a mechanism of silencing dependent on
the action of the methyltransferase Set1p. Since repression is
observed upon inactivation of the cytoplasmic RNAse Xrn1p,
and subsequent stabilization of XUTs, an important mecha-
nistic aspect that remains to be elucidated is how these cyto-
plasmic RNAs manage to exert their repressive role in the
nucleus.

Additional data support a link between noncoding trans-
cription and silencing [57, 58]. However, in contrast to the
regulatory systems mentioned above where an ncRNA pro-
motes silencing, here stabilization of an ncRNA derived from
heterochromatic rDNA spacer region counteracts silencing
through modifications in the structure of chromatin. None-
theless, whether this effect on silencing is mediated by trans-
cription itself or by the ncRNA is still unclear.

Finally, a different example of regulation is that of the
PHO5 locus, where transcription of an ncRNA antisense to
PHO5 is necessary for nucleosome eviction at the promoter,
which is required for transcriptional activation of the gene
[59]. Thus, in this case the ncRNA plays a positive role in
transcription, in contrast to the previously mentioned ncR-
NAs, which impact negatively the expression of the cognate
genes.

5. Concluding Remarks

Cryptic transcription is widespread in yeast. Recent genome-
wide analyses of Saccharomyces cerevisiae transcriptome have
revealed more than 1400 CUTs/SUTs generated by NFRs,
mainly at promoter regions of bona fide genes, either sense or
antisense to the associated gene [7, 8]. These studies have,
however, been performed only in a few physiological condi-
tions (exponential growth supported by a limited number of
carbon sources) and upon mutation of only some of the
components of the exosome and TRAMP complexes. There-
fore, it is possible that many additional ncRNAs are produced
under different conditions or in different growth phases.
Consistently, a number of new unannotated transcripts have
been detected upon deletion of the RNA exonuclease Xrn1p
[15]. In addition, a recent analysis of the yeast transcrip-
tome during sporulation has revealed the presence of new
ncRNAs specific of the meiotic phase designed as MUTs for
Meiotic Unannotated Transcripts [60]. Furthermore, several
additional CUTs have been identified upon mutation of the
catalytic subunit of the core exosome Dis3p (Gudipati et al.,
unpublished results). In addition to ncRNAs originated at 5′

and 3′ NFRs, cryptic transcription can occur at regions inter-
nal to genes upon mutation of the histone chaperones Spt6p
and Spt16p [61], as well as the histone deacetylase complex
Rpd3S and the histone methyltransferase Set2p [62], pre-
sumably because of the formation of transitory NFR in cod-
ing regions that can unveil cryptic promoters. This is in
agreement with the notion that the chromatin structure plays
an important role in the control of cryptic transcription.

The occurrence of such a high level of cryptic transcrip-
tion might imply that transcription initiation by eukaryotic
RNAPII can occur with relatively low specificity in the absen-
ce of active mechanisms to prevent it. This behavior is rather
different from that of the prokaryotic RNA polymerase,
which always binds motifs that are quite conserved and ini-
tiates transcription at a defined distance downstream from
the promoter sequences [63]. In many ways, this intrinsic
“promiscuity” of the eukaryotic RNAPII constitutes a disad-
vantage as it requires efficient pathways to (i) counteract the
potentially deleterious effects of pervasive transcription on
the expression of functional transcripts (e.g., the Nrd1-de-
pendent termination pathway) and (ii) degrade a large
amount of nonfunctional or aberrant RNAs that could im-
pact negatively the physiology of the cell, for example, by seq-
uestering the export and translation machineries or by pro-
ducing toxic protein products upon translation (e.g., nuclear
and cytoplasmic RNA quality control pathways). In spite of
these drawbacks, the maintenance of such flexibility might
imply some evolutionary and/or functional advantages. For
instance, it is possible that the production of a plethora of dif-
ferent ncRNAs allows some of them to evolve towards fun-
ctional molecules, which would then be stabilized and confer
higher fitness to the cell. In addition, a high flexibility in
transcription initiation provides multiple opportunities for
regulation, enabling the development of sophisticated regu-
latory mechanisms as those reviewed here.

The expression of the ncRNA normally plays a repressive
role on transcription of the cognate gene. In general, genes
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that are subjected to both positive and negative control have
a higher dynamic range of expression, which allows a fine-
tuned response to environmental conditions [14]. In addi-
tion, active repression under nonactivating conditions mini-
mizes “leakyness” in gene expression, avoiding production of
proteins when they are not required by the cell and/or waste
of energy. A remaining question is why the relatively com-
plex negative control involving production of an ncRNA
should be more advantageous than a classical regulation sys-
tem based on protein repressors. The answer is not always ob-
vious. In the case of regulation by attenuation, where the
Nrd1-complex elicits partial premature termination, this
mechanism provides an efficient way for the proteins involv-
ed in termination to control their own production by a feed-
back loop. The mechanism of transcriptional interference
might allow transcriptional activators to be turned into re-
pressors using the same molecular mechanism by which they
both promote expression of the target genes and transcrip-
tion of an ncRNA that prevents expression of the repressed
genes. Finally, the regulation by alternative TSS selection
seems to be associated to particular metabolic pathways
(i.e., nucleotides biosynthesis) that require a fast response to
environmental changes because they lead to the production
of key molecules whose shortage would impact many cellular
processes. A promoter that is already activated but not physi-
ologically functional because it leads to the production of a
CUT is more susceptible to be diverted to a functional state
in the presence of the appropriate signal because it is end-
owed with the proper chromatin structure and a repertory of
transcription factors and RNAPIIs. In that sense, production
of the CUT would enable a “preactivated” state of the pro-
moter, so that it would be ready for a fast response to chang-
es in the intracellular environment.

Among the hundreds of ncRNAs that are associated to
bona fide genes, only a few have been studied thus far and it
is likely that expression of many more is modulated by the
presence of an ncRNA and that additional regulatory mech-
anisms exist. Much more experimental work is needed to
evaluate the global impact of cryptic transcription on gene
expression and to unveil the multiple associated mechanisms
of regulation.

In conclusion, this paper is focused on the main pro-
gresses in the study of ncRNAs done in the model organism
Saccharomyces cerevisiae over the last years. However, the
phenomenon of cryptic transcription and the regulation of
gene expression by ncRNAs are conserved from yeast to ani-
mals. The most relevant works concerning the characteriza-
tion of the noncoding transcriptome and the multiple cate-
gories of ncRNAs, as well as their associated regulatory fun-
ctions, present in higher eukaryotes are nicely detailed in
other recent reviews [1, 2, 64].
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The model organism Saccharomyces cerevisiae has allowed the development of new functional genomics techniques devoted to the
study of transcription in all its stages. With these techniques, it has been possible to find interesting new mechanisms to control
gene expression that act at different levels and for different gene sets apart from the known cis-trans regulation in the transcription
initiation step. Here we discuss a method developed in our laboratory, Genomic Run-On, and other new methods that have
recently appeared with distinct technical features. A comparison between the datasets generated by them provides interesting
genomic insights into the different layers of gene regulation in eukaryotes.

1. Functional Genomics Techniques as a
Driving Force for Biology

In the 1980s, Sidney Brenner stated that, “. . .progress (in biol-
ogy) depends on the interplay of techniques, discoveries and
new ideas, probably in that order of decreasing importance”
[1]. It is absolutely true that most scientific revolutions
have appeared after technological developments which are,
directly or indirectly, the bases for obtaining new kinds of
data which, in turn, have led to the emergence of new ideas
among contemporary scientists. This statement also holds
true for the commonest case of nonrevolutionary develop-
ments. All new tools created by scientists or technicians are
always followed by novel data which, in most cases, have led
to new proposals, hypotheses, or theories.

Since genome sequencing projects began in the early
1990s, a new biology concept has started. This concept
was not new, but the development of new technologies
to sequence and analyze whole genomes provided such an
amount of new data, that a new kind of biological science
was born, the so-called “omics” [2]. Genomics and other
omics sciences have made a real revolution of molecular
biology itself. This is especially true because the preceding
molecular biology was an especially reductionist science; that

is, genes, proteins, and pathways were mainly analyzed and
screened individually in an attempt to decipher each one
in the most in-depth way possible. Obviously, although the
search for relationships among genes, proteins, and pathways
was also underway, all integrative approaches lacked the
most important component to be fully developed: data. At
the same time, molecular systems biology came into being
after Jacob and Monod’s operon model [3]. Although, it
was restricted to a few genes, proteins, and pathways, it
never attempted to check if proposed mathematical models
were more or less common in cells, and it certainly never
dreamed of building comprehensive models to explain the
whole behavior of a living cell.

The sequencing of the first eukaryote, the yeast Sac-
charomyces cerevisiae, made it possible to develop a totally
new field in biology: functional genomics [4]. Until that
time, genomics was a science devoted to obtaining genome
sequences and “in silico” analyses of them. Given the avail-
ability of a whole genome sequence for a model organism,
for which a huge amount of biological information existed
and because of the awesome power of yeast genetics, it was
possible to develop totally new tools and specialized mutant
collections in a relatively short time (see [2], for a review).
It also provided the data for establishing molecular systems
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biology from an omics perspective [2]. The characteristic
collaborative atmosphere of yeast genetics and a molecular
biology community contributed to the rapid establishment
of databanks (e.g., SGD or CYGD, [5, 6]), transnational
projects [5], and strain repositories (e.g., Euroscarf), which
are freely available for any interested scientist.

One of the most successful techniques in functional
genomics has been microarray technology. Microarrays were
fully developed by the mid-1990s, using mainly S. cerevisiae
as a workhorse for many of the technological advances
(reviewed in [7]). Different platforms have been created
since 1997 for the whole yeast genome; for instance, glass
cDNA microarrays [8] which have been the most widely
used. Nylon macroarrays [9] were one of the first to be
developed and are still a convenient alternative for specialized
purposes [7]. Oligonucleotide arrays were developed by
several laboratories and companies and are currently the
most used alternative, especially the type known as tiling
arrays, which cover the whole genome without leaving any
gap in it. They have been used to discover totally unpredicted
genes, noncanonical transcripts, either sense or antisense, as
regards canonical genes [10] and to also locate the binding
sites of many of the transcription-related proteins of this
lower eukaryote [11].

Sidney Brenner’s actual opinion does not correspond
exactly to what people may think about his quoted sentence
[1]. In fact, he has declared that this new emerging genomic
approach is “low input, high throughput and no output
biology” [12]. This opinion is widely extended among
biologists because it seems that genomic techniques are
just “fishing expeditions” in which there is no previous
hypothesis to support them. Obviously this criticism is,
at least in part, false. Each new genomic technique’s own
technical protocol is devoted to catching new kinds of
fishes. Although the nature of these new fishes is not totally
predicted in advance, it is rather obvious that there is a basal
hypothesis in the technique’s background: we are going to
fish new, unknown specimens that will have special features
that our new technique will be able to catch. A good example
of this is the discovery of CUT (cryptic unstable transcripts)
anywhere in the genome, but mainly in relation to canonical
genes loci by means of tiling arrays and high-throughput
sequencing (HTS) [13–15]. An additional corollary of this
is the interpretation of the fishing expedition as not being a
trivial question. Identifying the fishes and investigating the
biological mechanisms that originate them are also ways of
making science. In fact, the generation of new results is not
only a natural consequence of the development of a new
technique, but also a previous step to put forward a new
hypothesis. For instance, the analysis of CUTs has brought
about the discovery of new mechanisms of mRNA quality
control and transcription termination [13].

In our lab, we study the whole gene transcription process
using S. cerevisiae as a model system. RNAs, especially
mRNAs, are unstable molecules. They are degraded by
exo- and endonucleases, mostly in the cytoplasm [16]. The
amount of mRNA (RA), therefore, is not just the result of
transcription, but the equilibrium caused by transcription
rates (TRs) and degradation rates (DRs). We realized that

the genomic techniques available at the beginning of the
21st century were able to quantify RA, but that there
were no techniques available to measure turnover rates. In
2002, Pat Brown’s group developed a genomic technique
to measure mRNA stabilities in yeast [17]. This technique
was an upgrade of the well-established transcription shutoff
protocols used for individual mRNA half-life studies [18].
These protocols cause stress in cells, which impedes the
measurement of many mRNAs’ half-lives involved in the
stress response [19]. The cell’s physiology is also affected: it is
not necessarily true that the measured half-lives correspond
to the real ones in nonperturbed cells [20]. For this reason,
we developed a new protocol called Genomic Run-On
(GRO), which is able to measure nascent transcription rates
(TR) for all yeast genes and, at the same time, the mRNA
amounts (RA) for them. In this way, mRNA stabilities can
be determined from RA and TR in cases in which RA does
not change, in steady-state conditions [21], and even during
abrupt changes in RA after stress [20].

2. Genomic Run-On (GRO) for Yeast Cells.
Features of the Nascent TR Dataset

The run-on method is a well-known procedure for detecting
elongating RNA polymerases (RNA pols) in eukaryotic
nuclei [22]. Figure 1 depicts the outline of the method.
In most eukaryotes, it is necessary to isolate nuclei before
doing the experiment [22]. In yeasts, however, whole cells
can be directly used, which allows a physiological freez-
ing of the actual transcription state in those organisms.
The permeabilization of cells by means of a detergent
(usually sarkosyl) provokes a sudden decrease of the NTP
pools and stalls all elongating RNA pol. The detergent
also disrupts the chromatin structure, thus avoiding any
further initiation event. A subsequent pulse of externally
added ribonucleotides, including labeled UTP (33P-UTP or
derivatized-UTP), induces a death rattle of these RNA pols,
which actively elongate. This postmortem elongation labels
the RNA molecules with a natural sequence of about 200–
300 nucleotides. Those RNA pols that were backtracked
or did not elongate do not incorporate nucleotides (red
and yellow ovals in Figure 1). Most nascent RNA becomes
labeled in this way. This RNA is probably less than 1%
of the total RNA in the cell. Because it is labeled, it is
possible to use it as a hybridizable molecule in a dot blot
or a DNA array or, alternatively, to purify it based on any
unique property conferred by the UTP analog used. The
latter could be used for high-throughput sequencing or for
DNA microarray hybridization. The signal associated with
a particular sequence (the probe in the DNA array) is a
reflection of the RNA pol density in it. If we assume a
constant speed for the RNA pol, then RNA pol density is
proportional to its transcription rate.

In 2004, we developed [23] a genomic upgrade of the
yeast run-on technique which we called “genomic run-on”
(GRO). It is based on a subsequent hybridization of RNA
extracted onto whole yeast genome nylon macroarrays [24].
This acronym has been used for a similar technique in
human cells [25]. The fact that this technique is user friendly
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Figure 1: Outline of the GRO method for yeast cells. Cells grown to the desired condition are sampled in duplicate. One aliquot (arrow
pointing rightwardly) is used for run-on labeling with either a radioactive precursor or 11-biotin-UTP. Total extracted RNA is used for
macroarray or tiling microarray hybridization. The second cell’s aliquot (arrow pointing downwardly) is frozen and used for RNA extraction
and cDNA labeling, with either 33P-dCTP or biotin allonamide triphosphate, and hybridized in a new tiling microarray (BioGRO) or in
the same macroarray (GRO) previously used after stripping. This method can be used for single point determination in different strains or
can be easily adapted to time-point series after a stress or drug treatment, as shown. RNA pol II molecules are shown in different colors,
indicating molecules before the elongation step (yellow), elongating (green), or backtracked (red). Labeled parts of mRNAs or cDNA are
drawn in red. RA = mRNA amounts, TR = transcription.

allows it to be used in many situations, such as the study of
mutants, even when a metabolic fast change occurs. Indeed,
50 mL aliquots of yeast cells can be taken every two minutes
if needed and processed very quickly in a few minutes. This
allows to follow stress responses with a high resolution (see
Figure 1; for a detailed experimental protocol; see [26]). In
our protocol, another aliquot of cells is taken and frozen at
the same time. This aliquot can be used for routine RNA
purification (note that all RNAs are unlabeled in this case)
and for subsequent standard mRNA amount determination
after labeling as cDNA (Figure 1). Since both cell aliquots
come from exactly the same time point of the culture, TR
and RA values correspond to the average values of those
parameters for a given cell population. The existence of
experimentally determined TRs for all the genes of a given
organism allowed us to compare the response profiles of each
gene after an external change. We performed this kind of
studies in the change from a glucose to a galactose medium
[23] after oxidative stress [27], after osmotic stress [28] and
after heat stress [29]. In all cases, genes cluster according
to their response profiles by mostly following functional
relatedness. This can be the direct result of the common

regulation of those genes belonging to a same regulon by
a transcription factor (TF). In fact, a meta-analysis done
with our data by a different group showed that TR profiles
were more suitable to predict functional relatedness than RA
profiles [30]. The reason for this is quite obvious; nascent
TR is the parameter directly affected by a TF. A change in
RA can be the result of not only a change in TR, but also in
mRNA stability (see Figure 2). Even the rate at which mRNA
appeared in the cytoplasm (mature TR) could be less suitable
for regulon finding because some posttranscriptional events,
like mRNA export, can affect the mature TR profile.
The effect of posttranscriptional changes blurs RA profiles
because some mRNAs display different posttranscriptional
behaviors. Therefore, the clustering of TR profiles seems to
be the best tool to find transcriptional regulons. Although
only formally demonstrated in S. cerevisiae, this statement
seems to be reasonably extended to other organisms when
methods to determine nascent TR become available. Nascent
TR is also the best way to classify genes for active chromatin
marks. It seems somewhat logical that the passage of RNA
pol II molecules along the chromatin template is affected by
particular nucleosomal organization. Because nascent TR, as
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Figure 2: Outline of the different genomic techniques for TR and mRNA stability determination used in yeast. Determination of nascent TR
in the nucleus is based on the detection of RNA polymerases or nascent RNAs. (a) Native chromatin can be purified and nascent RNA can be
isolated. Then it is converted into cDNA and used for the tiling array analysis [32]. Alternatively, cells can be used for the GRO analysis (see
Figure 1). (b) Cells can be fixed with formaldehyde and subjected to chromatin fragmentation and immunoprecipitation with RNA pol II
antibodies. From this ternary complex, either DNA or RNA can be detached from polymerases and analyzed downstream. Recovered DNA
is suitable for array hybridization (ChIP-Chip) [10, 33, 34] or HTS (ChIP-Seq) [35], whereas RNA can be converted into DNA and subjected
to HTS [36]. The appearance of recently synthesized mRNA (newborn, orange) in the cytoplasm can be followed by thiouridine in vivo
labeling, which is purified, quantified, and compared with the non labeled old mRNA (green). With this technique, it is possible to calculate
mature TR and mRNA half-lives [37]. mRNA half-lives can also be calculated from a transcription shutoff experiment [38], from TR and
RA data by assuming the steady state (kd = TR/RA), or even for non-steady-state conditions [39]. DR: degradation rate. Other symbols are
as in Figure 1.

determined by GRO, measures the actual elongation rate,
what is actually affected by nucleosome positioning and
readability should be a better predictor of the characteristic
chromatin marks of active genes than mature TR which,
as mentioned, considers other posttranscriptional steps. We
have shown that this is precisely the case. When comparing
the level of the different active chromatin features, such as
H3-K36 trimethylation, or the presence of Esa1p or Gcn5p
histone acetyltransferases, we found that the correlation
with nascent TR (calculated by GRO) is better than when
compared with the mature TR calculated from steady-state
RA and mRNA stabilities [31].

The GRO protocol has allowed us to obtain a whole TR
dataset for an organism for the first time [31]. Analyzing
the dataset provided a number of surprises: 90% of yeast
genes show TRs between 2 and 30 molecules/h, with a
median of 7 molecules/h. This corresponds to 0.078 RNA
pol II molecules/kb or 0.1 molecules/gene. As 25% of
transcription corresponds to 5% of most transcribed genes,

the distribution of RNA pol II molecules in a snapshot
of an actively growing yeast cell is mostly like a desert:
only 14% of genes have any actively transcribing RNA pol
II molecule. Transcription onto canonical genes does not
seem to be a common feature of the yeast genome in spite
of the high number of RNA pol II molecules present in
a cell (20000–30000) since only around 700–1400 would
transcribe genes that encode proteins at a given time. One
possibility is that part of these molecules is unable to
transcribe, and that the amount of CTD-phosphorylated
molecules (12000, according to [40]) suggests that they
can be transcribing in other regions outside the canonical
genes (see below), or perhaps that the mRNA molecules
reaching the cytoplasm are merely a fraction of the nascent
ones. The most transcribed genes are those that code for
histones, which reach about 206 mRNAs/hour during the
S phase. These results are rather similar to those obtained
by a different technique (dynamic transcriptome analysis
(DTA) in [37], see below) which measures mature TR. The



Genetics Research International 5

similarity between total nascent and mature TRs, however,
does not mean genuine equality because the absolute units
were obtained by normalization in both cases against the
amount of mRNAs per cell. In any case, the similar medians
and distributions, and the high correlation (r Pearson 0.63;
see Figure 3) obtained, favor the quality of both datasets.

TR is not dependent on G+C content, but decreases
for increasingly long genes [31]. This result was expected
because of the probability of RNA pol II failure increasing
with transcription unit length [41, 42]. The slope of this
bias is greater for the GRO dataset than for the other TR
evaluation method based on RNA pol II crosslinking to
the gene (RNA pol II chip-on-ChIP: RPCC; see below).
Moreover, the GRO curve shows a change in tendency for
those genes whose ORFs are longer than 3 kb (see [31],
Figure S1). This effect can be caused by the macroarrays used
for both RPCC and GRO in which any gene whose ORF
length is longer than 3 kb is represented by a probe covering
only the last 1 kb downstream in the ORF, whereas the rest of
the genes (<3 kb) are represented by the whole of the ORF. As
the GRO method labels the elongating mRNA by extending it
200-300 nt downstream, it is expected to bias the label to the
3′ part of the genes. This would lead to an increased average
label in the genes as their length shortens and the relative
influence of their 3′ part increases. It also predicts a sudden
increase for the genes represented by probes that cover only
their last 1 kb of the ORF. With this in mind, we conclude
that there is a general bias in the GRO which increases the
calculated TR inversely with the ORF (i.e., probe) length.
Additionally, there is an artifact for ORFs that are longer
than 3 kb due to the use of 1 kb probes from their 3′ end.
This gene-/probe-dependent effect was corrected by using
the RPCC data for the lowest normalization of the GRO data.
Our TR dataset has, therefore, been corrected for this artifact.

Another potential artifact of GRO (and other nascent TR
methods) is the potential effect of cryptic transcription. Since
GRO labels any elongating RNA polymerase, those RNA
pol II molecules, that elongate anywhere inside the genome
regions contained in probes (ORFs), are labeled regardless
of making “canonical” transcripts or cryptic transcripts.
In the original GRO method [23], the macroarrays used
contain dsDNA probes. Because of this, both sense and
antisense transcriptions will be summed. The existence of a
vast number of cryptic transcripts has been demonstrated
in many organisms, including yeast (see [42], for a recent
review) in which two types have been defined: cryptic
unstable transcripts (CUTs), which are only detectable in the
absence of nuclear exosome activity and stable uncharacter-
ized transcripts (SUTs) [14]. Some authors argue that cryptic
transcription can be responsible for the differences observed
in the genes’ response to stress situations when comparing
mRNA data and TR data [15, 43]. This contrasts with the
recent unveiling of experimental evidence diminishing the
possible quantitative contribution of antisense transcripts to
the RNA pool when compared to their stable sense transcript
counterparts in the bidirectional promoter’s context [36, 42].
Moreover, we analyzed the different cryptic transcription
datasets published and we observed that they are quite
different, with very little overlap, and that the technique

used to find them vastly affects the type (sense or antisense)
of the cryptic transcripts found (Garcı́a-Martı́nez et al.,
submitted). Thus, it seems that most yeast genes have cryptic
transcripts, but mainly in a very low proportion (discussed in
[42]). Thus, although we agree that cryptic transcription is a
real contributor of nascent TR data, we believe that nascent
TR reflects mainly “canonical transcription” for most genes.

3. Alternative Methods for
Evaluating Transcription Rates and
mRNA Degradation Rates

Thus the GRO technique allowed the comparison of the rate
at which each mRNA is produced and its amount in the cell.
This idea has been used quite recently by other authors, who
have followed different TR evaluation methods (see below)
both in yeast [37] and higher eukaryotic cells [44]. In all
these studies, mRNA stabilities have also been calculated. The
possibility of calculating mRNA half-lives indirectly from TR
and RA is based on the aforementioned equilibrium between
TR and DRs. If they are equal, then RA is constant over
time. This is known as a steady-state situation, which mainly
occurs for most mRNAs. For instance, we demonstrated that
when yeast is grown in a flask (a batch culture), most of
the exponential growth phase maintains the steady state for
most mRNAs [21]. Although some mRNAs change slightly
after several hours, the steady-state condition can be a good
approximation to describe the mRNA pool. It is likely that
the steady state is also true for the stationary phase or in
chemostat cultures [45]. As DR follows a first-order kinetic
law, it is proportional to RA and to a degradation constant
(kd). The GRO protocol calculates RA and TR for all the yeast
genes. Because DR = TR, it is also possible to calculate kd for
them all. kd has time−1 units and the reverse meaning of the
half-life (kd = ln2/half-life). When no steady-state situation
occurs, again the chemical kinetic laws can be used to develop
an equation in which the successive TR and RA time points
are employed to infer kd using the simplification, whose
changes in both are lineal between the successive time points
[20]. Although the mathematical computation increases the
experimental associated error, this approach has allowed us
to calculate kd variations for those groups of genes with
common RA and TR profiles during fast stress responses
[27–29]. In all the individual genes tested, the kd calculated
at different times during the stress response qualitatively
coincided with the experimentally determined one using Tet-
off promoters.

In the last few years, other techniques apart from GRO
have been developed to study TRs and mRNA stabilities in
yeast and in other organisms at the genomic level. In all cases,
they use recently developed, higher resolution methods, such
as tiling arrays or high-throughput sequencing (HTS), which
provide deeper insights into the transcription process than
when using classical DNA arrays. For TR determination,
most methods focus on nascent TR (Figure 2). The classical
approach to unveil the dynamics of the transcriptional
process at the TR level relies on the generation of RNA
pol II density landscapes to precisely map where RNA
pol sit in the whole genome, regardless of transcriptional
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states (active, paused, backtracked, etc.; see Figure 2). This
has been achieved with chromatin immunoprecipitation
methods coupled with microarray analysis, ChIP-chip [33,
37, 43] or HTS, ChIP-Seq [35]. With these high-throughput
methods, a plethora of different occupancy profiles for RNA
polymerase II and its different phosphorylation forms are
now publicly accessible. However, ChIP techniques cannot
circumvent the fact that the presence of polymerase in a
region should not be directly assumed as actual transcription
because of there being nonelongating polymerases and
because ChIP-associated techniques cannot discriminate the
sense/antisense transcripts (see above). A recent variation
of ChIP techniques has been able to partially skirt this
drawback (Figure 2). By isolating and deep sequencing
the nascent transcript associated with immunoprecipitated
RNA polymerases (NET-Seq, [36]), both problems are
avoided. Nascent mRNAs have been alternatively purified by
chromatin fractionation approaches [32], thus providing a
more direct measure of TR. The nonradioactive variants of
GRO, coupled with tiling array analysis (BioGRO, Jordán-
Pla et al., unpublished), or HTS (GRO-Seq), have been
successfully applied to dissect the regulatory circuitry of
yeast and human [25] cells. These high-resolution GRO
techniques are beneficial because they can discriminate
between active and nonactive transcription elongation states
and can also detect any type of noncoding unstable transcript
RNA polymerases generated in both the sense and antisense
orientations, for which accumulating evidence shows that
they play a crucial role in the regulation of gene expression
[14], thus broadening our knowledge and understanding of
gene regulation dynamics.

Mature TRs determine the rate of appearance of newborn
mRNA in the cytoplasm (Figure 2, right). In vivo metabolic
labeling of transcripts, with uracil or uridine analogs pulses,
subsequent mRNA isolation, fractionation between labeled
(newborn) and nonlabeled (old) mRNA and analysis, is an
essentially nonperturbing system which provides us with a
way of measuring mature TR directly [46]. The recently
developed DTA methodology in yeast [37] and mammalian
cells [44] focuses on newborn mature polyadenylated tran-
scripts and uses a metabolic time lapse of variable extent
(6 minutes in yeast). DTA technology is currently the only
technology available that is able to measure mature TR in
yeast experimentally. It can also determine mRNA half-lives
at the same time. The technique is, however, time consuming
and assumes that TR and DR are constant during the time
lapse used. It also leaves an important bulk of non coding
transcripts outside the frame [14]. Mature TR can also be
calculated from RA and mRNA stability datasets indirectly
(indirect TR, TRi = kd RA) by assuming a steady state
[47]. Alternatively, mRNA half-lives (kd) can be calculated
indirectly from experimental mature TR and RA datasets
using the same equation or directly using the previously
commented transcription shutoff methods [17, 19, 21].

The comparison of all existing yeast TR datasets [31, 33,
37, 47] (Jordán-Pla et al., unpublished) with each other and
with a standardized RA dataset [31] has revealed that they
all correlate quite well (Figure 3). Those corresponding to
nascent TR correlate better to each other. This is also true

for those corresponding to the mature TR (DTA, [37]; TRi,
[47]). The last ones better correlate with the RA dataset.
These results are logical because nascent mRNAs should
be processed and exported to the cytoplasm where mature
TR is measured. Moreover, nascent TR can be affected by
cryptic transcription and mature TR cannot. The specific
distribution of ribosomal protein (RP) genes (blue dots) is
biased in all the comparisons shown. The meaning of this
behavior is commented below.

4. Ribosomal Protein Genes: A Special Case of
RNA Pol II Transcription

Ribosomal proteins in yeast are coded by a set of 137 genes.
They are, perhaps, the most statistically significant group
that clusters together in many of the genomic analyses done
in yeast [23, 34]. This can be due to the fact that this
group is more coordinated and/or more numerous than
other regulons which are less coordinated (e.g., ribosome
biogenesis regulon, RiBi, and ∼200 genes), less abundant
(Gal regulon, 7 genes), or both. Because translation is the
most costly synthesis process for the cell [48], and as the
ribosome is composed of stoichiometric amounts of RP, both
the control and coordination of these genes is very strict.
In yeast, they are mainly regulated at the transcriptional
level [48], involving several TFs (see [49, 50], for a detailed
updated review). RP mRNAs are among the most abundant
in the cell. They have also been traditionally considered
the most transcribed ones, representing as much as 50% of
transcribing events [48]. Our results, however, quantify the
overall TR of those genes as only 8.5% of total RNA pol
II TR [31]. As previous estimations were based on indirect
evaluations of RP transcription rates [48], we considered it
merely a miscalculation. However, we now think that the
main mistake seems to lie in the use of very few examples
of RP mRNA half-lives at the time of the proposal. We
recalculate now the total TR for RP genes (indirect TR or
TRi) using all the available datasets of mRNA half-lives
[17, 19] and RA datasets [31, 37]. In all cases, these genes
represent less than 27% of total RNA pol II transcription in
yeast. Therefore, the original 50% was clearly miscalculated.
On the other hand, the plots of direct estimations of
TR versus indirect ones (Figures 3(d) and 3(f)) show an
overestimation of TRi values. The contribution of RP TR to
the total can also be currently calculated from mature TR
DTA data [37] to represent 16% of total TR. The differences
with the previous 27% may be due to either a mistake in
TRi or to a specific bias in DTA and GRO techniques for
these genes. However, we think that the main reason is
that transcription shutoff methods underestimate RP mRNA
half-lives as they can provoke destabilization caused by stress.
We have shown that this phenomenon does occur in all
the stress responses we have analyzed to date (see below).
In fact, RP mRNAs are 50% more stable than average in
the DTA dataset [37] instead of merely coming close to it
in transcription shutoff experiments [17, 19], or being less
stable than average, as stated in Warner’s review [48].

On the other hand, the bias observed in the RP nascent
TRs measured by GRO, as mentioned above, may provide
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Figure 3: Comparison of the TR datasets obtained by different protocols. Available TR datasets were converted to log2 values and
standardized by the Z-score. The tendency line for a linear correlation is shown. The r Pearson coefficient for the correlation is provided
in the top left corner of each plot. In all cases, the RP genes (blue dots) distribution differs from the global gene distribution (red dots)
according to the Wilcoxon text with a P value of < 0.0001. GRO is the radioactive nascent TR dataset. BioGRO is an unpublished nascent TR
dataset obtained with Biotin-UTP and tiling arrays (Jordán-Pla et al, unpublished). RPCC is the RNA pol II chromatin immunoprecipitation
performed by us [31]. RPB3 is the RNA pol II chromatin immunoprecipitation performed by Mayer et al. [33] using an anti-RPB3 antibody.
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relevant insights into the elongation mechanism of these
genes. We have seen that RP genes show a high percentage
of nondetectable RNA pol II by GRO [34]. In exponential
growth in glucose, they have about 36% more RNA pol II
molecules present in the coding region of the RP, which are
unable to do a run-on, more than the genome average (see
Figures 3(a)–3(c)). We concluded that this reflects how the
transcription of these genes involves a higher percentage of
non elongating (probably backtracked) RNA pol II [31, 34].
This bias toward nonactive RNA pol II is also seen when
comparing the results from mature TR (DTA technique,
[37], Figure 3(e)) and RNA pol II immunoprecipitation [33],
which reinforces our previous calculations. In this case,
excess lies at about 31%, meaning that in RP genes, there is
more RNA pol II present in those genes that do not produce
mature mRNA in the cytoplasm than for the average gene.
From the difference between the 36% and the 31% excess
when using GRO or DTA in the comparison, or by directly
comparing the DTA and GRO datasets (see Figure 3(e)),
we conclude that between 15% and 40% of the RNA pol
II molecules which are not labeled during the run-on are
unable to resume elongation and to produce mature mRNA.
This is perhaps because they are trapped in some step of
the backtracking process [51]. The rest of the non labeled
molecules (60–85%) would thus represent the efficiency of
the backtracking process in recovering paused RNA pol II
molecules, at least, for this group of genes.

What is the reason for the special abundance of non
elongating RNA pol II molecules over RP genes? We hypoth-
esized that a special chromatin structure of those genes could
be responsible. In fact, TF Rap1p has a known chromatin-
organizing activity (reviewed in [49]), which is predicted or
demonstrated to activate 127 of the RP genes. However, this
factor plays another, apparently opposed, role in telomeres:
it organizes repressive subtelomeric chromatin [49]. Some
years ago, it was shown that repressor activity resides in the
C-terminal part of the protein, the sil domain, that a mutated
version of Rap1 lacking it, rap1-sil, derepresses the genes
within 50 kb from the telomere, and that it has increased
levels of RP mRNAs [52]. We found that the excess of non
elongating RNA pol II molecules disappeared in the rap1-
sil mutant, which also occurs in a tpk single mutant [34].
Tpk1,2,3 are the alternative catalytic subunits of protein
kinase A (PKA), which controls signaling from glucose [53].
Our model reveals that Rap1 not only recruits RNA pol
II to the RP promoters, but it also organizes a partially
repressed chromatin, which hinders RNA pol elongation,
thus leading to pauses and arrest. This difficulty occurs at
the beginning of the transcribed region [34] and could be
an additional control mechanism for the regulation of these
important genes. This mechanism would act only at the
highest transcription rates (during exponential growth in
glucose-rich media) as a way to accumulate truly elongating
RNA pol II molecules which, due to this mechanism,
slow down in the first part of the gene. After passing the
control, these molecules increase their velocity and become
sufficiently separated to avoid collisions. A similar elongation
control has been proposed for ribosome translation [54]
and has been mathematically demonstrated to increase the

speed of RNA polymerases and to reduce noise (cell-to-cell
variation, [55]), which is a typical, convenient feature of RP
genes [56].

5. The Relative Importance of TR and DR in
Controlling mRNA Amounts

At any time, RA is the result of the balance of TR and DR.
When RA has to be changed, it is theoretically possible to
act only on one side of the equilibrium, or on both sides.
Traditionally, most studies on RA conducted at either the
single gene level or the genomic level implicitly assumed that
changes were due to only TR changes. A given gene is induced
because a TF binds a promoter and attracts RNA pol II to
transcribe it (by increasing TR) which, in turn, increases RA.
Thus, RA profiles were considered to be a mere consequence
of TR profiles. A few years ago, some authors started to pay
attention to the potential effect of DR in the gene expression.
Theoretically, the same effect on RA can be obtained by
a change in DR rather than by an inverse change in TR.
The mRNA half-lives determined by transcription shutoff
methods were found to be very different between mRNAs
and organisms [16]. More importantly, they were discovered
to change for a given mRNA in different physiological
situations [16]. When genomics strategies appeared [17], it
was seen that the mRNAs belonging to the same pathways
or functions tend to have similar half-lives, suggesting that
regulons also exist at the mRNA stability level [57]. The trans
factors acting in these posttranscriptional regulons were
found to be mainly RNA-binding proteins (RBPs), which
were relatively selective in the mRNA population because of
their sequence specificity [58, 59].

As the GRO technique is able to indirectly determine
mRNA stabilities in steady-state situations, as explained
above, our first experiment [23] enabled us to reveal that
those genes belonging to functionally related groups behave
coordinately in DR. This was the first formal demon-
stration of the existence of post-transcriptional regulons.
Similar studies in other organisms arrived at comparable
conclusions, although not a whole genome-scale level (e.g.,
[38, 60]). In that first experiment, the times selected after
changing cells from a glucose to a galactose medium were
separated by hours, and the steady-state conditions can
apply to each of them. Fast responses, typical of stress
situations or sudden changes, did not meet the steady-state
conditions. For such cases, we developed an algorithm, as
previously described. With it, we have been able to determine
approximate kd profiles in response to different stresses for
most genes and to verify the hypothesis of the influence of
DR changes on RA profiles. Our studies [27–29] and those
of others [61, 62] reveal that many genes have undergone
changes in DR during stress responses. Many other genes,
however, do not change their mRNA stability substantially.
In line with this, interesting differences have been noted
between various stresses [61], which probably depend on
stress intensity. A good number of genes respond by slightly
decreasing their RA level transiently to recover after several
minutes. These genes tend to have flat kd profiles, meaning
they result from a mere transient decrease in TR. Other genes
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that respond to stress by lowering their RA are the RP and
RiBi genes. In all cases, we have seen that the mRNAs of
all these genes showed a transient destabilization, which can
be accompanied by different degrees of TR decrease. These
results indicate that DR can be used to reduce mRNA levels
and, as explained later, to also speed up this reduction. It is
interesting to note that some genes, which do not exhibit
coordinated behavior at the TR level in some instances,
actually display coordinated behavior with mRNA stability.
This is the case of mitochondrial RP genes which cluster
in the mRNA stability analysis, but not in the TR analysis,
during the shift from a glucose to a galactose medium [23].
These genes do not present obvious regulatory elements in
their promoters, but a Puf3 element in their 3′UTR has been
demonstrated to coordinate their stability after changes in
respiratory behavior [63]. Thus, our study was able to show
that, for some specific gene categories, coordination takes
place at the posttranscriptional level and that DR is the main
player in shaping a response.

Those genes that positively respond to stress by increas-
ing TR also show interesting changes in DR. For instance
after osmotic stress, many genes present increased RA by
increasing their TR and decreasing their DR (increase in
mRNA stability) for several minutes [28]. A similar observa-
tion was reported by other authors using a different method
to determine mRNA stabilities [61, 62] in the oxidative stress
response. Thus after some minutes of osmotic stress, these
genes reverse the change in DR in parallel to transcription
shut-off [28]. This effect has been interpreted as the DR
change which precedes changes in RA [62]. Other authors
postulate that the changes in DR in both yeast [61] and
mammalian [44] cells contribute to sharp response peaks. In
mammalian cells with substantially longer mRNA half-lives,
the contribution of DR changes to speed up the increases
and decreases in mRNA levels is probably more important
than in yeast. Nevertheless, the short yeast generation time
(∼100 minutes) and the need for faster, more economically
adjusted responses to environmental situations than for
mammalian cells mean that it is also necessary to use changes
in mRNA stability to sharpen RA peaks in order to restrict
energy expenditure while they take place [20]. The width
of the TR response peaks seen in all the stress-activated or
repressed genes is about 15–30 minutes, which is somewhat
narrower than the RA peaks in our experiments and in
those performed by others [64]. It has to be considered
that the results obtained in experiments using about 109cells
are the average of all the possible individual states for a
given cell. The difference in RA between individual cells is
known as “transcriptional noise”. It has been determined
to considerably differ for two kinds of genes: the TATA-less
genes, with nucleosome-depleted constitutive promoters, for
example, RP genes [49], which are less noisy [56] than the
inducible genes with a TATA box at their SAGA-dependent
promoters, known to be transcribed in “bursts” of several
consecutive mRNAs separated in time [65], and thus in a
much noisier manner [56]. Stress-activated genes belong to
this last group. Thus, it is conceivable that the relatively sharp
TR peaks result from much sharper peaks in individual cells
in which a single (or very few) transcription burst occurs

at their single gene locus during a stress response. At the
molecular level, this would correspond to a switch from off to
on in the promoter chromatin structure. The consequence of
a sharp TR peak in an RA peak would be sharp only if mRNA
has very low stability (see [20]). Therefore for mRNAs with
half-lives longer than 10–15 min, it is necessary to unstabilize
them if a fast return to the original mRNA level is needed.
At the molecular level, this also assumes a binary switch in
a given cell represented by a change in the affinity of an
RBP to its cognate 3′-UTR mRNA element [59]. In this case,
however, the existence of multiple mRNA molecules per cell
probably makes the “degradation burst” less acute.

All these results suggest the importance of DR in
controlling mRNA levels during transcriptional responses.
Reciprocally important quantitative analyses of TR and DR
in shaping RA have shown that despite being theoretically
equivalents, TR and DR do not seem to play the same role
in determining the amount of mRNA in stress responses
or at steady-state conditions. It is interesting to note that
when comparing the different datasets for TR, RA, or mRNA
half-lives, in all cases TR and RA show a positive significant
correlation, which mRNA half-lives never do (e.g., stable
mRNAs are not the most abundant, and unstable mRNAs
are not the least abundant); indeed, they even show slightly
negative correlations with RA and TR in yeast [37, 39]
or mammalian [66] cells. When measuring the number of
genes whose response profiles are significantly affected by
DR changes, we [23, 27, 29] and other authors [44, 66],
found a large majority of genes in which TR changes are the
main determinant of RA profiles. Thus, it seems that DR is
not used for the quantitative control of most mRNA levels
in the majority of situations, but for classifying them into
rapid or less-rapid response genes according to the stability
of their mRNA [20, 44]. Many mRNAs have a relatively
constant DR. Nevertheless, some special gene categories,
such as stress-induced or RP genes in stress responses in yeast
(see above), mitochondria-related genes during metabolic
reprogramming from glucose to galactose in yeast [23], or
inflammatory and immune signaling genes in dendritic cells
[44], have a highly variable DR because of the cis elements
in their 3′-UTRs targets of specialized RBPs [29, 58, 59]. In
some instances in which growth stops, like the stationary
phase [67], after a change from a glucose to a galactose
medium in yeast or after strong stress, a general change in DR
is observed [23, 68]. This situation probably relates more to a
general change in DR machinery and/or p-body organization
and can overlap with particular responses.

The corollary of this scheme is that each particular group
of genes has a TR through their promoter organization, and
a DR through their particular 3′-UTR sequences, which are
subjected to transcriptional (regulons) and posttranscrip-
tional (posttranscriptional regulons) regulation [58]. Both
should evolve coordinately to achieve a common expression
strategy (CES) for the group of genes. We analyzed the
existence of CES not only for transcriptional regulation, but
also for translational regulation [39]. We found that our
hypothesis was true: each analyzed functional gene category
had a statistically significant CES for both transcription
and translation. Genes whose protein products belong to
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large stable stoichiometric complexes, such as the cytosolic
ribosome, the nucleosome, the proteasome, and many
others, present characteristic profiles with relative unstable
mRNAs and proteins, as well as relatively high transcription
and translation rates. This probably reflects the need for
fast changes in both mRNA and proteins in some instances
to coordinate the amounts of subunits during a cell’s life.
Energy pathways genes, however, have more equilibrated
profiles. A similar study in mammalian cells was done to find
that CES also exists, but not quite the same as in yeast. For
instance, in this case, RPs show very stable mRNAs, and pro-
teins are very much like energy pathways genes [66]. These
analyses reveal that, as expected, translation (translation rate
and protein stability) is also a layer for gene regulation in
all eukaryotes. From our study of yeast CES profiles, we
conclude that the transcriptional layer is quantitatively more
important for gene regulation than the translational one.
However, Schwanhäusser et al. [66] conclude that the layer
of translation is more important for determining the abun-
dance of proteins in mouse fibroblasts. Hence, it seems that
every life style needs particular gene expression strategies.

6. Future Trends

The similarities and differences observed between yeast and
mammalian cells in organizing gene regulation indicate that
the multiple layers used by eukaryotes provide a flexible
network upon which every gene class can find its best
strategy. Furthermore, this fitting can evolve according to the
organism’s requirements.

Variability in the single-cell gene expression in both
microorganisms and tissue cells indicates that genomic
transcription measurements should be complemented by
techniques designed to quantify the gene expression at the
single cell level [65, 69] and on the genomic scale.

Given the adjustment required between TR and DR
(and also translation), it seems that cells have to contain
mechanisms that allow cross-talk between mRNA transcrip-
tion and degradation at both the single mRNA level (by
coordinating transcription from a promoter with the fate
of the mRNAs producing that) and the general level to
coordinate the regulons and posttranscriptional regulons
composed of several different gene species. The recent
publications by M. Choder’s group [70] and others [71]
reveal that such mechanisms do exist.

Finally, it is worth mentioning that most of the results
reviewed herein would not have been possible without
comparing large datasets because the general tendencies and
the differences between genes categories are only significant
if we look at the whole genome at the same time. Therefore,
we consider that although anyone is free to believe that high
throughput genomic technologies may be of “low input”,
nowadays it comes over quite clearly that they actually
provide some output to molecular biology.

Acknowledgments

The authors are grateful to the members of the GFL labora-
tory for discussion and support and to Drs. Vicent Pelechano

and Paula Alepuz for critically reviewing the paper. D. Med-
ina and A. Jordán-Pla are supported by Santiago Grisolı́a
(Generalitat Valenciana) and FPI (Spanish MCINN) fellow-
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[21] V. Pelechano and J. E. Pérez-Ortı́n, “There is a steady-state
transcriptome in exponentially growing yeast cells,” Yeast, vol.
27, no. 7, pp. 413–422, 2010.

[22] K. Hirayoshi and J. T. Lis, “Nuclear run-on assays: assessing
transcription by measuring density of engaged RNA poly-
merases,” Methods in Enzymology, vol. 304, pp. 351–362, 1999.

[23] J. Garcı́a-Martı́nez, A. Aranda, and J. E. Pérez-Ortı́n,
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The conserved Paf1 complex (Paf1C) carries out multiple functions during transcription by RNA polymerase (pol) II, and these
functions are required for the proper expression of numerous genes in yeast and metazoans. In the elongation stage of the
transcription cycle, the Paf1C associates with RNA pol II, interacts with other transcription elongation factors, and facilitates
modifications to the chromatin template. At the end of elongation, the Paf1C plays an important role in the termination of RNA
pol II transcripts and the recruitment of proteins required for proper RNA 3′ end formation. Significantly, defects in the Paf1C are
associated with several human diseases. In this paper, we summarize current knowledge on the roles of the Paf1C in RNA pol II
transcription.

1. Introduction

The RNA pol II transcription cycle can be divided into
three primary stages: initiation, elongation, and termination.
During transcription initiation, the binding of the TATA-
binding protein (TBP) subunit of TFIID to the promoter
triggers the assembly of a preinitiation complex, which
contains RNA pol II and the general transcription factors,
TFIIA, TFIIB, TFIID, TFIIE, TFIIF, and TFIIH (reviewed
in [1]). The general transcription factors position the
polymerase at the transcription start site and unwind the
DNA to expose the template strand for RNA synthesis
(reviewed in [1]). During transcription elongation, multiple
regulatory proteins associate with RNA pol II to facilitate its
progression and modify the chromatin template (reviewed in
[2]). Finally, during RNA 3′ end formation and transcription
termination, the transcript is processed and released through
the combined actions of multiple RNA processing factors
(reviewed in [3]). Therefore, each stage of the transcription
cycle is regulated by a plethora of proteins to ensure proper
gene expression.

The regulation of transcription initiation is an important
aspect of controlling gene expression and has thus been
studied for many years. More recently, the regulation of pos-
tinitiation stages has been shown to be equally important for
ensuring proper gene expression. Furthermore, eukaryotic
cells have evolved many mechanisms to overcome the barri-
ers imposed by chromatin on all three stages of the transcrip-
tion cycle. One highly conserved protein complex that lies at
the intersection between chromatin modification pathways
and transcription is the Paf1C. This complex associates with
RNA pol II [4–7] and influences multiple events during tran-
scription elongation, including the posttranslational modifi-
cation of histone proteins [8–12] and the recruitment of pro-
teins required for RNA processing [13–16]. Not surprisingly
given its key regulatory roles, the Paf1C and its functions are
conserved throughout eukaryotes. Here, we review current
knowledge on the Paf1C, emphasizing insights that have
emerged from genetic and biochemical studies in budding
yeast and also discussing more recent observations made in
multicellular eukaryotes, where defects in the complex lead
to developmental abnormalities and disease.
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2. Initial Studies in Yeast Led to
the Discovery of the Paf1C and Revealed
Its Roles in Transcription Elongation

The search for accessory proteins that cooperate with general
transcription factors and regulate transcription initiation
prompted experiments that led to the identification of Paf1
(polymerase-associated factor 1) in Saccharomyces cerevisiae
[7, 17]. As the name implies, Paf1 was found to associate with
RNA pol II by affinity chromatography [17]. Subsequent
studies demonstrated that Paf1 exists in a nuclear complex
with Ctr9, Cdc73, Rtf1, and Leo1 [4, 18–20]. Prior to the
discovery that they interacted with Paf1, other members
of the Paf1C were identified through yeast genetics and
recognized for their potential roles in transcription. For
example, the CTR9 gene (Cln three (CLN3) requiring 9)
was originally identified by its genetic interaction with CLN3
[21] and subsequently identified in a genetic screen for
mutants with impaired transcription of G1 cyclin genes
[22]. Additionally, RTF1 (Restores TBP function 1) was
originally discovered in a genetic selection for mutations
that suppress transcriptional defects caused by TBP mutants
with altered DNA binding specificity [23]. Cdc73 (Cell
division cycle 73) [24] and Leo1 (Left open reading frame
1) [25] may not have been initially recognized for their roles
in transcription, but were subsequently determined to be
important transcriptional regulators in the context of the
Paf1C.

Paf1C subunits have been implicated in transcription ini-
tiation by influencing the phenotypic effects of a TBP-altered
specificity mutant [23] and in transcription termination and
RNA 3′ end formation by mediating recruitment of 3′ end
processing factors [13–16]. However, the Paf1C is currently
best characterized for its critical roles during transcription
elongation. Initial studies revealed that genetic disruption
of the yeast Paf1C causes phenotypes associated with tran-
scription elongation defects. For example, S. cerevisiae strains
lacking Paf1C subunits exhibit sensitivity to 6-azauracil (6-
AU) and mycophenolic acid (MPA) [20, 26]. These drugs
reduce intracellular nucleotide pools, which is thought to
increase polymerase pausing, making transcription more
dependent on regulatory factors [27]. Consistent with these
phenotypes, Paf1C members genetically and physically inter-
act with elongation factors such as the Spt4-Spt5 (yDSIF)
and Spt16-Pob3 (yFACT) complexes, suggesting that these
complexes function cooperatively to modulate transcription
elongation [4, 20, 26]. In agreement with the genetic data, a
recently described transcription run-on assay revealed tran-
scription elongation defects in the absence of Paf1C subunits
in vivo [28]. Despite the strong evidence currently linking
the Paf1C to the control of transcription elongation, a less
direct role in regulating gene expression was also proposed
in an earlier study [29]. The lack of an effect of rtf1Δ and
cdc73Δ mutations on in vivo elongation rates or RNA pol II
processivity, as measured on an inducible long gene, led to
the conclusion that the Paf1C influenced cotranscriptional
processes. Indeed, the Paf1C has been implicated in several
cotranscriptional processes, including the phosphorylation

of RNA pol II during elongation and the recruitment of
a chromatin-remodeling enzyme, Chd1, to open reading
frames [13, 30, 31]. Additionally, in its best-understood
role, the Paf1C is important for the establishment of
cotranscriptional histone modifications that influence gene
expression [8–12]. Together, these observations suggest that
the Paf1C influences gene expression through multiple
functions during transcription (Figure 1). In this paper, we
describe current information on these functions.

3. The Paf1C Associates with RNA Pol II and
Influences the Phosphorylation State of the
RNA Pol II CTD

The Paf1C accompanies the polymerase from the transcrip-
tion start site to the poly(A) site [5, 32]. Rtf1 and Cdc73 are
both required for the physical association of Paf1C with RNA
pol II. In rtf1Δ or cdc73Δ cells, the remaining Paf1C subunits
dissociate from the polymerase and chromatin, even though
these subunits remain associated in a subcomplex [13, 31,
33]. Deletion analysis of S. cerevisiae RTF1 defined a central
region of the Rtf1 protein (amino acids 201 to 395), termed
the ORF association region (OAR), that is required for the
physical association between the Paf1C and active genes [34].
Although an NMR study has provided important structural
information on the human Rtf1 OAR, also known as a Plus3
domain [35], the manner in which Rtf1 interacts with RNA
pol II is unknown. Recombinant Cdc73 can interact with
purified RNA pol II, suggesting that Cdc73 may directly
contact RNA pol II in vivo [19]. Beyond the interactions of
Rtf1 and Cdc73 with RNA pol II, Leo1 is also required for full
association of the Paf1C with active genes [36]. In this case,
evidence suggests that an interaction between Leo1 and the
nascent mRNA stabilizes the association of the Paf1C with
transcribed genes [36].

The interaction between Paf1C subunits and elongating
RNA pol II is modulated by other transcription elongation
factors. Several reports demonstrated that the Spt4-Spt5
complex promotes recruitment of the Paf1C to chromatin
[33, 37–39]. Interestingly, recent studies suggest that the
functional interactions between the Paf1C, Spt4-Spt5, and
RNA polymerase are conserved beyond RNA pol II and
are important for RNA pol I transcription as well [40–
44]. Although their roles in Paf1C recruitment are less well
characterized than that of Spt4-Spt5, the Spt6, FACT, and
Ccr4-Not transcription factors have also been shown to
modulate recruitment of the Paf1C to active genes [45–47].

The C-terminal domain (CTD) of the largest subunit
of RNA pol II, Rpb1, consists of tandemly repeated copies
of a heptapeptide sequence (YSPTSPS) that can be phos-
phorylated on the serines at positions 2, 5, and 7 of
the repeat. Importantly, the phosphorylation state of the
CTD changes throughout the transcription cycle and is
important for recruiting the appropriate regulatory factors
during each stage of transcription (reviewed in [48]). During
initiation, the RNA pol II CTD is hypophosphorylated.
Upon the transition from initiation to early elongation,
the CTD becomes phosphorylated on serine 5 by CDK7
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Figure 1: The multiple functions of the Paf1C. During transcription elongation, the Paf1C (a) associates with RNA pol II on coding regions
[4, 6], (b) regulates histone modifications [8–12] (discussed in detail in Figure 2), and (c) recruits Chd1, an ATP-dependent chromatin
remodeling enzyme [131, 132]. (d) During a later stage of transcription elongation, the Paf1C promotes phosphorylation of serine 2 of the
RNA pol II CTD [13, 31]. (e) Additionally, the Paf1C is important for proper transcription termination and RNA 3′ end formation of both
polyadenylated and nonpolyadenylated transcripts [13–16, 31].

(Kin28 in yeast) of the general transcription factor TFIIH
[49]. Phosphorylated serine 5 is recognized by the mRNA
capping machinery, thus coordinating mRNA 5′ end capping
and early transcription elongation [50]. In yeast, phos-
phorylation of serine 5 can be reversed by Ssu72 and
tends to decline as elongation proceeds [51]. Serine 7 of
the CTD repeats is also phosphorylated by Kin28 [52–
54]. Patterns of serine 5 and 7 phosphorylation overlap
across genes; however, the elucidation of the functions of
serine 7 phosphorylation is still at an early stage [52–
55]. Later in elongation, serine 2 of the CTD becomes
phosphorylated mainly by Ctk1 in yeast or P-TEFb in
human cells [56, 57]. Serine 2 phosphorylation promotes
the recruitment of cleavage and polyadenylation factors to
RNA pol II, connecting the later stages of elongation to RNA
3′ end processing [58, 59]. Through mechanisms that are
undefined, the Paf1C is required for normal levels of serine
2 phosphorylation [13, 31]. In addition to termination and
RNA 3′ end formation factors, serine 2 phosphorylation
recruits the histone H3 lysine (K) 36 methyltransferase, Set2
[60–63]. Therefore, the Paf1C most likely impacts these
processes, in part, through influencing CTD phosphoryla-
tion.

4. The Paf1C Influences Gene Expression by
Promoting Histone H2B K123 Ubiquitylation
and Histone H3 K4 and K79 Methylation

During transcription elongation, RNA pol II encounters
obstacles in the form of nucleosomes, the basic units of
chromatin. Nucleosomes consist of two copies of each of the
four histone proteins, H2A, H2B, H3, and H4, in a globular
arrangement, wrapped by 147 base pairs of DNA [64, 65]. A
large amount of evidence indicates that nucleosomes impede
transcription elongation. For example, elongation efficiency
is severely reduced during transcription of reconstituted
chromatin templates compared to naked DNA in vitro
[66, 67]. Furthermore, in vivo, transcription rates inversely
correlate with nucleosome occupancy within open reading
frames (ORFs) [68]. In a recent study that employed a
deep-sequencing-based method to determine the positions
of all active RNA pol II molecules, extensive pausing and
backtracking of the polymerase were observed throughout
the bodies of genes [69]. Paused polymerase was particularly
noticeable at the positions of the first four nucleosomes,
confirming that nucleosomes act as a barrier to transcription
elongation in vivo.
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Figure 2: The Paf1C promotes histone H2B monoubiquitylation and histone H3 K4, K36, and K79 methylation. In yeast, the ubiquitin
conjugating enzyme, Rad6, and the ubiquitin ligase, Bre1, monoubiquitylate H2B K123 [179–181]. H2B monoubiquitylation is a prerequisite
for di- and trimethylation of H3 K4 and K79 by the histone methyltransferases Set1 and Dot1, respectively [71, 80, 182, 183]. Histone H3 is
methylated on K36 by the methyltransferase Set2 [184]. Paf1 and Rtf1 subunits of the Paf1C are required for H2B K123 monoubiquitylation
and the downstream di- and trimethylation of H3 K4 and K79 [9–12]. Paf1 and Ctr9 are required for trimethylation of K36 on histone H3
[8].

Histone proteins are subject to a wide variety of
posttranslational modifications, including the acetylation,
ubiquitylation, and methylation of lysine residues. These
modifications regulate RNA pol II activity at all stages of
the transcription cycle. Members of the Paf1C are required
for several histone modifications that are associated with
active transcription (Figure 2). Specifically, Paf1 and Rtf1
are required for the monoubiquitylation of H2B on K123
in yeast (K120 in humans) [12, 37, 70] and the subsequent
di- and trimethylation of H3 K4 and K79 [9–11, 71]. Paf1
and Rtf1 promote H2B monoubiquitylation by facilitating
the association of Rad6 with RNA pol II during transcription
elongation [9–12, 70]. An in vitro assay using purified factors
revealed a direct interaction between the Paf1C and Bre1
[72]; therefore, the Paf1C may tether Rad6 and Bre1 to the
elongating polymerase. Since paf1Δ cells have greatly reduced
levels of Rtf1 protein, Rtf1 is probably the primary subunit
that promotes H2B monoubiquitylation and subsequent
methylation of H3 on K4 and K79 [13]. In fact, mutational
studies have shown that amino acids 62–152 of S. cerevisiae
Rtf1 are required for these histone modifications, leading to
the definition of a histone modification domain (HMD) in
Rtf1 [34, 73].

H2B K123 ubiquitylation and H3 K4 and K79 methy-
lation are enriched on the coding regions of active genes
[70, 74, 75]. Consistent with a positive role in tran-
scription, H2B monoubiquitylation has been shown to

enhance the transcription elongation rate of a chromatin
template in vitro [47]. In vivo, H2B K123 ubiquitylation
facilitates transcription of galactose-inducible genes in yeast
by promoting nucleosome-reassembly in the wake of RNA
pol II in cooperation with the histone chaperone, Spt16
[76]. Additionally, a recent study using chemically defined
nucleosome arrays demonstrated that H2B ubiquitylation
interferes with chromatin compaction, which may facilitate
transcription [77].

H2B K123 ubiquitylation and the downstream methyla-
tion of H3 on K4 and K79 regulate the silencing of reporter
genes positioned near telomeres and other heterochromatic
loci within the yeast genome [10, 78–83]. In S. cerevisiae, the
silencing of genes near telomeres, and at the HMR, HML,
and rDNA loci, is mediated by silent information regulator
(Sir) proteins, which preferentially bind to hypomethylated
histones (reviewed in [84]). The genome-wide loss of H3
K4 and K79 methylation has been proposed to cause a
redistribution of Sir proteins from the silent loci, resulting in
the loss of Sir-dependent transcriptional silencing (reviewed
in [85]). Paf1 and Rtf1 are required for silencing of a
telomere-proximal reporter gene in yeast [9, 10, 34, 73].
However, recent studies indicate that caution should be
exercised in generalizing results obtained with the widely
used URA3-based silencing reporter assays. In these studies,
a dot1Δ mutation, which has been reported to cause a strong
defect in telomeric silencing based on the reporter assays,
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does not alleviate repression of natural genes near telomeres
or lead to global changes in Sir protein occupancy [86, 87].
Based on these new observations, more work will be needed
to clarify the roles of the Paf1C and its dependent histone
modifications in heterochromatic gene silencing.

Microarray analysis of transcript levels in cells lacking
the H2B ubiquitylation site (htb1-K123R substitution) has
shown that H2B K123 ubiquitylation represses many genes
throughout the yeast genome [88]. In fact, the majority
of affected genes exhibited increased expression in htb1-
K123R cells, indicating that this modification predominantly
acts to repress transcription [88]. Consistent with repressive
functions, reversal of H2B K123 ubiquitylation by the de-
ubiquitylating enzyme, Ubp8, is required for full expression
of certain inducible genes, including GAL1, GAL10, and
SUC2 [89–91]. Furthermore, the Paf1C mediates repression
of a subset of genes, including the ARG1 gene, by facilitating
H2B K123 ubiquitylation [92]. These observations sug-
gest that Paf1C-dependent H2B ubiquitylation has impor-
tant functions for repression of global transcription. The
mechanism by which H2B monoubiquitylation represses
transcription is not completely understood. However, H2B
monoubiquitylation has been shown to increase nucleosome
stability at the promoters of repressed genes [93] and
antagonize the recruitment of the positive transcription
elongation factor TFIIS to genes in human cells [94].

Importantly, like its yeast counterpart, the human Paf1C
controls gene expression through H2B monoubiquitylation
and H3 K4 and K79 methylation [47, 95–98]. Furthermore,
H2B monoubiquitylation in humans also has both positive
and negative effects on transcription. For example, H2B
monoubiquitylation is preferentially associated with highly
expressed genes [97]. In addition, this modification has
been shown to stimulate proper HOX gene expression in
human cells [98] and the transcription of pluripotency
genes in embryonic stem cells [95], thus promoting proper
development and stem cell identity, respectively. However,
de-ubiquitylation of H2B by Usp22, the human homolog of
yeast Ubp8, inhibits heterochromatic silencing and promotes
gene activation [99, 100]. Human Bre1/RNF20 acts as a
tumor suppressor by promoting transcription of tumor
suppressor genes and repressing proto-oncogenes, under-
scoring the importance of both positive and negative gene
regulation by H2B monoubiquitylation [101]. Collectively,
these observations indicate that H2B monoubiquitylation
has important effects on gene expression in both yeast and
humans.

5. The Paf1C Promotes Histone H3 K36
Trimethylation and Affects Histone
Acetylation Levels on Genes

In addition to methylation of H3 K4 and K79, Paf1 and
Ctr9 are required for trimethylation of H3 K36 by the
histone methyltransferase, Set2 [8]. Set2 associates with the
elongating form of RNA pol II in the body of actively
transcribed genes in a Paf1C-dependent manner [8, 60, 63].
As stated above, the Paf1C may influence Set2 recruitment

indirectly through its effects on CTD phosphorylation [13,
31]. Both H3 K4 and K36 methylation occur across most
genes in a distinct pattern that is influenced by the phos-
phorylation state of the RNA pol II CTD (Figure 3). Serine
5 phosphorylation by Kin28 recruits Set1 to RNA pol II early
in elongation, resulting in a peak of H3 K4 trimethylation
near promoters [11]. Just downstream, K4 dimethylation
peaks in 5′ coding regions, whereas K4 monomethylation
occurs across the gene [102, 103]. Later in elongation, serine
2 phosphorylation of the RNA pol II CTD recruits Set2,
resulting in H3 K36 methylation toward the 3′ end of the
coding region [60–63].

Interestingly, H3 K4 and K36 methylation modulate
histone acetylation by facilitating the recruitment or activity
of histone acetyltransferase (HAT) and histone deacetylase
complexes (HDACs). H3 K4 trimethylation recruits the
NuA3 HAT complex, resulting in increased H3 K14 acety-
lation [104, 105]. Dimethylation of H3 K4 stimulates the
activity of the Set3 HDAC [106, 107]. Consistent with this
pathway of H3 K4 methylation-directed deacetylation, the
loss of Paf1 results in increased acetylation at 5′ coding
regions [8]. Histone H3 K36 dimethylation promotes the
activity of the Rpd3S HDAC [108–111]. Through these
pathways, H3 methylation restricts histone acetylation to
promoters to prevent inappropriate transcription from
cryptic start sites internal to coding regions and restore
chromatin in the wake of the polymerase. Analysis of paf1Δ
set2Δ double mutant strains suggests that Paf1 and Set2
function separately to reduce cryptic initiation and histone
acetylation at 3′ coding regions [8]. These results may not
be surprising since Paf1 is selectively required for H3 K36
trimethylation [8], yet dimethylation is sufficient for Rpd3S
HDAC activity [111]. Therefore, at 5′ coding regions, the
Paf1C reduces histone acetylation, possibly through H3 K4
methylation-mediated deacetylation by Set3. However, at 3′

coding regions, the Paf1C reduces acetylation through an
undefined mechanism that is parallel to the established Set2-
Rpd3S pathway.

Given its important roles in modulating several histone
modifications, the Paf1C likely regulates gene expression by
promoting histone modifications. However, while genome-
wide analysis identified numerous genes that require the
Paf1C for proper expression [14], only a subset of Paf1C-
responsive genes exhibit altered expression in the absence
of these same histone modifications [88]. Therefore, the
Paf1C likely has roles aside from facilitating histone mod-
ifications that control gene expression. Consistent with
this hypothesis, the repressive effect of the yeast Paf1C on
ARG1 transcription can be only partially explained by a
loss of histone modifications [92]. Furthermore, in vitro
transcription elongation assays have revealed a role for the
Paf1C in stimulating transcription elongation of naked DNA
templates by both RNA pol I and pol II [44, 112]. The histone
modification-independent functions of the Paf1C may be
conserved throughout eukaryotes, as the human Paf1C has
recently been shown to stimulate in vitro transcription of a
chromatin template independently of histone modifications
[113]. Further investigation is required to elucidate critical
histone modification-independent functions of the Paf1C.
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Figure 3: Typical distribution of histone modifications across a gene. Serine 5 phosphorylation on the RNA pol II CTD recruits Set1 to RNA
pol II early in elongation, resulting in a peak of H3 K4 trimethylation near promoters [11]. Just downstream, K4 dimethylation peaks in 5′

coding regions [102, 103]. Later in elongation, serine 2 phosphorylation of the RNA pol II CTD recruits Set2, resulting in H3 K36 methylation
toward the 3′ end of the coding region [60–63]. H3 K4 trimethylation recruits the NuA3 histone acetyltransferase (HAT) complex, resulting
in increased H3 K14 acetylation near the promoter [104, 105]. Within the coding region, dimethylation of H3 K4 promotes the activity of
the Set3 histone deacetylase complex (HDAC) [106, 107]. At the 3′ coding region, H3 K36 dimethylation promotes the activity of the Rpd3S
HDAC [108–111]. Through these mechanisms, histone acetylation levels are maintained at low levels on coding regions.

6. The Paf1C Functions Cooperatively
with Other Factors That Influence
Chromatin Structure

Beyond influencing gene expression through establishing
histone modifications, the Paf1C interacts physically and
genetically with several factors that influence chromatin
structure and transcription elongation, including the elon-
gation complex Spt4-Spt5, the histone chaperone FACT, and
the chromatin remodeler Chd1. Spt4-Spt5 is required for
the recruitment of the Paf1C to the elongation complex and
for H2B K123 ubiquitylation [33, 37–39]. Paf1C recruit-
ment is regulated by phosphorylation of Spt5 by the Bur1
kinase [37–39]. Consistent with cooperative functions, the
human Paf1C, Spt4-Spt5/DSIF, and Tat-SF1 cooperatively
stimulate transcription elongation in vitro and promote
transcription in vivo [114]. A recent study involving a novel
transcription elongation reporter template demonstrated
that Spt4 and the Paf1C facilitate elongation in yeast
cells [28]. However, biochemical experiments in yeast and
human cells have shown that Spt4-Spt5/DSIF interacts with
RNA pol II during elongation and has both positive and
negative effects on elongation [4, 115–118]. Although the
functions of Spt4-Spt5/DSIF are not completely understood,
genetic interactions with elongation and chromatin-related
factors suggest that Spt4-Spt5/DSIF regulates transcription
elongation through the modulation of chromatin structure.
For example, in yeast Spt4-Spt5 genetically interacts with
the ATP-dependent chromatin remodeler, Chd1 [30, 119],
and kinases and phosphatases that modify the CTD of
RNA pol II [120]. Spt4-Spt5 has been shown to recruit the
Rpd3S HDAC to active genes in cooperation with Kin28
and Ctk1 [121]. Therefore, Spt4-Spt5 may affect chromatin
in part by recruiting the Rpd3S HDAC. However, in vitro
transcription using a naked DNA template has shown

that the Paf1C and DSIF can also stimulate transcription
elongation independently of chromatin [114].

The yeast Paf1C physically and genetically interacts with
Spt16-Pob3/FACT [20, 26]. Consistent with this, the human
Paf1C augments FACT-stimulated in vitro transcription of
a chromatin template [47]. FACT was originally identified
as a factor that facilitates transcription of a reconstituted
chromatin template [67, 122]. Beyond this, many physical
and genetic interactions suggest that Spt16-Pob3/FACT has
important roles during transcription [20, 26, 30, 122, 123].
It is now known that FACT directly participates in the
reorganization of nucleosomes within the ORFs of actively
transcribed genes and reassembles chromatin in the wake
of RNA pol II [123–127]. In vitro binding of an H2A-H2B
dimer by FACT has led to the conclusion that FACT displaces
a single H2A-H2B dimer to allow RNA pol II passage
[122, 128, 129]. However, analysis of nucleosomes by in
vitro hydroxyl radical accessibility and endonuclease cleavage
experiments showed that FACT creates more accessibility
than could be explained by the loss of an H2A-H2B dimer,
yet partially protects nucleosomal DNA [130]. These results
have led to a second model for FACT function in which FACT
performs a more dramatic reorganization of the nucleosome
without histone eviction.

In addition to its physical interactions with Spt4-Spt5
and FACT, the Paf1C interacts with Chd1, a conserved
ATP-dependent chromatin remodeling enzyme [131, 132].
Chd1 associates with regions of active transcription [30,
133] and physically interacts with Spt4-Spt5/DSIF, FACT,
and the Paf1C [4, 30, 134], pointing to an important role
during transcription elongation. The mechanistic details of
chromatin remodeling by Chd1 are not well understood.
However, Chd1 has been shown to create a chromatin
structure that inhibits cryptic transcription initiation [119].
Chd1 contains two N-terminal chromodomains, a central
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ATPase domain and a C-terminal DNA-binding domain
[135]. Interestingly, structural studies revealed that the two
Chd1 chromodomains regulate the ATPase motor in a
unique manner. Specifically, in the absence of nucleosome
binding, the chromodomains physically block the ATPase
domain, preventing association with naked DNA [136].
Chromodomains also bind methylated lysines [137]. It has
been shown that the human homolog of Chd1 associates
with chromatin by recognition of H3 K4 methylation [138,
139], but there are differing reports as to whether this occurs
in yeast [138–140]. Instead, the Rtf1 subunit of the Paf1C in
yeast has been shown to recruit Chd1 to chromatin through a
region of Rtf1 distinct from its histone modification domain
[30, 34].

7. The Paf1C Coordinates Transcription
Elongation with Transcription Termination
and RNA 3′ End Processing

In addition to its critical functions during transcription
elongation, the Paf1C is important for proper transcription
termination and RNA 3′ end formation [13–16, 31]. The
loss of Paf1C members results in shorter poly(A) tail
lengths [13]. Additionally, the Paf1C has been shown to
modulate expression of a subset of genes, not by regulating
elongation, but by controlling poly(A) site usage [14].
Specifically, the loss of Paf1 results in the read-through of
poly(A) sites, producing 3′-extended transcripts that are
subject to nonsense-mediated decay [14]. Termination and
RNA 3′ end processing defects that occur in the absence
of Paf1 can be attributed to the reduced recruitment of
3′ end processing factors to chromatin. In the absence
of Paf1C members, altered poly(A) site usage is associ-
ated with reduced chromatin association of the cleavage
and polyadenylation factor Pcf11 [13]. Additionally, Cft1,
another 3′ end processing factor, associates with RNA pol
II in a Paf1C-dependent manner [31]. The recruitment of
cleavage and polyadenylation factors to RNA pol II and
chromatin requires the serine 2-phosphorylated form of the
RNA pol II CTD [58, 141]. Therefore, the Paf1C may regulate
the recruitment of 3′ end processing factors indirectly
through its effects on CTD phosphorylation. However, direct
interactions between the Paf1C and 3′ end processing factors
have been demonstrated in yeast and humans [31, 142].
Therefore, the Paf1C may recruit 3′ end processing factors
through a mechanism that does not rely on RNA pol II CTD
phosphorylation.

Together, these observations suggest that the Paf1C plays
an important role in coordinating transcription with RNA
3′ end processing. Given that the Paf1C is required for
the recruitment of 3′ end processing factors to chromatin
[13, 31], yet it dissociates from RNA pol II shortly after the
poly(A) site has been transcribed [5, 32], the Paf1C appears
to participate in an exchange of elongation factors for 3′

end processing factors during transcription termination.
Consistent with this hypothesis, when dissociated from
chromatin, the Paf1C associates with RNA processing factors

[31]. However, the exact mechanism by which the Paf1C reg-
ulates termination and 3′ end processing of polyadenylated
transcripts remains unclear.

The Paf1C is also required for proper termination and
3′ end formation of nonpolyadenylated transcripts [15].
The loss of Paf1C members or Paf1C-dependent histone
modifications results in the synthesis of small nucleolar
RNAs (snoRNAs) extended at their 3′ ends [15, 73]. snoRNA
termination defects in the absence of Paf1C members are
associated with reduced recruitment of the 3′ end processing
factors, Nrd1 and Nab3 [15]. Therefore, similar to its effects
on the termination of polyadenylated transcripts, the Paf1C
mediates snoRNA termination by promoting recruitment of
3′ end processing factors. Interestingly, it has recently been
shown that the termination function of the Paf1C can be
inhibited through an interaction with an activator [143].
Specifically, a physical interaction between Mpk1 MAPK
and Paf1 prevents premature transcription termination by
inhibiting recruitment of the Sen1-Nrd1-Nab3 complex
[143]. However, the mechanism by which the Paf1C recruits
3′ end processing factors for termination remains to be
revealed. Additionally, disruption of the Rtf1 HMD results in
snoRNA termination defects, implicating H2B K123 ubiqui-
tylation in the regulation of transcription termination [73].
Interestingly, nucleosome depletion in terminator regions
has been shown to require RNA pol II transcription [144].
Therefore, in addition to facilitating recruitment of 3′ end
processing factors, the Paf1C promotes proper transcription
termination through H2B monoubiquitylation and its effects
on chromatin structure.

The contribution of the Paf1C to transcription termi-
nation has yet to be assessed on a genome-wide scale.
However, given the essential roles of transcription termi-
nation, which include regulating transcript stability and
RNA pol II recycling (reviewed in [145–148]), Paf1C-
dependent termination is likely to have wide-spread effects
on gene expression. Importantly, the functions of the Paf1C
in regulating termination and RNA 3′ end formation are
conserved from yeast to humans [142, 149].

8. The Paf1C Has Critical Functions
in Metazoans

As mentioned above, the known functions of the Paf1C,
including RNA pol II-association [150] and roles in tran-
scription elongation [113, 114], histone modification [95,
96, 98, 142], and RNA 3′ end formation [142, 149], are
conserved between yeast and humans. However, there are
some differences in complex composition in yeast and higher
eukaryotes. In humans, the Paf1C is minimally composed of
Paf1, Ctr9, Cdc73, Leo1, and the higher eukaryote-specific
subunit, Ski8, which is involved in mRNA surveillance [150–
152]. A few reports differ on whether human Rtf1 is absent
from [98, 150, 151] or present in [113] the human complex.
Therefore, human Rtf1 appears to be less stably associated
with the Paf1C. Consistent with this, Rtf1 is not stably asso-
ciated with the Drosophila Paf1C [153]. However, despite its
less stable association with the Paf1C, human Rtf1 still influ-
ences gene expression and histone modification [95, 154].
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The Paf1C has evolved critical functions in higher
eukaryotes, including promoting proper development,
maintaining pluripotency in stem cells, and preventing
cancer. Consistent with an important role in development,
the human Paf1C is required for proper transcription of
Wnt target genes [155] and HOX genes [98]. Additionally,
Rtf1 regulates the transcription of Notch target genes in
Drosophila and zebrafish [153, 156, 157]. Given the regula-
tion of important developmental genes, it is not surprising
that, in zebrafish, the Paf1C is required for the development
of the ears, neural crest, and heart [156, 158]. For proper
heart development, the Paf1C is critical for the specification
of cardiomyocytes and patterning of the primitive heart
[159]. In addition to genes required for proper development,
the human Paf1C regulates the expression of interleukin-
6 responsive inflammatory genes [160] and those that
maintain pluripotency in stem cells [95].

Members of the human Paf1C have also been implicated
in cancer. Pancreatic differentiation factor 2/Paf1 is overex-
pressed in pancreatic cancer cell lines and overexpression in
cell culture results in transformation [161]. Additionally, the
gene encoding human Paf1 is amplified in many cancers,
including breast and uterine cancers [162, 163]. Further-
more, parafibromin/Cdc73 is a tumor suppressor encoded
by HRPT2, a gene that is mutated in hyperparathyroidism-
jaw tumor syndrome [164–166]. The roles of the Paf1C
in preventing cancer are not entirely understood. However,
the Paf1C promotes leukemogenesis through interactions
with MLL-rearranged oncoproteins, a topic which has been
recently reviewed [167].

Like the yeast counterpart, the human Paf1C influences
gene expression by facilitating histone modifications. For
example, the Paf1C, H2B monoubiquitylation, and H3 K4
and K79 methylation promote HOX gene expression [98].
H2B monoubiquitylation also appears to play a role in main-
taining pluripotency in stem cells, and the Paf1C promotes
the transcription of genes required for pluripotency in both
mouse and human embryonic stem cells [95, 168]. Cell
differentiation is associated with reduced expression of Paf1C
subunits [95, 168] and reduced levels of H2B ubiquitylation
[169]. Interestingly, the silencing of pluripotency genes
upon differentiation may be accomplished by the interaction
between the Paf1C and DNA methyltransferases [170], which
repress these genes [171].

In addition to its effects on histone modifications, the
human Paf1C regulates gene expression through direct inter-
actions with gene-specific activators. Human Ctr9 associates
with Stat3 and recruits it to the promoters of interleukin-
6 responsive genes [160]. Cdc73 in humans promotes
the transcription of Wnt target genes through a direct
interaction with β-catenin [155]. Additionally, the Paf1C is
found in a complex with the transactivator Tat to promote
transcription from the HIV-1 promoter [172].

9. Conclusions and Future Studies

The Paf1C performs multiple functions during RNA pol
II transcription, and these functions are conserved from

yeast to humans. Previous studies have provided a wealth of
knowledge about the roles of the Paf1C in transcriptional
regulation; however, many important questions remain.
While it is known that the Paf1C associates with RNA poly-
merase during elongation and dissociates near the poly(A)
site, the details of the Paf1C-RNA pol II interaction, and its
regulation, remain undefined. Current information suggests
that the association of the Paf1C with RNA pol II is facilitated
by multiple interactions. Cdc73 and Rtf1 play nonredundant
roles in tethering the Paf1C to RNA pol II, but it is unclear
whether these proteins make direct or indirect contacts with
the polymerase or whether, like Leo1 [36], interactions with
the nascent transcript are involved. Furthermore, although
phosphorylation of Spt5 stimulates Paf1C recruitment [37–
39], the regulatory events that promote dissociation of the
Paf1C near the poly(A) site have yet to be elucidated.

A requirement for the Paf1C in regulating transcription
termination and RNA 3′ end formation has been observed
at specific genes. However, determining the scope of this
effect on RNA 3′ end formation or other steps in RNA
maturation will require additional genome-wide studies
on Paf1C-deficient cells. Existing data indicate that the
Paf1C mediates transcription termination in several ways.
Its physical association with RNA processing factors suggests
that the Paf1C coordinates the exchange of transcription
elongation factors for transcription termination and 3′ end
processing factors [31], although the mechanisms remain to
be characterized. Additionally, the transcription termination
functions of the Paf1C correlate with its roles in promoting
serine 2 phosphorylation of the RNA pol II CTD [13, 31]
and H2B ubiquitylation [73]. It is not known whether the
Paf1C promotes phosphorylation of serine 2 by affecting
the recruitment and/or activity of the CTD kinase, Ctk1.
Furthermore, the mechanisms by which the Paf1C promotes
histone modifications have not been thoroughly investigated.
While the Paf1C facilitates the recruitment of histone
modifying enzymes to ORFs [9–12, 70], the molecular details
of these interactions are uncharacterized, and it is uncertain
whether the Paf1C plays a role in histone modification
beyond simply recruiting the active players. Finally, while
both positive and negative effects on gene expression have
been described for the Paf1C [14, 17, 92, 173] and its
downstream histone modifications [88, 92], the features of a
gene that confer Paf1C-dependent expression are unknown.
In the case of the H2B ubiquitylation mark, it would be
especially interesting to know why some genes are repressed
by this modification, while others are activated by it [88,
92].

Although it has been shown that the Paf1C is required for
proper expression of numerous genes throughout the yeast
genome [14], a role in regulating the expression of noncod-
ing RNAs (ncRNAs) has not been determined. In addition
to genome-wide analyses unexpectedly localizing RNA pol
II to intergenic regions [174], genome-wide transcription
analyses have revealed that up to 85% of the yeast genome
is transcribed [175, 176]. Similar results were obtained in
human cells, such that ncRNAs account for a large portion
of the transcription observed [175–178]. Many ncRNAs arise
from start sites within intergenic regions and overlap with
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coding genes [175, 176]. Importantly, ncRNAs are becoming
increasingly recognized as key regulators of gene expression.
Therefore, to fully appreciate the mechanisms by which the
Paf1C regulates gene expression, it will be important to know
how its functions impact ncRNA synthesis. Upcoming inves-
tigations, which incorporate a multidisciplinary approach of
structural, genetic, biochemical, and genomic experiments,
will likely further establish the Paf1C as a critical regulator of
gene expression, uncover new activities of the complex, and
elucidate the molecular mechanisms of Paf1C-dependent
functions that are crucial for the prevention of cancer and
developmental defects.
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The process of gene transcription requires the participation of a large number of factors that collectively promote the accurate and
efficient expression of an organism’s genetic information. In eukaryotic cells, a subset of these factors can control the chromatin
environments across the regulatory and transcribed units of genes to modulate the transcription process and to ensure that
the underlying genetic information is utilized properly. This article focuses on two such factors—the highly conserved histone
chaperones Spt6 and FACT—that play critical roles in managing chromatin during the gene transcription process. These factors
have related but distinct functions during transcription and several recent studies have provided exciting new insights into their
mechanisms of action at transcribed genes. A discussion of their respective roles in regulating gene transcription, including their
shared and unique contributions to this process, is presented.

1. Introduction

In eukaryotic cells, gene transcription takes place in the
context of chromatin, a protein-DNA structure that includes
the nucleosome—a particle composed of DNA and core
histone proteins—as its fundamental unit [1]. The pres-
ence of nucleosomes over the regulatory and transcribed
regions of genes poses unique problems not encountered
by prokaryotic organisms and, as a result, eukaryotic cells
have evolved sophisticated mechanisms that enable them to
manipulate nucleosomes in a manner that allows for efficient
transcriptional control. Different classes of protein factors
that can modulate chromatin environments at transcribed
loci have been identified and include chromatin remodeling
complexes, which can alter DNA-histone interactions in an
ATP-dependent manner, histone modifying enzymes, which
can modulate the properties of nucleosomes by controlling
the set of posttranslational modifications present on the his-
tone proteins within nucleosomes, and histone chaperones,
which can interact specifically with histones and can promote
the assembly and/or disassembly of nucleosomes in an ATP-
independent fashion [2–4]. Several histone chaperones with
established roles in transcription have been identified and
their contribution to this process is a current area of intense

research [3, 5]. This review focuses on two of the better
characterized histone chaperones—Spt6 and FACT—and
summarizes our current understanding of their roles in the
modulation of gene transcription. These highly conserved
histone chaperones contribute to the transcription process
in several ways and a discussion of the similarities and
differences in their mechanisms of action is presented.

2. Identification and Initial
Characterization of Spt6 and FACT

2.1. Spt6. Spt6 was originally identified in the suppressor of
Ty (Spt) screens and selection experiments in Saccharomyces
cerevisiae, which were designed to identify genes that when
mutated or expressed at abnormal levels could suppress the
deleterious effects of insertions of Ty and solo δ elements
at certain biosynthetic genes [6, 7]. Soon after its initial
discovery, it became clear that Spt6 plays essential roles in the
control of transcription in yeast and that its role was likely to
be genome-wide and not confined to regulatory aspects in
the context of Ty and δ elements [8–13]. Subsequent genetic
and biochemical experiments further showed that Spt6 can
interact directly with histones (with a preference for histone
H3), that it possesses nucleosome assembly activity and that
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it is an important player in the transcription elongation
process [14–16]. These early experiments pointed to critical
roles for Spt6 in the control of transcription through
interactions with chromatin and provided the foundations
for subsequent studies that have shed further light on the
cellular processes impacted by Spt6 and the mechanistic
aspects of its activities.

2.2. FACT. Similarly to Spt6, the components of the FACT
(FAcilitates Chromatin Transcription) complex were first
isolated through genetic and biochemical approaches in the
S. cerevisiae model system. The gene encoding the first
component of the yeast FACT (yFACT) complex, Spt16 (also
known as Cdc68), was isolated as an SPT gene based on its
ability to suppress the transcriptional defects of δ element
insertions at the LYS2 and HIS4 genes when expressed from
a high copy number plasmid and was shown to encode an
essential protein involved in transcription regulation of sev-
eral genes [17–21]. The second component of yFACT, Pob3,
was originally isolated as a protein that copurifies with DNA
Polymerase α in biochemical experiments [22] and later
shown to also have roles in transcription [23]. Subsequent
studies showed that Spt16 and Pob3 form a heterodimer
involved in a variety of chromatin-based activities, likely
through its ability to interact directly with nucleosomes with
the assistance of Nhp6, a protein containing a DNA-binding
region similar to the evolutionarily conserved high mobility
group (HMG) motif found in several chromatin-interacting
proteins [24, 25]. In the literature, the term yFACT has been
used to refer to either the Spt16-Pob3 heterodimer or the
Spt16-Pob3 dimer in association with Nhp6; for the purpose
of this review, the term yFACT will refer to just the Spt16-
Pob3 heterodimer, but it is important to keep in mind that
the activities ascribed to yFACT are thought to require the
participation of Nhp6 as well. The human FACT complex
was identified in independent biochemical experiments as an
activity required for productive transcription elongation on
chromatin templates in in vitro reconstitution experiments
[26, 27]. These landmark experiments provided critical
initial insights into the biochemical properties for which
the FACT complex is named. The human FACT complex
comprises the homolog of Spt16 (hSpt16) and SSRP1, a
protein that combines features of both the yeast Pob3
and Nhp6 proteins, suggesting that during evolution the
functions conferred by Pob3 and Nhp6 in yeast have been
condensed into a single polypeptide [28].

3. Histone Chaperoning and Transcription
Regulation by Spt6 and FACT

3.1. Spt6. The initial discovery of the ability of Spt6 to
interact with histones and to assemble nucleosomes in
vitro [14] foreshadowed the now well-established role for
Spt6 as a key histone chaperone during the transcription
process. During transcription elongation, Spt6 is required
for the maintenance of a chromatin structure that prevents
improper usage of cryptic promoter elements, suggesting
that the ability of Spt6 to reassemble nucleosomes in the
wake of Pol II passage is critical for the prevention of

spurious intragenic transcription initiation [29, 30]. The
involvement of Spt6 in proper chromatin reconstitution
during transcription elongation is also observed at certain
activated stress genes [31, 32]. The requirement for Spt6 to
reassemble nucleosomes during Pol II elongation, however,
does not apply to all genes but instead appears to be as-
sociated predominantly with genes that are transcribed at
high rates [33]. These findings are consistent with other
studies that have proposed that the fate of nucleosomes
during transcription elongation depends on the rate of
transcription: in the context of high levels of transcription
nucleosomes are completely dismantled in front of Pol II and
reconstituted in its wake [34–36] whereas in the context of
low levels of transcription hexamers devoid of an H2A-H2B
dimer remain associated with DNA while still allowing for
Pol II passage through a mechanism involving the formation
of small DNA loops [35–37]. Thus, it is possible that the
chaperoning activity of Spt6 is required in the former case
but not in the latter [33], which would be consistent with
the fact that Spt6 is not believed to be a histone H2A-H2B
chaperone. Interestingly, however, even in the context of
low transcription rates during which nucleosome loss is not
detected in an spt6 mutant, Spt6 function can still be required
to prevent cryptic intragenic transcription, thus pointing to
functions for Spt6 in preventing intragenic transcription that
are, at least in some cases, independent from its classical role
as a histone chaperone during the transcription elongation
process [33].

The chaperoning activity of Spt6 is also required for
proper control of transcription initiation. Recent studies in
yeast have indicated that nucleosome reassembly activity
driven by Spt6 occurs over certain gene promoters and that
this activity is required for proper transcriptional repression
[33, 38]. The observation that the expression of many genes
is affected by an spt6 mutation [30] but that these genes
do not significantly overlap with a set of genes that suffer
detectable loss of nucleosomes over their transcribed regions
in the same spt6 mutant background argues that Spt6-driven
histone chaperoning activity during transcription elongation
does not strongly impact the gene expression process [33].
Therefore, proper transcriptional output likely relies on
Spt6-mediated functions that are related to its activity in
transcription initiation and/or on Spt6-directed nucleosome
reassembly-independent activities during transcription elon-
gation. Finally, Spt6, as well as yFACT, has also been shown
to regulate transcription initiation through their histone
chaperoning activities during transcription elongation: in
this case, transcription of intergenic noncoding DNA that
overlaps the promoter of the yeast SER3 gene is accompanied
by Spt6- and yFACT-dependent reassembly of nucleosomes,
which, in turn, are thought to prevent binding of tran-
scription activators required for SER3 expression, ultimately
resulting in transcription repression of SER3 [39].

3.2. FACT. The histone-chaperoning activity of the FACT
complex during transcription elongation is required for two
distinct, but potentially mechanistically related, processes:
facilitation of histone removal in front of elongating Pol II
and nucleosome reassembly in the wake of Pol II passage.



Genetics Research International 3

Evidence for the former process has come principally from
in vitro experiments that showed that (i) FACT can interact
with nucleosomes and its activity is required for efficient
transcription elongation on nucleosomal templates, (ii) the
two subunits of FACT can interact with H2A-H2B dimers
and (H3-H4)2 tetramers, and (iii) FACT activity can pro-
mote loss of H2A-H2B dimers from nucleosomes [26, 27,
40]. Additional evidence in support of this notion has come
from recent experiments showing that mutations predicted
to weaken interactions between H2A-H2B dimers and (H3-
H4)2 tetramers can suppress defects in yFACT function both
in vivo and in vitro [41]—thus, histone mutations that favor
nucleosome disassembly decrease the dependency on yFACT
activity, a finding consistent with a role for FACT in promot-
ing histone eviction. Interestingly, additional studies have
shown that yFACT activity is required principally at genes
that contain stable nucleosomes positioned over the 5′ end
of their coding units, suggesting that FACT-mediated histone
eviction at the early stages of transcription elongation is
a particularly important event for ensuring proper Pol II
progression throughout the length of a transcribed gene
[42]. Whereas in some instances it has been speculated that
the Spt6 histone chaperone may also possess nucleosome-
disruption activity, no direct evidence for such an activity
has been reported—therefore, facilitation of histone removal
during the transcription elongation process may represent a
major difference in the activities of FACT and Spt6.

Similarly to Spt6, the FACT complex has critical roles
in the reassembly of nucleosomes following passage of Pol
II over transcribed units. Initial evidence for a role for
FACT in transcription-dependent nucleosome reassembly
came from experiments in yeast showing synthetic lethal
genetic interactions between spt16 mutants and mutations
in factors involved in deposition of histones onto DNA [43].
Whereas FACT was originally categorized as a histone H2A-
H2B chaperone based on its ability to interact with H2A-
H2B dimers but not with H3-H4 tetramers in vitro [27],
subsequent biochemical experiments showed that human
FACT can deposit all four core histones onto DNA in vitro,
suggesting that part of FACT’s in vivo function may include
participation in nucleosome reassembly during transcription
elongation through interactions with all core histones [40].
Recent experiments have provided support for the ability
of FACT to interact with histones H3 and H4 and have
highlighted the importance of these interactions in pro-
moting histone deposition onto DNA during transcription
elongation [34, 44–46]. Moreover, an elegant set of studies
has shown that yFACT functions by incorporating the preex-
isting histones H3 and H4 back onto DNA following Pol II
passage, a process with clear implications for the importance
of maintenance of epigenetic marks on core histones over
transcribed genes [46]. Recent work has implicated the
Spt16-M domain, a structural domain originally identified
through partial proteolysis experiments [47, 48], in directing
histone deposition during transcription elongation [49].
Collectively, these findings establish FACT as a key chaperone
for all four core histones during transcription elongation.

What are the consequences of defective FACT-mediated
nucleosome reassembly during transcription elongation?

Given the shared functions in transcription-dependent chro-
matin reassembly with Spt6, it is not surprising that muta-
tions in FACT can also result in cryptic transcription
initiation defects [29, 30, 49, 50]. However, unlike the case for
Spt6 described earlier in which its histone deposition activity
does not appear to be required at infrequently transcribed
genes, loss of function of the Spt16 component of yFACT
does result in nucleosome loss over certain infrequently
transcribed genes and even genes expected to be in the “off”
state [46]. Thus, it would appear that, at least in certain
instances, infrequently and marginally transcribed genes can
undergo nucleosome loss and that reassembly of proper
nucleosome structure in these cases depends on FACT but
not on Spt6, although one cannot exclude the possibility
that the differential requirement observed for the two histone
chaperones in this context could be due, at least in part, to the
different experimental methodologies used in the two studies
that addressed this issue [33, 46]. The requirement for FACT
but not for Spt6 in nucleosome reassembly over the bodies
of infrequently transcribed genes could be explained by a
model in which for this class of genes loss of Spt6-mediated
histone chaperoning can be compensated by FACT, which
can chaperone all four core histones onto DNA whereas loss
of FACT activity cannot be compensated by Spt6, which can
only chaperone histones H3 and H4. An extension of this
model would be that at highly transcribed genes, due to a
demand for rapid and/or frequent nucleosome reassembly,
the activities of both Spt6 and FACT become essential for
maintenance of proper chromatin structure and loss of either
one cannot be compensated by the other. Further genetic and
biochemical experiments will need to be carried out to test
the validity of this model.

An additional consequence of loss of FACT chaperoning
activity has been recently described by Chávez and col-
leagues. In these studies, a failure of yFACT to properly
deposit histones during transcription elongation was shown
to lead to abnormally high intracellular levels of free histones,
which, in turn, led to a delay in cell cycle progression at
the G1 phase by repressing expression of a G1-cyclin gene
[51]. Therefore, FACT chaperoning activity is critical both
for events directly related to chromatin structure at sites
where transcriptional elongation is occurring and, in a
more indirect fashion, for proper progression through the
cell cycle by controlling the proportion of nucleosomal
versus nonnucleosomal histones in the cell. Interestingly,
a mutation in SPT6 was also shown to cause phenotypes
consistent with excess accumulation of free histones in cells
[51], thus raising the possibility that maintenance of proper
levels of free histones in cells is a general property shared with
other members of the histone chaperone family.

As is the case for Spt6, FACT activity is also required
for proper regulation of transcription initiation. Whereas,
as described earlier, Spt6 is required for repression of tran-
scription initiation through its ability to directly promote
nucleosome reassembly over gene promoter regions [33, 38],
FACT-mediated chromatin alterations, including promotion
of histone H2A-H2B removal from nucleosomes, have been
implicated in activation of transcription initiation at a vari-
ety of genes in a number of different species [52–59]. Thus,
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FACT and Spt6 can play opposite roles at gene promoters,
but both functions are consistent with some of their known
biochemical activities—facilitation of histone removal for
the FACT complex and reassembly of nucleosomes for Spt6.
However, at least in the context of the SER3 gene as described
earlier, yFACT and Spt6 can both repress transcription
initiation through their transcription elongation-dependent
nucleosome reassembly activities [39].

4. Mechanisms of Spt6 and FACT Histone
Chaperoning Activity

4.1. Spt6. The mechanistic details for the interactions that
occur between Spt6 and nucleosomes during the chap-
eroning process are still under investigation, but early
and more recent studies have shown that Spt6 can bind
double-stranded DNA in vitro [60] as well as free histones
and nucleosomes and that the interaction between Spt6
and intact nucleosomes requires Nhp6, the same HMG
protein described earlier that is also required for interactions
between nucleosomes and yFACT [14, 61]. The interaction
between Spt6 and nucleosomes is also regulated by the Spt6
binding partner Spn1/Iws1. Structural studies have identified
a region located toward the N-terminus of Spt6 and a region
located toward the C-terminus of Spn1/Iws1 containing two
ARM repeats as being responsible for mediating the Spt6-
Spn1/Iws1 interaction and functional studies have indicated
that the integrity of this interface is critical for the proper
function of the complex [61–63]. Interestingly, binding of
Spn1/Iws1 to Spt6 interferes with the ability of Spt6 to
interact with nucleosomes [61], thus suggesting that in
vivo Spn1/Iws1 may assist Spt6 in releasing itself from
nucleosomes following nucleosome reassembly. Together, the
interactions observed between Spt6 and histones, nucleo-
somes and naked DNA are likely to represent snapshots
of a series of events that normally occur during the Spt6-
mediated nucleosome reassembly process in the context of
gene transcription.

4.2. FACT. Similarly to Spt6, the yFACT complex requires
the assistance of Nhp6 in order to bind to nucleosomes
in vitro [25]. A series of elegant studies carried out by
Formosa and colleagues has shown that several Nhp6
proteins are required to recruit yFACT to nucleosomes and
that significant nucleosomal alterations occur upon Nhp6-
mediated yFACT binding to nucleosomes [64, 65]. A major
question that is still a subject of debate in the field is whether
removal of H2A-H2B dimers from nucleosomes is a direct
and necessary result of FACT activity or simply one of several
potential outcomes [66]. Whereas the original model for
FACT activity, which has been referred to as the “dimer
eviction model,” includes a direct role for the complex in
dissociation of single histone H2A-H2B dimers from nucle-
osomes [66, 67], a more recently presented model, which
has been referred to as the “global accessibility/noneviction
model,” proposes that interaction of FACT with nucleosomes
results in the formation of reorganized nucleosomes in which
all histone subunits are still tethered together but are in a
dynamic structural state more prone to histone H2A-H2B

loss [66, 68, 69]. In this latter model, histone H2A-H2B
dimer loss from nucleosomes is not a necessary consequence
of FACT activity but it is one that can be favored by extrinsic
factors such as the force exerted by an oncoming Pol II
complex.

Regardless of the exact mechanism, efficient FACT-
facilitated eviction of histones during transcription elonga-
tion likely requires specific posttranslational histone modi-
fications. In particular, monoubiquitination of histone H2B
(H2BK123ub1 in yeast and H2BK120ub1 in mammals) has
been shown to prime nucleosomes for FACT-mediated H2A-
H2B dimer loss [70]. In addition, several histone acetyl trans-
ferase (HAT) complexes have been implicated as positive
factors for transcription elongation (e.g., see [71–73]), with
one of them, NuA3, having been shown to interact physically
and genetically with the FACT complex [71]. Therefore,
various histone modifications are likely to play important
roles in regulating the efficacy of FACT in histone eviction
during transcription elongation in vivo and future research
will undoubtedly shed more light on the mechanistic details
of these processes.

5. Functional Relationships between Spt6 and
FACT and Histone Modifications

5.1. Spt6. Both Spt6 and FACT have the ability to influ-
ence the chromatin environment across transcribed genes
by affecting histone posttranslational modifications. Spt6
activity has recently been linked to methylation of lysine
36 of histone H3 (H3K36me), a modification catalyzed
by the Set2 histone methyltransferase associated with the
reestablishment of proper nucleosome structure in the
wake of Pol II passage through the recruitment of the
Rpd3S histone deacetylase complex and subsequent his-
tone deacetylation [74–76]. In the yeast system, a specific
mutation in Spt6 leads to reduction in both dimethylation
and trimethylation of H3K36 (H3K36me2 and H3K36me3,
resp.); however, only the H3K36me3 modification appears to
be directly promoted by Spt6 as the reduction in H3K36me2
in the spt6 mutant appears to be due to an indirect effect
resulting from decreased levels of the Set2 protein in the
spt6 mutant background [77, 78]. Interestingly, whereas
H3K36me2 has been shown to be required for the prevention
of cryptic intragenic transcription initiation through the
Rpd3S pathway, H3K36me3 does not appear to be involved
in this pathway, thus pointing to roles for Spt6 and Spt6-
dependent H3K36me3 in transcription elongation inde-
pendent from maintenance of proper chromatin structure
[78]. A possible role for the Spt6-H3K36me3 pathway has
come from studies in mammalian cells. These studies have
indicated the existence of a complex bound to elongating
Pol II containing Spt6, Iws1, and the HYPB/Set2 histone
methyltransferase, which in mammalian cells catalyzes the
H3K36me3 modification, and have shown that knockdown
of HYPB/Set2 results in accumulation of bulk poly(A)+

mRNA in the nucleus [79]. Thus, Spt6 and its partner Iws1
may promote HYPB/Set2-mediated H3K36me3 to facilitate
mRNA nuclear export through a mechanism that has yet to
be clearly defined.
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5.2. FACT. As indicated earlier, monoubiquitination of his-
tone H2B facilitates FACT-mediated histone eviction dur-
ing transcription elongation. Interestingly, in vitro and in
vivo experiments have also demonstrated a requirement
for FACT activity in promoting H2B monoubiquitination,
a role for H2B monoubiquitination in maintenance of
FACT at transcribed regions and a cooperative relationship
between H2B monoubiquitination and FACT activity in
reassembling nucleosomes during transcription elongation
[70, 80]. Thus, these studies establish a positive and dynamic
relationship between H2B monoubiquitination and FACT
activity during transcription elongation. As a testament to
the versatility of histone modifications, recent work has
shown that monoubiquitination of histone H2A, in stark
contrast to histone H2B monoubiquitination, negatively
impacts the process of transcription elongation by inhibiting
FACT recruitment to chromatin [81]. These findings set the
stage for additional studies exploring the potential interplay
between additional histone modifications and FACT activity
during transcription elongation.

6. Roles for Spt6 and FACT in mRNA Processing
and Nuclear Export

In addition to being key contributors to the initiation and
elongation phases of transcription, Spt6 and FACT are
also involved in functions related to mRNA processing and
nuclear export. In mammalian cells, the Pol II-associated
complex discussed earlier composed of Spt6, Iws1, and
HYPB/Set2 plays important roles in ensuring proper mRNA
splicing and efficient mRNA export from the nucleus [79,
82]. The FACT complex has also been shown to participate
in the process of mRNA nuclear export [83, 84], with
recent experiments showing a direct interaction between the
SSRP component of FACT and the mRNA export adaptor
UIF [84]. Moreover, experiments performed in yeast have
shown that Spt6 can regulate site selection for transcription
termination and mRNA 3′ end formation [85, 86] and both
Spt6 and Spt16 are required for efficient RNA splicing [87].
Taken together, these findings establish Spt6 and FACT as
important players in the processes of mRNA processing and
nuclear export and provide insights into the mechanisms that
ensure the coordinated execution of the different phases that
ultimately lead to the proper formation and localization of
mRNA molecules.

7. Mechanisms of Spt6 and FACT Interactions
with Transcribed Genes

7.1. Spt6. Pioneering immunofluorescence and biochemical
experiments performed in S. cerevisiae and D. melanogaster
provided compelling evidence that, as had been anticipated
based on its characteristics as an elongation factor [15],
Spt6 physically associates with Pol II and that it interacts
with chromatin following patterns of interaction similar
to those seen for transcribing Pol II [88–90]. More recent
studies have provided additional insights into both the
pattern of association of Spt6 across transcribed genes as

well as the mechanisms that control its recruitment and
association with chromatin.

Chromatin immunoprecipitation (ChIP) assays in yeast
have shown that Spt6 interacts with several constitutively
expressed genes in a manner similar to that seen for
Pol II [91]. Similar results were obtained in genome-wide
experiments in yeast that describe Spt6 as a component
of a general transcription elongation complex acting at all
transcribed genes [92]. In a recent study by the Lis laboratory
in which the recruitment of Pol II and several transcription
elongation factors were analyzed using a system that allows
for a high degree of temporal resolution, Spt6 was shown
to associate with the Hsp70 loci in flies upon heat-shock
treatment a few seconds after the recruitment of Pol II to the
promoter [93]. Collectively, these experiments establish Spt6
as a general transcription elongation factor that is recruited
to activated genes shortly after Pol II recruitment and that
travels across transcribed units likely in association with the
Pol II complex.

What are the mechanisms that control Spt6 association
with transcribed genes? A critical function involved in direct-
ing Spt6 interaction with the elongating complex is carried
out by a tandem SH2 (tSH2) domain located at the C-
terminus of the protein. Analyses of recently solved crystal
structures of the Spt6 tSH2 domain derived from different
organisms have shown that the overall structure of this
domain is evolutionarily conserved and a series of biochem-
ical experiments has shown that this domain mediates inter-
actions between Spt6 and the C-terminal domain (CTD)
heptad repeats of Pol II [60, 82, 94, 95]. The interaction
between the Spt6 tSH2 domain and the Pol II CTD is direct
and requires phosphorylated serine residues on the CTD—
more specifically, Ser2-phosphorylation on the CTD appears
to be generally required for this interaction [60, 79, 82,
94, 95] whereas an involvement for Ser5-phosphorylation
on the CTD, either by itself or in combination with Ser2-
phosphorylation, in directing this interaction is less clear
since conflicting results have been reported on this issue,
likely as a consequence of differences in the assays and/or
model systems used in the different studies [60, 79, 82,
94]. Interestingly, mammalian Spt6 is able to discriminate
between different regions of the mammalian Pol II CTD
and shows specific interactions with the N-terminal half of
the CTD [79]. Additional properties of the tSH2 domain
of Spt6 have been revealed through fluorescence anisotropy
experiments, which have shown that the Spt6 tSH2 domain
can also bind to CTD peptides that had been artificially
phosphorylated on tyrosine residues present at the first
position of the CTD heptad repeats, indicating that the tSH2
domain of Spt6 has phosphotyrosine-binding activity—
which is the activity normally associated with SH2 motifs
present in certain higher eukaryotic proteins—and raising
the intriguing possibility that Spt6 may also specifically
bind to target proteins through more canonical SH2-
phosphotyrosine interactions [60].

Whereas the direct interaction between the tSH2 domain
of Spt6 and Pol II clearly contributes to the association of
Spt6 with transcribed genes, it is not the sole mechanism
involved in recruitment of Spt6 to active genes. In support
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of this notion, a mutation within the SH2 domain of murine
Spt6 that lowers the affinity of Spt6 to Ser2-phoshporylated
Pol II CTD did not affect transcription output levels in
either in vitro or in vivo assays [82]. Furthermore, Mayer
et al. have shown that in yeast the pattern of Pol II CTD
Ser-2 phosphorylation across transcribed genes does not
correlate with Spt6 occupancy and, more importantly, have
reported that a mutant version of Spt6 that lacks the tSH2
domain can still be recruited to the 5′ ends of genes, albeit
to a lesser degree than what is seen with wild-type Spt6
[92]. The fact that the Spt6 tSH2 domain is required for
optimal recruitment of Spt6 to transcribed genes in these
latter experiments suggests that the Spt6 tSH2-Pol II CTD
interaction plays a role in the initial recruitment of Spt6
to chromatin: this recruitment may involve interactions
between the Spt6 tSH2 and Ser5-phosphorylated versions of
the Pol II CTD (which have been reported to occur in vitro
[60]) or may be mediated through Ser-2 phosphorylated Pol
II CTD, which, albeit present at low levels at 5′ ends of
genes, could nevertheless recruit Spt6 since, at least in the
context of the Drosophila Hsp70 genes, arrival of the Ser2
Pol II CTD kinase P-TEFb precedes Spt6 recruitment [93]. In
addition to the role in Spt6 recruitment to transcribed genes,
the interaction between Spt6 and Pol II mediated by the
Spt6 tSH2 and the Ser2-phosphorylated Pol II CTD has been
shown to play critical roles in regulating mRNA processing
and nuclear export in mammals through Spt6-dependent
recruitment of Iws1 and additional factors to nascent RNA
molecules as discussed earlier [79, 82].

The observation that deletion of the Spt6 tSH2 domain
does not abolish recruitment of Spt6 to transcribed genes
indicates that additional mechanisms must exist to ensure
proper Spt6 recruitment to 5′ ends of genes. Experiments
performed in Drosophila and in S. cerevisiae provide some
insights into the nature of these mechanisms. In Drosophila,
impairment of the Paf1 complex—a multifunctional com-
plex associated with Pol II that coordinates a variety of
transcription-related processes, including recruitment of
several transcription factors to genes and various posttrans-
lational modifications of histones [96]—results in lower
levels of Spt6 occupancy at the Hsp70 gene [97]. Whereas the
Paf1 complex has been shown to be required for full levels of
Ser2 phosphorylation of the Pol II CTD in certain contexts
[98, 99], the decrease in Spt6 association at the Drosophila
Hsp70 gene does not appear to be an indirect effect due
to lower CTD phosphorylation since at this locus the levels
of Ser2-phosphorylation of the Pol II CTD are not affected
by the depletion of the Paf1 complex [97]. Thus, at least
in certain cases, the Paf1 complex appears to be involved
in recruitment of Spt6 to transcribed genes in a manner
independent from its role in regulating Pol II modifications.
An alternative mode of recruitment of Spt6 to a transcribing
gene has been described for the yeast CYC1 gene. In this
case, Spt6 recruitment is dependent on Spn1/Iws1 [100],
which has been shown to possess roles in transcription
regulation downstream from initial recruitment of the TATA-
box binding protein (TBP) to gene promoters [90, 101, 102].
Whether this latter recruitment mechanism is widespread

in the yeast genome or is limited to those genes that are
regulated at a post-TBP and post-Pol II recruitment step
(as is the case for the CYC1 gene) remains to be more
fully elucidated (see Figure 1 for a cartoon depiction of the
proposed mechanisms for Spt6 recruitment to active genes).

7.2. FACT. Several lines of evidence have demonstrated that
the FACT complex, similarly to Spt6, physically associates
with the bodies of transcribed genes in vivo. Numerous ChIP
studies in yeast have shown specific interactions between
yFACT and the transcribed regions of several actively
transcribing genes [50, 91, 92, 103] and immunofluorescence
and ChIP experiments in Drosophila have shown that
FACT colocalizes with hyperphosphorylated Pol II at many
transcriptionally active loci [104]. Interestingly, these latter
experiments also showed that the patterns of association of
FACT, Spt6, and Pol II at the activated heat shock gene hsp70
are similar to one another [104], consistent with the notion
that the two histone chaperones function in conjunction
with each other to assist Pol II during the transcription
elongation process. Comparative ChIP studies in yeast have
provided further support for this notion since at certain
active genes Spt6, yFACT, and Pol II associate with chromatin
following similar patterns as one another [91, 105]. The
hypothesis that FACT and Spt6 operate in conjunction with
each other and with elongating Pol II during transcription
elongation is also supported by several reports that have
shown that the two chaperones can be found in the same
physical complexes that also contain hyperphosphorylated
Pol II [102, 104]. However, FACT and Spt6 are also likely
to have roles independent from each other in transcription
elongation since a recent genome-wide study has shown
that at the global level, yFACT and Spt6 associate with an
“average” gene in overlapping but distinct patterns, in which
yFACT appears to be recruited at a location slightly more
upstream from that used by Spt6 and is released earlier in
the elongation process than Spt6 [92]. Thus, whereas it is
likely that FACT and Spt6 can operate in conjunction during
transcription elongation, their functions do not appear to be
always coordinated with each other.

How is the FACT complex recruited to the transcribed
regions of genes? Several studies have provided support for
a role for the ATP-dependent chromatin remodeling factor
Chd1 in recruitment of FACT to actively transcribing genes.
Mammalian Chd1 and FACT interact physically with each
other and in Drosophila they display similar patterns of
association across polytene chromosomes [106]. Similarly,
experiments carried out in yeast have shown that Chd1
associates with transcribed regions of active genes and that
it can be found in complexes containing components of the
yFACT complex [90, 107]. Since human Chd1 can associate
with histone H3 methylated at lysine 4 (H3K4me3)—a
histone modification associated with actively transcribed
genes—through its two chromodomains [108–110], it is
possible that at least in certain cases Chd1 can direct
FACT recruitment to chromatin at sites enriched for the
H3K4me3 modification [67, 111]. Strongly supporting this
possibility, human FACT and Chd1 can be copurified with
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Figure 1: Proposed models for Spt6 and FACT recruitment to and disengagement from actively transcribing genes. Recruitment (top panel):
Several mechanisms for Spt6 recruitment to active genes have been proposed and include direct interactions with the Pol II CTD (tail
extending from Pol II in the figure) and indirect interactions with Pol II through either the Paf1 complex (Paf1C in the figure) or Spn1/Iws1
(Spn1 in the figure) serving as bridging factors. The FACT complex is thought to be able to associate indirectly with Pol II with either HP1
or the Paf1 complex bridging the interaction. The chromatin remodeling factor Chd1 and the histone acetyl transferase complex NuA3
can interact with histones and with FACT and likely promote FACT association with chromatin. Disengagement (bottom panel): at some
genes, Spt6 and FACT dissociate at distinct locations during the transcription process and, therefore, in these cases each factor must utilize
a unique dissociation mechanism (not addressed in this figure). At certain other genes, such as the yeast PMA1 and ADH1 genes, Spt6 and
FACT depart chromatin at similar locations. However, the nature of the mechanisms used by the two histone chaperones at this class of
genes is likely to be at least to some degree different, with Spt6 using a mechanism that is only modestly sensitive to the H3-L61W mutation
and FACT using a mechanism that is very sensitive to the H3-L61W mutation. Green pentagons: Spt6; red pentagons: FACT; thin blue lines:
DNA regions flanking the coding region of a transcribed gene; thick blue lines: coding region of a transcribed gene; gray ovals with two blue
lines: nucleosomes.

H3K4me3-containing peptides with Chd1 being responsible
for bridging the histone H3 and FACT interaction [112].
The generality of this model, however, is unclear since recent
studies have shown that unlike its human counterpart, yeast
Chd1 does not bind to histone H3 peptides methylated at
lysine 4 [109, 110, 113]. The relationship between Chd1 and
FACT is further complicated by the finding that, at least in
certain cases, Chd1 and Spt16 can have opposing functions
during transcription [56]. Thus, whereas it is likely that at
least in higher eukaryotes Chd1 can directly recruit FACT
to sites of active transcription through its ability to interact
with H3K4me3-containing nucleosomes, Chd1 and FACT
also display additional types of functional interactions that
still remain to be more fully elucidated.

FACT recruitment to active genes is also controlled by the
Paf1 complex. Evidence in support of this notion includes
experiments carried out in yeast that have revealed physical
and genetic interactions between components of the Paf1

complex and FACT [90, 114, 115], and studies in flies show-
ing that depletion of Paf1 complex components decreases
recruitment of FACT to the activated Hsp70 gene [97].
As indicated earlier, these latter experiments also showed
a requirement for the Paf1 complex in the association of
Spt6 to chromatin, thus establishing a potential common
route for Spt6 and FACT recruitment to actively transcribing
genes. However, a physical relationship between Spt6 and the
Paf1 complex has not been as clearly defined in the yeast
model system; thus, whether the requirement for the Paf1
complex in efficient recruitment of Spt6 to the Hsp70 gene
in flies reflects a broader physical and functional connection
between the two factors remains to be more thoroughly
investigated. In addition to directly recruiting FACT to sites
of active transcription, the Paf1 complex may also facilitate
FACT recruitment through indirect mechanisms stemming
from its ability to modulate histone modifications—for
example, it could be envisioned that the Paf1 complex
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localized to genes via direct interactions with Pol II leads
to Paf1 complex-dependent histone modifications, which
include H2B monoubiquitination and subsequent histone
H3K4me3, which in turn recruits Chd1, ultimately leading
to FACT association. The existence of such a pathway
involving the Paf1 complex, Chd1, and FACT is consistent
with experiments performed in yeast indicating that the
three factors genetically interact with each other [114]. The
H3K4me3 mark may also facilitate recruitment of the FACT
complex through the NuA3 histone acetyl transferase com-
plex since NuA3 can be bind directly to H3K4me3, as well as
unmodified, histone H3 tails and, as indicated earlier, NuA3
physically associates with FACT [71, 116, 117]. Unlike the
case with Spt6, the FACT complex does not appear to directly
interact with Pol II; however, recent work in the fly system
by Workman and colleagues has provided strong evidence
that the FACT complex can interact with phosphorylated Pol
II through a bridging protein, the heterochromatin protein
1 (HP1) [118]. In particular, the HP1c isoform is required
for optimal recruitment of FACT to several heat shock loci
following heat shock treatment and for normal levels of
heat shock transcript levels [118]. Collectively, these studies
reveal that different types of mechanisms can contribute
to FACT recruitment to transcribed regions of genes and
they pave the way for additional studies to assess whether
all these mechanisms operate in a coordinated fashion at
all loci to ensure optimal FACT recruitment or if different
sets of recruiting mechanisms are utilized in a gene-specific
fashion (see Figure 1 for a cartoon depiction of proposed
mechanisms for FACT recruitment to active genes).

8. Mechanisms of Spt6 and FACT
Disengagement from Transcribed Genes

The mechanisms that control the dissociation of tran-
scription elongation factors, including those with histone
chaperoning activity, still remain to be elucidated. It seems
reasonable to speculate that at least in some instances the
factors that are known to interact with Pol II and that
disengage from transcribed units at the same locations as
Pol II—that is, downstream from the polyadenylation (pA)
sites—may simply dissociate from chromatin in conjunction
with the Pol II complex. On the other hand, those factors
shown to disengage from transcribed genes at or upstream
from the pA sites, such as the Paf1 complex [91, 92],
must use different mechanisms for dissociation, which may
include alterations in Pol II CTD phosphorylation patterns,
competition for Pol II binding with other transcription
elongation factors—particularly those that are recruited
towards the 3′ end of genes, such as Elf1 and termination
factors [91, 92]—and conformational changes of Pol II and
associated factors that may occur during the elongation
process.

Whereas, as indicated earlier, global studies in yeast
have indicated that at an “average” gene Spt6 and yFACT
disengage from chromatin at different sites [92], suggesting
that the two factors normally utilize different mechanisms
of chromatin dissociation, at some loci, such as at the
yeast PMA1 and ADH1 genes, Spt6 and yFACT disengage

at similar locations past the pA sites [91, 103, 105] raising
the possibility that at these genes Spt6 and yFACT may
utilize similar dissociation mechanisms. An insight into this
possibility was recently obtained from experiments in which
a histone H3 mutant, H3-L61W, was shown to cause a
marked accumulation of yFACT at the 3′ ends of transcribed
genes in a transcription-dependent fashion [103, 105]. These
studies led to a model in which normally yFACT requires
a signal, possibly through posttranslational modification of
one or more histone proteins, in order to properly dissociate
from chromatin following the transcription process, and that
the H3-L61W mutation interferes with this signal by pre-
venting either the proper initiation or the propagation of the
signal [103]. Interestingly, the same histone H3 mutation was
shown not to significantly affect Pol II departure from PMA1
and to only modestly affect the dissociation of Spt6 from the
PMA1 and ADH1 genes [103, 105]. Therefore, it appears that
even at genes in which Spt6 and yFACT normally disengage
from chromatin at the same location, Spt6 and yFACT use
distinct mechanisms for chromatin dissociation, with yFACT
using an H3-L61W-sensitive mechanism and Spt6 using a
mechanism that is significantly less sensitive to the H3-
L61W mutation [105]. The Spt16-M domain appears to play
a role in controlling yFACT dissociation from chromatin
since specific mutations in this region have been shown
to alleviate the yFACT 3′ accumulation defect seen in H3-
L61W cells [49, 103]. Additional studies will be needed to
obtain a more complete understanding of the mechanisms
that govern dissociation of FACT and Spt6 from chromatin
at the end of the transcription process (see Figure 1 for a
cartoon depiction of the proposed mechanisms for Spt6 and
FACT disengagement from active genes).

9. Conclusion

Whereas our understanding of the roles and the mechanisms
of action of both Spt6 and FACT in the transcription process
has increased dramatically since their original identification
more than two decades ago, many questions remain to be
addressed and future research will undoubtedly provide a
more complete picture of the mechanistic details of the
transcription process in general, and, more specifically, of
the contributions of these two key histone chaperones to
this process. In particular, it will be of interest to determine
how the functions of Spt6 and FACT are coordinated with
those of other histone chaperones known to operate during
transcription, such as Asf1 and Nap1 [3, 5]. Traditional
genetic and biochemical approaches coupled with more
recent genome-wide strategies will continue to provide a
powerful experimental platform with which to address these
and other relevant questions.

Acknowledgments

The author would like to express his gratitude to Tim
Formosa, Joseph Martens, Reine Protacio, and Fred Winston
for providing helpful comments during the preparation of
this paper and to the National Science Foundation (Grant
no. 0919241) for funding.



Genetics Research International 9

References
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Eukaryotic RNA polymerase II (RNAPII) not only synthesizes mRNA but also coordinates transcription-related processes via its
unique C-terminal repeat domain (CTD). The CTD is an RNAPII-specific protein segment consisting of repeating heptads with
the consensus sequence Y1S2P3T4S5P6S7 that has been shown to be extensively post-transcriptionally modified in a coordinated,
but complicated, manner. Recent discoveries of new modifications, kinases, and binding proteins have challenged previously
established paradigms. In this paper, we examine results and implications of recent studies related to modifications of the CTD
and the respective enzymes; we also survey characterizations of new CTD-binding proteins and their associated processes and
new information regarding known CTD-binding proteins. Finally, we bring into focus new results that identify two additional
CTD-associated processes: nucleocytoplasmic transport of mRNA and DNA damage and repair.

1. Introduction

Since its discovery by Fischer and Krebs in 1955 [1], the
reversible phosphorylation of proteins has been implicated
in the regulation of almost every aspect of cellular function,
including metabolism, cell division, differentiation, signal-
ing, and countless others. A particularly fascinating form of
this regulation is employed during the transcription of DNA
by RNA Polymerase II (RNAPII). Eukaryotic transcription
and the concomitant pre-mRNA processing require the
precise coordination between, and recruitment of, specific
sets of factors at specific stages of the transcription cycle. This
coupling of transcription and associated processes has been
shown to be dependent on a particular feature of RNAPII,
the C-terminal repeat domain or CTD [2]. Distinguishing
RNAPII from its prokaryotic and eukaryotic (RNAPIII and
RNAPI) counterparts, the CTD is an extension of the
polymerase’s largest subunit, Rpb1, and is composed of a
tandem array of seven amino acid repeats with the consensus
sequence Y1S2P3T4S5P6S7. The number of these heptad
repeats varies from organism to organism and appears to
correlate with genomic complexity; there are 26 repeats in
yeast, 44 in Drosophila, and 52 in humans [3, 4]. Despite
being dispensable for the catalytic activity of RNAPII, the

CTD is conserved through evolution and is essential for
life; for example, removing two thirds of the CTD repeats
results in inviability [5, 6]. Although the function of the
CTD remained elusive for several years after its discovery,
research over the last three decades has confirmed its role as
a selective and flexible scaffold for numerous factors involved
in transcription (for reviews see [2, 7, 8]). The plastic
(both in terms of conformation and susceptibility to post-
translational modification) and repetitive nature of the CTD
allows it to undergo a relatively well-characterized sequence
of phosphorylation and dephosphorylation events during
the transcription cycle (initiation, elongation, and termi-
nation), linking transcription with transcription-associated
processes in a temporal manner [2, 7, 9]. The CTD has
been shown to play a role in a wide variety of transcription-
associated functions, and its repertoire of binding partners,
modifications, and associated processes has grown rapidly
over the last few years.

The CTD’s unique structure, functional characteristics,
and fundamental role in transcription have generated a
substantial amount of interest and have made it the subject
of considerable study. This research has greatly expanded
our understanding of the CTD, its interacting factors, and
the process of transcription in general, but as demonstrated
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by recent discoveries of hitherto uncharacterized CTD
modifications, kinases, and binding factors/modes, there is
still much that remains to be learned. As the study of
gene expression and transcriptional control mechanisms
expands from preinitiation into elongation, a deeper and
more nuanced understanding of the CTD will likely become
essential in order to deconvolute the relationships between
various aspects of gene control. This is especially pertinent
in terms of understanding the crosstalk between transcrip-
tional elongation and co/post-transcriptional events, such
as splicing, export, and translation. In this review, we will
discuss recent developments and emerging paradigms in
the study of the CTD, its modifications, binding partners,
and associated processes. To further expand on an especially
relevant (in terms of transcriptional control) and newly
emerging CTD-associated process, we will also present an
in-depth discussion of the nuclear export of RNA, with a
particular focus on the interactions between the nuclear
export machinery, the CTD, and transcription.

2. Phosphorylation of the CTD of RNAPII and
the Transcription Cycle: A General Model and
Its Limitations

The binding specificity of the CTD, and therefore the recruit-
ment of particular factors, is determined by the CTD’s phos-
phorylation state, which undergoes a series of alterations
throughout the transcription cycle. Serine 2, serine 5, and
more recently serine 7 of the heptad repeat have been identi-
fied as the primary targets for this transcriptionally regulated
phosphorylation. In the general model of the “phosphoCTD
cycle,” RNAPII is recruited for assembly at the promoter
with an unphosphorylated CTD; moreover, it appears that
CTD phosphorylation prior to preinitiation complex (PIC)
formation has an inhibitory effect on transcription [10].
Upon PIC formation, the CTD is phosphorylated at the Ser5
and Ser7 positions; this is followed by an increase in Ser2
phosphorylation during elongation [11], yielding a CTD
that contains a mix of doubly (and when considering Ser7,
perhaps triply) phosphorylated repeats at Ser2 and Ser5 in
the center of the gene (reviewed in [2, 9]). As the polymerase
elongates towards the 3′ end of the gene, Ser5-specific
phosphatases decrease the Ser5 phosphorylation levels (on
noncoding genes, Ser7P levels drop as well), leaving the
CTD phosphorylated at Ser2 to terminate transcription
(Figure 1(a)). However, the CTD of terminating RNAPII may
also be phosphorylated at Ser7 positions, as the Ser7 mark
has been reported to be present at high levels throughout the
entire transcription unit on many protein-coding genes [12].

Despite being highly intuitive, this gradient model of
the “phosphoCTD cycle” (i.e., high-to-low Ser5P levels and
low-to-high Ser2P levels as RNAPII moves across a gene,
with Ser7P throughout) is oversimplified for several reasons.
First, although the model accounts for variations in the
general phosphorylation pattern of the CTD (recognizing the
presence of gene segments with high Ser5P, high Ser5/2P,
and high Ser2P levels), it fails to fully capture the highly

dynamic nature of the process. The phosphorylation state
of the CTD is likely to be in continuous flux through-
out the entire transcription cycle, with multiple kinases
and phosphatases working together to maintain specific
phosphorylation patterns on particular subsets of heptads.
For example, it has been recently shown that the Ser7
phosphates at the 3′ end of the gene are actually placed anew,
after being removed by an unidentified phosphatase [12]
(more on this below). Another complication is the existence
of specific patterns of phosphorylated repeats within the
CTD. Our understanding of this particular aspect of CTD
phosphorylation is entangled with some of the limitations
of chromatin immunoprecipitation (ChIP), the method used
to characterize the phosphorylation state of the CTD at
different positions within the transcription unit; thus it is
convenient to discuss both of these topics together. Although
ChIP can be used to measure the relative level of each phos-
phoCTD mark (Ser2P, Ser5P, or Ser7P) at a specific position
within a gene, the repetitive nature of the CTD makes it
impossible to determine exactly which of the 52 heptads (in
mammals) are phosphorylated. In addition, the particular
pattern of phosphorylated residues within each heptad and
within sequential heptad units is also unknown; therefore,
the Ser2, 5, and 7 phosphorylated CTD of elongating RNAPII
is likely to be composed of heptads phosphorylated at
one, both, all, and none of the relevant positions. Among
the many unanswered questions concerning the detailed
phosphorylation state of the CTD, an especially interesting
one concerns determinism: is the phosphorylation pattern
of a specific heptad at a particular position within a gene
exactly the same during each transcription cycle, or does
phosphorylation occur in a more stochastic manner? The
answer to these questions may lie within the processivity
of the CTD kinases, the extent to which they stimulate
each other’s activity, and the specifics of their antagonistic
relationship with the CTD phosphatases.

Discussion of CTD phosphorylation patterns also raises
an interesting point regarding the antibodies used to identify
the post-translationally modified heptads (both in ChIP
and Western blotting). It is worth reiterating that the
Ser5P to Ser2P gradient model presented above is almost
entirely based on the reactivity of these antibodies [13].
The most common phosphoCTD antibodies are the Ser2P-
specific H5 and the Ser5P-specific H14 [14]; however, there
are a multitude of other antibodies available against the
CTD, including the recent and well-characterized anti-
Ser2P 3E10 and anti-Ser5P 3E8 antibodies [15]. As might
be expected, the reactivity of these antibodies with their
specific phospho-epitopes is affected by other modifications
within the heptad in question and the heptads around it.
For example, the Ser2P-specific H5 antibody binds to a
triheptad peptide phosphorylated on both Ser2 and Ser5
with greater affinity than to a triheptad containing only
Ser2P [16]. More impressive examples are the complete lack
of H14 reactivity to a single S5P in the first repeat of a
diheptad peptide and the inability of 3E10 to detect an
S2P followed by an S5P in the next heptad [15]. Thus, the
phosphoCTD antibodies are multiheptad pattern specific,
and it appears that many CTD-binding proteins are as
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Figure 1: Revised “phospho-CTD cycle.” (a) (I) For protein-coding genes, RNAPII is recruited to the promoter with an unphosphorylated
CTD (IIA form); moreover, it appears that CTD phosphorylation prior to preinitiation complex (PIC) formation has an inhibitory effect
on transcription. (II) Upon preinitiation complex formation, the CTD is phosphorylated at the Ser5 (black) and Ser7 (red) positions. (III)
During elongation, an increase in Ser2 phosphorylation (green) produces the hyperphosphorylated form of the CTD, which is probably
an ensemble of singly, doubly, and triply phosphorylated heptads. (IV) As the polymerase elongates towards the 3′ end of the gene, the
activity of Ser5-specific phosphatases decreases the Ser5 phosphorylation levels, while the Ser2 and Ser7 phosphate levels remain largely
unchanged. (b) (I) For noncoding genes, RNAPII is also recruited to the promoter with an unphosphorylated CTD (IIA form), and CTD
phosphorylation prior to preinitiation complex (PIC) formation seems to inhibit transcription. (II) Upon preinitiation complex formation,
the CTD phosphorylation of Ser5 (black) and Ser7 (red) increases. (III) During elongation, Ser2 phosphorylation (green) increases, while
Ser7 phosphorylation begins to decline, presumably due to the activity of a yet unidentified Ser7 phosphatase. (IV) At the 3′ end of the gene,
the activity of Ser5-specific phosphatases decreases the Ser5 phosphorylation levels, Ser7 phosphorylation levels continue to decrease, and
Ser2 phosphate levels remain largely unchanged.

well (see below); this correlates nicely with evolutionary
studies that implicate heptad pairs as the functional unit of
the CTD [17, 18]. These observations suggest that the in-
depth characterization of CTD modification patterns will
be important for a comprehensive understanding of factor
recruitment/binding and is not a purely academic exercise.
Although the ramifications discussed above (along with a
few others, such as epitope masking (for a more detailed
discussion see [2])) do not in any way invalidate phospho-
CTD ChIP, they should be kept in mind when interpreting
such data.

The general model of the phospho-CTD cycle also fails
to account for exceptions to the canonical patterns of
phosphorylation. The recent publication of three genome-
wide studies of phosphoCTD RNAPII occupancies in yeast
[12, 19, 20] has allowed for the verification of the S5P
to S2P gradient model at high resolution across the entire
genome. Overall, the general model appears to hold for the
majority of genes [19, 20]; however, there seem to be a
number of exceptions to the defined norm. The extent of
these exceptions has led the authors of one of the studies
to call for a reanalysis of the accepted paradigm [12], while

the other two groups find that the general pattern occurs
globally [20] or near globally with some stipulations [19]. It
should be noted that the discrepancies between these studies
might be due to the different methods used to bin/cluster
genes into “average transcription units” for analysis. This
binning, which is often limited by polymerase occupancy and
complicated by gene length and the presence of neighboring
transcription units, is especially challenging due to the
compact nature of the yeast genome. One consensus that
appears to emerge from the genome-wide studies is that
different classes of RNAPII-transcribed genes have different
CTD phosphorylation profiles. Examples include the high
levels of Ser7P throughout the length of protein-coding
genes (as compared to its decrease 5′ to 3′ on noncoding
genes), markedly lower levels of Ser2P on noncoding genes,
and enrichment/preference for specific modifications on
genes for snRNAs, cryptic unstable transcripts (CUTs),
stable untranslated transcripts (SUTs), genes of different
lengths, and genes with different promoter classes [19, 20].
These phosphoCTD variations correlate with the different
requirements for the termination and processing of distinct
transcript types and make intuitive sense in the light of the
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CTD’s role during transcription. Therefore, future versions
of the “phosphoCTD cycle” will need to take such class-
specific differences into account. In our revised model, we
chose to separate the general cycle into two broad, but
distinct gene classes: protein-coding and noncoding genes
(Figures 1(a) and 1(b)). However, this revised model is still
an oversimplified representation of a complex process and
should be viewed as such.

3. Other Post-Translational Modifications of
the CTD

Lastly (in terms of complications), it has not escaped notice
that modification of the CTD is not theoretically limited
to the phosphorylation of Ser2, Ser5, and Ser7. Many
other post-translational modifications have been observed,
including phosphorylation of Tyr1 [21] and Thr4 [22] and
glycosylation [23]; however, the extent and transcriptional
functions of these modifications are currently unknown (for
more discussion, see [8]). These “noncanonical” modifica-
tions, once fully characterized as functionally significant,
have the potential to expand the CTD code further and
redefine aspects of the general model; Ser7, a relative
newcomer to the general paradigm, is a good example of how
this can occur.

Yet another important CTD modification, which until
recently had not been directly observed to play a direct role in
factor binding, is the enzymatic isomerization of the heptad
repeat’s peptidyl-proline bonds. Although multiple studies
have suggested a role for the CTD-interacting peptidyl-prolyl
cis/trans isomerases (Ess1 in yeast and Pin1 in humans)
in transcription and CTD phosphorylation [24–26], all of
the structures of CTD-substrates/CTD-binding protein com-
plexes revealed the CTD proline residues to be exclusively
in the more energetically stable, and therefore predominant,
trans state. This changed last year when two structural studies
found that the Ser5-specific CTD phosphatase Ssu72 bound
to the cis conformation of an Ser5-Pro6 motif within the
heptad repeat [27, 28]. Concordantly, the activity of the
proline isomerase Ess1 was found to facilitate the rapid
dephosphorylation of the CTD by Ssu72 in vitro, suggesting
that this cis/trans interconversion plays a role in the fine-
tuning of the phosphorylation state of the CTD [27]. These
findings have broad implications for CTD biology, both by
increasing the number of distinct CTD states and serving as
a regulatory mechanism for CTD phosphorylation. However,
it still remains to be determined whether proline isomeriza-
tion is a general property of RNAPII transcription or if it is
gene specific [27], a distinction that may apply to other types
of modifications as well.

A good example of a transcript class-specific CTD
modification is the newly discovered methylation of an
arginine (R1810) in heptad 31 of the human CTD [29].
As an apology for the arginine (one of two in the human
CTD), it should be noted that while the first 26 repeats
of the human CTD conform strongly to the consensus
sequence (YSPTSPS), there is significant divergence from the
consensus in the C-terminal half of the CTD [30]. It has

been previously postulated that the various noncanonical
heptads (and even particular segments of the CTD; such
as the N- and C-termini [31]) may have specific functions,
and this arginine methylation seems to be a case in point
(for further discussion, please see [30]). Mediated by the
methyltransferase CARM1 and inhibited by Ser5 and Ser2
phosphorylation, the methylation appears to repress the
expression of snRNAs and snoRNAs in a general manner
[29]. This and other modifications of the noncanonical
heptads may serve as a discriminatory mark for RNAPII
recruited to particular genes or transcript classes. It should
also be noted that Ser7P is currently thought to be transcript
class-specific CTD modification, as Ser7 to alanine muta-
tions in the CTD cause a defect in snRNA transcription while
having little effect on protein-coding genes [32]. However,
the ubiquitous nature of Ser7P on protein-coding genes,
along with the finding that Ser7 is enriched on RNAPII
within introns [19], argues for some (perhaps more subtle)
functional role for Ser7P on most transcription units.

Thus, the general “phosphoCTD cycle” has given way
to a “CTD code” of staggering complexity, one that we
are just beginning to explore in detail. This complexity
reflects the vast number of different genes, processing events,
and transcriptional programs that RNAPII must coordinate.
Although the segmented gradient model has proven to
be very useful for conveying the CTD’s principal function
during RNAPII transcription, as our understanding of the
CTD and associated processes improves, it is likely to
undergo drastic changes in the near future. Understand-
ing the nuances of this CTD code will be imperative to
understanding the link between transcription and cotran-
scriptional events and to perhaps eventually unlock the
therapeutic potential of the CTD.

4. The CTD Kinases

The specific phosphorylation events within the heptad
repeat are mediated through the activity of a transcription-
associated subset of cyclin-dependent kinases (CDKs) known
as the CTD kinases. Unlike their cell cycle counterparts,
the CTD kinases form complexes with members of the
noncycling “transcription cyclin” family and are active
throughout the cell cycle. Nevertheless, CTD kinase activ-
ity is tightly regulated through a variety of mechanisms,
including selective recruitment, binding by kinase-associated
factors, and sequestration by inhibitory factors. Although
somewhat promiscuous in vitro (for example, the Ser2-
specific CTD kinase Ctk1 can phosphorylate both Ser2
and Ser5 in vitro [16]), in vivo the CTD kinases are
selective for particular heptad residues (Ser2, 5, and 7) and
stages of transcription. Thus, the various CTD kinases are
most conveniently presented in the context of a segmented
transcription cycle; however, it should be made clear that in
reality the various kinase activities lack the clearly delineated
boundaries that such a presentation suggests.

Although we will not be discussing them in detail, it
should be kept in mind that the CTD kinases function in
conjunction with the more enigmatic CTD phosphatases
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(several of which have been characterized in yeast, including
Fcp1 [33], Ssu72 [34, 35], and Rtr1 [36]; see [7] for a review
and [9] for further discussion).

4.1. Initiation and the Promoter: CDK7 and CDK8. The phos-
phorylation of CTD Ser5 and Ser7 residues during the for-
mation of the preinitiation complex is mediated by the CTD
kinase subunit of the general transcription factor TFIIH:
Kin28/Ccl1 in yeast and CDK7/CyclinH in metazoa [11, 13,
37–39]. In an elegant interplay, the kinase activity of Kin28
is stimulated by the mediator coactivator complex, which
binds to, and delivers, unphosphorylated RNAPII to the
promoter [40]. The resulting phosphorylation of the CTD
leads to the dissociation of mediator [41]; thus after fulfilling
its function, mediator is able to use the CTD and Kin28 to
induce its own release from transcriptionally active RNAPII.
Intriguingly, a subpopulation of the mediator complex has
been found to include an extra module that contains the
CDK8/CyclinC (Srb10/Srb11 in yeast) kinase/cyclin pair.
Initially discovered as a suppressor of a CTD truncation [42],
CDK8 has emerged as the only CTD kinase to be implicated
in the repression of transcription. Concordant with the
process of mediator release, one of the mechanisms by which
CDK8 has been proposed to execute its inhibitory activity is
through the premature phosphorylation of the CTD (prior
to PIC formation) and inactivation of the CDK7/CyclinH
complex [10, 43]. Although historically the focus has been on
CDK8’s role as negative regulator of transcription, increasing
numbers of studies are finding that CDK8 can also play
a positive role in transcriptional activation. Therefore, a
complete understanding of the function of CDK8 in CTD
phosphorylation and transcription remains elusive and is
likely to be a topic of much research in the near future (for
more details and a comprehensive review, see [7, 44]).

Once thought to be essential for promoter clearance,
the activity of Kin28 has been shown to be dispensable for
global gene transcription [45, 46]. Despite this, Kin28 has
been found to enhance polymerase progression through long
genes in yeast (over 2 kb), suggesting that it plays a role in
transcriptional elongation or in the inhibition of premature
termination [19]. CDK7 also takes part in the phosphory-
lation and activation of other CDKs (see [47] for a review);
however, its (and Ser5Ps) most clearly defined transcriptional
role is the recruitment of the 5′ end capping machinery. Not
only does this ensure the proper processing of the nascent
mRNA, it has also been shown to mediate the recruitment
of the Ser2 CTD kinases in some organisms (either directly
or through recruitment of the capping machinery) [48–50];
this suggests that phosphorylation of Ser5 plays a role in
triggering the onset of Ser2 phosphorylation.

4.2. The Elongation Phase: Ctk1, Bur1, and Their Metazoan
Counterparts. Subsequent to Kin28 activity at the promoter,
phosphorylation of Ser2 of the CTD heptad occurs down-
stream of the transcription start site (TSS) and coincides with
RNAPII entry into productive elongation. Coupled with the
activity of Ser5P-specific phosphatases (Rtr1 in yeast [36]),
this leads to a transition from high Ser5P to high Ser2P (as

characterized by ChIP). The Ser5P to Ser2P crossover point,
defined as the point at which the ChIP signals for the two
CTD marks cross, is on average ∼450 bp downstream of
the TSS and appears to be independent of the overall gene
length [19]. This implies that the dynamics of Ser2 and Ser5
phosphorylation are not scaled to gene length; however, the
significance of the crossover point in terms of the actual
phosphorylation state of the CTD is obscure.

In Saccharomyces cerevisiae (Sc), the phosphorylation
of Ser2 is primarily mediated by CTDK-I, a three subunit
enzyme (consisting of Ctk1, a CDK homologue; Ctk2, a
cyclin homologue; and Ctk3, whose function is unknown)
[51, 52]. Although it is responsible for the bulk of Ser2
phosphorylation in vivo, Ctk1 is not essential for viability
or for transcriptional elongation. The CTD kinase activity
of Ctk1 has been linked to several transcription-associated
processes, including the recruitment of the Set2 histone
methyltransferase [53, 54], 3′ end processing [19, 55, 56],
and termination (reviewed in [9]). In addition to its role
as a CTD kinase, Ctk1 (independent of its kinase activity)
has also been shown to be involved in the dissociation of
basal transcription factors from RNAPII [57]. Despite having
a principal role in CTD Ser2 phosphorylation, Ctk1 is not
the only Ser2 kinase in yeast; it coexists with the essential
Bur1 kinase (which consists of the CDK homologue Bur1
and the cyclin Bur2) [58]. While it has been proposed
that Bur1’s primary transcription-related substrate is the
elongation factor Spt4/5 [59, 60], rather than the CTD, recent
evidence indicates that Bur1 binds to the Ser5P CTD and
contributes to Ser2 phosphorylation during early elongation,
possibly stimulating subsequent Ctk1 activity [49, 61]. As
mentioned previously, Bur1 has also been found to exhibit
an elongation phase Ser7 kinase activity, which appears to
counteract the activity of a yet unidentified Ser7 phosphatase
[12]. Another pair of Ser2 elongation kinases is also present
in the fission yeast Saccharomyces pombe (Sp), where Lsk1,
the Sp orthologue of Ctk1, has been shown to be responsible
for the bulk of Ser2 phosphorylation, while Sp CDK9, the Sp
orthologue of Bur1, is able to phosphorylate both the CTD
and Spt5 [50, 62].

Until recently, higher eukaryotes appeared to have only
one Ser2 CTD kinase: P-TEFb (which is composed of CDK9
and cyclinT). P-TEFb is able to phosphorylate both the
Ser2 position of the CTD and the elongation factor Spt5
and is essential for transcriptional elongation [63–65] (for
detailed discussions, see [66–68]). The substrate specificity
of P-TEFb, coupled with its equal sequence similarity to
both Bur1 and Ctk1, has led to the proposal that P-
TEFb reconstitutes the activities of both yeast kinases in
higher eukaryotes [69]. However, there was some evidence
that this may not be the case; two evolutionary studies
concluded that while Sc Bur1 is the closest Sc relative of
metazoan CDK9 proteins, Sc Ctk1 is actually more closely
related to another set of relatively little-studied metazoan
CDK proteins [70, 71]. Based on these evolutionary studies,
work in our lab has characterized the previously unstudied
Drosophila CDK12 (dCDK12) and little-studied human
CDK12 (hCDK12) as elongation phase CTD kinases and
the metazoan orthologues of yeast Ctk1 [72]. Unlike most
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other cell cycle and transcriptional CDKs, CDK12 (and
CDK13, a highly related paralogue absent in Drosophila
but present in many “higher” organisms) contains splicing
factor-related structural features (RS domains) and has
been previously implicated in the regulation of alternative
pre-mRNA splicing [73–77]. Although both CDK12 and
CDK13 manifest CTD kinase activity in in vitro kinase
assays, only CDK12 seems to have an effect on global CTD
phosphorylation in vivo; thus CDK13’s role in transcription
(assuming one exists) remains elusive [72]. In terms of the
cyclin partner of CDK12, our lab found that endogenous
dCDK12 associates with cyclinK, a Ctk2-like cyclin that has
been previously characterized as an alternative partner for
CDK9 [78]. These findings are inconsistent with previous
reports that CDK12 and CDK13 interact with the L class
cyclins [74, 75]; thus, whether cyclinK is the cyclin partner
of human CDK12 and CDK13 remains to be determined. As
of this paper, other than our initial characterization, there
have been no published studies of CDK12 and CDK13 in the
context of transcription and transcriptional elongation, thus
much remains to be learned about these kinases. Intriguingly,
the depletion of dCDK12 affects the phosphorylation state of
the CTD without affecting RNAPII occupancy (BB and ALG,
unpublished); therefore, CDK12 might prove to be a useful
tool for studying the links between CTD phosphorylation
patterns and transcription elongation-associated processes in
higher eukaryotes.

A final point regarding the CTD kinases relates to their
therapeutic potential. As the CTD kinases are involved in
the coupling of various signaling pathways to transcription
and RNA processing events, they play important roles in the
regulation of cell growth, proliferation, and survival. Thus,
targeting these kinase activities may be potentially useful for
the treatment of human diseases and cancer [79]. In fact, the
CDK inhibitor flavopiridol, which targets P-TEFb, is used for
the treatment of some forms of leukemia, and P-TEFb has
been implicated in HIV replication [80, 81]. The emerging
links between the CTD and DNA repair/genomic stability
(see below), combined with the fact that ∼15% of disease-
causing mutations are a consequence of the misregulation
of alternative splicing [82] (a function associated with both
the CTD and CDK12/13, see below), suggest that a more
comprehensive understanding of the CTD and its kinases
could have broad medical implications in the future.

5. CTD Functions

The CTD has been implicated in a broad spectrum of tran-
scription-associated functions, and its collection of binding
partners has continued to expand over the last few years.
Important target processes include mRNA (and snRNA)
capping, splicing, 3′ end processing, termination, and more
recently nuclear export (discussed below). In terms of
non-RNA processing-associated events, the CTD has been
shown to play roles in transcriptional activation, cotranscrip-
tional chromatin modification, chromatin remodeling, and
genome stability. Of course, the analysis of the CTD’s role
in each specific function is very challenging, as many of the

CTD-mediated transcriptional processes are interlinked. For
example, capping has been shown to influence both the splic-
ing of the first intron and 3′ end processing [83–87]; splicing
of the last intron affects 3′ end processing and vice versa
[88–90]; and alternative splice site choices are affected by the
cotranscriptional histone modifications at splice site junc-
tions [91–93]. While these interactions demonstrate the high
degree of coordination involved in mRNA synthesis, they
unfortunately complicate the interpretation of functional
studies. In a broad sense, it is fair to state that exactly how S2,
S5, and S7 phosphorylation affect initiation, elongation, and
termination remains poorly understood. Despite the lack of a
universal understanding, particular aspects of CTD function
have been characterized to an impressive level of detail, and
many of the more enigmatic functions are becoming better
understood through continued investigation. In the next
few sections, we present a rather cursory overview of the
functions of the CTD (for other reviews, see [2, 7, 8]) before
moving on to a discussion of two newly emergent CTD-
related functions: mRNA export and DNA repair/genomic
stability.

5.1. 5′ Capping. As mentioned previously, one of the most
clearly recognized functions of the CTD is its involvement
in the 5′ end capping of mRNA through the recruitment of
the capping machinery. The modification of the 5′ end of
the RNA with the 5′ 7-methyl guanosine cap is unique to
RNAPII transcripts and occurs just after the transcript clears
the polymerases exit channel [94, 95]. Transcripts made by
a CTD-less RNAPII were found to be inefficiently capped,
leading to the characterization of the physical interaction
between the capping enzymes and the phospho-CTD [96–
98]. Subsequent studies showed that the capping enzyme
associates with the 5′ end of genes in vivo, which correlates
with the enzyme’s function, and that this association is
dependent on phosphorylation of Ser5 of the CTD [11, 37,
46]. In addition to raising the local concentration of the
capping enzyme near the exit channel, the CTD has also been
shown to stimulate its activity. An example of a phosphoryla-
tion state-specific function, mammalian guanylyltransferase
was found to bind to both Ser2P and Ser5P synthetic heptad
repeats but was allosterically activated only by Ser5P [99].
The interaction between the 5′ capping machinery and
the CTD has also been investigated structurally, resulting
in some interesting insights. The crystal structure of the
Candida albicans guanylyltransferase Cgt1 complexed with a
synthetic Ser5P four heptad repeat peptide revealed that the
CTD binds within an extended docking site on the enzymes
surface using two nonadjacent heptads, and a full-heptad
repeat was looped out away from the interaction site [100].
This looping not only demonstrates the inherent flexibility
of the CTD but also suggests that by binding two remote
heptads, CTD binding factors may be able to loop out large
portions of the CTD. This looping could potentially result
in the formation of novel structural motifs, which could in
turn serve as binding sites for other CTD binding factors,
leading to organized, sequential binding [7]. Whether this
actually occurs is still an open question; however, recent
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studies have shown that the binding of some well-known 3′

end processing factors to the CTD appears to be cooperative
in nature [101].

5.2. 3′ End Processing. Another well-recognized function of
the CTD is its role in 3′ end processing and termination (for
reviews, see [102, 103]). Analogous to capping, transcription
by a CTD-less RNAPII was shown to affect both processes,
and cleavage and polyadenylation factors were found to bind
to the phospho-CTD [104–110]. Accordingly, inhibition of
Ctk1 in yeast has been shown to decrease the efficiency of
cleavage at poly(A) sites [56] and result in the disruption
of polyadenylation factor recruitment to the 3′ end of the
gene [55]. A genome-wide analysis has also shown that
depletion of Ctk1 using a tetracycline-repressible degron
mutant causes a “pileup” of polymerases at the poly(A)
site in a subset of genes with good consensus poly(A)
sequences [19]. This increase in RNAPII occupancy suggests
that improper CTD phosphorylation at these sites can result
in a strong transcriptional pause that is perhaps due to the
rate-limiting recruitment of a specific factor. Strongly linked
to polyadenylation, termination has also been reported to be
affected by the CTD [108]; in addition, Rtt103, a component
of the termination complex, has been shown to bind Ser2P
CTD [111]. However, the role of CTD modification in
termination is not yet well understood (see [9, 103, 112] for
further discussion). Intriguingly, it has been observed that
the recruitment of one well-recognized CTD binding 3′ end
processing factor, Pcf11 (which preferentially binds to Ser2
phosphorylated CTD), does not directly correlate with the
level of Ser2 CTD phosphorylation [20, 55, 106]; analysis by
ChIP indicates that Pcf11 is recruited mainly at the poly(A)
site, while Ser2P levels rise throughout the coding region.
Potential explanations for this phenomenon highlight some
of the interesting complications surrounding phospho-
CTD factor recruitment. Perhaps Pcf11 requires a certain
threshold of Ser2P or both Ser2P and an external signal, such
as the presence of the newly synthesized polyadenylation site,
the unmasking of particular CTD epitopes, or the presence
additional factors (Pcf11 CTD binding was recently shown
to be cooperative [101]). Other considerations include the
remodeling of the CTD via a pattern-specific change (such
as the formation of Ser2P only heptads) or modifications
that are undetectable by ChIP. With regards to the latter
and the previous discussion on proline isomerization, Pcf11
was reported to specifically recognize three neighboring trans
prolines within a mixed population of cis-trans isomers
[113]. It is likely that the recruitment of many other
CTD-binding factors is also mediated through multiple
mechanisms and dependent on the satisfaction of particular
sets of conditions.

5.3. snRNA Processing. One of the relatively more recently
discovered functions of the CTD is its role in the tran-
scription and 3′ end processing of snRNAs [114, 115]. Even
though they are transcribed by RNAPII, snRNAs are unlike
most coding transcripts; they do not undergo splicing or
polyadenylation and instead rely on a conserved 3′ box RNA

processing element downstream of the coding region for
proper 3′ end processing and termination [116]. The 3′ end
processing of snRNAs has received a lot of recent attention,
as it is currently the only specific function attributed to the
phosphorylation of Ser7 of the heptad repeat [32]. Seemingly
dispensable for viability and expression of protein-coding
genes, Ser7 has been found to be essential for endogenous
snRNA gene expression. This requirement for Ser7 phospho-
rylation was subsequently linked to the integrator complex
[32], a large CTD-associated multiprotein complex involved
in snRNA 3′ end processing [117]. Further characterization
of the CTD-integrator interaction not only revealed that
both Ser2P and Ser7P were required but also that efficient
binding required a specific arrangement of the modifications
[118]. Screening of synthetic diheptad repeats revealed that
although maximal binding was achieved with both Ser2
and Ser7 phosphorylated repeats, the minimal interaction
domain consisted of a Ser7P on the first heptad followed
by a Ser2P on the second heptad; any other combination of
two phosphates was insufficient for integrator binding [118].
These findings lend further support for the pattern-specific
binding of CTD-associated factors and, coupled with the fact
that integrator is specific to snRNA genes, also suggest that
the appropriate Ser2P/Ser7P patterns may be snRNA gene
specific (although many other discriminatory mechanisms
could be at play, such as the previously discussed methylation
of R1810).

5.4. Histone Modifications. Tying together two important
aspects of gene expression and transcriptional coordination,
the CTD has also been shown to be involved in the co-
transcriptional modification of histones and remodeling of
chromatin structure. Although a full discussion of histone
modifications and the histone code hypothesis is beyond the
scope of this paper, the significance of these processes cannot
be understated: they play integral functions in almost every
aspect of gene expression and regulation (for a review, see
[119]). Here, we will only give a very brief overview of some
CTD-related functions and a short list of new developments.

Providing the first clear link between the CTD and his-
tone modification, the yeast Set1 and Set2 methyltransferases
were found to be recruited to actively transcribed genes
at specific stages of the transcription cycle (5′ end versus
interior of the gene, resp.) through interactions with the
Ser5P (via the PAF complex for Set1) and Ser2/5P CTD
[120–123] (see [124] for a review). Thus, Set1’s activity, the
methylation of histone H3 at the K4 position, peaks near
the promoter, while Set2’s methylation of H3 at K36 occurs
downstream in the coding region. The H3K36 trimethylation
mark can be used to identify transcriptionally active genes
and has been shown to suppress inappropriate transcription
from cryptic promoters, which was initially thought to occur
through the recruitment of the histone deacetylase Rpd3S
[125, 126]. Surprisingly, recent studies have found that
Rpd3S is actually recruited via direct binding to the phospho-
CTD; although H3K36 trimethylation is dispensable for
Rpd3S recruitment, it appears to be required for activation
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of its deacetylation activity [127, 128]. Intriguingly, Set2 is
capable of H3K36 dimethylation independent of its CTD-
interacting SRI domain or Ctk1 [54], implying that only one
specific aspect (H3K36 trimethylation) of Set2’s activity is
regulated by interaction with the phospho-CTD. Another
interesting chromatin-related CTD binding factor is the
histone H3 chaperone and transcription elongation factor
Spt6 [129]. Spt6 has been shown to bind the Ser2P CTD
through a tandem SH2 domain [130] and interact with
the multifunctional elongation factor IWS1/Spn1, an Spt6-
interacting factor that associates with the nuclear RNA
export factor REF1/Aly (and Yra1 in yeast (ALM and ALG,
unpublished)) and possibly facilitates nuclear export [129].
In addition to its association with REF1/Aly, IWS1/Spn1 has
been recently found to be required for the optimal loading
of the mammalian Set2 (HYPB/Setd2) in the coding regions
of several genes [131], linking nucleosome reassembly with
elongation-coupled H3K36 trimethylation in vivo. Several
other recently characterized chromatin-related CTD interac-
tions include the recruitment of the chromatin-remodeling
factor CHD8 [132] and the FACT histone chaperone via HP1
[133]. The number of recognized chromatin-associated CTD
interacting factors is likely to grow rapidly over the next few
years as our understanding of both the processes of, and
the relationship between, CTD phosphorylation and histone
modification improves.

5.5. Splicing. One of the more intriguing but relatively
poorly characterized functions of the CTD is its involvement
in cotranscriptional splicing (for reviews, see [134, 135]).
Although neither active transcription nor the CTD is
absolutely required for splicing (presynthesized mRNAs can
be spliced by injection into Xenopus oocytes or by incu-
bation with nuclear extracts [136]), experimental evidence
accumulated over the last three decades implicates the CTD
as a key player in the coupling between the two processes.
The link between the CTD and splicing was first proposed
in the early 90s [137], and in the mid-to-late 90s, the
hyperphosphorylated RNAPII was shown to associate with
the SR (Serine/Arginine rich) family of splicing factors and
with components of the splicing machinery [138–140]. Con-
cordantly transcription by a CTD-less RNAPII was shown
to result in low splicing efficiency in vivo [108], and the
addition of an anti-CTD antibody or exogenous expression
of CTD peptides resulted in the accumulation of unspliced
transcripts [140] and the nuclear reorganization of splicing
factors [141]. In what could be considered the reciprocal
experiment, it was also shown that isolated CTD fragments
and purified phosphorylated RNAPII were able to activate
splicing reactions in vitro [142, 143]. In addition to the SR-
like CTD-associated factors (SCAFs) [140, 144], several other
CTD-binding splicing factors have been identified, including
the yeast U1 snRNP component Prp40 [145] and the
mammalian splicing factors CA150 (TCERG1) [146], PSF,
and p54/NRB [147]. A recent addition has been the splicing
factor U2AF, which in an in vitro complementation assay was
shown to be recruited to the CTD in complex with another
splicesome component, Prp19, in order to overcome a weak

polypyrimidine-binding tract in an IgMA3 substrate [148].
Although alternative splicing has been directly demonstrated
to be affected by the presence of the CTD [149], the fact
that RNAPII elongation rate has also been implicated in
splice site choice [150, 151] has made it difficult to determine
how much of the effect is due to the specific recruitment
of splicing factors to the CTD and how much is due to
changes in the elongation rate (kinetic coupling) or other
processes. One study that merits specific mention is that
of Batsche et al., who reported that the inclusion of a
set of alternative exons in the middle of the CD44 gene
was dependent on the site-specific accumulation of RNAPII
eoccupancy induced by the catalytic subunit of the SWI/SNF
chromatin-remodeling complex [152]. Surprisingly, this
“stalled” RNAPII exhibited a SWI/SNF-dependent switch
of the RNAPII phosphorylation status from the elongation
characteristic Ser2P to the more promoter characteristic
Ser5P, which perhaps creates a barrier to further elongation
(for a detailed discussion regarding kinetic coupling please,
see [134]). In addition to its general role in the recruitment of
splicing factors, it has also been suggested that the CTD may
function as a molecular tether for distant splice sites within
the mRNA. This would be accomplished through the binding
of the nascent 3′ splice site to a CTD-associated splicing
factor, thus effectively immobilizing it near the polymerase
mRNA exit channel in anticipation of the cognate 5′

splice site. Enhancement of the local concentration of the
splice sites would then dramatically increase the efficacy
of the splicing reaction (see [135]). This tethering model
is especially attractive in higher eukaryotes in which the
intron lengths of many genes exceed thousands of base pairs.
Although studies have demonstrated that mRNA tethering is
likely [153], it has yet to be directly linked to the CTD and its
phosphorylation.

Although it is not the only CDK kinase to have been
implicated in the regulation of both transcription and
alternative splicing (CDK11/cyclinL has been shown to affect
both processes but lacks a reported CTD kinase activity [154,
155]), CDK12’s CTD kinase activity coupled with its struc-
tural and functional characteristics places it directly at the
juncture between transcription, the CTD, and splicing. The
N-terminal domains of both CDK12 and its more enigmatic
paralogue CDK13 contain arginine/serine (RS) dipeptide-
rich segments, which are characteristic of splicing factors and
splicing factor regulators and are believed to be important
for protein-protein interactions [156, 157]. Much like other
RS domain-containing proteins and most factors involved
in pre-mRNA splicing, CDK12 and CDK13 were found to
exhibit a punctate pattern of localization in the nucleus,
superimposed on a more even distribution throughout the
nucleoplasm. The punctate localization points appear to
represent “nuclear speckles” [76, 77], commonly thought to
be sites of splicing factor storage [158]. In accordance with
these structural features and localization, in vivo splicing
assays using reporter genes have demonstrated that the
ectopic overexpression or depletion of CDK12 and CDK13
modulates alternative splice site selection [74, 75, 77].
In addition, CDK13 was observed to affect HIV splicing
in a Tat-dependent manner [73]. These splicing effects
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were postulated to be a consequence of CDK13-mediated
phosphorylation of the canonical SR splicing factor ASF/SF2
[76], but all of the extant studies utilized ectopic overexpres-
sion of CDK12 and CDK13, usually without their potential
cyclin partners, in assay systems that can detect splice site
changes but are unable to provide mechanistic insights.
Moreover, many of the results appear to argue against the
direct phosphorylation of specific splicing factors by CDK12
and 13; for example, the N-termini of CDK12 and 13 are able
to affect splicing independently of the kinase domains; and
one study has reported that the phosphorylation of ASF/SF2
by CDK13 appears to be indirect [74]. Complicating analyses
of this type is the fact that the overexpression of virtually
any SR protein will have effects on splicing via sequestration
of other SR proteins (and SR protein-binding partners),
competition for SR phosphorylating and dephosphorylating
factors, and the occurrence of other nonspecific and unfore-
seen events; thus, it is difficult to amalgamate the current
data into an overall consensus. Despite these caveats, the
unusual structures of CDK12 and CDK13, coupled with their
ability to modulate splice site choices in in vitro assays, make
it tempting to speculate that the two kinases may serve as
a central link between the processes of transcription, CTD
phosphorylation, and splicing; however, whether such a link
exists is still undetermined.

5.6. The CTD and mRNA Export. While the connection
between mRNA processing and the CTD has been
established, recent studies have begun to investigate
CTD involvement with the last step in mRNA production:
formation of an export competent messenger ribonucleo-
protein particle (mRNP). While this area of research has yet
to mature, it is known that mRNAs are exported through a
Ran-GTP-independent pathway that involves a specific set
of conserved export receptor and adaptor proteins. There
appears to be one universal receptor for mRNA export,
Mex67/Mtr2 in yeast and TAP/p15 in mammals, which
interacts with the mature mRNP and the nuclear pore
complex (NPC) to facilitate export. The export receptor
functions in conjunction with the export adaptor proteins,
which cotranscriptionally associate with the nascent mRNA.
There are two main mRNA export adaptor proteins,
Yra1/ALY in the transcription and mRNA export (TREX)
complex and Sac3 in the TREX-2 complex. While export
mediated by TREX-2 and Sac3 has been shown to be coupled
to chromatin modification through Sus1, a common factor
in both TREX-2 and the Spt-Ada-Gcn5 acetyltransferase
(SAGA) complex (reviewed in [159, 160]), we will focus on
the novel connection between mRNA export by Yra1 and the
CTD.

TREX was the first characterized transcription export
complex and consists of the THO complex of elongation and
hyperrecombination-related factors, including Hpr1, Tho2,
Thp1, and Mft1; the export adaptor protein Yra1/ALY; the
RNA helicase Sub2/UAP56; a protein of unknown function,
Tex1 [161]. Yra1/ALY has been proposed to link aspects
of mRNA splicing and processing to mRNA export based
on its interactions with Sub2/UAP56 [162, 163] and Pcf11
[164] and the observation that ALY may be associated with

the exon junction complex in mammals [165–167]. The
Hpr1 subunit of THO has been hypothesized to play an
important role in Yra1 and Sub2 recruitment because Δhpr1
yeast displays a decrease in the levels of both Sub2 and Yra1
occupancy on certain genes [168]; however, as deletion of
HPR1 has been shown to affect transcription elongation, this
decrease in Yra1 and Sub2 occupancy may be due to an
elongation defect rather than a direct effect of Hpr1 on the
export proteins [169].

In a previous study from our lab, a proteomics screen in
yeast identified Yra1 as a putative phospho-CTD-associated
protein (PCAP) [170]. We have since characterized the
phospho-CTD- (PCTD-) binding activity of this export
adaptor and demonstrated (via ChIP) that partial deletion
of its phospho-CTD interaction domain (PCID) leads to a
near loss of Yra1 association with active genes (MacKellar
and Greenleaf, In press (J. Biol. Chem.)). We therefore think
that either Yra1 is responsible for recruiting the rest of TREX
to active genes via the CTD or Yra1 is recruited to active
genes independently of THO. Further chromatin immuno-
precipitation studies using additional Yra1 variants that do
not bind the CTD are needed to further clarify the role of
the CTD in Yra1 function and the dependence of the rest of
TREX on Yra1.

We also found that the PCID of Yra1 contains an RNA
recognition motif (RRM). While RRMs are known to be
versatile-binding domains that mediate both protein-nucleic
acid and protein-protein interactions (see [171, 172] and
references therein), until this year no protein had been
found to use an RRM for PCTD binding. However, a
recent study on spliceosomal factor U2AF65 indicated that
its noncanonical RRM (also called a U2A homology motif
(UHM)) might also mediate an interaction between the
splicing factor and the PCTD [148]. We propose that there
is a class of factors that use its RRM as a dual-purpose
domain first for associating with the transcription elongation
complex via PCTD binding and then for associating with
the nascent transcript through RNA binding. Structural
studies on Yra1 in complex with the PCTD are necessary
to examine the role and binding mode of the RRM in this
interaction.

Based on our discovery that the CTD is involved in
recruiting Yra1 to genes, we have revised the model of Yra1
cotranscriptional recruitment to include the CTD (Figure 2).
We propose that Yra1 (possibly in complex with THO and
Sub2) is recruited to active genes during elongation when the
CTD is doubly phosphorylated on Ser2 and Ser5. Because
we do not yet know whether Yra1 can bind both the CTD
and TREX, it is modeled in both contexts. As the nascent
mRNA grows, Yra1 remains bound to the CTD, and this may
prevent Yra1 from blocking the activities of other mRNA
processing factors, averting premature export. At the 3′ end
of the gene, Yra1 dissociates from the CTD, because either
the phosphorylation pattern changes to predominantly Ser2
phosphorylation (which Yra1 does not bind) or Yra1 binds
the nascent mRNA with higher affinity. This model is still
largely speculative, and further experimentation is required
to test the hypotheses it represents.
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Figure 2: CTD-mediated recruitment of Yra1. Yra1 (possibly in complex with THO and Sub2) does not bind to Ser5P containing CTD and is
not observed at high level at the 5′ end of genes. Yra1 is recruited to active genes during elongation when the CTD is doubly phosphorylated
on Ser2 and Ser5. As it is not known whether Yra1 can bind both the CTD and TREX, it is modeled in both contexts. Yra1 remains
bound to the CTD until the nascent mRNA reaches a certain length or reaches the CTD-bound Yra1; this would avert premature export
attempts. At the 3′ end of the gene, Yra1 dissociates from the CTD, either because the phosphorylation pattern changes to predominant Ser2
phosphorylation (in which Yra1 does not bind) or because Yra1 binds the nascent mRNA with higher affinity.

5.7. The Next Frontier in CTD Research: DNA Damage and
Repair. Results connecting transcription/RNA processing
with recombination and DNA damage repair have been
obtained in bacteria, yeast, and mammals (reviewed in
[173]). For example, defects in mRNA splicing (by ASF/SF2
in mammals) and packaging (THO/TREX and TREX-2 in
yeast) have been linked to genomic instability and hyper-
recombination via R-loop formation [174–176]. A potential
involvement of the CTD in repair/recombination is suggested
by the observations that mutations in the subunits of the
CTDK-I kinase render yeast sensitive to DNA-damaging
agents and that DNA damage leads to alterations in the
phosphorylation pattern of the CTD [177]. Moreover, recent
work hints that the CTD and its associated proteins play a
role in sensing DNA damage and promoting repair.

For example, Bennett and colleagues used the diploid
yeast deletion strain collection to identify a large number of
genes whose homozygous deletion leads to ionizing radiation
(IR) sensitivity [178, 179]. We have found that a significant
number of these genes encode phospho-CTD-associating
proteins (PCAPs), thus linking IR damage repair to the
phospho-CTD (Winsor et al., in prep). A different kind of
damage repair, as signaled by mitotic recombination, also
appears PCTD linked since diploid yeast deleted for CTK1
(ctk1Δ/ctk1Δ strains) displays reduced rates of spontaneous
mitotic recombination at several loci (Winsor et al., in prep).
Thus, the PCTD appears to be involved in processes that
maintain genome stability.

In a related vein, it was shown recently that mammalian
RecQ5 protein, a putative “antirecombinase,” is associated
with RNAPII on active genes [180, 181]. In vitro experi-
ments showed that RecQ5 binds directly to the elongation-
associated phospho-CTD via a Set2 Rpb1-interaction (SRI)
domain; moreover, deletion of the SRI domain resulted in
loss of RecQ5 protein at multiple loci [182]. While the
function of RecQ5 in RNAPII elongation complexes is not yet
known, we favor a model in which it remains poised on the
PCTD, ready to act if the polymerase encounters a situation
that might induce inappropriate transcription-linked recom-
bination (e.g., [174–179]). It will be extremely informative
to analyze the involvement of transcribing RNAPII, and
proteins associated with its PCTD, in repair/recombination
events that contribute to genome stability.

6. Conclusions

After 25 years of research, much is still unknown about the
CTD of RNAPII and its role in coordinating a surprising
number of nuclear events with transcription. In addition
to transcript elongation (RNAPII movement along the
template), mRNA processing, and chromatin modification,
the collection of CTD-interacting processes is now thought
to also include mRNA export and DNA repair; future
investigations into the links between these events and the
CTD should be remarkably informative. New information
on CTD phosphorylation patterns, which modulate its
interactions with nuclear factors, has recently been generated
through genome-wide ChIP experiments, and multiple new
insights into global CTD phosphorylation have emerged. On
the other hand, the complexity and nuance of the patterns
of post-translational modifications are such that the actual
distribution of phosphate groups along the CTD is not
known for even one transcription elongation complex. Thus,
while the inventory of CTD-modifying enzymes continues
to expand, it is clear that we have much to learn about
the ways in which they collaborate to produce modification
patterns as found in vivo. Even so, the list of proteins
known to interact with a specifically modified form of the
CTD also continues to grow, expanding our knowledge of
the roles played by the CTD in coordinating transcription-
related processes. As our knowledge of CTD modifications
and interactions expands and becomes more refined, our
understanding of the “phospho-CTD cycle” and the manner
in which the PCTD orchestrates the numerous events
connected to the process of DNA-dependent RNA synthesis
will continue to evolve.
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HIV-1 usurps the RNA polymerase II elongation control machinery to regulate the expression of its genome during lytic and
latent viral stages. After integration into the host genome, the HIV promoter within the long terminal repeat (LTR) is subject to
potent downregulation in a postinitiation step of transcription. Once produced, the viral protein Tat commandeers the positive
transcription elongation factor, P-TEFb, and brings it to the engaged RNA polymerase II (Pol II), leading to the production of
viral proteins and genomic RNA. HIV can also enter a latent phase during which factors that regulate Pol II elongation may play a
role in keeping the virus silent. HIV, the causative agent of AIDS, is a worldwide health concern. It is hoped that knowledge of the
mechanisms regulating the expression of the HIV genome will lead to treatments and ultimately a cure.

1. Introduction

According to the 2010 UNAIDS AIDS Epidemic Update,
over 33 million people live with human immunodeficiency
virus (HIV) type 1, a number that is increasing due to a
combination of improved treatment and continued trans-
mission. Upon crossing the mucosa, HIV docks with CD4+

cells such as T-lymphocytes and macrophages, fuses with
the host cell, and releases viral single-stranded RNA, reverse
transcriptase, and integrase into the cytoplasm. Reverse
transcriptase converts the HIV RNA into double-stranded
DNA, at which point integrase chaperones the viral DNA
into the nucleus for integration into the host genome. An
initial round of host-induced gene expression by Pol II results
in expression of Tat, the primary transactivator of HIV,
which then recruits the positive transcription elongation
factor P-TEFb containing Cdk9 and Cyclin T1 to the HIV
LTR [1, 2]. This leads to increased viral gene expression
and, eventually, replication of the HIV genome, assembly
into new viral particles, and budding. HIV is capable of
establishing life-long latent infection by suppressing its
transcription, thus evading current antiretroviral therapies
[3]. How HIV subverts Pol II elongation control during both

active and latent infections has received a significant amount
of attention, and it is hoped that these inquires will lead to the
development of more effective treatments and an eventual
cure.

Regulation of transcription of many human genes is
accomplished by a process termed RNA polymerase II
elongation control, and, after integration, the HIV LTR falls
under this control. In fact, the HIV LTR has been used
as a model to study the regulation of transcription at the
level of elongation. In general, most human genes experience
initiation, but the fraction of those initiation events that
result in mRNAs is tightly regulated. After initiation, Pol II
is directed by negative elongation factors that include DSIF
and NELF to pause after synthesizing approximately 30–100
nucleotides of RNA [4]. These promoter proximally paused
polymerases either prematurely terminate, or enter pro-
ductive elongation under the influence of P-TEFb, thereby
generating mRNAs or in the case of HIV, viral genomes [5].
Because of its important role in this process, the activity
of P-TEFb is restricted by reversible association with 7SK
snRNA-bound HEXIM1 or HEXIM2 proteins which inhibit
the kinase activity of P-TEFb during its residence within
the 7SK snRNP [6, 7]. A number of cellular activators
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Figure 1: Early rounds of HIV transcription. At the HIV LTR, TATA-binding protein (TBP) is recruited to the TATA box with the aid of
Sp1. This interaction is subsequently stabilized by TFIIA and TFIIB. Preinitiation complex assembly is completed by the sequential addition
of Pol II•TFIIF, TFIIE, and TFIIH and is followed by promoter clearance. Pol II quickly falls under the negative influence of DSIF and
NELF, pausing after the generation of a short, nascent transcript. The recruitment of P-TEFb through NFκB or other factors overcomes this
inhibition by phosphorylating DSIF and NELF, allowing for productive elongation and the generation of HIV Tat.

including Brd4 [8, 9], c-Myc [10–12], NFκB [13], and others
interact with and recruit P-TEFb to overcome this hurdle
to transcription [14]. Recent ChIP-Seq experiments have
revealed that promoter proximally paused polymerases are
a prominent feature of chromatin [10] highlighting the
relevance of elongation control to human transcription and
disease. A growing body of evidence suggests that not only
is HIV regulated by elongation control, but that the virus
manipulates the machinery that regulates P-TEFb for the
purposes of viral gene expression, replication, and latency.

2. The First Steps of HIV Gene Expression

The HIV LTR region is composed of several redundant
elements that promote the swift and spontaneous assembly
of the preinitiation complex (PIC) [15] (Figure 1). While
most eukaryotic core promoters contain either a TATA box
or a pyrimidine-rich initiator region, HIV plays host to
both elements, encouraging the recruitment of transcription
factors. Three tandem-repeat specificity protein 1 (Sp1) sites
further promote PIC assembly and are indispensible in HIV
transcription [16]. Sp1 stimulates the recruitment of TATA-
binding protein (TBP), a subunit of TFIID, to the TATA
box; this interaction is immediately stabilized by TFIIA and
TFIIB (Figure 1, first panel). The subsequent assembly of

Pol II•TFIIF, TFIIE, and TFIIH completes the formation of
the PIC, allowing for initiation and promoter clearance [17]
(Figure 1, second panel). In terms of initiation efficiency the
HIV LTR is one of the strongest promoters known.

Immediately following initiation in the 5′ LTR, Pol II
falls under the influence of negative elongation factors that
include DSIF and NELF [18], pauses, and produces only
short transcripts [19] (Figure 1, third panel). NELF has been
shown to interact directly with the HIV nascent transcript
TAR to inhibit elongation [20]. DSIF and NELF further
encourage the formation of poised polymerases by inhibiting
transcript cleavage factor TFIIS [21], but this factor may be
needed ultimately to restart elongation [22]. In contrast to
the highly efficient initiation that takes place on the LTR,
the escape of promoter proximally paused polymerases into
productive elongation is very inefficient. This is due to a
combination of the strong interaction of NELF with the
nascent HIV transcript [20] and potentially to the affinity of
HEXIM proteins to the same RNA structure [23]. Due to this
strong negative inhibition, HIV is incapable of productive
elongation without elevated levels of P-TEFb. The reduction
of available P-TEFb through inhibitors or expression of
kinase dead Cdk9 mutant blocks HIV gene expression while
leaving overall cellular transcription relatively unaffected
[24–27]. HIV achieves its initial rounds of productive
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Figure 2: Structural detail of Tat•P-TEFb interaction. The two panels depict surface (upper) and cartoon (lower) representations of the
crystal structure of the complex between HIV Tat and P-TEFb. Tat is full length 86 amino acid protein, but only residues 1–49 are visible.
Cdk9 (dark green) is a 1-345 truncation of the 372 amino acid protein. Cyclin T1 (light green) is a 1–266 truncation of the 726 amino acid
protein. The two zinc atoms coordinated by the interface of Tat and cyclin T1 are indicated as yellow spheres. ATP (magenta) and Mg (blue)
are shown bound to the active site of Cdk9. The figure was created using Pymol from PDB entry 3MIA [34].

elongation through lymphocyte cellular activation, which
increases Cyclin T1 expression and P-TEFb activity to levels
sufficient for HIV gene expression [28].

T-cell activation triggers the activity of transcription
factor NFκB, composed of subunits p50 and p65 (RelA),
and NFAT. In response to a wide range of stimuli including
TNF-α, NFκB inhibitor IκB becomes phosphorylated and
subsequently degraded, allowing NFκB to translocate into
the nucleus and localize to genomic binding sites [29],
where the p65 subunit can be found in association with P-
TEFb [13]. Two NFκB sites in close proximity to the Sp1
binding elements in the HIV LTR are shown to strongly
enhance HIV transcription [30]; synergy between the p65
subunit and Sp1 further augments the shift from abortive to
productive elongation in HIV [30] (Figure 1, fourth panel).
Two additional sites downstream of the transcription start
site also enhance HIV’s transcriptional sensitivity to NFκB
[31], though their role is less well understood. The nuclear
factor of activated T cells, NFAT, likely plays a similar role
[32] binding as a dimer to the same DNA binding elements
[33]. These sites allow for the recruitment of enough P-
TEFb to the HIV LTR to phosphorylate DSIF and NELF and
trigger at least some poised polymerases to enter productive

elongation, and this results in the production of Tat and the
entry into the second phase of HIV transcription [13].

3. Maintenance of Highly Efficient HIV Gene
Expression and Viral Replication

During the next stage of HIV infection an extremely high
level of transcription of the viral genome is directed by Tat,
the major transactivator of HIV transcription. Tat is an HIV
protein designed for direct interaction with P-TEFb, mainly
with Cyclin T1, but also with Cdk9 [1, 2, 24, 34]. Tat is
required for efficient productive elongation of HIV genes
[1, 19, 35, 36], and this stimulatory effect depends on P-
TEFb [24–27]. Tat’s ability to interact with P-TEFb (Figure 2)
allows it to extract the kinase from the 7SK snRNP and bring
it to poised polymerases on the LTR (Figure 3). This activates
HIV transcription by exploiting the ability of P-TEFb to
stimulate productive elongation of HIV-bound polymerases,
allowing for effective viral gene expression and replication.

X-ray crystallography has proven useful in clarifying Tat’s
association with P-TEFb (Figure 2). Tat lacks a prominent
secondary structure when free in solution, but upon inter-
acting with P-TEFb, peptides 1–49 become highly organized
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Figure 3: Tat overrides cellular elongation control. Tat interacts directly with P-TEFb sequestered in the 7SK snRNP. This results in a
conformational change of 7SK, ejecting HEXIM proteins, and preventing P-TEFb•HEXIM1•7SK reassembly. Tat•P-TEFb migrates to
the TAR element contained within HIV’s nascent transcript, binds, and acts upon DSIF and NELF, efficiently overcoming inhibition of
transcription.

and form a structure complimentary to the kinase [34]. Tat
interacts primarily with Cyclin T1, using 88% of its surface
area and a Zn-mediated bridge to stabilize the interface
[34]. Tat also inserts into a groove between Cyclin T1
and Cdk9, resulting in a more stable and active P-TEFb
kinase [34]. While comparisons of Tat•P-TEFb•ATP to a
previous P-TEFb•ATP structure [37] suggested Tat altered
the conformation of P-TEFb, it is possible that the differences
in structures were due to 3 amino acid substitutions in the P-
TEFb•ATP crystal, one of which lies in the critical surface
between Cdk9 and Cyclin T1. What is clear is that Tat binds
specifically to Cyclin T1 and forms a very stable complex.
In fact, when Tat is overexpressed in HeLa cells, greater
than 90%, of the Tat is found associated with P-TEFb [23].
Evidently excess Tat is degraded.

Tat’s most striking behavior is its ability to recruit
sequestered P-TEFb from the 7SK snRNP (Figure 3, top),
subverting cellular elongation control, and guaranteeing
a supply of P-TEFb for HIV replication. When P-TEFb
inhibitors were titrated onto cells, a gradual decrease in
the ratio of P-TEFb in the 7SK snRNP to free P-TEFb was
observed and the IC50 for that change is identical to the
IC50 for inhibition of HIV replication [27]. This and other
experiments suggest that the 7SK snRNP is required for HIV
replication. Importantly, HIV infection or expression of Tat
in HeLa cells results in the release of P-TEFb from the 7SK
snRNP [23, 38]. Under the later conditions the majority of

the Tat is found in a Tat•P-TEFb complex that sediments in
a glycerol gradient with significantly lower molecular weight
than the 7SK snRNP [23]. Using a defined in vitro assay in
which the 7SK snRNP was immunoprecipitated from HeLa
cell lysates, recombinant Tat was able to extract P-TEFb
directly and this release was completely dependent on the
P-TEFb binding domain of Tat [8]. In the presence of Tat,
cellular control of P-TEFb via the 7SK snRNP is no longer
effective at limiting HIV transcription.

In addition to Tat being able to bind to and extract P-
TEFb from the 7SK snRNP, it also can interact with 7SK
directly. Electrophoretic mobility shift assays demonstrated
that Tat could bind to 7SK RNA in a dose-dependent
manner and that this interaction displaced HEXIM1 and
prevented P-TEFb•HEXIM1•7SK reformation at increasing
Tat concentrations [23]. The role for binding of Tat to 7SK
snRNA is not clear. Although the P-TEFb binding domain
of Tat was indispensible for extraction of P-TEFb from the
7SK snRNP, the RNA binding domain only had a slight
stimulatory effect [8]. Another study provided evidence
for Tat association with 7SK snRNP that lacked HEXIM1
[39]. Reconciliation of all of these results may be achieved
by taking into consideration that 7SK snRNA undergoes a
conformational change upon loss of P-TEFb [8] (Figure 3,
top right). Chemical protection experiments provided strong
evidence for this conformational change in 7SK RNA after
loss of P-TEFb due to flavopiridol treatment of cells or
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after treatment of the 7SK snRNP with recombinant Tat
[8]. It was hypothesized that loss of HEXIM was caused by
the conformational change in 7SK RNA. Binding of Tat to
7SK could also be negatively affected by the restructuring
event. The study that detected Tat bound to the 7SK snRNP
could be explained by the higher affinity of Tat compared to
HEXIM1 for binding to 7SK RNA.

After Tat has extracted P-TEFb from the 7SK snRNP, the
Tat•P-TEFb complex is recruited to the poised polymerase
through an interaction with the transactivation response
element, TAR (Figure 3, bottom). TAR, contained within
HIV’s nascent transcript, has a bulge and loop hairpin
structure which, when combined with its RNA sequence,
is used by Tat•P-TEFb for specific binding [40]. Due
to the close proximity of P-TEFb kinase targets, Tat•P-
TEFb•TAR efficiently phosphorylates DSIF and NELF and
effects productive elongation. Recent studies suggest that
interactions of Tat with other cellular factors may also be
involved. Tagged Tat protein was found to form two distinct
complexes, one containing P-TEFb, PAF1, AF9, ENL, AFF1,
AFF4, ELL, and EAF1 (Tatcom1) and the other containing
P-TEFb, 7SK, LARP7, and MePCE (Tatcom2) [39]. The
superelongation complex [41] with Tat, Tatcom1 was shown
to be more efficient at Pol II CTD phosphorylation than
Tat•P-TEFb alone and may serve to overcome a diverse set
of repressive cellular blocks to HIV replication [39]. While
a role for Tatcom2 was not discovered, concurrent research
demonstrated the presence of a repressive, Tatcom2-like
Tat•P-TEFb•HEXIM1•7SK complex at poised polymerases
before the synthesis of TAR [42]. The generation of TAR
was necessary for Tat-mediated HEXIM1 displacement and
the activation of P-TEFb, potentially explaining the origin
of Tatcom2. It is still not known if P-TEFb•HEXIM1•7SK
without Tat is capable of localizing to the HIV LTR, either
as a part of the PIC or the poised polymerase [43].
Understanding that Tat may participate in both a highly
stimulatory complex (Tatcom1) and a regulatory, inhibitive
complex (Tat•P-TEFb•HEXIM1•7SK) provides a host of
new questions regarding HIV’s use of elongation control.

4. Elongation Control and Viral Latency

Current HIV therapies are extremely effective at reducing
viremia, thereby improving patient health and reducing
viral transmission; however, the persistence of latent viruses
dictates that the antiviral treatments must be continued for
life. Elimination of the latent viral reservoirs is required
to cure a patient. The current idea is that this could be
accomplished by forcing reactivation of latent viruses while
blocking new infections with antivirals [44]. If the activation
is thorough, all latently infected cells would be killed and
the virus would be eliminated from the host. Most of the
latent viruses are found in resting CD4+ T cells, that were
initially infected, but never began to lytically produce virus
[45]. These cells can remain dormant for decades but, upon
activation, can express virus leading to AIDS.

There are multiple mechanisms working to maintain
stably integrated viruses in a latent state. Because most

HIV integration events take place within active genes, tran-
scriptional interference may play a role in latency [46, 47].
This occurs when elongating RNA polymerase II molecules
travel through the HIV promoter, potentially hindering
initiation and polymerase pausing. This mechanism has
been demonstrated using a Jurkat cell model [48, 49], but
the contribution of this mechanism in resting T cells that
have lower levels of transcription in general is not as clear.
One issue contributing to latency is that key factors needed
for production of long HIV transcripts are found in very
low concentrations in resting T cells. These include NFκB
and/or NFAT as well as P-TEFb containing Cyclin T1, and
the nuclear concentrations of these factors are substantially
increased following T-cell activation [28, 29].

Because only 1 in a million resting T cells may harbor
a latent virus, it is very difficult to analyze the state of the
integrated genes. Chromatin immunoprecipitation (ChIP)
can provide an indication of the occupancy by specific
factors, and relative occupancy of a given factor at different
sites can be fairly quantitatively assessed if ChIP-Seq is used.
Without a method to enrich latently infected cells, however,
ChIP lacks the sensitivity to obtain significant signals from
the integrated viral genomes. Because of this, model systems
using clonal populations of transformed cells from a single
integration event or primary CD4+ cells with heterogeneous
integrations have been developed [50]. The choice of model
system is important because the growth state of the cells
influences the transcription factor environment.

The design of methods to activate latent viruses is
hampered by the lack of certainty concerning the chromatin
state of the HIV promoter. Two possibilities are a completely
repressed chromatin structure (Figure 4 top) or an open
promoter configuration with a poised polymerase (Figure 4
bottom), and latent cells could be a mixture of both. A
repressive chromatin structure could be actively maintained
by histone deacetylases (HDACs) recruited by factors such
as Sp1 or by a default pathway that covers DNA in the
absence of promoter use [51]. Supporting a role for HDACs
in maintaining HIV latency, HDAC inhibitors have been
demonstrated to activate latent viruses [52]. Evidence also
suggests a significant role for open promoter regulation. In
growing cells, ChIP-Seq experiments have revealed that most
mammalian genes are occupied by promoter proximally
paused polymerases including genes that have very low or
undetectable expression [10]. The HIV LTR was one of the
first promoters found to generate poised polymerases, and
short, nonpolyadenylated transcripts containing TAR have
been found in latently infected resting T cells [47, 53].
Therefore, it is very likely that the main block to expression
in many latently infected cells may occur at the P-TEFb-
dependent step in the transition into productive elongation.

If latent viral genomes are loaded with poised poly-
merases, what is blocking the function of P-TEFb? As
described earlier, NFκB can recruit P-TEFb, but, in resting
T cells, NFκB resides mainly in the cytoplasm. Without some
transcription of the HIV genome, the primary recruiter of
P-TEFb, Tat, will be absent. Another possible elongation
repression mechanism was suggested by the finding that
HEXIM1 could bind to TAR [23] (Figure 4, bottom).



6 Genetics Research International

NELF

DSIF

Pol II

HEXIM?

Repressive nucleosomes—initiation block

Poised polymerase—elongation block

Figure 4: Possible mechanisms for maintaining latent viral genomes. The two panels represent two possible chromatin states over the HIV
LTR in resting T cells in which the HIV genome is maintained in a silent state. In the upper panel, the entire LTR is covered in nucleosomes
and initiation from the promoter is completely blocked. A less extreme but similar possibility (not pictured) is that accessibility of some
factors is allowed, but initiation is still blocked. The lower panel depicts a state in which initiation is allowed, but all polymerases are left
promoter proximally paused. HEXIM proteins may associate with TAR and act as a P-TEFb repressor.

The interaction of TAR with HEXIM1 would trigger the
conformational change needed for P-TEFb binding [54] and,
therefore, would act as a P-TEFb repressor [23]. The effects
of reducing or increasing the level of HEXIM1 on expression
from the HIV LTR has been interpreted as being mediated
through the sequestration of P-TEFb by the 7SK snRNP [55–
58]. However, direct binding of HEXIM1 to TAR can explain
this influence on transcription [23]. It is currently not clear
if HEXIM1 is bound to many nascent transcripts in human
cells or if its interaction with TAR is specific.

5. Therapeutic Approaches Targeting
HIV Transcription

The current cadre, of anti-HIV drugs target enzymes
encoded by the virus and are quite effective until an
HIV strain arises that is resistant. The error-prone nature
of reverse transcriptase and recombination events lead to
frequent mutations in the presence of drug-induced selective
pressure, leading to resistance and proliferation despite
therapy [59–61]. For this reason, most HIV treatments
utilize at least three drugs with different targets. There are
no currently available drugs that inhibit HIV transcription.
Because P-TEFb is essential for HIV replication, the strong
P-TEFb inhibitor flavopiridol blocks virus production [26].
Unfortunately, concentrations about 10-fold higher than
those that block HIV replication also cause host cell death
[27]. This is true for all P-TEFb inhibitors tested except for
those that have other essential targets, in which case the
therapeutic index is less than 10 [25, 27].

Because only HIV utilizes the Tat•P-TEFb complex, it
is the logical target for a viral transcriptional inhibitor, and

there are several possible avenues to develop compounds that
block the function of this complex. A small molecule that
blocked the interaction between Tat and P-TEFb would likely
inhibit HIV transcription. It will be difficult to find such a
compound, however, because Tat buries 3,499 Å2 of surface
area when bound to P-TEFb. An additional challenge in the
search for such compounds is Tat’s limited structure in the
absence of P-TEFb. Another constraint to this approach is
that compounds capable of preventing Tat from binding to
Cyclin T1 or Cdk9 might also block binding of cellular factors
such as HEXIM1, NFκB, Brd4, or CIITA, potentially causing
unacceptable toxicity.

Another approach is to obstruct the recruitment of
the Tat•P-TEFb complex to TAR. Compounds that block
binding of Tat to TAR in vitro have been discovered [62–65],
but have not been proven to work well in vivo for a variety
of reasons including low affinity, poor uptake into cells, or
other properties that make them inappropriate for delivery
at efficacious concentrations. The Tat•P-TEFb complex has a
higher affinity to TAR than Tat alone, and such a drug would
have to overcome the additional contribution from Cyclin
T1. Despite these setbacks, the potential for well-targeted
drugs using this approach cannot be overlooked.

Finally, inhibition of the kinase activity of the Tat•P-
TEFb complex specifically could block HIV transcription
without affecting the cellular function of the important
factor. Comparison of the structures of P-TEFb with [34] and
without [37] Tat suggested that Tat induced a conformational
change that could be exploited to develop a specific Tat•P-
TEFb inhibitor. However, as mentioned above, change may
have been due to mutations in the proteins used in the
P-TEFb alone structure [34]. Solution of the structure of



Genetics Research International 7

wildtype P-TEFb is needed to resolve this issue. It may be
possible to target the kinase activity of Tat•P-TEFb specifi-
cally by tethering a weak kinase inhibitor to a compound that
binds tightly to the complex at the interface between Tat and
P-TEFb. The anchor would provide specificity and increase
the concentration of the inhibitor to effective levels. This
method would take advantage of the tremendous stability
of the Tat•P-TEFb complex but would require a significant
amount of labor to design or discover the anchoring moiety
of the compound.

Toward a cure for HIV, drugs that stimulate the reactiva-
tion of latently infected cells could allow for the subsequent
eradication of the virus using existing antiretroviral treat-
ments. Prostratin, a protein kinase c activator, induces the
NFκB signaling pathway and stimulates HIV gene expression
in latently infected cells without causing cell replication [66],
but fails to uniformly activate latent cell populations [67].
Further, high-dose or prolonged treatments with prostratin
were shown to induce growth arrest and cell death, hindering
its use as a therapeutic [67]. If HEXIM proteins are found
to be important in maintaining latency as described above,
reactivation and subsequent elimination of the virus may
also be possible by specifically relieving this block. For
this approach to work, the mechanism must be unique
to the HIV LTR or the HEXIM1•TAR interaction would
have to be targeted specifically. Care would be needed
to avoid disrupting the interaction of HEXIM with the
7SK snRNP. Structural information about the HEXIM•P-
TEFb•TAR complex is needed to further define the function
of HEXIM proteins on the LTR.
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If Mg2+ ion is replaced by Mn2+ ion, RNA polymerase tends to misincorporate noncognate nucleotide, which is thought to be one of
the reasons for the toxicity of Mn2+ ion. Therefore, most cells have Mn2+ ion at low intracellular concentrations, but cyanobacteria
need the ion at a millimolar concentration to maintain photosynthetic machinery. To analyse the mechanism for resistance against
the abundant Mn2+ ion, we compared the properties of cyanobacterial and E. coli RNA polymerases. The cyanobacterial enzyme
showed a lower level of abortive transcription and less misincorporation than the E. coli enzyme. Moreover, the cyanobacterial
enzyme showed a slower rate of the whole elongation by an order of magnitude, paused more frequently, and cleaved its transcript
faster in the absence of NTPs. In conclusion, cyanobacterial RNA polymerase maintains the fidelity of transcription against Mn2+

ion by deliberate incorporation of a nucleotide at the cost of the elongation rate. The cyanobacterial and the E. coli enzymes showed
different sensitivities to Mg2+ ion, and the physiological role of the difference is also discussed.

1. Introduction

A DNA-dependent RNA polymerase (RNAP) has a catalytic
center chelating Mg2+ ions to form phosphodiester bonds
[1, 2]. Most other divalent cations inhibit the activity, but
Mn2+, which has a similar but only slightly larger ionic radius
than Mg2+, supports the polymerizations. In the case of Es-
cherichia coli (Esc) RNAP, Mn2+ causes the enzyme to mis-
incorporate deoxyribonucleoside triphosphate (dNTP) in-
stead of ribonucleoside triphosphate (NTP) [3] as well as
noncognate NTPs [4–6]. Therefore, the growth of E. coli
is inhibited in the presence of Mn2+, and the inhibition is
mitigated by GreA and GreB which bind to RNAP [7].

In cyanobacteria, the intracellular concentration of Mn2+

is considered to be higher by two orders of magnitude than in

E. coli [8], because Mn2+ is required at higher concentrations
to assemble the photosynthetic reaction center carrying
Mn2+ cluster, and/or to scavenge reactive oxygen species
generated from photosynthesis [9, 10]. Since cyanobacteria
have no genes orthologous to greA or greB, cyanobacteria
should have the mechanism of detoxifying Mn2+.

We thus made two purified reconstituted transcription
systems from a mesophilic cyanobacterial species, Synecho-
coccus sp. PCC 7942 (Syn), and from a moderately ther-
mophilic species, Thermosynechococcus elongatus BP-1 (The).
By comparing these systems with the system of E. coli, we
here examine the possibility that the mechanism of detoxify-
ing Mn2+ is installed in the poisoning target, RNAP, and ask
whether or not the cyanobacterial RNAP has a sensitivity to
Mg2+ different from that of E. coli RNAP.
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2. Materials and Methods

2.1. Materials. All of the oligo DNAs and RNA, NTPs, and
[γ-32P]ATP were obtained from Hokkaido System Science,
Yamasa and Perkin Elmer, respectively. Restriction enzymes
were purchased from New England Biolabs and Takara.
Primestar HS and Primestar Max DNA polymerases used for
PCR were purchased from Takara. Syn cells used for RNAP
purification were partially gifted from Dr. Mitsumasa Han-
aoka. The culture condition of the gifted cells is the same as
shown in the next section.

2.2. Protein Purification. Cells of Syn and The were cultivated
and harvested as described [15, 16]. About 10 g of the wet-
cell paste was suspended in 30 mL of TGED buffer [10 mM
Tris-HCl (pH 8.0), 5% (v/v) glycerol, 0.1 mM EDTA, and
1 mM DTT] containing 1 mM phenylmethylsulfonyl fluoride
and 0.2 M NaCl, and then, cells in suspension were lysed by
sonication. A 35%- saturated solution of ammonium sulfate
was added to a soluble fraction of the cell lysate which was
obtained by centrifuging for 30 min at 20,000 × g. The
obtained mixture was added to 10 mL of phenyl sepharose
resin (GE Healthcare), pre-equilibrated with the TGED buff-
er containing 0.2 M NaCl and 35% saturated ammonium
sulfate, and the mixture was washed by the same buffer,
eluted with the TGED buffer. The eluate was applied to a
column containing 10 mL of DEAE resin (TOSOH) pre-
equilibrated with the TGED buffer, and the column was
washed with TGED buffer containing 0.2 M NaCl, eluted
with the TGED buffer containing 0.5 M NaCl. The eluted
fraction was further chromatographically purified by using
Hi-trap heparin affinity column (GE Healthcare) and
MonoQ anion exchange column (GE Healthcare) as de-
scribed [16]. The purified core enzyme was dialyzed against
the TGED buffer containing 0.2 M NaCl and 50% glycerol
and stored at−80◦C. The core enzyme of E. coli was prepared
according to [17], and σ70 of E. coli and σAs of Syn and The
were obtained as described in [15, 16].

2.3. In Vitro Transcription Assays. The liner DNA template
containing the T7A1 promoter from −147 to +87, when +1
is the transcription start site, was prepared by PCR using
the plasmid pAR1435 [18] and the following digestion by
HaeIII. The template containing the psbA2 promoter from
−127 to +101 was prepared by PCR using a genomic DNA
of a cyanobacterium Synechocystis sp. PCC 6803. These
DNA templates were purified by PAGE. The holoenzyme
was reconstituted by incubating core RNAP mixed with a
3-fold molar excess of the primary σ factor for 10 min at
37◦C. We used twice more Syn and The RNAPs, because
they have smaller affinities for the psbA2 promoter. The
reconstituted holoenzyme (50 nM for E. coli or 100 nM for
Syn and The) and 20 nM DNA template was preincubated
for 10 min at 37◦C in 8 μL of T-buffer [50 mM Tris-HCl
(pH 7.9), 100 mM KCl, 10 mM MgCl2 (see figure legends
and the main text in the cases that the concentration was
changed or MgCl2 was changed to MnCl2), 1 mM DTT,

and 150 μg mL−1 partially hydrolysed casein]. Reaction was
started by adding 2 μL of prewarmed substrate mixture: 5 μM
[γ-32P]ATP (40 Ci mmol−1) as well as 100 μM each of GTP,
CTP, and UTP. In a single-round reaction, heparin (100 μg
mL−1) was added together with the substrates to eliminate
enzyme turnover. After incubation for 20 min at 37◦C, the
reaction was stopped by phenol/chloroform/isoamyl alcohol
(25 : 24 : 1). Transcripts were analyzed by PAGE using a
20% gel containing 7 M urea. The sequences of abortive
transcripts from the T7A1 promoter were assigned according
to [19], and those from the psbA2 promoter were determined
using 5′ end-labeled RNA marker 5′-AGUCAGUU-3′ and a
chemical cleavage assay (Figure S2 which is available online
at doi:10.4061/2012/572689).

All the experiments with presented results in this study
were repeated two or more times and the represented ones
are shown.

2.4. TEC Formation. In order to stop elongation at Position
+18 by a lack of the cognate CTP for Position +19, the
intrinsic cytosine residues (nontemplate strand) at Positions
+4, +9, +10, and +14 of the psbA2 promoter were replaced
by thymine by PCR-based mutagenesis, following cloning of
the DNA template from−127 to +101 into a plasmid pUC19
(see Figure 4(a)). For the TEC9 formation, the intrinsic
cytosine residues at Positions +10 and +14 were retained.
The binary complex was formed by mixing the holoenzyme
(50 nM for E. coli or 100 nM for Syn) and 40 nM DNA tem-
plate containing the psbA2 promoter as described above. The
ternary complex was formed by incubating 5 min at 37◦C
with 5 μM [γ-32P]ATP (40 Ci mmol−1) as well as 50 μM each
of GTP and UTP in T-buffer containing 10 mM MgCl2 or
1 mM MnCl2. The TEC was isolated from the substrates
including [γ-32P]ATP as well as released abortive transcripts
by triplicated passing through a MicroSpin G50 column
(GE Healthcare) equilibrated with T2-buffer [50 mM Tris-
HCl (pH 7.9), 100 mM KCl, 10 mM MgCl2 or 1 mM MnCl2,
1 mM DTT, and 5% glycerol] at room temperature. After this
treatment, no elongations by the TEC9s and TEC18s of both
Syn and E. coli in the T2 buffer were detected for 10 min at
37◦C, without adding substrates.

2.5. Single-Step Elongation Assay. Reactions were started by
adding cognate or noncognate NTP at the final concentra-
tion of 0.5 mM to 9 μL solution containing the TEC and the
T2-buffer. The obtained mixture was incubated at 37◦C for
the indicated time and the reaction was stopped by adding an
equal volume of gel-loading solution, containing 95% (v/v)
deionized formamide, 20 mM EDTA (pH 8.0), bromophenol
blue and xylene cyanol, 0.05% (w/v) each, and analyzed by
PAGE using a 20% gel containing 7 M urea.

3. Results

3.1. Cyanobacterial Transcription System Reconstituted from
Purified Components. For the comparative study, it is essen-
tial to purify cyanobacterial RNAPs. The tedious step of
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Figure 1: Cyanobacterial RNAPs. (a) Analysis of the fractions of The core enzyme by 10% SDS-PAGE after the treatment of hydrophobic
resin (lane 1 : 26.9 μg), DEAE anion-exchange (lane 2 : 7.0 μg), heparin affinity (lane 3 : 0.8 μg), and MonoQ chromatography (lane 4 : 1.6 μg).
Lanes 5–7 show 7.5 μg of the purified The, Syn, and E. coli enzymes used in transcription assays. Marker proteins (BIO-RAD) are also shown
in lane M with the molecular weights indicated in the left margin. The gel was stained with Coomasie Brriliant Blue. (b) Schematic diagrams
of β′ subunits of The, Syn, a chloroplast of red alga Porphyra purpurea, and E. coli. The conserved regions A–H [11, 12] were also indicated.
The white boxes represent the nonconserved domain inserted in Region G [13, 14]. The split sites are indicated by an arrow. The scale bar of
100 amino-acid residues (aa) is indicated at the bottom.

the purification is to remove thylakoid-membrane fragments
and the associated proteins [20, 21]. We thus invented a
batch-wise removal with a hydrophobic resin (see Materials
and methods). The Syn and The core enzymes were purified
by the improved procedure, resulting in a preparation which
is more than 95% pure, judged by CBB stain, within a day
(Figure 1(a)). The core enzyme of cyanobacteria is composed
of α2ββ′ω as E. coli enzyme, but its β′ subunit is composed
of two polypeptides [20]. A large nonconserved domain is
inserted in the G region as chloroplast RNAP (Figure 1(b))
[21].

We examined the transcription by the holoenzymes of
Syn, The, and E. coli retaining their primary σ factors (σs

and σ70) at the T7A1 promoter (Figure 2(a)), which is the
strongest among the standard promoters for the E. coli
enzyme [22]. The Syn enzyme was active on this transcrip-
tion unit but much weaker than the E. coli enzyme: the runoff
transcript was observed only at the multiround condition,
and its amount was lower by an order of magnitude
(Figure 2(b)). Moreover, the The enzyme did not synthe-
size any detectable transcripts in all conditions (data not
shown).

We thus searched for a promoter driving transcription by
both cyanobacteria and E. coli holoenzymes without adding
specific activators. The cyanobacterial psbA2 gene encoding
D1 protein of the photosystem II is highly transcribed in the
daytime [23] and the sequence of its promoter shares the−10
and −35 elements recognized by the E. coli σ70 holoenzyme
(Figure 2(a)) [24]. As expected, the E. coli enzyme was
active on this promoter and produced similar amounts
of runoff transcripts from the psbA2 promoter in the
single-round condition (Figure 2(c)). We thus used this pro-
moter in comparison between these enzymes.

3.2. Cyanobacterial RNAPs Are Less Abortive due to Their
Core Parts. In contrast to the similar amounts of runoff
transcript, Syn RNAP produced a much lower level of 2–11 nt
long transcripts (Figure 2(c)), which is known as abortive
transcription, an iterative synthesis and release of oligo-RNA
in initiation [25, 26]. The ratio of abortive synthesis to runoff
synthesis is smaller than that in E. coli by two orders of
magnitude. The ratio for The RNAP could be determined
only in a multiround transcription condition and was as low
as that of Syn RNAP (Figure 2(c)).
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Figure 2: Transcription from the T7A1 and the psbA2 promoters by cyanobacterial and E. coli RNAPs as well as their chimeric enzymes.
(a) The DNA sequences of the T7A1 and the psbA2 promoters. The putative −10 and −35 elements are underlined, and the transcribed
sequences are indicated in uppercase letters. (b) The analysis of transcripts labeled with [γ-32P]ATP from the T7A1 promoter with 20%
polyacrylamide in the presence of 7M urea in TBE buffer. (c) The transcripts from the psbA2 promoter. The round of transcription is
indicated at the top of the gels. The runoff and abortive transcripts are indicated by arrowheads and parentheses, respectively. The length
and the incorporated nucleotide at its 3′ end of an abortive transcript are indicated on the left margin. Asterisks indicate the abortive
transcripts involving misincorporation. The radioactive contaminants that is contained in [γ-32P]ATP are also indicated in lane 17. (d) The
amounts of the run-off transcript normalized by that of the intact E. coli enzymes (red) and the ratio of the amount of abortive transcripts
to that of the run-off transcript in logarithmic scale.
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The observed small ratios were not specific to the psbA2
promoter, because in multiround transcriptions from the
T7A1 promoter, the ratio for Syn RNAP was also two orders
of magnitude smaller than that for E. coli (lanes 4 and 6
in Figure 2). In this experiment, we used the holoenzymes
reconstituted from the σAs purified from the overproducing
E. coli strains because of low yields of holoenzymes. The
observed low activities of abortive transcription are not
due to the artifacts of the reconstitution. We independently
purified the histidine-tagged holoenzyme of a Synechocystis
sp. PCC 6803 and it also produced abortive transcripts as
low as the Syn and The RNAP (Figure S1A). In conclusion,

cyanobacterial RNAPs are generally much less abortive than
E. coli RNAP.

The level of abortive transcription is known to depend
on mutations of both core enzyme and σ factor [27–29],
indicating that both the components are responsible. We
addressed the question of which component is more
responsible by constructing chimeric holoenzymes. Taking
into account the large difference between the levels of
cyanobacterial and E. coli RNAPs, we found that the large
difference was associated with the core part of RNAP but
not σ (lanes 2, 5, 8, 11, and 12 in Figure 2). In spite of
the absence of detectable transcripts by The enzyme in
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Figure 4: Elongation by the Syn and E. coli TEC9s formed at the psbA2 promoter. (a) A sequence of the nontemplate strand near the
initiation site (+1). The early transcribed region of 9 mer is shown in uppercase letters and the upstream sequence in lower case letters.
(b) The transcripts obtained in elongation of the TEC9s which had been labeled with [γ-32P]ATP. Four NTPs of 100 μM each were added
to the TEC9 at time zero and incubated for the indicated times. Only this experiment was performed at 25◦C because of distinct pausing
of Syn enzyme. The transcripts existed at time zero as well as the runoff transcripts are indicated by arrowheads. (c) The amount of the
runoff transcript at each time point is normalized with the initial amount of TECs and plotted against time. The curves were the best-fit
single-exponential ones.

Figure 2, the above conclusion is also applicable to the
enzyme because of the results of transcripts labeled with [α-
32P] UTP (Figure S1B).

Among the abortive transcripts at the psbA2 promoter,
the 10 nt- and 11 nt-transcripts of E. coli RNAP accompanied
the bands with decreased migration (Figure 2(c)). These
transcripts were shown to contain a purine nucleotide
instead of the cognate cytosine at Position +10, a misin-
corporation, by a chemical cleavage assay (Figure S2). In
contrast to abortive transcripts, the runoff transcript did

not contain any detectable misincorporation. The chimeric
enzymes containing E. coli core enzyme also showed the
misincorporation (lanes 7, 8, 10–12 in Figure 2). Such a
misincorporation by the E. coli enzyme had already been
known for several promoters [19], and thus, this result
suggests that the core enzyme is responsible for the misin-
corporation.

When the enzymes of two different species with different
typical growing temperatures are compared, there are no
absolute choice of the temperature. Since we focused to the
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difference in the catalytic properties of RNAPs rather than
the difference in its role in their growth, we selected the same
37◦C for in vitro assays. In this way, we can avoid the effect
of the different stabilities of DNA duplex in the promoter.
The both cyanobacteria grow and survive at 37◦C although
the optimal temperature of The is 55◦C. Another lines of
circumstantial evidence for our choice is that the levels of
the runoff RNA synthesis are similar for the The and E. coli
enzymes for the Syn rrnA promoter (Panel B in Figure S1).

3.3. Syn RNAP Is Likely to Form Moribund Complex which
Produces Only Abortive Transcripts. For E. coli RNAP, only
a part of the promoter complex synthesizes the full-length
RNA, while the rest produces the majority of abortive
transcripts at the promoter (Figure S3), the latter being
named moribund complex [7, 30, 31]. To test whether or
not the Syn RNAP has a similar property, we carried out
the most sensitive assay for detecting the moribund com-
plex: inverse pulse-labeling which monitors the fates of
promoter-RNAP complex [30]. In this assay, a single-round
transcription from the psbA2 promoter was started with
unlabelled 4NTPs (ATP, CTP, GTP, and UTP) at time zero.
The γ-32P-labeled initiating ATP was then added at various
time points, followed by incubating for a further 20 min to
complete the round (Figure 3(a)). Since the [γ-32P]-labeled
runoff and abortive transcripts are both produced only by
the RNAP that still survive at the promoter at the time
point of adding [γ-32P]ATP, the ratio of the two kinds of
labeled transcripts should reflect the preference of producing
abortive transcripts.

As shown in Figures 3(b) and 3(c), the preference be-
comes stronger at the later time points, showing that the
RNAP bound at the promoter at time zero is not homo-
geneous. Although there is no evidence that cyanobacterial
RNAP forms the same moribund complex as E. coli RNAP,
which produces only abortive products, a fraction of the
Syn enzyme produces abortive transcripts preferentially over
others, and the fraction is enriched at the later time points.

3.4. Syn RNAP Pauses More Frequently and Elongates
Transcript More Slowly Than the E. coli Enzyme. We next
compared the elongation by Syn with that by E. coli RNAPs.
To isolate elongation from initiation, we used a ternary elon-
gation complex retaining 9-mer transcripts, TEC9 (Figure
4(a)). It was elongated with 4NTPs in the presence of 10 mM
Mg2+. The E. coli TEC9 smoothly elongated its transcript,
and the elongation was completed at 40 s (Figure 4(b)). The
6- and 7-mer transcripts existed at time zero, and their
amounts did not change, demonstrating that they had been
contaminating TEC9. The 9-mer transcript, as well as a part
of the 8-mer transcript, was elongated. Therefore, there is no
significant pausing of the E. coli enzyme on this template.

In contrast, the elongation of the Syn TEC9 was paused
at a number of lengths and was completed at later than 200 s
(Figure 4(b)). When the time courses of syntheses of the
run-off transcripts are approximated to single-exponential
curves, the elongation of the Syn TEC9 has a time constant
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Figure 5: Abortive and runoff transcriptions by Syn RNAP at the
psbA2 promoter in the different concentration of Mg2+. The levels
of abortive synthesis of 3 to 11-mer (�) and the runoff synthesis (•)
in 20 min in a single-round are plotted against the concentrations
of MgCl2. The ratio of the levels (♦) is also plotted.

of 6 times longer than that of the E. coli TEC9, that is, time
constants of 164 s compared with 26 s (Figure 4(c)).

The Syn TEC9 contains more amounts of 7-mer and 8-
mer transcripts than the E. coli TEC9 at time zero. Since no
such short transcripts were found prior to the step of
removing NTPs in the preparation (data not shown), the
shorter transcript must be generated in the absence of NTP
by hydrolysis and/or pyrophosphorolysis of TEC9’s, suggest-
ing that the Syn TEC9 had a higher activity of shortening
a transcript than E. coli had. In addition, the E. coli TEC9
is contaminated by a 13-mer transcript. This might be due
to the slippage synthesis [32–34] on the psbA2 promoter,
where the segment of AGUU transcribed from +1 to +4
slips back to the agtt template sequence from −4 to −1,
resulting in an addition of 4 base extra sequence at the 5′-
end (Figure 4(a)). Again, the Syn enzyme does not catalyze
such a misincorporation.

3.5. Sensitivity to Mg2+ Ion of Syn RNAP. The Mg2+ concen-
tration in chloroplast is observed to be changed at dark and at
light [35]. In cyanobacteria, the gene expressions are globally
repressed at dark, including the psbA2 expression, [36]. To
test the possibility that transcription is directly controlled
by Mg2+ concentration, we examined the sensitivity of Syn
RNAP to the concentration (Figure 5). According to the
increasing Mg2+ concentration from 0.5 to 2.5 mM, the level
of runoff synthesis was increased by 25-fold, while the
ratio of abortive synthesis to runoff synthesis was decreased
to 1/15. In other words, it is possible to control RNAP to
produce mainly abortive transcripts at a concentration and
mainly mature transcripts in another concentration. How-
ever, such control would satisfy several quantitative condi-
tions on the Mg2+ concentration.
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3.6. Syn RNAP Shows Higher Fidelity in Elongation Than
the E. coli Enzyme. The results above described show that
the Syn RNAP is slower and more accurate in the whole
elongation than the E. coli RNAP. We then examined the
elongation at the resolution of one nucleotide and arbitrarily
selected the elongation at +18. By using a psbA2 DNA with
cytosine replaced as shown in Figure 6(a), we have prepared
TEC18s by the Syn and E. coli enzymes. The elongations of
Syn and E. coli TEC18s were carried out for 10 min with
CTP, the cognate substrate, or ATP, a noncognate substrate,
in the presence of 10 mM Mg2+ or 1 mM Mn2+ (Figure 6(b)).
Similarly to TEC9s, a part of the transcript of the Syn TEC18
was shortened during the preparation, as shown in the lanes
at time zero in Figure 6(b), probably due to hydrolysis or
pyrophosphorolysis in the absence of NTPs. However, in
contrast to TEC9, the shortening was not distinct for the
E. coli TEC18, demonstrating that the Syn enzyme tends to
shorten the retaining transcript more than the E. coli enzyme
at Position +18.

In the presence of the cognate CTP, the Syn and E. coli
TEC18s incorporated CMP at Position +19 within 1 min
and then slowly misincorporated CMP at Position +20
(Figure 6(b)). The level of the CMP misincorporation at

10 min was lower for the Syn TEC18 than for the E. coli,
being consistent with the more accurate whole elongation by
the Syn enzyme than by the E. coli enzyme. In the presence
of the noncognate ATP, both the TEC18s incorporated two
AMP molecules, the misincorporation at Position +19 and
+20, and again the Syn enzyme was more accurate. The level
of the successive two AMP incorporations was by an order
of magnitude higher for the E. coli TEC18 than for the Syn
one (Figure 6(c)). The Syn TEC18 showed higher fidelity
than the E. coli TEC irrespective of the coexisting divalent
cations, also for misincorporating UMP and GMP (Figure
5(c)). Because this misincorporation may be interpreted
as the misincorporation at +19 with the substrate at +20,
this misincorporation could be due to the misalignment
mechanism [37, 38].

In conclusion, the Syn enzyme showed higher fidelity
than the E. coli one, both in initiation and in elongation,
higher shortening activity, and slower rates of elongation.
For most sets of substrates and enzymes, misincorporations
were enhanced by the replacement of Mg2+ with Mn2+ except
for the misincorporation by the E. coli TEC of AMP at +20
(Figure 6(c)).
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4. Discussion

As shown in Figure 1(b), cyanobacterial RNAPs have large
inserted domains in the G region of the β′ subunit [14]. In
yeast RNAP II, the lack of Rpb9, which can be considered
to be the counterpart of a part of the inserted domain
of the bacterial β′ subunit, makes elongation faster and
fidelity lower [4]. Our results share a similar feature: E.
coli RNAP bearing smaller insertion elongates faster with
lower fidelity than the cyanobacterial enzyme bearing a larger
insertion. Therefore, the size of the inserted domain could be
a determinant of the rate of elongation and the fidelity of an
RNAP.

The holoenzyme containing the primary σ factor occu-
pies less than 0.2% of the soluble proteins in cyanobacteria,
and the content is at least 3 to 10-fold smaller than that in
E. coli [24, 39, 40]. This is also consistent with the slower
rates of elongation by cyanobacterial RNAP. As proved in E.
coli, the release of sigma is a time-dependent event costing
several seconds [41, 42], but elongation of several kilo base
takes several minutes at least. Therefore, slower elongation
requires less σ factor. In addition, the less formation of
moribund complex also decreases the requirement of σ fac-
tor, because the complex contains the factor.

In E. coli, moribund complex blocks a promoter at the
cost of abortive transcripts which are elongated at a rate of
orders of magnitude smaller than the productive transcripts
[30]. Therefore, repression by forming moribund complex at
a promoter is considered to be less wasteful than abortion of
long transcripts by elongation pause or immature termina-
tion (Figure S3). The Gre factors enable the conversion of
moribund complex into productive complex [31] to elim-
inate the repression by moribund complex [43]. The factors
finely tune the levels of some proteins which are important
to the growth in rich nutrient conditions [7, 44] although
the factors are not essential. For example, the transcriptional
level of atp operon encoding FoF1ATPase, the main genera-
tor of ATP, is reduced to one fourth in the disruptant of the
gre genes [7]. Therefore, the Gre factors allow E. coli to make
a quick uptake of nutrients at the moderate cost of abortive
synthesis.

The two cyanobacteria examined in this study, as well as
most cyanobacteria, grow in poorer nutrient conditions than
E. coli. They may not be allowed to use the moderate cost as
E. coli does with its Gre factors, and this might be the reason
why they exceptionally lack the genes orthologous to greA
which is widely conserved in eubacteria. Consistently, their
RNAPs elongate transcripts slower and form less moribund
complex, making the Gre factors insignificant.

If the discussion above is the case, why is the branched
pathway preserved in the cyanobacterial RNAP? There could
be two answers. The first is that the mechanism is inevitably
accompanied with the Brownian ratchet mechanism of
RNAP elongation [45]. The other is that the cyanobacterial
RNAP may use moribund complex only in limited condi-
tions such as low Mg2+ concentrations. The ratio of abortive
to runoff transcripts was 50 or more at a Mg2+ concentration
lower than 0.5 mM (Figure 5), which is large enough for the
repression by moribund complex to be significant.

The concentration of Mg2+ in a stroma of chloroplast has
been measured to change from 0.5 mM at dark to 2 mM at
light [35]. This increase by illumination is due to the uptake
of Mg2+ from the inner region of the thylakoid membrane,
and electrically compensated by the antitransport of proton
from a stroma due to photosynthesis [46, 47]. The cytosolic
pH in cyanobacteria has been measured to change as in the
stroma between light and dark [48, 49]. In contrast to Mg2+,
little is known about the variation of Mn2+ concentration
in cyanobacterial cells. Although a measured value of the
concentration of Mg2+ or Mn2+ in vivo cannot be directly
correlated to its concentration effect on in vitro transcription
(Figure S4), it is an important clue in comparative studies of
RNAPs.
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The initial discovery of the occupancy of RNA polymerase II at certain genes prior to their transcriptional activation occurred
a quarter century ago in Drosophila. The preloading of these poised complexes in this inactive state is now apparent in many
different organisms across the evolutionary spectrum and occurs at a broad and diverse set of genes. In this paper, we discuss the
genetic and biochemical efforts in S. cerevisiae to describe the conversion of these poised transcription complexes to the active state
for productive elongation. The accumulated evidence demonstrates that a multitude of coactivators and chromatin remodeling
complexes are essential for this transition.

1. Introduction

RNA Polymerase II (RNAPII) is a 12-subunit enzyme that
binds promoter DNA and catalyzes the synthesis of messen-
ger RNA in eukaryotes. Although the recruitment of RNAPII
to a promoter is necessary for productive gene expression,
it is not sufficient in many cases. Early studies in Drosophila
[1] and more recent genome-wide analyses in both flies and
humans have revealed that thousands of genes contain poised
RNAPII at their promoters [2–5]. These poised promoters
allow for rapid and synchronous activation, thereby provid-
ing the precise timing of gene expression critical for devel-
opmental processes [6, 7]. Indeed, postrecruitment events
necessary to convert RNAPII into a productively elongating
form are increasingly considered general regulatory features
of transcription in higher eukaryotes [8–10].

In yeast cultured to stationary phase, approximately 40%
of the genes in the genome show association of RNAPII in
their inactive state [11]. These polymerases are thought to be
poised for rapid and concerted activation upon transition to
more opportunistic growth conditions. In actively growing
yeast cultures, genome-wide studies indicate that partial
but inactive PIC complexes are a widespread phenomenon
across the genome [12] and a majority of bound RNAPII
may be in an inactive state [11, 13]. Gene regulation at

postrecruitment steps in S. cerevisiae is also supported by
differences in 5′ to 3′ RNAPII occupancy and the frequent
pausing of RNAPII within coding regions of genes [14,
15]. In addition, accumulation of inactive RNAPII within
ribosomal protein genes [16] and at the promoter of the
uninduced CYC1 gene [17] provides further support for
postrecruitment transcriptional regulation in yeast. Due to
the genetic and biochemical amenability of the yeast system,
studies of the transition of poised RNAPII to the active form
have provided key insights into the sophisticated molecular
requirements involved in this postrecruitment process.

2. The Yeast CYC1 Gene:
A Model for Postrecruitment
Regulation via Poised RNAPII

The yeast CYC1 gene encodes iso-1-cytochrome c, a nuclear-
encoded protein involved in the electron transport chain
in the mitochondria [18]. In the presence of a fermentable
carbon source (such as dextrose), CYC1 gene expression
is extremely low [19, 20]. When cells are grown on a
nonfermentable carbon source (such as lactate or ethanol),
CYC1 is activated and transcript levels increase 10-fold. In
contrast to the dramatic changes in transcriptional output,
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the occupancy of RNAPII [17, 21], as well as a number
of other factors [22, 23], is maintained during the carbon
source change (Figure 1). The CYC1 promoter contains
preloaded RNAPII, the general transcription factors TATA-
binding protein (TBP) and TFIIH, the SAGA (Spt-Ada-
Gcn5 acetyltransferase) complex, and Spn1, a highly con-
served chromatin-associated transcription factor [22, 23].
Intriguingly, RNAPII is serine 5 phosphorylated on the C-
terminal domain (CTD) of Rpb1 prior to activation [23].
The CTD is hypophosphorylated prior to initiation and
typically becomes serine 5 hyperphosphorylated during the
transition from initiation to elongation [24, 25]. The phos-
phorylation of the CTD at CYC1 prior to activation is consis-
tent with TFIIH occupancy, since TFIIH has CTD kinase as
well as DNA unwinding activities [26–30]. Under inducing
conditions for CYC1, a number of new factors are recruited
to the promoter including the Mediator complex, and the
chromatin regulatory factors the Swi/Snf complex and Spt6
[22]. This poised promoter could be advantageous in the
native environment, allowing for rapid induction due to
changing nutritional needs [31].

3. The Role of SAGA in
the Inactive-to-Active Transition

The SAGA complex is a large multisubunit coactivator that
facilitates gene expression at multiple steps within the trans-
cription cycle [32, 33], including initiation [34–42] and more
recently identified activities in the stimulation of elongation
[33]. SAGA localization within gene coding regions [43–47]
and elongation defects in SAGA deficient strains [46, 48, 49]
demonstrate that the function of SAGA in transcription acti-
vation extends beyond the well-characterized activities of
TBP delivery and posttranslational modifications of histones.
It is unclear how the emerging functions in elongation per-
tain to the traditional roles of SAGA except at CYC1, where
studies indicate that they appear to be functionally distinct.

The poised CYC1 promoter requires SAGA for the transi-
tion from a preloaded complex to an actively transcribing
unit since deletion of SAGA-integrity subunits blocks acti-
vated transcription [22]. Several well-characterized func-
tions of SAGA are not relevant to this transition. For exam-
ple, SAGA contains a TBP interaction module essential for
delivering TBP to certain promoters [34–38]. Since the pre-
loaded promoter has both TBP and SAGA present under
noninducing conditions, a functional connection between
the two seemed likely. Surprisingly, although abolishing the
SAGA complex results in loss of activated transcription, it
does not alter TBP occupancy [22]. SAGA also has two
known histone modifying enzymatic capabilities, a histone
acetyltransferase (HAT) module responsible for acetylation
events involved in facilitating active transcription [39–42]
and a histone deubiquitinase (DUB) module known to aid
in elongation [50, 51]. Yet, strains deficient for HAT activity
or the DUB module are competent for activation [22].

In summary, the preloaded promoter is not dependent
on the traditional well-characterized roles of SAGA, and yet
SAGA integrity is required for the transition to an actively

elongating complex after the recruitment of the PIC. These
elongation activities may also be important at other genes,
but difficult to observe because those genes require SAGA for
recruitment of the general transcription machinery. The fun-
ctions of numerous components within the SAGA complex
remain to be elucidated and the preloaded promoter provides
an excellent archetype for further investigations. Despite
the necessity for SAGA function, SAGA is not sufficient for
activation and another coactivator is critical for induction of
the poised promoter.

4. Mediator-RNAPII Connections at CYC1

The Mediator complex is a large coactivator that is conserved
from yeast to humans [52] and acts as an integrator of the
transcription process, traditionally linking upstream signals
from the activator with the general transcription machinery
[53–57]. Mediator is essential for CYC1 activation and is re-
cruited after the transfer to inducing conditions [22]. Medi-
ator is well characterized for its ability to recruit RNAPII to
promoters [57, 58], although this function is unnecessary for
CYC1 since RNAPII is present at the poised promoter prior
to activation. Mediator has also been shown to stimulate
TFIIH-dependent phosphorylation of the CTD [57, 59].
However, as previously noted, serine 5 phosphorylation of
the CTD at CYC1 is observed prior to activation when
Mediator is absent from the promoter, although subsequent
rounds of transcription may be impacted. Mediator has also
been shown to be involved in the isomerization of the PIC
into a transcriptionally competent conformation [60]. This
function fits well with the Mediator requirement for activa-
tion of the poised promoter as the subunits of Mediator
essential for activating the poised promoter [22] are involved
in interactions with RNAPII and the general transcription
factors [54, 57, 61].

5. Chromatin Components with Critical Roles
in the Transition to Active RNAPII

The transition of the poised promoter to its actively elongat-
ing form is highly dependent on a number of chromatin
regulatory factors, including the Spn1/Spt6 [62, 63] complex
and the Swi/Snf complex [23]. Notably, RNAPII and Spn1
occupy the poised promoter in the uninduced state, whereas
Spt6 and Swi/Snf are recruited upon activation (Figure 1).
Spn1 interacts with both RNAPII and Spt6 [23, 64–69],
thereby linking the regulation of the poised promoter to
the chromatin architecture. Spt6 is a histone chaperone
that promotes reassembly of nucleosomes following passage
of RNAPII [70–74], and Spn1 is an important regulator
of the Spt6-nucleosome interaction [75]. In addition to a
nucleosome maintenance role during elongation, Spt6 also
has other chromatin-dependent [76] and chromatin-indep-
endent [77] roles in transcription. Importantly, the loss
of Spn1 at CYC1 under noninducing conditions leads to
a failure to recruit Spt6 under inducing conditions [23],
consistent with their direct interaction [75, 78]. Mutations
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Figure 1: The poised CYC1 promoter contains preloaded transcription components. (a) Prior to activation, the preloaded CYC1 promoter
contains TATA binding protein (TBP), RNA polymerase II (RNAPII), the core TFIIH complex (TFIIHc), Spt-Ada-GCN5 acetyltransferase
(SAGA), and the transcription factor Spn1. The CTD, shown by the hashed line trailing RNAPII exhibits serine 5 phosphorylation potentially
on multiple repeats (denoted by “n”). These components occupy the promoter prior to high levels of transcriptional output. (b) The occup-
ancy of the preloaded factors is maintained under induced conditions, and Mediator, Spt6, and Swi/Snf are recruited, leading to an increase
in transcriptional output (indicated by the arrow).

in either Spt6 [70, 79] or Spn1 [23] suppress mutant pheno-
types associated with the loss of the Swi/Snf complex.

Swi/Snf is an ATP-dependent chromatin remodeler that
disassembles nucleosomes resulting in a loss of histones from
DNA [80]. Swi/Snf is involved in remodeling at several recru-
itment-regulated promoters [81–84] as well as in coding
regions [85, 86]. Suppressing mutations as observed for
Spn1, Spt6, and Swi/Snf are typical indicators of factors that
function in the same pathway and are physically connected
[87, 88]. Specifically at CYC1, the absence of promoter
binding by Spn1 results in constitutive recruitment of the
Swi/Snf complex [23]. Thus, the binding of Spn1 blocks
the recruitment of the Swi/Snf complex in the uninduced
state and also serves as a platform for recruiting Spt6 during
the activated state. An attractive model for the functions of
these factors in proper CYC1 expression is that, in order
for the transition to an actively elongating state to occur,
the Swi/Snf complex evicts nucleosomes and the Spn1/Spt6
complex reassembles them. Precisely how these activities are
related to the poised RNAPII in the uninduced state remains
to be investigated, but it is tempting to speculate that the
interplay between RNAPII and the nucleosomal architecture
contributes to the inactive state. The involvement of the
chromatin context and inactive RNAPII complexes has also
been observed at particular silent loci in the yeast genome
[89].

6. Poising as a “Complex” Affair

Several important questions remain. For example, what
creates the poised polymerase in the first place? We have
found that the occupancy of RNAPII at CYC1 is an incredibly
robust phenomenon: single deletion of dozens of different
transcription factors and coactivator complex subunits has
not resulted in RNAPII occupancy defects (data not shown
and [22]). It could be that RNAPII preloading is an intrinsic
property of the CYC1 promoter and/or its nuclear and
chromosomal context. In contrast to the resiliency of RNAPII
occupancy, the transition to an actively elongating form is
a highly demanding phenomenon, requiring the efforts of
several prodigious and powerful transcription complexes:
SAGA, Mediator, and Swi/Snf. Intriguingly, these complexes
and their functions appear to work autonomously at CYC1.
As shown previously [22], Mediator and SAGA occupancy
are not dependent on each other, and mutations that result in
constitutive occupancy of Swi/Snf do not bypass the need for
SAGA or Mediator for activation of the preloaded promoter
(Figure 2). As such, three distinct pathways are required to
shift the polymerase into its active form. Further studies are
needed to elucidate how each complex directly contributes to
the transition from the poised to the active form. However, it
is clear that in accordance with Newton’s first law (a body
at rest tends to stay at rest), these large macromolecular
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Figure 2: Mutating SPN1, which results in loss of Spn1 and con-
stitutive recruitment of Swi/Snf to the promoter, does not bypass
the requirement for SAGA or Mediator. CYC1 transcript levels were
analyzed before and two or four hours after induction in ethanol
using an S1 nuclease protection assay [23] with RNA isolated from
wild-type, ada1Δ or med20Δ strains. Each strain harbors either a
wild-type (WT) or mutant (MT) form of SPN1. Similar results were
obtained for other SAGA and Mediator deletion strains, including
gcn5Δ, spt7Δ, spt8Δ, spt20Δ, med5Δ, med15Δ, and med18Δ (data
not shown).

assemblies must provide the essential outside forces to ini-
tiate the process.

7. Perspectives

How related is the RNAPII poising observed in yeast to that
in metazoans? Studies in flies and human cells have clearly
established that in many cases the polymerase has started
transcribing and is paused just downstream of the start site.
In contrast, there is no evidence for initiated transcripts that
are stalled in yeast [13, 90]. Whether the poised RNAPII
in yeast is an evolutionary precursor to the more sophisti-
cated version of paused RNAPII in metazoans is an open
question. Nevertheless, it is intriguing that occupancy of
SAGA [47, 91], a requirement for Mediator [53, 60, 92], a
dependency on Spt6 [74], the involvement of Spn1 [73], and
the chromatin architecture [93] play critical roles in pausing
and/or postrecruitment transcriptional events in metazoan
cells. Taken together, these results suggest that there are
universal requirements for the activities of multiple complex-
es in the transition of RNAPII from a poised to an actively
elongating state.
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assay for measuring the efficiency of gene length-dependent
processes in yeast mRNA biogenesis,” FEBS Journal, vol. 273,
no. 4, pp. 756–769, 2006.

[49] M. Sanso, I. Vargas-Perez, L. Quintales, F. Antequera, J. Ayte,
and E. Hidalgo, “Gcn5 facilitates Pol II progression, rather
than recruitment to nucleosome-depleted stress promoters, in
Schizosaccharomyces pombe,” Nucleic Acids Research, vol. 39,
no. 15, pp. 6369–6379.

[50] K. W. Henry, A. Wyce, W. S. Lo et al., “Transcriptional acti-
vation via sequential histone H2B ubiquitylation and deubi-
quitylation, mediated by SAGA-associated Ubp8,” Genes and
Development, vol. 17, no. 21, pp. 2648–2663, 2003.

[51] J. A. Daniel, M. S. Torok, Z. W. Sun et al., “Deubiquitination
of histone H2B by a yeast acetyltransferase complex regulates
transcription,” Journal of Biological Chemistry, vol. 279, no. 3,
pp. 1867–1871, 2004.

[52] H. M. Bourbon, “Comparative genomics supports a deep evo-
lutionary origin for the large, four-module transcriptional
mediator complex,” Nucleic Acids Research, vol. 36, no. 12, pp.
3993–4008, 2008.



6 Genetics Research International

[53] K. D. Meyer, S. C. Lin, C. Bernecky, Y. Gao, and D. J. Taatjes,
“P53 activates transcription by directing structural shifts in
Mediator,” Nature Structural and Molecular Biology, vol. 17,
no. 6, pp. 753–760, 2010.

[54] J. A. Davis, Y. Takagi, R. D. Kornberg, and F. J. Asturias, “Struc-
ture of the yeast RNA polymerase II holoenzyme: mediator
conformation and polymerase interaction,” Molecular Cell,
vol. 10, no. 2, pp. 409–415, 2002.

[55] G. Cai, T. Imasaki, K. Yamada, F. Cardelli, Y. Takagi, and F.
J. Asturias, “Mediator Head module structure and functional
interactions,” Nature Structural and Molecular Biology, vol. 17,
no. 3, pp. 273–279, 2010.

[56] H. Sakurai and T. Fukasawa, “Functional connections between
mediator components and general transcription factors of
Saccharomyces cerevisiae,” Journal of Biological Chemistry, vol.
275, no. 47, pp. 37251–37256, 2000.

[57] C. Esnault, Y. Ghavi-Helm, S. Brun et al., “Mediator-depen-
dent recruitment of TFIIH modules in preinitiation complex,”
Molecular Cell, vol. 31, no. 3, pp. 337–346, 2008.

[58] R. K. Biddick, G. L. Law, K. K. B. Chin, and E. T. Young, “The
transcriptional coactivators SAGA, SWI/SNF, and mediator
make distinct contributions to activation of glucose-repressed
genes,” Journal of Biological Chemistry, vol. 283, no. 48, pp.
33101–33109, 2008.

[59] Y. J. Kim, S. Bjorklund, Y. Li, M. H. Sayre, and R. D. Kornberg,
“A multiprotein mediator of transcriptional activation and its
interaction with the C-terminal repeat domain of RNA poly-
merase II,” Cell, vol. 77, no. 4, pp. 599–608, 1994.

[60] G. Wang, M. A. Balamotis, J. L. Stevens, Y. Yamaguchi, H.
Handa, and A. J. Berk, “Mediator requirement for both re-
cruitment and postrecruitment steps in transcription initia-
tion,” Molecular Cell, vol. 17, no. 5, pp. 683–694, 2005.

[61] J. Soutourina, S. Wydau, Y. Ambroise, C. Boschiero, and M.
Werner, “Direct interaction of RNA polymerase II and media-
tor required for transcription in vivo,” Science, vol. 331, no.
6023, pp. 1451–1454, 2011.

[62] J. A. Fischbeck, S. M. Kraemer, and L. A. Stargell, “SPN1,
a conserved gene identified by suppression of a postrecruit-
ment-defective yeast TATA-binding protein mutant,” Genetics,
vol. 162, no. 4, pp. 1605–1616, 2002.

[63] V. Pujari, C. A. Radebaugh, J. V. Chodaparambil et al., “The
transcription factor Spn1 regulates gene expression via a high-
ly conserved novel structural motif,” Journal of Molecular Bio-
logy, vol. 404, no. 1, pp. 1–15, 2010.

[64] D. L. Lindstrom, S. L. Squazzo, N. Muster et al., “Dual roles for
Spt5 in pre-mRNA processing and transcription elongation
revealed by identification of Spt5-associated proteins,” Molec-
ular and Cellular Biology, vol. 23, no. 4, pp. 1368–1378, 2003.

[65] N. J. Krogan, M. Kim, S. H. Ahn et al., “RNA polymerase II
elongation factors of Saccharomyces cerevisiae: a targeted pro-
teomics approach,” Molecular and Cellular Biology, vol. 22, no.
20, pp. 6979–6992, 2002.
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Chromatin structure complexity requires the interaction and coordinated work of a multiplicity of factors at different
transcriptional regulation stages. Transcription control comprises a set of processes that ensures proper balance in the gene
expression under different conditions, such as signals, metabolic states, or development. We could frame those steps from
epigenetic marks to mRNA stability to support the holistic view of a fine-tune balance of final mRNA levels through mRNA
transcription, export, stability, translation, and degradation. Transport of mRNA from the nucleus to the cytoplasm is a key process
in regulated gene expression. Transcriptional elongation and mRNA export are coregulated steps that determine the mature mRNA
levels in the cytoplasm. In this paper, recent insights into the coordination of these processes in eukaryotes will be summarised.

1. Introduction

Gene expression is a coordinated multistep process that
begins with transcription and RNA processing in the nucleus,
followed by mRNA export to the cytoplasm for translation.
In eukaryotes, it depends on the orchestrated action of
several multiprotein complexes which regulate the gene
expression by RNA polymerase II (RNAP-II) at multiple
levels.

Given the association of DNA with nucleosomes, they
become a physical barrier for the transcription elongation
by RNAP-II, where histone chaperones play an essential
role in facilitating transcription in vitro and in vivo, and
by establishing a bridge between RNAP-II and elongation
factors (reviewed in [1]).

Interestingly, recent genome-wide profiling has provided
a partial picture of the chromatin landscape, including a wide
variety of epigenetic information about posttranslational
modifications (PTMs), histone variants, DNA methylation
patterns, and nucleosome occupancy (reviewed in [2]). In
this scenario, histone turnover determines continuous access
to sequence-specific DNA-binding proteins; therefore, nucle-
osome positioning is actively involved in gene-expression
regulation.

Mechanisms to export mRNA are integrated into the
biogenesis of messenger ribonucleoparticles (mRNPs). In
this context, the nuclear pore complex (NPC) provides a
molecular environment that regulates gene tethering and
mRNA export. Moreover, a functional connection between
transcription and RNA export has been reinforced by human
genetic disorders caused by mutation in mRNA export
factors and adaptors [3, 4]. mRNA biogenesis requires the
transport of competent mRNPs to the cytoplasm, coupling
nuclear export, and formation of mature RNA. This pro-
cess is complex and requires coordination between gene
transcription and RNA capping, splicing, 3′-end formation,
termination, and polyadenylation (reviewed in [5]).

Emerging studies have provided strong evidence for a
role of the NPC in gene expression control. For instance,
gene positioning is a dynamic process which determines gene
regulation [6]. Actually, from the gene gating hypothesis
proposed by Blobel in 1985 arises the resulting link between
mRNA transcription and the NPC. Therefore, mRNA tran-
scription and export processes are orchestrated in time and
space.

As we have seen, the complexity of chromatin struc-
ture requires the interaction and coordinated work of
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a multiplicity of factors at different transcriptional regulation
levels. Despite the fact that proteins involved in gene expres-
sion are highly conserved from yeast to higher eukaryotes,
several processes such as mRNA biogenesis, which are
coupled to nuclear export, are more divergent. This paper
will pay attention to the factors implicated in gene transcrip-
tional elongation coupled to mRNA export processes, more
specifically to complexes which coordinate mRNP biogenesis
and whose misregulation causes important diseases.

2. TREX Couples Transcription
Elongation and mRNA Export

Due to the compartmentalisation of the eukaryotic cell,
the transcribed mRNAs need to be transported from the
nucleus towards the cytoplasm to be translated into proteins.
After mRNAs have been packaged into mRNPs, they can be
exported. One of these proteins involved in the formation
of mature mRNPs is Npl3 (9G8 and STp20 in mammals),
which is an mRNA-binding protein that shuttles between
the nucleus and cytoplasm for rounds of mRNPs export.
Npl3 is directly involved in the mRNA export process,
since mutations in this gene cause nuclear accumulation
of mRNA [18, 19]. Interestingly, Npl3 was one of the first
pieces of evidence in yeast to show that an export factor
was required cotranscriptionally for proper mRNA export
[20]. Using chromatin immunoprecipitation experiments,
the Silver lab demonstrated that Npl3 binds to chromatin
in a transcription-dependent manner [21]. Later, work done
in different laboratories has extended this cotranscriptional
regulation concept of mRNA biogenesis (reviewed in [22]). A
paradigm of a complex involved in transcription elongation
coupled to mRNA export is the identification of the TREX
complex, which contains both factors involved in transcrip-
tion elongation (THO complex) and mRNA export (Yra1
and Sub2) [5, 23, 24]. These findings allowed to put forward
a first model in which TREX functions in cotranscriptional
mRNP formation by promoting efficient transcription elon-
gation through RNAP-II and by guiding the newly formed
mRNP to the downstream mRNA export machinery [25].
Supporting this model, it was also found that the general
mRNA export receptor can be cotranscriptionally recruited
to genes and, hence, contributes to gene positioning at the
NPC in an RNA-independent manner [26]. The evolutionary
conservation of the TREX complex from yeast to human
reveals the biological importance of the association of mRNA
export and transcription components in the same complex.

The TREX complex in yeast comprises Yra1, Sub2,
Gbp2, Hrb1, and the THO complex (suppressor of the
transcriptional defect of Hpr1 by overexpression). The THO
complex integrates the core proteins Tho2, Hpr1, Mft1, and
Thp2 [23]. Among them, Yra1 (Aly/REF) is required for the
export of many mRNAs [27], and it plays a key role as an
mRNA adaptor factor involved in splicing-coupled mRNA
export in metazoans [28, 29]. The YRA1 gene encodes an
mRNA-binding protein which acts as an adaptor for the ATP-
dependent RNA-helicase Sub2 (UAP56) and is involved in
splicing and mRNA export [30, 31]. Besides Yra1 and Sub2,

THO interacts with other nuclear mRNA export factors,
such as the SR-proteins Gbp2 and Hrb1 and Tex1 (hTex1)
[24, 32, 33].

The THO complex and the aforementioned RNA export
factors provide evidence for a functional link between
transcription and mRNA metabolism [34]. Yra1 and Sub2
are recruited by a direct transcription-coupled mechanism as
part of the TREX complex to be then transferred to nascent
mRNA. In contrast, Yra1 and Sub2 accumulate poorly in
a subset of intron-containing genes even though Sub2 is
related to splicing, probably because the cotranscriptional
spliceosome assembly inhibits their recruitment in yeast
[25]. During transcription elongation, Sub2 is recruited
through a direct interaction with the THO component Hpr1
[26]. Recent experiments have shown that Yra1 recruitment
is Sub2 independent, but it is dependent on a direct
interaction with the 3′end-processing factor Pcf11 (hPcf11),
which is associated with RNAP-II early on in transcription
[35]. Furthermore, the mRNA-binding protein Yra1 recruits
the essential export factor Mex67 (mammalian Tap/NXF1)
[36] and its partner Mtr2 (p15/NXT1) to nascent mRNA
[37, 38]. The Mex67/Mtr2 heterodimer, together with Yra1,
escorts the mRNP to the NPC [39]. It has been shown
that Mex67 binds to the Nup84 complex, which is crucial
for nuclear mRNA export [40]. Nup84 has been recently
described to have a transcriptional elongation role as part
of a functional NPC linked to its function in mRNA export
[41]. These findings extend the role of those factors involved
in mRNA transport during transcription elongation, for
instance, nucleoporins. Along with Yra1 and Sub2, another
Mex67 adaptor is the poly(A) binding protein Nab2, which
can be transferred from the transcription machinery onto
mRNA, thus ensuring that only mature mRNPs access the
NPC. Nab2 is required for poly(A) tail length control and
mRNA export, linking 3′end processing and export-like Npl3
[42, 43].

Recently, novel links between transcription elongation
and mRNA export have been described. For instance, the
Prp19 splicing complex (homologous to human XAB2) also
has a novel function in transcription elongation, since it
ensures the stabilisation of the recruitment of the TREX
complex at the transcribed genes [44]. This recruitment is
mediated by a component of Prp19, named Syf1, which
genetically interacts with THO and is involved in both
splicing and transcription-coupled DNA repair. The C-
terminus of Syf1 is necessary for the interaction between
the Prp19 complex and RNAP-II at the transcribed genes.
Furthermore, Jimeno et al. identified two suppressors of an
hpr1Δ mutant, Thp3 and Csn12, which form a complex
that is recruited to transcribed genes, establishing a further
link between transcription elongation and mRNA processing
[45].

It is interesting to note how histone chaperones seem
to play a key role in transcription elongation by work-
ing together with the TREX complex. Nap1 is a histone
chaperone recruited to specific transcribing ORFs by the
TREX component Yra1, and it is important for chromatin
remodelling during transcription elongation. In addition,
Nap1 shows a genetic interaction with Mex67. These data
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suggest a new connection between transcription elongation
and mRNPs formation [46]. In human cells, a histone
chaperone, Spt6, is also involved in mRNA export through
its binding to the transcription elongating protein Iws1
which, in turn, triggers recruitment of REF/Yra1 to Spt6-
responsive genes [47, 48]. Furthermore, UIF has been
described as a novel mRNA adaptor that interacts with
NXF1/Mex67 and is required for delivering mRNA to the
NPC. The histone chaperone FACT, involved in transcription
elongation, specifically binds UIF and is required for loading
UIF onto mRNA, which ensures efficient mRNA export
[49]. Accordingly, this reinforces the tight link between
transcription elongation and mRNA export.

3. Role of TREX-2 and NPC-Regulating
Gene Expression

Interaction of genes with nuclear pores also contributes to
the coupling of mRNP biogenesis and export. In accordance
with the “gene gating” hypothesis [50], the link between
mRNA transcription and NPC export sites helps preferential
processing and export of transcripts [51].

After nuclear quality control mechanisms (reviewed in
[52]), mRNPs are tethered and exported to the cytoplasm.
Transport of mRNA occurs through NPCs. Therefore, the
NPC provides a molecular channel for the trafficking of
export factors associated with their cargoes from the nucleus
to the cytoplasm, and vice versa [53]. Nucleoporins bind to
regulated genes and induce their transcription. This suggests
a role of NPC components in regulating the gene expression
programs in multicellular organisms [6, 54]. An example
that depicts the importance of the NPC components in
mRNA export is the interaction between Mlp1 and the
nucleoporin Nup60, which are required for mRNA export to
the cytoplasm [55].

An early discovery, which suggested a physical connec-
tion between the transcription machinery and the NPC, was
the identification of Sus1 in yeast as a factor that is part of
two complexes involved in transcription and mRNA export
[56]. Sus1 was identified as an mRNA export factor in a
synthetic lethal screening by using a yra1 mutant allele [56].
It is a nuclear protein localised around the nuclear periphery
through its binding to the nuclear pore-associated Sac3-
Thp1-Cdc31 complex (TREX-2) involved in mRNA export
[56, 57]. Sus1 is also a component of the SAGA histone
acetylase complex implicated in transcription initiation.
Associated with the deubiquitination module (DUBm) of
the transcriptional coactivator SAGA, Sus1 is involved in
chromatin modification and transcriptional activation [58].

Initially, the role of TREX-2 docking mRNPs to specific
nucleoporins at the nuclear entrance of the NPC was
reported. Sac3 interacts with Mex67p-Mtr2p for proper
mRNA export. Furthermore, Sac3p-Thp1p TREX-2 compo-
nents connect with the NPC environment through Nup1p
[59]. THP1 was originally identified as a eukaryotic-
conserved gene whose null mutations conferred genetic
instability, transcription defects and hyperrecombination
phenotypes like those on THO mutants [60]. Recently, a new

integrant of the TREX-2 complex has been found. Sem1
(Dss1 in humans) interacts physically and functionally with
Thp1 and Sac3, indicating that Sem1 could be a bona-fide
candidate for the TREX-2 complex [61, 62].

Most of the mutants in TREX-2 components compro-
mise transcription elongation to different extents. Transcrip-
tion elongation has been traditionally studied by genetic and
biochemical approaches both in vivo and in vitro. In vitro,
purified RNAP-II engaged directly on an oligonucleotide
with a dC-tail [63], or analyses of elongation in naked
DNA using whole cell extracts and plasmids with two G-less
cassettes [64], have been widely used. In vivo, transcriptional
run-on assays using a pulse of radioactive UTP and further
array hybridisation [65] and RNA Pol-ChIP [66, 67] have
also been extensively employed. Other assays, for instance,
the GLAM ratio method, have also been successfully applied
to identify factors whose mutation affects transcription
elongation [68–70]. However, controversial results have
been obtained depending on the assays performed, which
reveal that multiple parameters might affect the specificity
and yield of the factors analysed by these techniques. For
instance, the role of Sus1 during transcription elongation
illustrates this discordance. Several authors, including our-
selves, have proposed a role for Sus1 during transcription
elongation. Gonzalez-Aguilera and coworkers showed that
transcription elongation is impaired in sus1Δ mutants in
vivo, but only slightly in vitro, and they concluded that
sus1Δ leads to similar gene expression defects as those of
mutants thp1Δ and sac3Δ [71]. We demonstrated elsewhere
by ChIP assays that Sus1 is recruited to coding regions
during transcription elongation in association with SAGA
and TREX-2 [68] and that Sus1 physically associates with
export factors and with the RNAP-II. We observed that
its absence elicits a decrease in total RNAP-II recruitment
in pGAL-YLR454w constructs. This fits in nicely with the
results obtained by the GLAM assay, which measures the
efficiency of gene-length-dependent mRNA accumulation
[69]. All these approaches suggest a functional role of
Sus1 during transcription elongation. However, these results
differ from a recent study which concluded that Sus1 does
not significantly affect transcription elongation [41]. These
discrepancies could be explained by antibody specificities
[72, 73]. For instance, slight differences in the ChIP protocols
could bring about different results due to the crosslinking
effects between elongating RNAP-II and nascent mRNP
[74]. It has been shown that in some studies the 8WG16
antibody specifically recognises the hypophosphorylated
and, therefore, the initiating form of RNAP-II [75, 76]. Other
studies, especially those in yeast and Drosophila, have clearly
detected the elongating form of RNAP-II in chromatin
immunoprecipitations [77]. However, Gilchrist et al. have
demonstrated that the commonly used 8WG16 antibody
has a higher affinity for initiating polymerase than for
elongation-competent polymerase (hyperphosphorylated).
Thus, the ChIP material derived from immunoprecipitation
with 8WG16 will be inherently and substantially biased
towards enrichment in the promoter-proximal RNAP-II
signal, rendering this material not the most suitable for
analyses of transcription elongation or RNAP-II stalling [73].
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Gilchrist et al. used an antibody against the Rpb3 subunit
in genome-wide analyses using ChIP-chip and ChIP-Seq
to study widespread regulation of transcription elongation
[73]. An antibody against Rpb3 recognises RNAP-II regard-
less of the phosphorylation state of the CTD of the Rpb1
subunit. Since transcription is coupled to mRNA export and
the NPC plays a prominent role during this coupling, it is
possible that many physiological factors account for these
experimental divergences.

Once mRNP has been properly formed and assembled, it
is thought that the export is facilitated by a close location
to the NPC. TREX-2 mediates the location of the active
genes to the NPC through a binding to both the NPC
nuclear face and the SAGA complex. The crystal structure
of Sus1 and Cdc31 [16], bound to a central region of Sac3,
forms a conserved interaction platform that promotes NPC
association and mRNA export and provides a scaffold which
integrates the interaction between protein complexes and
facilitates the coupling of transcription and mRNA export
[17]. Deciphering the exact TREX-2 complex structure will
shed light on the mechanistic coordination of the process by
the complex in response to physiological or environmental
changes.

4. SAGA-TREX-2 Mediates Initiation,
Elongation, and Export

The SAGA complex’s function in transcription activation
has been largely characterised, mainly its role as a histone-
modifying complex (reviewed in [78–80]). SAGA contains
two enzymatic activities involved in posttranslational histone
modifications: histone acetylation and deubiquitinylation
[81, 82]. The SAGA chromatin-modifying complex regulates
accessibility to promoter DNA in part through modification
of histone amino terminal tails. Histone acetylation is one of
the best-studied posttranslational modifications. SAGA con-
tains a Gcn5-related acetyltransferase (GNAT) as a catalytic
subunit. The well-established members of the complex were
identified by biochemical and genetic studies first in yeast
and later in Drosophila and humans. For simplicity reasons,
the mammalian (human) GCN5-containing STAGA, TFTC,
and PCAF complexes have been renamed as human SAGA by
Pijnappel and Timmers in 2008 [79, 83, 84].

In fact, SAGA-promoted histone acetylation appears to
enhance the processivity of RNAP-II during transcription
elongation, indicating its direct contribution to this process
[82, 85]. Furthermore, several pieces of evidence suggest
a link between SAGA and mRNA export that is not only
restricted to the presence of Sus1 in SAGA and TREX-2.
Firstly, Sgf11 deletion enhances the mRNA export defects
observed in sus1Δ cells [58]. Secondly, Ubp8 and Sgf73
deletions show defects in mRNA export. Hence, the inter-
action of Sac3 and Thp1 TREX-2 components with SAGA is
crucial for mRNA export. Sgf73 appears to be a molecular
scaffold which integrates regulation of H2B ubiquitination
in GAL1 mRNA export by tethering the gene to the NPC
[86]. Thirdly, Sgf73 is necessary for the association of Sus1
not only with SAGA, but also with TREX-2, which suggests
that both complexes are coordinated in their role of coupling

transcription to mRNA export [68]. Finally Mlp1, a protein
involved in gene anchoring at the nuclear periphery, has been
described to interact with SAGA and to tether the actively
transcribed GAL1 gene to the NPC [87] by expanding the
links between SAGA and mRNA export.

Several nuclear steps in mRNPs formation occur in close
temporal and physical proximity to the NPC. In this scenario,
SAGA and TREX-2 could coordinate the expression of a
subset of genes in the vicinity of the NPC. The precise
sequence of events is poorly understood, but a consensus
model for the mechanism of this process is framed by the
Blobel gene-gating hypothesis [50]. According to this model
(Figure 1), the SAGA chromatin remodelling complex is
recruited to the promoter of a subset of inducible genes
and is needed for their transcription. As mentioned above,
components of the TREX-2 complex interact with SAGA.
The Sus1 protein, a member of the SAGA DUBm, facilitates
the interaction between SAGA and TREX-2 components,
which conducts a relocation of transcriptionally active genes
to the nuclear periphery. Hence, the gene-gating process
triggers the loading of mRNA export factors on the nascent
transcript. In a subsequent step, the THO complex might
interact with the new generated mRNPs throughout Sub2
and Yra1 by transferring mRNA to Mex67 and Mtr2,
resulting in the formation of an export-competent mRNP. It
is currently accepted that other adaptors, such as Nab2 and
Npl3, are players in the process and are determinants in the
association of mature mRNPs with the NPC. Moreover, the
presence of Sus1 in coding regions and its physical interac-
tion with RNAP-II imply that Mex67 and Yra1 are suggestive
of a further role of Sus1 in downstream events during mRNA
biogenesis [68]. Subsequently, the THO complex is released
from the transcription site before transcription termination
occurs [88], and Sub2 association with Sac3p establishes a
physical link between THO and TREX-2 [24], whence TREX-
2 is involved in mRNA export with a role on the nuclear side
of the NPC.

Besides Gcn5-mediated histone acetylation, several
studies have demonstrated that K123 at the C-terminus of
H2B is ubiquitylated (ubH2B). ubH2B is essential for the
trans-tail methylation of histone H3 and is also required
for optimal gene activation [81]. Thus, histone modifi-
cation marks could determine the regulatory mechanisms
in transcription elongation coupled to export. Strikingly,
deletions in both the UBP8 and GCN5 genes responsible
for SAGA enzymatic activities cause synergistic transcription
elongation defects, suggesting that the roles of histone acetyl
transferase (HAT) and DUB modules in elongation are
functionally distinct [89]. Among the epigenetic marks,
ubiquitination of histone H2B, therefore, regulates chro-
matin dynamics by enhancing nucleosome stability. It is
interesting to speculate that histone H2B deubiquitination
might be of special relevance in the promoters recruited to
the NPC via the SAGA-TREX-2 connection. Further work is
required to determine this intriguing possibility.

All-encompassing, these models have been established
from the different experimental and structural data obtained
in S. cerevisiae. Nevertheless, several pieces of evidence open
up the possibility that gene tethering to the nuclear periphery
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Figure 1: Coordination of different steps in transcription initiation, mRNP biogenesis, and export facilitates gene expression. (a) Active
genes are recruited to the nuclear periphery through the factors involved in both transcription and mRNPs export. In the transcription
activation process, there is an interaction via SAGA and Sus1 between the promoter and the NPC tethering the genes to the nuclear periphery.
Mlp1 (myosin-like protein 1) is also involved in the recruitment of the GAL1 gene to the NPC upon transcription activation. (b) The
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NPC through a binding to both the NPC nuclear face and the SAGA complex. The crystal structure of Sus1 and Cdc31 [16], bound to a
central region of Sac3, forms a conserved interaction platform that promotes NPC association and mRNA export to provide a scaffold that
integrates the interaction between protein complexes and facilitates the coupling of transcription and mRNA export [17]. Thp1 and Sac3
mediate the docking of mRNP at the NPC through its interaction with Mex67-Mtr2 and nucleoporins. mRNPs share the 5′-to-3′ polarity
of movement through the NPC. Although the exact manner of how the transport of mRNPs takes place has not been precisely described,
the most widely accepted hypothesis is that mRNPs are pulled through the NPC via ATP hydrolysis by the shuttling ATPase Dbp5 (hDbp5).
Dbp5/Rat8 binds to the cytoplasmic filaments of the NPC by interacting with two nucleoporins (Nup159 and Nup 42) and Gle1. Gle1,
together with its cofactor IP6, stimulates the ATPase activity of Dbp5. Once inside the cytoplasm, mRNA is released, and mRNP proteins are
removed by entering a new export cycle.
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Table 1: Human disorders associated with mRNA biogenesis and mRNA export defects.

Gene Pathologies/disorders Comments References

GLE1
Lethal congenital contracture
syndrome 1 (LCCS1)

Encodes a protein required for the export of mRNAs
from the nucleus to the cytoplasm and is critical in
motoneuron development and maturation.

[3]

X-linked mental
retardation (XLMR)

Fragile X syndrome (FXS)

Inactivation of the X-linked FMR1 gene leads to the
loss of its encoded protein FMRP and RNA export
factor NXF2, causing defects in neuronal development
and function as well as in male germ cells.

[4]

NUP155 Atrial fibrillation (AF)
Mutations in the gene are an inherited form of clinical
arrhythmia that can lead to sudden cardiac death.

[7]

NUP98 and NUP214
Acute myelogenous leukemia
(AML).

Translocations in the gene have been characterised as
mutations leading to several types of leukaemia.

[8–10]

ATXN7
Neurodegenerative disease
spinocerebellar ataxia type 7
(SCA7)

The expansion of an unstable CAG repeat in the first
exon of the SCA7 gene causes this neurodegenerative
disease

[11]

USP22
Associated with poor prognosis
of diverse cancer types

Catalyses the deubiquitylation of histone H2B and is
required for appropriate cell-cycle progression.
Component of the 11-gene polycomb/cancer stem-cell
signature

[12]

TREX84 Breast cancer
Its expression is strongly associated with an aggressive
phenotype of human breast tumour

[13]

might also occur in some cases in other eukaryotes (reviewed
in [90]). Interestingly, upon the inactivation of two NPC
components, the transcription of the X-linked genes reduces,
suggesting that the connection between the NPC and gene
activation might be a conserved mechanism in eukaryotes
[91].

5. mRNA Biogenesis and mRNP Export Defects
Leads to Diverse Human Disorders

Nuclear factor export proteins, along with NPC components,
play a critical role in the selective transport of proteins, RNA
and ribonucleoproteins across the nuclear envelope. Defects
in mRNA export, as well as Nups mutations, have been linked
to several human diseases Table 1. Interestingly, the observed
phenotypes are often manifested in specific cell types and in
particular molecular pathways [3, 4, 6–8, 92]. For instance,
a dynamic and stable transcription of Nups takes place in
dividing versus terminally differentiated cells. D’Angelo et al.
showed in 2009 that lack of replacement of NPC scaffold
components in the somatic cells from C. elegans and rat
brain neurons comes with an age-dependent deterioration
of the NPC, leading to an aberrant nuclear accumulation
of cytoplasmic tubulin [93]. In humans, there is a strong
tissue-specific requirement for Nups, which are associated
with specific pathologies (reviewed [6]). One example that
depicts Nups requirements is atrial fibrillation (AF) caused
by a mutation in the human NUP155 which, in turn, can lead
to sudden cardiac death [7]. Experiments with heterozygous
Nup155−/+ mice have shown an AF phenotype, suggesting
that reduction in the level of NUP155, or its mistargeting,
results in a tissue-specific disorder [12]. Other examples are
the translocations in NUP98 and NUP214 genes, which have

been characterised as mutations leading to several types of
leukaemia [8–10].

Furthermore, the human TREX complex has been
identified as a culprit of aggressive human breast cancer
[13]. hTREX84, a subunit of the hTREX complex, is highly
expressed in this kind of cancer, and its expression is strongly
associated with an aggressive phenotype of human breast
tumours [13]. Hence, Guo et al. identified not only hTREX84
as a prognosticator of breast cancer, but also the delineated
human TREX complex as a target for therapeutic drugs
against breast cancer [13].

Several lines of experiments in yeast have proposed
Sus1 (ENY2 orthologue) to be a mediator between the
NPC, Nups, and active genes [56] and also a link between
transcription and mRNA export [68]. Sus1 plays a critical
role in the modularity of the DUBm, which is conserved
in Drosophila and humans. Thus, we could also expect that
defects in DUBm composition would affect mRNA export.
Therefore, mRNA processing defects could trigger diverse
genetic disorders Table 1. Indeed, the interaction between
DUBm and the SAGA complex has been shown to be
mediated by TAF5L and ATXN7 [94]. Interestingly a decade
ago, ATXN7 was correlated with neurodegenerative disease
spinocerebellar ataxia type 7 (SCA7) [11]. ATXN7 is an inte-
gral component of SAGA [95], and several studies in yeast
have demonstrated that the yeast orthologue ATXN7 (Sgf73)
anchors DUBm to the SAGA complex [86]. Mutations in
Sgf73 result in a release of DUBm from SAGA [56, 86]. These
data open up several possibilities, for instance, (i) SAGA-
independent DUBm could regulate a subset of target genes,
(ii) DUBm could determine the recruitment of SAGA in
particular gene promoters, (iii) or even a combination of
both.
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Further studies are needed to shed light on the molecular
mechanism underlying the specificity and the biological
role of mRNA export factors, TREX components, and
NPC coupling transcriptional initiation, elongation, and
mRNA export of in vivo targets. Likewise, understanding
the time-specific interaction of these components during
development will unravel the tight-coupled mechanism that
regulates the cytoplasmic fate or their target mRNAs.

6. Concluding Remarks

The latest advances in proteomics have improved knowledge
about the composition of protein complexes, and the newly
established protein-protein networks show additional levels
of plasticity to coordinate mRNA transcription, elongation,
and export. However, further studies are needed to com-
prehend the particular contribution of each component
orchestrating the gene expression in eukaryotes.

Deciphering the molecular mechanisms that coordinate
the transcriptional output and mRNA level in response to
cellular signals will be a future determinant to discover new
therapeutic targets and new cellular pathways involved in
different processes, for example, development and differen-
tiation in response to stress conditions or even in complex
diseases such cancer and human genetic disorders.

Acknowledgments

This work has been supported by grants to S. Rodriguez-
Navarro from the Spanish Ministry of Science and Inno-
vation (BFU2008-04082-C02-02) and the GV (Valencian
Regional Government; ACOMP2011/057). S. Rodriguez-
Navarro and M. M. Molina-Navarro have been supported by
Ramon y Cajal/IP3 and Juan de la Cierva Contracts (MEC),
respectively. C. P. Martinez-Jimenez is holder of an FEBS
postdoctoral fellowship. Maria Micaela Molina-Navarro and
Celia Pilar Martinez-Jimenez are equaly contributed in this
paper.

References

[1] A. Saunders, L. J. Core, and J. T. Lis, “Breaking barriers
to transcription elongation,” Nature Reviews Molecular Cell
Biology, vol. 7, no. 8, pp. 557–567, 2006.

[2] R. Margueron and D. Reinberg, “Chromatin structure and
the inheritance of epigenetic information,” Nature Reviews
Genetics, vol. 11, no. 4, pp. 285–296, 2010.
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[86] A. Köhler, M. Schneider, G. G. Cabal, U. Nehrbass, and E.
Hurt, “Yeast Ataxin-7 links histone deubiquitination with gene
gating and mRNA export,” Nature Cell Biology, vol. 10, no. 6,
pp. 707–715, 2008.

[87] R. Luthra, S. C. Kerr, M. T. Harreman et al., “Actively
transcribed GAL genes can be physically linked to the nuclear
pore by the SAGA chromatin modifying complex,” Journal of
Biological Chemistry, vol. 282, no. 5, pp. 3042–3049, 2007.

[88] M. Kim, S. H. Ahn, N. J. Krogan, J. F. Greenblatt, and S.
Buratowski, “Transitions in RNA polymerase II elongation
complexes at the 3′ ends of genes,” EMBO Journal, vol. 23, no.
2, pp. 354–364, 2004.

[89] A. Wyce, T. Xiao, K. A. Whelan et al., “H2B ubiquitylation acts
as a barrier to Ctk1 nucleosomal recruitment prior to removal
by Ubp8 within a SAGA-related complex,” Molecular Cell, vol.
27, no. 2, pp. 275–288, 2007.

[90] R. Luna, H. Gaillard, C. González-Aguilera, and A. Aguilera,
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V(D)J recombination is the assembly of gene segments at the antigen receptor loci to generate antigen receptor diversity in T and B
lymphocytes. This process is regulated, according to defined developmental programs, by the action of a single specific recombinase
complex formed by the recombination antigen gene (RAG-1/2) proteins that are expressed in immature lymphocytes. V(D)J
recombination is strictly controlled by RAG-1/2 accessibility to specific recombination signal sequences in chromatin at several
levels: cellular lineage, temporal regulation, gene segment order, and allelic exclusion. DNA cleavage by RAG-1/2 is regulated by
the chromatin structure, transcriptional elongation, and three-dimensional architecture and position of the antigen receptor loci
in the nucleus. Cis-elements specifically direct transcription and V(D)J recombination at these loci through interactions with
transacting factors that form molecular machines that mediate a sequence of structural events. These events open chromatin
to activate transcriptional elongation and to permit the access of RAG-1/2 to their recombination signal sequences to drive the
juxtaposition of the V, D, and J segments and the recombination reaction itself. This chapter summarizes the advances in this area
and the important role of the structure and position of antigen receptor loci within the nucleus to control this process.

1. Introduction

The immune system is considered one of the best models
to study the molecular mechanisms of epigenetic control
of cellular differentiation in vivo. Development of B and
T lymphocytes occurs through a series of well-defined
differentiation stages initiating from a common hematopoi-
etic stem cell. Each of these differentiation stages involves
the activation and repression of antigen receptor loci that
influence cellular identity. Expression of these loci in imma-
ture lymphocytes requires the activation and silencing of
genomic DNA rearrangements that are regulated through
the accessibility of chromatin, transcriptional elongation,
three-dimensional structure, and nuclear positioning during
cell development [1, 2]. In fact, lymphocytes are the only
vertebrate cells that use genomic DNA rearrangements as an

integral component of their developmental program. This
DNA rearrangement process is known as V(D)J recom-
bination and consists of the assembly of the genomically
dispersed gene segments V (variable), D (diversity), and J
(joining) to generate the functional variable region of antigen
receptors: immunoglobulins (Igs) in B lymphocytes and T-
cell receptors (TCRs) in T lymphocytes (Figure 1). This
process results in the expression of a unique antigen receptor
in each developed lymphocyte and is therefore responsible
for the generation of antigen receptor diversity in T and B
lymphocytes that defines the vertebrate adaptive immune
responses.

V(D)J recombination is initiated through the action of
the protein products of the recombination activating gene
(RAG) 1 and 2; together, RAG-1 and RAG-2 form a specific
endonuclease in immature lymphoid cells. The RAG-1/2
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Figure 1: Lymphocyte maturation and expression of clonotypic
antigen receptors. Scheme represents lymphocyte maturation from
hematopoietic stem cells (HSCs). Each lymphocyte expresses
a specific antigen receptor during cell development. B lymphocyte
antigen receptors and immunoglobulins (Ig) recognize soluble
antigens, whereas T lymphocyte antigen receptors (TCRs) recognize
antigenic peptides presented by antigen presenting cells (APCs).

complex is responsible for the double-strand DNA cleavage
between the segments that allows recombination through
the recognition of specific recombination signal sequences
(RSSs) that flank them (Figure 2); these RSSs consist of con-
served heptamer and nonamer elements that are separated
by a less conserved spacer region of 12 or 23 base pairs. The
12–23 rule limits recombination to segments between a 12-
bp RSS and a 23-bp RSS (here, we will refer to RSSs with
12-bp and 23-bp spacers as compatible RSSs) [3]. Proteins
responsible for the joining of the nonhomologous ends then
process the double-strand broken ends to generate the coding
DNA and the extrachromosomal circles containing the RSSs
and the deleted internal gene regions.

2. V(D)J Recombination Control by
Chromatin Structure

The 5′ region of the Ig and Tcr loci (which encode the
variable regions responsible for antigen recognition) con-
tains the V, D (only in some loci), and J gene segments
(Figure 3) that are assembled through the action of RAG-1/2
proteins in lymphocyte precursors. The restricted expression
of RAG-1 and RAG-2 in immature lymphocytes explains
the specificity of the V(D)J recombination process in these
cells. However, antigen receptor loci (Igh, Igk, Igl, Tcra, Tcrb,
Tcrg, or Tcrd) and lineage (B or T) specific regulation is
defined by controlled RAG-1/2 accessibility to the specific
locus chromatin in B and T lymphocytes precursors [6].
This control establishes that the immunoglobulin loci (Igh,
Igk, and Igl) only rearrange in B-lymphocyte precursors,
and the T-cell receptor loci (Tcra, Tcrb, Tcrd, and Tcrg)
rearrange exclusively in T lymphocyte precursors. Addition-
ally, there is temporal control of V(D)J recombination that
ensures that this process occurs in a developmental stage-
specific manner during lymphocyte development. During T-
lymphocyte development, Tcrb, Tcrd, and Tcrg loci rearrange
earlier than Tcra locus. Similarly, during B lymphocyte

development, Igh rearranges earlier than the Igk and Igl
loci. Furthermore, there is an additional developmental
control imposed on sets of gene segments within each
antigen receptor locus. For example, D-to-J rearrangements
precede V-to-DJ rearrangements at the Tcrb and Igh loci.
This locus-, lineage-, temporal-, and gene segment order-
specific regulation of V(D)J recombination is mediated
through the control of RSS accessibility to the RAG-1/2
proteins. Hence, the chromatin imposes a barrier to RAG-
1/2 accessibility that is controlled through strict epigenetic
control, which is dependent on the specific antigen receptor
locus, gene segment, cellular lineage, and developmental
stage. This is the basis for the accessibility model proposed
25 years ago by Yancopoulos and Alt [7]. These investigators
observed that the developmental activation of VH gene
segment recombination at the Igh locus coincided with VH

germline transcription (the process of transcription of sterile
transcripts at an un-rearranged locus originating from V-
associated promoters) during B lymphocyte development
[7]. Based on these results, they proposed that the tran-
scription of the VH gene segments reflects an increase in the
accessibility of the VH gene segments to both the transcrip-
tional and recombinational machineries (RNA polymerase II
(RNAPII) and RAG-1/2 proteins, resp.). Since then, germline
transcripts initiating at V, D, and J gene segments have been
found to developmentally coincide with the activation of
V(D)J recombination at each antigen receptor locus [7–9]. In
addition to reports of sense transcription, developmentally
regulated antisense intergenic transcription across the VH

gene segments that correlates with VH to DJH recombination
has also been reported [10]. In agreement with this model,
it has been proven that the barrier that the chromatin
imposes on RAG-1/2 accessibility is eliminated through the
activation of cis-transcriptional elements present at these loci
during lymphocyte development [1]. Each Ig or Tcr locus
is equipped with at least one transcriptional enhancer in
the vicinity of the constant region and numerous promoters
associated with V, D, and J gene segments (Figure 3).
The essential role of each of these cis-elements in controlling
the accessibility to the RAG-1/2 proteins was demonstrated
in numerous studies using transgenic mini-loci as recombi-
nation reporters and directed mutagenesis at the endogenous
loci [1]. These studies clearly established that the enhancers
are the elements that are responsible for specific lineage
determination and temporal control of V(D)J recombination
through the general regulation of locus chromatin structure;
thus, enhancers control the accessibility of the RAG-1/2
proteins to multiple gene segments separated by large
distances, whereas promoters are the elements that mediate
the accessibility of the RAG-1/2 proteins to regions located at
the proximal regions of the specific gene segments [1]. The
accessibility model was reinforced by observations demon-
strating a direct correlation between V(D)J recombination
and activating epigenetic modifications such as histone
H3 and H4 acetylation (H3ac and H4ac), methylation of
lysine 4 of histone H3 (H3K4me), nuclease accessibility
and DNA hypomethylation [1, 11–14], and changes in
nucleosomal structure [15]. Furthermore, establishment of
inactive chromatin suppresses V(D)J recombination [16].
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Figure 2: V(D)J recombination process. Gene segments are repre-
sented as red and green rectangles, and a pair of compatible RSSs is
represented as white and black triangles.

Additional in vitro studies have demonstrated that assembly
of RSSs into nucleosomes inhibits V(D)J recombination
[17–20], supporting the notion that nucleosomes impede
RAG1/2 binding or function. The barrier for V(D)J recom-
bination imposed by nucleosomes can be surmounted by
ATP-dependent chromatin remodeling complexes, such as
SWI/SNF [17, 18, 21–23]. Recently, it has been directly
demonstrated that chromatin accessibility to RAG-1/2 is
indeed mediated by enhancers and promoters [24]. In this
study, it was proven that the enhancers control global RAG-
1 binding, whereas promoters direct local RAG-1 binding at
the antigen receptor loci. RAG-1 binding to accessible RSSs
can be targeted in the absence of RAG-2, which is recruited
directly to trimethylated H3K4 (H3K4me3), a mark of open
and active chromatin [25–27]. Hence, both the enhancer and
promoter elements are necessary to confer RAG-1/2 accessi-
bility to specific RSSs within a given locus and to facilitate the
recombination synapse between the RSSs (Figure 4). To date,
the precise molecular mechanisms by which distal enhancers
control the transcriptional activation from promoters sep-
arated by large distances and V(D)J recombination are not
known. Chromatin immunoprecipitation and chromosomal
conformation capture experiments have demonstrated that
V(D)J recombination involves physical interactions between
distal transcriptional regulatory elements such as promoters
and enhancers to permit RAG-1/2 accessibility to their target
RSSs [28–30].

It is interesting that the antigen receptor loci undergo
a process of gene contraction (juxtaposition of V and D-
J regions), which is strictly regulated during development.
As demonstrated by three-dimensional fluorescence in situ
hybridization (3D-FISH) experiments using distal DNA
probes, this contraction correlates with transcription and
V(D)J recombination [29, 31–33]. In fact, gene contraction
occurs at the same moment that a particular locus is
transcribed and is ready to recombine even in the absence
of recombinase activity in Rag−/− mice. These contrac-
tions could be mediated by interactions between regulatory
regions and/or by specific nuclear structures. Enhancer-
promoter interactions are thought to direct the long-
distance communications (Figure 4). Comparative analysis
of Tcra/Tcrd locus contraction in wild-type, Tcra locus
enhancer (Eα)−/− and Tcrd locus enhancer (Eδ)−/− thymo-
cytes revealed no significant differences between the cell
types [33]. Hence, enhancer-promoter interaction is not

necessarily sufficient to mediate Tcra locus contraction and
RSSs synapse, but locus contraction might facilitate both
enhancer-promoter interactions and RSSs synapse that are
required for transcription and V(D)J recombination. These
data suggest that a preexisting conformation of the locus
that is mediated by an enhancer-independent mechanism
may promote the enhancer-promoter interactions necessary
to activate transcription and V(D)J recombination of the
distant gene segments [32, 33]. Hence, enhancer-promoter
interactions could establish molecular bridges over long
distances but only after they have been brought into
proximity by locus contraction mediated by chromatin-
organizing proteins. The mechanism for locus contraction
itself is not known. Deficiencies in specific transcription
factors such as Pax5, Ikaros, and YY1 disrupt the contracted
Igh locus configuration, but it is not known how they do this
[34–38]. Additionally, locus contraction could be mediated
by chromatin-organizing proteins such as SATB1, CCCTC-
binding factor (CTCF), and CTCF-associated cohesin that
have been shown to promote long-distance looping inter-
actions at other loci [39–44]. In fact, CTCF and cohesin
have been shown to colocalize at multiple sites within the
Igh and Igk loci in immature B lymphocytes [45, 46]. Con-
sistent with this, very recent experiments have functionally
demonstrated that CTCF and cohesin influence the genomic
structure of the Igh locus in developing B lymphocytes [47].
The precise molecular mechanisms involved in how locus-
specific conformational changes can regulate the enhancer-
promoter interactions to subsequently direct the different
V(D)J programs during lymphocyte development is an issue
of intense research in the field.

3. V(D)J Recombination Control by
Transcriptional Elongation

The finding that germline transcription at a given antigen
receptor locus occurs concomitantly with its recombination
[7] suggests a linkage between transcription and V(D)J
recombination. Based on this evidence, it is accepted that
both transcription and V(D)J recombination are conse-
quences of locus accessibility that is mediated through the
activation of promoters and enhancers during lymphocyte
development [1]. These regulatory elements serve as docking
elements to recruit transcription factors that initiate and
help to propagate changes in chromatin structure that are
essential for the accessibility of the RNAPII and RAG-1/2
proteins (Figure 4). Consistent with this, several transcrip-
tion factors have also been shown to coordinately regulate
both transcription and V(D)J recombination. For example,
overexpression of E2A in nonlymphoid cells that express
RAG-1 and RAG-2 proteins induced germline transcription
and V(D)J recombination at the Igk, Tcrg, and Tcrd loci
[48, 49]; OcaB−/− mice displayed defective transcription and
recombination of a subset of Vκ gene segments [50]; Stat5
is required for the transcription and VγJγ recombination at
the Tcrg locus in response to IL-7 [51, 52]; and deletion of
the enhancers and promoters at Tcr and Ig loci or inclusion
of mutations at motifs for required transcription factors
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Figure 3: Representation of an antigen receptor locus. V, D, and J gene segments are represented as red, orange, and green rectangles,
respectively. RSSs are represented as white and black triangles. The constant region is represented as a purple rectangle. Promoters are
represented as blue diamonds, and arrows indicate transcription. The enhancer is represented as a red circle.
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Figure 4: Representation of the molecular mechanism for activation of V(D)J recombination by enhancers, promoters, and transcription.
Shown is a depiction of the physical interaction between the enhancer and the promoter within an antigen receptor locus. This interaction
is mediated through protein-protein interactions among transcription factors and triggers the processes of transcription and V(D)J
recombination that is derived from chromatin opening and subsequent accessibility of the RSSs to the RNAPII and RAG-1/2 proteins. Gene
segments are represented as red and green rectangles and RSSs as white triangles. (a) Enhancer activation by the assembly of a functional
multiprotein complex on the enhancer mediates the recruitment of the RNAPII to the promoter. This activates germline transcription (blue
arrow) and opens the chromatin structure by repositioning nucleosomes, evicting nucleosomes, and/or changing the covalent modifications
of histones (e.g., changing H3K9me, which is indicative of repressive chromatin, to H3K4me and H3/H4ac, which are indicative of activated
chromatin). (b) The new chromatin configuration allows recruitment of the RAG-2 protein through H3K4me3 and recruitment of the
RAG-1 protein to accessible RSSs. Recruitment of a RAG-1/2 complex to two compatible RSSs allows initiation of V(D)J recombination.

within these cis-elements inhibit both transcription and
V(D)J recombination at each locus [1].

For many years, it was not clear whether germline tran-
scription was merely a side effect of chromatin accessibility
generated by the activation of enhancers and promoters or
whether it was causal in the V(D)J recombination pro-
cess itself. In an elegant and definitive study, Abarrategui
and Krangel have proven that germline transcription is

a key developmental regulator of accessibility for Vα-to-
Jα recombination at the Tcra locus [4]. This locus spans
1.5 Mb and contains around 100 Vα/δ gene segments in a
1 Mb region at the 5′ end of the locus and 61 Jα gene
segments in a 65 kb region at the 3′ end of the locus
[53] (Figure 5). Vα-to-Jα recombination events depend on
both Eα, located at the 3′ end of the locus [54], and the
promoters associated with the Jα gene segments [55]. These
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Figure 5: Representation of WT Tcra locus and mutant versions containing a terminator sequence [4, 5]. V, D, and J gene segments
are represented as red, orange, and green rectangles, respectively. RSSs are represented as white and black triangles. Constant regions
are represented as purple rectangles. Promoters, including the TEA promoter, are represented as blue diamonds, and arrows indicate
transcription. Eδ and Eα are represented as red circles. The position of the terminator sequence in mutant TEA-T and 56R Tcra is indicated.

investigators introduced a strong transcription terminator
downstream of either the TEA promoter (TEA-T) or the
Jα56 gene segment (56R) in the endogenous mouse locus
to block transcription originating at the upstream TEA
promoters [4, 5] (Figure 5). The terminator sequence they
used consists of four polyadenylation sites followed by an
array of twelve bacterial lac operons that are thought to
function as strong pause sites for RNAPII. The introduced
terminator was able to impose an effective block to RNAPII
passage. Interestingly, the transcriptional block in both TEA-
T and 56R mice caused a strong reduction in recombination
at the Jα gene segments located immediately downstream
of the terminator sequence. Thus, these experiments clearly
demonstrated that transcriptional elongation by RNAPII is
necessary for creating accessible chromatin for the RAG-1/2
proteins to initiate Tcra recombination.

Although instances of recombination in the apparent
absence of transcription have also been reported, credible
explanations for each of them can be found. For example,
isolated nuclei of lymphocytes from Rag−/− mice can
rearrange their receptor antigen loci in vitro by addition
of RAG-1 and RAG-2 proteins in the absence of ongoing
transcription [6]; however, the chromatin structure of the
receptor antigen loci could remain accessible during nuclei
isolation. Additionally, it has been demonstrated that the
VH gene segments rearrange in pro-B lymphocytes with no
detectable transcription of these segments [56]; however,
the state of transcription of these segments at the time
of recombination could not be analyzed. Furthermore, the
requirement for transcription itself might not be necessary
for RSSs that are located near a cis-element; this is the
case for RSSs that are positioned adjacent to a promoter.
Several examples of this phenomenon include the inducible
mouse mammary tumor virus long terminal repeat that
can confer accessibility to a tightly associated RSS [57],
the endogenous Tcrb locus that has a Tcrb enhancer-(Eβ-)

dependent promoter tightly associated with the Dβ1 segment
to confer accessibility to this segment [58, 59], and the
physical interaction of the Dβ1 promoter with Eβ to deliver
SWI/SNF chromatin remodeling complexes that results in a
decrease of nucleosome occupancy at the Dβ1 gene segment
[28, 30, 60]. These results argue that transcription is not
required to confer accessibility to RAG-1/2 when the RSS
is tightly associated with a promoter. However, this is not
the situation for many RSSs within the antigen receptor
loci in vivo because they are positioned far away from the
promoters.

More recent experiments with the TEA-T and 56R mouse
models have definitively demonstrated that chromatin acces-
sibility to the RAG-1 protein is mediated by transcriptional
elongation itself [24]. In this study, it was proven that the
transcriptional terminator introduced within the Jα cluster
in TEA-T and 56R mice (Figure 5) inhibited the recruitment
of the RAG-1 protein to downstream chromatin. Hence,
transcriptional elongation itself confers accessibility to the
RAG-1/2 proteins to specific RSSs. Although the pattern of
RAG-2 binding was not assessed in this study, it is expected
that it would closely resemble that of RAG-1 binding because
the pattern of H3K4me3 (which accurately predicts RAG-
2 binding) was similar to that of RAG-1 [4, 5, 24, 27].
Hence, H3K4me3 recruits the RAG-2 protein [25–27] and
directly contributes to the opening of the chromatin by either
repositioning or evicting nucleosomes, which allows free
access of the RAG-1 protein to RSSs. Although it has not
been directly demonstrated, it is expected that this is likely
to be the case for the RSSs that are distantly located from the
promoters in the other Ig and Tcr loci. However, a direct role
for transcripts in directing V(D)J recombination, as has been
shown for class switching at the Igh locus, is not expected
because the RAG-1/2 substrate is double strand DNA.

Thus, Abarrategui and Krangel’s studies [4, 5] have
demonstrated that V(D)J recombination at the Tcra locus
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requires that the elongation machinery travels or has traveled
through the RSS’s DNA to allow the RAG-1/2 proteins
to access to the RSS’s chromatin. However, the precise
molecular mechanism by which transcriptional elongation
directs the process of VαJα recombination is not known.
Chromatin structure imposes significant obstacles on the
passage of the RNAPII through the DNA. Because the
elongation of transcription is associated with the transient
disruption of nucleosome structure [61] and because of the
transcription-dependent reduction of nucleosome density at
the coding region [62], it is possible that RAG-1 is recruited
to the RSSs due to either a transient disruption of the
chromatin structure or to less compacted chromatin derived
from RNAPII transit. Consistent with the role of transcrip-
tional elongation in transient disrupting of nucleosomal
structure, it has been shown using the TEA-T mouse model
(Figure 5) that germline transcription originating from the
TEA promoter at the Tcra locus causes covalent histone
modifications related to opening of chromatin [5], as well as
repositioning and loss of the nucleosomes at a 600 base-pair
region including the TEA promoter itself and its closest 3′ Jα
gene segment, Jα61 [15].

Gene transcription is initiated by the binding of tran-
scription factors to promoters and enhancers (Figure 4). The
binding of transcription factors to the enhancer recruits his-
tone acetyltransferases (HATs) that acetylate the N-terminal
tails of histones H3 and H4. These acetylated histones
provide binding sites for the bromodomains present in other
chromatin remodeling complexes and histone-modifying
enzymes. Binding of these complexes and enzymes results in
nucleosome displacement or disassembly and thus frees pro-
moters for binding by RNAPII thereby allowing transcrip-
tional initiation [63–65]. The RNAPII complexes assembled
on the promoter subsequently transit through the chromatin
to mediate transcriptional elongation. Clearance of the
RNAPII from the promoter requires the phosphorylation
of its carboxy-terminal domain (CTD) [66], which is a
molecular platform that can recruit a variety of histone mod-
ifier complexes, chromatin remodeling complexes, histone
chaperones, and elongation factors that are associated and
travel with the elongating form of RNAPII; these cofactors
are required for efficient transcription through the chro-
matin [65, 67–72]. Among the most important chromatin
modifications associated with transcriptional elongation are
the methylation of lysines 4, 36, and 79 of histone H3 and the
monoubiquitination of histone H2A.

Abarrategui and Krangel observed that H3ac, H3K4me3,
H3K4me2, and H3K36me3 were significantly reduced at the
3′ end of the terminator introduced immediately down-
stream of the TEA promoter at the Tcra locus [5] (Figure 5);
these results suggest that the histone methyl transferases
and HATs responsible for these histone covalent modifica-
tions might be involved in activating VαJα recombination
through RAG-1/2 recruitment mediated by transcriptional
elongation [70, 73]. In addition, H3K4me2/3 that recruits
RAG-2 [25–27] also recruits other chromatin remodeling
complexes such as the ATPase RSC, ISWI, or SWI/SNF that
can reposition or evict nucleosomes to facilitate the passage
of the RNAPII that can be involved in recruitment of RAG-1

[23, 74–76]. Currently, the identity of the specific chromatin
modifying activities that are involved in facilitating the
recruitment of RAG-1/2 proteins to RSSs is unknown. Addi-
tionally, chaperones that travel with the elongating RNAPII
and the chromatin remodeling complexes that facilitate
RNAPII’s transit could also favor RAG-1 binding [61, 77].
It is also possible that RAG-1 recruitment to the RSSs
might be facilitated by direct interaction with the elongating
RNAPII through the RNAPII CTD. This would require a total
coupling between transcription and V(D)J recombination;
the coupling of transcription and RNA splicing is already
accepted to occur at the RNAPII CTD [78]. Understanding
how precisely transcription activates V(D)J recombination is
an important goal for future research in this field.

4. Control of V(D)J Recombination by the
Nuclear Position of the Antigen Receptor Loci

In spite of the above cited data, there is evidence that shows
that transcription and RSS accessibility are not necessarily
sufficient to activate V(D)J recombination in vivo. For exam-
ple, in pre-T lymphocytes, a deletion within the Tcrb locus
that placed the Vβ gene segments under the influence of the
Eβ promoted high levels of Vβ transcription but not Vβ to
DJβ rearrangement [79]. Additionally, in pre-T lymphocytes,
ectopic introduction of Eα within the cluster of Vβ gene
segments enhanced transcription of these segments but did
not induce Vβ-to-DJβ rearrangement [80]. Furthermore,
germline Vβ transcripts are detected from both alleles of the
Tcrb locus even in the presence of allelic exclusion during Vβ-
to DβJβ recombination [81, 82]. Finally, germline transcrip-
tion similarly occurs at the Igk locus, which undergoes bi-
allelic germline transcription in pre-B lymphocytes during
allelic exclusion of Vκ-to-Jκ recombination [83–86]. These
findings indicate that additional regulatory constraints on
V(D)J recombination exist that operate beyond transcription
and chromatin accessibility.

Over the last ten years, it has become clear that the
position of Ig and Tcr loci in the nucleus has an essential
role in directing V(D)J recombination between distantly
located gene segments. It is now accepted that, in addition
to transcriptional competence, a particular locus or allele
must move away from repressive chromatin to allow distant
RSSs to form a recombinational synapse through RAG-1/2
binding that initiates V(D)J recombination [87]. It is now
evident that the Ig and Tcr loci move away from repressive
compartments such as the nuclear periphery or pericentric
heterochromatin when they undergo recombination; the loci
then reassociate with them following recombination [85, 87].
Furthermore, associations of Igh, Igk, and Tcrb loci with
repressive nuclear compartments seem to be responsible for
the establishment of allelic exclusion [81, 86, 88]. Hence,
there is a clear connection between the association with
repressive nuclear compartments and the inhibition of V(D)J
recombination, but germline transcription does not always
correlate with this phenomenon.

The mechanism by which locus association with repres-
sive compartments inhibits V(D)J recombination without
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inhibiting transcription remains unknown. RAG-1/2 binding
to D and J gene segments is robust at the Igh and Tcrb loci
in pro-B/pre-B and pro-T/pre-T lymphocytes, respectively,
even when V-to-DJ recombination is inhibited and one or
both alleles are associated with repressive compartments in
both stages [24, 27, 31, 81]. It is known that the Igh locus
is tethered to the nuclear membrane through the distal VH

region cluster, whereas the DHJH region is located away
[85]. Thus, persistent RAG-1/2 binding to Igh and Tcrb D
and J gene segments in pro-B/T and pre-B/T lymphocytes
might be consequence of RSS accessibility due to the spatial
orientation of these loci within the nucleus [27, 85]. It
is known that VH and Vβ gene segment transcription
and accessibility are reduced in the transition from pro-
B/T to pre-B/T lymphocytes, respectively, and hence both
parameters do seem to correlate with allelic exclusion of
Igh and Tcrb loci at pre-B/T lymphocytes [89–91]. These
results support the current model that feedback inhibition
of Igh and Tcrb loci in pre-B/T lymphocytes, but not
in pro-B/T lymphocytes, operates primarily on VH and
Vβ gene segment accessibility, respectively. The different
chromatin structure at the VH and Vβ gene segments in the
two stages indicates clear differences about what might be
happening in pro-B/T versus pre-B/T lymphocytes [27, 81,
89–91]. Identification of cis-elements and transfactors that
are involved in controlling the association of specific antigen
receptor alleles with repressive nuclear compartments is
required to elucidate the function of nuclear positioning
in regulating V(D)J recombination and allelic exclusion. In
the case of the Igk locus, which is also relocated during
B lymphocyte development [85], a cis-element that binds
the Ikaros transcriptional repressor targets Igk transgenes to
centromeric chromatin and inhibits Vκ-to-Jκ recombination
[92]; another candidate is IRF-4, which directs the Igk allele
away from the pericentromeric heterochromatin [93]. In the
case of the Tcrb locus, the helix-loop-helix protein, E47, is a
good candidate to direct the interaction of this locus with
pericentromeric heterochromatin since its dosage is rate-
limiting with regard to V(D)J recombination and forced
E47 expression interferes with pre-TCR-mediated feedback
inhibition [94]. Additionally, it was also proposed that
V(D)J recombination events occurring on one allele could
activate signals that inhibit rearrangements on the second
allele [95]. Consistent with this idea, it has been shown
recently that homologous pairing of Ig alleles occurs during
recombination and is mediated by RAG-1/2 binding [88, 96].
Furthermore, it has been demonstrated that RAG-mediated
cleavage on one allele induces the other allele to relocate to
pericentromeric heterochromatin by a mechanism related to
the recognition of the cleaved allele by the DNA damage
sensor ataxia telangiectasia mutated (ATM) protein [88].
Hence, activation of ATM by the cleaved allele acts in trans
on the uncleaved allele to prevent recombination. Interallelic
pairing has been proposed as a general mechanism for
establishing the monoallelic gene expression that contributes
to the maintenance of genomic integrity and suppresses
oncogenic translocations during V(D)J recombination of
antigen receptor loci.

5. Conclusions

V(D)J recombination is essential for the development of
adaptive immune responses in vertebrates. In developing
lymphocytes, V(D)J recombination is subjected to very tight
spatial and temporal regulation. The regulation of this
process is very complex and involves nuclear dynamics and
changes in higher-order chromatin architecture to create
gene segment accessibility to RAG-1/2 proteins. Active chro-
matin is bound by RAG-2 through interactions with specific
H3K4me3, whereas RAG-1 binds to accessible RSSs derived
from transcriptional elongation in large loci. The correlation
between transcription and V(D)J recombination in both the
recombined and allelic excluded antigen receptor loci led to
the studies that established that the differential positioning
of such loci at transcriptionally repressive nuclear regions
might be responsible for allelic exclusion. Allelic association
with the repressive nuclear compartments can inhibit V(D)J
recombination by a mechanism other than transcription
or RAG-1/2 accessibility to chromatin. Future experiments
should be focused on identifying the cis-elements and trans-
factors that regulate V(D)J recombination in vivo.
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The elongation phase of transcription lies at the core of several simultaneous and coupled events leading to alternative splicing
regulation. Although underestimated in the past, it is at this phase of the transcription cycle where complexes affecting the
transcription machinery itself, chromatin structure, posttranscriptional gene regulation and pre-mRNA processing converge to
regulate each other or simply to consolidate higher-order complexes and functions. This paper focuses on the multiple processes
that take place during transcription elongation which ultimately regulate the outcome of alternative splicing decisions.

1. Introduction

Regulation of gene expression was originally conceived as
a hierarchy of steps linked together on a time scale and phys-
ically separated in different cell compartments in accordance
with the central dogma of biology. This concept has long
been abandoned, with a significant accumulation of evidence
describing an extensive network of events, encompassing
transcription, mRNA processing, chromatin regulation, and
posttranscriptional gene regulation, which take place simul-
taneously and in a mutually regulated or coupled manner
[1, 2]. Distinctions between complexes and processes gov-
erning gene expression have been blurred to a large extent,
adding complexity to the ever-increasing fraction of genes
subjected to alternative promoter usage, alternative splicing
(AS) (>90% genes), alternative polyadenylation, editing, and
posttranscriptional gene silencing by small RNAs [3, 4].
Additionally, this complexity takes a new dimension when
studied in the context of chromatin and its regulation upon
gene expression (for reviews, see [5–7]). This paper will focus
on the main features of coupling between transcriptions

elongation and splicing, and its implications on AS regula-
tion.

2. The Benefits of Coupling

Initial visualization of Drosophila-embryo nascent tran-
scripts by electron microscopy, showed that splicing can
occur cotranscriptionally [8]. This was later directly demon-
strated for the human dystrophin gene [9], which spans
2400 kb and can take 16 hr to complete transcription. More
recently, a quantitative study of the c-Src and fibronectin
mRNAs compared chromatin-bound and nucleoplasmic
RNA fractions. There, it was shown that most introns are
excised efficiently in the chromatin-bound fractions, with
a gradient of cotranscriptional splicing efficiency decreasing
from promoter-proximal to promoter-distal introns, that is,
the direction of transcription [10].

One implication of the cotranscriptional nature of splic-
ing is that the two processes can be coupled. In a broad sense,
coupling implies that the involved processes can happen
efficiently only as the result of their combined action, even
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for processes that are constitutive and non-regulated. For
instance, whereas both transcription and splicing can take
place independently at low efficiency as in vitro reactions, it
is only in vivo or in coupled in vitro systems where maximal
efficiency can be achieved [11–16]. Cotranscriptional pro-
cessing is necessary to allow for coupling between transcrip-
tion and splicing, although it does not necessarily guarantee
it. There are examples of both cotranscriptional splicing that
seems to be uncoupled, as well as purely posttranscriptional
splicing [17–20]. Noteworthy, the consequences of the
different types of splicing can be considerable; whereas
cotranscriptional splicing can be regulated by mechanisms
dependent on transcription, postranscriptional splicing can
be subjected to additional regulatory mechanisms linked to
events downstream of transcription (e.g., RNA export) [20].
However, cotranscriptional splicing seems to predominate
for most introns in mammalian genes [10, 17, 20–23]
pointing at an evolutionary conserved role in allowing for
coupling of transcription and splicing. Cotranscriptional
splicing is more efficient than posttranscriptional splicing
by driving nascent pre-mRNAs to the association with
spliceosome components [24, 25] and splicing regulatory
factors, such as serine/arginine-rich (SR) proteins [22]. This
allows for different levels of regulation of AS and prevents
backhybridization of the nascent pre-mRNA to the DNA
template strand, which can cause genome instability [26, 27].
Even in the case of posttranscriptional splicing, coupling
with transcription can be determinant for AS regulation.
Since pre-mRNA splicing is a multistep reaction, it is possible
that commitment to splicing takes place cotranscriptionally
during early splice-site recognition, while completion of the
splicing reaction occurs posttranscriptionally [20, 28, 29],
consistent with the fact that introns are not necessarily
removed in the exact order that they are transcribed [17, 30–
32]. This mechanism, which can be viewed as a cotranscrip-
tional commitment rather than a cotranscriptional catalysis,
tends to apply largely to splicing and not to other RNA-
processing events like capping and cleavage/polyadenylation
[33–37]. Intermediate scenarios are also possible, with both
splicing commitment and catalysis taking place cotranscrip-
tionally but not following a strict 5′ to 3′ direction of intron
removal [10, 38].

Another implication of cotranscriptional splicing is that
it allows for a bidirectional coupling of the two processes
[1, 20, 39, 40]. For instance, the splicing machinery can
reciprocally affect transcription in different ways by either
stimulating transcriptional elongation [41, 42], transcrip-
tional initiation [43, 44] and, as recently shown in yeast,
by imposing a transient pausing checkpoint around the
3′ end of introns and on terminal exons [45, 46]. This
bidirectional feedback might in turn reinforce splicing effi-
ciency, conferring important advantages for gene expression.
Nevertheless, reciprocal coupling might not be a widespread
general phenomenon considering that elongation kinetics
seems to be independent of splicing in some model genes
[47]. This highlights the possibility that specific exon-intron
architectures and/or cis-acting sequences might be required
for reciprocal coupling to occur.

Despite all the seemingly clear advantages of cotran-
scriptional over posttranscriptional splicing, particularly in
allowing for coupling, the true proportions of these two
modes of splicing in mammals still await to be determined
on a genome-wide scale. It will be interesting to use global
approaches to answer this question, which might have
profound implications in reorienting our current research
and on our understanding of the regulation of AS.

3. Early Discoveries

In our current view, the regulation of AS is the result of
the combined action of splicing factors acting on splicing
enhancers and silencers, regulatory secondary structure
motifs of mRNAs, and the coupling with RNA polymerase
II (Pol II) transcription [22, 48–51]. An early indication
for coupling was the finding that promoter identity affects
splicing decisions independently of the strength of the
promoter, opposing the classical view whereby promoters
are limited to affect transcription levels ([52–56], for review,
see [57]). Different promoters, such as those of the α-globin
and fibronectin (FN) genes, were shown to induce a 10-
fold difference in inclusion of the human FN alternative
exon 33 (E33, also referred to as EDI or EDA) when
driving its expression from reporter minigenes in transiently
transfected mammalian cells [52, 53] (Figure 1).

One implication of the promoter effect on AS is that
splicing factors could regulate AS through promoters. Cell-
specific AS events could then arise from cell-specific pro-
moter occupation rather than from the differential abun-
dance of ubiquitous splicing factors. Under physiological
conditions, promoter architecture could then control AS
through the differential occupation by different transcription
factors. Supporting this hypothesis, evidence shows that
transcriptional activators and coactivators, with different
effects on Pol II, indeed affect AS differentially [58, 59].

4. The Kinetics of Coupling

Transcription appears to influence pre-mRNA splicing
through at least two independent modes: by kinetically
coupling the processing reactions, where the rate of Pol II
elongation influences the outcome of the alternative events
[60, 61], and by physically and functionally recruiting mRNA
processing factors to the transcription machinery, in particu-
lar to Pol II’s carboxyterminal domain (CTD) [13, 62–65]. In
fact, recruitment of splicing factors to sites of transcription is
dependent on RNA Pol II CTD [66] and deletion of the CTD
impairs capping, cleavage/polyadenylation, and splicing of
the b-globin transcript [34]. Here we provide a view of the
kinetic mode of coupling, although accumulated evidence
supports that both modes can operate simultaneously in a
nonmutually exclusive manner (for reviews on the recruit-
ment mode of coupling, see [2, 65, 67]).

It should be pointed out that transcription itself is
a complex multistep and regulated process, organized as
a transcription cycle, with each step subjected to extensive
regulation [68]. However, it is mainly at the elongation step
of transcription where most of the connections between
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Figure 1: Promoters affect alternative splicing. α-globin/FN hybrid minigenes under the control of different promoters, used in transient
transfections of mammalian cells in culture to assess inclusion levels of the alternatively spliced E33 (EDI or EDA) cassette exon (dark yellow).
Inclusion level with the FN promoter is >10-fold higher when compared to the α-globin promoter.

the transcription and splicing machineries actually occur.
A role for Pol II elongation on AS had been suggested
before the finding of the promoter effect [69] and was later
supported by several lines of evidence. Eperon et al. [69]
showed that, in contrast to in vitro conditions, ongoing RNA
synthesis in vivo affects the potential secondary structure
of long—but not that of short—RNA substrates, which
in turn affects splicing, pointing at a kinetic link between
transcription and splicing. Additional evidence came from
experiments in which RNA Pol II’s local pausing caused
by elements inserted into the tropomyosin gene, promoted
higher inclusion of tropomyosin exon 3 [60]. However,
more conclusive evidence for a role of elongation on AS
regulation was shown in a series of reports demonstrating
that several factors globally impacting Pol II elongation
also affect AS. (i) Replication of AS reporter minigenes
greatly stimulates FN E33 inclusion, and is counteracted
by trichostatin A (TSA), a potent inhibitor of histone
deacetylation considered to drive chromatin into an “open”
state. This suggested that replication conveys a more compact
chromatin structure to the template, thus slowing elongation
and leading to higher E33 inclusion [70]. (ii) Drugs known
to inhibit elongation, such as DRB [58, 70], flavopiridol, or
camptothecin [38], favor E33 inclusion. (iii) Transcriptional
activation by VP16, a factor that promotes both initiation
and elongation, decreases E33 inclusion while Sp1, acting
only on initiation, has no effect on E33 inclusion [58]. (iv)
The presence of the SV40 transcriptional enhancer near a
promoter stimulates Pol II elongation and provokes a 3–
10-fold reduction in FN E33 inclusion independently of the
promoter used [71]. (v) Slow mutants of RNA Pol II increase
FN E33 inclusion in human cells, affect AS of the endogenous
gene ultrabithorax (Ubx) in Drosophila, and modulate
the inclusion of an artificially created alternative exon in
yeast [61, 72]. (vi) DNA-damage signaling triggered by UV
irradiation affects the AS of fibronectin, caspase 9, Bcl-x,
and other human genes by inducing hyperphosphorylation
of Pol II CTD and blocking Pol II elongation [73]. These

data are in agreement with a “first come, first served” model
for regulation of AS [74] (Figure 2). One interpretation
of this model is that slow elongation favors the removal
of the intron upstream of an alternative cassette exon
before removal of the downstream intron. Alternatively, slow
elongation would favor recruitment of splicing factors to the
upstream intron before the downstream intron is synthe-
sized. Once commitment to include the exon is achieved,
the order of intron removal becomes irrelevant (Figure 2).
The latter interpretation is supported by recent evidence
showing a preferential removal of the intron downstream
of the FN cassette exon 33 before the upstream intron
has been removed [38]. Most importantly, whereas cis-
acting mutations and trans-acting factors that upregulate
E33 inclusion alter the relative order of intron removal,
elongation slowdown also induces higher E33 inclusion
without affecting the order of intron removal, suggesting that
slow elongation favors commitment to exon inclusion during
spliceosome assembly [38]. In light of these findings, “first
served” would not be equivalent to “first excised” but to “first
committed,” in agreement with the observed preferential
cotranscriptionality of spliceosome recruitment rather than
catalysis. The control of elongation on AS is not restricted to
a few cases. Recent data confirms and extends the findings of
elongation control on AS using a global approach based on
AS microarray profiling [48]. This study demonstrates that a
variety of conditions that impact Pol II elongation, including
drug treatments (DRB and camptothecin), Pol II mutants
that inhibit elongation (slow and CTD phosphorylation Pol
II mutants), and cellular stress (UV irradiation, know to
impact Pol II elongation), globally affect both the mRNA
levels and AS of a significant number of the genes. Moreover,
the largest statistically significant fraction of affected genes
showed a concomitant decrease in steady-state mRNA levels
with increase in exon inclusion levels, coincident with many
of the examples previously reported [60, 61, 70, 72, 73, 75,
76]. Nevertheless, there was also a smaller but significant
number of genes displaying decreased mRNA levels with
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Figure 2: Alternative models for the “first come, first served” mechanism of splice site selection. (a) Fast elongation promotes usage of the
stronger downstream 3′ splice site. (b) Slow elongation causes preferential excision of the upstream intron (first served = first excised). (c)
Slow elongation causes commitment to E33 inclusion via recruitment of splicing factors (first served = first committed). Both introns are
excised individually and in an order that is independent of elongation. (Based on [38].)

decreased exon inclusion levels [48], consistent with the idea
that inhibition of Pol II elongation can lead to increased
exon inclusion as well as increased exon skipping depending
on the underlying splicing regulatory mechanism involved
in each case [55, 61]. Pol II’s elongation-dependent changes
in AS regulation also display a high preference to modulate
the expression levels of genes involved in RNA metabolism,
including pre-mRNA splicing factors and other RNA binding
proteins. Interestingly, about one-third of those genes con-
tain AS events that introduce a premature termination codon
(PTC) when spliced into the mature mRNA, subsequently
leading to nonsense-mediated mRNA decay (NMD) [48].
This represents another example of evolutionarily conserved
elongation-coupled events, acting together to coordinate the
levels or RNA binding proteins with their steady-state mRNA
levels.

5. Elongation Links to Chromatin

The promoter effect, together with the kinetic, physical,
and functional coupling modes of transcription and AS,
immediately shifted the attention to other factors thought to
be restricted to transcriptional regulation, such as the chro-
matin structure. It soon became clear that the unanticipated
complexity of splicing regulation could not be explained
solely based on the current models, which lacked a clear
connection to in vivo situations. Chromatin is the natural
substrate upon which transcriptional regulation acts in vivo,
and major discoveries have recently pointed at chromatin

structure and post-translational histone modifications as key
regulators of AS.

The chromatin role on AS regulation is broad, involving
both direct (elongation-independent) interactions with the
splicing machinery and effects on AS through changes in
transcription elongation. Here, we concentrate on the later,
although recent findings on the direct roles of chromatin
on splicing have significantly changed our view of how
exon-intron architecture is achieved by intimately linking
nucleosome to exon structure ([77–84], for reviews, see [5–
7]. In fact, genome-wide mapping of nucleosome positioning
on exons at the DNA level may shed light on one of the most
striking puzzles in the field of splicing, that is, how does
the splicing machinery recognizes, with high fidelity, short
exons (on average 150 bp) “floating” in a “sea” of introns
(on average 5.4 kbp), an exon-intron architecture typical
of vertebrate genes [85, 86]. Notably, the average size of a
mammalian exon is similar to the length of DNA wrapped
around a nucleosome, suggesting a conserved function for
the nucleosome in exon definition [79, 80, 82]. According
to the exon definition model, originally postulated by S. M.
Berget [87], the spliceosome and auxiliary factors achieve
this recognition by preferentially assembling on 3′ and 5′

sites paired across exons and not across introns (i.e., not
following an intron definition mode of recognition, typical
in lower eukaryotes like yeast). This favors exon recognition
and acts as a selective force for short exon size. As described
below, nucleosome positioning on exons may help in exon
definition by creating roadblocks for Pol II elongation that
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Figure 3: Chromatin couples elongation to alternative splicing. (a) Early evidence for a role of chromatin on splicing: replication affects
alternative splicing. Loose nucleosome assembly (as in transiently transfected reporter minigenes) gives rise to low inclusion of the alternative
exon (yellow) into the mature mRNA. After replication, nucleosome organization becomes more compact, promoting much higher inclusion
of the alternative exon. (b) Depolarization of neuronal cells or treatment with TSA triggers intragenic histone acetylation and looser
nucleosome compaction which in turn causes skipping of the alternative exon (yellow). (c) Model for TGS-AS. Transfection with siRNAs
targeting the intron downstream from the alternative exon (yellow) promotes dimethylation and trimethylation of H3K9 and H3K27 (green
and blue marks, resp.), triggered by siRNA’s guide strand entering a silencing complex containing AGO1. HP1α is recruited and the resulting
condensed chromatin structure generates roadblocks to Pol II elongation, causing higher inclusion of the alternative exon according to the
kinetic coupling model.

provide longer time for cotranscriptional recognition of
splice sites in the nascent pre-mRNA.

6. Chromatin Structure in Coupling

A role for chromatin in the coupling of elongation with AS
was first suggested with the finding that two copies of the
same adenovirus genome, either unreplicated or replicated
in the same nucleus, gave rise to different alternatively
spliced RNAs [57]. It was then speculated that the chromatin
organization acquired after replication was more compact,
with a subsequent reduction in Pol II elongation rates and
more time to assemble splicing complexes at a suboptimal
upstream 5′ splice site, thus favoring its use compared
to the downstream 5′ splice site. This was confirmed
by the finding that FN E33 inclusion is sensitive to the
replication-mediated chromatinization status of the reporter
plasmid [58, 70] (Figure 3(a). See above). Both in plants
and humans genes, RNA Pol II distribution correlates with
nucleosome deposition with preferential accumulation at
exons relative to introns [79, 80, 83, 88], consistent with
nucleosomes acting as barriers that locally modulate RNA
Pol II density by inducing its pausing [89, 90]. This could

in turn modulate splicing efficiency, in agreement with RNA
Pol II being more highly enriched at alternatively spliced
exons than at constitutive ones [88]. Nucleosome density
also varies according to splice site strength, with stronger
positioning of nucleosomes in included alternatively spliced
exons than excluded ones [80] and stronger positioning at
exons defined by weaker splice sites [81, 82]. Consistent
with these results, overexpression of the ATPase-dependent
chromatin-remodeling complex SWI/SNF subunit Brm in
human cells, induces accumulation of Pol II with a modified
CTD phosphorylation pattern on regions encoding variant
exons of the CD44 gene and causes increased inclusion of
these exons into mature mRNA [91].

7. Histone Modifications in Coupling

Histone modifications have emerged as major regulators of
AS by either impacting the coupling of elongation with AS
or by direct means such as recruiting splicing factors to the
nascent pre-mRNA [7]. An indication for a role of histone
modifications in the coupling of elongation with AS was the
observation that treatment of cells with the histone deacety-
lase inhibitor TSA induces skipping of the alternatively
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spliced fibronectin E33 and the neural cell adhesion molecule
(NCAM) exon 18 [58, 75, 76]. In a more physiological
context, depolarization of neuronal cells increases H3K9
acetylation and H3K36 methylation locally around the
alternatively spliced exon 18 of NCAM which correlates with
increased exon skipping [76] (Figure 3(b)). Interestingly,
no changes in histone acetylation were observed at the
NCAM promoter, suggesting that this reversible effect may
be due to an intragenic and local modulation of the
RNA Pol II elongation rate [76]. For instance, acetylated
and open chromatin would induce fast Pol II elongation
and skipping of the alternative exon. In line with these
observations, targeting of an intronic sequence downstream
of the alternatively spliced E33 of fibronectin with small
interfering RNAs induces local heterochromatinization and
increased E33 inclusion without changes in general tran-
scription levels [75] (Figure 3(c)). In addition, inhibition of
histone deacetylation, DNA methylation, H3K9 methylation,
and downregulation of heterochromatin protein 1α (HP1α)
abolish the siRNA-mediated effect on exon E33 splicing [75],
suggesting a role of these modifications in AS regulation.
Considering the multiple evidence for the involvement of
chromatin in siRNA effects on splicing, this mechanism
has been referred to as TGS-AS for transcriptional gene-
silencing-regulated AS [92] (Figure 3(c)).

Several other epigenetic modifications, including DNA
methylation, may also directly or indirectly act via histone
modifications to affect splice site decisions [83, 93, 94]. This
adds to the additional mechanism involving direct physical
crosstalk between chromatin and the splicing machinery via
an adaptor complex [7, 95, 96].

8. Conclusions and Outlook

The fact that transcriptional elongation is largely connected
to pre-mRNA processing and particularly to AS regulation
has boosted extensive efforts to understand its mechanisms
and physiological implications. The link to chromatin seems
to be the natural way in which elongation and splicing
are truly engaged and might indeed explain the poorly
understood mechanisms by which tissue- and cell-type-
specific AS patterns are established, propagated, and main-
tained. Although some cell- and tissue-specific differences in
expression of constitutive splicing factors have been reported
[97], it is tempting to speculate that, in analogy to the histone
code mechanisms used to specify gene expression, a histone-
based system may also encode information that specifies cell-
and tissue-specific AS patterns. As recently proposed, this
would provide an epigenetic memory for splicing decisions
likely to be heritable during proliferation and susceptible
to modification along differentiation, without the need for
major changes in the AS rules at each step of differentiation
[7]. Nevertheless, it still remains to be determined whether
the effects of histone modification on RNA processing are
heritable and therefore authentic epigenetic modifications or
whether they are just transient modulators.

Given the bidirectional nature of coupling, it is conceiv-
able that splicing might reciprocally feed back on the chro-
matin structure via affecting the transcription machinery. In

fact, besides recruiting splicing regulators such as SR proteins
or U2 snRNP subunits [25, 64], Pol II can interact with
histone modifiers such as the histone 3 lysine 36 (H3K36)
methyltransferase Set2 [98], known, for example, to regulate
histone deacetylation and prevent inappropriate initiation
within the body of transcribed genes [99]. This interesting
possibility would build up on the notion that transcription,
chromatin, and splicing are intimately dependent on each
other.

Future directions of the field will most likely aim at
a more comprehensive view on the histone modifications
role in AS. Histone modifications must be comprehensively
mapped on a genome-wide scale in multiple cell types and
tissues and compared to global AS patterns. New candidate
players will be most likely be studied, such as noncoding
RNAs recently shown to be involved in heterochromatin
structure and associated with AS regulation [100, 101]. Ulti-
mately, a better understanding of the multiple links between
transcription and splicing will head the way to decipher
the complexity of gene expression both in physiological and
pathological conditions.
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In response to extracellular stimuli, mitogen-activated protein kinases (MAPKs) modulate gene expression to maximize cell
survival. Exposure of yeast to high osmolarity results in activation of the p38-related MAPK Hog1, which plays a key role in
reprogramming the gene expression pattern required for cell survival upon osmostress. Hog1 not only regulates initiation but
also modulates other steps of the transcription process. Recent work indicates that other yeast signalling MAPKs such as Mpk1
modulate transcriptional elongation in response to cell wall stress. Similarly, mammalian MAPKs have also been found associated
to coding regions of stress-responsive genes. In this paper, significant progress in MAPK-regulated events that occur during the
transcriptional elongation step is summarized, and future directions are discussed. We expect that the principles learned from
these studies will provide a new understanding of the regulation of gene expression by signalling kinases.

1. Introduction

Signal transduction pathways allow cells to sense and
respond to extracellular stimuli. MAPK modules are con-
served signalling elements utilized in many intracellular
signal transduction pathways in eukaryotic organisms [1].
Each MAPK module is activated by specific types of stimuli
to induce specific adaptive response. The central core of
MAPK systems consists of a tier of kinases, a MAPK
kinase kinase (MAPKKK) that phosphorylates and activates a
MAPK kinase (MAPKK) on serine and threonine that in turn
phosphorylates the MAPK on a threonine (sometimes ser-
ine) and tyrosine residue. In yeast Saccharomyces cerevisiae,
there are several MAPK cascades (for reviews of function and
regulation in yeast MAPK signalling, see [2–8]).

The HOG (high osmolarity glycerol) pathway is activated
in response to osmostress by two upstream independent
branches that converge on the MAPKK Pbs2, which controls
Hog1 MAPK activity (see Figure 1) [2, 9–11]. Upon stress,
Hog1 translocated into the nucleus [12, 13]. The CWI (cell
wall integrity) pathway, which is comprised of Bck1, Mkk1/2,
and the Mpk1/Slt2 (and its pseudokinase paralogue Mlp1)
MAPK, becomes activated under a number of different
conditions that compromise the structure and function of

the yeast cell wall, including elevated growth temperature,
pheromone-induced morphogenesis, and chemical cell wall
antagonist (see Figure 1) [5, 14]. MAPK pathways are known
to be conserved during the evolution of the entire eukaryotic
kingdom. The Hog1 functional ortholog in mammalian cells
is the p38 family of stress-activated MAPKs (SAPKs) and
responds to several stresses [15, 16]. Mpk1 is a functional
homolog of human Erk5 (for extracellular signal-regulated
kinase), which is activated in response to growth factors as
well as various stresses [17].

In yeast, these two MAPKs play an important role in
controlling gene expression, and they both modulate tran-
scription initiation and elongation steps of the transcription
cycle. We will focus here on the role of Hog1 and Mpk1 in
regulation of transcription elongation.

2. An Overview of Regulation of Transcriptional
Initiation by Hog1 and Mpk1

Among other functions, Hog1 is a master regulator of
reprogramming gene expression in response to osmostress.
Upon stress, the yeast genome alters its expression pattern
up to 20% depending on the strength and duration of the
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Figure 1: The HOG and CWI pathways. CWI signalling pathway
is initiated at the plasma membrane through different sensing
mechanisms and is activated by Pkc1 upon different cell wall
stresses. The linear cascade consists in the Bck1 MAPKKK, which
activates a pair of redundant MAPKK (Mkk1 and Mkk2) that
in turn activates the Mpk1/Stl2 MAPK. In the HOG pathway,
two independent upstream osmosensing mechanisms lead to the
activation of the MAPKKK Ste11 and Ssk2/22. The Pbs2 MAPKK
integrates both signals and activates the Hog1 MAPK. Both
the HOG and CWI pathways are involved in the regulation of
transcriptional elongation by specific types of stimuli to induce
specific adaptive response.

stress [18–24]. A major part of these changes are regulated by
Hog1 through several unrelated transcription factors such as
Msn2/4, Hot1, Smp1, or Sko1, which work in combination
at the specific stress-dependent promoters [19, 21, 25–28].
Recently, it has been reported the dynamics of binding of
these transcription factors to their target genes in response
to osmostress [19, 25]. The integration of this analysis
with gene expression patterns reveals a complex dynamic
and hierarchical network in which specific combinations of
transcription factors activate distinct sets of genes at discrete
times to coordinate a rapid and transient stress-adaptive
response [25]. It is well known that, when transcription is
initiated in response to osmostress, the MAPK is recruited
to the osmoresponsive genes by specific transcription factors
[26, 27, 29–31] and directly phosphorylates some of them
[32–34]. Once bound to chromatin, Hog1 serves as a
platform to recruit the RNA Pol II [32] and associated
general transcription factors such as the Mediator or SAGA
[30, 35] as well as histone-modifying factors [36]. It is worth
noting that Hog1 is not the unique kinase that binds to
chromatin. Actually, most MAPKs in yeast associate with
genes that are their targets of transcriptional control [27, 37].
Further details in the regulation of transcriptional initiation
by MAPKs and their implications for understanding control
of gene expression are described in [38–40].

In response to cell wall stress, two known transcription
factors, Rlm1 and SBF (Swi4 and Swi6), are controlled by
Mpk1 by different mechanisms. Whereas Rlm1 is activated
through direct phosphorylation [41–44], SBF is activated by

a noncatalytic mechanism [37, 45–47]. Swi4 forms a complex
with Mpk1 upon stress, and it associates with SBF-binding
sites in the promoters of cell wall stress target genes [48].
Moreover, Mpk1 regulates Swi6 nucleocytoplasmic shuttling
in a biphasic manner: first, formation of the Mpk1-Swi4
complex recruits Swi6 to the nucleus for transcriptional
activation and, second, Mpk1 negatively regulates Swi6 by
phosphorylation, which inhibits nuclear entry [49, 50].

3. The Hog1 MAPK Regulates
Transcriptional Elongation

The transcription cycle consists of several steps, and elon-
gation is a critical phase of transcription susceptible of
strong regulation [51–53]. In addition to its association to
promoters, Hog1 is also present at coding regions of stress-
responsive genes, suggesting to have a more general role
as chromatin-associated enzyme than previously expected.
Actually, genome-wide chromatin binding of the MAPK has
revealed that Hog1 is recruited to most of the transcribed
regions of osmoinducible genes [26, 27]. Moreover, it
is recruited to transcribed regions independently of the
promoter bound-specific transcription factors dedicated
to osmostress adaptation. By uncoupling Hog1-dependent
transcription initiation from transcription elongation, it has
been demonstrated that binding of Hog1 to stress-responsive
coding regions depends on the 3′UTR regions. However, how
SAPK is recruited to these specific 3′regions in response to
stress remains so far unknown [31].

Which are the tasks of Hog1 at coding regions is still an
open question. Recruitment of the kinase to the open reading
frames (ORFs) is essential for an increased association of
RNA Pol II and proper mRNA production in response to
osmostress [31]. Moreover, Hog1 interacts with elongating
RNA Pol II (phosphorylated at serine 2 and 5 of the C-
terminal domain) as well as with general components of
the transcription elongation complex. It is worth noting
that the catalytic activity of Hog1 is required both for its
binding to chromatin and to stimulate mRNA production
during the elongation process. However, the identification
of phosphorylation events mediated by the MAPK during
transcription elongation remains open.

Binding of Hog1 to the stress-responsive ORFs is re-
stricted temporally. Although the initial recruitment of the
MAPK and RNA Pol II is similar, Pol II association is
observed for a longer period upon osmostress, whereas
binding of Hog1 is restricted at the initial phase of elongation
[31]. This suggests a role for the MAPK at early stages of the
elongation process. Chromatin structure is tightly regulated
through multiple mechanisms, including chromatin remod-
elling, histone variant incorporation, histone eviction, and
histone modification [54–56]. Actually, several genome-wide
studies found a significant loss of histones from the promoter
and coding regions of heavily transcribed genes throughout
the genome [57].

Nucleosome positioning of stress-responsive loci is
altered dramatically in a Hog1 MAPK-dependent manner
during osmostress [58]. Hog1 physically interacts with the
RSC chromatin remodelling complex to direct its association
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with the coding regions of osmoresponsive genes and
allow for nucleosome rearrangements during transcriptional
elongation upon stress. In the RSC mutants, RNA Pol II accu-
mulates on stress-dependent promoters but not in coding
regions. Moreover, the RSC mutants display reduced stress
gene expression and enhanced sensitivity to osmostress [58].
Other chromatin remodelling complexes such as INO80
associated with the ORFs of stress genes in a stress-specific
way [59, 60]. Mutants defective in subunits of the INO80
complex, as well as in several histone chaperone systems, lead
to globally increased transcript levels upon osmostress and
delayed repositioning of histones in ORF regions of stress
genes. Thus, it seems that INO80 is relevant for the efficient
downregulation of stress genes under acute stress conditions.

Single-cell experiments have shown that Hog1 nuclear
accumulation increases linearly with stimulus. However,
at low stress levels, the transcriptional output shows two
distinct subpopulations, one responding and the other one
not. Of note, this bimodality is reflected in chromatin
remodelling and depends on both the retention time and
concentration of Hog1 in the nucleus [61]. Thus, chro-
matin dynamics, together with transient MAPK activation,
determines a transcriptional threshold in response to linear
increase in signalling upon stress.

4. The Mpk1 MAPK Serves in
Transcription Elongation

The role of MAPK in the modulation of transcriptional
elongation is not restricted to Hog1. Other yeast signalling
kinases, such as Fus3, PKA, or Mpk1, have been reported
to associate to coding regions of activated genes [62]. Mpk1
associates with the coding region of the FKS2 gene in
response to cell wall stress although such binding does not
require MAPK kinase activity [49]. This diverges from Hog1,
where catalytic activity is essential for kinase recruitment.

How does Mpk1 associate with the FKS2 coding region
during transcription? Mpk1 is tethered to the elongation
complex through its interaction with RNA Pol II-associated
complex Paf1C complex [49, 63, 64]. Paf1 subunit interacts
directly with Mpk1 through its docking motif (D-motif)
in a cell wall stress-dependent manner. Interaction between
both proteins requires the Swi4 and Swi6 but not Rlm1
transcription initiation factor. The paf1-4A mutant, which is
unable to interact with Mpk1, is deficient for transcription
elongation of the FKS2 gene and renders cells sensitive to
cell wall stress. Actually, in this mutant, Mpk1 is recruited
to the promoter but does not progress into the coding
region of FKS2 in response to stress [49]. This is again a
different scenario when compared to Hog1 and osmostress,
since Mpk1 is moving from the initiation to the elonga-
tion complexes using the Paf1 complex as a scaffold. Of
note, Paf1 and Hog1 are able to coimmunoprecipitate in
response to osmostress [31] if such interaction is through
the D-motif in Paf1 remains to be elucidated. A large
number of short sense transcripts across the FKS2 promoter-
proximal region terminate under noninducing conditions
[65, 66]. The critical function of the Mpk1-Paf1 association

in transcription elongation is to prevent such premature
termination under inducing conditions. Indeed, Mpk1-
Paf1 interaction blocks recruitment of the Sen1-Nrd1-Nab3
termination complex to allow effective elongation of cell-
wall stress genes [49]. Therefore, it is becoming increasingly
apparent that yeast MAPKs play a key role in regulation
of transcriptional elongation in response to cellular stress
although the molecular mechanisms involved differ among
kinases.

5. MAPK Signalling and Transcriptional
Elongation in Higher Eukaryotes

Binding of signalling kinases to chromatin has been now
shown in organisms other than yeast. Several reports support
an essential role of p38 MAPK in the regulation of tran-
scription upon inflammation and stress responses [67, 68]
as well as during cell growth and differentiation [69–71].
In response to stress, p38 associates to chromatin as Hog1
does in yeast and allows for recruitment of RNA Pol II and
transcriptional initiation. Similarly, anchoring of active p38
to target stress-dependent promoters is mediated by specific
transcription factors [72]. Moreover, p38 is also present at
coding regions depending on its activity upon stress, clearly
suggesting that it might be travelling along with the nascent
mRNA elongating machinery in a similar way as described in
yeast [72]. Actually, it is described that the MAPK interacts
with the RNA Pol II in mammalian cells [32].

p38 controls skeletal muscle differentiation by regulating
the sequential activation of myogenic regulatory factors
and their transcriptional coactivators, including chromatin
remodelling enzymes (reviewed in [73]). However, whether
the MAPK has a specific role during transcriptional elonga-
tion in muscle differentiation remains to be determined.

The extracellular signal-regulated kinase (ERK) pathway
also regulates gene expression. Erk1 is activated by proges-
terone and phosphorylates the progesterone receptor. Then,
a complex of activated progesterone receptor, Erk1, and its
target kinase Msk1 is recruited to the target promoters, where
Msk1 phosphorylates histone H3 at serine 10 promoting
chromatin remodelling and gene regulation (reviewed in
[74, 75]). Once more, the specific role of the Erk1 kinase in
transcriptional elongation in response to progestins remains
to be elucidated.

When expressed in yeast, the human Erk5 MAPK is
activated in response to cell wall stress and suppresses the
phenotypic defects of a mpk1 mutant. Moreover, Erk5 is able
to activate gene expression through Rlm1 as well as SBF
transcription factors [17, 37]. There are evidences suggesting
that MAPK regulation of Paf1C function is conserved in
humans. Actually, Erk5 can interact with a predicted D-motif
in the human PD2/PAF1 within the same region as that
found in yeast Paf1 to drive transcription elongation [47].

Therefore, it is likely that MAPK regulation of tran-
scription in higher eukaryotes is not restricted to initiation
but also to elongation upon stress and that MAPK-driven
mechanisms are conserved among eukaryotic cells.
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6. Conclusions

Proper adaptation to stress is critical for cell survival.
There has been a number of signalling networks involved
in stress signal transduction, and, amongst them, MAPK
signalling networks stand out. One important piece of the
different adaptive strategies consists of a massive reorga-
nization of the gene expression capacity. Protein kinases
not only phosphorylate target proteins, but also themselves
become part of the transcriptional complex. This suggests
a new scenario in which signalling kinases, rather than
simply relaying the signal to the transcriptional effectors,
may function as integral components of the transcriptional
complexes that activate expression of distinct target genes
(see Figure 2). Actually, several recent reports have shown
that the role of MAPK in the regulation of the transcription
cycle is not limited to transcription initiation but rather
extends to the process of transcriptional elongation. For
instance, the Hog1 MAPK fits with the description of a
bona fide elongation factor, with the feature that its role
in elongation is restricted to osmoresponsive genes, and it
has a pivotal role in nucleosome remodelling upon stress.
Moreover, other MAPKs such as Mpk1 block premature
transcription termination of stress-induced genes. Further
studies are required to establish whether the mechanisms by
which Hog1 and Mpk1 regulate transcriptional elongation
are conserved in both MAPKs.

We are just beginning to understand the overlapping
link between signal transduction pathways and modulation
of transcriptional elongation. The molecular mechanisms
of such relationship are far from fully being understood.
For example, one unresolved question is how the MAPK
Hog1 is recruited specifically to the osmo-responsive coding
regions. Is there some special feature in the 3′UTR region
of stress-dependent genes targeting the kinase? or is there
some transcription elongation factor that specifically recruits
the kinase? Another key question remaining in the field is
which are the phosphorylation events mediated by MAPK
on the transcriptional elongation machinery. Although it is
clear that there are noncatalytic functions in transcription
regulation by MAPK, activity of Hog1 is needed for the
recruitment of the kinase onto the promoters and coding
regions of osmostress-responsive genes. Recent findings shed
light on the link between upstream signalling kinases and
direct phosphorylation of histones and/or histone mod-
ifiers (reviewed in [76]). Moreover, transcriptional stress
responses and the chromatin structure are tightly linked [77,
78]. Why regulation of Paf1 by Mpk1 only affects those cell
wall stress-activated genes that are under the control of the
noncatalytic Mpk1 pathway is another question that remains
unsolved. And in these lines, are the Rlm1-dependent genes
regulated by the MAPK during transcriptional elongation?

Last but not least, to what extent regulation of transcrip-
tional elongation will apply to other yeast and mammalian
signalling modules will be interesting avenues for future
investigation. In any case, it is becoming clear that mech-
anisms, which regulate transcription, have been preserved
from yeast to mammals.
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Figure 2: Regulation of transcriptional elongation by MAPK
signalling pathways. Mpk1 and Hog1 MAPKs are key regulators
of transcription in response to specific stresses. Whereas activated
Mpk1 is moving from initiation to elongation complexes through
its interaction with Paf1C complex, binding of Hog1 to the ORFs
seems to be dependent on the 3′UTR region of the osmoresponsive
gene. Association of Mpk1 with Paf1 serves as an antitermination
factor by blocking recruitment of the Sen1-Nrd1-Nab3 termination
complex to the cell wall stress-responsive gene. Hog1 acts as a stress-
specific transcription elongation factor (TEF) and targets selectively
the RSC complex to osmoinducible ORFs, which displaces nucleo-
somes contributing to the efficient activation of transcription.

Acknowledgments

The authors thank all the members of the Cell Signaling
Unit. They apologize to colleagues whose work could not be
cited due to size limitation. The laboratory of F. Posas and E.
de Nadal is being supported by Fundación Marcelino Botı́n
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