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Received 17 July 2014; Accepted 17 July 2014; Published 4 August 2014
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Numerous recent studies have expanded our knowledge on
the complexity of the immune system and its contribution
to skeletal muscle repair, aging, and myopathies. Indeed, it is
becoming clear that a precisely regulated cross talk between
muscle and immune cells, involving endocrine/paracrine and
cell-cell contact interactions, is required for muscle repair
and maintenance of muscle homeostasis. Alterations of these
mechanisms lead to unsuccessful repair in response to direct
mechanical trauma (acute injury) or following secondary
damage as a consequence of aging or genetic neuromuscular
defects. In fact, though the capacity of muscle to regenerate
relies primarily on a specific population of muscle stem cells,
named satellite cells, the inflammatory cells that infiltrate
the injured muscle appear to be as critical for successful
regeneration. Conversely, if damage persists, as in chronic
myopathies, inflammatory cell infiltration is perpetuated and
leads to progressivemuscle fibrosis, thus exacerbating disease
severity.

While the number of scientific publications on the topic of
skeletal muscle inflammation has steadily grown over the last
two decades, the notion of inflammation as a common feature
in muscle degeneration occurring in aging and myopathies
and its association with altered muscle has to our knowledge
never previously been addressed and discussed in dedicated
journal issues before.

The main focus of this special issue is to bring together
studies that used different experimental approaches in vivo or
in vitro to dissect the dynamic changes taking place in specific

immune cell populations, their cross talk with other cell types
within the muscle milieu, and their contribution to normal
versus pathological muscle repair.

Among the seven review articles, E. Rigamonti et al.
discuss the current available literature about the role of
macrophage populations in tissue injury and repair with
a particular focus on skeletal muscle regeneration. Beyond
their role in innate immunity, macrophages are now recog-
nized as crucial players in orchestrating the healing of various
injured tissues, including skeletal muscle. In this review the
authors discuss the involvement of specific macrophage sub-
populations in these processes and the complexity of defining
macrophage subpopulations in vivo, since the in vitro criteria
used to define M1 and M2 macrophages cannot be strictly
applied to in vivo settings. Indeed, it is still a matter of debate
whether the sequential presence of different macrophage
populations results from a dynamic shift in macrophage
polarization or from the recruitment of new circulating
monocytes. Thus, to identify the molecular determinants of
macrophage polarization is certainly one of the major tasks
in developing effective targeted therapies for genetic defects
of the tissue and muscle diseases associated with chronic
inflammation.

However, although macrophages are emerging as indis-
pensable for damage control and tissue remodeling following
muscle injury and as principal mediators of pathological
skeletal remodeling in diseases such as idiopathic inflam-
matory myositis (IIMs) and muscular dystrophies (MDs),
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the involvement of other immune cells in promoting or
preventing muscle damage resolution is also emerging. The
current knowledge and recent advances on the involvement
of different innate immune cells in MDs and the emerg-
ing role of additional cell populations within the acquired
immune response are being discussed in the review article by
L. Madaro and M. Bouché.

It is widely believed that any disruption in the coordi-
nated initiation, progression, and resolution of inflammation
can lead to persistent muscle damage and impairment of
regeneration, which in many cases is also characterized by
development of fibrosis, as observed in MDs. Indeed, the
process of fibrosis, whose underlying mechanisms are not
fully elucidated yet, represents one important deleterious
consequence of impaired muscle repair. In this special
issue, Y. Kharraz et al. discuss new developments in our
understanding of the mechanisms leading to fibrosis in
Duchenne muscular dystrophy (DMD) and several recent
advances towards reverting it, as well as potential treatments
to attenuate disease progression.

Although blunting inflammation would not restore the
primary defect in MDs, the emerging consensus is that mul-
tiple strategies addressing different aspects of the pathology,
which may eventually converge, may be successful. Indeed,
various therapies under development are directed toward
rescuing the dystrophic muscle damage using gene transfer
or cell-therapy.

A. Farini et al. discuss current knowledge about involve-
ment of immune system responses to experimental therapies
in MDs and how the different components of the immune
system response are differently activated against cell- or gene-
therapy both in a specific manner, linked to the type of
cell or vector used, and according to MDs-specific immune-
pathogenetic mechanisms.

In this context, S. M. Maffioletti et al. give an in-
depth overview of the main players and issues involved in
the mechanisms and dynamics that impair the efficacy of
cell transplants in DMD and discuss potential approaches
that might be beneficial for future regenerative therapies of
skeletal muscle.

Muscle wasting linked to immune response is not, how-
ever, a feature restricted to genetic diseases.

In cancer cachexia, for example, inflammatory cytokines
are important not only to establish tumor-host interaction
and deregulate inflammatory response to tumor burden,
but also to mediate muscle wasting by directly targeting
muscle tissue. In the review by J. K. Onesti and D. C.
Guttridge a summary of the clinical implications, background
of inflammatory cytokines, and the origin and sources of
procachectic factors is provided. Molecular mechanisms and
pathways are also described to elucidate the link between
the immune response caused by the presence of the tumor
and cytokine-dependent inhibition of muscle regeneration,
ultimately resulting in muscle wasting.

Muscle wasting is also a feature of IIMs, a wide range
of autoimmune diseases, characterized clinically by reduced
muscle endurance and weakness, chronic inflammation,
and infiltration by immune/inflammatory cells in skeletal

muscles. Treatments for IIMs are based on lifelong immuno-
suppressive therapy, which comes with well-known adverse
effects; recovery is incomplete for many patients. More effec-
tive therapies, with reduced side effects, are highly desirable.
In this context, C. Crescioli proposes vitamin D receptor
(VDR) agonists as candidates in future treatment of IIMs. In
her review she summarizes the pleiotropic anti-inflammatory
properties of VDRs with potentially limited adverse effects.

Similarly, A. Costa et al., in one out of the four original
contributions in this issue, propose Arg-vasopressin- (AVP-)
dependent pathways as an interesting strategy to counteract
muscle decline in aging or myopathies. Indeed, the authors
show that overexpression of the AVP receptor V1a in skeletal
muscle in vivo increases the expression of regenerative mark-
ers,modulates immune response, and attenuates fibrogenesis,
thus enhancing muscle regeneration and counteracting the
negative effects of the proinflammatory cytokine TNF.

On the other hand, M. Pelosi et al. addressed the effects
of IL-6, a multifaceted pleiotropic cytokine, on the myogenic
program. In physiological conditions IL-6 is required for
muscle homeostasis, but in several pathological conditions
its level increases and it contributes to muscle wasting. In
this paper the authors explored the molecular mechanisms
underlying IL-6-dependent inhibition of the myogenic pro-
gram and identified potential molecular mediators of these
effects.

It is well known that the inflammatory response plays
an important role also in the development of ischemic heart
disease. In this context, G. D. Duerr et al. demonstrate in this
issue that osteopontin (OPN) has a cardioprotective effect.
OPN is a matricellular protein and cytokine involved in the
regulation of macrophage function and as a remodeling-
associated mediator in different tissues. Using in vivomodels
they show that lack of OPN prevents heart remodeling
in a murine model of ischemic cardiopathy, altering the
expression of contractile elements and chemokines, as well as
remodeling factors. These findings may further support the
therapeutical perspective for osteopontin as a possible target
in protection of the ischemic heart.

To conclude this special issue, C. Sciorati et al. charac-
terize the ability of the 7-Tesla magnetic resonance imaging
(MRI) to reveal specific inflammatory events in the skeletal
muscle using a mouse model of IIM. One of the limits in
understanding the etiopathogenesis of muscle inflammatory
diseases is the paucity of approaches for the noninvasive
study of inflamed tissues. The authors provide an in-depth
noninvasive characterization of this myositis model, proving
the efficacy of MRI as an informative and noninvasive
analytical tool for studying in vivo immune-mediated muscle
involvement. Indeed, the availability of noninvasive tools to
monitor muscle inflammation will permit reduction in the
number of animals necessary for experimental studies and
will increase the amount of relevant information that can be
derived from single animals followed over time. At the same
time, this imaging modality will complement information
derived from histopathological studies that encompass only
limited areas of tissue and therefore suffer from potential
sampling bias.
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What emerges from this special issue is that
inflammation-regulated muscle repair in aging and disease
is an active and rapidly advancing research field, and we
hope that the papers here collected will help to connect
fundamental science with biomedical research on severe
myopathies, with the aim of opening new venues for therapy.
It is our wish that these papers will also be a useful tool for
the inflammation and skeletal muscle research community
and that they will attract and motivate investigators from
different scientific areas to this important field of research.
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Treating muscle disorders poses several challenges to the rapidly evolving field of regenerative medicine. Considerable progress
has been made in isolating, characterizing, and expanding myogenic stem cells and, although we are now envisaging strategies to
generate very large numbers of transplantable cells (e.g., by differentiating induced pluripotent stemcells), limitations directly linked
to the interaction between transplanted cells and the host will continue to hamper a successful outcome. Among these limitations,
host inflammatory and immune responses challenge the critical phases after cell delivery, including engraftment, migration, and
differentiation. Therefore, it is key to study the mechanisms and dynamics that impair the efficacy of cell transplants in order to
develop strategies that can ultimately improve the outcome of allogeneic and autologous stem cell therapies, in particular for severe
disease such as muscular dystrophies. In this review we provide an overview of the main players and issues involved in this process
and discuss potential approaches that might be beneficial for future regenerative therapies of skeletal muscle.

1. Introduction

Stem cell therapies hold promises for a plethora of conditions
involving the loss or damage of resident tissue progeni-
tors, including skeletal muscle. Skeletal muscle is the most
abundant human tissue and its accessibility makes it a good
candidate for protocols based upon the delivery of stem cells
as a medicinal product. Disorders affecting skeletal muscle
can be acute, such as trauma-related tissue damage or loss,
and chronic, such as tissue wasting in muscular dystrophies,
as typical of Duchennemuscular dystrophy (DMD), themost
common paediatric inherited muscle disorder. DMD is an X-
linked progressive and degenerative myopathy characterised
by muscle wasting and weakness, which ultimately leads
to loss of ambulation in puberty, cardiac and respiratory
involvement, and premature death [1].

Different cell therapy strategies have been tested, in
particular for chronic skeletal muscle disorders, using diverse

types of cells with myogenic potential derived from muscle
(e.g., satellite cells/myoblasts, muscle derived stem cells), ves-
sels (e.g., pericytes and their progeny, mesoangioblasts), bone
marrow, blood, or embryonic tissues, including, recently,
induced pluripotent stem cells (reviewed in [2]). Some of
these cells, such as mesoangioblasts, are currently com-
pleting clinical experimentation for DMD. However, the
data obtained from this multitude of studies resulted in
promising but suboptimal efficacy in restoring functional
skeletal muscle tissue. Therefore, there is still no efficacious
cell therapy-based treatment for muscle diseases. The rea-
sons behind this are linked to challenges associated with
the medicinal product (myogenic stem cells) and with the
target tissue, the multinucleated, abundant, and widespread
skeletal muscle [3]. General bottlenecks of cell therapies are
represented by the availability of an adequate number of stem
cells to transplant, which includes problems related to the
harvesting from donors or from the same patient, genetic
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correction (in case of autologous transplant), maintenance of
myogenic potential prior to transplantation, and large scale
amplification in culture under appropriate conditions and by
their compatibility with the host immune system. Specific
hurdles related to skeletal muscle are due to some of the
tissue’s intrinsic features. First of all, skeletal muscle is the
most abundant tissue in the human body (several kilograms
per individual) and hence cell replacement strategies require
high numbers of transplantable progenitors (several million
per kilogram). Moreover, the administration route greatly
influences the extent of grafting [4]. Indeed transplanted cells
undergo a limited, although variable, migration from the site
of injection that decreases the efficiency of the treatment.
Intra-arterial delivery of the cells is an alternative, but it
is limited to cells that have the ability to cross the vessel
wall (such as pericyte-derived mesoangioblasts and CD133+
cells) [2]. This issue might be of minor relevance for the
treatment of localized disorders but remains one of the most
important to be overcome for the treatment of systemic
muscle pathologies.

In addition to the aforementioned problems, a complex
immune response further complicates and impairs the out-
come of cell transplants. Data from myoblast transplantation
studies indicate that 90% of donor cells are cleared within
the first hour after transplantation by cell-mediated immune
responses [5–7]. Moreover, muscles affected by chronic dis-
eases are in a state of persistent inflammation and are char-
acterized by an abundant infiltrate of immune cells that may
hamper extensive grafting, proliferation, and differentiation
of the transplanted stem cells into functional muscle tissue.
The aim of this review is to give a general overview on the
role of the immune system in the context of skeletal muscle
regeneration focusing on the interaction of immune cells and
transplanted stem cells in cell therapy strategies for muscular
dystrophies. Inflammatory myopathies [8] represent another
broad spectrum of muscle disorders with a predominant
immunological aspect. Although in this type of disorder the
immune system plays a primary role in provoking the muscle
pathology, this will not be discussed here as it goes beyond
the scope of this review.

2. Immune Response during
Muscle Regeneration

Skeletal muscle originates from embryonic mesoderm and
each muscle is composed of several muscle fibres (its func-
tional unit). Each myofibre is a large syncytium containing
numerous nuclei within the same cytoplasm [9]. The fibres’
plasma membrane (also known as sarcolemma) is in tight
contact with the satellite cells, the main resident stem cell
population of skeletal muscle [10, 11].The satellite cell niche is
indeed localised between the basement membrane encircling
each myofibre and the fibres’ sarcolemma. Skeletal muscle
has a conspicuous regenerative ability and relatively large
injuries can be repaired in a few weeks. Upon activation
satellite cells produce transit-amplifying progenitors called
myoblasts (which will fuse with preexisting fibres or generate
new fibres) and give also rise to stem cells able to maintain

the pool of undifferentiated satellite cells for further rounds
of regeneration (reviewed in [12]). This regeneration process
is tightly orchestrated and entails the interplay of different cell
types of muscle origin but also inflammatory and immune
cells (Figure 1). Indeed the latter plays a very important role
in all the stages of the process and alterations to any of the
components impair the regenerative response.

2.1. Muscle Regeneration in Acute Injury. In skeletal muscle,
acute injury either by myotoxin injection, freeze, crush, or
exercise-related damage triggers a stereotypical response.
Injury initiates an innate immune response characterized by
proinflammatory cytokines. Soon after damage, a wave of
neutrophils invades the area with a peak in their concentra-
tion at 24 hours followed by a rapid decrease [13]. Neutrophils
release proinflammatory molecules (such as CXCL8 and
interleukin-6 (IL-6)) that recruitmacrophages into the tissue.
Resident macrophages, present in the interstitial spaces of
the epimysium and perimysium, play key roles especially in
the first phases of acute injury [14]. Macrophages are rapidly
activated and polarized towards a M1 inflammatory pheno-
type (“classically activated” macrophages). Neutrophils and
M1 macrophages produce an array of molecules, including
cytokines, chemokines, nitric oxide, and prostaglandins that
sustain and amplify local inflammation [15].

Tumour necrosis factor 𝛼 (TNF𝛼) is the main proinflam-
matory cytokine present upon skeletal muscle damage [16].
It is initially released by degranulation of resident mast cells
followed by infiltrating neutrophils andmacrophages [17, 18].
Importantly, TNF𝛼 promotes activation and proliferation of
satellite cells [19] while inhibiting their differentiation [20–
22]. These effects are mediated by the activation of nuclear
factor kappa B (NF-𝜅B) [23].

Chemokine (C-Cmotif) ligands 2, 3, and 4 (CCL2, CCL3,
and CCL4) are chemoattractant molecules that play a signif-
icant part in muscle regeneration and their receptors, CCR2
and CCR5, are upregulated following skeletal muscle injury
[24, 25]. Data obtained from knock-out mice showed that
CCR2 is required for macrophage invasion of the injury site,
with impaired regeneration in CCR2-null mice in parallel
with a slowed revascularization of the injured area [26].
Moreover, satellite cells and myoblasts constitutively express
CCR1, CCR2, CCR4, and CCR5 [27].

M1 macrophages express the inducible nitric oxide syn-
thase (iNOS) and hence release nitric oxide (NO) in the
injury site. AlthoughNOcandamagemuscle cellmembranes,
it also facilitates tissue debris clearance by targeting them for
phagocytosis [28]. In addition, oxidative stress caused by NO
stimulates satellite cell proliferation [29], a process essential
for muscle regeneration.

Other key molecules present in the inflammatory phase
of muscle regeneration are prostaglandins. These signalling
molecules are derived from the metabolism of arachidonic
acid by cyclooxygenases (COX) and expression of COX-1
and COX-2 is indeed very high in injured muscles [30]. The
effects of prostaglandins have been reported in all the stages
of muscle regeneration, from satellite cells proliferation [31]
to differentiation [32] and fusion [33].
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Figure 1: Dynamics of inflammation and muscle regeneration in acute and chronic injury. Acute muscle injury (a) triggers local release of
chemoattractants that induce PMNs and M1 invasion into the damaged tissue. PMNs and M1 release an array of molecules (such as NO)
that further amplify local inflammation, contributing to debris clearance and SC activation. This initial Th1-driven inflammation is later
overcome by an anti-inflammatory response that coincides with a M1-to-M2 switch. By day 4 Tregs reach the site of injury, modulating
Tconv expansion and activation and SC differentiation through amphiregulin release. M2 andTh2 cytokines reduce local inflammation and
contribute to SCs differentiation, thus promoting the latest stages of muscle regeneration. Upon damage repair, SCs return to quiescence.
Chronic muscle injuries (b) are characterised by persistent inflammation. Muscles feature infiltrates of PMNs, M1 together with M2, Tconv,
and Treg; moreover, the simultaneous release of pro- and anti-inflammatory molecules promotes incomplete tissue regeneration and fibrosis.
The SC pool undergoes depletion due to continuous rounds of activation and differentiation, resulting in terminalmuscle wasting. SC: satellite
cells; PMN: neutrophils; M1:M1macrophages;M2:M2macrophages; Tconv: CD4+ conventional T cell; Tregs: CD4+ Foxp3+ regulatory T cell;
NO: nitric oxide; Red box: Th1-driven response; Green box; Th2-driven response.

The M1-driven tissue inflammation is gradually over-
come by an anti-inflammatory response due to a switch
in macrophage phenotype, from M1 to M2 (“alternatively
activated”) [34]. M2-polarized macrophages are activated
by anti-inflammatory Th2 cytokines such as IL-4, IL-10,
and IL-13 that attenuate the inflammatory response through
M1 deactivation [35]. Moreover, IL-4 and IL-10 act directly
on muscle cells, inducing myogenin expression and sub-
sequent differentiation and fusion [34, 36]. Hence, while
M1 macrophages contribute to creating an inflammatory
environment that helps clearing cell debris and activating

satellite cells, M2 macrophages reduce inflammation and
promote myogenic differentiation.

Although molecules are secreted by immune cells shape
regeneration, the muscle is not a passive bystander. Indeed
it releases a series of cytokines and chemokines collectively
referred to as “myokines” [37] which also include IL-6, TNF𝛼,
and CCL2 [38, 39]. Aside from proinflammatory functions,
IL-6 was demonstrated to have both an autocrine function
on satellite cell proliferation and muscle hypertrophy [40]
and paracrine effects when released into the circulation (on
glucose metabolism and lipolysis) [41].



4 BioMed Research International

2.2. Regeneration in Chronic Muscle Disorders. While acute
muscle injuries are characterized by a self-limiting physi-
ological inflammatory reaction, chronic muscle conditions
are generally associated with persistent inflammation. Recent
data indicate that inflammation plays an active part in the
pathology [42]. Chronic myopathies are a heterogeneous
group of diseases characterized by progressive muscle wast-
ing and includemuscular dystrophies (e.g., DMD),whichwill
be the focus of this review.

The important role of inflammation in muscular dystro-
phies is supported by the efficacy of corticosteroid treatments
in improving muscle strength and function in the short term
in patients [43]. Indeed muscular dystrophies are generally
characterized by an infiltrate of inflammatory neutrophils
and phagocytic M1 macrophages that produce inflammatory
cytokines andNO, as in the case in acute injuries [44]. A hall-
mark of chronic muscle pathologies is the infiltration of M2
macrophages at early stages; this differs from acute muscle
injury, where M2 macrophages invade the tissue only at later
time points. M2 macrophages express the enzyme arginase,
which shares its substrate (arginine) with iNOS expressed
by M1 macrophages and this M1-M2 substrate competition
decreases NO production [44]. M2 macrophages also induce
a Th1-Th2 shift of cytokine production, with an increase of
IL-4 and IL-10, which can deactivate M1 macrophages [35].
ThisTh2-dominated environment also induces the activation
of eosinophils that promote muscle fibrosis through major
basic protein-1-mediated processes [45]. Data obtained from
mdx mice and DMD patients suggest that, besides the innate
immune response, some degree of cellular immunity is also
involved [46, 47]. DMD muscles are in fact characterized
by the presence of infiltrating T cells expressing a highly
conserved peptide in the hypervariable domain of the T-cell
receptor, suggesting a breakdown in peripheral tolerance [46,
48]. Recently, dystrophin-specific T-cell responses have been
described in a considerable proportion of DMD patients.
Of interest, the incidence of such responses was lower
in the cohort of patients receiving deflazacort (a steroid)
than in untreated ones, suggesting that the modulation of
cellular immunity may contribute to the beneficial effect of
corticosteroid treatment [48].

Other chronic disorders characterised by an altered
regenerative and inflammatory pattern in the affected mus-
cles include, for example, the groups of facioscapulohumeral
muscular dystrophy (FSHD) and the limb girdle muscular
dystrophies (LGMDs). Although these disorders are caused
by different genetic alterations, both FSHD and LGMD have
been shown to present clear hallmarks of inflammation
(e.g., in FSHD1A [49] and LGMD2B [50]). However, the
relevance to the onset and progression of the pathology
remains ambiguous.

3. Immunologically Relevant Molecules
Expressed by Muscle Cells

In both physiological and pathological conditions, there is an
active interplay betweenmuscle cells and cells of the immune
system.This interaction is made possible by a shared panel of

soluble and transmembrane molecules that transduce signals
and form functional synapses between the two cell types [51,
52]. Beyond the already discussed soluble factors (cytokines
and chemokines) and their receptors, muscle expresses other
immunologically relevant molecules.

Toll-like receptors (TLRs) are the principal activators of
the innate immune response. TLRs are expressed onmultiple
cell types (such as dendritic cells and macrophages) and
generally respond to “danger signals” (e.g., pathogens and
damage associated molecules) triggering the production of
inflammatory cytokines and chemokines. In vitro studies
demonstrated that murine myotubes express TLR2, TLR4,
TLR5, and TLR9 [53]. Notably, a study showed that TLR3
is expressed in muscle biopsies of patients with chronic
myopathies and that TLR3 activation on human myoblasts
triggers a downstream cascade leading to NF-𝜅B activation
and ultimately IL-8 production [54].

In vitro, myoblasts constitutively expressmajor histocom-
patibility complex I (MHC I), which is upregulated upon
inflammatory stimuli, such as IFN𝛾. IFN𝛾 also induces the
expression of MHC II in muscle cells [55, 56]. In vivo,
muscle fibres do not express MHC I or MHC II under
physiological conditions [57], but they are expressed at high
levels in inflammatory muscle disorders [58]. Due to the
inducible MHC I/II expression, muscle cells are considered
to be nonprofessional antigen presenting cells (APCs) and
thus have the capacity to trigger T-cell-mediated immune
response. In this context, it was demonstrated that human
muscle cells possess all the intracellular machinery required
for antigen processing in the context of MHC I/II presenta-
tion [59, 60]. Moreover, presence of fibroblast growth factor
(FGF) in dystrophicmuscle [61]may on the one hand regulate
proliferation of myogenic progenitors [62] but on the other
hand lead to expression of the MHC class II receptor HLA-
DR, as it has been identified in human mesenchymal stem
cells [63]. Aside fromMHCmolecules, myoblasts can express
a nonclassical MHC I molecule, human leukocyte antigen-
G (HLA-G), under inflammatory conditions [64]. HLA-G is
a molecule with very low polymorphism and it is generally
considered tolerogenic because of its role in maternal-foetal
tolerance [65] and graft acceptance [66].

Canonical costimulatory molecules, such as the CD80
and CD86, required together with MHC for T-cells activa-
tion, have not been identified onmuscle cells [67, 68]. CD40-
CD40 ligand interaction is another key signal required in
both humoral and cellular immunity. CD40 is usually present
on the membrane of APCs and CD40 ligand on activated
CD4+/CD8+ T cells, where it transduces signals for their
stimulation and expansion. CD40 is also found expressed
in other cell types [69, 70], including muscle cells. In vitro,
human myoblasts constitutively express CD40 and its levels
increase upon IFN𝛾 and TNF𝛼 stimulation [67]. In this
cell type, CD40-CD40 ligand interaction leads, among other
effects, to an increase of intracellular adhesion molecule 1
(ICAM-1) expression [71] and hence to interaction with T
cells present in the muscle tissue.

Adhesion molecules have a pivotal function in allow-
ing interaction of muscle cells with immune cells. During
skeletal muscle inflammation, ICAM-1 is expressed by both
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the endothelium of the vessels and by the muscle fibres [51,
72, 73]. ICAM-1 interacts with leukocyte function-associated
antigen 1 (LFA-1), an integrin, which is expressed on T cells.
ICAM-1/LFA-1 interaction leads to T-cell recruitment into
the inflamed tissue (via ICAM-1 expression on endothelial
cells) facilitating myofibre cytotoxicity (through myofiber-
CD8+ T-cell interaction) [74].

In addition, PD-1/PD-L1 binding is thought to play
an important role in suppressing immune responses [75].
Interestingly, expression of programmed death ligand 1
(PD-L1), an immune-inhibitory molecule, is induced in
mesoangioblasts stimulated with proinflammatory cytokines
[76] and in muscle biopsies from patients with idiopathic
inflammatorymyopathies [77]. Based on these findings, these
cells are more likely to perform crucial functions in limiting,
rather than priming, a muscle-directed immune response in
inflammatory settings.

4. Interaction between Immune Cells and
Muscle Stem Cells: In Vitro Studies

A large body of data provides evidence for the important
part played by immune cells in shaping the regenerative
response following muscle damage/injury. We have already
discussed the key cells involved in this process and their
role in promoting repair; however, much less is understood
about the interactions between immune cells and muscle
stem cells. Studies have shown the capacity for macrophages
and macrophage-conditioned medium to enhance myogenic
precursor cell adhesion and migration in vitro [78–80].
Blocking studies revealed pivotal functions for TNF-𝛼 and
high mobility group box 1 (HMGB1) protein likely derived
from macrophages [79, 80].

Dendritic cells (DC, professional APCs) have been iden-
tified in inflammatory infiltrates in muscle biopsies and may
play an essential role in direct activation of antigen specific
T cells [81]. Coculture of DC with myoblasts leads to a
semimature DC phenotype with reduced ability to promote
T-cell activation and proliferation in a cell contact dependent
manner [82].This study provided one of the first observations
thatmuscle progenitor cells have immunemodulatory capac-
ity and could potentially promote a tolerogenic environment.

The adaptive immune response also has a role in inflam-
matory muscle disorders. Following activation by the innate
immune system, dystrophin reactive T cells have been
identified in DMD patients [48]. As such, these T cells
may pose a threat both to autologous gene-corrected cell
therapies and also to allogeneic cellular therapies. One in
vitro study has investigated the effects of T cells on human
mesoangioblasts and vice versa [76]. Despite an increase
in HLA molecules expressed by mesoangioblasts following
stimulation with IFN-𝛾, these cells failed to induce T-cell
proliferation in vitro.Mesoangioblasts expressed lowor negli-
gible levels of the costimulatory molecules CD40, CD80, and
CD86; however, following stimulation with proinflammatory
cytokines significant expression of the inhibitory molecule
PD-L1 was observed.This suggested that mesoangioblasts are
hypoimmunogenic [76]. This study also examined the effects

of mesoangioblasts on T cells and their immunosuppressive
capacity in vitro. Mesoangioblasts suppressed both CD4+
and CD8+ T-cell proliferation in a dose and time dependent
manner but did not induce anergy in T cells. In addition,
mesoangioblasts inhibited T-cell production of proinflam-
matory cytokines. The mechanisms of action identified an
important role for IFN-𝛾 and TNF-𝛼 in activation ofmesoan-
gioblast to become immunosuppressive followed by secretion
of indoleamine 2,3-dioxygenase (IDO) and prostaglandin E2
(PGE-2) to inhibit T-cell proliferation [76]. Similar findings
were obtained using induced pluripotent stem (iPS) cell-
derived mesoangioblast-like cells [83]. In addition, mesoan-
gioblasts show peculiar resistance to T-cell killing, although
they are recognized and killed by allogeneic T cells in an
inflammatorymicroenvironment or upondifferentiation into
myotubes [84].

Aside from the positive effects that muscle stem cells
may have in promoting a tolerogenic environment, there are
negative interactions between these different cell populations.
As discussed previously, neutrophils and macrophages are
required for clearance of cell debris among other functions. In
addition, cytotoxic killing of muscle cells by neutrophils was
also reported [85]. This study identified interactions between
neutrophils and macrophages, which promote macrophage
killing of muscle cells in vitro. Similarly, TLR3 stimulation
of muscle cells in vitro leads to the upregulation of the
activating receptor NKG2D and subsequent natural killer
(NK) mediated lysis of muscle cells [54]. However, it may
be possible to reduce the susceptibility of muscle stem cells
to NK-mediated lysis. Indeed a recent study demonstrated
that prestimulation with IFN-𝛾 can significantly decrease the
susceptibility of allogenic human mesenchymal stem cells to
activated NK-mediated cytotoxicity in vitro [86]. Few studies
have been carried out to investigate the interactions between
these two cell populations highlighting the need for addi-
tional investigation in this area. Importantly, in vivomodels of
muscle degeneration may provide a better understanding of
the interactions between muscle stem cells and immune cells
and howbest to facilitate successful engraftment and function
of stem cells.

5. Studying Immune Response upon
Muscle Stem Cell Transplantation in
Preclinical Models

5.1. Animal Models of Muscular Dystrophies. Animal mod-
els are extremely useful to investigate the pathogenesis of
muscular dystrophies, the contribution of inflammation and
immune responses inmuscle repair and to evaluate safety and
efficacy of novel therapeutic strategies. In particular, several
animal models were developed for muscular dystrophies,
among which the most commonly used is the X-linked mus-
cular dystrophymouse (mdx) carrying nonsense mutation in
exon 23 of the dystrophin gene [87]. For the preclinical valida-
tion of transplanted human myogenic progenitors, immun-
odeficient murine models have been particularly helpful
to minimize xenoreactivity and to facilitate engraftment of
human cells. Several immunodeficient mice modelling DMD



6 BioMed Research International

are available, including the nude/mdx mice [88], lacking the
T-cell compartment, the SCID-mdx mice [89], lacking both
T and B cells, and the recently described NSG-mdx4CV [90],
and Rag2−IL2rb−DMD− mice [91], in which the NK cell
activity is also defective. Dystrophic and immunodeficient
mice are also available for limb-girdle muscular dystrophies
(LGMD), including the alpha-sarcoglycan-null/scid/beige
mouse for LGMD2D (alpha-sarcoglycan deficiency) [92] and
the SCID/BlAJ mouse for LGMD2B (dysferlin deficiency)
[93]. The above mouse models have been used to transplant
nonsyngeneic cells harbouring additional transgenes (e.g.,
GFP), and some of them were also shown to be good recip-
ients for novel human pluripotent stem cell-based protocols
for muscular dystrophies [92, 94].

Among large animal models, the Golden Retriever mus-
cular dystrophy (GRMD) [95, 96] and the Beagle-based
canine X-linked muscular dystrophy (CXMD [97]) mod-
els were used in preclinical studies to demonstrate safety
and efficacy of stem cell-based approaches for muscular
dystrophies [98–100]. These independent studies shared the
systemic delivery of nonmyoblast myogenic stem cells of
mesodermal/mesenchymal origin, that is, mesoangioblasts
[98], mesenchymal stromal cells (MyoD-transduced) [99]
and muscle stem cells [100]. Allogeneic (with immuno-
suppressive therapy) and autologous gene-corrected stem
cells were tested and overall results showed low frequency
of inflammatory infiltrates and absence of anti-dystrophin
antibodies.

Very recently the generation and characterisation of
dystrophin-deficient pigs have been reported [101]. Even if
this model appears to be particularly severe in compari-
son with the human disease progression, it could offer an
additional platform for future studies. Although there are
no dystrophic nonhuman primates, the use of wild type
strains to optimize the design of cell therapy approaches has
been reported. Several immunosuppressive regimen and cell
injection modalities were compared in nonhuman primates
to improve myoblast transplantation [102].

5.2. Stem Cell Transplantation. During the last decade, limi-
tations in myoblast transplantation (detailed in the next sec-
tion) fostered the search for other transplantable myogenic
progenitors [2]. Given the pathological role of inflammation
and immune dysregulation inmuscular dystrophies [103, 104]
and the high risk of rejection documented after myoblasts
transplantation, many groups tried to find a transplantable
cell type which combines myogenic potential together with
anti-inflammatory and immunomodulatory properties. To
this end, bone marrow-derived mesenchymal stromal cells
(MSC, reviewed in [105]) were utilised for muscle regener-
ation [88]. However, a subsequent study showed that MSC
engraftment into dystrophin-deficient mice did not result
in spontaneous differentiation into muscle fibres and in
functional recovery [106].

Mesoangioblasts are pericyte-derived progenitors that
can be isolated fromadultmuscles and are able to differentiate
into muscle fibres in vitro and in vivo upon transplantation
(reviewed in [2]). The finding that allogeneic transplantation

of mouse mesoangioblasts into alpha-sarcoglycan null dys-
trophic mice gave rise to alpha-sarcoglycan positive muscle
fibres suggested that these cells may have some degree of
immune evasion [107]. The immunosuppressive properties
of human mesoangioblasts have been described above [76]
and recent in vitro observations indicated that their immune
privileged phenotype can be partially reverted during inflam-
mation or upon differentiation [84]. A similar mechanism
might be responsible for the negative outcome observed in
a study where the alloreactive response of MSCs led to donor
graft rejection [108]. Thus, although immune privileged
stem/progenitors have regenerative capacity useful to treat
muscle disorders, the survival of allogeneic stem cell progeny
in vivo may still require pharmacological immunomodula-
tion.

In the autologous setting (e.g., gene therapy strategies),
host cells are genetically manipulated to correct or replace
the defective gene. Based on the promising results obtained
in dystrophic animals [109], clinical trials based on AAV-
mediated gene transfer in muscles were designed to treat
patients affected by inherited muscle disorders. However, the
development of cellular and humoral responses specific for
vector components [110] and/or for the transgene [111] posed
important limitations and triggered further research to solve
this issue and develop new gene therapy vectors [2].

One possible solution is the use of regulatory T cells
(Treg) [112]. For instance, expansion of antigen specific
Tregs after vector-mediated gene transfer to the liver leads
to the induction of tolerance to the transgene [113, 114].
Recently, it was demonstrated that a specific subtype of
clonally expandedTreg cells (specifically Foxp3+ CD4+ with a
restrictedTCR repertoire) was enriched inmuscle upon acute
or chronic injury, facilitating a nonimmunological role that
favours tissue repair [115]. The authors proposed that Treg
cells act, at least in part, by regulating the infiltrating myeloid
population and by stimulating satellite cell proliferation
and differentiation via the secretion of the growth factor
amphiregulin [115].

5.3. Limitations of Xenografts. As the field of regenerative
gene and cell therapy progresses and transgene expres-
sion reaches the threshold required for clinical benefit,
the immune response elicited in human muscle remains a
challenging issue that needs to be addressed to enhance the
efficacy of these promising therapeutic approaches. Unfor-
tunately, immunodeficient mice still show limited engraft-
ment and are not able to predict host immune responses.
Thus, further studies are needed to clarify the mechanism
underlying these reactions and to identify potential targets of
immune intervention. Possible options might be transplan-
tation in juvenile mice (where the muscle is less “primed” by
inflammation) [92], neonatal desensitization [116], or evasion
of macrophage killing [117, 118].

Although transplantation of different human stem cell
populations in immunodeficient mice allows studying their
safety and efficacy profile, this assay gives only subopti-
mal results, possibly because of variables other than the
immune system regulating donor cell engraftment. Indeed,
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several species-specific mechanisms of survival, migration,
and expansion and differentiation depend on the direct
interaction with the host environment (e.g., integrins and
other proteins of the extracellular matrix), which in the case
of a xenotransplant will be significantly mismatched. Overall,
experiments in small and large animals paved the way to the
clinical translation of therapeutic strategies based upon the
infusion of healthy donor myogenic cells. These and other
studies are analysed in the next section.

6. From Preclinical Studies to Clinical Trials

Following the promising results observed in mdx mice [119],
a number of clinical trials in the early 1990s tested allogeneic
transplantation of myoblasts to treat muscular dystrophies
(reviewed in [7, 12]). Unfortunately, the outcome was disap-
pointing due to the limited or absent dystrophin expression
and to the limited gain in muscle strength of treated patients
[120]. The major limitations to the success of allogeneic
myoblasts transplantation were the high early mortality
rate and the limited migratory abilities of myoblasts upon
transplantation, together with the host immune reaction.The
group of Tremblay treated dystrophic patients with intra-
muscular injection of allogeneic myoblasts in the absence
of immune suppression and documented acute rejection of
the cells [121]. This group then reported both cellular and
humoral alloreactive responses in rodents, with myoblast-
injected muscles infiltrated by activated CD4+ and CD8+
T lymphocytes and myoblast-reactive antibodies detected
in recipient sera [122]. Thus, specific immune responses
against injected cells were demonstrated and claimed to
explain, at least in part, the suboptimal therapeutic benefits,
suggesting the need for immune suppression to avoid acute
rejection. Several immunosuppressive agents were therefore
tested for their ability to promote myoblast engraftment
in preclinical models. Tacrolimus administration was found
to adequately control immune reactions without affecting
myoblast proliferation and differentiation capacity, both in
mice and in nonhuman primates [102, 123].

Another bottleneck formyoblast engraftment inmicewas
the high mortality rate of the injected cells during the first
three days after transplantation. The early loss of donor cells
was explained on the one hand with the variable viability
of the cell preparation and on the other with inflammation-
mediated events. Neutrophils and macrophages infiltrate
myoblast-injected muscles within a few hours and likely
mediate early cell death before the development of adaptive
immune responses [124]. Interestingly, a study on myoblast
dynamics indicated that only a minority of injected cells
showing stem-cell-like behaviour have the chance to survive
long-term and exert regenerative capacity, suggesting that
immune rejection is not the only limitation of myoblast-
based therapy [125]. Furthermore, other studies excluded a
role for innate immune-mediated rejection [126]. Addition-
ally, ischaemic necrosis of implanted cells was also found to
be an important hurdle to a successful graft [127].The limited
migratory ability of myoblasts required multiple injections in
separated sites in nonhuman primates [102] and represents

a further limitation for the treatment ofmuscular dystrophies
affecting the majority of skeletal muscles, including the
diaphragm.

Although high-density injections of allogeneic myoblasts
under tacrolimus administration led to the development
of new muscle fibres in DMD patients [128], the current
consensus is that myoblasts transplantation can be the elec-
tive treatment only for localized forms of muscles diseases.
Indeed a recent phase I/IIa clinical study trial reported
some benefit using autologous myoblast transplantation in
the cricopharyngeal muscles of 12 adult patients affected by
oculopharyngeal muscular dystrophy (OPMD), an autoso-
mal dominant genetic disease characterized by ptosis and
dysphagia. Safety and tolerability were observed in all the
patients, together with an improvement in the quality of life
score. No functional degradation in swallowing was observed
for 10/12 patients [129]. At variance with most autologous
transplantation strategies, the above study did not require
any genetic correction of the medicinal product, since it
was possible to do a biopsy in several healthy muscles of
the same patients. However, this would not be possible
for most muscular dystrophies and a possible preexisting
immunity against the vector, the mutated protein, or the
newly introduced wild type epitopes needs to be taken into
account, although this might not correlate directly with a
negative outcome [48, 129–131].

The need to overcome the hurdles observed in myoblasts
transplantation studies for DMD prompted several laborato-
ries to identify alternative populations of myogenic cells with
a better profile in terms of expansion, survival, andmigration.
Among these, CD133+ cells and mesoangioblasts have been
tested clinically. The safety of autologous transplantation of
muscle-derived CD133+ cells was tested in eight boys with
DMD in a double-blinded phase I clinical trial and no adverse
events were reported [132]. Future follow-up studies based
upon genetically corrected CD133+ are expected. A first-
in-man phase I/II clinical trial based upon intra-arterial
infusion of donor HLA-matched mesoangioblasts in 5 DMD
boys receiving tacrolimus as immunosuppressive therapy is
currently approaching conclusion at San Raffaele Hospital
(Milan, Italy; EudraCT number 2011-000176-33). Clinical,
biochemical and functional progress of the disease were
followed during the year preceding treatment and were
validated with a cohort of ambulant DMD boys and healthy
controls [133]. Safety is the primary objective of the study and
preliminary results indicate that the treatment is relatively
safe. Indeed no adverse events due to immune suppression
were observed, with good control of the immune response in
the patients (Cossu et al., unpublished results).This study also
provides clinical proof-of-principle for transplantation and
intravascular delivery of nonhaematopoietic cells in DMD.
Improvement of mesoangioblast extravasation upon modu-
lation of endothelial junctional proteins in dystrophic mice
has been recently published [134] and additional strategies
to translate mesoangioblast transplantation to autologous
settings, based upon human artificial chromosomes [135],
reversible cell immortalization (Benedetti et al., in prepara-
tion) and differentiation of iPS cells [92, 136] are currently
under development.
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7. Conclusions

Stem cell transplantation for muscle disorders has faced
several hurdles since the first trials more than 20 years ago.
Progress has been made and myogenic stem cells other than
myoblasts have entered clinical experimentation. Neverthe-
less, understanding what are the key factors allowing stable
cell engraftment still remains critical for the success of allo-
geneic or autologous transplants in inflamed muscles. Clear
immunological characterisation of stem cells (particularly
when derived from pluripotent stem cells) together with a
deeper understanding of the relevance of preexisting reactive
T cells are issues that are undergoing intense investigation.
Moreover, it is necessary to take into account other complex
matters such as the insurgence of immune responses against
the restored protein (e.g., against dystrophin in DMD) or
against viral elements (in gene therapy settings) that might
appear at different times. All these points add an additional
level of complexity to the analysis of immune responses
in stem cell therapies for muscular dystrophies and might
require interventions beyond immunosuppression, such as
induction of immune tolerance. Models and strategies to
improve the outcome of xenotransplantation in immunodefi-
cient animals will also be required in order to develop assays
powerful enough to assess safety and efficacy of different
types of myogenic stem cells. Even in such a case, some
of the information necessary for the refinement of complex
therapies (such as those based upon stem cells) will inevitably
be unpredictable. However, prompt bedside-to-bench studies
will bring invaluable insights to the field and, hopefully,
efficacious solutions.
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Skeletal muscle is able to restore contractile functionality after injury thanks to its ability to regenerate. Following muscle necrosis,
debris is removed by macrophages, and muscle satellite cells (MuSCs), the muscle stem cells, are activated and subsequently
proliferate, migrate, and form muscle fibers restoring muscle functionality. In most muscle dystrophies (MDs), MuSCs fail to
properly proliferate, differentiate, or replenish the stem cell compartment, leading to fibrotic deposition. However, besides MuSCs,
interstitial nonmyogenic cells and inflammatory cells also play a key role in orchestrating muscle repair. A complete understanding
of the complexity of these mechanisms should allow the design of interventions to attenuate MDs pathology without disrupting
regenerative processes. In this review we will focus on the contribution of immune cells in the onset and progression of MDs,
with particular emphasis on Duchenne muscular dystrophy (DMD). We will briefly summarize the current knowledge and recent
advances made in our understanding of the involvement of different innate immune cells in MDs and will move on to critically
evaluate the possible role of cell populations within the acquired immune response. Revisiting previous observations in the light of
recent evidence will likely change our current view of the onset and progression of the disease.

1. Background

Only a small number of immune cells reside within intact
skeletal muscle, but they are recruited during injury and play
important roles in the regeneration process, critically con-
tributing to its resolution. Upon injury, immune cells rapidly
infiltrate themuscle to remove necrotic tissue and secrete sol-
uble factors that serve initially to activatemuscle satellite cells
(MuSCs) [1–3]. As such, immune cells constitute a transient
local environment forMuSCs. Satellite cells and immune cells
attract one another through chemokines (chemoattraction).
Satellite cells have been demonstrated to secrete a panel of
proinflammatory cytokines, such as IL-1, IL-6, and TNF-𝛼
to facilitate immune cell infiltration and function [4, 5]. In
turn, immune cells secrete a wealth of diffusible factors, such
as growth factors, IL-6, globular adiponectin, extracellular
matrix (ECM) components, and ECM remodeling MMPs.

These diffusible factors generate ECM chemoattractive frag-
ments, which help satellite cells escape from the basal lamina
of myofibers, and promote satellite cell proliferation [6]. In
addition, cell-to-cell contact between immune and satellite
cells protects satellite cells from apoptosis [7]. All these events
must be timely regulated and alterations in quality, amount,
and time lead to impaired regeneration, increased muscle
wasting, and deposition of fibrotic tissue, as it occurs in
muscle aging or in muscular dystrophies, such as Duchenne
muscular dystrophy (DMD) [8, 9]. DMD is a lethal X-linked
genetic disorder caused by deficiency of dystrophin, a critical
component of the dystrophin glycoprotein complex (DGC),
acting as a link between the cytoskeleton and extracellular
matrix in skeletal and cardiac muscles [10]. A consequence
of the DGC inefficiency is muscle fragility, contraction-
induced damage, necrosis, and inflammation.Although satel-
lite cells compensate for muscle fiber loss in the early stages

Hindawi Publishing Corporation
BioMed Research International
Volume 2014, Article ID 438675, 12 pages
http://dx.doi.org/10.1155/2014/438675

http://dx.doi.org/10.1155/2014/438675


2 BioMed Research International

of disease, eventually these progenitors become exhausted
[11]. Moreover, aberrant intracellular signalling cascades that
regulate both inflammatory and immune processes con-
tribute substantially to the degenerative process. As a result,
fibrous and fatty connective tissue overtakes the functional
myofibers. These changes culminate in progressive muscle
wasting, with the majority of patients being wheelchair-
bound in their early teens, succumbing to cardiac/respiratory
failure in their twenties [12]. Among the animal models
of DMD, the mdx mouse model is the best characterized.
It lacks dystrophin expression, and, though with a milder
phenotype, exhibits extensive limb muscle degeneration and
inflammation, as well as myocardial lesions [13–15]. Available
data sets, although limited and not comprehensive, suggest
that early immune cell infiltration in DMD patients and
mdx mice represent an important, but underappreciated,
aspect of dystrophic muscle pathology. In fact, although
lack of dystrophin makes myofibers susceptible to fragility
and degeneration when contracting, this mechanical defect
hypothesis for dystrophic muscle death has been unable
to explain many aspects of the pathophysiology of DMD
and emerging clues attribute an active role to the immune
response in these events [16]. From a therapeutic point of
view, a clear understanding of the cell populations and of the
mechanisms involved in the inflammatory response in DMD
may allow the design of valuable anti-inflammatory thera-
peutic strategies to ameliorate muscular dystrophy. Although
blunting inflammation would not restore the primary defect,
the emerging clue is that multiple strategies, addressing
different aspects of the pathology, which may eventually
converge, may be successful.

2. Innate Immune Response in
Muscular Dystrophies

As a consequence of the dystrophin-null myofibers fragility,
DMD muscle is characterized by continuous cycles of
myofibers necrosis and repair. Myofibers undergoing degen-
eration/necrosis, independently of the injury insult, release
Th1 inflammatory stimuli, which recruit neutrophils and
monocytes/macrophages required to clear cell debris, fol-
lowed by a Th2 immune response which promotes muscle
healing [17]. Much of the current information about the
role of immune cell populations of the innate response
in muscle repair comes from studies on healthy regen-
erating muscle [1, 18–20]. Although many similarities
were found between acute and chronic muscle injury, the
kinetics, quality, and outcome diversify in many aspects
[21, 22].

2.1. Neutrophils. In acute injury, neutrophils, identified as
Ly6C+/F4/80− cells, are the first cells to invade injured mus-
cle, followed by macrophages. In acutely injured muscle in
mice, they begin to appear at elevated numbers within 2 h of
muscle damage, typically peaking in concentration between
6 and 24 h after injury and then rapidly decline in numbers

[23]. Their function mostly involves phagocytic activity to
remove debris but also release of TNF𝛼, as a Th1 stimuli,
and production of myeloperoxidase (MPO), inducingmuscle
membrane damage and increasing macrophage proinflam-
matory activity [24–26]. As in acute injury, neutrophils,
together withmacrophages, invademdx dystrophicmuscle as
early as 2 weeks of age [24]. Indeed, initial muscle injury and
membrane lysis are caused by superoxide production medi-
ated by these early infiltrating neutrophils. Previous studies
demonstrated that anti-GR1 antibody-mediated depletion of
neutrophils, starting at age 19 days, significantly reduces
muscle necrosis at age ∼21 days and subsequent regeneration
at age ∼28 days [25]. However, GR-1 is highly expressed
in neutrophils, but it is also expressed in macrophages [27,
28], so whether the observed phenotype was specifically
related to neutrophils depletion is not as clear. In any case,
although neutrophils activity appears to overlap with that
of M1 macrophages (see below), since they are one of the
earliest infiltrating cell types, they might promote initial
muscle lesion, playing an important role in the early onset of
the pathology.

2.2. Macrophages. A comprehensive survey of the current
knowledge on macrophage involvement in MDs and muscle
regeneration is beyond the scope of this review. The reader is
referred to many systematic reviews already available on this
topic [16, 21, 29]. Briefly, two subpopulations of macrophages
have been identified in regenerating muscle tissue that may
influence muscle degeneration and regeneration depending
on the proportion of these cells present [18, 30]. As a sim-
plistic point of view, the M1 population are proinflammatory,
characterized by the expression of iNOS and secretion of
proinflammatory cytokines (e.g., TNF𝛼, IL-1𝛽, and IL-6), and
promote muscle cell lysis; by contrast, the M2 population
is characterized by the expression of arginase-1, CD163,
and CD206 mannose receptor (usually in noninflammatory,
repair conditions) and/or anti-inflammatory cytokines (e.g.,
IL-10) [19, 21, 31, 32]. They are believed to enhance muscle
regeneration, by inducing satellite cell proliferation [19].
However, beyond this broad definition, mainly determined
from in vitro polarization experiments, macrophages exhibit
a wide variety of intermediate phenotype, including M2b
and M2c, M1 and M2 being the extremes of a continuum
in activation states. M2b macrophages are known to release
large amounts of IL-10, which promotes the proliferation
of nonmyeloid cells, although, like M1 macrophages, they
can also release proinflammatory cytokines, such as IL-1𝛽
and TNF𝛼. IL-10 can also induce M2c macrophages, which
have anti-inflammatory functions [33]. However, it has been
recently highlighted that severalmarkers should be examined
at the cellular level in order to properly assess themacrophage
inflammatory state in vivo, since the population remains
heterogeneous [34].While in acutemuscle injury the sequen-
tial waves of M1, followed by M2 macrophage invasion,
leads to resolution of inflammation and efficient muscle
repair, in muscular dystrophies, repetitive cycles of myofiber
degeneration lead to muscle invasion by M1 macrophages
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together with M2a macrophages, which may reduce the
cytotoxic activity of M1 macrophages [35]. Therefore, the
inflammatory milieu in dystrophic muscle is similar, but not
the same as found in acute injury. Subsequent invasion of
dystrophic muscle by M2c macrophages is associated with
progression to the regenerative phase in pathophysiology.
However, the number of M2 macrophages declines upon
resolution of the damage in acute-injured muscle, while in
mdx muscle their number increases with age, and promotes
fibrosis [36]. Thus, increased and persistent presence of
macrophages modifies the intensity, duration, and interac-
tions of the different released factors, leading to increased
myofibers necrosis, ECM accumulation, and replacement of
muscle with fibrotic and fat tissue. Early studies showed
that depletion of macrophages from mdx mice before the
onset of histopathology caused great reduction in muscle
pathology in 4-week-old mice [37], reinforcing the notion
that macrophages induce muscle lesions, along with clearing
debris. However, given that myofiber degeneration occurs
in the absence of dystrophin, depletion of macrophages
might not be as beneficial in long term, as it would prevent
removal of debris. Indeed, whether or not phagocytosis is
required for proper muscle repair is still debatable. Depletion
of phagocytes was shown to slow cellular debris removal
following freeze-injury of muscle but to have no effect
on early postinjury regeneration, in terms of satellite cells
activation [38]. By contrast, other studies have concluded that
reducing the numbers of phagocytic leukocytes (neutrophils
andmonocytes/macrophages) inmice prior to toxin-induced
muscle injury slows the removal of cellular debris and slows
muscle regeneration, since reduced frequency of central-
nucleated muscle fibers was observed [18, 39]. However,
considering that, as mentioned before, phagocytic leukocytes
also promote muscle damage, it could be argued that reduced
number of regenerating fibers was dependent on reduced
muscle damage because of the depletion of leukocytes. In this
context, a recent study by Mounier et al. showed that inhibit-
ing phagocytic activity in macrophages prevents macrophage
skewing from a pro- to anti-inflammatory phenotype at the
time of resolution of inflammation, in regenerating healthy
muscle, suggesting that phagocytosis is required not only to
clear debris, but also to promote resolution of the damage
[34].

Although these studies are related to healthy regen-
erating muscle, deciphering the mechanisms regulating
macrophages activation and plasticity should greatly facilitate
the design of novel therapeutic strategies to modify the
dystrophic muscle environment, reduce muscle damage, and
increase muscle repair.

2.3. Mast Cells. Very little is known about mast cell involve-
ment in muscular dystrophies. Nevertheless, mast cell pro-
liferation and degranulation are often observed in areas of
grouped fiber necrosis [40]. Mast cell degranulation involves
the release of histamine and cytokines (including TNF𝛼),
which contribute to a pro-inflammatory environment that
promotes muscle necrosis. In addition, proteases released
during mast cell degranulation induce membrane lysis of

nearby cells promoting local areas of ischemia [41]. Indeed,
treatment of mdx mice prior to disease onset (age 19 days)
with sodium cromoglycate (cromolyn), a blocker of mast
cell degranulation, results in ∼59% decrease in cumulative
TA muscle damage by age 28 days [42]. Further studies are
needed to gain insight into the mechanisms that regulate
the microenvironment and ischemic conditions that result
in fiber necrosis in muscular dystrophies. In a mouse model
of arthritis, an inflammatory disease not related to muscle,
mast cell-mediated increase of vascular permeability has been
shown to be involved in the recruitment of inflammatory
cells into the site of inflammation [43]. Interestingly, it has
been recently shown that mast cells deficiency in a mouse
model of polymyositis results in reduced susceptibility to
C-protein-induced myositis, as compared with WT [44].
The reduced susceptibility to C-protein-induced myositis
was associated with a reduced number of macrophages
and CD8+ T cells, mainly due to reduced vascular per-
meability. The observed reduced susceptibility was restored
by reconstitution of mast cells, highlighting the crucial
role of these cells in promoting massive inflammatory cells
infiltration [44]. Polymyositis (PM) belongs to the class
of idiopathic inflammatory myopathies, IIM, which also
includes adult and juvenile dermatomyositis (DM), myositis,
and inclusion body myositis (IBM), a heterogeneous group
of acquired disorders characterized by chronic inflammation
of striated muscle leading to predominantly proximal muscle
weakness. Although the precise pathogenesis is unknown,
many evidences support their autoimmune basis and they
likely result from immune-mediated processes initiated by
environmental factors in genetically susceptible individuals
[45, 46].

Increase in vascular permeability is certainly one of
the events contributing to the immune cell infiltration in
dystrophic muscle, as well. These aspects have been poorly
addressed in muscular dystrophy, as only recently the disease
was recognized as an “inflammatory” disease; investigating
the disease from this new perspective may give unexpected
insights into the mechanisms regulating its onset and pro-
gression.

2.4. Eosinophils. Eosinophils are generally associated with
immune responses to infection by parasites or with allergic
reactions [47]. However, they can play a significant role in
the cellular immune response, in which their involvement
appears to be tightly coupled both temporally and function-
ally to T lymphocyte activity; indeed, they are activated by the
Th2cytokine IL-5 [48, 49]. Although eosinophilia occurs only
rarely and inexplicably inmuscle disease, eosinophil invasion
was found in both DMD and mdx dystrophies [50, 51].
Previous studies observed that eosinophils increased within
mdx dystrophic muscle at about 4 weeks of age, together
with cytotoxic T cells invasion, and, although their number
decreases during the regenerative phase, their concentration
remains higher at 30–32 weeks of age, as compared to
healthy muscle of age-matched wild type mice, depending
on the muscle examined [51]. Interestingly, transplantation
of splenocytes derived from mdx mice into irradiated WT
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animal induced an increased number of eosinophils in
muscle, as compared to irradiated control mice, suggest-
ing that eosinophils invasion is dependent on lymphocytes
activity [51]. Indeed, prednisone treatment (the major drug
used in DMD patients) reduces eosinophil infiltration [52].
Moreover, despite the original expectation that eosinophilia
in dystrophic muscle was a nonspecific consequence of the
Th2 inflammatory environment, eosinophils were shown
to modulate injury and regeneration. In particular, genetic
ablation of major basic protein-1 (MBP-1), a cytolytic protein
expressed by eosinophils, caused an increase in the numbers
of cytotoxic T cells in dystrophic muscle [50]. That finding
is significant to mdx dystrophy because a Th1-driven cel-
lular immune response in which cytotoxic T cells promote
apoptosis of mdx muscle fibers is an early feature of the
disease that is attenuated asmuscle regeneration begins.Thus,
eosinophils maymediate the regeneration of dystrophicmus-
cle by promoting the transition fromTh1 toTh2 inflammatory
environment. An interesting insight on the possible role of
eosinophils in promoting muscle regeneration was recently
suggested by Heredia and colleagues [17]. They showed that
eosinophils invade acute injured muscle very early, even
before neutrophils invasion. This observation is in contrast
to other studies which showed, using the same injury model,
that eosinophils are exceeding scarce in muscle following
toxin injection and they appear to increase after other inflam-
matory cell populations [34]. However, using the eosinophil-
deficient ΔdblGATA1 mouse model, which presents a 90%
reduction in eosinophils, Heredia et al. observed persistent
and unresolvedmuscle damage after acute injury.The authors
identified IL-4 as the key cytokine produced by eosinophils,
whose lack is known to prevent muscle regeneration [53].
Surprisingly, they demonstrate that the primary target of
this cytokine produced by eosinophils at the very early
stage of muscle damage is not macrophage, as expected, but
fibroadipogenic precursor (FAP) cells. In fact, while lack of
IL-4 receptor in macrophages did not result in regenerative
defect, the lack of this receptor in FAPs is deleterious and
leads to fat deposition by promoting their differentiation
into adipocytes. FAPs are recently identified multipotent
mesenchymal cells residing in skeletal muscle interstitium,
who represent a critical component of the cellular niche
required for effective satellite cell-mediated regeneration [54–
57]. Thus, eosinophils may form a transitional niche for
proliferating FAPs via secretion of IL-4; in the presence of IL-
4, FAPs proliferate as fibroblasts to support myogenesis [17].
So far, whether these observations are relevant to muscular
dystrophy is a matter of speculation; it can be hypothesized
that, in dystrophic muscle, the eosinophils promote the
transition from a Th1 to a Th2 inflammatory environment,
which would in turn promote FAPs proliferation as fibrob-
lasts to support myogenesis. On the other hand, persis-
tence of eosinophils within the dystrophic muscle would
sustain fibroblast proliferation, which promotes fibrotic tissue
deposition, accelerating the clinical decline of the disease
[36]. Thus, further studies are needed to gain insight into
the role of eosinophils in the pathophysiology of muscular
dystrophy and to verify whether manipulating eosinophils
activity would be therapeutically beneficial.

3. Lymphocytes and the Adaptive Immune
Response in Muscle Repair

3.1. T-Cell Response in DMD. It is widely believed that lym-
phocytes do not play a relevant role in healthy regenerating
muscle, due to the inability of skeletal muscle to activate a T-
cell response. Neither MHC class I nor class II molecules has
been detected on muscle fibers from healthy muscle tissues
[58, 59]. By contrast, appearance of MHC class I and/or II
was observed in muscle tissue of patients with idiopathic
inflammatory myopathies (IIM), where an autoimmune
pathogenesis is now recognized, but also in regenerating
fibers of patients with DMD [58]. These findings, together
with the observation that an inflammatory milieu may
upregulate HLA-DR and costimulatory molecules (ICOS-
L and CD40), led to the idea that myoblasts can become
facultative APCs in both MHCI and II-dependent immune
reactions, forming functional immunological synapses with
T cells [59, 60]. Indeed, T cells are found in degenerating
muscle after acute injury, but their recruitment is more
robust and persistent in chronic diseases, such as myositis
or muscular dystrophies, where also B cells can be detected
[61, 62].

The recruitment of T cells into injured muscle implies an
adaptive immune response, which normally depends on anti-
gen exposure. While this mechanism appears now conceiv-
able in inflammatory myositis, it is less clear in regenerating
muscle after acute injury or in chronic diseases such as mus-
cular dystrophies. Many observations suggest that muscle-
specific autoantigens drive T-cell expansion in IIM [46], but
no such observations are available in regenerating muscle or
in muscular dystrophies yet. Furthermore, whether or not
T-cell infiltrate critically contributes to muscle damage in
muscular dystrophies is still debatable. Persistence of T cells
in dystrophic muscle may actually modulate inflammatory
milieu and immune cells activity but may also directly inter-
fere with muscle cell function through lymphocyte-released
cytokines and chemokines [63, 64]. Indeed, it was recently
shown that conditioned medium from activated T-cells, pre-
viously cultured in anti-CD3 coated dishes in the presence of
IL2 [65], induced proliferation of C2C12 muscle cell, a mouse
derivedmuscle cell line widely used as amodel of myogenesis
in vitro, and prevents myogenic differentiation, as com-
pared to conditioned medium derived from resting T cells
[66].

Very early studies correlated the reduction in T cells
observed in prednisone-treated DMD patients, with reduc-
tion in muscle necrosis and fibrosis [67, 68]. Further studies
identified T cells in muscles of several DMD patients, char-
acterized by a specific T-cell receptor (TCR) rearrangement
[69].The overrepresentation of a T-cell population expressing
a restricted set of TCR variable genes might indicate a
selective T-cell response directed to amuscle-specific antigen.
Their persistence in DMD muscle could derive from either
clonal expansion or conserved antigen recognition, or from
the emergence of a regulatory population. Interestingly,
specific TCR arrangement, different from the one found in
DMD, was initially found in the T cells invading muscle in
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PM patients [70]. Since then, many studies aimed to charac-
terize T-cell populations and their role in MDs and muscle
regeneration, though the results were not as exhaustive and
were sometimes contradictory.

3.2. T-Cell Response in mdx Muscle. Elevated concentrations
of activated cytotoxic CD8+ and helper CD4+ T cells (Th)
are present in affected muscles of mdx mice aged 4–8
weeks but rapidly decrease in concentration by 14 weeks
of age [63]. However, no increase in these cells has been
observed in axillary or inguinal lymph nodes of mdx mice,
suggesting that their activation is occurring in muscle tissue,
and not systemically [63]. CD8+ T cells are the first to invade
dystrophic muscle, peaking at 4 weeks of age; their activation
is generally driven by a Th1 cellular immune response to kill
their target cells through perforin-mediated processes [51].
Around 2 weeks later, CD4+ T cells also invade dystrophic
muscle; T helper CD4+ T cells can generally differentiate into
Th effector inflammatory cells, mainly Th1 and Th2, or into
regulatoryT cells (Treg), both ofwhich participate in immune
responses. Th1 cells are known to support macrophage M1
polarization by producing IL-1, IL-2, TNF-𝛼, and INF-𝛾,
while Th2 produce IL-4, IL-13, and IL-6 sustaining the M2
macrophage polarization [71]. On the other hand, Treg cells
are required for the resolution of the immune response.These
cells are characterized by the expression of Foxp3 transcrip-
tion factor and produce anti-inflammatory cytokines such
as IL-10 [72]. They were originally described as regulators
of T-cell activity but were later recognized to also regulate
B cells and several other innate immune response players
[73].

One of the first studies addressing the possible role
of lymphocytes in mdx showed that antibody-mediated
depletion of CD8+ or CD4+ cells in mdx mice, beginning
at 6 days of age and continuing until the age of 4 weeks,
resulted in a 75% and 61% reduction in muscle histopathol-
ogy, respectively [63]. This positive outcome suggested an
important role for these cells in the development of muscle
lesions. In another study, scid/mdx mice, which are deficient
in functional T and B lymphocytes, were shown to develop
much less diaphragm fibrosis at 1 year of age and a decrease in
activated TGF𝛽 in skeletal muscle, compared withmdxmice.
Improvement in muscle regeneration was also observed in
these mice, but not in muscle functionality [74]. Accordingly,
in nu/nu/mdx mice, the lack of functional T cells alone was
associated with less diaphragm fibrosis at 3 months of age
[75]. Altogether, these results support the pathogenic role of
T cells inmdxmuscle and reveal this lymphocyte subclass as
an important source of TGF𝛽1. By contrast, more recently,
an additional dystrophic immunodeficient mouse model was
generated, the Rag2(−)Il2rb(−)Dmd(−) mouse, which lacks
T, B, and NK cells, and also carries a mutant Dmd allele
that prevents the production of any dystrophin isoform [76].
Although not systemically analyzed, the authors reported
that there was no difference in the pathological features of
the disease in these mice, compared to mdx mice. Indeed,
previous studies have shown that thymectomy at 1 month of
age, which completely depletes circulating T cells, failed to

prevent diaphragm fibrosis at 6 months of age [75]. Although
this result suggested that the fibrotic process is self-sustaining
from a very early stage, it can be argued that depleting
circulating T cells at 1 month of age was already late, as early
muscle invading T cells may eventually expand within the
muscle and contribute to fibrous tissue deposition. However,
the possibility of muscle-specific T cells clonal expansion has
been poorly investigated, so far.

T cells represent approximately 3% of all infiltrating cells
in mdx muscle, with over half present as double-negative
T cells (lacking both CD4 and CD8 expression), 8%–10%
of which were recently identified as being NKT-like cells,
which express both T and NK markers [77]. Interestingly,
a predominant T-cell population expressing V𝛽8.1/8.2 was
identified within the muscle infiltrate in mdx mice at 1
month of age. These V𝛽8.1/8.2+ cells are not generally
overrepresented in circulating cells, and, therefore, it is likely
that these cells are either selectively home to or expandwithin
mdx muscle. These cells express high level of osteopontin
(OPN), which modulates cellular immune profiles in mdx
muscles; in fact, its ablation inmdxmice results in significant
reduction in neutrophils, CD3+/V𝛽8.1/8.2+ cells, and NKT-
like cells, but not macrophages. Interestingly, an increase in
CD3+/CD4+/FoxP3+ Treg cells was observed, highlighting
the importance of modulating T cells subclasses in muscular
dystrophy. In this context, OPN appears to be an immune
modulator that specifically impacts the concentration of
NKT-like cells, neutrophils, and Tregs in dystrophic mus-
cle [77]. As a result, lack of OPN in mdx mice reduces
intramuscular TGF𝛽 and fibrosis in both muscle and heart
at 6 months of age, and importantly, it improves muscle
strength. V𝛽8.1/8.2+ cells are not the only source of OPN
in dystrophic muscle as other immune cells, as well as
muscle tissue, which could also produce it. Thus, besides
the identification of OPN as a potential therapeutic target
to ameliorate inflammation and progression of muscular
dystrophy, these data clearly demonstrated a crucial role of
T-cell subclasses in modulating the inflammatory milieu in
dystrophic muscle. In line with this view, treatment with the
immunosuppressant drug Rapamycin ameliorates the mdx
phenotype with a reduction of both CD4+ and CD8+ cells,
but not of regulatory Foxp3+ cells [64]. In this context, we
recently showed that lack of protein kinase C 𝜃 (PKC𝜃) in
mdx mice prevents muscle degeneration and inflammation,
thus improvingmuscle regeneration and, importantly,muscle
performance [78]. PKC𝜃 is a member of the PKC family,
predominantly expressed in muscle, where we and others
have shown that it is an upstream regulator of several
intracellular pathways leading to muscle homeostasis [78–
83]. Furthermore, PKC𝜃, which is a key regulator of T-
cell activation and proliferation, is being proposed as an
attractive target to prevent immune response and allore-
activity [84, 85]. Indeed, it appears to be required for the
development of a robust inflammatory response in vivo [86,
87]. Interestingly, PKC𝜃−/− mice fail to develop experimental
allergic encephalomyelitis, display drastically reduced lung
inflammation after induction of allergic asthma, and have
a significantly diminished response in experimental colitis,
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and a type II collagen induced arthritis model [86, 88, 89].
Of note, PKC𝜃−/− mice can still mount a normal protective
immune response to clear viral infections, and, importantly,
maintain Treg function, since PKC𝜃 is known to inhibit
Treg differentiation [90, 91]. Indeed, we showed by bone
marrow transplantation experiments that the improved phe-
notype observed in the double mutant mdx/PKC𝜃−/− mice
is primarily due to lack of PKC𝜃 in the hematopoietic cell
compartment [78].Thus, the possibility that lack of PKC𝜃 inT
cells may alter the T-cell subclasses within dystrophicmuscle,
and, in turn, the inflammatorymilieu, including macrophage
subclasses and function, is currently under investigation.

3.3. T-Cell Response in Dysferlinopathies. The involvement of
lymphocytes activity appears to be a general feature in mus-
cular dystrophies. In fact, it has been recently demonstrated
that lack of functional T/B cells improves regeneration in a
mousemodel of dysferlinopathies [92].These diseases belong
to the so-called limb girdle muscular dystrophies (LGMDs),
characterized by predominant weakness and wasting of mus-
cles of the pelvic and shoulder girdle. Among them, LGMD-
2B and Miyoshi myopathy (MM) develop due to defects in
the dysferlin gene, coding for a membrane protein mainly
required for vesicle traffic andmembrane repair [93]. Inflam-
matory cells were detected in both MM and LGMD patients,
scattered or organized into clusters, around necrotic fibers.
Inflammatory infiltrates around vessels mainly consisted of
macrophages, whereas CD4+ and CD8+ cells were found
in endomysial infiltrates. Abnormal MHC-I expression was
observed in degenerating/regenerating fibers usually close to
inflammatory cluster cells but was absent in normal fibers
[58, 59]. Indeed, the dysferlin-deficient AJ mice, one of the
mouse models of dysferlinopathies, lacking functional T/B
cells (AJ/SCID mice) develop a milder pathologic phenotype
with increased muscle regeneration and reduced percentage
of proinflammatory M1 macrophages. Importantly, these
mice showed an increase in muscle force. The rescue of the
phenotypewas primarily due to a reduced IL-6 production by
macrophages [74]. Indeed, liposome-clodronate macrophage
depletion impairs IL-6 production also in control AJ mice,
supporting the notion that the beneficial effect of T/B cells
absence is due to a switch in macrophage phenotype and
function.

3.4. The Emerging Role of Treg Cells in the Immune Response
to Muscle Injury. As mentioned above, although it has long
been recognized that lymphocytes invade acutely injured
muscle, very little is known about their role in these con-
ditions, mainly due to the very small number of these cells
within the muscle, making their characterization difficult.

Recently, several mouse models have been generated
to further understand the mechanisms underlying T cells
recruitment, expansion, and persistence in acutely injured
muscle.

Interestingly, it was recently shown that acute myofiber
damage itself transiently activates muscle-antigen-specific

CD8+ T cells in draining lymph nodes, supporting the idea
of a transient autoreactive immune response upon muscle
injury [94]. These activated CD8+ T cells transiently invade
acute injured muscle, but their negative impact on muscle
repair is promptly controlled by immunosuppressive cues
[94]. The authors proposed that inadequate control of this
CD8+ T-cell responsemight favor the emergence of sustained
autoimmune myositis. In line with this view, Young et al.
showed that aberrant muscle antigen exposure is sufficient
to induce myositis in a Treg deficient milieu [95]. They
generated a FoxP3/Syt VII double mutant, in which lack of
synaptotagmin VII (Syt VII, a member of synaptotagmin
family of membrane-trafficking proteins) impairs membrane
resealing thus exposing endogenous muscle antigens [96].
Interestingly, while Syt VII mutant mice develop a mild, self-
limiting inflammatory response involving muscle, FoxP3/Syt
VII double mutants develop a significant inflammatory
response in muscle, histologically resembling polymyosi-
tis in humans. Taken together, these studies suggest that,
although muscle injury may evoke an autoreactive immune
response to endogenous muscle antigens, this reaction is
blunted within muscle through local immune-suppressive
Treg dependent mechanism. In support of this, a muscle
specific Treg population capable of potentiatingmuscle repair
was recently identified [72]. Following cardiotoxin (CTX)
muscle injury, a Treg cell population began to accumulate at
day 4 after injury, just as the myeloid cell infiltrate switched
from a proinflammatory to a proregenerative phenotype.
Their frequency peaked at 2 weeks after injury, accounting for
about 50% of the CD4+ T cells. However, while the number
of CD4 T cells dropped to levels characteristic of uninjured
muscle by 28 days after CTX injection, the number of Treg
cells remained elevated. Interestingly, the increase in their
number was not due to further recruitment, rather to clonal
expansion within the muscle. Although these muscle Treg
cells expressed the canonical gene signature characteristic of
Treg cells, microarray gene expression analysis showed that
the muscle Treg cells were closely related to Treg cells derived
from visceral adipose tissue (VAT), but different from Treg
cells in lymphoid organs. The authors provide a large data
set of genes differentially expressed in VAT, muscle, colonic
lamina propria, and prediabetic NOD pancreas derived Treg
cells, supporting the notion that the Treg compartment is
heterogeneous, has multiple functions, and exerts effects
beyond the boundaries of the immune system [97]. Impor-
tantly, using the Foxp3-DTR mouse, in which Diphtheria
Toxin is expressed under the control of the promoter of
the Treg-specific Foxp3 gene, they showed that ablation of
Treg cells by Diphtheria Toxin injection, after muscle injury,
prevented muscle regeneration [72]. These authors identified
a key molecule released by muscle Treg, responsible for
the observed beneficial effect, named Amphiregulin (Areg),
an EGF family growth factor. Administration of Areg in
mice lacking Tregs restored efficient muscle regeneration,
suggesting that this growth factor is part of fundamental
cues during muscle repair. In this context, previous studies
have suggested that Areg might act directly on muscle cells
[98, 99]. Interestingly, a Treg population was enriched in
dystrophic muscle derived from dysferlin-deficient and mdx
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Figure 1:The complexity of the inflammatorymilieu inmuscle repair. During the initial phases of muscle damage, degenerating fibers release
chemokines and cytokines recruiting mast cells, neutrophils (NEUT), and CD8/CD4 T cells which sustain proinflammatory M1 phenotype
of recruited monocytes, thus promoting muscle fibers necrosis and debris clearing. These events are primarily mediated by IL-6, NO, TNF𝛼,
and IL-1𝛽 release. On the other hand, eosinophils are also recruited, which induce FAPs to sustain MuSCs proliferation via IL-4 release.
Eosinophils-induced FAPs-produced follistatin promotes MuSCs differentiation, together with the clonally expanding mTreg which produce
Areg. Areg also sustains MuSC proliferation and maintains/induces M2 anti-inflammatory/prohealing phenotype, supporting resolution of
inflammation. Unbalance in the kinetics, quality, and activity of any of these actors would prevent resolution of inflammation, makingmuscle
environment unfavourable for muscle regeneration, as it occurs in muscular dystrophies.

mice. In particular, inmdxmuscle, during both the acute and
the chronic phase of the disease, this enriched Treg appears to
be similar to muscle Treg. Although their number is very low,
loss- and gain-of-function experiments showed that reducing
Treg cells exacerbates the disease, while enriching them
ameliorates it, as measured by serum creatine kinase level,
an enzyme released into the blood upon muscle damage and
a standard indicator of muscle damage in dystrophic mouse
models, as well as by gene expression analysis. Taken together,
these findings raise the possibility that amuscle antigenmight
be involved in recruiting Treg cells to the site of injury and/or
retaining them therein. Since endogenous muscle antigens
are released in physiological conditions upon injury as well
as during pathological conditions by mechanical stress, such

as in muscular dystrophies, it is conceivable that Treg cells,
which are recruited and/or clonally expanded in muscle
following injury, function to prevent a potential systemic
autoimmune response by suppressing and regulating the
inflammatory response. Taken together, these studies are
very important and identify Treg cells and their products
as potential new players in the orchestrated series of events
underlying muscle repair in both acute and chronic context.

4. Concluding Remarks

Tissue damage induces a series of complex events including
inflammation, which culminate in deposition of ECM. If this
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process is faulty, excessive and persistent ECM deposition
takes place, and normal tissue is substituted by collagen scar,
resulting in tissue dysfunction. Inmuscle, dysregulated repair
with persistent fibrosis rather than efficient regeneration
plays a prominent role in the clinical decline and reduced
life expectancy associated with severe muscular dystrophies.
A deep knowledge of the complex events following muscle
damage will hopefully allow to design strategies aimed at
promoting efficient regeneration.

Although inflammation is now considered a patholog-
ical feature of muscle repair, the role and regulation of
this process have not been sufficiently examined. More-
over, the relative role of the innate or adaptive immunity
in muscle regeneration and dystrophies is still unclear.
Although blunting inflammation would not be a “cure”
for these diseases, the emerging picture is that multiple
strategies, addressing different aspects of the repair pro-
cess, which may eventually converge, may be successful.
In this context, although macrophages are emerging as
indispensable for damage control and tissue remodelling
following muscle injury, and as principal mediators of
pathological skeletal remodelling in diseases such as IIMs
and dystrophies, the involvement of other immune cells in
promoting or preventing muscle damage resolution is also
emerging.

In the last two decades, much research has pointed
out the active interactions between muscle cells and the
immune system and has clarified some of the mechanisms
involved in IIMs. According to most of these studies, muscle
cells are now emerging as possible facultative APCs, able,
within an inflammatory milieu, to drive the activation and
proliferation of CD4+ T cells, previously primed against
exogenous or endogenous peptides [100]. Whether similar
mechanisms may take place in muscle regeneration and
muscular dystrophies is not clear yet. It is well known that
T cells invade muscle upon both acute injury and chronic
diseases. T cells can be recruited by muscle or other infil-
trating cell populations, through cytokine release, but their
persistence and activity might be sustained by an antigen-
specific response. The possibility that an adaptive response
to endogenous muscle antigens released upon muscle fibers
degeneration, which may represent a common feature in
acute injury as well as in IIM or MDs, would attribute to
all of these conditions an auto-reactive component. In acute
injury, the efficient repair process and the ability of MuSCs
to proliferate and differentiate may be sustained by local
Treg dependent immune regulation. In fact, autoreactive T
cells are normally negatively selected in the thymus; if they
escape to the periphery, they are normally eliminated by
induction of apoptosis or rendered nonfunctional by the
induction of anergy [101]. By contrast, in IIM, muscle fibers
are direct targets of adaptive response, and the persistence
and clonal expansion of autoreactive T cells prevent mus-
cle healing. Although speculative at this stage, it may be
hypothesised that in MDs, the continuous cycles of muscle
fiber degeneration, due to muscle fiber fragility, allow for a
prolonged and sustained endogenousmuscle-specific antigen
exposure, leading to the persistence and clonal expansion of
potential muscle-antigen reactive T cells, eventually leading

to breakdown in peripheral tolerance to self-antigens. Thus,
if cytotoxic T cells escape the mechanisms of peripheral
tolerance, a cellular immune response will accompany the
innate immune response to tissue damage. The presence
of alloreactive cytotoxic T cells in mdx muscle [102], the
ability to transfer pathology from mdx mice to healthy mice
by adoptive transfer of immune cells primed with muscle
homogenates [63], and the presence of a well-conserved
peptide in the hypervariable domain of the T-cell receptor
of cytotoxic T cells from DMD patients [69] all support the
possibility that a breakdown of peripheral tolerance occurs
in muscular dystrophy. Furthermore, the observation that
muscle specific clonal expansion of Treg cell population
occurs during muscle regeneration and in MDs also suggests
that a specific adaptive immune response is operating during
muscle repair.

The discovery of the possible autoantigens that may
evoke an adaptive immune response in MDs will facilitate
therapeutic intervention. Similarly, the dissection of the T-
cell response, which contributes to the complexity of the
inflammatorymilieu (outlined in Figure 1), will also allow the
design of novel therapeutic strategies that would modulate
the immune response to create amore favorable environment
for MuSCs to differentiate and efficiently regenerate muscle
lesions.
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Repetitive brief ischemia and reperfusion (I/R) is associated with ventricular dysfunction in pathogenesis of murine ischemic
cardiomyopathy and human hibernating myocardium. We investigated the role of matricellular protein osteopontin-1 (OPN) in
murinemodel of repetitive I/R.One 15-minLAD-occlusion followed by reperfusionwas performeddaily over 3, 5, and 7 consecutive
days in C57/Bl6 wildtype- (WT-) and OPN−/−-mice (𝑛 = 8/group). After echocardiography hearts were processed for histological
and mRNA-studies. Cardiac fibroblasts were isolated, cultured, and stimulated with TGF-𝛽1. WT-mice showed an early, strong,
and cardiomyocyte-specific osteopontin-expression leading to interstitial macrophage infiltration and consecutive fibrosis after
7 days I/R in absence of myocardial infarction. In contrast, OPN−/−-mice showed small, nontransmural infarctions after 3 days
I/R associated with significantly worse ventricular dysfunction. OPN−/−-mice had different expression of myocardial contractile
elements and antioxidative mediators and a lower expression of chemokines during I/R. OPN−/−-mice showed predominant
collagen deposition in macrophage-rich small infarctions. We found lower induction of tenascin-C, MMP-9, MMP-12, and
TIMP-1, whereas MMP-13-expression was higher in OPN−/−-mice. Cultured OPN−/−-myofibroblasts confirmed these findings. In
conclusion, osteopontin seems tomodulate expression of contractile elements, antioxidativemediators, and inflammatory response
and subsequently remodel in order to protect cardiomyocytes in murine ischemic cardiomyopathy.

1. Introduction

Clinical and experimental studies provided evidence to
establish the concept of repetitive episodes of brief ischemia
and reperfusion (I/R) as an important mechanism in the
development of ischemic heart disease [1, 2]. Repetitive I/R
leads to progressive morphological and functional changes
in human heart resulting in hibernating myocardium. Hiber-
nating myocardium is a condition, where myocardial func-
tion is reduced under poor substrate availability in order to
prevent cardiomyocyte loss. The hallmark of this condition

is the reversibility of ventricular dysfunction upon restora-
tion of coronary blood flow—reperfusion. The presence of
newly recruited inflammatory cells in human hibernating
myocardium has been shown to be beneficial for the restora-
tion of left ventricular function after revascularization [3].
In order to better understand the underlying mechanisms,
we developed a murine model of repetitive, brief I/R [4].
This model shares pathological and functional features of
the human hibernating myocardium including a transient
inflammatory reaction, interstitial fibrosis, and reversible left
ventricular dysfunction. We described an important role for
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the chemokine CCL2 in development of interstitial fibrosis
and impaired ventricular function in this model [5] and also
found a strong induction of osteopontin during I/R.

Osteopontin is a matricellular protein and cytokine
involved in the regulation of macrophage function and as
a remodeling-associated mediator in different tissues [6].
Expression of osteopontin was associated with important
fibrogenic signals during development of bleomycin-induced
lung fibrosis [7]. Osteopontin expression was required for
differentiation of myofibroblasts in vitro [8]. Osteopontin has
also been associated with development of fibrosis and cardiac
adaptation in angiotensin II-induced murine myocardial
hypertrophy [9]. Mice lacking osteopontin revealed exagger-
ated left ventricular dilation and reduced collagen deposition
after nonreperfused myocardial infarction [10]. On the other
hand, cardiac-specific overexpression of osteopontin led to
the development of dilated cardiomyopathy being lethal in
mice at 12 weeks of age [11]. In a recent study, osteopontin
has further been suggested to have a major influence on
myocardial remodeling in desmin-deficient mice, which suf-
fer from myocardial degeneration without any kind of injury
[12]. In contrast to the published data, we investigated the role
of osteopontin in development of ischemic cardiomyopathy
using our model of repetitive, brief I/R without myocardial
infarction.

We describe novel aspects of osteopontin-dependent car-
dioprotection in murine ischemic myocardium influencing
expression of contractile elements and chemokines, as well
as regulation of remodeling factors tenascin-C and matrix
metalloproteinases (MMP).

2. Material and Methods

2.1. Study Animals. All mouse experiments were performed
on 20–25 g and 10–16-week-old mice. We used wild type-
(WT-) C57BL/6J mice (Charles River, Sulzfeld, Germany)
and the homozygote osteopontin-1-deficient- (OPN−/−-)
mice, which were derived on C57BL/6J-background and
provided by Rittling [13]. All experiments were performed
in accordance with an animal protocol approved by the local
governmental authorities and according to the EU Directive
2010/63/EU for animal experiments.

2.2. Mouse Model of Repetitive I/R. Briefly, in an initial
surgery, an 8-0 Prolene suture (Ethicon, Norderstedt, Ger-
many) was placed around the left descending coronary artery
and stored subcutaneously as previously described [4]. After
a recovery period of 7 days following initial surgery trauma,
repetitive I/R was performed. One daily episode of 15min
coronary artery occlusion was followed by reperfusion until
the next day. This protocol was repeated over 1, 3, 5, or 7
consecutive days. Left ventricular function was assessed via
echocardiography after 7 days I/R before heart retrieval for
histology group. Hearts were excised and fixated in zinc-
paraformaldehyde (Z-fix, 4%; Anatech, Battle Creek, MI,
USA) for histology, stored in RNAlater (Qiagen, Hilden,
Germany) formRNA-studies, or dissolved for cardiomyocyte
isolation.

2.3. Echocardiography. Mice were anesthetized with isoflu-
rane under continuous heart rate monitoring to minimize
cardiodepressive effects as previously described [4]. We
used a commercially available ultrasound system (HDI-5000;
ATL-Phillips, Oceanside, CA, USA) equipped with a linear
array transducer (CL15-7) operating at 15MHz and providing
frame rates up to 284Hz. Briefly, 2D-guided M-mode data
was acquired in the parasternal short-axis view at the level
of the papillary muscle. Fractional shortening as a global left
ventricular function parameter and anterior wall thickening
as a regional parameter of left ventricular function were
calculated as previously described [4].

2.4. Histology and Immunohistochemistry. Basic histologi-
cal evaluation was performed via haematoxylin and eosin
staining. Picrosirius red staining was used to visualize col-
lagen deposition and quantitative planimetric analysis of
collagen stained area was performed as already published
[4]. Immunohistochemical staining was performed using
Vectastain Elite ABC kits and diaminobenzidine (AXXORA,
Lörrach, Germany). We used the following antibodies: 𝛼-
smooth muscle actin (𝛼-smac; Sigma, Steinheim, Germany),
monocyte-specific rat anti-mouse antibody F4/80 (Abcam,
Cambridge, UK), tenascin-C rabbit anti-chicken polyclonal
antibody (Chemicon, Temecula, CA, USA) in vivo, and
troponin T (Fisher Scientific, Schwerte, Germany) and CD31
(BD-Pharmingen, Heidelberg, Germany) in vitro. F4/80-
positive cells were counted manually in order to ascertain
their monocyte/macrophage morphology.

2.5. Cardiomyocyte Isolation. We extracted cardiomyocytes
from hearts after 3 days I/R using Langendorff-apparatus
(Radnoti Technologies Inc., Monrovia, CA, USA) in order
to measure the cardiomyocyte specific mRNA-expression of
osteopontin as previously described [14]. Briefly, ischemic
hearts were perfused with collagenase B (Roche, Mannheim,
Germany) for digestion.The eluate containing the cardiomy-
ocytes was subjected to manual cell count immediately after
isolation. Cell count of troponin T stained cells revealed
>90% of cells being cardiomyocytes. The isolated cells were
transferred to Trizol (Invitrogen, Karlsruhe, Germany) for
subsequent mRNA-isolation. The whole isolation protocol
was performed within 20min.

2.6. Cardiac Fibroblast Cell Culture. Fibroblasts were isolated
from nonischemic mouse hearts according to a slightly
modified protocol [15]. Briefly, three noninfarcted, näıve
WT- or OPN−/−-hearts were pooled for one sample. Each
group consisted of 𝑛 = 5–7 pooled samples for further
experiments. The hearts were dissected free of vessels and
atria, transferred to 1mL of collagenase buffer (Roche), and
quickly minced into small pieces with scalpel and microfor-
ceps. This digestion process continued until no visible tissue
fragments were left. Next, the cell suspensions of 3 mice
were pelleted, washed, combined, and plated on a T75 tissue-
culture flask (Invitrogen) in full medium supplemented with
10% of FBS (Invitrogen) and antibiotic/antimycotic solution
(Invitrogen). After 24 h incubation, nonadherent cells were
removed by discarding the supernatant. Upon reaching
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confluence, cells were detached with trypsin/EDTA (Invitro-
gen), split in a 1 : 2 or 1 : 4 ratio, and recultured. Characteristic
fibroblast morphology was determined visually under a light
microscope. Only fibroblasts at passages 2–4 were used for
experiments. Pure fibroblast cultures were confirmed by
immunocytochemistry using antibodies against 𝛼-smac, tro-
ponin T, F4/80, and CD31. Cells were stimulated with human
TGF-𝛽1 (100 ng/mL; PeproTech, Hamburg, Germany) and
cultured under normoxia (21%O

2
, 5% CO

2
, 37∘C) or hypoxic

conditions (2% O
2
, 5% CO

2
, 37∘C) for 6 and 24 h. At the end

of the experiment, cells were harvested and stored in Trizol
(Invitrogen) at −80∘C until RNA extraction.

2.7. RNA-Extraction and Taqman RT-qPCR. The mRNA-
expression was determined using Taqman real time quantita-
tive PCR system (RT-qPCR, Applied Biosystems, Foster City,
CA, USA). Total RNA was isolated with a standard protocol
using phenole/chloroform extraction (Trizol, Invitrogen).
First-strand cDNA was synthesized using the high capacity
cDNA transcription kit (Applied Biosystems) with random
hexameric primers as described in the manufacturer’s pro-
tocol. cDNA was diluted 1/10 and analyzed in RT-qPCR
according to the manufacturer’s instructions on an ABI
Prism 7900HT Sequence Detection System using SDS2.2
Software (Applied Biosystems). Target gene-expression was
normalized to an internal control and to GAPDH for in vivo
experiments or 18 S for in vitro studies. All primers were
measured using FAM-TAMRA chemistry and the relative
standard curve method. Dissociation curve analysis was per-
formed to ascertain the amplification of a single PCRproduct.

2.8. Statistical Analysis. Data were normally distributed and
presented as mean ± S.E.M. Two way ANOVA with a
Student’s Newman-Keuls’ corrected post hoc analysis was
done to compare differences between the groups (Prism 5.0;
Graph Pad, La Jolla, CA, USA). Differences with 𝑃 ≤ 0.05
were considered significant.

3. Results

3.1. OPN−/−-Mice Develop Small, Nontransmural Infarctions
during Repetitive I/R Episodes. Brief repetitive I/R led to ∼
350-fold induction of osteopontin in WT-mice after 3 and
5 days of the ischemic protocol (Figure 1(a)). In order to
investigate whether osteopontin was produced by cardiomy-
ocytes in ischemic heart, we isolated cardiomyocytes after
3 days I/R from WT-hearts via Langendorff-perfusion and
found a significant 9-fold increase in osteopontin mRNA-
expression (Figure 1(b)). Näıve and sham operated OPN−/−-
mice presented with normal myocardial morphology and
cardiac function when compared with WT-mice, as pre-
viously described [10]. Repetitive I/R caused no loss of
cardiomyocytes after 7 days I/R in WT-mice (Figure 1(c)),
as previously reported [4]. In contrast, after 3 days I/R
OPN−/−-mice showed an irreversible loss of cardiomyocytes
in small areas of nontransmural infarctions and a mostly
consolidated scar formation after 7 days I/R in these regions
(Figure 1(d)). These small, nontransmural infarctions were
scattered throughout the ischemic area of the left ventricular

anterior wall. Echocardiography measurement of fractional
shortening revealed significant dysfunction in both strains
when compared to their shams (Figure 1(e)). The left ven-
tricular dysfunction was also significantly worse in OPN−/−-
mice compared to the WT-mice. Anterior wall thickening
measurement showed comparable degree of regional dys-
function in ischemic anterior wall between both strains after
7 days I/R, but only ischemic OPN−/−-hearts demonstrated
with significantly worse left ventricular function compared to
their shams (Figure 1(f)).

3.2. Ischemic OPN−/−-Hearts Show Different Expression of
MHC- and Actin-Isoforms and Antioxidative Mediators. In
order to investigate the underlying mechanisms for the irre-
versible loss of cardiomyocytes in OPN−/−-hearts, we mea-
sured myosin heavy chain (MHC) isoforms. OPN−/−-mice
were unable to decrease expression of more ATP consuming
and therefore energetically unfavorable 𝛼-MHC in contrast
to WT-mice during repetitive I/R (Figure 2(a)). At the same
time, OPN−/−-mice showed up to 5-fold higher expression of
less ATP demanding 𝛽-MHC after 7 days I/R than WT-mice
(Figure 2(b)). Despite of this adaptation, continuous expres-
sion of 𝛼-MHCmight result in unfavorable utilization of ATP
in ischemic osteopontin-deficient myocardium. We further
investigated the contractile elements and measured mRNA-
expression of skeletal and cardiac actin isoforms. While WT-
hearts showed practically unchanged expression of skeletal
actin during repetitive I/R, while their OPN−/−-mice coun-
terparts experienced a significant ∼4-fold upregulation after
5 days I/R, when compared to respective shams or WT-
group (Figure 2(c)). The expression of cardiac specific actin
was downregulated in WT-hearts to as low as 14% of sham
expression level during repetitive I/R protocol (Figure 2(d)).
Interestingly, OPN−/−-hearts showed a continuous and sig-
nificant upregulation of cardiac actin when compared to the
respective WT-groups. As an additional marker of cardiac
remodeling, we measured mRNA expression of desmin and
found no induction of it in WT-hearts, in contrast to a sig-
nificantly higher expression of it (max. 2.5-fold) in OPN−/−-
hearts (Figure 2(e)).

OPN−/−-mice showed a significant 3-fold lower mRNA-
induction of antioxidative mediator heme oxygenase-1 after 3
days of I/R and a tendency towards less induction thereafter
(Figure 3(a)). OPN−/−-mice also presented with a tendency
to less induction of glutathione peroxidase-1 during I/R
(Figure 3(b)). Furthermore, their expression of zinc-storage
and antioxidative proteins metallothionein-1 and -2 was
significantly decreased during the I/R-protocol (Figures 3(c)
and 3(d)). These differences in expression of contractile
elements and induction of antioxidative mediators seem to
be the major factors responsible for the irreversible damage
of the cardiomyocytes in remote perfusion areas, which his-
tologically presented as small, nontransmural infarcted areas.

3.3. Differences in Cellular and Molecular Response during
Postischemic Inflammation. In the next step we investi-
gated inflammatory reaction and found a different pat-
tern of macrophage distribution between the genotypes.
Macrophages were evenly distributed in the interstitial
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Figure 1: Osteopontin-deficiency leads to cardiomyocyte loss and poor left ventricular function. (a) OsteopontinmRNA-expression in whole
WT-mouse hearts during repetitive I/R and (b) in Langendorff-isolated adult WT-cardiomyocytes after 3 days I/R compared to sham. (c)
Representative HE-stained section of WT-heart after 7 days I/R shows interstitial cellular infiltration in contrast to (d) irreversible loss of
cardiomyocytes in OPN−/−-mice (arrow). (e) Fractional shortening was impaired in both strains, but loss of left ventricular contractility was
significantly reduced in OPN−/−-mice after 7 d I/R compared to WT. (f) Anterior wall thickening was significantly reduced in OPN−/−-mice
after 7 days I/R. 𝑛 = 8–11/group. Scale bars represent 50 𝜇m. RT-qPCR using Taqman and mRNA-expression is related to controls and
GAPDH using comparative ΔΔCt-method. Bracket indicates 𝑃 ≤ 0.05 between genotypes; ∗ indicates 𝑃 ≤ 0.05 versus respective shams.

space of ischemic WT-hearts after 7 days I/R (Figure 4(a)).
In contrast, the OPN−/−-mice presented with increased
macrophage infiltration into small, nontransmural infarc-
tions (Figure 4(b)). The quantitative analysis of F4/80 stain-
ing revealed a comparable macrophage density after 3 and
7 days I/R in both genotypes (Figure 4(c)). Still, at the

maximum of macrophage action after 5 days I/R we found
a significant 46% higher cell density in OPN−/−-hearts than
inWT-hearts. Further analysis of cellular localization showed
a significantly stronger (2-3-fold) macrophage infiltration of
the interstitial space in WT-hearts than in the very rarely
observed small infarcted areas (Figure 4(d)). At the same
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Figure 2: IschemicOPN−/−-hearts show different expression contractile elements. mRNA-expression of (a)𝛼-myosin heavy chain (𝛼-MHC),
(b) 𝛽-MHC, (c) skeletal actin, (d) cardiac actin, and (e) desmin in OPN−/−-mice compared toWT-mice during repetitive I/R. 𝑛 = 8-9/group.
RT-qPCR using Taqman and mRNA-expression is related to controls and GAPDH using comparative ΔΔCt-method. Bracket indicates 𝑃 ≤
0.05 between genotypes; ∗ indicates 𝑃 ≤ 0.05 versus respective shams.

time, OPN−/−-hearts demonstrated with a significant up
to 3.5-fold higher macrophage density in small, nontrans-
mural infarctions when compared to their interstitial space
(Figure 4(e)). The mRNA-expression of galectin-3, also
known asMAC-2, was significantly induced after 3 and 5 days
I/R in WT-hearts, as well as after 3 days in OPN−/−-hearts,

but not different between the two strains (Figure 4(f)). Inter-
estingly, measurement of mRNA-expression of chemokines
involved in this process revealed a significant 40% lower
induction of macrophage-related CCL2 after 3 days I/R in
OPN−/−-hearts (Figure 4(g)). Another macrophage-related
chemokine, CCL4, showed the same induction pattern in
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Figure 3: Ischemic OPN−/−-hearts show different expression of antioxidative mediators. mRNA-expression of antioxidative mediators (a)
heme oxygenase- (HMOX-) 1 and (b) glutathione peroxidase- (GPX-) 1.mRNA-expression of zinc-storage proteins (c)metallothionein (MT)-
1 and (d) MT-2. 𝑛 = 8-9/group. RT-qPCR using Taqman and mRNA-expression is related to controls and GAPDH using comparative ΔΔCt-
method. Bracket indicates 𝑃 ≤ 0.05 between genotypes; ∗ indicates 𝑃 ≤ 0.05 versus respective shams.

both genotypes as CCL2 (data not shown). Neutrophils-
related chemokine CCL3 presented also with a significant
60% lower induction in OPN-hearts than in WT-hearts
(Figure 4(h)), thus suggesting that chemokines are not the
critical mediators driving the inflammatory response in
osteopontin-deficient ischemic hearts. Indeed, the mRNA-
expression of proinflammatory cytokine TNF-𝛼 showed a
comparable induction between the genotypes (Figure 4(i)),
thus suggesting that TNF-𝛼 acts as a main chemotactic agent
in ischemic OPN−/−-hearts. The resolution of inflammatory
response was evaluated using mRNA-expression of anti-
inflammatory cytokine IL-10 (Figure 4(j)). IL-10 expression
profile was comparable between both genotypes, and this
provides suitable environment for the subsequent onset of
myocardial remodeling.

3.4. Attenuated Remodeling in Ischemic OPN−/−-Hearts. We
investigated several aspects of myocardial remodeling in vivo
and analyzed the function of osteopontin in fibroblasts in
vitro. Picrosirius red staining of collagen inWT-mice showed
an evenly distributed interstitial fibrosis, with thin, dense

collagen strains after 7 days I/R throughout the ischemic area
of the left ventricle (Figure 5(a)). OPN−/−-hearts presented
at the same time point with marked collagen deposition
in small areas of nontransmural infarctions, which were
partially confluent and where the collagen appeared not
yet to be compacted (upper black arrow, Figure 5(b)). This
morphology is indicative for prolonged remodeling process.
In order to quantify the extent of these confluent, patchy,
small areas of nontransmural infarctions, we performed
planimetric analysis of picrosirius red area and found com-
parable total collagen stained area as a percentage of the
total left ventricular area between both genotypes after 7 days
I/R, which was significantly higher (up to 3-fold) than in
the respective shams (Figure 5(c)). The differential analysis
of collagen deposition in these small infarctions revealed a
significantly larger area of them in OPN−/−-hearts covering
almost 25% of the total left ventricular area, when compared
to only 2% observed in WT-hearts (Figure 5(d)).

Further analysis of cells and remodelingmarkers included
visualization of myofibroblasts using 𝛼-smac staining. In
contrast to numerous myofibroblasts found in ischemic area
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Figure 4: Continued.
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Figure 4: Cellular and molecular changes in response to I/R. (a) Representative section of left ventricle after 7 days I/R in a WT-heart shows
low interstitial macrophage accumulation (F4/80). (b) High accumulation of macrophages in areas of small nontransmural infarctions in
OPN−/−-hearts (arrows). (c) Cell density of F4/80 positive macrophages in WT- compared to OPN−/−-hearts during I/R. (d) Differential
macrophage cell count in WT-hearts revealed only few cells within areas of small infarctions (infarcted) in comparison to interstitial space.
(e) In contrast, significantly more cells invaded areas of small infarctions in OPN−/−-mice than interstitial space. mRNA-induction of the
galectin-3 (f), chemokines (g) CCL2 and (h) CCL3, and cytokines (i) TNF-𝛼 and (j) IL-10 in OPN−/−-hearts compared to WT-hearts during
repetitive I/R. 𝑛 = 8–11/group. Scale bars represent 50 𝜇m. RT-qPCR using Taqman andmRNA-expression is related to controls andGAPDH
using comparative ΔΔCt-method. Bracket indicates 𝑃 ≤ 0.05 between genotypes; ∗ indicates 𝑃 ≤ 0.05 versus respective shams.
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Figure 5: Collagen deposition in areas of small, nontransmural infarctions in OPN−/−-hearts during repetitive I/R. (a) Representative section
of left ventricle in a WT-heart after 7 days I/R shows interstitial fibrosis in picrosirius red staining. (b) In contrast, OPN−/−-mice reveal
relatively loose collagen deposition in areas of cardiomyocyte loss-small, nontransmural infarctions (arrows and dotted lines show confluent
areas of patchy replacement fibrosis), but less interstitial collagen in the ischemic area. (c) Planimetrical analysis of collagen stained area
between the genotypes after 7 days I/R. (d) Differential analysis of collagen deposition in small, nontransmural infarctions. 𝑛 = 8–11/group.
Scale bars represent 200𝜇m. Bracket indicates 𝑃 ≤ 0.05 between genotypes; ∗ indicates 𝑃 ≤ 0.05 versus respective shams.
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of theWT-myocardium (Figure 6(a)), we observed only very
fewmyofibroblasts in ischemic OPN−/−-hearts (Figure 6(b)).
The mRNA-expression of early remodeling marker tenascin-
C was strongly induced in WT-hearts being ∼18-fold higher
than in OPN−/−-hearts (Figure 6(c)). Still, the OPN−/−-
hearts presented with ∼4-fold induction above the sham-
level. The mRNA-expression of growth and myofibroblast
differentiation factor TGF-𝛽1 was comparable between the
genotypes and slightly induced in both strains after 3 days I/R
(data not shown). Another prominent and significant differ-
ence was found in the absence of induction of MMP-2 and
MMP-9 inOPN−/−-hearts when compared to their induction
in WT-samples (Figures 6(d) and 6(e)). Interestingly, MMP-
12 expression was also significantly ∼4-fold higher in WT-
hearts after 3 days I/R when compared to the OPN−/−-
hearts, but the OPN−/−-hearts revealed a nonsignificant ∼2-
fold induction when compared to their shams (Figure 6(f)).
Apparently, the only enzyme involved in collagen deposition
was MMP-13, which was significantly up to 3-fold higher
induced in OPN−/−-hearts after 3 days I/R and followed by a
tendency to a higher expression thereafter, when compared to
the WT-hearts (Figure 6(g)). Interestingly, the expression of
tissue-inhibitor of MMP (TIMP-1) (Figure 6(h)) and TIMP-
2 (Figure 6(i)) was also significantly lower in OPN−/−-hearts
during repetitive I/R than inWT-hearts. TIMP-4 presented a
similar induction pattern as TIMP-2 for both genotypes (data
not shown).

In the last set of experiments we analyzed fibroblasts in
vitro, which were derived from naı̈ve hearts, cultured under
normoxic or hypoxic conditions, and additionally stimulated
with human TGF-𝛽1 to differentiate into myofibroblasts. As
a proof of principle, we measured the OPN-1 inWT-cells and
found a significantly lower expression of it under hypoxia
with or without TGF-𝛽1 stimulation (Figure 7(a)). The 24 h
stimulation led further to significantly less induction of
OPN-1 under normoxic conditions. Therefore, fibroblasts
seem to downregulate OPN-1 in vitro and this may represent
a negative feedback for the expression of OPN-1 during the
later phases of myocardial remodeling, when extracellular
matrix production is slowing down. The mRNA-expression
of galectin-3 showed no differences between the strains
or conditions, thus indicating no role for it in fibroblasts
(Figure 7(b)). WT-myofibroblasts presented dynamic
regulation of CCL2 with a significant ∼4-fold higher mRNA-
induction after 6 h of TGF-𝛽1 stimulation irrespectively of
hypoxic condition (Figure 7(c)). This induction was not
observed after 24 h, while OPN−/−-hearts presented no
induction of CCL2 under any of conditions. The mRNA-
expression of tenascin-Cwas significantly induced after 6 and
24 h TGF-𝛽1 stimulation and normoxia in WT-fibroblasts
(Figure 7(d)). In addition, hypoxia led to a significant
induction of tenascin-C mRNA after 24 h stimulation in
the WT-cells. OPN−/−-hearts presented again with an
absence of significant mRNA-induction of tenascin-C under
any of the investigated conditions. Similar to the in vivo
findings we observed a tendency to a higher expression
of MMP-9 after 24 h TGF-𝛽1 stimulation in WT-mice
under hypoxia when compared to OPN−/−-cells, while this
difference reached a significant level in stimulated group

under normoxic conditions (Figure 7(e)). In contrast to the
in vivo data, we found no significant induction of MMP-12
mRNA in vitro (Figure 7(f)). Still, another parallel to the
in vivo data was observed in mRNA-expression of TIMP-1.
TIMP-1 expression was significantly higher after 24 h TGF-
𝛽1 stimulation in myofibroblasts from WT-hearts under
normoxic as well as hypoxic atmosphere when compared to
no induction in OPN−/−-cells (Figure 7(g)).

Taken together, these data provide novel evidence for
an osteopontin-mediated, differential regulation ofmediators
in myocardial remodeling in a model of murine ischemic
cardiomyopathy.

4. Discussion

This study provides novel insights into cardioprotective
mechanisms of osteopontin in our murine model of brief,
repetitive I/R in absence of myocardial infarction. It con-
tributes to a better understanding of the previously described
role for osteopontin in regulation of macrophage function
and myocardial fibrosis after infarction [6]. Osteopontin
has also been associated with development of fibrosis and
myocardial adaptation in an angiotensin II-induced murine
hypertrophy model [9]. Mice with a cardiomyocyte specific
overexpression of osteopontin died prematurely after mean
of 12 weeks of age. In these mice, loss of cardiomyocytes
was associated with increased inflammatory cell infiltration
and their cytotoxic activity [11]. On the other hand, lack of
osteopontin caused increased apoptosis of cardiomyocytes
in streptozotocin-induced diabetic mice [16]. Further investi-
gations showed expression of osteopontin on noncardiomy-
ocytes in a desmin-deficient mouse model suffering from
myocardial degeneration in absence of any kind of injury
[12]. Expression of osteopontin has been shown on neonatal
rat cardiomyocytes [17]. In the present study, we found that
osteopontin is specifically induced inmurine cardiomyocytes
of WT-mice after repetitive ischemic insults. Our OPN−/−-
mice presented with loss of cardiomyocytes and deteriorated
left ventricular function after 7 days repetitive I/R. This was
associated with changes in mRNA-expression of contractile
elements. OPN−/−-mice did not change their utilization of
the less energy efficient 𝛼-MHC isoform despite repetitive
ischemic injury, but were still able to adapt by induction
of the less ATP consuming 𝛽-MHC isoform. Even though
this resulted in a comparable ratio of 𝛽/𝛼-MHC between the
WT and OPN−/−-mice, the increase in metabolic turnover
in OPN−/−-mice may represent an additional burden under
ischemic stress. The reexpression of embryonic contractile
elements has been associated with different myocardial
pathologies [18, 19]. Our findings on expression of skeletal
and cardiac actin, as well as desmin in OPN−/−-mice, give
further support to an osteopontin-mediated adaptation of
cardiomyocytes to ischemic injury.

Osteopontin has been described to regulate expression
of heme oxygenase-1 in glioma cells [20]. We found lower
induction of heme oxygenase-1 and absent induction of
glutathione peroxidase-1, aswell as onlyminimal induction of
metallothionein-1 and -2, in OPN−/−-mice, which all reflect
functional impairment of antioxidative mediators as very
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Figure 6: Continued.
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Figure 6: Attenuated remodeling in ischemic OPN−/−-hearts. (a) Representative section of left ventricle after 7 days I/R in aWT-heart shows
numerous 𝛼-smac positive myofibroblasts (black arrows) in the ischemic myocardium. (b) At the same time point, 𝛼-smac positive signals
(black arrow) were almost absent in small, nontransmural infarctions (white arrows) of OPN−/−-hearts. mRNA-induction of (c) tenascin-
C (TNC), (d) MMP-2, (e) MMP-9, (f) MMP-12, (g) MMP-13, (h) TIMP-1, and (i) TIMP-2 in WT- and OPN−/−-hearts during repetitive
I/R. 𝑛 = 8–11/group. Scale bars represent 50 𝜇m. RT-qPCR using Taqman and mRNA-expression is related to controls and GAPDH using
comparative ΔΔCt-method. Bracket indicates 𝑃 ≤ 0.05 between genotypes; ∗ indicates 𝑃 ≤ 0.05 versus respective shams.

important cardioprotective mechanism [4]. The lack of met-
allothionein induction in OPN−/−-mice is very interesting,
since these zinc-storage proteins are important for normal
function of several enzymes, antioxidative mediators, and
actors in inflammatory reaction [21]. Taken together, our
findings on contractile elements expression and antioxidative
mediators support the specific role of osteopontin on car-
diomyocytes.

According to previously published data on the role
of osteopontin in macrophage function [6, 22], we found
significantly stronger macrophage infiltration of the ischemic
myocardium in OPN−/−-mice. In contrast to previous stud-
ies, we demonstrated predominant attraction of invading
macrophages to the small, nontransmural infarctions thereby
contributing to the phagocytosis of dead cardiomyocytes and
subsequent scar formation.Another interesting finding of our
study is the lower mRNA-induction of chemokines CCL2
and CCL3 in OPN−/−-mice during repetitive I/R. Our in vivo
data is also supported by the lack of CCL2-induction found
in our myofibroblast cell culture. These findings are novel
and additive in respect to a study, where osteopontin has
been suggested to specifically modulate expression of CCL2
chemokine and thus regulating activity of monocytes in vitro
[23]. Therefore, our findings may be also interpreted as a
result of osteopontin-deficiency on noncardiomyocytes, that
is, macrophages and fibroblasts in the heart. But one may still
argue that the lack of antioxidative mediators in cardiomy-
ocytes could be responsible for the observed lower induction
of chemokines [24]. Therefore, we can only remain specu-
lative in this matter, and this question could be addressed
using cell-specific knockouts in future studies. Despite the
differences in chemokine expression, OPN−/−-mice showed
normal cytokine expression during repetitive I/R, which was
sufficient to mediate the observed macrophage infiltration.

The resolution of inflammatory response, demonstrated by
normal IL-10 mRNA-induction, also seems to be unaffected
by osteopontin-deficiency, thus allowing the timely onset of
myocardial remodeling. A recent study provided evidence for
a substantial role of osteopontin on noncardiomyocytes, that
is, macrophages via upregulation of galectin-3 and MMP-
12 during myocardial degeneration of desmin-deficient mice
without injury [12]. We did not find a difference in galectin-3
expression inOPN−/−-hearts, but this is probably attributable
to the fact that our model of repetitive ischemic injury does
not induce a substantial damage to the myocardium.

Numerous studies reported involvement of osteopontin
inmechanisms of tissue remodeling. Osteopontin-expression
was necessary to induce mediators of fibrosis in develop-
ment of bleomycin-induced lung fibrosis [7]. Mice lacking
osteopontin showed exaggerated left ventricular dilation and
presented with reduced collagen deposition after myocardial
infarction without reperfusion [10]. In contrast, we observed
somewhat opposite findings with comparable total collagen
area between WT- and OPN−/−-mice after 7 days I/R, but
high collagen deposition in small infarctions associated with
less interstitial fibrosis in the OPN−/−-mice. The collagen
fibers seem not to be compacted after 7 days I/R in OPN−/−-
mice, which can indicate an impairedmyocardial remodeling
during formation of a stable scar with compacted collagen
fibers. Since osteopontin was described to be necessary for
differentiation of myofibroblasts in vitro [8], we examined
the differentiation of myofibroblasts in vivo and found less
of these collagen-producing cells in OPN−/−-mice. Tenascin-
C is an established early marker of remodeling and is
also strongly involved during embryonic development [25]
or scar formation after myocardial infarction [26]. In the
present study, we describe for the first time that tenascin-
C expression is regulated by osteopontin in myocardial
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Figure 7: Continued.
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Figure 7: Expression of remodeling markers in myofibroblasts in vitro. Cultured myofibroblasts from WT- and OPN−/−-hearts were
stimulated with human TGF-𝛽1 or PBS as control under normoxia (21% O

2
) or hypoxia (2% O

2
). mRNA-expression of (a) OPN-1 in WT-

cells only. mRNA-expression of (b) galectin-3, (c) CCL2, (d) tenascin-C (TNC), (e) MMP-9, (f) MMP-12, and (g) TIMP-1. 𝑛 = 5–7/group.
RT-qPCR using Taqman and mRNA-expression is related to controls and 18 S (in vitro) using comparative ΔΔCt-method. Bracket indicates
𝑃 ≤ 0.05 between genotypes; ∗ indicates 𝑃 ≤ 0.05 versus 6 h + PBS normoxia group (control).

remodeling in vivo and in vitro, thereby contributing to
timely onset of the remodeling process. In addition to the
morphological findings on less compacted collagen in small
infarctions, these data clearly indicate impaired remodeling
in OPN−/−-hearts. Osteopontin has also been described as
an important regulator of MMPs and their tissue inhibitors
during remodeling resulting in significantly decreased left
ventricular dilation after myocardial infarction [27]. We
could confirm these data showing a decrease in mRNA-
expression of MMP-2, MMP-9, MMP-12, TIMP-1, TIMP-2,
and TIMP-4 in vivo. In addition, we found an increase in
MMP-13 expression in OPN−/−-mice, being probably one
of a few factors mediating the collagen deposition and scar
formation during repetitive I/R in these mice. Our data from
myofibroblasts in vitro showed a decrease in osteopontin
expression under hypoxia and TGF-𝛽 stimulation.Therefore,
osteopontin seems to be rather involved during transition
from macrophage-driven inflammation to early remodeling
phase, since it has also been suggested as a marker for
mature macrophages during late stages of granulation tissue
formation [28]. The missing upregulation of galectin-3 and
MMP-12 in vitro also points to their predominant role
on macrophages, as previously suggested [12]. Still, the in
vitro MMP-9 and TIMP-1 data are supportive for our in
vivo findings. Therefore, our data provide also evidence for
the role of osteopontin in regulation of chemokines and
macrophage function and subsequent effects in remodeling
during development of murine ischemic cardiomyopathy.

Our experimental study may also have a clinical rele-
vance based on recently published human data. Osteopontin-
expression was increased on cardiomyocytes in patients with
terminal heart failure [29], and its level has been suggested

as a predictive marker of development of right ventricular
failure [30]. Also, osteopontin has been suggested as amarker
of mortality and readmission risk in patients with acute
congestive heart failure [31]. In this respect, we emphasize
that the interpretation of our data may have a weakness being
solely based on mRNA-expression without protein data. Still,
this is somewhat relative due to the fact that many of our
reported factors are transcriptionally well regulated.

5. Conclusion

In conclusion, osteopontin seems to modulate expression of
contractile elements, antioxidative enzymes, inflammatory
response, and early development of interstitial fibrosis in
order to prevent irreversible cardiomyocyte loss in murine
ischemic cardiomyopathy. These findings may further sup-
port the therapeutical perspective for osteopontin as a pos-
sible target in protection of the ischemic heart.
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IL-6 is a multifaceted pleiotropic cytokine, which is produced by a variety of cell types and targets different cells and tissues. In
physiological conditions, IL-6 can be locally and transiently produced by skeletal muscle and plays an important role in muscle
homeostasis. Circulating IL-6 levels are normally very low or undetectable but are dramatically increased in several pathologic
conditions. In this study, we aimed to define the potential molecular mechanisms underlying the effects of IL-6 on myogenic
program.We explored the molecular mechanisms through which exogenous IL-6, or the conditioned medium from the murine C-
26 adenocarcinoma cells (a cellular model that secretes high levels of IL-6 and induces cancer cachexia in mice), interferes with the
myogenic program. Our study revealed that IL-6 induces the activation of the Stat3 signaling and promotes the downmodulation
of the p90RSK/eEF2 andmTOR/p70S6K axes, while it does not affect the activation of AKT.We thus identified potential molecular
mediators of the inhibitory effects of IL-6 on myogenic program.

1. Introduction

Muscle differentiation is a well-coordinated and regulated
process which is influenced by either positive or negative
external signals. Fibroblast growth factor (FGF) and TGF-𝛽
inhibit differentiation [1, 2], whereas IGFs are potent inducers
of myogenic proliferation, differentiation, and hypertrophy
[3, 4].

Moreover, several cytokines and other factors, such as IL-
1, IL-6, TNF-𝛼, and IFN-𝛾, have been proven to negatively
affect muscle differentiation both in vitro and in vivo, causing
also muscle wasting [5–8]. Elevated levels of cytokines,
associatedwith chronic inflammation, are observed in several
chronic diseases, ranging from cancer to AIDS and from
muscular dystrophy to chronic heart failure and kidney
disease.

Among these factors, IL-6 potentially plays a prominent
role in muscle differentiation, homeostasis, and wasting.

IL-6 can be produced locally, by skeletal muscle, or
released systemically in response to different physiopatho-
logic stimuli [9]. In skeletal muscle IL-6 acts as a pleiotropic
factor and appears to have at least two different conflicting
functions. In nonpathological conditions, IL-6 has been
involved in the physiological metabolic response of skeletal
muscle to exercise [9, 10]; it is synthesized by skeletal muscle,
in response to increased workload, and secreted locally or
into the blood stream, where it might act in a hormone-
like manner, stimulating the hepatic gluconeogenesis and
increasing adipose tissue lipolysis [10]. It has been also shown
that the autocrine production of IL-6 can promote myo-
genic differentiation [11, 12] and acts as a positive regulator
of satellite cell-mediated hypertrophic muscle growth [13],
suggesting that IL-6 plays an important role in myogenesis.

By contrast, different pathologic conditions promoting
musclewasting, including cancer, are associatedwith elevated
systemic levels of IL-6 [4]. Moreover, severe muscle atrophy
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is seen in different mouse models in which IL-6 has been
chronically elevated in skeletal muscle, through transgenic
overexpression [14], in vivo electroporation [15], or direct
infusion into muscle [16]. The different and opposite effects
of a single molecule, like IL-6, can be explained taking into
consideration the levels of expression and its spatial and
temporal interaction with the target tissue. The regulation of
muscle differentiation is dependent on the activation of signal
transduction cascades with the complex involvement of sev-
eral kinases, including the mitogen-activated protein kinases
(MAPK), the serine/threonine kinase AKT, a downstream
effector of PI3-kinase, the p90 ribosomal S6 kinase (p90RSK),
and the calcineurin/NFAT pathway [17].

In this study, we explored some molecular mechanisms
through which exogenous IL-6 can perturb the skeletal
muscle homeostasis and impinge muscle differentiation.

We treated C2C12 myogenic cells, an in vitro model able
to recapitulate the program of myogenic differentiation with
recombinant IL-6 or with the conditioned medium from the
C-26 mouse adenocarcinoma cell line (C-26 CM), which
secrete IL-6 in the extracellularmedium (as it is shown in this
paper and in [5, 18]). We show that IL-6 induced a dramatic
inhibition in the expression of late myogenic differentiation
markers, such as myogenin and sarcomeric muscle myosin,
whereas it did not significantly affect the expression of Pax7
and MyoD. IL-6 also did not affect the activation of AKT, a
kinase essential to promote protein synthesis and cell survival
and to block protein degradation [19, 20]. However, we show
that exogenous IL-6 induced a selective downmodulation
of the p90RSK/eEF2 and mTOR/p70S6K axes, which are
important mediators for the positive control of protein
synthesis and themaintenance of the differentiatedmyogenic
phenotype [19, 21–23].

2. Material and Methods

2.1. Cell Culture and Media Preparation. Murine C2C12
myoblasts cells and C-26 colon adenocarcinoma (ATCC)
were grown inDulbecco’smodified Eagle’s medium (DMEM)
with 10% fetal bovine serum plus standard complements
(growth medium, GM). To induce myogenic differentia-
tion of C2C12 myoblasts, cells were cultured in GM until
subconfluence (i.e., about 80–90% of cell confluence) and
then shifted to DMEM with 2% horse serum (differentiation
medium, DM). All media, sera, and complements for cell
cultures were from Gibco-Invitrogen. For C-26 conditioned
medium (CM) production, about 8 × 105 C-26 cells were
plated in GM in a 60 × 15mm cell culture dish (Falcon).
After the overnight attachment, the medium was totally
replaced with 6mL of fresh GM. When the C-26 cells
reached confluence, the resulting medium (C-26 CM) was
collected, centrifuged (1000 g for 10min), and filtered with
a 0.22𝜇m polyethersulfone hydrophilic filter (Millipore). 2%
horse serum (final concentration) was added to C-26 CM,
which was finally diluted in a ratio 1 : 10 in the DM, to obtain
the DM + 10% C-26 CMmedium.

Recombinantmouse IL-6 (rIL-6) was fromR&DSystems.
Lyophilized rIL-6 was dissolved at 100 𝜇g/mL in sterile PBS
containing 0.1% bovine serum albumin (BSA, globulin-free

and low endotoxin, purity ≥98%, from Sigma). rIL-6 was
diluted into DM to obtain the (DM + 25 ng/mL of rIL-6)
medium. The same amount of carrier BSA was added in
the control DM. However, previous analysis showed that the
carrier BSA did not interfere with myogenic differentiation
(data not shown).

2.2. Cytokine Assay. TheBDBiosciences CBAMouse Inflam-
mation Kit was used to quantitatively measure IL-6, IL-
10, MCP-1, IFN-𝛾, TNF-𝛼, and IL-12p70 protein levels,
according to the manufacturer instructions. In brief, 50 𝜇L of
supernatants (C-26 CM or control samples) were incubated
with a mixture of beads coated with the capture antibodies
for the different cytokines. Addition of the PE-conjugated
detection antibodies formed a sandwich complex. After 2 h
of incubation and one wash, samples were analyzed by flow
cytometry, using an Epics XL Cytometer (Beckman Coulter).
Standard curves were generated from analysis of titrated
cytokine standards (at least 10 serial dilutions; standards
provided by the manufacturer) and analysis was performed
using the BD CBA analysis software.

2.3. Immunohistochemical Analysis. C2C12 myotubes were
fixed in 4% paraformaldehyde and then preincubated in
phosphate-buffered saline (PBS) containing 1% BSA and a
1 : 30 dilution of goat serum for 30min. Myotubes were
treated with a monoclonal antibody against the anti-myosin
type II (MF-20, Developmental Studies Hybridoma Bank)
(1 : 100, overnight at 4∘C). After incubation with the primary
antibody, themyotubes werewashed twicewith PBS and once
with PBS containing 1% BSA for 15min and incubated with
goat anti-mouse rhodamine-conjugated secondary antibody.
The cells were washed again, as described above, and the
nuclei of myogenic cells were visualized by Hoechst staining.
Finally the slidesweremounted in 90%glycerol in PBS (pH8)
and visualized under inverted microscope (Axioskop 2 plus;
Carl Zeiss MicroImaging, Inc.) and images were processed
using Axiovision 3.1.

2.4. Protein Extraction and Immunoblotting. C2C12 cells
were washed with PBS and lysed in RIPA buffer (radio
immunoprecipitation assay buffer) (100mM Tris/HCl pH
7.4, 150mM NaCl, 20mM sodium fluoride, 2mM EDTA,
0.2mM 2-glycerophosphate, 1mM sodium vanadate, 3%
(w/v) deoxycholate, 10mM Na

4
P
2
O
7
, 0.5% SDS, and 1%

(v/v) Nonidet P40) containing a protease inhibitor cock-
tail (Complete Mini, Roche). Cells were sonicated and
cleared by centrifugation (10,000 g for 10min, at 4∘C), and
the whole cell lysate supernatant was collected. Proteins
were resolved by SDS/PAGE, transferred on to Protran
nitrocellulose membranes (Whatman), and immunoblotted
under standard conditions, with primary antibodies as fol-
lows: anti-myosin type II MF-20 (Developmental Studies
Hybridoma Bank); anti-𝛼-tubulin (Sigma); anti-phospho-
Stat3 (Tyr705) D3A7 (Cell Signaling Technology); anti-Stat3
D3Z2G (Cell Signaling); anti-phospho-AKT (Ser473) D9E
(Cell Signaling); phospho-Akt (Thr308) (D25E6); anti-AKT
(Cell Signaling); anti-phospho-mTOR (Ser2448) D9C2 (Cell
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Signaling); anti-mTOR (Cell Signaling); anti-phospho-p70S6
kinase (Thr389) 108D2 (Cell Signaling); anto-phospho-p70
S6 Kinase (Ser371) (Cell Signaling); anti-p70S6 Kinase (Cell
Signaling); anti-phospho-p90RSK (Thr359/Ser363) (Cell Sig-
naling); anti-pan p90RSK number 9347 (Cell Signaling);
anti-eEF2 (Thr56) (Cell Signaling); and anti-eEF2 (Cell
Signaling). Anti-mouse or anti-rabbit immunoglobulin G
horseradish peroxidase linked F(ab)2 secondary antibodies
and enhanced chemiluminescence detection kit were from
Amersham Biosciences.

2.5. RNA Isolation, RT (Reverse Transcription), and Real Time
PCR. C2C12 cells were washed with ice-cold PBS and total
RNA was extracted using the TRIzol reagent (Life Tech-
nologies). Digestion of contaminating genomic DNA was
performed with DNA-free DNase treatment (Ambion). First
strand cDNA was generated using a kit with random primers
(High Capacity cDNA Reverse Transcription kit, Applied
Biosystems) from 1𝜇g of total RNA.Newly synthesized cDNA
was diluted 5-fold in DNA-free water and 5% of this cDNA
was used in each real-time PCR assay, using a 7500 Real
Time PCR System (Applied Biosystems). The standard curve
method was used to calculate the relative mRNA levels for
each transcript examined and actin beta (ACTB) was used
as a reference to normalize the data. Specific assays used
for the Taqman quantification were all from Applied Biosys-
tems: MYOG: Mm00446195 g1; MYOD1: Mm01203489 g1;
PAX-7: Mm01354484 m1; SOCS3: Mm00545913 s1; ACTB:
Mm00607939 s1.

2.6. Densitometric Analysis and Statistics. Densitometry was
performed on scanned immunoblot images (Aida 2.11 soft-
ware). The gel analysis tool was used to obtain the absolute
intensity (AI) for each experimental band and corresponding
control band. Relative intensity (RI) for each experimen-
tal band was calculated by normalizing the experimen-
tal AI to the corresponding control AI. In both densito-
metric analysis and real-time PCR analysis, the software
GraphPad Prism was used to perform statistical analysis
with Student’s 𝑡-test. Results are expressed as means ±
s.e.; 𝑃 values <0.05 were considered statistically signifi-
cant.

3. Results

3.1. C-26 Adenocarcinoma Cells Secrete IL-6. Proinflamma-
tory cytokines might impinge muscle differentiation both in
vitro and in vivo [6–8]. We measured the concentration of
IL-6, IL-10, TNF-𝛼, MCP-1, INF-𝛾, and IL-12p70 secreted
in the conditioned medium (CM) by the murine colon C-
26 adenocarcinoma cells [5, 18]. This quantitative analysis
revealed that C-26 cells secreted and progressively accumu-
lated, in CM, relatively high concentrations of two cytokines,
IL-6 and MCP-1 (Figure 1). The levels of the other cytokines
secreted in CM by C-26 cells, such as INF-𝛾, IL-10, TNF-𝛼,
and IL-12, were not significantly different compared with the
control medium obtained from the C2C12 myogenic cell line
(Figure 1).

3.2. C-26 Conditioned Medium Inhibits C2C12 Myogenic Dif-
ferentiation. In agreement with previously published exper-
iments [24], we observed that when C-26 CM was added to
the standard growth medium, C2C12 myoblasts proliferation
was impaired (data not shown). To explore if the factors
secreted by C-26 adenocarcinoma cells were able to directly
interfere with muscle differentiation, we let proliferate C2C12
myoblasts in the standard growth medium until about 80–
90% of cell confluence (subconfluence) and then we shifted
the cells to the differentiation medium (DM) containing 10%
C-26 CM (Figure 2(a)).

Morphological and immunofluorescence analysis re-
vealed that the presence of C-26 CM in DM induced a
significant reduction in the number and size of the myosin
positive multinucleated myotubes, compared with control
C2C12 myotubes (Figure 2(a)). The altered differentiated
muscle phenotype was also confirmed by Western blot
analysis, revealing a drastic downmodulation of the sarco-
meric myosin heavy chain expression, a specific marker of
myogenic differentiation (Figures 2(b) and 2(c)).

Our results demonstrate that factors released in the
extracellular medium by C-26 adenocarcinoma cells were
able to interfere, in a cell autonomous manner, with C2C12
myogenic differentiation and maturation.

3.3. IL-6 Negatively Regulates C2C12 Myogenic Differentia-
tion. Previous studies have shown that C-26 conditioned
medium is a complex mixture of secreted proteins, including
cytokines, growth factors, and signaling molecules, some of
which can potentially play a role in myogenic program and
muscle wasting [5, 24]. In this work, using a proinflammatory
cytokine array, we have shown that adenocarcinoma C-26
cells can secrete and progressively accumulate in the CM
high concentrations of at least two cytokines, IL-6 andMCP-1
(Figure 1).

We explored if IL-6 can recapitulate the inhibitory effect
of C-26 CM on C2C12 myogenic differentiation or whether
this inhibition is the sum of the concomitant effects of several
tumoral factors secreted by C-26 cells.

To avoid any confounding effect, we induced C2C12
myogenic differentiation in the presence of the differentia-
tion medium (DM) supplemented with recombinant exoge-
nous IL-6 protein (rIL-6). We then analysed the differ-
entiated myotubes by Western blotting and immunofluo-
rescence analysis (Figure 2). We observed that the C2C12
myotubes treated with rIL-6 were shorter and smaller in
size (Figure 2(a)) and displayed a significant reduction in the
sarcomeric myosin heavy chain expression compared with
the myotubes differentiated in the control medium (DM)
(Figures 2(b) and 2(c)).

Of note, the inhibitory effects of rIL-6 and C-26 CM on
C2C12 myogenic differentiation were similar (Figures 2(a)–
2(c)).

We also analyzed, by real-time PCR, the effects of rIL-
6 on the expression of Pax-7 and MyoD1, two transcription
factors that are expressed prevalently in the proliferating
myoblasts and in the early stages of the myocytes differen-
tiation [25], and of myogenin, a molecular marker associated



4 BioMed Research International

0

3

6

9

12

15

18

1 2 3 4 5 6

MCP-1
(n

g/
m

L)

C2C12
CM

DM C-26 CM

(a)

0

20

40

60

80

100

120

1 2 3 4 5 6

IL-6

(p
g/

m
L)

C2C12
CM

DM C-26 CM

(b)

0

3

6

9

12

15

18

1 2 3 4 5 6

(p
g/

m
L)

C2C12
CM

DM C-26 CM

IFN-𝛾

(c)

IL-10

(p
g/

m
L)

C2C12
CM

DM C-26 CM

0

20

40

60

80

100

1 2 3 4 5 6

(d)

0

4

8

12

16

20

24

1 2 3 4 5 6

C2C12
CM

DM C-26 CM

(p
g/

m
L)

TNF-𝛼

(e)

C2C12
CM

DM C-26 CM

IL-12

(p
g/

m
L)

0

15

30

45

60

75

90

1 2 3 4 5 6

(f)

Figure 1: Determination of secreted cytokines in the conditioned medium from C-26 adenocarcinoma cells. (a–f) MCP-1, IL-6, IFN-𝛾, IL-
10, TNF-𝛼, and IL-12p70 protein levels were measured using a cytometric bead assay in which the specific antibodies were conjugated with
capture beads (see Section 2).MCP-1 concentration is expressed in ng/mL, whereas the other cytokines concentrations are in pg/mL. 1: control
I, conditioned medium (CM) from proliferating C2C12 cells in growth medium (GM); 2: control II, myogenic differentiation medium (DM);
3: CM from proliferating C-26 cells in GM (i.e., exponential phase, with a cell confluence about 50%); 4, 5, and 6: CM from confluent C-26
cells (i.e., stationary phase) with a cell confluence of about 100% for 1, 2, or 3 days, respectively. The experiment indicates means ± standard
deviation from three independent determinations.
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Figure 2: C-26 CM and exogenous IL-6 impair the myogenic differentiation of C2C12 cells. C2C12 myoblasts were cultured in GM
until subconfluence and then shifted to differentiation medium (DM), or DM containing 10% C-26 CM, or DM containing 25 ng/mL of
recombinant IL-6. (a) After 48 h in the differentiation media, cells were stained using an anti-sarcomeric myosin heavy chain (MF-20)
antibody (red) and the Hoechst staining of the DNA (blue) and was imaged by conventional fluorescent microscopy. (b) After 48 h in the
differentiation media, cells were harvested and total protein was extracted; cell lysates (70 𝜇g of total protein) were subjected to Western
blot analysis with the indicated specific antibodies. The experiment shown is representative of three independent determinations. (c)
Densitometric analysis of the relative protein levels (obtained fromWestern blotting analysis) of sarcomeric myosin heavy chain, represented
as arbitrary units (A.U.) and equalized for 𝛼-tubulin expression. ∗∗∗𝑃 < 0.005 (Student’s 𝑡-test).

with the myocytes’ full commitment to differentiation [25]
(Figure 3). rIL-6 did not induce any significant change in
Pax7 and MyoD expression (Figures 3(a) and 3(b)), whereas
we observed a significant downregulation of the myogenin
expression compared with controls (Figure 3(c)). On the
whole, these data show that exogenous rIL-6 negatively
regulatesC2C12myogenic differentiation,without interfering
with the early stage of the myogenic program.

3.4. Exogenous IL-6 Activates Stat3-SOCS3 Signaling during
C2C12 Myogenic Differentiation. Skeletal muscle expresses
the IL-6 receptor (IL6R/CD126) and it is a target of the IL-
6 activity [10]. Binding of IL-6 to its receptor initiates specific
intracellular events, including phosphorylation and activa-
tion of the Janus kinases (JAK) and the subsequent activation
of the signal transducer and activator of transcription (Stat)
[26, 27]. IL-6-induced Stat signaling also initiates a negative
feedback regulation through the increased transcription of
the suppressor of cytokine signaling (SOCS) proteins [27].

We analyzed whether rIL-6 treatment activates the
canonical signaling through the IL-6 receptor. To this
purpose, we induced C2C12 myogenic differentiation in

the presence of the differentiation medium (DM) supple-
mented with rIL-6. Western blot analysis showed that rIL-
6 treatment elicited a significant upregulation of the active
phosphorylated form (on the Tyr 705 residue) of Stat3
(phospho-Stat3) at the early stages of myogenic differentia-
tion (i.e., day 1; Figure 4(a)), whereas rIL-6 did not induce
significant changes in phospho-Stat3 at later stages of the
myogenic differentiation (i.e., day 2 and later; Figure 4(a) and
data not shown). Real-time PCR analysis showed that the
expression of SOCS3 (the suppressor of the IL-6 signaling)
was induced by rIL-6 treatments only at the late stage of the
myogenic differentiation (i.e., day 2 and later; Figure 4(b) and
data not shown).

In conclusion, this experiment shows that in C2C12 cells
the exogenous rIL-6 is able to efficiently activate the Stat3-
SOCS3 signaling during myogenic differentiation; moreover,
the cytokine-inducible positive activation of Stat3 takes place
at the early stages of myogenic differentiation, whereas the
negative feedback of the signaling pathway (promoted by the
Stat signaling itself) is activated at later differentiation stages,
through the transcriptional induction of SOCS3.
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Figure 3: Exogenous IL-6 impairs the expression of myogenin, without affecting the expression of Pax-7 and MyoD. C2C12 myoblasts were
cultured in GMuntil subconfluence and then shifted to DMorDM containing 25 ng/mL of recombinant IL-6. After 48 h in the differentiation
media, cells were harvested, total RNA was extracted, and first-strand cDNAwas generated from 1 𝜇g of total RNA to perform real-time PCR
using specific Taqman probes. Expression data were normalized using actin beta (ACTB) as housekeeping gene. Results are expressed as
means ± standard deviations. ∗∗𝑃 < 0.005; n.s., not significant (Student’s 𝑡-test).

3.5. Exogenous IL-6 Perturbs mTOR and p70S6K Activities,
without Affecting AKT Activity, during C2C12 Myogenic Dif-
ferentiation. AKT inhibition can substantially contribute to
impinge muscle differentiation and muscle atrophy [19, 20,
28]. AKT plays a central role in the control of both muscle
protein synthesis, viamTOR, and protein degradation, via the
transcription factors of the FoxO family [19, 20].

Thus, we analyzed if exogenous rIL-6 could perturb
AKT signaling pathways during C2C12 myogenic differen-
tiation. We induced C2C12 differentiation in the presence
of DM supplemented with rIL-6 and then analyzed the
differentiated myotubes by Western blotting using specific
antibodies (Figure 5). In the C2C12 myotubes differentiated
in the presence of rIL-6 we did not observe any significant
change in the levels of both the total AKT protein and the
phosphorylated/active forms of AKT, namely, phospho-AKT
Thr308 and phospho-AKT Ser473 (Figures 5(a)–5(d)). How-
ever, rIL-6 induced a significant reduction in the phosphory-
lated/active forms of mTOR (phospho-Ser2448) and p70S6K

(phospho-Thr389 and phospho-Ser371) (Figures 5(e)–5(i)).
The 2 kinases mTOR and p70S6K are among the crucial
downstream effectors of the AKT pathway and positively
control protein synthesis and muscle differentiation [29].

In conclusion, this experiment shows that, during C2C12
myogenic differentiation, AKT does not sustain alone the
activity of mTOR and p70S6K1. We suggest that an ancillary
pathway should contribute to sustain the activity of mTOR
and p70S6K during C2C12 myogenic differentiation and
when this ancillary pathway is inhibited, by exogenous rIL-
6, the activation of mTOR and p70S6K is perturbed and the
myotubes formation is impaired (see Figures 2 and 5).

3.6. Exogenous IL-6 Affects the Phosphorylation Levels of
p90RSK and eEF2 during C2C12 Myogenic Differentiation.
It has been demonstrated that, similar to AKT, signaling
generated from p90RSK plays a positive role in the regulation
of protein synthesis during myogenic differentiation and
maturation [21, 22]. Active p90RSK increases the levels of
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Figure 4: Exogenous IL-6 activates Stat3-SOCS3 signaling during myogenic differentiation. C2C12 myoblasts were cultured in GM until
subconfluence and then shifted to DM or DM containing 25 ng/mL of recombinant IL-6. After 24 h or 48 h in the differentiation media, cells
were harvested and total protein was extracted, or total RNA was extracted and first-strand cDNA was generated from 1𝜇g of total RNA. (a)
Cell lysates (70 𝜇g of total proteins) were subjected toWestern blotting analysis with the indicated specific antibodies.The experiment shown
is representative of three independent determinations. (b) Real-time PCR was performed on cDNA, using the indicated specific Taqman
probes. Expression data were normalized using actin beta (ACTB) as housekeeping gene.The experiment shows means ± standard deviation
of three independent determinations. ∗∗𝑃 < 0.005; n.s., not significant (Student’s 𝑡 test).

the dephosphorylated (active) form of eEF2, which catalyzes
the translocation of peptidyl-tRNA from the A site to the P
site on the ribosome [21]. Moreover, p90RSK can promote
mTOR and p70S6K1 activation independently from AKT
(Figure 6(d) and [23]). Thus, we explored if IL-6 could
perturb p90RSK signaling pathways during C2C12 myogenic
differentiation (Figure 6). We induced C2C12 differentiation
in the presence ofDMsupplementedwith rIL-6. IL-6was able
to induce a negative regulation of p90RSK signaling in the
myogenic cells. As shown in Figures 6(a) and 6(b), p90RSK
phosphorylation/activation was significantly downregulated
in C2C12 differentiating cells treated with rIL6, and the
reduced p90RSK active formwas associated with a significant
increase in the levels of the eEF2 phosphorylation (Figures
6(a)–6(c)), which is involved in the downmodulation of the
translocation step in the protein synthesis [21].

In summary, in this study we suggest that, during C2C12
myogenic differentiation, exogenous rIL-6 can induce a
depression of the protein synthesis in the myotubes, via a
concomitant downmodulation of the p90RSK/eEF2 axis and
of the mTOR/p70S6K, without apparently affecting the AKT
activity.

4. Discussion

There is increasing evidence demonstrating the critical role of
IL-6 in muscle homeostasis, regeneration, and differentiation
[9]. Mouse models in which IL-6 has been locally chronically
elevated in skeletal muscle, through transgenic overexpres-
sion [14], in vivo electroporation [15], or being infused
directly into muscle [16], induced muscle atrophy. Finally,
it has been shown that administration of IL-6 neutralizing
antibodies or IL-6 inhibitors can reduce muscle wasting in
tumor-bearing mice [5, 30].

In this study, we have shown that the murine colon C-26
adenocarcinoma cell line (C-26) secreted in the extracellular
medium significant concentrations of two cytokines, IL-6 and
MCP-1, whereas we could not detect any significant accu-
mulation of other relevant inflammatory cytokines tested,
namely, INF-𝛾, IL-10, TNF-𝛼, and IL-12 (Figure 1).

The accumulation of the proinflammatory cytokine IL-
6 in the extracellular medium of the C-26 cancer cells was
not unexpected. Strassmann et al., in fact, reported that
some clones of C-26 adenocarcinoma cells can secrete IL-
6 and linked this cytokine to the development of a severe
cachexia associated with muscle wasting [5]. It has been
shown that mice implanted with the C-26 cells have an
increased circulating IL-6 concentration, which coincides
with muscle wasting [5].

In this study, we found that, in addition to IL-6, C-26 cells
also secreted and accumulated in the extracellular medium
the monocyte chemotactic protein-1 (MCP-1). MCP-1 is a
chemokine and member of the small inducible cytokine
family, playing a crucial role in the recruitment of monocytes
and T lymphocytes into tissues [31]. In nonpathological
conditions MCP-1 is expressed by adipocytes and by a
number of other cell types, including smooth muscle and
endothelial cells exposed to inflammatory stimuli [31]. MCP-
1 has also been shown to play a prominent role as an inducer
of insulin resistance in human skeletal muscle cells [32]. This
latter role of MCP-1 may link directly this cytokine to the
downmodulation of protein synthesis and/or to the increase
in protein degradation and, in this way, to cancer cachexia. In
this paper, we did not tackle the possible implication ofMCP-
1 on myogenic program, which will be addressed in a further
dedicated investigation.

In our study, we aimed to explore the specific effect of IL-
6 on the myogenic program, with the goal to demonstrate
whether IL-6 was able to recapitulate the inhibitory effect
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BioMed Research International 9

0

0.4

0.8

1.2

DM + rIL-6DM

Re
la

tiv
e (

A
.U

.)

Phosho-mTOR Ser2448

∗

(i)

Figure 5: IL-6 perturbs mTOR and p70S6K activities, without affecting AKT activity. C2C12 myoblasts were cultured in GM until
subconfluence and then shifted toDMorDMcontaining 25 ng/mL of recombinant IL-6. (a, e, and f) After 48 h in theDM, cells were harvested
and total protein was extracted; cell lysates (70 𝜇g of total proteins) were subjected to Western blotting analysis with the indicated specific
antibodies. Each experiment shown is representative of three independent determinations. (b, c, d, g, h, and i) Densitometric analysis of the
relative protein levels (obtained fromWestern blotting analysis), represented as arbitrary units (A.U.) and equalized for total AKT expression
(b and c), 𝛼-tubulin expression (d), total p70S6K expression (g and h), or total mTOR expression (i).The experiments showmeans ± standard
deviation of three independent determinations. n.s., not significant; ∗𝑃 < 0.05; ∗∗𝑃 < 0.005 (Student’s 𝑡 test).

of C-26 CM on C2C12 myogenic differentiation or whether
this inhibition required the sum of the concomitant effects
of several factors secreted by C-26 cells. Thus, to avoid
any confounding result, we restricted the analysis to the
proinflammatory cytokine IL-6. We added recombinant IL-
6 (rIL-6) in the differentiation medium (DM) and we found
that this cytokine is able to recapitulate the key inhibitory
effects of C-26 CM on C2C12 myogenic differentiation. The
presence of exogenous recombinant IL-6 in the DM induced
a significant downregulation in the expression of the late
markers of myogenic differentiation, like myogenin and the
sarcomericmyosin heavy chain, whereas it did not induce any
significant change in the expression of transcription factors
that are expressed prevalently in the proliferating myoblasts
and at the early stages of the myocytes differentiation [25]
(Figure 2). This suggests that rIL-6 impinges muscle differ-
entiation without hampering the early stage of the myogenic
program.

We have also shown that the negative effects of rIL-6
on muscle differentiation are apparently mediated by the
canonical activation of the Stat-SOCS signaling pathway
(Figure 4). Our results are in accordance with a context
in which IL-6 can play a prominent role in the cancer-
induced muscle wasting [2, 4, 5, 11]. However, other reports
have shown that in myogenic cells the autocrine production
of IL-6 can also induce Stat3 activation but promotes the
myogenic differentiation [11, 12]. It has been shown that IL-6
mRNA knockdown reduces muscle-specific gene expression
in cultured C2C12 myoblasts [11], suggesting a potential
myogenic role for the cytokine. Moreover, Serrano et al.
identified IL-6 as an essential regulator of satellite cell-
mediated hypertrophic muscle growth [13]. This apparent
paradox can be justified considering the levels of expression
of IL-6, its spatial and temporal interaction with the target

tissue, and the length of time in which the circulating IL-
6 is actually elevated, that is, a chronic response versus a
somewhat brief increase that returns to baseline [33].

Skeletal muscle cells are at the same time a source and a
target of IL-6 [10]. It has been shown that, with exercise and
under physiological conditions, skeletalmuscle-produced IL-
6 can be elevated in the circulation for several hours and
that the autocrine effects of IL-6 contribute to activation
of the Stat3-SOCS3 signaling and to the positive regulation
of the myogenic differentiation [10, 33]. By contrast, under
pathologic conditions, including cancer cachexia, muscular
dystrophy, and chronic inflammatory diseases, there is a
chronic (i.e., long lasting) elevation of the circulating IL-
6; although Stat3-SOCS3 signaling is also activated in the
target skeletal muscle tissue under these pathologic condi-
tions, the autocrine loop of regulation in the action of the
cytokine is totally lost. It is possible that different intracellular
signaling pathways are activated and this may explain why
IL-6 can function both as positive and negative regulator
of the myogenesis in physiological or in pathological condi-
tions.

In skeletal muscle, AKT plays a very central role in the
control of both muscle protein synthesis, via mTOR, and
protein degradation, via the transcription factors of the FoxO
family [19, 29]. However, in this study we found that rIL-6 did
not directly affect AKT expression and activity during C2C12
myogenic differentiation (Figure 5).

Instead, we found that rIL-6 induced the concomitant
downmodulation of two signaling axes which are down-
stream to AKT and are important for the regulation of the
protein synthesis, namely, p90RSK/eEF2 and mTOR/p70S6K
(see Figure 5 and [19, 21, 23, 29]).

In muscle cells, activated p90RSK phosphorylates and
inactivates the elongation factor 2 kinase (eEF2K); inhibition
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Figure 6: IL-6 affects the phosphorylation levels of p90RSK and eEF2. C2C12 myoblasts were cultured in GM until subconfluence and
then shifted to DM or DM containing 25 ng/mL of recombinant IL-6. (a and c) After 48 h in the DM, C2C12 cells were harvested and total
protein was extracted; cell lysates (70 𝜇g of total proteins) were subjected to Western blotting analysis with the indicated specific antibodies.
Each experiment shown is representative of three independent determinations. (b and d) Densitometric analysis of the relative protein
levels (obtained from Western blotting analysis), represented as arbitrary units (A.U.) and equalized for total RSK (b) or total eEF2 (c).
The experiments show means ± standard deviation of three independent determinations. ∗∗𝑃 < 0.005 (Student’s 𝑡-test). (e) A schematic
model of the signaling connections was highlighted and discussed in this study.

of eEF2K activity results in a decrease in the inhibitory phos-
phorylation of eEF2 [21]. Indeed, only the dephosphorylated
form of eEF2 is active and can catalyze the translocation
of the peptidyl-tRNA from the A site to the P site on the
ribosome and finally promote the protein synthesis [21] (see
Figure 6(d)).

Activated p90RSK1 can also promote the protein syn-
thesis acting on mTOR/p70S6K1 pathway independently of
AKT activation [23] (Figure 6(d)). In fact, p90RSK1 has been
found to interact with and phosphorylate the protein tuberin
in a specific regulatory site and this phosphorylation inhibits
the function of the tuberin-hamartin complex, resulting in
increased mTOR signalling to p70S6K1 [9]. Finally, eEF2K
activity can also be regulated by p70S6K; this latter kinase can
in fact phosphorylate eEF2K and, as p90RSK1, can inhibit its
activity [21].

It is evident that destabilization of this very intricate
network of signaling pathways by the exogenous IL-6 (i.e., by
the chronic elevation of circulating IL-6) can contribute to the
decrease of the muscle protein synthesis and the promotion
of muscle wasting (Figure 6(d)).

Our findings thus identify the p90RSK/eEF2 and
mTOR/p70S6K axes as new potential targets of IL-6 activity
on the myogenic program.

5. Conclusions

This study clarified the possible role of the IL-6 in the induc-
tion of skeletal muscle wasting. We show that rIL-6 impairs
C2C12 myogenic differentiation, activates the Stat3-SOCS3
signaling pathway, and induces the downmodulation of
p90RSK/eEF2 and mTOR/p70S6K axes, which are important
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to stimulate the protein synthesis and in the maintenance
of the differentiated myogenic phenotype. Exogenous rIL-6
does not affect the expression levels and activation of AKT, a
kinase essential to promote protein synthesis and cell survival
and to block protein degradation in skeletal muscle cells.

Moreover, in this study we discuss how the pleiotropic
cytokine IL-6 can contribute to the positive regulation of the
myogenic differentiation under physiological conditions and
to the negative regulation of the myogenic phenotype under
some pathological circumstances.
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Skeletal muscle atrophy occurs during disuse and aging, or as a consequence of chronic diseases such as cancer and diabetes. It is
characterized by progressive loss of muscle tissue due to hypotrophic changes, degeneration, and an inability of the regeneration
machinery to replace damaged myofibers. Tumor necrosis factor (TNF) is a proinflammatory cytokine known to mediate
muscle atrophy in many chronic diseases and to inhibit skeletal muscle regeneration. In this study, we investigated the role of
Arg-vasopressin-(AVP-)dependent pathways in muscles in which atrophy was induced by local overexpression of TNF. AVP
is a potent myogenesis-promoting factor and is able to enhance skeletal muscle regeneration by stimulating Ca2+/calmodulin-
dependent kinase and calcineurin signaling. We performed morphological and molecular analyses and demonstrated that local
over-expression of theAVP receptorV1a enhances regeneration of atrophicmuscle. By upregulating the regeneration/differentiation
markers, modulating the inflammatory response, and attenuating fibrogenesis, the stimulation of AVP-dependent pathways creates
a favourable environment for efficient and sustained muscle regeneration and repair even in the presence of elevated levels of TNF.
This study highlights a novel in vivo role for AVP-dependent pathways, which may represent an interesting strategy to counteract
muscle decline in aging or in muscular pathologies.

1. Introduction

Skeletalmuscle is a dynamic tissue capable of extensive regen-
eration in response to injury. Nevertheless, regeneration may
be hindered in the case of aging, extended injury, or patholog-
ical conditions, leading to functional impairment. Although
the general mechanisms underlying muscle regeneration
have been identified, little is known about the factors limiting
efficient repair in pathologicalmuscle. Reduction in the num-
ber of satellite cells, poor recruitment of circulating stem cells
within the damaged area, chronic inflammation, and forma-
tion of fibrotic tissue represent important factors contributing
to limited or impaired regeneration. Inflammation is an
important phase in the muscle regeneration process [1, 2].

Cytokines expressed during the early phase of inflammatory
responses, such as interferon-𝛾 (IFN-𝛾), interleukin-1𝛽 (IL-
1𝛽), and TNF, drive the differentiation and activation of
macrophages towards the M1 phenotype. These classically
activatedM1macrophages represent a proinflammatory pop-
ulation of cells capable of amplifying and perpetuating the
inflammatory response [1]. AfterM1macrophages reach their
peak concentration, they are replaced by a population of
alternatively activated M2 macrophages, which are activated
by anti-inflammatory cytokines such as interleukin-4 (IL-4),
interleukin-10 (IL-10), express CD-163 [1, 3, 4], and attenuate
the inflammatory response and promote tissue repair. Per-
turbations in the spatial distribution of inflammatory cells,
changes in the type and magnitude of the inflammatory
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cell infiltrate, and disrupted temporal sequence, result in a
persistent rather than resolved inflammatory phase [5] and
functional impairment of skeletal muscle [6].

The nuclear-factor-kappa B (NF-𝜅B) transcription factor
is one of the most important molecules, which has been
linked to the loss of skeletal muscle mass in various phys-
iopathological conditions. Activation of NF-𝜅B in skeletal
muscle leads to degradation of muscle specific proteins,
inflammation, and fibrosis and blocks myofiber regeneration
after injury/atrophy [7, 8]. Interestingly, NF-𝜅B regulates the
expression of a number of inflammatory molecules including
proinflammatory cytokines such as TNF, which is also a
potent activator of NF-𝜅B, thus establishing a positive feed-
back loop leading to muscular abnormalities [9]. Although
the autoactivation of NF-𝜅B requires proteolytic processing
of NF-𝜅B and I𝜅B family of proteins by the ubiquitin-
proteasome system [9, 10], NF-𝜅B can induce the expres-
sion of FoxO transcription factors by modulating the Akt
signaling pathways [11]. Nuclear translocation and activation
of FoxO transcription factors results in the upregulation of
atrogin-1/MAFbx and MuRF1, thus promoting atrophy and
muscle loss [12–14].

In this study, we examined the effects of local V1a-
vasopressin receptor overexpression on TNF-induced
muscle atrophy. The neurohypophyseal nonapeptide Arg8-
vasopressin (AVP), oxytocin (OT), and related peptides
constitute a family of positive regulators of terminal
differentiation in myogenic cell lines (L5 and L6) and
primary satellite cells [15–17]. V1aR is the only vasopressin
receptor expressed in skeletal muscle [18–20]. Previously,
we demonstrated that V1aR expression is modulated during
skeletal muscle regeneration, and that AVP-V1aR signaling
is a powerful enhancer of muscle regeneration through
mechanisms involving calcineurin A (CnA), GATA2, MEF2,
and IL-4 [21]. There is now extensive evidence showing
that the AVP system is impaired in several neuromuscular
diseases, such as amyotrophic lateral sclerosis and multiple
sclerosis [22, 23], suggesting that AVP may act as a
physiologic factor in skeletal muscle homeostasis.

Here we demonstrate that local V1aR overexpression
enhances regeneration in TNF-induced muscle atrophy. By
modulating the inflammatory response, attenuating fibro-
genesis, and upregulating the regeneration/differentiation
markers, the stimulation of AVP-dependent pathways creates
a favourable environment for sustained and efficient muscle
regeneration and repair even in the presence of elevated levels
of TNF. In addition, we demonstrate that the positive effect
of V1aR overexpression in muscle homeostasis involves Akt-
mediated inhibition of FoxO transcription factors.

The findings of this research are expected to lead to
the identification of new pharmacological or gene therapy
targets that may delay the progression of muscular wasting
associated with numerous myopathies.

2. Materials and Methods

2.1. Animals. C57 transgenic desmin/nls-lacZ mice used in
this study bear a transgene in which the 1-𝜅B DNA 5

regulatory sequence of the desmin gene is linked to a reporter
gene coding for Escherichia coli-𝛽-galactosidase [24]. The
desmin/nls-lacZ transgene labels muscle cells in which the
desmin synthesis program has commenced [25]. Mice were
treated according to the guidelines of the Institutional
Animal Care and Use Committee. They were housed in a
temperature-controlled (22 ± 2∘C) and humidity-controlled
(60 ± 5%) room regulated to provide a 12 h light, 12 h dark
cycle. Mice were allowed to feed and drink ad libitum. Ani-
mals were anesthetized with an intraperitoneal injection of
Avertin A (amix of tribromoethanol and 2-methyl-2-butanol
diluted in physiological solution) before gene delivery by
electroporation or muscle damage. Injury of mock-, V1aR-,
TNF-, and V1aR+TNF-transfected Tibialis anterior (TA)
muscles of 2-month-old mice was induced along the entire
length of the muscle with a total of four cardiotoxin (CTX)
injections (5 𝜇L of 10 𝜇MCTX per injection). In our previous
study, regeneration was fully active at 7 days after injury [21].

Therefore, mice were sacrificed 7 days after injury and
the regeneration process in the injured muscle was examined
by assessing the number and size of regenerating fibers as
previously described [21].

2.2. Plasmid Construction. TheMLC-Myc-V1aR plasmid was
derived from MLC-Myc and PCD3-V1aR (kindly provided
by Prof. S.J. Lolait, University of Bristol, UK) expression
vectors, as previously described byToschi et al. [21]. To induce
expression of the secreted formofmurineTNF-𝛼, we used the
construct pBabe-mTNF-𝛼 (kindly provided by Dr. Gokhan
Hotamisligil, HarvardUniversity, Boston,MA) under control
of the SV40 promoter. The SV40 promoter has been shown
to be efficient for driving exogenous cDNA expression in
skeletal muscle [26].

2.3. Gene Delivery by Electroporation. The TA in each mouse
hind limb was injected with the indicated amount of cDNA:
20𝜇g of MLC-Myc-V1aR (V1aR), or pcDNA3 (mock) [21],
or pBabe-mTNF-𝛼 (TNF)m or 10 𝜇g of MLC-Myc-V1aR plus
10 𝜇g of pBabe-mTNF-𝛼 (V1aR+TNF), in combination with
5 𝜇g of pCMV-SNAP-GFP (kindly provided by Dr. Pozzan,
University of Padua, Italy), as a marker of transfection
efficiency. The electric pulses were delivered using 3 × 5mm
gene paddles electrodes (BTX, San Diego, CA) placed on
either side of the muscle, as described by Donà et al. [27].
This protocol of gene delivery by electroporation guarantees
stable DNA expression for more than four months. After
electroporation,mice rapidly recovered and did not show any
locomotor impairment or particular sign of pain or stress.

2.4. Histological and Histochemical Analysis. TA muscles
from mock-, V1aR-, TNF or TNF+V1aR-transfected 7-8-
week-old desmin/nls-lacZ mice were embedded in Jung
tissue freezingmedium (Leica,Wetzlar, Germany) and frozen
in liquid nitrogen-cooled isopentane. Frozen sections (7 𝜇m)
were obtained using a Leica cryostat. Sections were observed
under the green activation filter of theAxioskop 2 plus system
(Zeiss). For histological analysis, sections were stained with
hematoxylin and eosin (H&E) using standard methods [28].
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Esterase staining was adapted from Davis [29] as previ-
ously reported [30]. Cryosections of each muscle were incu-
bated for 5min in a staining solution containing 3mg alpha-
naphthyl acetate, 0.375mL acetone, 6.25mL 0.2M sodium
phosphate, and 0.4mLof a solution containing equal volumes
of 2% pararosaniline (Sigma-Aldrich) and 2% sodium nitrite.
Photomicrographs were obtained using an Axioscop2 plus
system equipped with an AxiocamHRc (Zeiss, Oberkochen,
Germany) at 1300 × 1030 pixel resolution and analyzed using
10x NA 0.30 air objective lens or 20x NA 0.50 air objective
lens.

The trichrome stain (Masson) kit (Sigma-Aldrich Pro-
cedure number HT15) was used for distinguishing collagen
from muscle tissue. Tissue sections were treated with Bouin’s
solution to intensify the final coloration. Nuclei were stained
with Weigert’s iron hematoxylin, and the cytoplasm and
muscle were stained with Biebrich scarlet-acid fuchsin. After
treatment with phosphotungstic and phosphomolybdic acid,
collagen was demonstrated by staining with aniline blue.

2.5. Immunofluorescence Analysis. Frozen sections were fixed
in 4% paraformaldehyde for 10min on ice, washed with
PBS, incubated in PBS containing 1% BSA (Sigma-Aldrich)
and 1 : 100 goat serum for 30min at room temperature,
and then incubated overnight at 4∘C with the selected
primary antibody at the appropriate dilution. The follow-
ing antibody was used: mouse monoclonal antiembryonic
MHC (Developmental Hybridoma-Bank number BF-G6,
University of Iowa, Iowa City, IA). Samples were then
washed with PBS containing 1% BSA and incubated for
1 h at room temperature with the appropriate secondary
antibody, Alexafluor 568-conjugated anti-mouse (Molecular
Probes, Eugene, OR, USA) 1 : 500 in 1% BSA. Nuclei were
visualized with Hoechst 33342 (Sigma-Aldrich). The sections
were mounted with Vectashield mounting medium (Vector
Laboratories, Burlingame, CA) and examined in a Zeiss
Axioplan (Zeiss, Thornwood, NY) fluorescence microscopy
using a 10x and 20x objective lens.

2.6. Morphometric Analysis. Photomicrographs of regenerat-
ing muscle fibers (identified by morphological criteria, i.e.,
centrally located nuclei in H&E stained sections) were taken
at standard resolution (1.300 × 1030 pixel) and analyzed using
ImageJ, Scion Image software. For morphometric evaluation
of fiber size, 200–1000 cross-sectioned fibers per sample were
analyzed. Quantitative data were obtained from three inde-
pendent experiments in triplicate. The values are expressed
as mean ± SD.

2.7. Gene Expression Analysis. TA muscles were dissected,
and total RNA extraction was performed with tissue
lyser (QIAGEN) in TriRagent (Invitrogen, Carlsbad, CA),
according to the manufacturer’s protocol, and was reverse-
transcribed using Moloney Murine Leukemia Virus Reverse
Transcriptase (M-MLV RT; Invitrogen, Carlsbad, CA).
cDNA preamplification was performed with TaqMan
PreAmp Master Mix Kit (Applied Biosystems) according to
the manufacturer’s instructions [31–33] to accurately detect

the expression pattern of the following cytokines: IL4, IL10,
IL6, IL1𝛽, and the chemokine ligand CCL2 and scavenger
receptor CD163. Quantitative PCR was performed on an
ABI PRISM 7500 SDS (Applied Biosystems, USA), using
premade 6-carboxyfluorescein (FAM)-labeled TaqMan assay
for: TNF (Mm00443258 m1), V1aR (Mm00444092 m1),
CCL2 (Mm00441242-m1), IL1-𝛽 (Mm01336189 m1),
IL6 (Mm0120733 m1), CD163 (Mm004744096 m1),
IL10 (Mm00439616 m1), IL-4 (Mm00445260 m1) Pax7
(Mm00834082 m1), desmin (Mm00802455 m1), myogenin
(Mm00446194 m1), atrogin-1 (Mm01207878 m1), andHPRT
(Mm00446968 m1) as internal controls. Real-time PCR was
performed using RNA preparations from three different
animals for each group.

2.8. Immunoblotting Analysis. TA muscles were
dissected, minced, and homogenized with RIPA buffer
(20mMTris/HCl pH 7.5, 2mM EDTA, 2mM EGTA, 0.25M
Sucrose, 5mM DTT, 0,1% Triton X-100, 10mM NaF, 200𝜇M
sodium orthovanadate) containing a protease inhibitor
cocktail (Roche, Indianapolis, IN). Equal amounts of protein
(20–30𝜇g), determined by Pierce BCA Protein Assay
Reagents, were separated by SDS PAGE and transferred
electrophoretically to a hybond-C extra nitrocellulose
membrane (Amersham Biosciences, Piscataway, NJ).
Nonspecific binding was blocked in Tris-buffered saline
with Tween 20 (TBST) containing 5% nonfat milk for 1 h at
room temperature, and the membrane was then incubated
overnight at 4∘C in TBST containing primary antibodies.
The following antibodies were used: mouse monoclonal anti-
MHC (Developmental Hybridoma-Bank), monoclonal anti-
NF𝜅B-p65 (C22B4), and monoclonal anti-phosphoNF𝜅B-
p65 (Ser563) (93H1) (Cell Signaling), rabbit polyclonal
anti-I𝜅B𝛼 (Santa Cruz Biotechnologies), polyclonal anti-
phospho-Akt (Ser473), monoclonal anti-FoxO3a (75D8), and
polyclonal anti-phospho-FoxO3a (Ser253) (Cell signaling).
Monoclonal anti-tubulin-𝛼 (Sigma-Aldrich) or mouse
monoclonal anti-GAPDH (Santa Cruz Biotechnologies) was
used for normalization, as indicated. Blots were washed in
TBST and then incubated with the appropriate secondary
antibodies, goat anti-mouse, or anti-rabbit HRP-conjugated
(Bio-Rad Laboratories, Hercules, CA) in TBST containing 1%
nonfat milk. Blots were extensively washed and the antibody
binding was detected by means of Super Signal West Pico
Chemiluminescent Substrate (Pierce, Rockford, IL).

2.9. Statistical Analysis. The Student’s 𝑡-test was used
throughout this paper for statistical analyses.

3. Results

3.1. Local V1aR Overexpression Counteracts the Negative
Effects of TNF on Muscle Regeneration. Our previous data
demonstrated that muscle specific overexpression of the AVP
receptor V1a enhances skeletal muscle regeneration after
CTX induced damage, by stimulating satellite cell activation
and increasing the expression of differentiation markers [21].
We also demonstrated that TNF administration is sufficient
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to induce inhibition of muscle regeneration by activating a
nonapoptotic, caspase-dependent process, ultimately lead-
ing to muscle wasting [34]. Therefore, in this study we
investigated whether local overexpression of V1aR protects
the muscle from the effects of high TNF levels. To this
end, we overexpressed the myosin-light-chain (MLC)-myc-
V1a AVP receptor construct [21] alone or in combination
with the TNF construct [21, 35] in TA muscles, by means
of gene delivery by electroporation. Controls consisted of
mock-transfected samples (i.e., muscles transfected with
pcDNA3) and, when indicated, in nonelectroporatedmuscles
(WT). In order to assess the efficacy of the transfections,
we used real-time PCR analysis, to verify the V1aR and
TNF expression levels in muscle extracts one week after
electroporation (Figures 1(a) and 1(b)). V1aR expression was
strongly upregulated in TA muscles electroporated with the
V1aR construct, both in the presence and in the absence
of TNF, demonstrating that TNF did not interfere with the
electroporation efficiency or with the forced expression of
V1aR (Figure 1(a)). As expected, TNF expression was high in
samples electroporated with the TNF construct alone or in
combinationwith V1aR (Figure 1(b)).The expression of V1aR
and TNF did not differ significantly between the V1aR and
V1aR+TNF samples (Figures 1(a) and 1(b)).

Morphological analysis showed that 1 week after electro-
poration, local overexpression of TNF (Figure 2(a), panel (B))
caused an accumulation of mononucleated infiltrating cells,
compared with mock-transfected and V1aR overexpressing
muscle alone (Figure 2(a), panels (A) and (C) resp.). In
addition, a regeneration response occurred in the muscle
rendered atrophic by TNF overexpression, as demonstrated
by the presence of central nucleated fibers in TNF overex-
pressing muscle (Figure 2(b)). By contrast, cotransfection of
V1aR and TNF did not significantly modify the number of
regenerating fibers compared with TNF transfection alone.
It did, however, affect the fiber size distribution by favoring
the accumulation of larger fibers, as shown in Figure 2(c).
It is noteworthy that the overexpression of V1aR induced a
slight, yet significant increase in the fiber cross-sectional area
compared with mock-transfected muscle (15% increase, 𝑃 <
0.001) (data not shown). In conclusion, V1aR overexpression
leads to more efficient regeneration than that observed in
muscles overexpressing TNF alone.

3.2. Muscle V1aR Overexpression Modulates the Inflammatory
Response and Attenuates the Fibrosis Induced by High Levels of
TNF. TNF is a proinflammatory cytokine capable of activat-
ing macrophages, thereby inducing the production of other
proinflammatory cytokines and perpetuating the inflamma-
tory response. To verify whether the enhanced regenerative
response in V1aR overexpressing muscle is associated with
a modulation of inflammation, we examined the presence
of macrophages by esterase staining. Figure 3(a) shows a
high number of esterase-positive, macrophages in TNF over-
xpressing muscles, whereas the concomitant overexpression
of V1aR significantly attenuated their number.

Efficient muscle repair is accompanied by and/or requires
the migration and proliferation of fibroblasts needed to

produce additional extracellular matrix (ECM) components
acting as a scaffold for regenerating myofibers [3, 36, 37] and
substituting the basement membrane and ECM components
degraded during the inflammatory phases [38–40]. However,
if inflammatory cell infiltration and fibroblast activation
persist, an aberrant tissue repair response will produce a
nonfunctionalmass of fibrotic tissue [41]. In order to visualize
the extent of fibrosis, we performedMasson’s trichrome stain-
ing under the indicated experimental conditions. Figure 3(b)
shows the normal presence of connective tissue in mock
muscle and in muscle overexpressing V1aR, while muscles
expressingTNFdisplay increased amounts of ECM in skeletal
muscle tissue. In the presence of high TNF and V1aR
levels, the extent of fibrosis was significantly attenuated in
comparison with muscle overexpressing TNF alone. Taken
together, these data demonstrate that V1aR overexpression
leads to a more efficient regeneration process, characterized
by attenuated inflammatory response and reduced fibrosis.

3.3. V1aR Overexpression Modulates the Molecular Mecha-
nisms Involved in the Inflammatory Response. It has been
demonstrated that NF-𝜅B is one of the central players of
the inflammatory system [2, 42] and that TNF, along with
other proinflammatory cytokines, stimulates the NF-𝜅B sig-
naling pathway, promotingmuscle catabolism [5, 7]. Western
blot and densitometric analysis (Figures 4(a), 4(b), and 4(c))
revealed that TNF overexpression promotes a strong upreg-
ulation of phospho-NF-𝜅B expression and a concomitant
downregulation of the NF-𝜅B inhibitory factor, namely,
I𝜅B𝛼. By contrast, phospho-NF-𝜅B expression was signif-
icantly reduced in muscle overexpressing both TNF and
V1aR, demonstrating that V1aR overexpression attenuates the
effects of TNF on inflammation.

3.4. Inflammatory Cytokine Production Is Modulated in V1aR
Overexpressing Muscle. To gain further insight into the
mechanism by which V1aR modulates the resolution of
inflammation and contributes tomuscle repair, we performed
real-time PCR, to analyse the expression patterns of specific
cytokines and chemokines secreted by M1 macrophages, a
proinflammatory cell population capable of perpetuating the
inflammatory response [3]. Figure 5(a) demonstrates that the
expression of CCL2, IL1𝛽 and IL6 was strongly upregulated
in the presence of high levels of TNF compared with mock-
and V1aR-transfected muscles. TNF overexpression was also
accompanied by a slight increase in CD163 expression. By
contrast, the overexpression of V1aR, in TNF expressed
muscle, significantly reduced the expression of the proin-
flammatory cytokines. Interestingly, the reduction in M1
macrophages, promoted by V1aR overexpression, was asso-
ciated with an upregulation of M2 macrophage markers such
as CD163, IL-10, and IL-4 (Figure 5(b)). Notably, CD163 is a
macrophage-specific receptor for complexes of hemoglobin
and haptoglobin, and ligation of CD163 can contribute to
the regulation of macrophage phenotype by increasing the
expression of anti-inflammatory cytokines, especially IL-10
[43]. IL-4 is involved in muscle regeneration by promoting
satellite cell fusion and differentiation [44–46], and we have
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Figure 1: Expression of the transfected cDNA constructs is increased in electroporatedmuscles. Real-time PCR analysis of V1aR (a) and TNF
(b)was performedonRNAextracts obtained fromWT,mock-,V1aR-, TNF-, andV1aR+TNF-transfectedTAmuscles to verify the transfection
efficiency after electroporation. The expression of V1aR and TNF is not significantly different when comparing V1aR versus V1aR+TNF and
TNF versus V1aR+TNF samples, respectively (Figures 1(a) and 1(b)). Values represent the average three independent experiments. ∗𝑃 < 0.05;
∗∗

𝑃 < 0.01; ∗∗∗𝑃 < 0.001 by Student’s 𝑡-test.

previously demonstrated that stimulation of AVP signaling
induces calcineurin-dependent expression of IL-4 in muscle
cells. These results demonstrate that a high level of V1aR
accelerates the resolution of TNF-dependent inflammation,
modulating the muscle milieu by favoring the shift from
M1 to M2 macrophage phenotype, thereby stimulating the
secretion of anti-inflammatory cytokines and thus promoting
regeneration.

3.5. Stimulation of AVP Signaling Modifies the Effects of TNF
on Myogenesis and Promotes Muscle Maturation. Regener-
ation consists of a sequence of phenomena including the
activation of satellite cells, and their differentiation and fusion
into fibers expressing muscle specific products.Therefore, we
first analyzed the expression of Pax7 and desmin, which are
relevant markers of activated and proliferating satellite cells,
1 week after TNF and/or V1aR electroporation in muscles.
Real-time PCR analysis demonstrated that TNF overex-
pression greatly increased the levels of Pax7 and desmin
expression, when compared with WT and mock-transfected
muscle, whereas the transfection of V1aR alone induced
lower but significant changes in the expression of these
proteins (Figures 6(a) and 6(b)). By contrast, the combination
of V1aR and TNF overexpression promoted a significant
increase in Pax7 and desmin expression. We then analyzed
the expression of molecular markers characteristic of the
terminal phases of muscle differentiation, such as myogenin
and MHC. It is noteworthy that TNF overexpression down-
regulated the expression levels ofMHC (but not ofmyogenin)
compared with mock-transfected samples (Figure 6(c) and
densitometry Figure 6(e)). By contrast, V1aR overexpres-
sion counteracted the negative effect of TNF on muscle
differentiation, stimulating myogenin and MHC expression

(Figures 6(c) and 6(d) and densitometry Figure 6(e)). More-
over, immunofluorescence analysis for embryonic-myosin
heavy chain (embryonic-MHC), a marker of regenerating
myofibers, revealed a significant increase in the number of
embryonic-MHC positive fibers in muscles overexpressing
both TNF and V1aR, compared with control and V1aR-alone
transfected samples (Figure 6(f)).

Taken together, these results suggest that TNF stimu-
lates satellite cell activation and muscle regeneration but, as
expected, impinges on the maturation process. By contrast,
overexpression of V1aR counteracts the negative effects of
TNF, stimulating muscle growth and maturation.

3.6. V1aR Counteracts the Effect of TNF on Protein Degrada-
tion by Stimulating PI3K/Akt/FoxO Signaling. TNF is known
to induce protein degradation as a result of activation of
the ubiquitin-dependent proteasome pathway [7]. On the
other hand, the PI3K/Akt signaling is one of the most
critical pathways involved in the regulation of skeletal muscle
mass [8, 12]. Akt phosphorylates FoxO transcription factors
in multiple sites, leading to the exclusion of phosphory-
lated FoxO proteins from the nucleus and inhibition of
atrogin-1 expression [47]. We therefore analyzed the effect
of TNF on Akt and FoxO3a expression in the presence
and absence of V1aR overexpression. Here we demonstrate
that, inmuscle overexpressing TNF, the phosphorylated form
of Akt is downregulated compared with mock-transfected
muscle, while the expression of native FoxO (FoxO3a) is
high. The double band of native FoxO3a is ascribable to
the presence of posttranslational modifications of FoxO3a,
such as acetylation or ubiquitination. By contrast, phospho-
Akt is upregulated in V1aR overexpressing muscles, either
alone or in combination with a high TNF level (Figure 7(a)).
Indeed, phospho-FoxO3a is downregulated only in samples
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Figure 2: Local V1aR overexpression in atrophic muscle enhances the regeneration process. (a) Cross-sections of mock (A), TNF- (B), V1aR-
(C), and TNF+V1aR- (D) transfected TA were stained with H&E one week after electroporation. Scale bar = 50 𝜇m. Original magnification
10x and insert magnification 20x. (b) Diagram showing the number of regenerating, nonregenerating, and total fibers per cross-sectional
area. ∗𝑃 < 0.05. (c) Morphometric analysis shows that in muscles overexpressing V1aR and TNF together the mean fiber cross sectional area
(CSA) is bigger compared with samples overexpressing TNF alone. ∗𝑃 < 0.05; ∗∗𝑃 < 0.01 by Student’s 𝑡-test.

overexpressing TNF alone, and the expression of atrogin-1 in
this condition is strongly upregulated (Figures 7(a) and 7(e)).
These results demonstrate that V1aR overexpression stim-
ulates the PI3K/Akt pathways leading to phosphorylation
of FoxO transcription factors, which in turn results in
downregulation of atrogin-1 expression.

4. Discussion

In this study,we show that the negative effects of TNFonmus-
cle regeneration and inflammation are strongly counteracted
by stimulation of AVP signaling. AVP, a neurohypophyseal
nonapeptide, is a potent myogenesis-promoting factor both
in vitro and in vivo. By interacting with V1aR, AVP increases
cytosolic Ca2+ concentrations, upregulates Myf-5 and myo-
genin expression, and activates Ca2+/calmodulin-dependent
protein kinase (CaMK) and CnA signaling pathways [16,
17, 48–51]. Moreover, local V1aR overexpression results in
acceleration of the regeneration process, as demonstrated

by rapid resolution of inflammation, earlier activation and
fusion of satellite cells, and formation of regenerating fibers
compared with the mock-transfected muscles [21].

To better clarify the molecular pathways involved in the
positive effects of V1aR overexpression in muscle homeosta-
sis, we induced morphological alterations in TA muscles by
local overexpression of TNF and analyzed the effects of high
levels of V1aR on TNF-induced muscle atrophy.

TNF is a proinflammatory cytokine known to induce
murine myoblast apoptosis [52] and block human muscle
satellite cell differentiation [53]. Chronic exposure to low
levels of circulating TNF inhibits muscle regeneration and
induces cachexia [35, 54].

Morphological analysis clearly demonstrated that the
accumulation of infiltrating cells in muscle overexpress-
ing TNF alone dramatically decreases when TNF and
V1aR are overexpressed together. Moreover, while V1aR
does not significantly modify the number of regenerating
fibers compared with samples overexpressing TNF alone,
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Figure 3: V1aR overexpression attenuates inflammation and fibrosis induced by high levels of TNF. (a) Nonspecific esterase staining of TA
cross-sections, performed oneweek after electroporation.Thefigure highlights themassive presence ofmacrophages inmuscle overexpressing
TNF (B) and a reduced esterase activity inmuscle overexpressing bothTNF andV1aR (D). (Scale bar = 50 𝜇m,magnification 10x.) (b)Masson’s
trichrome stain of TA cross-sections, oneweek after electroporation, demonstrates less extensive fibrosis inmuscle overexpressing TNF+V1aR
(D and D’), compared with muscle overexpressing TNF alone (B and B’). (Scale bar = 50 𝜇m, magnification 10x, (A)–(D); 20x, (A’)–(D’).

it does affect the fiber size distribution suggesting that
it may play a role in acceleration of the regeneration
process. Furthermore, a comparison between mock and
V1aR-transfected muscles indicated that V1aR overexpres-
sion exerts a hypertrophic effect on the fibers, regardless
of the regeneration process, which may be attributable to

either increased fusion of satellite cells or increased synthesis
and accumulation of contractile proteins. Inflammation is
a critical component of muscle physiology that represents
an important phase in regeneration and is often associ-
ated with severe and progressive fibrosis [3, 36, 37, 55].
Invasion by neutrophils and macrophages characterizes
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the initial phases of inflammation. This is followed by down-
regulation of the inflammatory response, thus preventing
further damage and favouring regeneration [56]. The shift
from the M1-macrophage-dependent necrotic environment
to the M2-macrophage phase characterized by stem cell
recruitment and differentiation is important insofar as it pro-
motes regeneration [57, 58].This could also explain the slight
increase in CD163 (involved in anti-inflammatory responses)
expression occurring in TNF overexpressing muscles [2, 3].
Our data are in line with recent findings demonstrating that
the V1aR agonist dramatically reduces the mRNA level of
proinflammatory cytokines in astrocytes [59].

The enhanced regenerative capacity of V1aR overexpress-
ing muscles correlated with dampening of inflammation and
connective tissue accumulation; consequently, fibrosis and
prolonged infiltration by monocytes/macrophages typical of
TNFoverexpressingmuscle weremore rapidly resolved in the
presence of high levels of V1aR. This finding is supported by
the V1aR-dependent modulation of NF-𝜅B expression, one
of the most important molecular players in the activation
andmaintenance of inflammation in response to TNF stimuli
[9, 60].

Local overexpression of V1aR selectively downregulated
the proinflammatory cytokines, CCL2, IL1𝛽, IL-6, whose
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expression is associated with sustained mononuclear cell
influx and the switch from acute to chronic inflammatory
process [3, 5]. Interestingly, V1aR upregulated the expression
of anti-inflammatory cytokines, including CD163, IL-10, and
IL-4, which play a major role in promoting growth and
regeneration [61]. In particular, several works have identified
IL-4 as a key cytokine in myogenic fusion processes. Being
directly correlated with CnA activity, IL-4 is synthesized
and secreted after the translocation of nuclear factor of
activated T-cells into the nucleus and stimulates fusion of
myoblasts to preformed myotubes [44–46]. Moreover, we
previously demonstrated that IL-4 represents a key cytokine
in the mediation of the effects of AVP on skeletal muscle
homeostasis [21]. In the present study we found that TNF
stimulates satellite cell activation and muscle regeneration,
as demonstrated by the upregulation of Pax7 and desmin
expression, but, as expected, impinges on the maturation
process as shown by the low levels of the late differentiation
marker MHC. By contrast, the overexpression of V1aR
counteracted the negative effects of TNF, stimulating muscle
growth and maturation as demonstrated by the increased
expression levels of myogenin and MHC in TNF+V1aR
overexpressing muscles.

One of the most important mechanisms controlling
cellular and protein turnover is mediated by Akt-FoxO. A
reduction in the activity of the Akt pathway, as observed in
different models of muscular atrophy, results in decreased
levels of phosphorylated FoxO and consequent upregulation
of atrophy related genes [14, 62], which are responsible
for increased protein degradation through the ubiquitin-
proteasome system [7, 63, 64]. Here we demonstrate that
TNF overexpression upregulates dephosphorylated FoxO
expression, thus promoting the transcriptional activation of
atrogin-1. By contrast, V1aR overexpression stimulated the
PI3K/Akt pathways, leading to phosphorylation of FoxO
transcription factors and resulting in the inhibition of
atrogin-1 expression.

Since neurohypophyseal hormones are not canonical
regulators of skeletal muscle structure and function, the
physiological relevance of our findings merits discussion. A
large body of evidence indicates that AVP and/or OT play a
significant role in promoting differentiation and hypertrophy
of myogenic cells in culture. Recently, Breton et al. provided
evidence that functional oxytocin receptors are present in
human primary myoblasts [19]. The finding that levels of
immunoreactive AVP, which are high in embryonic skeletal
muscle, decline during gestation and reach very low levels
at birth points to a role of AVP in muscle development
[65]. These data, combined with our results demonstrating
a modulation of V1aR endogenous expression during the
regeneration process, suggest that AVP signaling plays a sig-
nificant role in skeletalmuscle homeostasis [21]. Interestingly,
several authors have shown that exercise, a physiological
hypertrophic cue, significantly increases circulating AVP,
both in humans and in other mammals, thus posing the
theoretical basis for the physiological regulation of muscle
hypertrophy by neurohypophyseal hormones [49, 66–69].
De Jager et al. recently reported that treatment of cattle with
anabolic steroids unexpectedly led to a high expression of

mRNA encoding oxytocin in muscle, accompanied by a high
level of circulating oxytocin in the plasma [70], suggesting
that OT is involved in mediating the anabolic effects of the
treatment.

5. Conclusions

Our findings show that the stimulation of AVP signaling
in muscle enhances the regeneration process by attenuat-
ing inflammation and fibrosis and by modulating protein
degradation. Stimulation of AVP signaling might represent
an interesting novel strategy to counteract muscle decline in
aging or in muscular pathologies.
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“Impact of ageing onmuscle cell regeneration,” Ageing Research
Reviews, vol. 10, no. 1, pp. 35–42, 2011.

[7] Y.-P. Li and M. B. Reid, “NF-𝜅B mediates the protein loss
induced by TNF-𝛼 in differentiated skeletal muscle myotubes,”
American Journal of Physiology: Regulatory Integrative and
Comparative Physiology, vol. 279, no. 4, pp. R1165–R1170, 2000.

[8] S. Schiaffino, K. A. Dyar, S. Ciciliot, B. Blaauw, and M. Sandri,
“Mechanisms regulating skeletal muscle growth and atrophy,”
The FEBS Journal, vol. 280, no. 17, pp. 4294–4314, 2013.

[9] A.Kumar, Y. Takada,A.M.Boriek, andB. B.Aggarwal, “Nuclear
factor-𝜅B: its role in health and disease,” Journal of Molecular
Medicine, vol. 82, no. 7, pp. 434–448, 2004.



BioMed Research International 13

[10] M. S. Hayden and S. Ghosh, “Shared principles in NF-𝜅B
signaling,” Cell, vol. 132, no. 3, pp. 344–362, 2008.

[11] F. Mourkioti, P. Kratsios, T. Luedde et al., “Targeted ablation of
IKK2 improves skeletal muscle strength, maintains mass, and
promotes regeneration,” The Journal of Clinical Investigation,
vol. 116, no. 11, pp. 2945–2954, 2006.

[12] P. Bonaldo andM. Sandri, “Cellular andmolecular mechanisms
of muscle atrophy,” Disease Models & Mechanisms, vol. 6, no. 1,
pp. 25–39, 2013.

[13] C.-M. Liu, Z. Yang, C.-W. Liu et al., “Effect of RNA oligonu-
cleotide targeting Foxo-1 on muscle growth in normal and
cancer cachexia mice,” Cancer Gene Therapy, vol. 14, no. 12, pp.
945–952, 2007.

[14] M. Sandri, C. Sandri, A. Gilbert et al., “Foxo transcription
factors induce the atrophy-related ubiquitin ligase atrogin-1 and
cause skeletal muscle atrophy,” Cell, vol. 117, no. 3, pp. 399–412,
2004.

[15] S. Minotti, B. M. Scicchitano, C. Nervi et al., “Vasopressin and
insulin-like growth factors synergistically inducemyogenesis in
serum-free medium,” Cell Growth & Differentiation, vol. 9, no.
2, pp. 155–163, 1998.

[16] C. Nervi, L. Benedetti, A. Minasi, M. Molinaro, and S. Adamo,
“Arginine-vasopressin induces differentiation of skeletal myo-
genic cells and up-regulation of myogenin and Myf-5,” Cell
Growth & Differentiation, vol. 6, no. 1, pp. 81–89, 1995.

[17] A. Teti, F. Naro, M. Molinaro, and S. Adamo, “Transduction of
arginine vasopressin signal in skeletal myogenic cells,” Ameri-
can Journal of Physiology: Cell Physiology, vol. 265, no. 1, part 1,
pp. C113–C121, 1993.

[18] M. Alvisi, V. de Arcangelis, L. Ciccone et al., “V1a vasopressin
receptor expression is modulated during myogenic differentia-
tion,” Differentiation, vol. 76, no. 4, pp. 371–380, 2008.

[19] C. Breton, C. Haenggeli, C. Barberis et al., “Presence of
functional oxytocin receptors in cultured human myoblasts,”
The Journal of Clinical Endocrinology & Metabolism, vol. 87, no.
3, pp. 1415–1418, 2002.

[20] M. Thibonnier, M. K. Graves, M. S. Wagner, C. Auzan, E.
Clauser, and H. F. Willard, “Structure, sequence, expression,
and chromosomal localization of the human V1a vasopressin
receptor gene,” Genomics, vol. 31, no. 3, pp. 327–334, 1996.

[21] A. Toschi, A. Severi, D. Coletti et al., “Skeletal muscle regen-
eration in mice is stimulated by local overexpression of V1a-
vasopressin receptor,” Molecular Endocrinology, vol. 25, no. 9,
pp. 1661–1673, 2011.

[22] J.-L. G. de Aguilar, J. W. Gordon, F. René, B. Lutz-Bucher, P.
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Muscular dystrophies (MDs) are a heterogeneous group of diseases, caused by mutations in different components of sarcolemma,
extracellular matrix, or enzymes. Inflammation and innate or adaptive immune response activation are prominent features ofMDs.
Various therapies under development are directed toward rescuing the dystrophicmuscle damage using gene transfer or cell therapy.
Here we discussed current knowledge about involvement of immune system responses to experimental therapies in MDs.

1. Introduction

The involvement of inflammation in muscular dystrophies
(MDs) has been known for years. However, molecular
mechanisms underlying immune system activation are not
completely understood. Inflammation and innate immune
response activation are firstly a consequence of physiological
function of skeletal muscle, but their chronic activation is
determined by continuous cycles of muscle fibers degen-
eration/regeneration. MDs are a heterogeneous group of
diseases caused by mutations in different components of
sarcolemma, extracellular matrix, or enzymes [1]. Despite
differences in genetic background and symptoms, MDs share
some characteristic features such as progressive muscu-
lar wasting, fibrosis and atrophy, and various degrees of
inflammatory infiltrates. Here we described the well-known
involvement of the cells of the immune system in the
development of the pathological signs of the most frequent
forms of MDs—Duchenne Muscular Dystrophy (DMD)
and dysferlinopathies (LGMD2B)—and the emergent role of
these cells in the facioscapulohumeral muscular dystrophy
(FSHD). Moreover, we investigated the relationship between
immune system and gene or cell therapy in the treatment
of these diseases. DMD is characterized by mutations in
dystrophin gene: its absence at the sarcolemma reduces the
stability of plasmamembrane and renders muscular fibers

more prone to contraction-induced injury [1]. In LGMD2B
the mechanism of membrane repair is inefficient due to
the absence of dysferlin protein, which probably regulates
vescicular trafficking [2]. Molecular mechanisms underlying
FSHD are not fully understood but it is known that the
contraction of a repeated region in chromosome 4q35 leads
to toxic activation of DUX4 gene (i.e., normally silenced),
which probably acts like a transcription factor [3]. As we
discussed below, a certain degree of inflammation is always
present in whatever form of MD, so that this condition is
probably due to the muscular degeneration itself. However
some aspects, such as complement system deposition or
specific lymphocytes activation, are typical of one form of
MD suggesting a correlation with the genetic background.
Finally we discussed how immune system activation could
affect gene or cell therapy and how it could be the target of
new treatments.

2. Immune System Activation in
Skeletal Muscle

In physiological condition, skeletal muscle contains resident
immune cells, mainly macrophages, that exert multiple roles
such as phagocytosis of cellular debris and microbes, secre-
tion of cytokines and growth factors, antigen-presentation.
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Conversely, following pathophysiological stimuli, skeletal
muscle is invaded by several immune cells that secrete
soluble molecules, affecting the viability and transcriptional
activities of regenerative muscle cells. Unfortunately, the
complex mechanisms that regulate the interplay among
immune system cells and skeletal muscle stem cells and their
modulation of muscular regeneration are far from being
really understood. In particular innate immunoresponse of
the muscle to injury is mediated by Th1 cytokines (that are
the cytokines expressed by a particular subset of T helper
cells named Th1) which triggers the activation of classic M1
proinflammatory macrophages, which in turn promote the
production of prostaglandins, cytokines, and chemokines [4].
Following the early invasion of macrophages/neutrophils,
tumor necrosis factor alpha (TNF-𝛼) is highly expressed, acti-
vating macrophages to the M1 phenotype, and also inducing
the production of other proinflammatory cytokines. Among
them, the activation of nuclear factor kappa-light-chain-
enhancer of activated B cells (NF-kB) increases proliferation
and inhibits differentiation of muscle stem cells. In fact, NF-
kB allows the expression of transcripts needed for cell cycle
progression and causes destabilization of MyoD mRNA and
degradation of MyoD protein, negatively affecting the capac-
ity of muscle to terminal differentiation [5]. Furthermore,
recent findings demonstrated that the secretion of the TNF-𝛼
in the injury site is necessary for the attraction of satellite
cells and, thus, for the promotion of muscle regeneration [6].
In a second time, as M1 macrophages reached the peak of
concentration in injured/regenerative muscle, Th2 cytokines
(IL-4, IL-10, and IL-13) stimulation promotes a switch toward
M2 anti-inflammatory macrophages, which diminish the
inflammatory response and promote tissue repair [7, 8].
The transition from a Th1 inflammatory response to a Th2
inflammatory response is closely correlated with a transition
from the early proliferative stage ofmyogenesis (driven by the
transcription factors Myod and myf-5) to the terminal stages
of myogenesis (driven by Myogenin and MEF2). Interest-
ingly, the functional linkage between M1/M2 differentiation
and myogenic compartment was suggested, as the disruption
of theTh1 toTh2 transition causes the failure of the transition
from proliferative to differentiation stages of myogenesis, in
particular at a stage at which satellite cells are activated to
proliferate and express MyoD [6]. Similarly, different works
demonstrated the fundamental role of M2 macrophages in
promoting muscle regeneration, as the depletion of this
subpopulation ofmacrophages prevented increases inmuscle
fiber diameter and diminished the ability ofmuscles to repair,
to differentiate, and to regenerate [9]. Muscular alterations
render themyofibersmore vulnerable to contraction-induced
injury so that continuous activation of the immune system
is present. Chronic inflammation ultimately ends in fibrosis
deposition and atrophy, a process mainly mediated by a
transition fromM2a macrophages to M2c macrophages [10–
12]. Contemporary macrophages and myokines secreted by
muscle fibres recruit additional immune cells, including T
cells, which exacerbate muscular damage. In DMD muscles
macrophages are the most abundant immune cells, but T
cells, B cells, and dendritic cells (DCs) are also present. Infil-
tratingT cells are predominantlyCD4+, and smaller numbers

of cytotoxic CD8+ T cells were observed [13]. In addition,
specific T cell receptor gene rearrangements were observed
in clonally activated T cells, within dystrophic muscle fibers
[14]. Furthermore, recently, Mendell et al. observed specific
autoreactive T lymphocytes, directed against dystrophin
epitopes, in blood of dystrophic patients (DMD) [15]. Several
authors demonstrated that the ablation of T (or T/B cell) cells
amelioratedmuscular pathology in dystrophic animalmodels
[16–18]. This amelioration was due both to direct ablation of
cytotoxic T cells and to reduced secretion of proinflammatory
cytokines. Among them, higher levels of TNF-𝛼, IL17, IL6,
and TGF-𝛽 were observed in DMD muscles than in healthy
ones [19]. In particular, TNF𝛼 has been suggested to promote
necrosis through a regulated process involving kinase activity
of receptor-interacting protein 1 (RIP1) [20]. More recently,
Burzyn and colleagues described a population of regula-
tory T (Treg) cells expressing Foxp3 and CD4 that rapidly
accumulated in the acutely injured skeletal muscle of mice,
similar to myeloid cells. They demonstrated that these cells
exerted a fundamental role in regulating muscle repair by the
expression of specific growth factors [21]. Immune system
activation is not a predominant feature only of DMD; indeed
other forms of MDs share the same characteristic, even if
different subpopulations of immune cells might be affected.
Inflammatory cells were detected in both MM and LGMD2B
patients around necrotic fibers. Dysferlin deficiency reduced
the capacity of muscle membranes to repair after injury
prolonging the recruitment and the activation of inflamma-
tory cells. Enhanced phagocytic activity of dysferlin-deficient
macrophages was reported [22] together with components
of i(NALP)-3 inflammasome pathway upregulated and acti-
vated [23]. Specific deposition of membrane-attack complex
(MAC) at the surface of muscle fibers was observed in
dysferlin-null mice, demonstrating an important role of the
complement factors in exacerbate muscular damage [24].
Skeletal muscle under physiological condition do not con-
stitutively express major histocompatibility complex (MHC)
class I molecules: different stimuli however can induce their
expression, such as the proinflammatory cytokines IFN-𝛾 and
TNF-𝛼 [25]. Expression of MHC class I on the surface of
muscle cells is an early feature in human idiopathic inflamma-
torymyopathies, also preceding inflammatory infiltrates [26].
It was demonstrated that human skeletal muscle myoblasts,
once stimulated to express MHC class I or even class II, can
effectively present antigens to autologous, antigen-specific
CD4+ T cells [27]. In dysferlinopathies abnormal MHC-
I expression was observed in degenerating/regenerating
fibers usually closed to inflammatory cluster cells. A direct
pathogenic role for immunity has never been demonstrated
in FSHD. Inflammatory features were evident in biopsies
from FSHD patients [28, 29], whereas a pilot trial involving
prednisone did not improve strength in FSHD muscles
[30]. More recently, magnetic resonance imaging (MRI) was
used as powerful method to identify specific areas of the
muscles in different disorders [31]. This way, Tasca et al.
demonstrated a correlation between hyperintensity in T2-
STIR sequences and histological muscle abnormalities and
showed that these areas were characterized by inflammation
[32]. Moreover, to better elucidate the possible pathological



BioMed Research International 3

mechanisms underlying inflammatory and immunological
processes, they studied the amount of activated immune
cells in the blood of FSHD patients and their expression
of cytokines and other immune regulators. They found a
significant amount of CD8+ T-cells in the endomysium
of FSHD muscles, close to nonnecrotic fibers. They also
noted that FSHD patients overexpressed pSTAT1 (regulator
of Th1 cells), pSTAT3 (regulator of Th17 cells), and t-bet
(regulator of both innate and adaptive immunity) that cause
overproduction of IL12/IL23p40, IFN-𝛾, TNF-𝛼, IL6, and
IL10 related to controls [33]. The excessive secretion of IL6
driven bymonocytes probably causedCD8+T cell activation,
allowing uncontrolled proliferation and effector functions.
Interestingly, they did not assess any modification of the
complement system as suggested in the dysferlinopathies
[34]. A study published in 2012 confirmed that in the blood
of FSHD patients several genes that mediated innate and
adaptive immune response were upregulated, assessing that
inflammation had a central role in the development of
pathological phenotype [32].

3. Inflammation-Based Therapeutic Strategies

Despite all efforts exerted, steroids are the only current
treatment available for DMD.The exact mechanism of action
of steroids in DMD patient is not fully characterized but the
beneficial effects observed are probably due to their immuno-
suppressor ability. For example, it is thought that glucocor-
ticoids promote a shift from M1 to M2 anti-inflammatory
macrophages, as observed in patients treatedwith prednisone
(0.75mg/kg/day) during 6 months [35]. As we discussed
above, steroids treatments are also associated with lower
levels of autoreactive T-lymphocytes in DMD patients [36].
The involvement of cytokines and other inflammatory actors
in MDs opened new therapeutic strategies. In particular,
modulation of proinflammatory cytokines, such as TNF𝛼,
is currently under investigations. Infliximab and Etanercept
(TNF𝛼 neutralizing antibody and soluble TNF𝛼 receptor,
resp.) both showed reduction in fibrosis deposition and in
myofiber necrosis in mdx mice [37, 38]. Similarly, block-
ing chemokine-mediated signalling, through chemokine-
receptor antibodies (including an anti-CCR2) seemed to be
promising. Major concerns with this strategy involved the
abundance of chemokines that are upregulated in DMD
patients and the interpatient variability. Furthermore, as we
discussed above, chemokines are necessary to attract non-
cytotoxic macrophage subpopulations, which are responsible
for myofibers regeneration [9]. In the same way TGF-𝛽
blocker suramin and the TGF-𝛽1 antagonist pirfenidone
decreased fibrosis in mdxmice [39, 40]. Immunomodulatory
strategies have been investigated in other forms of MDs
such as dysferlinopathies. Unfortunately, anti-inflammatory
glucocorticoids gave negative results in treated patients prob-
ably because of side effects [41, 42]. However, alternative
strategies, such as intravenous immunoglobulins and Ritux-
imab administration, showed partial benefits in LGMD2B
patients although B lymphocytes are not a major component
of infiltrates in this disease [43]. Similar to what observed

in DMD patients, the administration of Etanercept resulted
in dose-dependent reductions of inflammation, necrosis,
and fatty/fibrous change in dysferlinopathic SJL/J mice [44].
Recently, Halofuginone, a coccidiostat (T helper 17 cells
inhibitor), was shown to significantly improve dystrophic fea-
tures in a dysferlin-deficient mouse model [45]. As discussed
above, complement system plays a central role in promoting
myofiber necrosis in dysferlinopathies, so that it represents an
attractive target for therapies. In this sense genetic ablation
of C3 improved muscle phenotype in dysferlin-deficient
mice [24]. To date, immunomodulatory therapies for FSHD,
including a prednisone pilot trial, failed to demonstrate
beneficial effects [30].

4. Influence of Immune Responses in
Gene Therapy

Gene therapy is commonly used to correct or to replace genes
whose mutations cause fatal disease. It is characterized by 3
critical steps: the genes that are transferred, the target tissue,
and the carrier of the gene. The carrier has to allow the
entry of the gene into damaged tissues: retrovirus, lentivirus,
adenovirus, and adenoassociated virus (AAV) are commonly
used as vectors. AAVs can infect long-lived postmitotic cell;
their DNA can be integrated into the host cell’s genome and
donated gene is long-term expressed [46]. As the administra-
tion of such viral vectors could cause host immune response,
clinical protocols for gene therapy require that sustained
therapeutic levels of the transgene are achieved, with no
apparent vector-related toxicities in the patient [47, 48]. In
this section, we will describe the effects of administration
of AAVs in the most common forms of neuromuscular
disorders.

4.1. Adeno Associated Virus (AAVs) and Immune Reactivity.
AAVs are nonpathogenic and replication-defective—as they
did not possess any viral protein ORFs—that can infect
nondividing cells. To date, 12 different AAV serotypes (AAV1-
12) are utilized in gene therapy approaches, regarding liver
(AAV8), cardiac, and musculoskeletal tissues (AAV1, 6 and
9), central nervous system (AAV5 and 9), and eye (AAV4
and 8) [47]. AAVs have low immunogenicity compared to
adenovirus as they did not transduce efficientlymacrophages,
mature DCs, and other antigen-presenting cells (APCs);
however, different clinical trials demonstrated that these
vectors can cause immunological responses [49]. Further-
more, it is known that AAVs are nonintegrating vectors
but insertional mutagenesis could occur [50]. Zaiss and
Muruve showed that APCs can take up exogenous AAV
antigenic peptides by endocytosis; consequently, AAVs are
released in the endosomes, entering into the nucleus and
viral genome induces uncontrolled gene expression [51].This
way, innate immune signalling pathways are triggered and
the secretion of several factors that regulate inflammatory
response allows the expression of proinflammatory cytokines
and chemokines [52, 53]. All these molecules favour the
infiltration of neutrophils, macrophages, and DCs that kill
the transduced cells directly or initiate a more specific
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T- and B-cell response [54]. Alternatively, it was demon-
strated that the complement system—a component of the
innate immune system that promotes inflammation [55]—
had an important role in the host response to AAV vec-
tors [56], as their interaction caused the activation of
macrophages against AAVs [56]. Other than innate immu-
nity, AAVs could be identified and destroyed by the adaptive
immune responses. Once the vector is brought inside the host
cells, the viral capsid is degraded so that antigenic peptides
are cross-presented to MHC I molecules and CD8+ T cells
destroy the transduced host cell [57]. Activated CD8+ T cells
can elicit indirectly the function of CD4+ T cells by secreting
proinflammatory cytokines (IFN𝛾, TNF-𝛼, and IL-2) [57].
Alternatively, APCs could present theAAVs to T-cell receptor
(TCR) of CD4+T cells bymeans ofMHCII complex [58]; this
way, CD4+ T cells allow the expression of proinflammatory
cytokines (IL-2, IL-4, and IL-5) that can activate B cells [59].
At this point, specific antibodies against the particles of AAVs
are produced and then eliminated by neutrophils and DCs
[59]. As eyes are considered ideal organs for AAVs infusion
for their immune-privileged status, the works of Maguire
et al. [60] and Hauswirth et al. [61] demonstrated that the
ocular injections of AAV vector are a safe and efficacious
technique to ameliorate visual function in LCA patients.
For all the other organs, immunosuppression protocols were
proposed to reduce or prevent host immune response fol-
lowing AAVs injection. In the case of degenerative disorders
such as haemophilia and muscular dystrophies, continuous
administration of AAVs is required for therapeutic purposes.
Unfortunately, secondary exposure to the vector strengthens
the risk of activation of memory T- and B-cells, immune
reactivity events, and vector elimination. It was suggested that
these problems could be overcome with short-term immune
suppression treatment in the initial phase of vector infusion
[62, 63]. In addition to immunological questions, the other
milestone of gene therapy is its translation into large animals
rather thanmice. To this end, Valentine et al. used the beagle-
based canine X-linked muscular dystrophy (CXMD) which
shared with DMD patients several pathological features [64].
Following injection of rAAV2 driven by muscle-specific
promoter, they described a significant infiltration of cells
2 weeks after the treatment. In particular they identified
CD4+ or CD8+ T lymphocytes in the interstitial spaces of
the injected muscle while CD11b+ cells and B cells were
found in clusters among infiltrating cells. More interestingly,
muscle fibers upregulated MHC classes I and II molecules
[65]. Experiments of administration of the rAAV expressing
no transgene into the CXMD muscles suggested that the
strong immune response that takes place in treated muscles
and that causes the elimination of transduced myofibers is
due to transgene product and not to AAV capsid [65].

4.2. AAV Treatment in Neuromuscular Disorders. Adriouch
et al. described a strategy to inhibit the undesirable immune
activation that follows muscle gene transfer. The cytotoxic
T-Lymphocyte Antigen 4 (CTLA-4 or CD152)—a protein
receptor that downregulates the immune system that is
present on the surface of T cells, leading the cellular immune

attack on antigens—was used to block the costimulatory
signals that are required early during immune priming. In
combination with the supplementation of programmed cell
death protein 1 (PD-1) to inhibit T cell functions at the
tissue sites, they efficiently modulated the immune response
of AAVs transduced muscle cells [66]. Similarly, Lorain et
al. characterized the immune response to the AAV1 vector
in the DMD murine model, the mdx mouse. They explored
methods to block interactions between T cells, antigen-
presenting cells and B-cells by interfering with the costimu-
latory pathways B7/CD28 (CTLA4) andCD40L/CD40, using
two specific agents, CTLA4/Fc and MR1. They demonstrated
that this immunomodulatory treatment completely blocked
the formation of antibodies against the AAV1 vector and
enhanced the expression of dystrophin in several muscles
[67]. Mendell and coworkers showed that LMGD patients
injected with AAV1 had both humoral and cellular immunity
against the capsid even if the expression of the transgene
was not impaired by the immune response [68]. To avoid
the recognition of AAVs by T cells and to ameliorate the
efficiency of transduction, the immunogenic epitopes of the
capsid were masked. Furthermore, tissue-specific promoters
were used to modulate the expression of the transgene only
in the target tissues, avoiding the recognition by APCs and
subsequent activation of the immune system [54].

4.2.1. Gene Therapy and DMD. According to their low
immunogenicity coupled with their “cargo” capacity, AAVs
were largely used to treat fatal neuromuscular disorders.
Although the genome of AAV persists into muscle for several
years, it was demonstrated that the integration of the AAV
genome into host myogenic cells was largely inefficient and
disappeared rapidly with time. Schnepp et al. suggested that
very little rAAV vector DNA integrated in transduced mouse
muscle and that viral DNA persisted only as concatameric
episomes [69]. Despite these problems, different serotypes
of AAV were used with encouraging results in model mice
of DMD. rAAV serotypes 6 and 8 efficiently delivered the
microdystrophin cassette to skeletal muscle in the mdx
mouse through the vasculature [70].Moreover, they achieved
skeletal muscle transduction also in compartments far from
the site of injection, such as limb muscles [70]. Similarly,
Wang et al. demonstrated that AAV8 is themost efficient vec-
tor for crossing the blood vessel barrier and AAV8-mediated
gene expression persisted in muscle and heart, but dimin-
ished in tissues undergoing rapid cell division [71]. As direct
injection of rAAV1 was efficient and safe [69], this vector
was transplanted into femoral artery of mdx mice, allowing
robustly reexpression of dystrophin [72]. However, it was
showed that the capacity of transduction of rAAV6 and 8 was
significantly better than rAAV1, concerning the amelioration
of isometric force in treated mice [73]. Another important
problem in the treatment of DMD patients arose for their
possible immune response to vectors-carried dystrophin.The
risk of T-cell immunity can be strongly reduced whether the
differences between the defective self-gene and the therapeu-
tic transgene are limited. It could be the case of pathologies
that are provoked by a small number of missense mutations
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but the pathologies that are caused by large genomic deletion
of specific genes (such as dystrophin in DMD and BMD)
increased the risk of this kind of immunological reaction. In
fact the protein in DMD/BMD patients is absent or present
in abnormal form so that gene transfer mediated by viral
vectors could cause the development of immune responses
to previously unseen epitopes. As a confirmation, antibodies
specific to the donor dystrophinwere seen in BMDandDMD
patients that received, respectively, cardiac [74] and donor
myoblast transplantation [75, 76]. To avoid that other proteins
introduced with dystrophin in these experiments could alter
the specific immune response to dystrophin, Ferrer et al.
injected naked plasmid DNA into skeletal muscle of mdx
mice to be sure that no potential neoantigenswere introduced
and described a specific immune responses to dystrophin
[77]. Although the first DMD trials based on myoblast
transplantation showed a partial expression of dystrophin
[76, 78, 79], they failed probably for immunological reaction
of these patients to dystrophin. Ferrer et al. demonstrated
that, following injection into mdx mice of plasmid encoding
for minidystrophin, the newly formed dystrophin positive
myofibers were destructed four week after the treatment
through a cell-mediated immune response. In particular,
cytotoxic CD8+ T cells were identified in clusters around
the dystrophin + fibres in the injected leg [77]. Interestingly,
they also noted that full-length dystrophin was less immuno-
genic than the minidystrophin, probably for the presence
of suppressor epitopes in the rod domain that is deleted
in the minidystrophin [77]. Similarly, Yuasa et al. treated
mdx mice modified to express minidystrophin with AAVs;
they showed that immune responses were mediated by the
membrane permeability and assessed that, using muscle-
specific promoters, the activation of the immune system was
significantly delayed [80]. Starting from data from DMD
clinical trials that confirmedhow the therapywith prednisone
ameliorated the pathological phenotype and strength of
muscle [81], they suggested that immunosuppression not only
ameliorated the efficiency of transduction mediated by the
AAVs but above all limited the degeneration of myofibers
blocking the immunological cells that recognize and destroy
newly formed dystrophin positive myofibers [80]. More
recently, Mendell and coworkers treated a group of six DMD
patients with AAV carrying a minidystrophin transgene that
partially restores the generation of muscle force in dystrophic
mice [15]. As expected, following the treatment, they identi-
fied dystrophin-specific T cells but, surprisingly, circulating
dystrophin-specific T cells were found in two patients before
AAV treatment. Furthermore, they assessed that autoreactive
T cells recognized epitopes that were presented on revertant
dystrophin fibers. This way, they suggested that to increase
the efficiency of experimental therapy for DMD in term of
formation of dystrophin positive myofibers, T-cell immunity
to self and nonself dystrophin epitopes has to be accu-
rately investigated [15]. Recently, Flanigan et al. evaluated
dystrophin-specific T cell immunity in DMD patients that
were treated with glucocorticoid steroids [82]. They showed
that not only the risk for the presence of antidystrophin T cell
immunity increased with age but, more interestingly, steroid-
treated patients developed milder immune response related

to not treated patients. Steroids could exert their beneficial
effects in DMD patients by modulating T cell responses
[82]. In addition to AAVs, HIV-derived lentiviral vectors
were used to transfer genes to muscle; they can infect both
dividing and nondividing cells and possess the capacity to
clone minidystrophin together with selectable markers and
the promoters needed for transgene expression [83]. These
vectors permanently transduce and stably express transgenes
in muscle cells (and their precursors) [84, 85]. Unfortunately,
their use in clinical approaches was largely restrained for
safety reasons. HIV could self-replicate and produced during
manufacture of the vector in the packaging cell line or in
the target cells by a process of recombination; consequently,
the patients undergoing gene therapy would be infected with
HIV in addition to the new therapeutic gene. Moreover, self-
replicating infectious vector could cause uncontrolled inser-
tion into host genome and activate prooncogenes causing
cancer [86].

4.2.2. Gene Therapy Applicability in LGMD and FSHD. Dif-
ferently from dystrophin, the full-length cDNA of each iso-
form of the sarcoglycans (whosemutations cause the LGMD)
can be cloned into the AAV so that AAV-based gene therapy
is feasible for this disease. In different studies, Li and Greelish
demonstrated the feasibility of AAV-mediated gene transfer
of 𝛿-sarcoglycan into skeletal muscle using cardiomyopathic
hamster [87, 88] but this model—as the majority of the
murine ones—did not face the pathological condition of
LGMD muscles. In fact, the rate of ongoing degeneration-
regeneration cycles is too slow so that muscle maintains its
function and fibrosis did not develop well. This way, Hack et
al. developed a newmurine model for primary 𝛾-sarcoglycan
deficiency that exhibited the clinical and histopathological
characteristics of LGMD: degeneration and regeneration of
muscles, pseudohypertrophy, and development of fibrosis.
All of these features became evident as early as 4 weeks,
following muscle membrane disruption [89]. Cordier et al.
used this model to test the efficacy of AAV-mediated transfer
of 𝛾-sarcoglycan; moreover, to avoid possible toxicity and
immunogenicity in nontarget tissues, they used muscle-
specific promoter to express the gene only into differentiated
muscle [90]. They found that delivery of AAV allowed long-
term correction of the disease phenotype and, more interest-
ingly, fibrosis presented a significant barrier for viral delivery.
As fibrosis is the last of a series of events that are initiated
by the recruitment of immune cells and APCs into muscle
to counteract the presence of AAV and its transgene, they
suggested that gene therapy has to be performed early in the
life of the patients, before that fibrosis occurs [90]. It is now
known that FSHD is caused by gene overexpression [91]. The
group of Gabellini developed a murine model of FSHD over-
expressing the FRG-1 gene that resembled histological and
molecular features typical of the disease [3]. Due to its genetic
features, FSHD provides a valuable model to test therapeutic
potentials of RNAi-mediated gene silencing. Bortolanza et
al. combined the delivery mediated by rAAV6 with RNAi-
mediatedmRNA knockdown and injected rAAV6 expressing
FRG1 shRNAs into the tail vein of FRG1 animals [92].
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They demonstrated that the treatment was safe and allowed
the long-term knockdown of FRG1. Furthermore, the rAAV6
injection ameliorated the pathological phenotype of mice; in
particular, the complete functional recovery of the muscular
functions was obtained only with the higher dose of vectors.
In this contest they did not assess any problem of immune
reaction against the product of the vector but they observed
that the expression of RNAi cassette could be toxic [92].
As this effect was observed in other diseases [93, 94], it
was determined that toxicity was abolished as soon as RNAi
hairpin sequences were captured by naturally occurring
miRNA scaffold [93].

5. Cell Therapy and Immune Responses

Cell therapies have gained increased attention in the last
years. Therapeutic cells could be obtained from patient, cor-
rected ex vivo, and retransplanted (autologous implantation).
Alternatively, the cells could be isolated from healthy donors
and injected into dystrophic patient (allogeneic implanta-
tion).Themost suitable cells for therapeutic purposes should
be easily isolated and retain the capacity to migrate from
blood to muscle and to enter the satellite cells niche. Once
the host cells fuse, affectedmuscles will repopulate improving
muscle function and pathology. Stem cells were showed both
to replenish their numbers for long periods through cell
division and to efficiently produce a progeny, differentiating
into multiple cell lineages [95]. Embryonic and adult stem
cells differ significantly with regard to their differentiation
potential and in vitro expansion capability. Adult stem cells
constitute a reservoir for tissue regeneration throughout the
adult life; they are tissue-specific and possess limited capacity
to be expanded ex vivo. Conversely, embryonic stem cells
(ESC) are pluripotent cells derived from the early embryo;
they are capable to proliferate over prolonged periods of
culture, to remain undifferentiated, and to maintain a stable
karyotype [96–98]. In the next section, we will examine the
studies in which these cells are involved.

5.1. Immunogenicity of Embryonic Stem Cells and Induced
Pluripotent Stem Cells. Different works described good
results of engraftment following the injection of ESCs into
recipient muscle [99, 100]. Although ESCs could represent
reliable and cost-effective therapeutic substitute for treat-
ment of neuromuscular disorders, their transplantation often
causes teratomas so that all undifferentiated cells need to be
removed from a graft. Taken together with ethical problems
in the destruction of the blastocyst, the employment of ESCs
in a clinical perspective is far from occurring. In 2006, the
group of Yamanaka obtained ES-like induced pluripotent
stem cells (iPSCs) from adult mouse and human cells by
introducing specific sets of genes encoding for transcription
factors expressed in undifferentiated ES cells to reprogram
the adult cells [101]. Similar to ESCs, iPSCs retained the ability
to differentiate into all adult cell types and, more importantly,
their generation does not imply the use of embryonic or
foetal material. However the safety of these cells had to be
tested accurately before attempting any therapies [101]. Since

ESCs were discovered, they were thought to be immune-
privileged as their low expression of MHC class I, MHC
class II and, conversely, high expression of immunomodu-
latory molecules regulating the proliferation of T-cell [102].
Unfortunately, it was demonstrated that ESCs allowed donor-
specific immune response in immunocompetent mice [103].
The findings of iPSCs opened new possibilities to solve the
problem of immune rejection but some hurdles remained.
Very preliminary study described that iPSCs were rejected
even in MHC-matched recipients, due to unnatural expres-
sion of genes that were recognized by CD4+ and CD8+
T cells [104]. Mullally and Ritz suggested that genomic
alterations acquired during iPSCs formation/proliferation
generated immunogenic neoantigens, potentially eliciting
immune responses even in a MHC-matched context [105].
Their observations were confirmed by another work, showing
that iPSCs had uncontrolled differentiation capacity due to
duplications on chromosome 12 [106]. Furthermore, several
studies demonstrated that ESCs rejection was accelerated
during upregulation of MHC [103, 107, 108] so that it was
suggested that ESCs/iPSCs transplantation could be more
difficult into such an environment. Other studies focused
on minor histocompatibility antigens (miHA) and deter-
mined that even identical HLA phenotype could not be
sufficient to guarantee graft survival [109, 110]; in addi-
tion, expression of Oct-4 and other specific factors could
enhancemiHA incompatibilities [111]. It is demonstrated that
immunonological problems following cellular injection can
be at least diminished by eliminating APCs from the graft
before transplantation [112]. As endothelial cells are able to
mediate the direct pathway of allorecognition [113], the use of
ESCs and iPSCs derived from endothelial cells needs further
precautions.

5.2. Immunogenicity of Myogenic Stem Cells. Initial efforts
were focused on the progenitor cell in skeletal muscle,
the satellite cell, and the descendants of activated satellite
cells, the myoblasts. Partridge’s group demonstrated that
transplantation of wild-type syngeneic myoblasts restored
dystrophin expression in immunodeficient mdx mice [114].
Although the first DMD trials based on myoblast transplan-
tation showed a partial expression of dystrophin [76, 78, 79],
they failed for donor myoblast survival, as they undergo
rapid and massive death after injection into host muscle. It
was suggested that host immune response was responsible
for the death of the transplanted cells. In particular, taking
into account the rapidity with which donor myoblasts die
following transplantation, it was thought that the comple-
ment system allowed the generation of a membrane attack
complex (MAC) through the expression of a C3 convertase,
lysing targeted cells quickly. In case of complement depletion,
the survival of donor myoblasts was not enhanced so that
it was argued that complement could induce the activity of
neutrophils andmacrophages, indirectly regulating the death
of transplanted cells [115].Different studies demonstrated that
myoblast could be recognized directly by host T cells due
to the expression of MHC antigens that are recognized by
TCR on T cells. Alternatively, myoblasts could be identified
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by APCs that present donor antigens to host T-cells [116, 117].
Furthermore, it was supposed that muscle-resident mast cells
that are elevated in DMD patients [118] secreted cytokines
such as TNF-𝛼, affecting donor myoblast survival [119]. Data
obtained by these studies lead to the conclusion that immune
suppression was necessary to permit allogeneic myoblasts
transplantation [76]. Several studies were conducted using
different immunosuppressive protocols, in attempt to avoid
side effects of systemic immunosuppression while permit-
ting donor myoblasts survival. Unfortunately none of these
studies reported significant or long-term improvement in
muscle strength [120–123]. It was thought that stem cells,
differently from myoblasts, were immune-privileged so that
the risk for immunorejection was underestimated. Today the
immunogenicity of stem cells has been widely demonstrated
both for embryonic and adult cells [111, 124, 125]. In particular
autologous stem cells can provoke inflammation and rejec-
tionmaybe as a consequence of geneticmanipulation or long-
term culture (required for their correction and expansion)
or their combination with matrix structures. Similarly, ESCs
express low levels of HLA class I but only before differenti-
ation; once injected and after reaching the host organ, the
MHC disparities lead to acute antibody-mediated rejection
(AMR) [126]. Furthermore if IgG antibodies directed against
HLA class I antigen of donor cells are already present
at the time of transplantation hyperacute rejection (HAR)
will occur [127, 128]. Interestingly evidences arose that
HLA/MHC molecules could have a role in signalling trans-
duction so that the prediction of efficacy of transplantation is
further reduced. MHC expression in transplanted cells could
be influenced by the host microenvironment (e.g., INF-𝛾
or hypoxia exposure) [126]. Anti-HLA antibodies mediated
injury through both complement-dependent and indepen-
dent pathways and through the binding with HLA donor
cells; this binding could result in activation, proliferation,
and cytokines production, leading to amplification of damage
[129]. Interestingly, HLA signalling is not a prerogative of
immune cells alone, as it also occurs in endothelial or
epithelial cells with unknown side effects [130, 131]. Other
than satellite cells and myoblast, muscular and nonmuscular
multilineage stem cells able to actively participate in myo-
genesis were identified and characterized according to the
expression of different cellular markers [132–138]. However,
promising results obtained with animal models were not
replicated in humans. In addition, only some of those cells
migrated through the vasculature (CD133+,mesoangioblasts,
and mesenchymal stem cells) [133, 137, 139, 140] and, this
way, were considered for therapeutic interventions. In 2009,
Cossu’s group started a clinical study in DMD patients
ranging in age from 5 to 12 years. The ongoing clinical trial
considered intra-arterial infusion of donor mesoangioblasts
HLA-identical donor derived in DMD patients pretreated
withTacrolimus. Results of the immune-reaction in this study
are in progress.

5.3. Immunomodulation Behaviour of Mesenchymal Stem
Cells. Mesenchymal stem cells (MSCs) are currently con-
sidered as one of the most promising cell types for cell

therapy. Firstly isolated from bone marrow [141], and nowa-
days obtained from a variety of tissues [142, 143], they
are a heterogeneous cell population characterized through
different culture conditions and surface markers expres-
sion. Apart from the multipotency of cell differentiation,
MSCs have been shown to modulate endogenous tissue by
secreting a large spectrum of bioactive molecules [144] that
were demonstrated to induce different responses, such as
angiogenesis [145], inflammatory inhibition, immune mod-
ulation, and apoptosis reduction [146]. Furthermore, it is
well known that MSCs are immunoprivileged due to their
low expression of MHC-II and costimulatory molecules in
their cell surface, making them invisible to immune system.
The mechanism of action underlying this behaviour involves
different immune cell types, both from innate and adaptive
immune response. As regards the first type of response,
for example, MSCs are able to prevent the two phases of
DCs maturation—from precursors to immature state (iDC)
[62] and the complete maturation [147, 148]. In both cases
MSCs generate a tolerogenic fate of DCs and a possible
switch from Th1 to Th2 response [149]. On the other hand,
as regards the natural killer cells (NKs), MSCs can prevent
their activation and consequent massive release of IFN-𝛾
and TNF-𝛼, with resulting cytotoxic effect [150, 151]. Only
if NKs are not previously activated by IL-15 or IL-2, MSCs
act as block for NKs lytic ability [152]; otherwise, NKs are
able to kill allogeneic and autogenic MSCs, in a process
mediated by specific molecules [150, 152]. In the prospective
of an application of MSCs in cell therapy, it has to be
taken into consideration the possibility that the activation of
NKs, due to infections or tumor cells, could interfere to the
therapeutic effects of transplanted MSCs. On the contrary,
the presence of important concentrations of MSCs could
also turn off the innate immune responses of NKs against a
future infection or neoplastic development [153]. As regards
the adaptive immune response, aspects such as proliferation,
differentiation, and maturation of B-cells and their antibody
production can be affected by the presence of MSCs in a
dose-dependent way [154–157]. MSCs immunosuppressive
mechanism is based principally on B lymphocyte-induced
maturation protein-1 (Blimp-1) blocking, whose expression is
necessary for Ig production [154, 156]. Also T-cell responses
are affected by MSCs properties; proliferation, release of
IFN-𝛾, and cytotoxicity are influenced in a dose-dependent
manner [158]. All these effects seem to be mediated by
the release of soluble factors, such as TGF-𝛽 and IL-10;
in addition, the nitric oxide (NO) should play a major
role in the MSC-mediated T-cell suppression, through a
mechanism of inhibition of signal transducer and activator
of transcription 5 (STAT5) phosphorylation that prevents T-
cells from entering the cell cycle [159–161]. In both cases
(regulation of B- or T-cells), the MSCs need to be previously
activated to exert their suppressive properties. In a synergic
view of immunosuppressive behaviour, MSCs increase the
proliferation of T-regs, immune cells capable of suppressing
the proliferation of activated T cells, in order to avoid a
host damage due to an exaggerated immune response. In
fact, it has been demonstrated in vitro that when MSCs are
added to amixed lymphocyte reaction the percentage of T-reg
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increases [147], while in vivo, the same result is reached after
the injection of MSCs intravenously [162]. Several studies
demonstrated the ability of MSCs to diffuse in dystrophic
host muscles once injected in utero- or intravenously in mdx
mice together with some dystrophin reexpression [163–165].
Although these studies confirmed the possibility of MSCs
transplantation without immunosuppression, they did not
report any increase in muscle strength [166, 167]. Recently
Vieira et al. demonstrated that human adipose-derived mes-
enchymal stromal cells were able, once injected systemically
into GRMD dogs, to reach the host muscle and to express
human dystrophin without any need of immunosuppression
[168]. These data are the starting point for the development
of new therapeutic strategies.

6. Conclusions

In MDs the chronic progression of the disease leads to
exhaustion of muscle regenerative potential, so that gene
therapy will result to be useless without supplying new
muscular fibres. In this point of view cell therapy represents
the best tool to deliver both the functional gene and the
myogenic potential required. Gene therapy is focused on
replacing the defective gene with a new one carried by
different vectors; AAVs-mediated gene therapy for MDs is
a feasible therapeutic approach that leads to the planning
and implementation of phase I clinical trials. Initially on
preclinical studies, the treatment with AAVs seemed to be
minimally immunogenic, but data from limited human trials
evidenced the concept of vector dose-dependent immuno-
toxicity [169, 170]. Moreover, transgene cassette and capsid
structure have been shown to stimulate an immune response
[171, 172]. As it became evident that unique AAV serotype will
not be universally applicable for therapeutic gene transfer,
other naturally occurring alternate AAV serotypes have to
be developed and utilized [173, 174]. Moreover, modifications
of these vectors could increase their transduction efficiency
and consequently reduce dose-dependent immune response.
To guarantee a relevant restoration of muscle function in
DMD patients, it is necessary to perform repetitive AAV
infusions to target multiple muscular territories. Many works
showed the decrease of the efficiency of gene transfer after
repeated injections of the AAV2 capsid in normal mice.
Unfortunately, there is no animal model which can accu-
rately predict the anti-AAV immune response in humans
[59]. MDs, despite their heterogeneity, share some common
features like progressive muscular weakness, atrophy, and
inflammation. Furthermore, chronic injury determines per
se immune system activation. The immune system response
has different components: the humoral immunity, the cell
mediated immunity, and the inflammatory pathway that
includes the complement system and the macrophages or
NKs activation.All these components are involved at different
levels in each MDs form and they are differently activated
against cell- or gene-therapy both in a specificmanner, linked
to the type of cell or vector used, and according to MDs-
specific immune-pathogenetic mechanisms.

A new emerging point is the regulation of genes involved
in immune response which are overrepresented in human
population, so that some pathways are subjected to positive
or balancing selection [175, 176]; in particular, they were
identified genes related to cytokines (IL-1 receptor agonists)
and MHCI-related antigen presentation (as TAP1) [177–179].
These genetic variants are responsible for phenotypic diver-
sity and adaptation against viral/bacterial infection but also
to susceptibility to autoimmune diseases. The genetic predis-
position could be involved both in variability of response to
treatment (as differences among DMD patients in steroid’s
treatment response) and in immunity response against gene
therapy. In fact the ability to present antigen with MHC-
I molecules could influence the number of antidystrophin
CD4+T cells produced after AAV injection inDMDpatients.
In the future, patients could be characterized for their genetic
predisposition to develop an immune response as a tool for
patient risk stratification and to administrate high-dose of
immunosuppression only if it is indispensable.

Humoral Immunity in MDs. Partial benefits were observed
in LGMD2B patients with intravenous immunoglobulins
and Rituximab (anti-CD20) administration; both of these
treatments blocked B-lymphocytes which are not a major
component of infiltrates in this disease [43], suggesting that
further studies are needed to clarify the role of B-lymphocytes
in this muscle disease. Among alternative strategies to bypass
the problem of immune response, the immunomodulatory
effect of intravenous immunoglobulin (IVIG) was used in
immune-mediated diseases such as multiple sclerosis and
myasthenia gravis [180, 181] and, largely, in neuromuscular
diseases [182]. It was postulated that the IVIG in association
with cell and gene therapy could modulate the immune
system via multiple putative mechanisms. Therefore, as a
theoretical rationale for the use of IVIG treatment was
demonstrated for inflammatory diseases [183], the specific
effect in MDs has to be completely understood. Lorain et
al. described the humoral immune response AAVs following
intramuscular injection of AAV1-U7. As it could preclude the
success of subsequent AAV1 infusions if administered more
than 3 days after the primary injection, they eliminated this
adverse immunity by means of CTLA4/Fc and MR1, which
are currently being evaluated in human clinical trials [67].
CTLA4/Fc has been used successfully in animal models of
autoimmunity [184] and transplantation [185] and has been
approved by the Food and Drug Administration for clinical
use. Other studies showed that AAV vectors may induce
humoral adaptive response to AAV in vivo as the vectors
interact with different complement components [186].There-
fore, these results indicated that it is necessary to combine
gene therapy with immunosuppressive or immune-modulant
therapy to prevent immune system activation and to allow the
expression of the transgene.

Cell Mediate Immunity in MDs. In DMD a self-directed T
cell activation is emerging as the major obstacle to gene
or cell therapy as T-CD4+ cells directed against dystrophin
protein and not against exogenous vector or donor cells
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were observed [15]. This evidence suggests that immuno-
suppressive therapy should be coupled with other preventive
strategies to induce persistent antigen-specific tolerance in
the gene therapy setting [187]. This cell-mediated autoim-
mune component was never observed in dysferlinopathies,
where altered macrophages function, complement deposi-
tion, and cytokines release are the major features [22]. Only
poor data are available on FSHD pathophysiology so that
specific immune mechanism is not yet described. Steroid
treatment is the only therapeutic strategy available for DMD.
Interestingly Flanigan et al. demonstrated that steroids also
reduced the number of patients’ autoreactive antidystrophin
T-cells [82]; accordingly, steroid treatment could be used as
immunomodulator together or before starting a gene or cell
therapy to facilitate the survivor of dystrophin expressing
fibers. Unfortunately both in dysferlinopathies and in FSHD,
steroids’ clinical trials failed to ameliorate or delay the disease
progression [30]. In case of DMD, cell therapy focused on
administration of dystrophin-expressing myoblasts. Trem-
blay et al. transplanted myoblasts in 5 patients without
cyclosporine. Unfortunately, no increase in isometric force
was observed and, 6 months after the injection, less than
1.5% of dystrophin-positive fibers were found. This study
demonstrated that immune suppression was necessary for
the transplantation of allogeneic myoblast [76]. However,
in 1993, Karpati et al. showed that no functional improve-
ment or dystrophin expression were found after trans-
plantation of 55 million of myoblasts in the biceps of 8
DMDpatients under cyclophosphamide immunosuppressive
treatment [120]. Since the problem arose with myoblast
transplantation, many research groups focused their atten-
tion on stem cells but the risk for immunorejection was
underestimated. In fact ESCs once differentiated in the host
tissues’ ability to lose their “immune-privilege state” thanks to
MHC class I expression, favoured by host microenvironment
[126]. Similarly IPSCs can be recognized by CD4+ and
CD8+ T-cells through unnatural-manipulated genes and also
autologous stem cells can be modified by long-term culture
or supports materials [111, 124, 125]. As we stated before,
the immunomodulatory properties of MSCs are so appealing
to consider these cells for clinical purposes. Many studies
demonstrated that the therapeutic effects of MSC are due
not only to direct differentiation into injured tissue but also
to production of paracrine factors that are able to inhibit
apoptosis, to increase endogenous cell proliferation, and/or
to stimulate tissue resident stem cells in the site of injury
[188]. Together with MSCs, several stem cell populations
(resident and nonresident in muscle) were investigated for
their ability to ameliorate the pathological phenotypes of
muscular dystrophies. Among them, some not only were
differentiated into muscle but, more importantly for the
treatment of devastating muscle disease, retained the ability
to migrate through vasculature and reach all the muscles of
the body. Our group demonstrated that CD133+ stem cells
isolated frommuscle can be injected safely intoDMDpatients
[189] and, genetically modified, improved muscle function
and allowed dystrophin expression following transplantation
into dystrophic mice [133]. According to these results, we
will start a clinical trial where we treat DMD patients with

their own CD133+ stem cells ex vivo engineered with a
lentiviral vector carrying the AONs sequences able to skip
the exon 51. Similarly, very promising results were obtained
by injecting muscle-derived stem cells (MDSCs) [190, 191]
and mesoangioblasts [192–194] into dystrophic animal mod-
els. An ongoing clinical trial, promoted by Cossu’s group,
will assess the feasibility of intra-arterial transplantation
of mesoangioblasts, from HLA-identical donors, in DMD
children treated with bland immune suppression.

In the last years, many ways were undertaken in order
to find the best conditions to decrease the host immune
reaction after gene or cell therapy. In 2013, Figueiredo et
al. demonstrated that MHC class I silencing significantly
prolongs cell survival after allogeneic transplantation by pre-
venting the identification from the immune system. Silencing
MHC expression on transplanted cells could represent a
potential field able to revolutionize the cell-based products
developed for regenerative medicine and particularly for
muscular dystrophies treatment [195].

Inflammatory Pathway in MDs. During tissue regeneration
events, infiltrating inflammatory cells and resident cells
interacts precisely. Impairment of these events can cause
unsuccessful regeneration and develop a condition of injury,
typical of the MDs (as described above in the Section 2
“Immune system activation in skeletal muscle”). To defeat
inflammation is one of the most important goals of clin-
ical experimentations, as transplantation of cells into such
an environment limited dramatically their survival, due to
activation of macrophages.

Steroids are efficient not only in modulating cell-
mediated immunity but also in attenuating the inflammatory
pathways involved in MDs. As they are associated with
important adverse effects, it could be important to better
elucidate the factors that drive inflammation to obtain more
selective immunomodulatory intervention. As discussed
above, impairment in dysferlin-mediated membrane repair
promotes a destructive inflammatory response by activating
the innate immune system. However, all the pharmacological
treatments tested failed towork in dysferlin-deficient patients
[41, 42]. To date, encouraging results were obtained by
studying the NLRP3 inflammasome signalling pathway so
that it is now considered as a good therapeutic target for
dysferlinopathy [196]. As DMDmuscle continuously express
chemokines, it is thought that muscle itself contributes to the
chemotaxic process, causing the chronic inflammation; this
way, the pathways activated by these molecules are consid-
ered interesting candidates for immunosuppressive therapies.
Other treatments using new immunomodulatory drugs such
as chemokine-receptor antibodies or cytokines neutralizing
antibodies (Infliximab and Etanercept) are still confined
to preclinical studies, although they seem promising in
dystrophic animalmodels. In addition, it is known thatMCSc
regulate biological processes associated with inflammation
and suppress various immune functions, through release of
immune suppressive cytokines and production of soluble
HLA-G [188]. As we discussed above M1/M2 balance influ-
ences the inflammatory environment; we previously demon-
strated an amelioration of dystrophic features in scidA/AJ
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mice consequent to T and B depletion and M2 macrophages
switch [17]. Similarly, the group of Tidball demonstrated
that anti-inflammatory IL-10 reduced the pathology of mdx
muscular dystrophy by deactivating M1 macrophages [12,
197]. Conversely, an inflammatory environment could be
beneficial in cell therapy as injected cells could be attracted
to the site of injury and they could be facilitated in the
chemotaxic process by chemokines/cytokines.

In conclusion, the ability to regulate the expression
level of a therapeutic gene and to control the immune
response is vital to proceed with gene therapy in clinic.
Gene replacement strategies offer the potential for long-
term correction. Improved gene therapy vectors together
with advances in bypassing immune responses provide a
platform for meaningful translation to patients. In the field
of muscular dystrophies the combination of cell and gene
therapy is the most promising as it is important to overcome
the regenerative potential exhaustion. Engineered stem cells
could provide newmuscular fibers and decrease the immune
response of the host; particularly, the application ofmyogenic
stem cells as a possible cell or gene-cell combined therapy
represents a very interesting tool, especially in tissues that
are characterized by a chronic inflammation. However, we
need to better clarify the immunopathogenetic mechanism
underlying the different forms of MDs in order to develop
more selective immunotherapies combinedwith cell and gene
therapy.
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The primary aim in the treatment of autoimmune inflammatory myopathies (IMs) is to recover muscle function. The presence
of immune/inflammatory cell infiltrates within muscle tissues represents the common feature of different IM subtypes, albeit a
correlation between muscular damage extent and inflammation degree is often lacking. Treatments for IMs are based on life-long
immunosuppressive therapy, with thewell known adverse effects; recovery is incomplete formany patients.More effective therapies,
with reduced side-effects, are highly desirable. Vitamin D receptor (VDR) agonists emerge to retain pleiotropic anti-inflammatory
properties, since they regulate innate and adaptive immunity by switching the immune response from proinflammatory T helper 1
(Th1) type to tolerogenic T helper 2 (Th2) type dominance. In skeletal muscle cells less hypercalcemic VDR ligands target powerful
mediators of inflammation, such as TNF𝛼 and TNF𝛼 driven paths, without affecting immune or muscle cells viability, retaining
the potentiality to counteractTh1 driven overreactivity established by the self-enhancing inflammatory loop between immune and
skeletal muscle cells. This review summarizes those features of VDR agonists as candidates in future treatment of IM.

1. Introduction

Increasing evidence points out that vitamin D, beside bone
metabolism and calcium homeostasis regulation, plays a
pivotal role in maintaining the functionality of many other
tissues, including skeletal muscle. A direct association of
vitamin D status with skeletal muscle fiber composition,
muscle power and force, or physical performance has been
documented by several studies in old or young human
population [1, 2]; remarkably, vitamin D supplementation is
associated with improvements in muscle performance and
fall reduction [1, 3–6].

Experimental models of VDR null mutant mice docu-
ment diffused muscle fiber abnormalities and severe alter-
ations in muscle cell differentiation or fiber development/
maturation [7–9]; in humans, VDR gene polymorphisms
have been associated withmuscle strength defects, as recently
reported [1, 10]. Direct effects of vitamin D on muscle
cell proliferation, differentiation, and myotube size have
been recently proposed in a murine experimental in vitro
model [11]. Skeletal muscle is a well known target tissue of

vitamin D action and the association between severe vita-
min D deficiency and myopathy has been recognized since
and recently confirmed [1, 12]. Myopathy is characterized
by severe myofiber degeneration and muscle wasting; in
particular, IMs are a wide range of autoimmune diseases,
collectively known as myositis, characterized clinically by
reduced muscle endurance and weakness, chronic inflam-
mation, and infiltration by immune/inflammatory cells in
skeletal muscles. Since both adaptive and innate immunity
are involved in IMs, the mainstay treatment is directed to
suppress or modify immune cell activity and is based on
high dose corticosteroid combined with immunosuppressive
drugs, as steroid-sparing agents [13–15]. However, most of
IM patients have just a partial clinical improvement, few
recover muscle performance, and about 25% are refractory
to those drugs and left with disability [13–15], suggesting that
pharmacological targeting the immune system may be not
enough for satisfactory therapeutic effects.

Much more interest has been recently addressed to the
muscular component, as an active counterpart dialoguing
with the immune system during inflammation throughout
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the production of cytokines and chemokines, highly chemo-
tactic peptides. In this light, skeletal muscle cells, behaving as
immunoactive structures, could be also hypothesized to be
therapeutic targets as well.

Advances in clinical and bench research highlight the vit-
aminD impact onmuscle function andmorphology, either in
physiologic or pathologic conditions [16–18]; also, VDR ago-
nists emerge to exert pleiotropic activities in (auto)immune
regulation by targeting both immune and resident cells [19–
21].

This review aims to offer an overview on VDR agonists
as potential novel therapeutic tools to control inflammation
in IMs; in particular, biomolecular pathway(s) and inflam-
matory mediators within skeletal muscle cells engaged in IM
pathogenesis, such as the cytokine TNF𝛼 and the chemokine
CXCL10, will be discussed as intracellular pharmacological
target(s) of nonhypercalcemic VDR agonists.

2. Pathogenic Mechanisms of IMs

IMs are a heterogeneous group of systemic autoimmune
diseases subclassified in distinct subgroups, that is, idiopathic
dermatomyositis (DM), polymyositis (PM), inclusion body
myositis (IBM), the most studied ones, necrotizing autoim-
mune myositis, and myositis associated with systemic disor-
ders on the basis of some clinical and histological differences
[22–24]. Muscle weakness, fatigue, and elevated serum mus-
cle enzymes, together with myofiber degeneration/fibrosis
and mononuclear cell infiltration represent, respectively,
clinical and histological features common to all subtypes.

Different pathogenic mechanisms have been hypothe-
sized due to distinct predominating localization/phenotype
of the inflammatory infiltrates, that is, while a striking
dominance of CD4+ T cells has been reported at perivas-
cular/perimysial sites, as often found in DM, endomysial
infiltrates are dominated by CD8+ T cells, as more frequently
observed in PM and IBM; the presence of B lymphocytes,
which seem to preferentially target the microvascular com-
ponent in DM, is considered less critical in PM [25]. Those
differences, however, appear to be an oversimplification of
the reality: an overlap between clinical phenotypes, immuno-
types, and histopathology has been often depicted and fre-
quently mirrors an overlap in diagnostic criteria as well [15,
25–27].The inflammatory molecules and mediators involved
in muscles affected by myositis are highly similar, given that
some essential molecular paths engaged in immune response
(innate and adaptive) are shared between the different IM
subsets. The presence of autoantibodies, frequently detected
in PM and DM, autoreactive lymphocytes, together with
overexpression of major histocompatibility complex (MHC,
or HLA, human leucocyte antigen) molecules on the surface
of the affected myofibers albeit, at different degree, rep-
resent common traits of immune-mediated diseases. HLA
molecules mediate the immune response by presenting pro-
cessed antigen peptides, either self- or not-self, to activated T
cells. In particular, T cells withTh1 immune reaction predom-
inance, macrophages, and dendritic cells (DC) are found in
muscles of the different subgroups of IMs [25, 28]. The pres-
ence of B lymphocytes, natural killer (NK) cells, or antigen

presenting cell (APC) other than DC—such as endothelial
or skeletal muscle cells themselves—have been also observed
in all types of IMs [29–31]. However, albeit pathogenic
mechanisms still are unclear, Th1 cells and macrophages play
a pivotal role in IM pathogenesis: their local accumulation
likely contributes to the deposition of immune complexes
within skeletal muscles [32, 33] through the release of func-
tional molecules, such as cytokines and chemokines; once
present within themuscularmicroenvironment, they are able
to cause damages directly to fibers and capillaries of the
affected muscles [34]. The expression of cytokines as IFN𝛾,
TNF𝛼, and several interleukins (IL), such as IL-6, IL-4, IL-17,
or IL-12p40, is increased in muscle biopsies of IM subjects
[35–38]. Interactions between cytokines/chemokines and
lymphocytes, suggested to be the link between innate and
adaptive immunity, are likely critical for IM type and stage
[34]; in addition intrinsic mechanisms in skeletal muscle
appear to be highly significant in IM pathogenesis as well.

3. Skeletal Muscle as an Immunoactive Organ

The immunocompetence of nonimmune tissues has been
recognized as determinant to drive the course of immune-
inflammatory processes in several diseases, from organ rejec-
tion to autoimmune pathologies [39, 40]. Skeletalmuscle cells
are nowadays considered not only targets of immunological
injury but actual active structures with intrinsic immunolog-
ical capabilities [41–43].

3.1. Chemokines and Cytokines in Skeletal Muscle. Skeletal
muscle is now considered as a secretory organ able to pro-
duce and release some cytokines—also termed myokines
within the specific tissue context—to communicate with
other organs, either in physiological conditions, that is, under
contraction [42], or pathological conditions, as in inflam-
matory processes [43].

In particular, chemokines, a class of small cytokines
with potent chemotactic activity, such as IL-8 (CXCL8), Mig
(CXCL9), IP-10 (CXCL10), RANTES (CCL5), and MCP-1
(CCL2), are overexpressed during myositis in infiltrating
inflammatory cells, extracellular matrix, and muscle fibers
[32, 44–47]. Those molecules seem to have relevance for
the immune pathogenesis of IMs because they promote and
facilitate activatedTh1 type cell trafficking to muscle tissues.

In line with this view, we have previously confirmed
the importance of TNF𝛼 in IMs, suggesting new molecular
insight(s) involving the important role of the chemokine
CXCL10 in muscular inflammation [48, 49].

3.2. CXCL10 in Skeletal Muscle Inflammation. CXCL10 (or
IP-10 10 kD IFN𝛾-induced protein) is a small peptide of
CXC chemokine subfamily known to modulate innate and
adaptive immune responses by controlling leukocyte traf-
ficking [40, 50]. It is secreted by several types of immune
and resident cells under proinflammatory conditions [40].
It is known to polarize T cells towards Th1 type dominance
and seems to be directly associated to disease pathogenesis:
through local tissue accumulation, it triggers and perpetuates
a self-promoting inflammatory loop by interacting with its
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specific receptor CXCR3 on T, NK, B cells, macrophages,
and DCs [40, 51–54]. Notably, human skeletal muscle
cells challenged by inflammatory stimuli secrete significant
amount of CXCL10 (virtually absent in basal condition),
likely throughout a TNF𝛼-driven mechanism: TNF𝛼/TNF𝛼
receptor (TNF𝛼R) system seems the critical one in promoting
muscular inflammation at cellular level in human skeletal
muscle cells, involving nuclear transcription factor 𝜅B (NF-
𝜅B), C-Jun NH2-terminal kinase (JNK), and extracellular
signal-regulated kinase (ERK) intracellular path activation
[48, 49]. In particular, the specific blockage ofNF-𝜅Band JNK
signaling significantly reduced CXCL10 secretion [49]. Thus,
albeit CXCL10 is by definition an IFN𝛾-induced chemokine,
it seems to be driven almost exclusively by TNF𝛼 in inflam-
matory processes within human skeletal muscle cells. That is,
in our opinion, not so surprising.

3.3. The Route of TNF𝛼. TNF𝛼 is known as one of the
essential cytokines in promoting muscular inflammation at
cellular level [55, 56]; it has been recently confirmed to be
a key mediator involved in IM pathogenesis and, conse-
quently, emerges as a potential therapeutic target [57–59].
Accordingly, the neutralization of TNF𝛼 activity with specific
antibodies, TNF𝛼R antagonists, orNF-𝜅B inhibitors has been
investigated in experimental animal models of myositis, in
vitro and in vivo [60, 61]. Of notice, TNF𝛼 pharmacological
blockade by the neutralizing antibody infliximab or the
soluble TNF𝛼R etanercept, already used in clinics for the
treatment of rheumatoid arthritis or Crohn’s disease, has been
extended to IMs, although with some caution [62–65]. Thus
far, as from our and other’s studies, targeting TNF𝛼, TNF𝛼R
II—the subtype mainly engaged in immune response reg-
ulation [48, 66, 67]—and TNF𝛼-related pathways—directly
associated with CXCL10 production by skeletal muscle cells
[49]—might be beneficial for IM treatment.

Hence, the capability of some VDR agonists to target
TNF𝛼, as shown by different studies, seems quite intriguing,
andwewould like to point out VDR agonist skill to selectively
impair TNF𝛼 signaling during inflammation processes in
human skeletal muscle cells.

4. VDR Agonists as Protolerogenic Molecules

It is known that vitamin D plays a role in the control of
immune cell function through VDR, with important effects
onto the immune-mediated response toward protolerogenic
dominance [68–72]. VDR agonists are able to attenuate
excessive Th1-driven inflammation and avoid downstream
Th1 polarization during inflammatory processes involved in
allo- or autoimmune response, that is, in organ transplant
rejection or autoimmune diseases, as recently addressed in a
review on the topic [39].

Herein, we would like to underline that the protolero-
genic activity of VDR relies on their capability to control
maturation, differentiation, and activation of different type
of immune cells, that is, monocytes, macrophages, B and T
lymphocytes, neutrophils, andDC, throughout the activation
of VDR, either constitutively present or induced in the
majority of the immune cells [73, 74].

Since the pioneering studies by Bhalla et al. [75], VDR
agonists have been documented to inhibit selectively Th1
cell development [76, 77] and directly Th1-type cytokines,
such as IL-2 and IFN𝛾 [78–80]. In particular, while IL-2
inhibition is linked to an impairment of the transcription
factor nuclear factor of activated T cells (NF-AT) complex
formation, VDR ligand-induced IFN𝛾 negative regulation
has been explained by a direct interaction of the ligand-
bound VDR complex with vitamin D responsive element
(VDRE) within IFN𝛾 promoter [78–80]. However, some
controversy arises against direct effects of VDR ligands onto
IFN𝛾 inhibition [81]. Furthermore, T-cell activity can be
inhibited by a VDR-mediated indirect mechanism through
the downregulation of the expression of the MHC class
II molecules and CD40, CD80, and CD86 costimulatory
proteins in DC. DC are, indeed, well known targets of VDR
ligands, which markedly impair IL-12—by targeting NF-𝜅B,
through Rel-B and c-Rel NF𝜅B-related protein [82, 83]—
and increase IL-10 production [81, 84–86]. The prevention of
DC differentiation and maturation, activation, and survival
leads to DC protolerogenic phenotype and function along
with T-cell hyporesponsiveness, as shown by in vivo and in
vitro studies [87, 88]. By the induction of protolerogenic DC
phenotype, VDR ligands seem responsible for CD4+CD25+
regulatory T-cell enhancement [89, 90].

In addition, it is quite clear that VDR ligands directly
target also Th17 cell subtype, as shown by the reduction of
Th17 cytokines, such as IL-17A, IL-17F, and IL-22 by memory
T cells in patients with early rheumatoid arthritis (RA) [91].

An enhanced development of Th2 type cells by VDR
agonists throughout a direct effect on näıve CD4+ cells has
been reported [92]. A direct enhancement of Th2 type genes
(i.e., IL-10, IL-4) is favored by VDR agonists while gene
transcription of Th1/Th17 type cytokines (i.e., IL-2, IL-6, IL-
12, IL-17, and IL-23) is declined [93, 94]. Therefore, a definite
switch of Th1 cell response towards Th2-mediated events
occurs. Moreover, since macrophages [91, 95, 96], DC [97],
and T cells [91] produce 1,25(OH)

2
D
3
, a contribution of

this hormone to physiologically regulate innate and adaptive
immunity could be speculated.

B cells, due to CYP27b1 (1alpha-hydroxylase) expression,
have been hypothesized to be capable of autocrine/intracrine
synthesis/response to vitaminD aswell [98, 99]. In particular,
vitamin D seems to predominantly modulate human naı̈ve B
cells activation through theVDR target gene cyp24a1 andNF-
𝜅B [99] regulation.

So far, the anti-inflammatory feature of VDR agonists
exerted onto several types of immune cells depends not
only on VDR expression, but, and maybe especially, on the
presence of common targets in their signal transduction path-
ways, such as the NF-𝜅B, downstream of TNF𝛼 [83, 100]. NF-
𝜅B is a key mediator of cytokine/chemokine-induced inflam-
mation in several types of tissue resident cells and, notably a
VDR agonist tissue target as well [48, 101–103] (Figure 1).

5. VDR Agonists as Therapeutic Tools in IMs

Based on the capacity to counteract NF-kB activation also
in resident cells, VDR agonists cause a significant reduction
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Figure 1: Schematic representation of protolerogenic effects of VDR ligands onto (a) immune cells, such asTh1/Th17, Th2, Treg subsets, DC,
and macrophages and (b) skeletal muscle cells. Common targets, such as NF-𝜅B, are involved to attenuate inflammation and promote a shift
towards Th2 protolerogenic subtype dominance.

in local release of potent chemotactic factors—cytokines
and chemokines—that, in turn, reduces the recruitment of
immune cells (Th1 cells, macrophages, and DC) to the site
of inflammation [18, 19, 80, 83]. As a result, the mechanisms
underlying the self-enhancing inflammatory loop between
immune and resident cells are likely impaired. So far, the
feature of VDR agonists to counteract the path downstream
of TNF𝛼 appears particularly relevant in view of a break
up during inflammatory processes. Indeed, by interfering
with NF-𝜅B nuclear translocation VDR agonists attenuate
inflammation in several organ cell types such as adipocytes,
thyrocytes, cardiomyocytes, in association to a decrease in
proinflammatory cytokine production [20, 21, 104, 105].

We have recently reported on the effect of less-hyper-
calcemic VDR agonist BXL-01-0029 in human skeletal mus-
cle cells under maximal inflammatory stimuli; it decreases
CXCL10 secretion with the highest potency versus other
current immunosuppressants and specifically deactivates
TNF𝛼 pathways: JNK phosphorylation is reduced and, quite
remarkably in our opinion, NF-𝜅B activation is prevented,
while Stat1 activation, downstream of IFN𝛾, is unaffected.
Hence, it appears that BXL-01-0029-induced inhibition of
TNF𝛼 signal path may be sufficient to significantly decrease
CXCL10 secretion by human skeletal muscle cells. This
result seems quite intriguing considering the pivotal role of
TNF𝛼 in muscular inflammation. Accordingly, in human
skeletal muscle cells, differently from other cell types, such as

human cardiomyocytes, thyrocytes, and renal cells, CXCL10
secretion seems to be essentially dependent on TNF𝛼-driven
mechanisms.

As previously addressed, counteracting TNF𝛼 signal and,
therefore, CXCL10 local accumulation might result in a
relevant crumble in the self-enhancing inflammatory loop
established between immune infiltrating cells and resident
muscular cells.This effect appears evenmore significantwhen
considering the limited efficacy of the current immunosup-
pressants in controlling inflammation in IMs.

An additional consequence of TNF𝛼 detrimental effects
is a possible dysregulation of mitochondrial metabolic path-
ways occurring in inflammatory muscle diseases [106, 107]:
abnormalities in energy regulating paths and deficiencies in
glycolytic enzymes have been often observed in IM fibers
with more pronounced damages [108, 109]. Even though
those mechanisms have still to be fully clarified, myoblasts,
immature myofibers, and proinflammatory cytokines, such
as TNF𝛼 and IL-15, seem the focal point for a cross talk
between muscle inflammation and metabolism [34]. So
far, targeting proinflammatory muscular cytokines secretion
directly in myoblasts may be a quite helpful therapeutic
strategy, considering the different possible beneficial effects.

The potential therapeutic application of BXL-01-0029 has
been previously shown in nonobese diabetic (NOD) mice,
who develop a pathogenesis similar to the human autoim-
mune type 1 diabetes (T1D), where VDR agonist-induced
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block of NF-𝜅B nuclear translocation in pancreatic islets is
associated to a significant decrease both in Th1 cell organ
infiltration and CXCL10 secretion [110]. We have also previ-
ously reported that BXL-01-0029 could be a potential steroid-
sparing agent in the current immunosuppressant cocktails
used to control inflammation in heart or renal rejection after
transplantation [21, 101]. Notably, BXL-01-0029 similarly to
elocalcitol, another nonhypercalcemicVDR agonist, does not
affect cell viability in several types of organ resident cells
and in CD4+ T cells, while significantly decreasing Th1- and
Th17-cytokine secretion [20, 101]. Conversely, the majority
of immunosuppressants have been designed to reduce the
number of immune cells; this specific effect accomplishes
the appearance of the well known noxious side effects of
immunosuppressive drugs, that is, from metabolic distur-
bances, to opportunistic infections or tumor development
[13–15]. So far, VDR agonists are likely able to control
immune reaction acting essentially onto the production of
mediators of inflammation, cytokines, and chemokines.

It cannot be ignored that circulating cytokine level are
related also to the disease stage, such as acute or chronic,
reflecting Th1 or Th2 dominance; in this regard, and in line
with a previous study in IM patients in active phase of
the diseases [111], we have recently reported that, in sera of
subjects at time of diagnosis with IMs CXCL10 is higher
than in matched controls, and, importantly, is the highest as
compared to some other circulating Th1 cytokines—such as
TNF𝛼, IFN𝛾, IL-8, IL-6, MCP-1, MIP-1𝛽 (Th1 type), and IL-
10 (Th2 type) [49]. Indeed, CXCL10, as Th1 type chemokine,
participates to the early events in inflammatory/immune
response and, even more important, is thought to trigger
the reaction next to the antigenic challenge [54]. So far,
we speculate that pharmacological targeting systemic and
especially local muscular CXCL10 production with VDR
agonists could result a particularly advantageous approach
from the early stage of myositis.

6. Remarks and Conclusion

VDR agonists exert overall repressive effects onto Th1 polar-
ized immune response, which dominates in inflammation,
toward a more regulatory Th2 phenotype molecules, which
dominate in tolerogenicity. Albeit the current controversy
regarding VDR expression in adult skeletal muscle [112], as
from our and other data, it appears that VDR agonists exert
rapid anti-inflammatory effects directly in skeletal muscle
cells. Whether VDR is expressed in skeletal muscle is still
a debated issue [1, 112, 113]; the lower basal level in muscle
as compared to duodenal cells—widely used as positive
control—has been suggested as a possible cause of missing
VDRdetection inmuscle cells [114]. Studies onto contractility
and myogenesis showed that VDR is present and engaged in
rapid nongenomic vitamin D-induced activation of tyrosine
phosphorylation cascade in muscle cells [115]. Several lines
of evidence indicate a membrane-associated VDR as the
mediator of vitaminD-induced rapid events and, recently, the
classical VDR located in caveolae has been shown to mediate
vitamin D fast nongenomic signaling in skeletal muscle [114].
The existence of another cell surface receptor for vitamin D,

named membrane associated, rapid response steroid binding
(MARRS) has been reported in muscle [116].

Albeit the question on whether VDR exists in fully
differentiated muscle or plays its pivotal role in myogenesis
still is to be clarified, it is undeniable that vitamin D supple-
mentation ameliorates proximal myopathy and muscle pain
in patientswith severe vitaminDdeficiency [2, 117, 118].Many
reports on interventional studies are controversial; however
vitamin D supplementation has been reported to improve
musculoskeletal function in 12 weeks and reduce the risk of
falls after 2 years in institutionalized subjects [5, 6, 119]. Based
on their capability to balance immune system homeostasis,
without being classical “immunosuppressants,” and target
local inflammatorymediators at muscular level, VDR ligands
appear to be optimal candidates as novel therapeutic agents
for IMs. Furthermore, additional benefits ofVDRagonists are
related to their protective effects against bone-loss, infective
pathogens, neoplasies [120–122], all side effects of immuno-
suppressive agents. Nevertheless, the use of VDR agonists in
clinics is generally not pursued and is limited to calcipotriol,
a drug applied for psoriasis topic treatment [123].

In fact, despite many advantages, the limit in therapeutic
applications of vitamin D and vitamin D analogues unde-
niably relies on the systemic toxicity often associated with
long-term intake: hypercalcemia is the main risk associated
to the supraphysiological doses of vitamin D necessary to
reach the low local effective concentration [124, 125]. Thus,
the introduction of new molecules with immunosuppressive
features without causing significant hypercalcemia has been
strongly encouraged [126]. For this reason, drug development
has been focusing on designing VDR agonists with a distinct
separation between immunomodulatory and hypercalcemic
potency. The selectivity is function of altered pharmacoki-
netics in comparison with the natural counterpart but, albeit
quite many molecules eliciting much less calcemic effects
have been developed, still discrepancies emerge between
the therapeutic potential, as set in experimental work, and
clinical data [127]. Those frustrating results may also depend
on the lack of large and well designed trials.

Molecules with less or none hypercalcemic activity, as
BXL-01-0029 or elocalcitol, could be suitable candidates—
even as steroid-sparing agents—for inclusion in the thera-
peutic regimens for IMs. In particular, elocalcitol (150 𝜇g/day
P.O.) safety and tolerability in terms of calcemic effect
has been proven in double-blind randomized study in 101
postmenopausal osteoporotic women, in placebo-controlled
phase IIa (119 enrolled subjects) and follow-on phase IIb
(514 patients) trial for the treatment of benign prostate
hyperplasia (BPH) [128, 129]. Further studies bridging basic,
clinic, and pharmacological researches seem mandatory and
local administration strategies could be envisioned for IM
treatment to overcome systemic drug intake.

As previously stated, inadequate response to therapy
and, consequently, poor outcome are often encountered by
IM patients. The major concern in clinics is the absence
of internationally validated evaluation criteria to conduct
randomized controlled trials [14, 15]: in fact, the few validated
assessment tools available provide limited information
helpful to patient management. To overcome this limit,
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multidisciplinary consortiums, such as the International
Myositis Assessment and Clinical Studies Group (IMACS,
http://www.niehs.nih.gov/research/resources/imacs/), or
Paediatric Rheumatology International Trials Organization
(PRINTO, https://www.printo.it/)—including rheumatolo-
gists, neurologists, physiatrists dermatologists, and other
myositis experts—have been established to develop con-
sensus and standards for the conduct and reporting of myo-
sitis [14]. Albeit recent advances in understanding the path-
ogenesis of myositis are unquestionably important, adequate
multicentre trials with validated outcomemeasures represent
a must to be pursued in order to define the best treatment for
IMs and give clinical remission as a realistic objective to IM
patients.
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NF-𝜅B activation in human näıve B cells,” Biochemical and
Biophysical Research Communications, vol. 407, no. 4, pp. 699–
702, 2011.

[100] L. Adorini, “Intervention in autoimmunity: the potential of
vitamin D receptor agonists,” Cellular Immunology, vol. 233, no.
2, pp. 115–124, 2005.

[101] C. Sagrinati, M. Sottili, B. Mazzinghi et al., “Comparison
between VDR analogs and current immunosuppressive drugs
in relation to CXCL10 secretion by human renal tubular cells,”
Transplant International, vol. 23, no. 9, pp. 914–923, 2010.

[102] C. Crescioli, L. Cosmi, E. Borgogni et al., “Methimazole inhibits
CXC chemokine ligand 10 secretion in human thyrocytes,”
Journal of Endocrinology, vol. 195, no. 1, pp. 145–155, 2007.

[103] C. Crescioli, R. Squecco, L. Cosmi et al., “Immunosuppression
in cardiac graft rejection: a human in vitro model to study the
potential use of new immunomodulatory drugs,” Experimental
Cell Research, vol. 314, no. 6, pp. 1337–1350, 2008.

[104] S. J. Mutt, T. Karhu, S. Lehtonen et al., “Inhibition of cytokine
secretion from adipocytes by 1,25-dihydroxyvitamin D

3
via the

NF-𝜅B pathway,” The FASEB Journal, vol. 26, no. 11, pp. 4400–
4407, 2012.

[105] Y. Chen, J. Kong, T. Sun et al., “1,25-dihydroxyvitamin D
3

suppresses inflammation-induced expression of plasminogen
activator inhibitor-1 by blocking nuclear factor-𝜅B activation,”
Archives of Biochemistry and Biophysics, vol. 507, no. 2, pp. 241–
247, 2011.

[106] P. Temiz, C. C. Weihl, and A. Pestronk, “Inflammatory myo-
pathies with mitochondrial pathology and protein aggregates,”
Journal of the Neurological Sciences, vol. 278, no. 1-2, pp. 25–29,
2009.
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Inflammatory myopathies comprise heterogeneous disorders. Their etiopathogenesis is poorly understood, because of the paucity
of informative experimental models and of approaches for the noninvasive study of inflamed tissues. Magnetic resonance imaging
(MRI) provides information about the state of the skeletal muscle that reflects various facets of inflammation and remodeling.This
technique has been scarcely used in experimental models of inflammatory myopathies. We characterized the performance of MRI
in a well-established mouse model of myositis and the antisynthetase syndrome, based on the immunization of wild-type mice
with the amino-terminal fragment of histidyl-tRNA synthetase (HisRS). Over an eight-week period following myositis induction,
MRI enabled precise identification of pathological events taking place in muscle tissue. Areas of edema and of active inflammation
identified by histopathology paralleledmusclemodifications detected noninvasively byMRI.Muscles changes were chronologically
associated with the establishment of autoimmunity, as reflected by the development of anti-HisRS antibodies in the blood of
immunized mice. MR imaging easily appreciated muscle damage and remodeling even if actual disruption of myofiber integrity
(as assessed by serum concentrations of creatinine phosphokinase) was limited. Thus, MR imaging represents an informative and
noninvasive analytical tool for studying in vivo immune-mediated muscle involvement.

1. Introduction

Inflammatory myopathies (IM) comprise a group of het-
erogeneous muscle diseases that share key common char-
acteristics including in particular muscle weakness, low
endurance [1], tissue infiltration by inflammatory cells [2–
4], and myofiber necrosis/regeneration with an increase of
creatine phosphokinase (CPK) serum levels during acute
phases of the disease [5]. The presence of autoantibodies
targeting ubiquitous intracellular proteins involved in gene
transcription or protein synthesis and translocation [6] high-
lights an autoimmune origin of the disease. Autoantibodies

against histidyl-tRNA synthetase (HisRS, also called Jo-1)
are particularly well-studied [7, 8], and their serum level
correlates with various measures of disease activity [9].

The pathogenesis of IM is jet poorly understood. Animal
models that fully reproduce the various features of human
disease are needed [10]. Myositis induced upon immuniza-
tion with HisRS appears particularly informative, since it
reproduces both the break of tolerance towards selected
autoantigens and specific combined inflammatory involve-
ment of the skeletal muscle and lung that are hallmarks of the
human antisynthetase syndrome [11, 12]. Despite the insight
provided by such models, the application of noninvasive
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methods for in vivo monitoring of disease activity, such as
magnetic resonance imaging (MRI), has been lacking.

Magnetic resonance imaging (MRI) is a powerful and
informative technique to investigate soft tissues, with the
ability to noninvasively characterize parenchymal changes
occurring in patients withmyositis. Imaging has traditionally
had an ancillary role in the diagnosis of myositis and inflam-
matory myopathies. Routinely, the MRI protocol includes
T1-weighted images and fluid-sensitive sequences such as
short tau inversion recovery (STIR), providing qualitative
information about muscle tone, fat infiltration, and muscle
edema [13]. Transaxial and coronal sections of the shoulders
and thighs are usually obtained on each patient. T1-weighted
images allow to assess the muscle thickness/mass and to
score the degree of fatty infiltration; fluid-sensitive sequences
detect the presence of edema [13]. Routine MRI performed
with T1-weighted and STIR sequences is more sensitive but
less specific than biopsy in diagnosis; it is advantageous for
optimizing efficacy of classical diagnostic procedures [14].
Its importance is progressively growing, since it allows to
noninvasively characterize the distribution and pattern of
parenchymal changes and tomonitor the disease progression,
which has important implications for treatment [13, 15].

In the mouse, MRI has been used after tissue injury
induced by maximal lengthening contractions [16] and in
experimental models of skeletal muscle dystrophy (mdx
and dysferlin-deficient mice) to assess disease progression
[17]. Foci of high intensity signal in T2-weighted images
correspond to dystrophic lesions in mdx mice [18, 19],
while changes in gadofluorine enhancement were identified
in dysferlin-deficient animals [20]. Recently, MRI has also
been used in C57BL/6 mice to assess the specific features
of the homeostatic response of healthy muscles to acute
sterile injury induced by cardiotoxin (CTX) [21]. Specifically,
T2 mapping and diffusion-tensor imaging (DTI) provide
useful information on the extent of myofibril necrosis and of
leukocyte infiltration aswell as on the kinetics of regeneration
[21]. Herewe show thatMRI, including advanced quantitative
techniques as T2 mapping and DTI, is a useful tool to
assess the inflammatory changes and the tissue remodeling
associated with autoimmune myositis in an experimental
model of HisRS-induced myositis. Architectural changes in
the tissue organization were temporally linked to muscle
damage and to the establishment of the specific autoantibody
response.

2. Materials and Methods

2.1. Animal Model and Study Design. Sterile injury by CTX
injection and immunization experiments was carried out
using C57BL/6J wild-type mice (Charles River, Wilmington,
MA, USA) aged 8–10 weeks. Animals were housed in the
pathogen-free facility at our institution and treated in accor-
dance with the European Community guidelines and with
the approval of the Institutional Ethical Committee (IACUC
number 512). For sterile injury, animals were anesthetized
by intraperitoneal injection of tribromoethanol (Avertin)
at a dose of 250mg/Kg and tibialis anterior (TA) muscles
were injected with CTX (50 𝜇L, 10 𝜇M final concentration,

Naja mossambica mossambica, Sigma-Aldrich) in phosphate
buffer solution (PBS) using an insulin needle (3/10 cc Insulin
Syringe from Becton-Dickinson, Franklin Lakes, NJ, USA).
Vehicle-treated mice received PBS alone (50𝜇L). For HisRS
immunization, gastrocnemius (GS) muscles were injected
with a recombinant protein fragment corresponding to the
amino-terminal portion (residues 1–151) of the murine HisRS
molecule produced as a maltose binding protein and char-
acterized as described in [11]. Immunization was carried out
using a mixture of the antigen (4mg/mL) and incomplete
Freund’s adjuvant (IFA; 1 : 1, vol : vol; 100 𝜇L/mouse). Vehicle-
treated mice received a mixture of PBS and IFA. Independent
cohorts (6mice/group)weremonitored byMRI aftermyositis
induction, sham treatment (IFA/PBS), or sterile CTX injury
at various time points: times 0 and 7, 14, 28, or 56 days after
HisRS immunization and times 0, 1, 3, 7, 10, 15, and 30 days
after CTX injection. Table 1 shows experimental timing for
the two different models of damage.

2.2. MRI. MRI studies were performed on a 7T preclinical
magnetic resonance scanner (Bruker, BioSpec 70/30USR,
Paravision 5.0, Germany), equipped with 450/675mT/m
gradients (slow rate: 3400–4500 T/m/s; rise time: 140 𝜇s). A
phased-array rat-heart coil with four internal preamplifiers
was used as receiver, coupledwith a 72mm linear-volume coil
as transmitter. Mice were under general anesthesia obtained
by 1,5–2% isoflurane (Forane, Abbott) vaporized in 100%oxy-
gen (flow: 1 l/min), in prone position, with the right leg fixed
in the center of the coil. Breathing and body temperaturewere
monitored during MRI (SA Instruments, Inc., Stony Brook,
NY, USA) and maintained around 30 breaths per minute
and 37∘C, respectively. After positioning in the magnet
isocenter, a fieldmap based shimming (MAPSHIM software
package, Paravision-5.0, Bruker; Germany) was performed to
optimize B0 field homogeneity. MRI parameters were used
to assess skeletal muscle that included T2-relaxation time
(T2-rt), evaluated by T2 mapping, and fractional anisotropy
(F.A.), evaluated by diffusion tensor imaging (DTI). Mus-
cle T2 maps were obtained using a multislice-multiecho
(MSME) sequence with fat suppression (repetition time =
1938ms; 16 echo times = 10.73/171.68ms; field-of-view =
20 × 20mm; matrix = 256 × 256; spatial resolution =
0.078 × 0.078mm/pixel; NSA = 4) acquired on axial plane
(10 slices; thickness = 1mm; gap = 0mm). DTI data were
obtained using a SpinEcho-EPI sequence (DTI-Epi) with
30 diffusion gradient directions (repetition time = 3750ms;
echo time = 33ms; b-values for direction = 0 sec/mm2–
700 sec/mm2; diffusion gradient duration = 4ms; diffusion
gradient separation = 20ms; NSA = 2). DTI-Epi sequence
shared the same geometrical features (field-of-view =
30 × 30mm; matrix = 128 × 128; spatial resolution = 0.234 ×
0.234mm/pixel; 10 slices; slice thickness = 1mm; gap =
0mm).

2.3. Image Analysis. MRI postprocessingwas performedwith
Paravision-5.0 software (Bruker). AverageADC, F.A., andT2-
rt values were obtained from the regions of interest (ROIs)
of five subsequent slices placed both on TA (CTX-injured



BioMed Research International 3

Table 1: Experimental settings and timing of evaluations.

CPK and autoantibodies MRI Histopathology
Autoimmunity
(HisRS immunization) 0, 7, 14, 28, 42, 56 0, 7, 14, 28, 42, 56 0, 7, 14, 28, 56

Sterile injury
(CTX injection) 0, 1, 3, 5, 7, 10, 15, 30 0, 1, 3, 5, 10, 30

muscle) and on GS (HIsRS-injected muscle) muscles of each
mouse at each time point.

2.4. Autoantibodies. Anti-HisRS IgG antibodies in the serum
were measured using standard solid-phase enzyme-linked
immunosorbent assay (ELISA) as described [11, 12]. Briefly
ninety-six-well plates (Sigma) were coated with recombi-
nant murine synthetic HisRS N-terminal fragment sequence
(0.1 𝜇g/mL) and incubated overnight at 4∘C. After blocking
with PBS containing 1% bovine serum albumin (BSA), serum
at various dilutions in PBS containing 1%BSAwas added for 2
hours. Following incubation with HRP-conjugated goat anti-
mouse IgG (Sigma), the enzymatic reaction was visualized
using 3,3,5,5-tetramethylbenzidine (Sigma) and terminated
by H
2
SO
4
addiction prior to spectrophotometric assessment

at 450 nm using a microplate reader (Biorad, Hercules, CA)
[11, 12].

2.5. Histological Analysis and Image Acquisition. Animals
were sacrificed by cervical dislocation and muscles were
dissected, immediately frozen in liquid N

2
-cooled isopen-

tane, and conserved at −80∘C until analysis. For histo-
logical studies, 8𝜇m serial muscle sections were obtained
and stained in hematoxylin and eosin (H&E) following
standard procedures. At least 10 sections along the entire
muscle length were collected and stained. An expert blinded
pathologist evaluated samples assigning a 0-to-5 score
(0: healthy muscle and 5: maximum inflammatory infiltra-
tion), based on the degree of inflammatory cells identified.
For image acquisition, we employed a microscope Nikon
Eclipse 55i microscope (Nikon, Tokyo, Japan). Images were
captured with Digital Sight DS-5M digital camera (Nikon)
using Lucia G software (Laboratory Imaging, Prague, Czech).
Linear adjustments of images were done using Adobe Photo-
shop CS4.

2.6. CPK Activity. Serum CPK levels were measured in
blood samples obtained from the tail vein using an indirect
commercially available colorimetric assay according to the
manufacturer’s instructions (Randox, UK).

2.7. Statistical Analysis. All values were expressed as mean
± S.E.M. All data were analyzed using an unpaired two-
tailed Student’s t-test for comparisons between two groups. 𝑃
values lower than 5% (𝑃 < 0.05) were considered statistically
significant.

3. Results

We analyzed changes in the normal architecture of mouse
skeletal muscle by multiparametric MRI comparing fea-
tures associated with the homeostatic response to ster-
ile tissue injury with those associated with the immune-
mediated skeletal muscle remodeling characterizing a model
of antigen-induced experimental myositis. 10-week-old wild-
type mice were injected in GS muscle at day 0 with a
synthetic sequence corresponding to the amino-terminal
portion of the murine HisRS autoantigen in the presence
of adjuvant (IFA). Mice injected with IFA alone (sham-
treated) served as controls. Autoantibody induction, CPK
levels, histopathological abnormalities, and imaging evidence
of muscle inflammation/remodeling were verified at various
time points (see Table 1). Anti-HisRS IgG antibodies were
detectable by seven days after immunization and increased
progressively until day 28, at which point their levels
began to decrease. (Figure 1(a)). Two months after a single
immunization, antibodies were still significantly higher than
before treatment or than in sham-treated mice that never
develop detectable anti-HisRS antibodies. Autoimmunity
establishment and production of autoantibodies correlate
with myofibers necrosis, as assessed by the serum CPK
activity which reflects the disruption of sarcolemma integrity:
in fact CPK levels were significantly higher in immunized
mice starting from two weeks to six weeks after immu-
nization. CPK levels in sham-treated animals remained at
background levels, indicating that intramuscular injection
per se is not responsible for enzyme elevation (Figure 1(b)).

In animal cohorts studied by the noninvasive technique
of MRI, tibial and peroneal bones can be easily identified in
noninjured healthy wild-type animal legs (Figure 2(a), yellow
arrows) and provide anatomical landmarks for location of
TA and GS muscles. Skeletal muscle has intermediate signal
intensity on all MR pulse sequences, with T2-relaxation time
images (T2-rt) that are rather homogeneous (Figure 2(a), red
arrows).

Muscles of immunized mice demonstrated a significant
increase in the T2-rt values by two weeks after immuniza-
tion (Figure 2(b)), that is, at a time in which CPK levels
revealed ongoing myofibers necrosis (Figure 1(b)). T2-rt val-
ues remained significantly higher throughout the observation
period that lasted until 8 weeks after immunization. Interest-
ingly, and in sharp contrast with the characteristics of the T2
mapping in acutely injuredmuscles (see Figure 3), alterations
detected by MRI appeared to be restricted to the regions at
the very periphery of leg muscles, preferentially involving the
perimuscular connective tissues (Figure 2(a)). In contrast,
T2-rt values of sham-treated mice remained very stable after
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Figure 1: Anti-HisRS autoantibody induction is associated with sustained muscle damage. Assessment of anti-HisRS IgG antibodies (a) and
CPK activity (b) in serum retrieved before treatment and at various times after immunization. 𝑛 ≥ 6; ∗statistically different from sham-treated
mice; 𝑃 < 0.05.

intramuscular injection. Of interest, DTI assessment revealed
that F.A. values were substantially stable after immunization
and did not differ from those of sham-treated animals
(Figure 2(d)). We then verified the histological correlates
of the results, observing that tissues of immunized animals
undergo a preferential fragmentation of perimysial connec-
tive tissue, which is characterized from intense infiltration by
mononuclear cells. Edema with limited evidence of necrosis
and myofiber atrophy most frequently occurred in proximity
to inflamed connective tissue. In contrast, inflammatory
involvement of endomysial and perivascular regions was
uncommon, with only some degree of muscle regeneration.
(Figure 2(a)). Extending these observations, we assessed the
link between T2-rt values of immunized mice at various
time points and a tissue histological score for inflammation
(see the Materials and Methods section for details). T2-rt
values and the histological damage/infiltration score were
significantly correlated (𝑟 = 0.959; 𝑃 < 0.005, Figure 2(c)),
suggesting that T2-rt values accurately reflect perimysial
inflammation.

As an internal control for ongoing muscle remodeling,
we studied in parallel the homeostatic response to sterile
injury by CTX, an agent that induces transient muscle
necrosis associated with well-characterized reversible alter-
ations detectable bymultiparametricMRI ([21] and Figure 3).
T2-rt values 1 day after sterile injury were significantly
higher than those of sham-treated mice and similar to those
observed in mice with autoimmune myositis at later time
points (compare Figure 3(b) with Figure 2(b)). Kinetic was
remarkably different, since in CTX-injured mice T2-rt values
dropped to background levels ten days after treatment and
remained stable thereafter (Figure 3(b)). Parallel histopatho-
logical study of muscle tissue obtained from mice sacrificed
after imaging revealed that damage resulted in rapid and

massive death of myofibers by day 1, with subsequent infil-
tration of the tissue by inflammatory cells and appearance
of small regenerating/centronucleated fibers by day 5 after
injection. At day 10, necrosis and inflammation were hardly
apparent, while extensive regeneration was taking place
(Figure 3(a)). In contrast, F.A. values dropped 24 hours after
injury, possibly because of the simultaneous necrosis of
myofibers that abruptly lose their architecture in response
to CTX (Figure 3(c)). With time, F.A. values returned to
normal in conjunction with the successful regeneration of
the tissue. Similarly, F.A. values remained relatively stable in
HRS-induced myositis, that is, associated with fairly limited
necrosis and regeneration (Figure 2(d)), further supporting
the relationship between F.A. values and the state of muscle
repair.

4. Discussion

IM are heterogeneous disorders, histologically characterized
by muscle inflammation with the presence of autoreactive
lymphocytes, fiber degeneration, and overexpression ofMHC
class I. Common clinical features are muscle weakness,
serum autoantibodies, and elevated muscle enzyme [7, 8].
Recent data suggest not only that both innate immunity
and adaptive immunity are involved in the IM pathogenesis
but also that intrinsic muscle defects (such as metabolic
defects and endoplasmic reticulum stress and autophagy and
hypoxia) may contribute to damage [1]. The link between
remodeling of skeletal muscle and autoimmune responses,
which typically target ubiquitous expressed autoantigens, is
extremely difficult to study, as the events underlying reduced
muscle strength and endurance [8, 22]. The availability of
informative animal models is thus crucial [23]. Traditionally,
the assessment of ongoingmuscle inflammatory involvement
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Figure 2: T2MRI mapping reflects inflammation and remodeling in experimental HisRS-induced myositis. Representative T2-weighted images
of immunizedmice ((a) upper panels) obtained before (time 0) and 14, 28, or 56 days after treatment reveal ongoing inflammatory involvement
and are well compatible with results obtained at the same time points by histopathology in selected animals ((a) lower panels, H&E). Yellow
arrows indicate the fibula (upper) and tibia (lower) bones, while red arrows show skeletal muscles (GS left and TA right).The graphs show the
dynamic trends of T2-rt ((b) y-axis) and F.A. ((d) y-axis) in the longitudinal study of immunized and sham-treatedmice before and at various
times after treatment (x-axis, days). 𝑛 ≥ 6; ∗statistically different from sham-treated mice; 𝑃 < 0.05. The graph in (c) depicts correlation
analysis between T2-rt and the histological score that reflects muscle damage and infiltration (see Methods). 𝑛 = 3 for each time point. The
time points considered for the correlation analysis were days 0, 14, 28, 42, and 56.
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Figure 3: T2 and DTI MRI mapping reflect independent inflammatory events in acutely injured muscles. Representative T2-weighted images
before (time 0) and at various times (1, 5, or 10 days) after intramuscular CTX injection ((a) upper images). Results are compatible with those
obtained at the same time points by histopathology in selected animals ((a) lower panels, H&E). The graphs show the dynamic trends of
T2-rt ((b) y-axis) and F.A. ((c) y-axis) in the longitudinal study of damaged (CTX) and sham-treated mice before and at various times after
treatment (x-axis, days). 𝑛 ≥ 6; ∗statistically different from sham-treated mice; 𝑃 < 0.05.

has been rather cumbersome, since by definition it requires
histopathological studies and animal sacrifice.

While replacement is difficult to achieve in this field
of research, given the complexity of events involved in
myositis pathogenesis that can be only reproduced in in
vivo systems, the availability of noninvasive tools to monitor
muscle inflammation will permit reductions in the number
of animals necessary for experimental studies and increase
the amount of relevant information that can be derived from
single animals followed over time. At the same time, this
imagingmodality will complement information derived from
histopathological studies that encompass only limited areas of
tissue and therefore suffer from potential sampling bias.

Here, we have focused onMRI-based imaging techniques
that have been previously shown to represent noninvasive and
quantitative tools for the assessment of muscle inflammation
and remodeling in experimental animals [13, 16, 21, 24, 25].

We utilized a biologically relevant model of experimental
myositis, which can be elicited by immunization of wild-
type mice with a synthetic sequence corresponding to a well-
characterized autoantigen, HisRS [11, 12].This model triggers
anti-HisRS autoantibodies as well as self-sustaining injury
and leukocyte infiltration of skeletal muscle, reproducing
key features of spontaneous human disease that can also be
associated with fever, arthritis, mechanic’s hands, Raynaud’s
phenomenon, and interstitial lung disease as part of the anti-
synthetase syndrome [26]. Reference [27] shows that muscle
inflammation has specific features in these patients with the
antisynthetase syndrome, with predominant involvement of
perimysial connective tissue and less significant peripheral
atrophy or microvascular injury [28, 29].

As shown by our results, MRI is a powerful tool to
investigate muscle inflammation occurring in the mouse
model of HisRS-inducedmyositis. Most significantly, cohorts
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of mice can be longitudinally followed with this technique
that accurately detects specific histopathological features of
the events taking place in the tissue upon autoimmunity. In
our study, MRI proved extremely sensitive, detecting early
tissue changes associated with relatively minor increases
in the extent of muscle necrosis revealed by changes in
serumCPK levels. Importantly,MRI of sham-treated animals
remained stable over the 8 weeks of the study, effectively
ruling out major effects related to the immunization vehicle,
IFA.

Overall, our study provides strong evidence of the link
between HisRS-induced immune responses and myositis
that occurs, as early as fourteen days after immunization.
Moreover, noninvasive T2 mapping reveals the involvement
of perimysial connective tissue, that is, a specific feature of the
human antisynthetase syndrome [28], clearly differentiating
HisRS-induced myositis from the CTX model of acute, self-
limited muscle necrosis. As such, the T2-rt values effectively
mirror the extent and distribution of muscle inflammation,
not only in the setting of homeostatic responses to sterile
toxic injury [21], but also in a more complex and long-
lasting model of immune-mediated muscle remodeling. Of
importance, the degree of anisotropy of water diffusivity
remained substantially stable in the mice that we have
studied upon myositis induction, contrasting sharply with
MRI results obtained in CTX-treated mice. Because this
parameter largely reflects the diffusion of water in intracel-
lular spaces [24, 30], these results are in agreement with the
preferential involvement of the perimysial tissue (reflected
by clear histological evidence of edema in the perifascicular
space) and the substantial conservation of tissue architecture
in HisRS-induced myositis.

Based on these observations, our findings indicate that
MRI represents a versatile tool that can sensitively detect
inflammatory processes associated with various types of
muscle injury. At the same time, this imaging modality
affords the opportunity to noninvasivelymonitormore subtle
modifications in the architecture and inflammatory state
of skeletal muscle, including those changes associated with
initial age related decline in muscle mass and simultaneous
increases of both T2-rt and F.A. Further studies are warranted
to verify whether specific MRI codes are also associated with
other conditions characterized by persistent inflammation
and wasting of the skeletal muscle.

5. Conclusions

In conclusion, our study was designed to characterize the
ability of MR imaging to reveal specific inflammatory events
in the skeletal muscle of mice with HisRS-induced myositis.
Our results provide an in-depth noninvasive characteriza-
tion of this myositis model, confirming the possibility to
link HisRS-induced immune responses and skeletal muscle
inflammation to MRI T2-rt changes. This technique allows
increasing the amount of relevant information that can be
derived from single animals followed over time and may
strongly improve and facilitate the study of new therapeutic
strategies for human disease as well as of the immunological

and local events involved in myositis pathogenesis. At the
same time, this imaging modality can help histopathological
studies encompassing their potential sampling biaswith com-
plement quantitative information. The possibility to follow
the same animal from the beginning to the end of treatment
and to analyze more parameters at ones, can allow better
statistically evaluation of data and underlining the concept
that strong efforts should be dedicated to the refinement of
experimental procedures that limit the number of animals
needed for experimental models of human disease.

Conflict of Interests

The authors declare that there is no conflict of interests
regarding the publication of this paper.

Acknowledgments

This work was supported by the Italian Ministry of Health
(Fondo per gli Investimenti della Ricerca di Base-IDEAS
to Patrizia Rovere-Querini and Ricerca Finalizzata 2011 to
Patrizia Rovere-Querini and Angelo A. Manfredi), by the
Associazione Italiana Ricerca sul Cancro (AIRC IG11761
to Angelo A. Manfredi), and by the Italian Ministry of
University and Research (PRIN 2010 to Angelo A.Manfredi).

References

[1] S. Rayavarapu, W. Coley, T. B. Kinder, and K. Nagaraju:,
“Idiopathic inflammatory myopathies: pathogenic mechanisms
of muscle weakness,” Skelet Muscle, vol. 3, p. 13, 2013.

[2] A. Bender, N. Ernst, A. Iglesias, K. Dornmair, H. Wekerle,
and R. Hohlfeld, “T cell receptor repertoire in polymyositis:
clonal expansion of autoaggressive CD8+ T cells,” Journal of
Experimental Medicine, vol. 181, no. 5, pp. 1863–1868, 1995.

[3] R. Hohlfeld and A. G. Engel, “Coculture with autologous
myotubes of cytotoxic T cells isolated frommuscle in inflamma-
tory myopathies,” Annals of Neurology, vol. 29, no. 5, pp. 498–
507, 1991.

[4] J. M. Pandya, A. E. R. Fasth, M. Zong et al., “Expanded T
cell receptor V𝛽-restricted T cells from patients with sporadic
inclusion body myositis are proinflammatory and cytotoxic
CD28null T cells,” Arthritis and Rheumatism, vol. 62, no. 11, pp.
3457–3466, 2010.

[5] J. H. Choi, Y. E. Park, S. I. Kim et al., “Differential Immunohisto-
logical features of inflammatory myopathies and dysferlinopa-
thy,” Journal of Korean Medical Science, vol. 24, no. 6, pp. 1015–
1023, 2009.

[6] A. Ghirardello, N. Bassi, L. Palma et al., “Autoantibodies
in polymyositis and dermatomyositis,” Current Rheumatology
Reports, vol. 15, p. 335, 2013.

[7] A. L. Mammen, “Autoimmune myopathies: autoantibodies,
phenotypes and pathogenesis,” Nature Reviews Neurology, vol.
7, no. 6, pp. 343–354, 2011.

[8] P. Venalis and I. E. Lundberg, “Immune mechanisms in
polymyositis and dermatomyositis and potential targets for
therapy,” Rheumatology (Oxford), vol. 53, no. 3, pp. 397–405,
2014.

[9] K. B. Stone, C. V. Oddis, N. Fertig et al., “Anti-Jo-1 antibody
levels correlate with disease activity in idiopathic inflammatory



8 BioMed Research International

myopathy,” Arthritis and Rheumatism, vol. 56, no. 9, pp. 3125–
3131, 2007.

[10] Y. Katsumata and D. P. Ascherman, “Animal models in myosi-
tis,” Current Opinion in Rheumatology, vol. 20, no. 6, pp. 681–
685, 2008.

[11] Y. Katsumata, W. M. Ridgway, T. Oriss et al., “Species-specific
immune responses generated by histidyl-tRNA synthetase
immunization are associated with muscle and lung inflamma-
tion,” Journal of Autoimmunity, vol. 29, no. 2-3, pp. 174–186,
2007.

[12] M. Soejima, E.H. Kang, X. Gu, Y. Katsumata, P. R. Clemens, and
D. P. Ascherman, “Role of innate immunity in a murine model
of histidyl-transfer RNA synthetase (Jo-1)-mediated myositis,”
Arthritis and Rheumatism, vol. 63, no. 2, pp. 479–487, 2011.

[13] G. P. Kuo and J. A. Carrino, “Skeletal muscle imaging and
inflammatory myopathies,” Current Opinion in Rheumatology,
vol. 19, no. 6, pp. 530–535, 2007.

[14] P. O. Carstens and J. Schmidt:, “Diagnosis, pathogenesis and
treatment ofmyositis: recent advances,”Clinical&Experimental
Immunology, vol. 175, no. 3, pp. 349–358, 2014.

[15] R. V. Curiel, R. Jones, and K. Brindle, “Magnetic resonance
imaging of the idiopathic inflammatory myopathies: structural
and clinical aspects,” Annals of the New York Academy of
Sciences, vol. 1154, pp. 101–114, 2009.

[16] A. B. McMillan, D. Shi, S. J. P. Pratt, and R. M. Lovering,
“Diffusion tensor MRI to assess damage in healthy and dys-
trophic skeletal muscle after lengthening contractions,” Journal
of Biomedicine and Biotechnology, vol. 2011, Article ID 970726,
10 pages, 2011.

[17] L. M. McIntosh, R. E. Baker, and J. E. Anderson, “Magnetic res-
onance imaging of regenerating and dystrophic mouse muscle,”
Biochemistry and Cell Biology, vol. 76, no. 2-3, pp. 532–541, 1998.

[18] S. J. Pratt, S. Xu, R. J. Mullins, and R. M. Lovering, “Temporal
changes in magnetic resonance imaging in the mdx mouse,”
BMC Research Notes, vol. 6, p. 262, 2013.
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Fibrosis is the aberrant deposition of extracellularmatrix (ECM) components during tissue healing leading to loss of its architecture
and function. Fibrotic diseases are often associated with chronic pathologies and occur in a large variety of vital organs and
tissues, including skeletal muscle. In human muscle, fibrosis is most readily associated with the severe muscle wasting disorder
Duchenne muscular dystrophy (DMD), caused by loss of dystrophin gene function. In DMD, skeletal muscle degenerates and is
infiltrated by inflammatory cells and the functions of the muscle stem cells (satellite cells) become impeded and fibrogenic cells
hyperproliferate and are overactivated, leading to the substitution of skeletal muscle with nonfunctional fibrotic tissue. Here, we
review new developments in our understanding of themechanisms leading to fibrosis in DMD and several recent advances towards
reverting it, as potential treatments to attenuate disease progression.

1. Introduction

Duchenne muscular dystrophy (DMD) is a fatal, X-linked
recessive disorder characterized by a progressive loss of mus-
cle mass and function [1]. DMD has a prevalence of approxi-
mately 1 in 3,500 live male births and is caused by mutations
in the dystrophin gene that precludes the synthesis of a full-
length and/or fully functional protein. Dystrophin itself is
a large structural protein that stabilizes the sarcolemma of
muscle fibers. In its absence, fibers become vulnerable to
contraction-induced damage and undergo cycles of necrosis
and repair until the muscle mass becomes replaced by fat
and fibrous tissue. Affected boys become confined to a
wheelchair and normally live until the late teens or early
twenties. There is currently no cure and patients only receive
palliative care. Consequently, there has been a considerable
and sustained effort to uncover the mechanisms of disease
and develop new treatment possibilities [2, 3]. Attempts
to provide a primary treatment of DMD include viral
replacement therapy, plasmid-mediated nonviral expression,

stem cell transplantation, antisense oligonucleotide-induced
exon skipping, and nonsense mutation suppression by drugs,
amongst others, although they remain unsuccessful [4–7].

Recently, however, attention has also begun to focus on
understanding and modifying the pathological background
of the disease, it is now well established that many of
the pathological features of DMD are not only caused by
the lack of dystrophin and/or the failure of muscle stem
cells (also called satellite cells) but are also due to the
complex interactions of these cells with the surrounding
environment. Changes in this environment can delay muscle
repair and regeneration and enhance inflammation, leading
to disease exacerbation and fibrosis development. Important
contributors toDMDpathogenesis, and potential obstacles or
targets for achieving better therapeutic outcomes, include the
inflammatory components of the damaged and regenerating
muscle and the auxiliary cell mediators such as fibroblasts
that support satellite and inflammatory cells, as well as the
milieu of soluble factors produced by them. In particular,
recent studies have highlighted the importance of all these
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cells and factors in the development of not only fibrosis
arising during aberrant regeneration and DMD progression,
but in other diseases such as diabetes and in aging (reviewed
in [8]).

Fibrosis is defined as the excessive or unregulated deposi-
tion of extracellular matrix (ECM) components and is a par-
ticular hallmark of DMD and abnormal repair processes in
several other tissues upon injury including liver, lung, kidney,
and pancreas. Controlled deposition of ECM components
during growth and repair is critical for providing a scaffold to
build and structure new tissue, but alterations in the timing,
the intensity, and/or the components of this process can lead
to excessive ECM deposition (fibrosis) and loss of tissue
function. Fibrosis has a double negative consequence for the
potential treatment of DMD in that it not only alters muscle
function, but also reduces the amount of target muscle avail-
able for therapy and repair.Therefore, a better understanding
of the components and processes leading to the development
of fibrosis is important for our ability to improve muscle
repair, treat DMD, and potentially restore muscle function.
Although this review focuses onDMD, there is evidence from
othermyopathies that a dysregulated and/or disordered ECM
may also contribute to disease progression [9, 10].

A review of all of the contributing factors that lead to
fibrosis is beyond the scope of this report, although several
recent reviews are available [11, 12]. Instead we focus here
on some of the recent developments that reveal new or
unexpected roles of some of these cell types and molec-
ular effectors of skeletal muscle fibrosis, giving particular
emphasis on fibrosis in DMD patients, as well as in animal
models such as the commonly used dystrophic mdx mouse.
In particular we highlight some new developments in the
understanding of the TGF𝛽 signaling pathway, perhaps the
most critical effector of fibrosis, and in particular its inter-
action with connective tissue growth factor (CTGF) and the
renin angiotensin system (RAS).We also review recent efforts
to lineage trace cellular sources of ECM production and
assess the novel fibrogenic role assigned to other nonsatellite
cell types that have been identified in muscle. Finally, we will
also describe some of the recent progress in the development
and characterization of animalmodels for the study of fibrosis
in vivo and some potential therapeutic approaches to combat
and diminish fibrosis in DMD.

2. Growth Factors in Fibrosis Development

2.1. The TGF𝛽 Signaling Pathway. One of the most potent
profibrogenic factors described in vivo is transforming
growth factor-beta (TGF𝛽) as reviewed in [13]. TGF𝛽 is
initially generated as a latent precursor of one of three
isoforms TGF𝛽1, TGF𝛽2, and TGF𝛽3 [14]. Latent TGF𝛽 is
stored in the ECM where it is activated upon tissue damage
or specific growth signals (reviewed in [15]). Activated TGF𝛽
binds to a heterodimeric complex consisting of one TGF𝛽
type I receptor molecule, also called activin linked kinase
5 (ALK5), and one TGF𝛽 type II receptor. Importantly,
TGF𝛽 is expressed in regenerating muscle after injury, as
well as in the dystrophic muscle of DMD patients and mdx

mice [14, 16, 17], where it stimulates fibroblasts to produce
ECM proteins like collagen and fibronectin. In addition,
TGF𝛽 and other profibrogenic polypeptides can be produced
by infiltrating immune, inflammatory, mesenchymal, and
tissue-specific cells (reviewed in [18]).

When TGF𝛽 is liberated it can signal via the canonical
TGF𝛽 pathway (see below) or through several alternative
pathways (Figure 1). Importantly, changes in the level of
signal transduction via these different pathways have been
shown tomodulate fibrotic effects and therefore their various
signaling mediators are potential targets for antifibrotic
therapies. In normal fibroblasts the canonical pathway passes
through ALK5 which phosphorylates transcription factors
Smad2 and 3.These signal transducers then bind to Smad4 to
form a complex that is translocated to the nucleus to activate
transcription of profibrotic genes (reviewed in [19, 20]). Alter-
natively, TGF𝛽 may also signal via additional intracellular
transducers such as the Ras/MEK/ERK pathway, the p38
MAPK pathway, the c-abl pathway, and JNK as additional
intracellular mediators [21]. Signaling via these alternative
pathways is able to modify gene expression in a promoter-
selective fashion. ERK, for example, is normally required
for collagen type I expression, whereas other signaling
molecules like FAK, JNK, and TAK1 are required for diver-
gent processes such as ECM contraction and myofibroblast
differentiation [22].

Recently, several indirect interactions between TGF𝛽 sig-
naling and other pathways have been reported. For instance,
decreased insulin-like growth factor (IGF) signaling in IGF-
1R(+/−) heterozygous mice deleted for the IGF-1 receptor
in skeletal muscle using a muscle specific MyoD-Cre driver
resulting in impaired regeneration, depressed expression of
MyoD and myogenin, and increased expression of TGF𝛽1,
𝛼-SMA, and collagen I and fibrosis [23]. Further mecha-
nistic studies showed that in myoblasts, IGF-1 treatment
could inhibit TGF𝛽1-stimulated Smad3 phosphorylation and
increase phosphorylated-AKT- (P-AKT-) Smad3 interac-
tions, thus impeding nuclear translocation of Smad3 and
thereby reducing the expression of fibrotic genes. Conversely,
a reduced amount of IGF-1R diminished the levels of P-AKT,
allowing dissociation and nuclear translocation of Smad3
and enhancement of the TGF𝛽1 signaling pathway and
fibrosis [23].

TGF𝛽 can also decrease the production of enzymes that
degrade the ECM, while simultaneously increasing produc-
tion of proteins like tissue inhibitors of metalloproteinases
(TIMPs) and plasminogen activator inhibitor type-1 (PAI-1,
see below) that inhibit ECM-degrading enzymes. Consistent
with this, injection of recombinant TGF𝛽 into skeletal muscle
in vivo has two effects. Firstly, it stimulates TGF𝛽 expression
in myogenic cells (among other cells) in an autocrine fashion
and secondly, it induces connective tissue production in the
area of the injection (reviewed in [24]). The same study
has shown that C2C12 myogenic cells overexpressing TGF𝛽
can differentiate intomyofibroblastic cells after intramuscular
transplantation [25]. This process can be inhibited by the
small leucine-rich proteoglycan decorin, which binds to
and inhibits TGF𝛽 [26]. Similar studies in transgenic mice
overexpressing TGF𝛽1 in a muscle-specific manner showed
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Figure 1: Crosstalk betweenTGF𝛽 signaling and the renin-angiotensin system infibrosis. TGF𝛽 can signal via its canonical pathway, involving
Smad proteins, or through several alternative pathways such as the p38 MAPK signaling or the RAS/ERK MAPK signaling pathways. Both
canonical and alternative pathways lead to expression of molecules implicated in fibrosis such as CTGF or PAI-1. Similarly, Ang II signals
through AT1 or AT2 and can also activate Smad proteins and the p38MAPK signaling pathway, leading to increased expression of profibrotic
genes. Ang 1–7 has an opposite effect, inhibiting the canonical TGF𝛽 pathway. Antifibrotic molecules inhibiting RAS or the TGF𝛽 signaling
are indicated in red.

muscle wasting and endomysial fibrosis [27]. Finally, latent
TGF𝛽-binding protein 4 (LTBP4), which regulates the release
and bioavailability of TGF𝛽 from the ECM, was recently
shown to modulate fibrosis in mdx mice although its role in
human DMD, if any, has not yet been established [28].

2.2. Crosstalk betweenTGF𝛽 andOtherGrowth Factors: CTGF
and the Renin-Angiotensin System. Connective tissue growth
factor (CTGF) is a nonstructural regulatory protein present
in the ECM that has an important role in fibrosis. Skeletal
muscle from DMD patients, dystrophic dogs, and mdx mice
all show elevated levels of CTGF [29]. Fibrosis development
can be reduced in mdx mice by systemic administration
of a neutralizing antibody against CTGF [30]. Functionally,
CTGF has the ability to reproduce or amplify the effects
of TGF𝛽 on fibrosis. For example, it can induce collagen
type 1, 𝛼5 integrin, and fibronectin much more potently

than TGF𝛽 in fibroblasts [31]. Moreover, overexpression
of CTGF in muscle of WT mice with an adenovirus vector
carrying the CTGF cDNA sequence induces strong fibrosis
[32]. Like for TGF𝛽, decorin may also negatively regulate
CTGF activity. Even if the exact mechanism is not known,
it has been shown that the inhibitory action of decorin on
CTGF activity depends on its capacity to directly bind to
CTGF [33]. Interestingly, the same study showed that CTGF
induces the expression of decorin, indicating a potential
mechanism of autoregulation. Together, these results suggest
a negative role for both TGF𝛽 and CTGF in muscular dys-
trophies by directly inducing fibrotic processes and inhibiting
myogenesis [34]. A possible new role for CTGF in fibrosis was
recently revealed by the observation that CTGF expression is
decreased in dystrophicmusclewhen angiotensin-converting
enzyme (ACE) is inhibited by enalapril [35]. ACE is a critical
enzyme of the renin-angiotensin system (RAS) that regulates
blood pressure. Angiotensinogen is mainly produced by
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the liver and then converted into angiotensin 1 (Ang 1) by
the renin enzyme (also known as angiotensinogenase), which
is secreted by the granular cells of the kidney. Ang 1 is
subsequently converted into angiotensin 2 (Ang 2) by ACE
(Figure 1). Angiotensin 2 produces its biological effect by
signaling through theAng 2 receptor type 1 (AT1) and theAng
2 receptor type 2 (AT2). Over the past decade, various studies
have showed that Ang 2 is involved in the development of
fibrosis in different pathogenic conditions and organs [36].
Interestingly, it was shown that the RAS is activated in various
muscular dystrophies such as DMD or congenital muscular
dystrophy (CMD) [37] and that dystrophicmuscle in humans
has increased levels of ACE, which may explain the elevated
CTGF levels, but this remains to be proved. Although the
role of the RAS system in fibrosis is not completely clear,
several studies have shown that Ang 2 also induces expression
of fibrotic markers in myoblasts [38]. TGF𝛽 treatment of
C2C12 myoblasts was also shown recently to significantly
increase AT2 expression [39], therefore providing a puta-
tive link between TGF𝛽 signaling and CTGF expression.
Interestingly, while Ang 2 seems to be profibrotic, recent
data indicates that angiotensin 1–7 (Ang 1–7), an endogenous
bioactive peptide derived from Ang 2, has opposite effect
to Ang 2. Indeed, it has been shown that Ang 1–7 inhibits
TGF𝛽-Smad signaling in vivo, which in turn leads to the
reduction of the profibroticmicroRNA- (miR-) 21, decreasing
greatly fibrosis development in dystrophic muscles of mdx
mice [40].

3. ECM Remodeling by Matrix Proteases

In addition to molecules like TGF𝛽 and CTGF that promote
ECM deposition, normal muscle repair also requires factors
that regulate the proteolytic degradation of the ECM, for
example, to facilitate satellite cell and myoblast migration,
to remove the temporary scaffold laid down during regen-
eration, and to allow fiber growth. Clearly, if these factors
become dysregulated, then ECM deposition, fibrosis, and
loss of muscle function could ensue. We will only con-
sider here recent developments to this group of molecules,
which include serine proteases of the plasminogen activation
(PA) system, the broad family of matrix metalloproteinases
(MMPs), and their inhibitors, PAI-1 and the TIMPs, respec-
tively (reviewed in [41, 42]). Several other publications
cover more general aspects of their role in skeletal muscle
and fibrosis [43]. The MMPs are a large family of zinc-
dependent proteolytic enzymes that includes various colla-
genases (MMP-1, MMP-8, and MMP-13), gelatinases (MMP-
2 and MMP-9), stromelysins (MMP-3, MMP-7, MMP-10,
andMMP-11), membrane-typemetalloproteinases (MMP-14,
MMP-15, MMP-16, MMP-17, MMP-24, and MMP-25), and
metalloelastase (MMP-12) [41]. MMPs facilitate inflamma-
tion and migration of myogenic, inflammatory, vascular, and
fibroblastic cells to damaged tissue by degrading the ECM.
MMPs are released from damaged muscle and infiltrating
cells, but their function is controlled not only by simple
expression and release, but also by the net MMP activity
which reflects the relative amount of activated enzyme.MMP

activation requires proteolytic cleavage of the inactive pre-
cursor, by either membrane-type matrix metalloproteinase
1 (MT1-MMP) [44] or plasmin, and cleavage of their corre-
sponding inhibitors [45].

Regulation of MMPs is thus complicated and involves
not only expression, but also activation. In addition, in some
cases the activity of MMPs can amplify or synergize with
serine proteases of the plasminogen activation system to
mediate ECM remodeling during tissue repair. The main
function of the PA system is to degrade fibrin and at its
core is the zymogen plasminogen which is converted into the
active enzyme, plasmin, by two plasminogen activators (PAs):
tissue-type plasminogen activator (tPA) and urokinase-type
plasminogen activator (uPA). There are several inhibitors of
the PA system including plasminogen activator inhibitor 1
(PAI-1) and alpha2-antiplasmin that operate at the level of
the PAs or plasmin, respectively [42].The PA system plays an
important role in muscular dystrophy. Studies in mdx mice
have detected increased uPA expression in skeletal muscle,
while genetic loss of uPA exacerbated dystrophy and impaired
muscle function in mdx mice because uPA is required to
prevent excessive fibrin deposition [46]. More recently it has
been shown that the extracellular PAI-1/uPA balance is an
important regulator of miR-21 biogenesis, controlling age-
associated muscle fibrosis and disease severity in muscle
dystrophy [17]. Genetic loss of PAI-1 in mdx mice was shown
to promote muscle fibrosis through several mechanisms.
Firstly, it altered collagen metabolism by increasing uPA-
mediated proteolytic processing of TGF𝛽 in muscle fibrob-
lasts. Secondly, it also activated miR-21 expression, which
in turn inhibited PTEN and enhanced signaling via the
AKT pathway, which controls cell proliferation and survival,
thus endowing TGF𝛽 with a remarkable ability to promote
cell proliferation. However, age-associated fibrogenesis and
muscle deterioration inmdxmice, as well as advancedmuscle
fibrosis in youngmdxmice lacking PAI-1, could be prevented
by direct interference withmiR-21 or the PAI-1 substrate uPA.
Consistent with this, forced miR-21 overexpression in mdx
muscle accelerated fibrosis and enhanced disease severity,
whereas treatment of aged mdx mice with an inhibitor of
miR-21 improved muscle homeostasis and reduced fibrosis.
This is an important observation since fibrosis is normally
considered irreversible at advanced ages. Further studies
are needed to refine our understanding of the role of the
PAI-1/miR-21 fibrogenic axis in skeletal muscle fibrosis and
the disease course in DMD patients, but as the full role of
the axis emerges, so too will new therapeutic targets. From
all these findings, it seems that the pronounced fibrosis in
human dystrophic muscles is at least partially related to an
altered proteolytic activity in the dystrophic muscles due to
imbalances in expression and activity of PA/MMP system
components [47].

4. Inflammation-Driven Fibrosis

One of the hallmarks of DMD is the chronic cycles of
myofiber necrosis and repair, which histologicallymanifest as
a sustained infiltration of mononuclear cells in muscle tissue.
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Consequently, considerable efforts have gone into charac-
terizing these inflammatory cells to define their functions
and their differences between the various acute and chronic
(transgenic/genetic) models of skeletal muscle injury. One of
the first events after tissue damage is the invasion of inflam-
matory cells to the site of injury. In response to acute injury,
the first cells infiltrating the muscle are mainly leukocytes
belonging to the myeloid lineage, principally neutrophils
and monocytes/macrophages ([48], reviewed in [49]). Any
disruption in the coordinated initiation, progression, and
resolution of inflammation can lead to persistent muscle
damage and impairment of regeneration, which in many
cases is also characterized by development of fibrosis as
observed in the muscular dystrophies (reviewed in [18]).

Indeed, it is well known that fibrosis is preceded and
influenced by inflammation in several pathologies. In the
context of muscular dystrophy, previous studies showed
that inflammatory macrophages are an important source of
TGF𝛽 in the mdx diaphragm muscle, suggesting that they
might contribute importantly to fibrosis development [14].
However, macrophage-depletion experiments or investiga-
tion ofmousemodelswith impairedmacrophage recruitment
demonstrated a more complex role for macrophages in mus-
cle repair and the mdx phenotype, being either deleterious
[50] or beneficial for fibrosis development [46], depending on
the model used for the study. Increasing evidence supports a
key role of M2 “alternatively activated” macrophages in the
development of fibrotic conditions, such as asthma and idio-
pathic lung fibrosis, as opposed to M1 “classically activated”
proinflammatory macrophages [51]. These M2 macrophages
are activated byTh2-derived cytokines, such as IL-13, and can
be identified by specific cell surface markers such as CD206
(also known as mannose receptor). They also express high
levels of TIMP-1 and the chitinase-like secretory lectins Ym1
andYm2. Interestingly, TGF𝛽, in conjunctionwith IL-13,may
amplify the expression of arginase I in alternatively activated
macrophages which is a key enzyme in the initiation of
collagen synthesis by fibroblasts. Indeed arginase I produces
the amino acid proline that is required for collagen synthesis
[52]. Of note, the diaphragm of mdx mice contains CD206
positivemacrophages expressing arginase I andTGF𝛽, whose
expression increases with age correlating with increased
levels of IL-13 [16] suggesting the potential implication of
Th2/alternative macrophage activation in dystrophic muscle
fibrosis. Interestingly, muscles of DMD patients also show
a correlation between the number of alternatively activated
macrophages and collagen deposition [53]. Other studies
have confirmed the presence of a subpopulation of alter-
natively activated macrophages, the M2c macrophages, a
type of alternatively activated macrophage induced by the
anti-inflammatory cytokine IL-10 and that express arginase,
along with classically activated M1 macrophages within the
dystrophic muscle of mdx mice [54]. Indeed, it has been
shown that arginine metabolism by alternatively activated
macrophages promotes cardiac and muscle fibrosis in mdx
muscular dystrophy [55]. However, further investigations
are required to elucidate the precise role of alternatively
activated macrophages in fibrosis development in muscular
dystrophies.

Although M1 macrophages are important for satellite cell
proliferation (reviewed in [49]), they could potentially be
profibrotic in pathogenic conditions by sustaining chronic
inflammation. This is illustrated by the proinflammatory
role of fibrinogen in muscular dystrophies. Fibrinogen
accumulates in the dystrophic muscles of mdx mice and
DMD patients [16, 46] and its genetic and pharmaco-
logical depletion in mdx mice can greatly reduce fibro-
sis development in the diaphragm [16]. Interestingly, fib-
rinogen modulates inflammation by signaling through the
𝛼M𝛽2 integrin (Mac-1), which is expressed on myeloid cells,
and induces expression of proinflammatory cytokines and
chemokines ([16] and reviewed in [56]), thereby potentially
promoting muscle degeneration. Indeed, mice expressing a
fibrinogen molecule mutated in its 𝛼M𝛽2-binding motif [16,
57] develop less fibrosis in the diaphragm concomitantly
with a decreased infiltration of macrophages and decreased
expression of proinflammatory cytokines, correlating with
improved muscle regeneration.

Along with myeloid cells, lymphocytes have also been
shown to play a role in muscular dystrophies. Among this
family, a potential role of T helper (Th) and cytotoxic T cells
(CTL) in fibrosis development has been raised recently. One
of the most interesting animal models, to at least partially
reveal the role of these cells in regeneration and fibrosis,
is the scid/mdx mouse model. These mice are deficient in
functional lymphocytes (both B and T cells), allowing the
study of the function of these cells in the progression of
the disease. Interestingly, scid/mdx mice develop less fibrosis
in the diaphragm at one year of age, which correlates with
a decrease in TGF𝛽 protein in the dystrophic muscle [58].
In addition, evidences for the pathogenic role of T cells
in the progression of muscular dystrophies come from a
study using another mouse model of immunodeficiency,
the nu/nu/mdx mice, which lack only functional T cells,
but not B cells [59], and showing that T cells contribute
to fibrosis progression. Although these models support T
cell function in muscle repair and muscular dystrophy, they
unfortunately do not discriminate between the pathological
effect of CTL and Th cells since both subpopulations are
absent in scid/mdx and nu/nu/mdx mice. Using depleting
antibodies against either the CD4 antigen (depletion ofTh) or
the CD8 antigen (depletion of CTL), it was shown that both
cell types contribute to aggravation of the pathology in the
context of mdx mice [60]. When analyzing the populations
of leukocytes infiltrating the dystrophic muscle of mdx mice,
Vetrone et al. characterized a subpopulation of T helper cells
harboring a V𝛽8.1/8.2 TCR (T-cell receptor) and express-
ing high levels of the ECM protein osteopontin ([61] and
reviewed in [62]). Using mdx mice deficient in osteopontin,
the authors showed that these mice have less fibrosis in
the diaphragm muscle correlating with reduced infiltration
of NKT cells and neutrophils. These data suggest that Th
cells could mediate their pathogenic effects by controlling
migration and/or survival of these inflammatory populations
through the secretion of osteopontin.

Th cells can differentiate into different functional types,
each of them producing a different profile of cytokines. Their
role in fibrosis development in tissues other than skeletal



6 BioMed Research International

muscle has been reviewed elsewhere [52, 63]. Unfortunately,
since scid/mdx, nu/nu/mdxmice, or CD4 depletedmdxmice
are totally deficient in Th cells, these models are unable to
reveal the roles of their different polarizations (Th1, Th2,
Th17, and Tregs) which probably play nonredundant and even
opposite roles in the progression of fibrosis [64].

5. Fibroadipogenic Progenitors in Fibrosis

The existence of progenitor cells sharing characteristics of
mesenchymal stem cells (MSCs) in skeletal muscle has been
recently discovered [65, 66]. These cells were first named
FAPs for fibro/adipogenic progenitors because of their capac-
ity to enter adipose and fibroblast differentiation in vitro and
in vivo [65], and were characterized as nonhematopoietic
(CD45

−
), nonendothelial (CD31

−
), and nonsatellite cells (𝛼7

integrin- or SM/C2.6- depending on the study), but they
did express markers of progenitor cells such as CD34 or
Sca-1 [65] or the fibroblast marker PDGFR𝛼 [66]. Although
it is not assured that these two studies described exactly
the same population of cells, it is likely that they are at
least closely related or that they overlap. Controversies about
their function inmyogenesis andnormalmuscle regeneration
exist [67, 68] and have been recently reviewed and discussed
elsewhere [69], but it appears that these cells may have a
pathogenic role in muscular dystrophies. Indeed, Uezumi et
al. showed that fibrosis originates almost exclusively from
PDGFR𝛼+ progenitors in the dystrophic muscle of mdxmice
[70].

Interestingly, a recent study characterized a subpopula-
tion of cells expressing PDGFR𝛼+, Sca1+, and gp38+, which
also transiently expresses Adam12 upon acute injury [71].
Using a lineage tracing system, Adam12 expressing cells
were shown to readily differentiate into myofibroblast in
vitro and in vivo. These results suggest that the Adam12+
fraction might be a subpopulation of the FAPS described
by Joe et al., which would be more committed to become
bona fide fibroblasts. Indeed, depletion of the Adam12+
fraction of MSCs reduced the ECM accumulation induced
by cardiotoxin injection. Although this study was performed
in an acute model of injury, these findings are consistent
with the fact that overexpression of Adam12 in mdx mice
aggravates fibrosis [72] and suggests that this population of
cells might be a major factor in fibrosis development within
dystrophic muscle.

Unlike organs such as kidney or heart, where distinct
cell types have been shown to contribute to fibrosis [73, 74],
in skeletal muscle very little is known about the role of
other cell lineages in fibrosis development and their potential
contribution to the pool of fibroblasts. However, although
MSCs are probably the main source of fibroblasts within the
dystrophic muscle, additional studies suggest that other cells
might also contribute to fibrosis in pathological contexts. For
example, in aged mice, satellite cells tend to convert from a
myogenic to a fibrogenic lineage in response to environmen-
tal cues, particularly in response to Wnt signaling [75]. More
recently, Zordan and colleagues showed that macrophage
infiltration after acute injury is required to sustain the proper

differentiation of endothelial-derived progenitors. Indeed,
depletion of macrophages after injury led to a transition of
endothelial to mesenchymal cells [76].

6. Experimental Mouse Models of Skeletal
Muscle Fibrosis

As it becomes increasingly accepted that fibrosis is a crucial
component in the pathogenesis of DMD, the need for
appropriate mouse models that reflect the human disease has
become more and more urgent, since disease progression
is less severe in mdx mice than in human patients. In the
mdx mouse, fibrosis develops extensively and exclusively in
the diaphragm muscle during adulthood [77], while in the
more accessible limb muscles, it requires nearly two years for
fibrosis to develop and it never reaches the severity of human
disease [17].This is despite limbmuscles showing other histo-
logical features of the human disease, such as inflammatory
infiltration, central nucleation, and both hypertrophied and
small calibre fibers. Moreover, in the mdx mouse, several
other clinical manifestations are mild in comparison to the
human disease [78].

In order to exacerbate or hasten fibrosis, different genetic
mouse models have been generated. Utrophin is a large
sarcolemmal protein with many structural and functional
features similar to dystrophin that is upregulated in mus-
cle of DMD patients and may be able to partially com-
pensate functionally for the loss of dystrophin. Transgenic
mdx/utrn+/− mice (mdx mice with haploinsufficiency of
utrophin) were generated and were found to have increased
inflammation of the hindlimb muscles at 3 and 6 months
and in the diaphragm at 3 months only [79]. However,
fibrosis was strong in the diaphragm at 6 months, but only
mild in hindlimb muscle. Wishing to explore the question
of whether differences in muscle stem cell (satellite cell)
potential between mice and humans were responsible for
the progressive DMD phenotype, Blau and collaborators
generated dystrophic mice lacking telomerase activity by
crossing C57Bl6 mdx mice with C57Bl6 mice heterozygous
for the telomerase RNA component Terc (mTR) [80]. In
addition to an enhanced fibrotic phenotype, these mice also
had several other phenotypic characteristics of human DMD
including profound loss of muscle force, endurance (per-
formance on a treadmill), increased serum creatine kinase
(CK) levels, accumulation of calcium deposits within the
muscle tissues, and a shortened lifespan [81]. Another study
explored differences between mice and humans by focusing
on sialic acid composition of glycoproteins and glycolipids.
Humans have an inactivating deletion in the CMAH (cyti-
dine monophosphate-sialic acid hydroxylase) gene, which
prevents biosynthesis of the sialic acid, N-glycolylneuraminic
acid, from all human cells, although in mice this ability
is not lost, and just as importantly, glycosylation has been
shown to be a modifier of many disease states including
mdx mice and 𝛼-sarcoglycan-deficient mice [82, 83]. Indeed,
genetically engineered CMAH/mdx mice showed increased
fibrosis, necrotic foci, and more central nucleation than mdx
mice at 6 weeks of age, whereas by 8 months of age mice
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had lost ambulation and showed reduced force production.
Studies by Ardite and colleages [17] showed that genetic loss
of the uPA inhibitor PAI-1 in mdx dystrophic mice enhanced
muscle fibrosis via several different mechanisms: firstly, it
altered collagen metabolism by uPA-mediated proteolytic
processing of TGF𝛽 in muscle fibroblasts; loss of PAI-1
also activated miR-21 expression (through a nongenomic
TGF𝛽-induced Smad activity), which in turn inhibited PTEN
(phosphatase and tensin homologue) and enhanced AKT
signaling, thereby endowing TGF𝛽 with a remarkable cell
proliferation-promoting potential on fibroblasts.

Consistent with the notion that arginine metabolism by
arginase-2 in M2 macrophages can drive fibrosis, and that
the numbers of arginase-2-expressing M2 macrophages are
elevated in themuscle and hearts of dystrophicmice, ablation
of arginase-2 inmdxmice resulted in significantly less fibrosis
in limb and diaphragm muscles [54]. Conversely, supple-
mentation of young mdx mice with L-arginine promoted a
more severe muscle fibrosis than mdx mice treated with D-
arginine confirming a role for arginase in fibrosis and disease
pathogenesis [54]. Of note, L-Arginine, but not D-arginine,
is the natural substrate for nitric oxide synthase (NOS).Thus,
caution needs to be taken sincemanyDMDpatients are often
given arginine supplements, and more studies need to be
undertaken to analyze its impact on disease.

A study by Fukada et al. showed that mice in the
DBA/2 background exhibit a poor regeneration process
after repeated injury. Furthermore, mdx mice in the DBA/2
background (D2-mdx) show severe loss of skeletal muscle
weight and higher muscle weakness, while fibrosis and fat
accumulation are greatly increased in comparison with mdx
mice in the C57Bl10 background [84].

Nevertheless, neither of these mdxmouse models mimics
precisely the pathophysiology of human dystrophic disease,
and this is one of the reasons why it is difficult to study
therapies to stop the progression of fibrosis in DMD.

In addition to genetic models, the drive to overcome our
poor understanding of the molecular mechanisms underly-
ing fibrogenesis in DMD has prompted the development of
new experimental procedures that can be used to efficiently
boost or advance fibrosis in young mdx mice in both
hindlimbs without having to wait for its natural physiological
onset.

Mechanical muscle injury by daily repeated micromul-
tipunctures for 14 days has been demonstrated to trigger
fibrotic lesions in mdx hindlimb muscles that consequently
display a similar pattern to diaphragm muscles [85]. In this
model, punctures are performed randomly on the whole
tibialis anterior muscle surface. In contrast to toxin injection,
which triggers whole muscle damage, the micropins induced
several local myofiber injuries that, when repeated daily,
trigger chronic injury. Amore physiologicalmethod has been
to use exercise training, which is known to exacerbate the
process of muscle degeneration/regeneration by increasing
fiber necrosis and amplifying inflammatory reactions [86].
After one month of training, fibrogenesis is induced in
hindlimb muscles and is further aggravated by a prolonged
exercise regime. Alternative and faster ways to trigger fibrosis
in the limb muscle of mdx mice are based on surgical and

chemical damage, such as laceration or denervation. Lacera-
tion consists in a deep cut across themuscle [87] which causes
a delay in the healing process, while the denervation model
involves severing the sciatic nerve, thus causing atrophy of the
denervated myofibers [88]. These are two powerful methods
for inducing sustained fibrosis, the disadvantage being the
limited area of the muscle affected and thus available for
sampling, or the number of muscles affected, respectively.

7. Treatment of Fibrosis and Clinical
Perspectives for DMD

Fibrosis development is a consequence of the chronic degen-
eration and impaired regeneration of dystrophic muscle,
which is itself caused by loss of the dystrophin gene.While the
core aimof gene or cell therapy remains to replace themissing
gene and thereby cure the disease at the roots by targeting the
cause ofmuscle degeneration, preventing fibrosis progression
should be considered an adjunct therapy for several reasons.
Firstly, fibrosis developmentmaynegatively interferewith cell
and gene therapies by reducing the amount of target tissue
available for repair. Secondly, preventing fibrosis can also
potentially improve quality of life and lifespan of dystrophic
patients on its own. Several pharmacological treatments
targeting fibrotic cells or molecules are currently being tested
and some are showing promising effects in human and animal
models [89].

One of the signaling pathways involved in fibrosis devel-
opment is the RAS system (as discussed above). Several com-
ponents of this system have been used as targets to decrease
dystrophic muscle fibrosis in animal models. Administration
of the angiotensin 2 type 1 receptor antagonist losartan, which
is commonly used to treat high blood pressure, has been
shown to improve muscle strength and ameliorate fibrosis
in dy(2J)/dy(2J) mice with laminin-𝛼2-deficient congenital
muscular dystrophy [90]. Other studies have also shown
improved muscle function and diminished fibrosis in mice
following losartan treatment associated with cardiotoxin
injury and hindlimb immobilization-induced sarcopenia
[91], decreased muscle fibrosis after laceration [92], and
decreased cardiac fibrosis in mdx mice [93].

Other molecules target the RAS by inhibiting ACE. For
example, lisinopril is an ACE-inhibitor that has been shown
to preserve cardiac and skeletal muscle integrity in mdx mice
[94]. Indeed, because of the positive preclinical effects shown
for losartan and lisinopril, a recent double-blind randomized
clinical trial was commenced to compare lisinopril versus
losartan for the treatment of cardiomyopathy in human
DMD patients [95]. Both drugs have already been shown
to be effective for the treatment of dilated cardiomyopathy.
Similarly to lisinopril, administration of the ACE inhibitor
enalapril to mdx mice was shown to decrease skeletal muscle
fibrosis [35]. Interestingly, treatment of mdx mice with the
peptide angiotensin-1–7 (Ang 1–7) had the opposite effect to
that of angiotensin 2, in that it improved muscle fibrosis by
inhibiting TGF𝛽 signaling and concomitantly decreasing the
number of fibroblasts [40]. Taken together, these findings
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suggest that targeting the RAS may be a promising way to
delay fibrosis progression in DMD.

Targeting profibrotic growth factors or cytokines to
slowdown fibrosis development has also showed promising
results. Administration of the antibody FG-3019, which
neutralizes CTGF, or the administration of an anti-TGF𝛽
neutralizing antibody improves the phenotype of mdx mice
by delaying fibrosis development [96]. However, as TGF𝛽
and CTGF are pleiotropic, molecules, targeting them often
induces undesired side effects such as increasing the amount
of proinflammatory CD4+T cells infiltrating themuscle [96].

Imatinib is an inhibitor of tyrosine kinase receptors,
including PDGFR𝛼, which was used originally for human
cancer therapy. It has been shown that its administration is
beneficial for muscular dystrophy in mdx mice [97]. Inter-
estingly, imatinib appears to target specifically mesenchymal
progenitors by inhibiting both their proliferation and expres-
sion of fibrosismarkers in vitro [98]. Othermolecules, known
to have anti-inflammatory effects, have also shown beneficial
effects by delaying fibrosis progression in mdx muscle,
including halofuginone, a synthetic halogenated derivative of
the naturally occurring molecule febrifugine [99]. Halofug-
inone was shown to greatly improve muscle histopathology
and fibrosis in a model of dysferlin deficient mice [100].
Interestingly, halofuginone is known to inhibit specifically
Th17 cell differentiation [101], suggesting that this molecule
might act by modulating inflammation in the dystrophic
muscle. Indeed, a recently concluded clinical trial (reference
NCT01847573, http://clinicaltrials.gov/show/NCT01847573)
has assessed the safety and tolerability of halofuginone in
DMD patients, but no data on efficacy will be available for
some time. However, despite several drugs showing promise
in animal models, few have currently progressed to clinical
trials in DMD patients.

8. Concluding Remarks and Perspectives

Fibrosis is an excessive deposition of ECM components that
sometimes occurs as a result of dysregulated or chronic
damage and repair processes. Human DMD patients have
characteristic signs of muscle necrosis and repair with persis-
tent fibrosis in muscles at young age, which play a significant
role in the progressive nature of the disease and the reduced
life expectancy. However, the mdx mouse model of DMD
does not normally develop fibrosis extensively in the limbs,
particularly at young age, and has several other differences
from the human disease. Here we have reviewed some of
the recent literature that has tried to bridge this species
difference in order to develop better models to study the
human condition, to improve existing treatments, and to
open the door for new ones. Recent animal models have
been shown to be better tools for unraveling the roles of new
cell mediators in repair and fibrosis, including inflammatory
and mesenchymal cell subpopulations, but the identity of a
real ECM-producing cell in skeletal muscle remains elusive.
Moreover, cell sorting techniques in mice are often compli-
cated to reproduce in human patients due to differences in
cell surfacemarkers and the unavailability of sufficient sample

material to extract significant numbers of cells. Advances
have been made in the identification of new growth factors
and cytokines and their downstream signaling components,
which are also important targets for ameliorating fibrosis. As
well as new advances in targeting TGF𝛽 with antibodies, the
more recent implication of the RAS system in fibrosis may
also prove important mechanisms as there are already many
approved drugs on the market that are able to modulate this
system and potentially produce beneficial effects. However,
despite all the promises shown in treating mice, there have
been few clinical trials to date. While this is frustrating to
patients and families, there is also a need for caution in
advancing too quickly since there are still many unknowns
and many clear differences in muscle pathology and fibrosis
development between human DMD patients and mdx mice
that may respond unexpectedly to treatment. Nonetheless,
these differences are growing smaller as new animal models
and new molecular tools are developed.

Conflict of Interests

The authors declare that they have no conflict of interests
regarding the publication of this paper.

Acknowledgments

The authors thank C. Mann and the members of the Cell
Biology Group for their helpful discussions and acknowl-
edge funding from MINECO-Spain (SAF2012-38547, FIS-
PS09/01267, FIS-PI13/025, and PLE2009-0124), AFM, E-Rare,
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Cancer cachexia, consisting of significant skeletal muscle wasting independent of nutritional intake, is a major concern for patients
with solid tumors that affects surgical, therapeutic, and quality of life outcomes. This review summarizes the clinical implications,
background of inflammatory cytokines, and the origin and sources of procachectic factors including TNF-𝛼, IL-6, IL-1, INF-𝛾, and
PIF. Molecular mechanisms and pathways are described to elucidate the link between the immune response caused by the presence
of the tumor and the final result of skeletal muscle wasting.

1. Clinical Significance of Cancer Cachexia

Cachexia associated with cancer leading to skeletal muscle
wasting is a major cause of morbidity associated with numer-
ous types of cancer. Varying definitions have been proposed
to classify cachexia, but the central components include
ongoing loss of musclemass due to a negative protein balance
[1–3]. Greater than 50% of patients with cancer have cachexia
at the time of death, and more than 30% of patients die due
to cachexia [4]. This has been shown to become increasingly
worse as the cancer progresses, eventually reaching a limit
with low likelihood of reversal [5]. Emerging evidence shows
that skeletal muscle depletion in cancer patients is a powerful
predictor of a worse overall prognosis across varying cancer
etiologies [6–9].

Muscle atrophy/wasting, often used as a clinical marker
of cachexia, has been shown to affect outcomes in patients
undergoing surgery. The University of Michigan Analytical
Morphomics Group has published their findings on the
relationship between lean muscle mass and postoperative
mortality in patients undergoing any major elective surgery
(an increase in mortality by 45% for each 1000mm2 decrease
in lean core muscle area) [9] which they found to be more

predictive than chronological age [10]. This same pattern
held true for patients with adrenocortical carcinoma [11]
and melanoma [12]. The measurements for lean muscle mass
were determined by measuring the cross-sectional area and
Hounsfield units of the psoas muscle at the level of the fourth
lumbar vertebra and excluding fatty infiltration.

Patients with operable cancer are greatly impacted by the
presence of cachexia.Thismay be due to the fact that cachexia
indicates a more advanced stage of tumor [13] or simply
that the patient is overall frailer. In a study examining 557
patients undergoing pancreas resection for adenocarcinoma,
Peng et al. found that muscle wasting was an independent
factor associated with an increased risk of death at three
years (HR = 1.63; 𝑃 < 0.001) [14]. A similar finding was
noted for patients undergoing hepatectomy for hepatocellular
carcinoma (HR = 0.92; 𝑃 = 0.004) [15]. Decreased muscle
densitywas associatedwith an increased rate of complications
but not overall outcomes for colon cancer in another study
[16].

Not only are overall survival and surgical outcomes
affected by cachexia but also quality of life. Several studies
have shown that cachexia itself contributes to lower scores
more so than tumor location, duration, or stage [17, 18].
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Outward effects of cachexia include a decrease in physical
activity and the ability to perform activities of daily living,
which may play a role in a person’s psychological well-
being. These factors in turn lead to a lower performance
status, negatively impacting the ability and availability of
chemotherapeutic agents [18–22].

The theory of the origin of cancer cachexia is rooted in
systemic inflammation and not solely reduction of nutritional
intake [23], a reason why cachexia is now distinguished
from anorexia (see below). Several easily identifiable factors
have been studied in an attempt to quantify the degree of
inflammation and use that data to predict outcomes or guide
treatment. Elevated neutrophil : lymphocyte ratio (NLR) and
C-reactive protein have been associated with low skeletal
muscle mass [24] and early detection of cancer cachexia [25,
26]. NLR has been shown to predict outcomes in numerous
types of solid [27–32]. Another scoring system, the modified
Glasgow Prognostic Score, is based on C-reactive protein and
albumin levels [33].This has been shown to predict outcomes
in patients with biliary [34], colorectal [35], prostate [36], and
other tumors [37].

The effect of trying to reduce cachexia by avoiding bed
rest and stimulating muscle exercise has met with limited
results. A review by Stene and colleagues [38] summarized
results from several randomized controlled trials examining
cancer cachexia. They found that physical exercise may lead
to reduced fatigue, improved quality of life, and decreased
adverse effects, but further studies are needed to identify if
there is any survival advantage, particularly inmore advanced
cancer stages.

2. Background of Inflammatory Cytokines

The clinical significance of cancer cachexia has been realized
for some time. The imbalance between adequate caloric
intake and total body energy expenditure has been the subject
of research for several decades. Previous work has focused on
the role of cytokines such as tumor necrosis factor-𝛼 (TNF-
𝛼), interleukins 1 and 6 (IL-1, IL-6), and interferon gamma
(INF-𝛾).

A review article by Tisdale published in 1997 summarized
the current literature at that time [39]. Cancer cachexia
was noted to be different from simple starvation which
strives to conservemuscle mass. In cancer cachexia, however,
this conservation mechanism is missing, such that there
is equal loss of adipose and muscular tissue. This finding
highlights the fact that anorexia alone is not sufficient cause
for cachexia, and, in fact, does not always precede it [40], nor
is cachexia alleviated by the supplementation of intravenous
hyperalimentation [41].

Probably more influential in the development of cachexia
is the increase in energy expenditure due to an elevated
basal metabolic rate [39]. This is associated with an elevated
adrenergic state [42] and appears to be similar across tumor
types. Many solid tumors have also been shown to have sig-
nificantly elevated rates of carbohydrate metabolism [43, 44].
This increase in glucose utilization by the tumor translates

into a lower supply for the host tissue. The primary site of
lean body mass depletion is the skeletal muscle and this
is due to an increased rate of protein turnover without an
appropriately significant increase in protein synthesis [45].
The pathway regulating protein breakdown is the adenosine
triphosphate- (ATP-) ubiquitin-dependent pathway.This has
been shown to be upregulated in cancer cachexia [46] and the
ATP-ubiquitin-dependent pathway appears to play a major
role in cancer cachexia in weight loss up to 20% [47].

These responses are controlled, at least in part, by a variety
of cytokines. TNF-𝛼was initially thought to play a direct role
in cachexia by inhibiting lipoprotein lipase and enhancing
the protein degradation.Thedirect correlation betweenTNF-
𝛼 levels and the degree of cachexia has been more difficult
to prove, however [39]. Similarly, IL-1 has demonstrated
some role in the cachexia pathway, but a direct mechanism
for controlling tissue wasting has not been proven [39].
Increasing the levels of IL-6 has been shown to correlate with
development of cachexia in certain mouse models [48, 49].
Treatments designed to bind to IL-6 and inhibit its effect have
demonstrated improvement in cachexia [50, 51].These results
have also been demonstrated in human patients [52]. Studies
have shown INF-𝛾 to have similar properties to TNF-𝛼 in
reducing body fat, but without an effect on total body protein
[39]. Again, no associationwith the human clinical syndrome
of cancer cachexia has been clearly elucidated.

The ubiquitin pathway is also regulated by a high affinity
activin type 2 receptor (ActRIIB) [53]. Zhou et al. found
that blockade of this pathway could reverse muscle loss and
also led to prolonged survival in mice models of cancer
cachexia. Interestingly, this reversal was not accompanied
by a reduction in circulating levels of proinflammatory
cytokines [53].

In a review by Argiles and Lopez-Soriano, cytokines are
separated according to their function as either procachectic
factors or anticachectic factors in order to further define
their roles [54]. The procachectic factors include those
mentioned above, which act by promoting tissue wasting.
The anticachectic factors act in opposition by attempting to
stabilize this breakdown. These factors include IL-4, IL-10,
IL-12, IL-15, INF-𝛼, and insulin-like growth factor I (IGF-I).
These cytokines have been shown to ameliorate the effects
of the procachectic factors to varying degrees, mostly in
mouse models [54]. Clearly a balance must exist, and both
procachectic and anticachectic factors are targets for clinical
therapies.

3. Origins of Cachexia Mediators

Once the presence and function of cytokines in the patho-
genesis of cachexia has been established, the origin and
sources must be identified. Previous theories of the origin of
cytokines have included the tumor itself versus the native host
tissue [55].

Evidence for the release of cytokines from native host
tissue is found in the presence of a persistent inflammatory
response,mediated byThelper 1 (Th1) cells [55].Thepresence
of the tumor itself causes the body to produce an acute phase
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response [56]. A review by de Visser and Coussens described
how the body’s innate immune system involves an increase in
the local concentration ofmast cells andmacrophages leading
to angiogenesis and tumor growth [57]. Mouse models of
epithelial carcinogenesis have demonstrated that the absence
of mast cells or the inability to recruit additional immune
cells prohibits malignant transformation [58]. Macrophages
appear to be the source of some of the principal mediators
of cachexia, such as TNF-𝛼 or IL-1 [59]. Intriguingly, chronic
inflammation may be associated with compromised immune
function, such as an impaired T-cell response, via various
inflammatory proteins, including sIL-2R, VEGF, and IL-17
[60], thus creating an environment even more permissive to
tumor survival.

Certain myeloid immune suppressor cells have been
found to promote tumor angiogenesis by the production of
matrix metalloproteinase 9 (MMP-9) [61].These factors even
suggest that the presence of host immune cells is required for
promoting neoplastic events [57]. Tumor infiltrating inflam-
matory cells also regulate angiogenesis as well as producing
extracellular proteases that serve to remodel the extracellular
environment allowing tumor potentiation and possibly even
metastases [57, 62]. The authors make note that expression
of MMP-9 primarily derives from host immune cells such
as neutrophils, macrophages, and mast cells, as opposed to
tumor cells [62].

One study found that a population of myeloid-derived
suppressor cells grows dramatically within tumors, produc-
ing inappropriate quantities of inflammatory cytokines [63].
This increase was noted to be associated with cachexia.These
cells and others of the innate immune system respond to
tumors by producing TNF-𝛼, IL-1𝛽, IL-6, and INF-𝛾 in an
effort to stimulate the host’s immune response and overcome
any offending pathogens. As the cancer persists, however, the
ongoing high inflammatory state begins to have ill effects
towards the host, as well.

The specific role of IL-6 in cancer associated cachexia and
skeletal muscle wasting has been identified [64]. In a study
by White and colleagues, 𝐴𝑝𝑐Min /+ and wild type mice on
a C57Bl/6 background were used to examine the effect of
treatment with an IL-6 receptor antibody after the onset of
cachexia as well as the effects of exercise [65].They found that
mitochondrial biogenesis was disrupted early in the develop-
ment of cachexia, which could be rescued by administration
of an IL-6 receptor antibody as well as exercise.Which factors
downstream of IL-6mediate effects on cachexia are still being
elucidated but likely involve the transcription factor STAT3,
which we describe in more detail below.

Tumor specific factors include proteolysis inducing factor
(PIF) and lipidmobilizing factor (LMF), which serve to direct
breakdown proteins and fat [55]. Increased concentrations of
PIF have been identified in murine models consistent, and
almost exclusively, with cancer cachexia [66] likely through
the ATP-ubiquitin-dependent pathway [67]. In a study exam-
ining a human homologue of PIF, however, although elevated
levels were noted in the presence of tumor, this alone was not
enough to induce cachexia [68]. Another study found that

PIF was expressed in patients with gastrointestinal tumors
and that this expression correlated with weight loss [69].

The specific role of the tumor versus the host response
is not always clearly delineated. Procachexia cytokines might
be produced by the tumor as well as the host, whereas
PIF appears to be produced exclusively by tumors [70]. In
addition, PIF and TNF-𝛼 appear to induce muscle cachexia
through a similar pathway, by activating the nuclear factor
kappa B (NF-𝜅B) transcription factor [71, 72]. Activation
of this factor causes translocation to the nucleus where it
binds to specific promoter regions, regulating the expression
of proinflammatory cytokines [55] as well as the ubiquitin-
proteasome pathway. Another pathway responsive to inflam-
mation that was recently implemented in regulation of
the ubiquitin-proteasome system is the CCAAT/enhancer
binding protein beta (C/EBP𝛽) transcription factor whose
activation depends on p38 MAP kinase.

Although PIF appears to clearly contribute to skeletal
muscle loss in cancer cachexia, no other purely tumoral
factor appears to have the same potential [70]. Therefore, the
majority of mediators are due to the host’s systemic response.

Another pathway that may contribute to cancer cachexia
is autophagic degradation. The host’s natural autophagic-
lysosomal proteolysis may be altered in various pathologic
states. In a study byMizushima et al. autophagywas enhanced
in skeletal muscle during the first 24 hours of starvation
and sustained [73]. A direct link has also recently been
described in cancer cachexia models, which showed that
increased autophagic-lysosomal degradation is induced in
cancer associated muscle atrophy and likely involves separate
pathways from those involved in noncancer muscle wasting
[74]. The FoxO transcription factors have been shown to
function as strong transcriptional drivers of autophagic genes
in response to cachectic factors [75].

4. Genetic Response to Cytokine Stimulation:
STAT3 and Pax7

As described above, cytokines are important not only to
establish tumor-host interaction and deregulate inflamma-
tory response to tumor burden but also as mediators of mus-
cle wasting by directly targeting muscle tissue. To this regard,
cachexia appears to be a genetically regulated response,
dependent on a specific subset of genes, which control a
highly regulated process of muscle protein degradation [76].
Bonetto et al. described the process by which STAT3 is acti-
vated leading to an upregulation of the acute phase response
[77]. IL-6 binds to the IL-6 reception 𝛼-chain, which causes
dimerization and activation of associated Janus kinases. Two
pathways are then activated, the STAT3 and the mitogen-
activated protein kinase (MAPK/ERK) cascade. STAT3 then
causes further dimerization and nuclear translocation and
ultimately modulation of gene expression of the acute phase
response. In their study, Bonetto et al. implanted colon-26
adenocarcinoma cells into Balb/c or CD2F1 mice. Mice were
sacrificed after 19 and 24 days (10 and 15% weight loss, resp.)
reflecting moderate and severe cachexia. Significant STAT3
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activity was noted in gastrocnemius and quadriceps muscles.
Mice were then injected with a recombinant adenovirus
that constitutively expressed STAT3 and found significant
elevation of fibrinogen levels, indicating that IL-6 activation
of STAT3 is a potent stimulator of the acute phase response
that leads to significant cachexia. It is worth noting that the
authors found a low level of suppressor of cytokine signaling-
3 (SOCS3) in this tumor model, which normally serves to
inhibit STAT3 and self-regulate the duration of activation.
This could explain how cachexia continues to persist despite
clearly deleterious effects on the host.

STAT3 activation is not isolated to the IL-6 pathway,
however. PIF has also been shown to activate STAT3 in
hepatic cells, which also increases the production of proin-
flammatory cytokines leading to cachexia [78]. PIF has no
other known function other than muscle degradation, but
the authors theorize that its function could be critical during
embryogenesis. Expression peaks during skeletal muscle and
liver development in the developing fetus.

We and others have reported the observation of a massive
upregulation of the muscle stem cell specification gene Pax7
in experimental models of cancer cachexia [79, 80]. Penna
et al. inoculated Balb-c mice with colon-26 undifferentiated
carcinoma. One group of mice was then injected with the
MEK inhibitor PD98059. The mice were allowed free access
to food and were sacrificed after 13 days. Significant muscle
and body weight loss were observed, as was marked the
phosphorylation of ERK, a mitogen activated protein kinase.
Evidence for impaired myogenesis was noted in the tumor-
bearing mice as evidenced by increased levels of Pax7. The
degree of muscle wasting and Pax7 concentration were
ameliorated by the injection of the MEK inhibitor PD98059,
via inhibition of ERK.These findings supported the idea that
satellite cells accumulate in muscle due to overproduction or
impaired differentiation, leading to cachexia [79]. Similarly,
elevated levels of Pax7 were found in skeletal muscle samples
from patients with pancreatic cancer demonstrating cachexia
[80]. This overexpression was shown to cause significant
muscle atrophy due a block in the differentiation of muscle
progenitor cells responding to injury signals emanating from
the tumor. We found that the decreased levels of Pax7 could
reverse the effects and allowed progenitor cells to differentiate
and myofibers to be repaired [80]. Yet to be identified factors
present in the serum of tumor-bearing mice are responsible
for Pax7 upregulation and block of myogenic potential in
muscle stem cells, a capacity not fully recapitulated by admin-
istration of specific, albeit important, recombinant cytokines,
such as TNF-alpha [80]. This study not only pointed out
for the first time the involvement of muscle stem cells in
muscle wasting that does not merely consist of muscle fiber
atrophy but also demonstrated that circulating factors have
multiple targets in muscle and further extend their role in
muscle homeostasis. Intriguingly, NF-𝜅B was known for its
role in response to inflammatory cytokines inmany cell types
includingmuscle [81, 82] andwas previously demonstrated to
be sufficient to trigger muscle atrophy [83, 84].

5. Clinical Trials

Several trials have been performed to identify the physiologic
and clinical results of anticachexia treatment modalities in
patients with advanced cancer. MacCiò et al. treated patients
who had gynecological cancers with megestrol acetate plus
l-carnitine, a COX-2 inhibitor (celecoxib), and antioxidants
versus just megestrol acetate alone [85]. The combination
treatment resulted in improvements in lean body mass,
resting energy expenditure, fatigue, and quality of life. Proin-
flammatory cytokines and oxidative stress markers including
IL-6, TNF-𝛼, CRP, and reactive oxygen species (ROS) were
decreased in the combination arm but were unchanged in the
megestrol acetate alone arm.

A phase I/II study compared etanercept (an TNF-𝛼
blocker) with gemcitabine versus gemcitabine alone for
treatment of patients with advanced pancreatic cancer [86].
Some clinical benefit was identified and was associated with
IL-10 levels but did not show significant improvement in 6-
month progression free survival compared to gemcitabine
alone.

Similarly, a phase II trial compared the efficacy and
safety of celecoxib on cancer cachexia [87]. All patients
had advanced cancer of varying tumor sites. TNF-𝛼 levels
were shown to decrease in the majority, and patients had a
corresponding increase in lean body mass. However, changes
in IL-6 levels were not significantly different after treatment.

6. Conclusions

Cancer cachexia is a very prevalent and debilitating aspect
of solid tumors. In addition to predicting an overall worse
prognosis, cachexia significantly decreases a patient’s quality
of life. Surgical outcomes are worsened, chemotherapeutics
agents are limited, and daily activities are hindered.

The pathogenesis of cancer cachexia is highly dependent
on the patient’s immune response. Inflammatory cytokines,
procachectic factors, induce muscle degradation even in the
face of adequate nutrition. These cytokines are produced
by the host in response to the tumor, as well as from
tumor factors themselves. IL-6, TNF-𝛼, and PIF are major
contributors to the syndrome of muscle wasting.

The common pathway for muscle degradation involves
the ubiquitin-proteasome pathway. Upstream activation is
performed primarily through the NF-𝜅B and STAT3 path-
ways, making them targets for potential interventions.

More research is essential to further elucidate and halt the
dangerous progression of skeletal muscle breakdown in the
face of solid tumors.
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Macrophages are one of the first barriers of host defence against pathogens. Beyond their role in innate immunity, macrophages
play increasingly defined roles in orchestrating the healing of various injured tissues. Perturbations of macrophage function
and/or activation may result in impaired regeneration and fibrosis deposition as described in several chronic pathological diseases.
Heterogeneity and plasticity have been demonstrated to be hallmarks of macrophages. In response to environmental cues they
display a proinflammatory (M1) or an alternative anti-inflammatory (M2) phenotype. A lot of evidence demonstrated that after
acute injury M1 macrophages infiltrate early to promote the clearance of necrotic debris, whereas M2 macrophages appear later to
sustain tissue healing. Whether the sequential presence of two different macrophage populations results from a dynamic shift in
macrophage polarization or from the recruitment of new circulating monocytes is a subject of ongoing debate. In this paper, we
discuss the current available information about the role that different phenotypes of macrophages plays after injury and during the
remodelling phase in different tissue types, with particular attention to the skeletal muscle.

1. Role of Macrophages in Inflammation
Resolution and Tissue Remodelling

Macrophages are essential for the efficient healing of numer-
ous tissues. They contribute to homeostatic tissue remod-
elling during foetal life [1, 2] and in several tissues in the adult.
The healing process consists of overlapping phases of inflam-
mation, tissue formation, and remodelling with reorganiza-
tion of vasculature and extracellular matrix. Macrophages
participate in all the different phases of tissue repair: they
can promote phagocytosis of cellular debris and apoptotic
neutrophils and produce cytokines that may help orches-
trate the healing response. However, due to the release of
proinflammatory cytokines and cytotoxic radical species,
uncontrolled activity of macrophages may also be detri-
mental to tissue repair. Indeed, several human diseases are
characterized by attenuated repair responses and imbalances
in the inflammatory response with increased number of

infiltrating macrophages [3–5]. Heterogeneity and plasticity
of macrophages could explain these apparently contrasting
roles in tissue healing. All macrophages express common
markers such as CD11b (Mac1 or CR3), CD68, and CD115
(M-CSF receptor). However, at least two distinct macrophage
populations have been identified: the classically activated M1
phenotype and the alternative activated M2 phenotype [6].
Classically activated M1 macrophages are induced in vitro by
IFN𝛾, alone or in concert with microbial stimuli (e.g., LPS)
or selected cytokines (e.g., TNF and GM-CSF). They have
proinflammatory functions: they produce effector molecules
(reactive oxygen and nitrogen intermediates) and inflamma-
tory cytokines (IL-1𝛽, TNF𝛼, and IL-6) and participate as
inducer and effector cells in polarized Th1 responses. Alter-
natively activated M2 macrophages comprise cells exposed
to low concentrations of M-CSF in the presence of IL-4,
IL-13, or IL-10. They participate in polarized Th2 reactions,
parasite clearance, damping of inflammation, and promotion
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of angiogenesis and tissue remodelling [7, 8]. In vivo, the
identification of macrophage phenotype is complicated since
macrophages are obviously exposed to a microenvironment
that is more complex respect to cell culture conditions, and
they display characteristics that do not conform to the in
vitro defined phenotypic categories. Therefore, the in vivo
classification of macrophages in two polarized states (M1
versus M2) sounds as an oversimplification. Therefore, in
the last years characterization of macrophage phenotype
in vivo during tissue repair has been a matter of active
investigation. Macrophage activation has been described
as a dynamic process: the same cell may initially induce
proinflammatory and cytotoxic reactions and later may take
part in the resolution of inflammation and wound healing
[9]. A common scenario is emerging, in which soon after
injury infiltrating macrophages are mainly proinflammatory
M1 macrophages, whereas M2 macrophages are the primary
effectors of later stages of tissue repair or remodelling phases
[10–12]. Recent evidence has also shed light on the functional
cross-talk between macrophages and stem/progenitor cells,
which may contribute to repair and remodelling in different
tissue/organs [13–15].

Specific examples of the origin and functions of
macrophages during healing of various tissues are illustrated
below, with particular emphasis on skeletal muscle.

Macrophages play a crucial role in the restoration of
skin integrity and homeostasis and exert distinct functions
during the multiple phases of skin repair, despite the under-
lying molecular mechanisms remaining partially unclear
[16, 17]. Transgenic mice that express the human diphthe-
ria toxin receptor (DTR) under the control of the CD11b
promoter have been shown to allow a conditional depletion
of macrophages [18]. Using these transgenic mice, Mirza et
al. demonstrated that macrophage depletion during wound
healing leads to delayed reepithelialization, reduced collagen
deposition, impaired angiogenesis, and finally wound closure
[17]. Interestingly, Lucas et al. showed that during the early
phases of skin repair, infiltrating macrophages are alterna-
tively activated and express high levels of growth factors,
VEGF𝛼 and TGF𝛽, which contribute, respectively, to wound
angiogenesis and myofibroblast differentiation [16]. During
the midstage of the skin repair response, macrophages still
express VEGF𝛼 and TGF𝛽 but to a lesser extent and they
are crucial for vessels stabilization and scar formation. More
recently, TGF𝛽 has been described to regulate wound heal-
ing through TLR4 receptor. Indeed, TLR4−/− mice display
impaired skin wound healing with decreased macrophage
infiltration and reduced levels of TGF𝛽 [19].

Dynamic changes in monocyte/macrophage phenotype
have been described also in a model of myocardial injury.
Macrophages have been suggested to be beneficial for
myocardial woundhealing.Optimumoutcome ofmyocardial
injury is strictly related to the balance between debris clear-
ance and myocardial extracellular matrix repair. Liposome-
mediated depletion of infiltratingmacrophages after myocar-
dial injury results in persistence of cellular debris, impaired
vascularization, and myofibroblast infiltration and ultimately
leads to ineffective scar formation. After injury, macrophage-
depleted mice display cardiac complications and ultimately

a significant decreased survival [20]. Two different kinds of
monocyte/macrophages populations have been suggested to
infiltrate the heart after injury: Ly-6Chigh proinflammatory
monocytes firstly arrive via CCR2 receptor and scavenge
necrotic debris; subsequently Ly-6Clow preferentially accu-
mulate and promote an anti-inflammatory response and
granulation tissue formation [21]. Similar kinetics of mono-
cyte infiltration has been observed also in patients with acute
myocardial infarction [22]. Moreover, microarray analyses
on RNA of macrophages isolated from infarcted tissues
confirmed the expression of proinflammatory (M1) markers
in the tissue early after injury and of alternative activated
(M2) macrophage markers later during scar tissue formation
[23].

The plasticity of macrophages has been reported to play
a role also in parenchymal organ diseases, such as liver or
lung fibrosis. Liver fibrosis is a common consequence of
chronic liver disease and current evidence suggests that this
process is mainly driven by a local inflammatory response
[24, 25]. Experimental models of liver fibrosis highlight the
importance of hepatic resident macrophages, the Kupffer
cells, for sustaining inflammation as well as activating the
hepatic stem cells (HSC) [26]. However, fibrosis largely
depends on recruitment of monocytes into the liver [18,
27]. In a reversible model of liver fibrosis two functionally
distinct types of macrophages have been demonstrated to
regulate the outcome of the fibrotic response [18]: during
the injury phase, infiltrating macrophages promote myofi-
broblast proliferation and matrix deposition by secreting
high amounts of TGF𝛽 and TNF𝛼, whereas during the
recovery phase they sustain matrix degradation, probably
by releasing MMP13 [28]. Profibrogenic macrophages have
been shown to derive mainly from circulating Ly-6Chigh

proinflammatorymonocytes, whichmassively invade injured
liver via the CCR2 receptor both in mice and in humans
[29–31]. Similarly, a critical role of macrophages in regulating
lung fibrosis has been recently described. Evidence supports
the involvement of alternative activated macrophages (M2)
in lung fibrotic response via secretion of TGF𝛽 [32]. These
results were corroborated by recent observational studies in
humans which highlight the presence of M2 macrophages
markers in lung diseases: CD163, CCL18, CCL22, and CD206
[33, 34].

2. A Case for Macrophages in Acute and
Chronic Muscle Damages

The plasticity of macrophages in response to environmental
cues has been largely investigated in the skeletal muscle [35–
37]. Muscle inflammation is a common physiologic response
to exercise and a typical feature of acute and chronic muscle
damages. Muscle regeneration and healing after damage
mainly depend upon quiescent muscle stem cells, the satellite
cells, localized between the basal lamina and the muscle fiber
membrane [38]. Upon muscle injury, satellite cells activate,
start proliferating, and, subsequently, differentiating into new
myotubes that replace damaged muscle [39, 40]. Beside
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satellite cells, the inflammatory cells that infiltrate the injured
muscle deeply influence the outcome of muscle regeneration.

2.1. Acute Muscle Injury and Macrophage Activation. Skeletal
muscle sterile injury triggers a potent inflammatory response
characterized by a rapid and sequential invasion of leukocyte
populations that persist during muscle repair, regeneration,
and growth. The regeneration process includes an initial
proinflammatory phase characterized by release of cytokines
and chemokines which promote infiltration of immune cells
to the site of damage in order to remove cellular debris [41].

Neutrophils are the first leukocyte population in damaged
tissue. They appear within 2 h of muscle damage, reaching a
maximum in concentration between 6 and 24 h postinjury
and then rapidly decreasing. The actual role of neutrophils
in damaged skeletal muscle is still debated. They release
molecules (proteolytic enzymes, oxygen-derived reactive
species) that may contribute to muscle membrane lysis and,
therefore, to damage extension [42]. However, neutrophils
have also been suggested to facilitate muscle regeneration
by removing tissue debris from the injured area as well as
by activating satellite cells [43]. Recent results indicated that
the supportive and/or deleterious effects of neutrophils on
skeletal muscle might rely on the degree of their activation.
Indeed, during modified mechanical loading, neutrophils
are efficiently eliminated with no significant muscle fiber
injury. Conversely, the presence of microbial products leads
to significant neutrophil infiltration andmuscle fiber damage
[44].

Shortly after neutrophil invasion, macrophages begin
to accumulate and, subsequently, become the dominant
leukocyte population [45, 46]. They are mainly derived from
blood monocytes that have crossed the vessel endothelial
barrier to reach the tissue [47]. Macrophages are professional
scavengers of apoptotic cells and debris and produce a pattern
of signals involved in myogenic precursors activation, matrix
remodelling, and neovessel formation [48, 49]. In vivo studies
have unequivocally shown that macrophages play a pivotal
role in the muscle repair process [15, 50–54]. Indeed, data
from several models of muscle injury (hindlimb ischemia,
freeze-injury, unloading/reloading sequences, and myotoxic
agent injections) indicate that impairment of macrophage
recruitment in injured muscle results in delayed tissue regen-
eration in terms of appearance of regenerating centronucle-
ated myofibers and persistence of intramuscular adipocytes
and fibrosis [55]. More recently, other cell types, including
eosinophils andfibroadipogenic precursors, have been shown
to contribute to the rapid clearance of necrotic debris and,
subsequently, proper muscle regeneration [56].

During the early stages of acute muscle injury, infil-
trating and muscle-resident macrophages associated with
the epimisyal and perimysial connective tissue contribute
in locally attracting monocytes from the blood by secret-
ing chemokines, such as MCP1/CCL2 [57]. Indeed, the
expression of MCP1/CCL2 receptor (CCR2) on bone mar-
row derived cells is critical for normal skeletal muscle
regeneration. Mice defective for CCR2 (CCR2−/−) display
severe impairments in macrophage recruitment and skeletal

muscle regeneration following cardiotoxin (CTX)-induced
injury [58]. Interestingly, MCP1−/− mice exhibit an inter-
mediate phenotype compared with CCR2−/− mice in terms
of macrophage recruitment to the site of injury, resolution
of necrosis, and muscle regeneration, thus suggesting that
other chemokines, in addition to MCP1, may activate CCR2-
dependent regenerative processes [59]. Similarly, CXCL16 has
also been shown to regulate monocyte/macrophage entry
into the injured muscle [60]. Genetic disruption of CXCL16
pathway resulted in defective homing of macrophages and
persistent infiltration of neutrophils, leading to sustained
inflammation, impaired muscle regeneration, and scar depo-
sition.

Two different macrophage populations have been
described in injured/regenerating skeletal muscle. Arnold
et al. [61] identified a population of circulating monocytes,
which are selectively recruited to the site of damage
and display a proinflammatory phenotype. They secrete
inflammatory signals, including TNF𝛼, IL-1𝛽, and MCP1,
and dispose of fiber remnants. Moreover, macrophages
infiltrating damaged muscle have been recently shown to
express inducible nitric oxide synthase (iNOS), a typical
marker of M1 macrophages [62]. The phagocytosis of either
apoptotic or necrotic myogenic cells apparently sustains
the functional polarization of macrophages towards an
anti-inflammatory phenotype. M2 macrophages contribute
to dampen the inflammatory response by secreting TGF𝛽
and IL-10. Moreover, they sustain fiber reconstitution by
secreting cytokines that may play a trophic function, such
as IGF1 and IL-10. In particular, IL-10 is mainly produced
by infiltrating macrophages and its secretion is necessary
to sustain viability and allow differentiation and fusion of
the myogenic progenitor mesoangioblasts into terminally
differentiated myofibers [15]. The sequential presence of
proinflammatory and then anti-inflammatory macrophages
has been also demonstrated in human muscles. Both subsets
of macrophages have been identified in injured/regenerating
human muscles. Macrophages expressing M1 markers
preferentially associate with proliferating satellite cells,
whereas at the time of myogenic differentiation macrophages
mainly express anti-inflammatory M2 markers [63].

The cellular and molecular pathways involved in the
regulation of macrophage phenotype transition during mus-
cle injury/regeneration have been deeply investigated in the
latest years. The cAMP response element-binding protein
(CREB) has been demonstrated to be a crucial transcription
factor for the upregulation of M2-associated gene while
repressingM1 activation. Deletion of two CREB binding sites
from the C/EBP𝛽 gene promoter blocks the downstream
induction of anti-inflammatory genes associated with M2-
like macrophage activation, whereas the inflammatory (M1)
genes are not affected. Uponmuscle injury, mice carrying the
mutated C/EBP𝛽 promoter efficiently clear injured muscle
fromnecrotic debris but display severe defects inmuscle fiber
regeneration, thus confirming that the persistence of inflam-
matory macrophages in damaged muscle of these mice is not
sufficient for effective regeneration [64]. Another molecule
playing a key role in regulating macrophage phenotypic
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transition and muscle recovery is the MAP kinase phos-
phatase (MKP)-1 [65]. Gene-expression analyses on sorted
MKP-1−/− muscle macrophages indicated that MKP-1 con-
trols the inflammatory response as well as the switch from
early pro- to late anti-inflammatory macrophage phenotype
via p38 MAPK downregulation. Mice deficient in MKP-1
display defective muscle regeneration with persistence of
damage and impaired growth of regenerating myofibers.
Interestingly, this phenotype could be completely restored by
MKP-1+/+ bone-marrow transplantation, strongly suggesting
dispensability of this protein for satellite cell-dependent
myofiber repair [65]. Recently, AMP-activated protein kinase
(AMPK)-𝛼1 has also been demonstrated to play a signifi-
cant role in the regulation of macrophage skewing during
skeletal muscle regeneration. Increase in AMPK activity has
been associated with a decreased proinflammatory status
of macrophages [66]. Indeed AMPK𝛼1−/− macrophages fail
to adopt an anti-inflammatory (M2) phenotype and display
a defect in the phagocytic activity [67]. Consistently, mice
bearing a specific deletion of AMPK𝛼1 in myeloid-cells show
a significant delay in skeletal muscle regeneration paralleled
by a decreased number of M2 macrophages [67]. More
recently, a population of regulatory T cell (Treg) has been
shown to infiltrate injuredmuscles and supportmuscle repair
by modulating the several steps of the regeneration process.
Interestingly, muscle Treg cells promote the switch between
pro- and anti-inflammatorymacrophages; the precisemecha-
nisms and the potentially responsible molecules are currently
under investigation [68].

2.2. ChronicMuscle Injury. The study of themolecularmech-
anisms underlying the role of macrophage subpopulations in
muscle repair after acute muscle injury could blaze new trails
in the comprehension of onset and progression of chronic
muscle diseases, even if in these conditionsmacrophagesmay
exert amore complex role, in response to amore complex and
heterogeneous scenario.

In genetic diseases of the muscle, such as the muscle
dystrophies, the noxa cannot be eliminated. The genetic
defect usually affects the structure of the muscle fiber:
membranes become more fragile, leading to necrosis [69].
Since the stem cell compartment undergoes a progressive
depletion/exhaustion and necrosis does not abate, the tissue
architecture is progressively disrupted [70]. In addition, the
release of adjuvant stimuli, that activate the innate and
acquired immune responses, and the generation of reactive
oxygen and nitrogen species, may impinge on macrophage
survival/polarization and function [54, 68, 71].

Several mouse models of chronic muscle damage exist
and allow a better understanding of the role of macrophage
plasticity during the onset and progression of diseases. More-
over they are essential in developing a new pharmacological
or stem cell based clinical strategy.

In the mdx mice, a model for Duchenne muscle dys-
trophy, the early stage of the disease is characterized by an
innate immunity response that is similar to that occurring
after an acute injury, with a massive invasion of neutrophils
and M1-like macrophages. The classical activation of M1

macrophages is driven by proinflammatory Th1 cytokines,
especially TNF𝛼 and IFN𝛾. Both cytokines are highly
expressed inmdxmuscles and they possibly promote muscle
damage during the acute stage of the pathology [37, 72].
Antibody and pharmacological blockade of TNF𝛼 in young
mdx mice results in a delayed and significantly reduced
amount of skeletal muscle damage [73, 74]. IFN𝛾 stimulation
of macrophages isolated from mdx muscles significantly
increases muscle cell lysis in vitro [72]. However, in vivo
ablation of IFN𝛾 in young mdx mice does not affect muscle
fiber damage and only partially reduces iNOS expression
without decreasing macrophage cytotoxicity [75]. Classically
activated M1 macrophages persist in the dystrophic muscle
due to the unremitting inflammatory response and induce
further muscle damage through the production of cytotoxic
levels of nitric oxide (NO) by iNOS [72].

The role of NO in the muscle is nevertheless more
complex. The lack of dystrophin [76, 77] disrupts indeed
the recruitment of another nitric oxide synthase isoform, the
neuronal NOS (nNOS), to the sarcolemma, thus affecting
NO production in muscle fibers [78, 79] and contributing to
the severity of the dystrophic phenotype [80, 81]. The rescue
of function inmdx or dystrophin/utrophin double-knockout
mice by overexpressing annNOS transgene has demonstrated
thatNO controls disease progression and corrects the balance
in macrophage subpopulations [82, 83]. In dystrophic mice
the early M1 invasion is indeed followed by the recruitment
of a subpopulation of M2 macrophages, expressing CD206,
IL-10, and Arginase, that are referred to as M2a; these cells
reduce NO mediated cytotoxicity of M1 macrophages by
competing for the substrate arginine [75, 84]. Subsequent
invasion of the dystrophic muscle by another subpopulation
of alternatively activated macrophages, defined as M2c and
expressing CD163, further contributes toM1 deactivation and
is associated with tissue healing and progression to the regen-
erative phase [72, 84].Thepersistence of inflammation at later
stages promotes excessive connective tissue deposition that
leads to muscle fibrosis, characteristic of dystrophy [84].

In the presence of the nNOS transgene a decrease in M2c
macrophages in the muscle of dystrophic mice was observed,
paralleled by a significant reduction of fibrosis. The nNOS
transgene has no effect on the concentration of cytolytic M1
macrophages [83].

The role of NO inmodulating the inflammatory response
in the dystrophic muscle has been demonstrated by treating
another mouse model of dystrophy, the alpha-SG KOmouse,
with the NO donor Molsidomine [85, 86]. Molsidomine
administration leads to a reduction of the inflammatory
infiltrate, in particular in terms of number of neutrophils
and classically activated macrophages. In addition, most of
remaining macrophages coexpress both markers of classical
and alternative activation (CD206+ CD163+ CD86+) and
might represent a transitional population, which maintains
the ability to sustain the proliferation and differentiation of
myogenic precursors without contributing to the deposition
of collagen and persistence of fibrosis [8, 37].

Inflammatory myopathies are another class of chronic
muscle diseases.They are heterogeneous and classically com-
prise polymyositis [52], dermatomyositis (DM), and sporadic
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Figure 1: Macrophages in acute and chronic muscle damage.The innate immune system throughM1macrophages activates an inflammatory
response: secretion of cytokines triggers the clearance of the tissue from the debris and the activation of stem cells. Phagocytosis of apoptotic
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inclusion body myositis (IBM) [87]. Despite these disorders
differing in prognosis and response to treatment, common
clinical signs are muscle mononuclear cells infiltration and
myofiber degeneration [88]. Important immunological fea-
tures include also autoantibodies and autoreactive T lym-
phocytes with the overexpression ofmajor histocompatibility
complex class I molecules on the surface of fibers [89]. In
DM the humeral immunity due to CD4+ cells and B cells
plays a predominant role, while PM and IBM disorders are
mediated by cytotoxic CD8+ T cells which attack skeletal
muscle fibers [88, 90]. Interestingly, macrophage infiltration
is common in all inflammatory myopathies. At present, few
data are available concerning the phenotype and the role of
macrophages in the pathology of inflammatory myopathies.
Analyses of muscle biopsies demonstrated that in areas of
severe inflammation and necrosis, macrophages express both
proinflammatory and anti-inflammatory markers. Indeed, in
PM, macrophages are highly positive for iNOS and TGF𝛽,
thus suggesting the existence of two possible macrophage
subpopulations, which could modulate the inflammatory

response [91]. Moreover, Reimann et al. demonstrated that
the macrophage migration inhibitory factor (MIF) is highly
expressed in muscle samples of human PM. MIF is a T
cell and macrophage derived proinflammatory cytokine with
antiapoptotic, proproliferative, and chemotactic effects. In
muscle biopsies of PM, MIF has been detected not only in
inflammatory cells but also on muscle fiber membrane, thus
suggesting a potential role of MIF in the onset of the disease
[92]. In addition to the classical PM, DM, and sporadic IBM,
immune-mediated necrotizing myopathy (IMNM) is another
important class of immune-mediated myopathies [93]. More
recently, it has been defined as a Th1-M1-mediated disease
due to high levels of proinflammatory cytokines IFN𝛾, TNF𝛼,
and IL-12 that have been detected in biopsy specimens; by
contrast no differencewas observed formarkers of alternative
activation of macrophages between patients and healthy
control biopsies [94]. Further investigations are required to
better characterize the molecular mechanism of the immune
response in inflammatory myopathies and ultimately to
design potential therapeutic approaches.
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3. Conclusions

Research in the past few years has highlighted a pivotal role of
macrophages in tissue repair and remodelling. Macrophages
are renowned for their plasticity and heterogeneity, which
have been described not only in vitro but also in various phys-
iological and pathological contests. Evidence indicated that
macrophages are extremely versatile cells that can undergo
phenotype changes according to specific environmental cues.
In skeletal muscle, after acute injury, proinflammatory M1
macrophages firstly arrive to clear debris and are sequentially
replaced by healing M2 macrophages that sustain tissue
repair and regeneration. In chronic muscle injury, both M1
and M2 macrophages coexist but fail to promote tissue
repair and homeostasis recovery (Figure 1). The efforts of the
next years are likely to identify the molecular determinants
of macrophage polarization in order to possibly develop
effective targeted therapies for genetic defects of the tissue
and muscle diseases associated with chronic inflammation.
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